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Formation of marine oil snow (MOS) by bacteria enriched on the sea surface during the Deepwater Horizon oil spill when incubated in a roller bottle with synthetic seawater and crude oil. This image shows the MOS particles (stained with Alcian Blue) viewed under the light microscope amongst a sea of oil droplets (brown spheres), of which many were observed embedded within the amorphous matrix of the MOS.
Image: Tony Gutierrez.

Microorganisms (bacteria, archaea, microeukaryotes) in marine environments secrete a diverse array of exopolymeric substances that facilitate attachment to surfaces, the formation of organic colloids and larger aggregations of cells (marine snow), and that can influence many ocean, as well as global, processes. The aim of this Research Topic is to highlight recent advances in the sources, chemistry and function of these microbial-produced macromolecules. We encouraged original research and reviews on exopolymeric substances, from their sources, chemico-physiological properties, functions and ecosystem effects, and including their role in the Gulf of Mexico following the Deepwater Horizon oil spill disaster.
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Editorial on the Research Topic
 Microbial Exopolymers: Sources, Chemico-Physiological Properties, and Ecosystem Effects in the Marine Environment



A large proportion of the total carbon in the World Ocean is in the form of dissolved organic matter (DOM), which is comparable in mass to the carbon in atmospheric CO2 (Hansell and Carlson, 1998). A major source of this material derives from the synthesis and release of exopolymers, or extracellular polymeric substances (EPS), mainly by bacteria and eukaryotic phytoplankton (Verdugo, 1994; Aluwihare et al., 1997). An initial understanding on the secretion of EPS by microorganisms, and their potential stabilizing effects for microbial cells, emerged during the last century with the first report by ZoBell and Allen (1935). We now know that most bacteria, and other microorganisms, occur associated with biofilms, either attached to surfaces or as suspended-aggregates in the water column. Exopolymer secretions thus serve important functions in marine environments, where they may be involved in microbial adhesion to solid surfaces and biofilm formation (Thavasi and Banat, 2014). They have also been shown to be involved in emulsification of hydrocarbon oils to enhance biodegradation (Gutierrez et al., 2013), mediating the fate and mobility of heavy metals and trace metal nutrients (Bhaskar and Bhosle, 2005; Gutierrez et al., 2008, 2012), or interacting with dissolved and/or particulate organic matter (Long and Azam, 2001). This wide spectrum of functional activity is reflected not merely in the complex chemistry of these biopolymers, but also in the diversity of bacterial and phytoplankton genera found producing them.

In this special issue, nine articles highlight new findings on the sources, chemico-physiological properties, functions and ecosystem effects of microbial exopolymers, including their role in the Gulf of Mexico following the Deepwater Horizon oil spill disaster. To begin, the article by Decho and Gutierrez introduces this Research Topic with a comprehensive review on microbial-derived EPS, covering their wide chemical composition, their partitioning, turnover and roles within the marine water column and sediment, their provision of selective adaptations to the producing microorganisms and other organisms, including in animal-microbe interactions, and the broader influences of these diverse macromolecules upon ocean and planetary processes.

An important role of exopolymers is in forming marine snow—floating or suspended particles that harbor a community of microorganisms and drive the biological pump. They also play an essential role in marine oil snow (MOS) that forms as a consequence of oil spillage. The article by Sperling et al. reveals a correlation between the concentration of high-molecular-weight organic matter (HMW-OM) and the diversity of particle-associated bacteria during the development of a spring bloom in the southern North Sea, suggesting that the availability of carbohydrates contributes to the multifactorial control of marine bacterioplankton communities. The article by Suja et al. reports, for the first time, the use of Illumina MiSeq sequencing to analyse the bacterial communities associated with MOS. This study was conducted in subarctic waters of the northeast Atlantic, revealing the enrichment of oil-degrading and EPS-producing bacteria on MOS, and providing supporting evidence that MOS particles are “hotspots” of these organisms with potentially profound consequences to the oil biodegradation process in the water column. Since the seafloor is the final endpoint for MOS, the article by Yang et al. reports the distinct occurrence and patterns of oil-associated family- and genus-level bacterial groups over time in surficial sediments in the Gulf of Mexico following MOS sedimentation after the Deepwater Horizon oil spill, and suggest petrocarbon sedimentation and changing biogeochemical niches as factors that shape these bacterial communities in near-surface seafloor sediments.

A cluster of three articles (Nosaka et al.; Ortega-Retuerta et al.; Thornton et al.) focus on the origin, chemical composition, dynamics and distribution of transparent exopolymer particles (TEP), which are defined as >0.4-μm transparent particles and constitute an important component of EPS. TEP may promote marine snow formation, thereby influencing the efficiency of the biological pump. They serve as a labile source of carbon and energy to micro- and macro-heterotrophs, and are thus important in food webs. The article by Nosaka et al. (2017) focuses on TEP distribution and its potential correlation to diatom-derived chlorophyll-a biomass and DOC productivity during the spring bloom periods in 2010 and 2011 in surface waters of the Oyashio region of the western subarctic Pacific, where seasonal biological drawdown of the partial pressure of CO2 is one of the greatest in the world's oceans. The article by Ortega-Retuerta et al. describes TEP distributions in the northwest Mediterranean Sea during late spring 2012, along perpendicular and parallel transects to the Catalan coast, and its correlation with chlorophyll-a, O2 (as a proxy of primary production) and bacterial production. The paper by Thornton et al. focuses on the concentrations and potential correlation of TEP and Coomassie staining particles (CSP) in the sea surface microlayer and underlying water in the Pacific Ocean off the coast of Oregon (United States) during July 2011.

The production and utilization of fluorescent dissolved organic matter (DOM), and the influence of diatom-derived EPS in shaping microbial communities in marine waters are the research foci in the final two articles (Bohórquez et al.; Goto et al.), respectively. The paper by Goto et al. presents data linking bacterial growth and DOM production, of different recalcitrant characteristics, by the marine bacterial isolate Alteromonas macleodii as a model marine bacterium which is ubiquitously found from the sea surface to the deep waters of tropical and temperate oceans (López-Pérez et al., 2012). The article by Bohórquez et al. shows that fractions of EPS with different structural complexity (operationally termed colloidal and hot-bicarbonate extracted) in intertidal sediments are degraded at higher rates compared with those reported in previous studies, and contribute to the transfer of organic carbon from the microphytobenthos to heterotrophic bacteria.

In summary, these articles cover a range of roles and functions for microbial exopolymers in the marine environment. One challenge remains to develop methods that can accurately trace the production of exopolymers to their biological source in environmental samples. Such methods and approaches would be invaluable for understanding what type(s) of exopolymers participate in marine snow formation, as well as in the formation of MOS, and for consequently linking these exopolymers to their producing organism(s). We hope that this special issue stimulates more discussion and inspires new lines of research on the incredibly profound, and still largely enigmatic subject of microbial exopolymers.
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Microbial cells (i.e., bacteria, archaea, microeukaryotes) in oceans secrete a diverse array of large molecules, collectively called extracellular polymeric substances (EPSs) or simply exopolymers. These secretions facilitate attachment to surfaces that lead to the formation of structured ‘biofilm’ communities. In open-water environments, they also lead to formation of organic colloids, and larger aggregations of cells, called ‘marine snow.’ Secretion of EPS is now recognized as a fundamental microbial adaptation, occurring under many environmental conditions, and one that influences many ocean processes. This relatively recent realization has revolutionized our understanding of microbial impacts on ocean systems. EPS occur in a range of molecular sizes, conformations and physical/chemical properties, and polysaccharides, proteins, lipids, and even nucleic acids are actively secreted components. Interestingly, however, the physical ultrastructure of how individual EPS interact with each other is poorly understood. Together, the EPS matrix molecules form a three-dimensional architecture from which cells may localize extracellular activities and conduct cooperative/antagonistic interactions that cannot be accomplished efficiently by free-living cells. EPS alter optical signatures of sediments and seawater, and are involved in biogeomineral precipitation and the construction of microbial macrostructures, and horizontal-transfers of genetic information. In the water-column, they contribute to the formation of marine snow, transparent exopolymer particles (TEPs), sea-surface microlayer biofilm, and marine oil snow. Excessive production of EPS occurs during later-stages of phytoplankton blooms as an excess metabolic by product and releases a carbon pool that transitions among dissolved-, colloidal-, and gel-states. Some EPS are highly labile carbon forms, while other forms appear quite refractory to degradation. Emerging studies suggest that EPS contribute to efficient trophic-transfer of environmental contaminants, and may provide a protective refugia for pathogenic cells within marine systems; one that enhances their survival/persistence. Finally, these secretions are prominent in ‘extreme’ environments ranging from sea-ice communities to hypersaline systems to the high-temperatures/pressures of hydrothermal-vent systems. This overview summarizes some of the roles of exopolymer in oceans.

Keywords: EPS, biofilm, organic matter, oceans research, bacteria

OVERVIEW

Microorganisms (e.g., bacteria, archaea, microeukaryotes) reside in ocean systems in an assortment of physical states ranging from free-living cells to complex communities attached to surfaces and to each other (Moran, 2015; Brussaard et al., 2016). Over the span of different ocean environments, microbial flora take up dissolved organics and ions, and then secrete polymeric organic compounds. These secretions, called exopolymers or extracellular polymeric substances (EPSs), are abundant and become mixed with other forms of organic matter within ocean systems. It was recognized early on, that under the fluctuating, and often less-predictable conditions of natural systems (compared to those of a laboratory culture flask), the attachment of microbes to surfaces, or to each other, offers a degree of environmental stability not experienced by free-living (non-attached) cells (ZoBell and Allen, 1935). An initial understanding of the purposeful secretion of EPS and their potential stabilizing effects for microbial cells initially emerged during the last century. It is now realized and mostly accepted that many bacteria and other microorganisms occur in a biofilm state; either attached to surfaces or as suspended-aggregates in the water column. EPS, the subject of this overview, consist of a wide range of molecules and provide selective adaptations for the cells that produce them, which in turn, influence broader ocean processes (Figure 1).
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FIGURE 1. Major locations of extracellular polymeric substances (EPSs) in Oceans.



EPS: A MICROBIAL ADAPTATION FOR AGGREGATION AND ATTACHMENT

Extracellular polymeric substance are purposefully produced by microbes: (a) as secretions of biofilms that secure attachment and enhance their local environment, and/or (b) as metabolic-excess waste products. The differences between these two processes is easily discernable but becomes important when addressing the provenance of organic matter and the roles that EPS contribute to ocean systems. It is important to point out that EPS are not an essential component to microbial life (i.e., cells can survive and grow without them), but rather their secretion strongly enhances the survival, metabolic efficiency and adaptation of cells.

The Biofilm State

The term ‘biofilm’ was coined long ago (Costerton et al., 1987), and refers to microbial cells that have attached to a surface or aggregated with each other, and have secreted a gelatinous matrix of EPS. The ability of a microbial cell, such as a bacterium, to attach, secrete EPS and form a biofilm under laboratory conditions, is well-established. The secretion of EPS (by cells) is a key emergent property of the biofilm (Flemming and Wingender, 2010; Flemming et al., 2016); the property that directly influences adaptations that cells utilize to enhance their efficiency and survival. The secretion of an EPS matrix represents, in the broadest sense, an extension of the cell. The presence of EPS facilitates the self-organization of cells into localized communities, and provides biofilm cells with an enhanced capability for: trapping other organics and localizing their digestion by extracellular enzymes, coordinating cell–cell chemical communication [quorum sensing (QS)], facilitating gene-exchange, and provides a degree of physical stability. The EPS often form a localization matrix for other molecules, keeping them in spatial proximity to cells where they can be efficiently utilized.

It is now generally recognized within microbiology that the ‘biofilm state’ is an omnipresent feature of microbial flora in most environments (Hall-Stoodley et al., 2004). Biofilms occur under a wide range of conditions and environments, and whose influences span aquatic, terrestrial, the epi- and endo-biont communities of plants and animals, which can be commensal, symbiotic or pathogenic. The cells within a biofilm can move, and periodically reorient themselves in relation to one another, and in doing so can resist invasion by other cells (Houry et al., 2012). The EPS matrix of biofilms provides a three-dimensional architecture framework that allows the arrangements of cells movements relative to other microbes as well as positioning among sharp geochemical gradients (Decho, 2000b). This will not be discussed further here, but directly contributes to the remarkable plasticity of biofilm cells. The EPS form a matrix of largely anionic molecules near cells, affording them with a proximal environment that is more stabilizing, and conducive to manipulation by the cell (Table 1), and one that contributes to broader ocean processes. However, in this overview we will not discuss biofilms as systems, except with regard to their secretion of EPS.

TABLE 1. Major EPS physical/chemical properties and functions and influence(s) on ocean processes.
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Finally, it is important to note that in ocean systems, the microbial communities of aggregates suspended in the water-column, and the sea-surface slick communities of oceans are also biofilms, since these communities contain EPS, and exhibit differing levels of organization. EPS are also secreted as a ‘metabolic by product.’ These are most apparent during the later stages of phytoplankton blooms, and will be discussed further below. Taken together, microbial extracellular secretions are now thought to comprise a large portion of the bioavailable carbon pool in oceans, especially in dissolved forms. The total amount of microbially produced EPS, although difficult to measure accurately and precisely, is likely to be very substantial.

DISSOLVED AND PARTICULATE ORGANIC CARBON IN THE OCEAN

Organic matter in seawater constitutes a complex mixture of compounds in a dissolved and particulate form – respectively, dissolved organic matter (DOM) and particulate organic matter (POM). Both forms serve a source of carbon and nutrients to heterotrophic microorganisms, including to mixotrophic eukaryotic phytoplankton and filter feeders. DOM is the dominant form of carbon in the oceans that can originate from any number of sources, much of which is produced in situ by marine microorganisms (largely eukaryotic phytoplankton and bacteria) and is derived from terrestrial inputs via transportation from river effluents and surface runoff. DOM comprises up to 700 Gt of carbon in the ocean, which is a staggering amount of dissolved organic carbon (DOC); so much so that 1% annual change of it in the ocean can produce as much CO2 as that from fossil fuel combustion per annum (Hedges, 2002). Up to 70% of DOM in the oceans averages a molecular weight of <1 kDa and is defined as low-molecular-weight DOM (Benner, 2002), the bulk of which is refractory (Bauer et al., 2002) and difficult to chemically characterize down to the molecular level. The high-molecular-weight fraction of DOM (>1 kDa) in the oceans contributes about 30% of DOC. It is more labile and thus more readily degraded (Amon and Benner, 1994; Guo et al., 1994).

Depending on its physical state in seawater (gel, colloidal, or particulate form), DOC/POC can serve as a surface to which microorganisms attach. Marine snow, which comprises aggregates of >500 μm, is formed in the upper water-column when dead and dying phytoplankton cells come together with other planktonic microorganisms within a matrix of biopolymers (Alldredge et al., 1993; Tiselius and Kuylenstierna, 1996). Marine snow is one form of POC that is a key component of the biological pump in the ocean that participates in the redistribution of carbon in marine systems and principally in the flux of fixed carbon to the sea floor (Shanks and Trent, 1980; Shanks and Reeder, 1993; Long and Azam, 2001b). The processing of organic matter, such as marine snow, by bacteria in the ocean significantly affects its vertical flux from the upper water column to the ocean floor, and in turn impacting the global cycling of carbon and the planet’s climate (Simon et al., 2002). The transport of organic carbon via sinking of POC from the sea surface to the seafloor is another major component of the “biological pump,” which globally contributes in the exports of ca. 10 Gt C per year from the euphotic zone and accounts for 20% of ocean primary production (Treguer et al., 2003). However, at depths approaching 2000 m, this flux or organic carbon decreases to about 1% as the other 19% is mineralized and cycled by the “microbial loop.”

In oceanography, organic matter in seawater is operationally defined as “dissolved” (i.e., DOM) if it passes through a 0.7 μm pore size filter; that which is retained on the filter is defined as POM. The diversity of dissolved organic carbon in seawater ranges from ‘truly’ dissolved molecules, such as glucose, to colloidal and transparent gel-like matter, and can also include microorganisms (e.g., micro-algae, bacteria, archaea, viruses) if they too pass through a 0.7 μm pore size filter. The introduction of sensitive analytical techniques for analyzing seawater, such as high-performance liquid chromatography (HPLC) (Mopper et al., 1992) have increased our understanding of the major classes of DOM in the ocean. Methods to recover and characterize DOM and POM are described by Wurl (2009).

Water Column

DOC and POC

The world’s oceans contain a total DOC content that is comparable in mass to the carbon in atmospheric CO2 (Hansell and Carlson, 1998). The oceanic DOC pool comprises a wide spectrum of compounds, much of which is chemically uncharacterized – it could be regarded as a ‘black hole’ in terms of our relatively poor understanding of its chemical composition and from what biogenic sources this massive pool of organic carbon molecules originate. At least among the chemical constituents of oceanic DOC that have been characterized, three major compound classes have been identified: carbohydrates (mono- and polysaccharides or EPS), proteins, and lipids. Much of the DOC in the ocean water column exists as EPS biopolymers (ca. 10–25% of total oceanic DOM) that undergo reversible transition between colloidal and dissolved phases (Verdugo, 1994; Chin et al., 1998). Based on its predominance throughout the world ocean, it has important implications in microbial interactions and biogeochemical cycles.

Extracellular Polymeric Substance

The synthesis and extracellular release of EPS by eukaryotic phytoplankton and bacteria forms a major component to the total DOC pool in the ocean (Verdugo, 1994; Aluwihare et al., 1997). EPS can serve a variety of functions, such as in the binding and fate of trace metal-nutrient species, the solubilisation of hydrophobic organic chemicals, and in biofilm formation (Decho, 1990; Santschi et al., 1998). Compared to EPS produced by marine eukaryotic phytoplankton (Bhaskar and Bhosle, 2005) and non-marine bacteria (Ford et al., 1991), EPS produced by marine bacteria generally contains higher levels of uronic acids, notably D-glucuronic and D-galacturonic acid (Kennedy and Sutherland, 1987). This renders these macromolecules highly polyanionic (negatively charged), which may be attributable to any number of anionic groups (e.g., COO-, C–O-, SO4-) and consequently quite reactive in their potential to interact with other chemical species (Kennedy and Sutherland, 1987). Nonetheless, the EPS released by some eukaryotic phytoplankton species can also be rich in uronic acids, such as that produced by the coccolithophore Emiliania huxleyi, which contains up to 20% galacturonic acids of total sugar content (De Jong et al., 1979).

The polyanionic nature of EPS serves important ecological functions in marine systems. These include microbial adhesion and biofilm formation (Thavasi and Banat, 2014), the emulsification of hydrocarbon oils and influencing their biodegradation (Gutierrez et al., 2013), or mediating the fate and mobility of heavy metals and trace metal nutrients (Bhaskar and Bhosle, 2005; Gutierrez et al., 2008, 2012). This wide spectrum of functional activity is reflected not merely in the complex chemistry of these molecules, but also in the diversity of bacterial genera producing them (Thavasi et al., 2011). Overall, the composition of marine EPS varies due to the producing species and physiological stage (Myklestad, 1977; Grossart et al., 2007).

A number of reports have described marine bacterial EPS binding heavy and toxic metal ions such as Cd, Cr, Pb, Ni, Cu, Al, and Ur (Zosim et al., 1983; Beech and Cheung, 1995; Schlekat et al., 1998; Iyer et al., 2005; Bhaskar and Bhosle, 2006; Gutierrez et al., 2008). Whilst the rationale to many of these studies was commercial, a few have addressed the ecological implications of marine EPS in biogeochemical cycles. In two studies by Loaec et al. (1997, 1998), the authors reported on the heavy metal-binding capacity of EPS produced by hydrothermal vent bacteria, and showed that this might represent a survival strategy for the bacteria by reducing their exposure to toxic metals released from the hydrothermal vents. Major elemental constituents of seawater, such as Na, Mg, Ca, K, Sr and Si, have been shown to be adsorbed by marine bacterial EPS (Gutierrez et al., 2008). What ecological implications this may have in marine systems, or indeed to the producing organisms, remains to be more-fully understood.

A key role of polyanionic EPS, particularly in the euphotic zone, is in its potential role in controlling soluble iron (Fe3+) bioavailability. Studies in recent years have shown single anionic residues, such as glucuronic and galacturonic acids (Hassler and Schoemann, 2009; Hassler et al., 2011b), and purified marine bacterial EPS containing high levels of uronic acids (Gutierrez et al., 2008; Hassler et al., 2011a), can effectively bind Fe3+ and promote the uptake of this trace metal by eukaryotic phytoplankton (Hassler et al., 2011b; Gutierrez et al., 2012). The implications of this are significant because of the abundance of EPS in the ocean (Verdugo et al., 2004) and because Fe3+ is an essential trace metal that limits primary production in up to 40% of the open ocean (Martin et al., 1994; Boyd et al., 2007).

A large fraction of the EPS produced by bacteria in the ocean is of glycoprotein composition (Long and Azam, 1996; Verdugo et al., 2004). The amino acid and peptide components found associated with these glycoprotein biopolymers have been shown to confer amphiphilic characteristics to these macromolecules (Verdugo et al., 2004; Gutierrez et al., 2009), and which could explain, at least in part, their ability to interact with hydrophobic species, such as oil hydrocarbons.

Transparent Exopolymer Particle

A special class of EPS that are described as mucopolysaccharides is transparent exopolymer particles (TEPs). It is operational defined based on being retained by a filter with a pore size of >0.4 μm (Alldredge et al., 1993), and based on this, TEP are defined as gel particles. TEP exists in the water column suspended in colloidal form, likely formed via the aggregation of smaller EPS molecules (Engel et al., 2004). Aggregation may be mediated by the bridging of divalent cation (Ca2+, Mg2+) and half-ester sulfate (OSO3-) moieties of acidic monomers that constitute individual EPS molecules. TEP is transparent, but because these gel particles are rich in acidic sugars they can be observed under the light microscope after staining with the cationic copper phthalocyanine dye Alcian Blue at pH 2.5 (Alldredge et al., 1993).

The abundances of TEP in the ocean water column are on average in the order of 106 per L of seawater, and can reach as high as 108 per L (Passow, 2002; Bhaskar and Bhosle, 2005), particularly during periods of phytoplankton blooms. The contribution of TEP to the pool of POC in the upper water column in the Atlantic and Adriatic during certain periods of the year has been shown to be quite significant (Engel and Passow, 2001). A fraction of the TEP pool in the ocean is proteinaceous. It is referred to as Coomassie stainable particles (CSPs) because these gel particles can be stained with the amino acid-specific dye Coomassie Brilliant Blue and observed under the light microscope (Long and Azam, 1996). The abundances of CSP in coastal waters range between 106 and 108 per L of seawater (Long and Azam, 1996).

Transparent exopolymer particle contribute significantly to what is described as the marine gel phase. Verdugo et al. (2004) suggested this phase to span a large size spectrum, from colloids to particles of several 100s of micrometers. Its formation has been described to originate from the spontaneous aggregation of DOM molecules into POM within minutes in seawater (Chin et al., 1998) – a process that may involve crosslinks facilitated by cation bridging between DOM molecules.

Microbial Associates

Particulate organic matter can be described as a “hot spot” for microbial (esp. bacterial) activities in the water column, containing a rich microbial community with abundances reaching up to two orders of magnitude higher than in the surrounding seawater environment (Alldredge et al., 1986; Herndl, 1988). The establishment of a bacterial community within and surrounding (biofilm) POM leads to various levels of microbial interaction that include mutualism and antagonism (Long and Azam, 2001a), as well as cooperative behavior such as QS (Gram et al., 2002). A study assessing the phylogenetic diversity of POM-associated versus free-living bacteria from a site ca. 5 km offshore the Santa Barbara coast revealed distinct differences between these communities, with primarily members of the Cytophaga, Planctomyces, and Gammaproteobacteria dominating aggregate particles, whereas Alphaproteobacteria dominated the free-living fraction (DeLong et al., 1993). Bacteria associated with POM have been shown to exhibit high activities for a range of extracellular enzymes (Hoppe et al., 2002; Simon et al., 2002), likely contributing to the hydrolysis of the POM aggregates. Whilst rich in microbial diversity and abundance, POM accounts for only <10% of total bacterial abundance and production in the marine water column, with the majority of bacterial cells occurring in a free-living state.

Studies using oxygen microelectrodes to measure dissolved oxygen in POM aggregates have shown that even the tiniest of marine snow particles can contain anoxic environments (Alldredge and Cohen, 1987; Alldredge and Silver, 1988; Ploug et al., 1997; Ploug, 2008). The high extracellular enzyme activities by bacteria associated with POM will deplete oxygen concentrations that create anoxic micro-niches within the aggregates, potentially supporting the growth of obligate anaerobic or microaerophilic microorganisms (Bianchi et al., 1992). It may therefore, be expected that diverse aerobic and anaerobic microorganisms associated with marine snow aggregates would colonize different niches of the aggregates. The formation of an oxygen gradient, which is increasingly more anoxic toward the interior of the aggregates, would pose a strong influence on the stratification of the microbial community. Essentially, the interior of aggregates will be enriched with obligate and/or facultative anaerobes.

Air–Water Interface

Surface Water Droplet Formation, Sea Spray, and Cloud Formation

Biological processes on the sea surface of the ocean can have a direct effect on atmospheric processes, such as modulating CO2 exchange and release of cloud condensation nuclei (CCN), that in turn influence the Earth’s climate. CCN are atmospheric particles that serve as nuclei for the formation of cloud droplets by taking up water vapor because they are sufficiently soluble. In the past decade there has been an increasing body of evidence supporting the hypothesis that atmospheric marine aerosols contain the same organic species that are found in oceanic DOM (Leck and Bigg, 2005; Bigg, 2007; Facchini et al., 2008). Seawater DOM, much of which comprises phytoplankton exudates and bacterial EPS, can be ejected into the atmosphere when bubbles at the sea surface burst (Bigg, 2007; Leck and Bigg, 2008). Bubbles can form by a number of physical forces at the sea surface, ranging from raindrops to breaking waves, which then burst and produce submicron droplets that disperse as aerosol into the atmosphere and carrying with it marine organic species such as microbial cells and DOM. A study by Kuznetsova et al. (2005) showed that TEP and CSP can accumulate in the sea surface microlayer and subsequently, through bubble bursting, become transported to the atmosphere as marine aerosol. The authors showed that the aerosols contained a large number of semitransparent gel-like particles, in addition to microorganisms, organic and inorganic matter. The semitransparent gel-like particles (primarily TEP and CSP) in the aerosols all contained amino acids, and based on D/L ratios of these acids it was suggested that they originated from phytoplankton exudates.

Several studies have shown that the organic species entrained within marine aerosols collected from various remote ocean sites are of a size range between 70 and 200 nm in diameter. The dominant size range between 50 and 100 nm (Tyree et al., 2007; Fuentes et al., 2010; Hultin et al., 2010), is reminiscent of EPS gels found on the sea surface (Bigg, 2007; Bigg and Leck, 2008; Leck and Bigg, 2008). In a review by Hawkins and Russell (2010) covering over 10 years of measurements of ocean-derived aerosol, the authors concluded that the organic species within marine aerosol is composed of EPS, proteins and amino acids, as well as microorganisms and their components. Facchini et al. (2008) suggested that the solubility continuum of phytoplankton exudates found in seawater is also reflected in marine aerosol, and there is a growing body of evidence supporting the hypothesis that phytoplankton exudates contribute to the formation of CNN (O’Dowd et al., 2004; Russell et al., 2010). Upon its entry into the atmosphere through bubble bursting, the entrained organic gel aggregates within the aerosol particles either directly contribute to the CCN pool in the marine boundary layer (MBL) or after they are degraded by ultraviolet light or acidification in the atmosphere.

Recent research by the DROPPS consortium, funded through the Gulf of Mexico Research Initiative (GOMRI) program, is carrying out experiments attempting to recreate the sea surface microlayer to investigate the potential for petrocarbon (crude oil) to enter the atmosphere. Initial results of this work reveal that crude oil droplets, formed by treatment with dispersants, can burst through physical forces and form aerosolized droplets containing crude oil. This oil-containing aerosol could be carried long distances by wind in the atmosphere and potentially pose health threats to humans and wildlife when inhaled or upon coming in contact with skin.

Marine Oil Snow

Marine oil snow (MOS) is essentially marine snow, with the exception that it distinctively contains oil hydrocarbons. Current knowledge recognizes its formation to be confined to the sea surface where oil slicks form in the event of an oil spill, but further work is needed to determine if MOS can also form in the subsurface. MOS can be described as a mucilaginous organic matter with a “fluffy” or gelatinous off-white appearance that contains oil droplets embedded within its amorphous matrix. Previous reports described evidence of MOS formation during the Ixtoc-I (Boehm and Fiest, 1980; Jernelöv and Lindén, 1981; Patton et al., 1981) and Tsesis (Johansson et al., 1980) oil spills (Teal and Howarth, 1984). However, MOS only recently received considerable attention when copious quantities of it, of macroscopic cm-size dimensions, were observed within 2 weeks of the Deepwater Horizon (DWH) blowout in the Gulf of Mexico – a spill recorded as the worst oil spill disaster in US history. MOS was encountered frequently around the vicinity of surface oil slicks at DWH (Niu et al., 2011; Passow et al., 2012). It eventually sank to the seafloor in the Gulf of Mexico – a process described termed MOSSFA (Marine Oil Snow Sedimentation and Flocculent Accumulation), which contributed a significant role in the export of crude oil (ca. 14% of the oil released at DWH) to the sediment (Valentine et al., 2014).

Conjecture still surrounds MOS genesis at DWH and during the Ixtoc-I and Tsesis oil spills, but its formation and sedimentation appears to have been directly associated with the influx of crude oil. In roller-bottle experiments performed under conditions attempting to simulate sea surface oil slicks at the DWH spill, the presence of crude oil was shown to be an important factor in triggering MOS formation, and that MOS acted as hotspots for microorganism and oil-degrading enzyme activities (Ziervogel et al., 2012; Gutierrez et al., 2013). Bacterial and eukaryotic phytoplankton cells and/or their produced polymers (e.g., EPS) have been reported to induce MOS formation (Passow et al., 2012; Gutierrez et al., 2013; Passow, 2016), whilst there are reports describing conflicting results on the role of dispersants in this respect (Baelum et al., 2012; Fu et al., 2014; Kleindienst et al., 2015; Passow, 2016; Suja et al., 2017). Figure 2A shows MOS formation in a roller-bottle incubation containing synthetic seawater amended with crude oil and Alteromonas sp. strain TK-46(2) – an oil-degrading and EPS-producing bacterial strain that was found enriched in surface oil slicks in the Gulf of Mexico during the DWH spill (Gutierrez et al., 2013). Like TEP, MOS particles can be rich in acidic sugars of polysaccharides, such that may be produced by EPS-producing bacteria like strain TK-46(2) (Figure 2B).
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FIGURE 2. Formation of marine oil snow (MOS). (A) A roller-bottle incubation showing the formation of MOS in synthetic seawater amended with crude oil and inoculated with the EPS-producing (and oil-degrading) bacterium Alteromonas sp. strain TK-46(2) that was isolated from sea-surface oil slicks during the Deepwater Horizon oil spill. (B) Light micrograph of MOS aggregates, after staining with the cationic copper phthalocyanine dye Alcian Blue showing that the aggregates are partially composed of polysaccharide. The orange-brown spheres in (B) are emulsified oil droplets embedded within and adsorbed to the amorphous matrix of the aggregates. Scale bars = 10 mm (A), and = 10 μm (B).



Despite the interest in MOS formation as a product of spilled oil into the Gulf of Mexico, the microorganisms associated with MOS particles have received less attention. During incubations with uncontaminated deep-water samples collected during the active phase of the DWH oil spill and amended with the dispersant Corexit, Baelum et al. (2012) reported the formation of MOS, which was dominated by members of the genus Colwellia. In a more in-depth study of the bacterial community associated with MOS, Arnosti et al. (2015) showed that MOS particles contained a bacterial community that was distinctly different from that found freely living (i.e., not associated to MOS) in the surrounding seawater environment. The MOS-associated community was dominated by oil-degrading and EPS-producing members of the Gammaproteobacteria, principally Cycloclasticus, Congregibacter, Haliela, Halomonas and Marinobacter, and included diverse members of the Alphaproteobacteria (principally the Roseobacter clade) and some members within the Bacteroidetes and Planctomycetes. Using CARD-FISH (catalyzed reporter deposition – fluorescence in situ hybridization), MOS particles formed in incubations with Macondo crude oil and the dispersant Corexit were dominated by members of the class Gammaproteobacteria, including the order Alteromonadales, which comprises oil-degrading and EPS-producing taxa (Kleindienst et al., 2015). Using Illumina MiSeq sequencing, Suja et al. (2017) showed MOS particles formed in subarctic waters to be enrichment with oil-degrading (Alcanivorax, Cycloclasticus, Thalassolituus, Marinobacter) and EPS-producing (Halomonas, Pseudoalteromonas, Alteromonas) bacteria, and included major representation by Psychrobacter and Cobetia with putative oil-degrading/EPS-producing qualities. Collectively, these studies indicate that MOS are hotspots where oil-degrading and EPS-producing bacteria are enriched, and the latter may provide a clue on the role of these organisms in MOS formation through their synthesis and release of ‘sticky’ EPS.

Whilst significant knowledge gaps exist in our understanding on MOS formation and its subsequent sedimentation to the sea floor, the influx of crude oil and its interaction with planktonic microorganisms, as well as with dissolved and colloidal organic polymers, such as TEP, and with nutrient and suspended mineral discharges from river effluents, appear to be important factors that warrant further investigation (see Daly et al., 2016 for a review).

Turnover and Stability

Dissolved organic carbon in the ocean can be classified into three broadly defined pools of carbon based on their turnover times: labile, semilabile, and refractory. Collectively, the concentrations of these three DOC pools typically range from 60 to 90 μmol/L in the upper ocean water column, decreasing with depth to 40 μmol/L in the deep sea (Hansell, 2002). Fluctuations in the concentration of DOC in the water column occurs over certain periods of the year, due largely to periods of elevated photosynthetic production since this is the main source that fuels each of these three classes of DOC. The combined effect of biological and physical processes that alter the concentrations of these three pools of DOC is represented in the size-reactivity-continuum model (Amon and Benner, 1996; Benner and Amon, 2015), for which microbial processing of these molecules is the major mechanism that leads to rendering them progressively more recalcitrant (Jiao et al., 2010).

Labile DOC

Labile DOC in seawater comprises substrates with short residence times (minutes to days) since they are consumed almost as quickly as they are produced or released into the water column. An example of a common labile substrate in seawater is glucose, which is on average found at concentrations from 0.001 to 1.0 μmol/L, depending on the ocean region (Rich et al., 1996, 1997; Benner, 2002; Skoog et al., 2002). Other mono-sugar substrates (monosaccharides) also exist in the water column at concentrations typically ranging from 0.002 to 0.8 μmol C/L (Benner, 2002). On average across the oceans, glucose is the most abundant simple sugar, with concentrations as high as 187 nM measured in unfiltered water of the Gulf of Mexico, and 490 nM in high-molecular-weight DOM of the equatorial Pacific (Skoog and Benner, 1997). Glucose has been shown to contribute significantly in supporting a major fraction of bacterial growth in many ocean systems (Rich et al., 1996, 1997; Grossart and Simon, 2002), though other studies have shown glucose to play a less significant role in this respect (Keil and Kirchman, 1999; Skoog et al., 1999, 2002; Kirchman et al., 2001). Turnover rates for glucose can depend on the ocean environment, including the availability of certain nutrients, varying from rapid (hours to days) to relatively slow (100s of days). For example, surface waters limited by inorganic phosphorous can limit bacterial consumption of labile DOC, such as glucose, and result in a longer-than-average residence time of the endogenous pool of the labile DOC (Thingstad et al., 1997).

With respect to the chemical composition of POC in seawater, the abundance of glucose may be related to the major roles that this monosaccharide plays in phytoplankton biology – polymers of glucose (glucans) are major storage compounds in phytoplankton. Galactose is the second most abundant sugar in seawater, and polymers of it (galactans) are major structural components of phytoplankton cell walls (Romankevich, 1984).

Another simple carbohydrate that also contributes to the total pool of labile DOC in the ocean is mannitol. It is one of the most abundant sugar alcohol compounds in nature (Stoop et al., 1996); it is found in bacteria, fungi, algae and higher plants, where it often acts as a compatible solute, among conferring other functions. In ocean systems, mannitol is a major product of photosynthetic organisms, like algae, whereupon this polyol is released following cell lysis to join the pool of labile DOC in the ocean.

Carbohydrate concentrations in seawater can be as high as 10 μmol/L and contribute a significant fraction to the pool of labile substrates. Dissolved polysaccharides, such as EPS produced by bacteria and algae, form a major fraction of the total carbohydrates in the water column (Benner, 2002). Since concentrations of monosaccharides are typically 10-fold lower than dissolved polysaccharides, this suggests they are likely cycled more rapidly. Polysaccharides nonetheless contribute to fueling a major fraction of bacterial activity in some marine environments. On average, however, concentrations of labile DOC are very low (<1 μmol/L), constituting less than 1% of total organic carbon in the upper water column of the ocean. These substrates could potentially sustain oligotrophic microbial populations in regions of poor nutrient availability, such as in the open ocean. Nonetheless, the labile DOC pool is continuously replenished on a yearly basis by trophic (phytoplankton and bacterial excretion) and non-trophic (viral lysis, grazing) processes (Nagata, 2000).

Semilabile DOC

Approximately half of the total pool of DOC in the upper ocean water column is classed as semilabile, and comprises substrates that are consumed over weeks to months. Concentrations of semilabile DOC typically range from 20 to 30 μmol/L in the ocean water column, and because it is consumed over this median time scale, it assumes that this pool of DOC is important in supporting bacterial growth over seasonal to annual time scales (Carlson et al., 1994; Repeta and Aluwihare, 2006). In some ocean systems, such as the Sargasso Sea, the total semilabile DOC can account for as much as 89% of the total DOC (Carlson et al., 1994). In this study, up to 50% of this semilabile DOC was found to be more resistant to microbial degradation over weeks to months.

Interestingly, DOC produced in high-nutrient environments has been observed to be less susceptible to microbial degradation than that produced in low-nutrient environments. This may relate to the chemical qualities of the DOC produced in these contrasting environments – DOC produced in high-nutrient waters may be more nutrient rich than that produced in low-nutrient waters (Church, 2008). Semilabile DOC can accumulate as a result of inorganic nutrient limitation of bacterial growth (Thingstad et al., 1997), primarily from a limitation in [image: image] (Cotner et al., 1997; Rivkin and Anderson, 1997; Thingstad et al., 1998; Zohary and Robarts, 1998; Caron et al., 2000). Other studies, however, have not found evidence to support the hypothesis that inorganic nutrient limitation of bacterial growth leads to accumulation of semilabile DOC. Rather, the chemical nature of this DOC class, specifically acting as a poor substrate for bacterial degradation, likely contributes to its accumulation in the water column. This is especially the case in the upper water column where DOC concentrations are higher than in the mesopelagic. This could influence the microbial communities in these contrasting regions of the water column where microbes in the upper water column have been found to degrade semilabile DOC less rapidly than those communities found in the mesopelagic (Carlson et al., 2004).

Refractory DOC

Much of the DOC in the ocean consists of low-molecular-weight solutes of <1000 Da, the majority of which comprises the refractory pool of DOC that is resistant to microbial degradation over time scales of 1000s of years – anywhere between 4000 and 6000 years (Williams and Druffel, 1987) – approaching or exceeding that of ocean circulation (Benner et al., 1992). Whilst concentrations of labile and semilabile DOC vary with depth, that of refractory DOC averages ca. 40 μmol/L throughout the water column with little to no variation with depth, and likely contributes insignificantly as a source of carbon and energy to bacterioplankton. However, a fraction of refractory DOC at the sea surface is destroyed by ultraviolet irradiation, which results in the release of labile DOC for heterotrophs to consume (Moran and Zepp, 2000). The refractory pool contributes to the sequestration of enormous quantities of carbon and acts as a carbon sink in the water column (Hedges, 2002). A recent study combining organic matter size, 14C age and elemental composition of DOC estimated that small refractory molecules in the ocean are produced by microorganisms and at a rate of 0.24 PgC per year, which is on par in magnitude to the burial of organic carbon in sediments (Walker et al., 2016).

Major sources of this refractory DOC pool include complex cell fragments and other high-molecular-weight biopolymers produced by cells that are partially or almost totally recalcitrant to biodegradation. During viral lysis of eukaryotic phytoplankton cells, cellular components that are highly refractory to degradation are released into the water column. Similarly, phage-mediated lysis of bacterial cells leads to the release of outer-membrane proteins of the cell envelope, which also are very resistant to degradation. Conversely, highly labile cell components, such as nucleic acids and amino acids, are recycled in the photic zone.

A proportion of the DOC released through cell lysis, including that produced extracellularly by living cells, is converted by chemical mechanisms into humic substances. This complex material is quite resistant to biodegradative processes and contributes to the total pool of refractory organic matter in the water column. Either by agglomeration of these humic substances, or their attachment to other sinking particles, a proportion of this refractory material eventually sinks to the ocean floor and becomes buried. Not all refractory DOC in the marine water column, however, sinks to the seafloor. Rather, most of it remains suspended and circulating in the ocean for years to millennia. In fact, of the fixed organic carbon formed by primary production, only a very small fraction reaches the seafloor; much of it (>99%) is remineralized in the water column through microbial action.

Extracellular polymeric substance produced by marine bacteria, even that which is freshly produced, can be somewhat refractory to microbial degradation or chemical analysis (Ogawa et al., 2001). This is believed to be related to the presence of uronic acids (Anton et al., 1988; Bejar et al., 1996) or glycosidic linkages of hexosamines (Biermann, 1988). Such constituents can confer on EPS molecules a high resistance to degradation under acid hydrolysis conditions that are used to chemically analyze them. Some studies analyzing the chemical nature of EPS isolated from cultured marine bacterial strains have shown a major proportion of these macromolecules (up to 80%) can be unaccounted for by chemical analysis (Gutierrez et al., 2007a,b, 2008).

PHYSICAL/CHEMICAL PROPERTIES OF EPS

Extracellular polymeric substance comprise an expanding plethora of biochemical molecules that interact in many ways and that are, as yet, poorly understood. EPS consist of an array of molecules, ranging from quite large (e.g., >100 kDa) to much smaller (e.g., <10 kDa) polymers. Some of the molecules contribute to the structural stability, gel properties, and pliancy of the greater matrix (Flemming, 2016). We must determine how different types of molecules in this matrix interact with each other in order to provide the observed functional roles of the EPS matrix. An entire rethinking of the extracellular milieu of microorganisms will likely be required. An insightful examination is provided by Neu and Lawrence (2016).

Composition and Physical Properties

From the standpoint of microbial cells, the EPS, especially when in a gel state, form a three-dimensional matrix or scaffold within which cells can orient themselves relative to one another. The presence of certain polymers can afford the matrix physical stability. Polymers such as amyloids and/or eDNA (discussed below) can serve as an architectural framework for the EPS. Each type of EPS component can offer different physical properties (Chew et al., 2014). The physical ultrastructure of the EPS matrix has been very difficult to image in a fully hydrated state (Decho, 1999), owing to its delicate nature. Excellent pioneering efforts have been conducted by Dohnalkova et al. (2011) using a unique cryo-TEM approach. Recent developments in cryo-TEM and -SEM may provide further insights into this complex matrix.

Bacterial and microalgal EPS exist in nature in a range of different physical states, most of which are operationally defined. Capsules consist of polymers that closely surround individual or multiple cells and often serve a protective role (Whitfield, 2006). Further away from cells, EPS can exist as tight, dense-gels, to a continuum of physical states from looser-slime to truly dissolved forms. Dissolved forms, in the absence of cells, may condense to microgels in the open ocean (Chin et al., 1998; Verdugo et al., 2004; Verdugo and Santschi, 2010); a process that is of significant importance and has been well-summarized in a review (Verdugo, 2012). While differences in these physical states are relatively arbitrary, they likely serve very different functions to the microbial cells secreting them. The physical state of EPS results from a combination of the polymer concentrations, types and abundances of ions, composition, and steric availability of functional groups on polymers. Recently, this has been reviewed in greater detail (Neu and Lawrence, 2016).

Some microbial EPS can exhibit significant viscoelastic properties, being able to stretch and retract in response to an applied force such as intermittent water flow (Fabbri and Stoodley, 2016). This property offers the microbial cells contained within a biofilm with a certain degree of physical flexibility and mechanical resiliency (Peterson et al., 2015). This flexibility is important to the ability of cells to persist on a surface or as an aggregate in the water-column.

Compositional information is a useful starting point for investigating EPS. Strictly speaking, the term EPS is an operational designation that refers to the milieu of ‘larger’ molecules contained in the extracellular matrix in proximity to cells (Wotton, 2004). Many of the molecules contained in natural EPS cannot be conveniently characterized as either protein, lipid or carbohydrate. For this reason, it has been called the ‘dark matter’ of biofilms (Flemming et al., 2007). It is now known that the EPS matrix can be quite heterogeneous, especially over small spatial scales (see Microdomains within EPS Matrices). It is for this reason that analyses of ‘bulk’ samples will not capture the smaller-scale variability that are critical to understanding the physical and chemical properties of the in situ matrix. When EPS from natural biofilms, for example, are extracted and then reconstituted, the physical (e.g., gel, viscocity, rheology, etc.) properties of the reconstituted EPS often do not readily resemble those of the original biofilm. (In much the same way, a cell cannot be taken apart via extractions, and then put back together as a functioning cell.) This suggests that the molecules within the matrix may have important molecular organization either by purposeful design or by result of the environment. It is important from a functional standpoint, to determine which molecules and molecular interactions contribute to physical properties such as gel formation, rheology, and diffusion-slowing, and chemical properties, such as sorption.

Finally, while matrix is actively secreted by cells, the properties of EPS may be changed post-secretion, modified by geochemical, enzymatic, and photochemical processes, and additionally contain trapped or sorbed molecules. These modifications may have dramatic effects on their physical properties. Thus, EPS under natural conditions exist in a ‘continuum’ of compositional and partial degradation states. Thus, it is imperative that future non-destructive approaches (e.g., Raman spectroscopy) are developed for characterizations of EPS in situ.

Laboratory studies of bacteria secreting EPS show that cells typically produce sugar monomers that are exported, then assembled to the existing polymer outside of the outer membrane (Whitfield, 2006; Sutherland, 2016). Polymers may consist of single sugar monomers, called homopolymers, or consist of several monomers linked together to form a repeating unit, called heteropolymers. Since several types of repeating units may be generated, this provides the cell with the capability to alter the physical chemical properties by mixing different amounts of repeating units. By changing the building blocks (i.e., repeating units), the polymer composition can be varied. This allows the polymer to have a variable composition and provides the cell the capability to modify its extracellular polymers in response to changing conditions.

At present, there are no specific biosignatures that can be assigned reliably for detection of EPS, simply because similar glycol-based compounds are produced throughout biological systems for many purposes. The secretion of carbohydrates and other glycosylated polymers is not unique to bacteria or even microorganisms; rather, it is a universal biological strategy employed by microalgae, fungi, invertebrate and vertebrate animals, and plants (Underwood and Paterson, 2003).

Extracellular polymeric substance have often been considered synonymous with ‘exopolysaccharides’ and acronym EPS. This was partially based on the carbohydrate-focus of investigators at the time, and additionally due to the artifact of carbon-rich culture conditions that were used to grow bacteria and obtain abundant quantities of EPS. Much has been learned regarding polysaccharide chemistry from these seminal studies. While polysaccharides are a major component of many natural EPS, they are only a component. The EPS matrix is now known to contain several different major groups of molecules, whose roles and involvement are still under study, and will be discussed briefly below. Hence, much discussion has evolved about what exactly constitutes the EPS matrix. Three points emerge as one studies the EPS of natural systems: (1) Many different types of molecules interact to provide the physical structure, impart chemical properties, and even actively manipulate EPS properties for the cell; (2) EPS-compositional studies should not be limited to culture-based systems; and (3) EPS under natural conditions will likely exist in a continuum of partial-degradation states.

Polysaccharides

The polysaccharide components of EPS are perhaps the best-studied to date. Common carbohydrate components that are often found in EPS include monomers such as D-glucose, D-galactose, D-mannose, L-fucose, L-rhamnose, D-glucuronic acid, D-galacturonic acid, L-guluronic acid, D-mannuronic acid, N-acetyl-D-glucosamine, and N-acetyl-D-galactosamine (Sutherland, 2001, 2016). Polysaccharides such as cellulose, alginic acid, dextran, xanthan, and Vibrio exopolysaccharide (VPS) are examples of polysaccharides produced by bacteria (for reviews see Decho, 1990; Wotton, 2004; Serra et al., 2013; Hobley et al., 2015).

The exopolysaccharide portion can exert significant net effects on physical and sorptive properties of EPS (Salek and Gutierrez, 2016). The presence of polar negative-charged groups such as carboxyls, phosphates and sulfate esters can provide negative charges (Thornton et al., 2007; Gutierrez et al., 2009). In certain microbial mat systems, highly sulfated exopolysaccharides have been isolated, and contained up to near 30% (wt/wt) in sulfate (Moppert et al., 2009).

In the presence of (positive) divalent cations (e.g., Ca2+, Mg2+) they can form cation bridges with adjacent polymers having also negative functional groups. EPS having abundant uronic acids often complex in this manner. Direct linkages between adjacent EPS can also occur. For example, linkages between a cationic polysaccharide and (anionic) extracellular-DNA has been shown to contribute to the physical stability of bacterial biofilms (Jennings et al., 2015). The abilities of EPS to link with each other is dependent, in part, on pH, the presence of appropriate functional groups, and the steric availability of functional groups (Decho, 1990; Ulrich, 2009).

Microdomains within EPS Matrices

The natural EPS matrix is now known to be heterogeneous over small spatial scales (e.g., μm, even nm). In order to describe small, localized areas that exhibited different properties than the broader matrix, polysaccharide chemists long ago developed the term ‘microdomain.’ The microdomain concept was extended to EPS (Decho, 2000a) to begin understanding why intact EPS exhibited very different properties than those of the extracted bulk EPS. Microdomains can result from localized concentrations of certain monomeric components of polymers, and/or differential binding of adjacent polymers to each other. Evidence for microdomains within in situ expolymer matrices has been evidenced by the careful combination of fluorescent lectin probes and confocal scanning laser microscopy (Lawrence et al., 2007, 2016; Aldeek et al., 2013). Microdomains are now realized to contribute to the smaller-scale heterogeneity that is observed within both suspended aggregate- and attached-biofilms. The presence of microdomains re-enforces the idea that the EPS matrix is not an amorphous, homogeneous entity, but rather can be structured at several different levels (Mayer et al., 1999; Decho, 2000a; Lawrence et al., 2003).

Proteins

Proteinacious moieties are common in natural EPS matrices and occur in a variety of molecular forms such as peptides, amino-sugars, glycoproteins, proteoglycans, and amyloid proteins (Gutierrez et al., 2007a,b; Fong and Yildiz, 2015; Zhang et al., 2015). They also can be grouped by their functions and properties such as extracellular enzymes (e-enzymes), membrane vesicle proteins, adhesins, amyloids, hydrophobins, and amphiphiles (Hobley et al., 2013). It is not well-understood yet, how proteins interact with other matrix molecules to accomplish these apparent functions.

While many proteins and peptides are easily hydrolyzed by microbial heterotrophy, certain proteins and peptides can be quite refractory to degradation. It is now realized that structured refractory complexes, called amyloid fibrils are a common component of EPS. These have not received much attention in oceanic environments but may contribute to a number of forms of refractory organic matter, and the refractory portions of EPS. Here, they may have important functions. Amyloids may form an important, refractory structural component of the EPS matrix (Gebbink et al., 2005; Larsen et al., 2007; Zheng et al., 2015).

Amyloids are loosely defined as any fibrillary polypeptide aggregate having a cross-β-quaternary structure (Fandrich, 2007), which self-assemble under the right environmental conditions. Amyloid fibrils consist of sets of 4–6 peptides linked together in a twisting, helical (i.e., rope-like) structure that is held together by non-covalent associations. A growing body of evidence supports the idea that amyloid fibrils, sometimes called curli fibers, may be formed from many different proteins (and peptides) and are a generic structure of peptide chain. While amyloid formation has been linked to many human disease processes (Barnhart and Chapman, 2006; van Gerven et al., 2015), they occur in natural microbial systems as a component of EPS. Their formation, at present, is thought to result from non-biological processes (Romero et al., 2010).

Extracellular e-DNA

A growing body of research now acknowledges the presence of extracellular forms of deoxyribonucleic acids (eDNA), and their role as an important structural component of the biofilm matrix (Böckelmann et al., 2005). Historically, eDNA was thought to result largely from the lysis of cells or release of plasmids. However, seminal studies by Whitchurch et al. (2002) showed the presence of eDNA as a part of the EPS. Concentrations of eDNA in sediments are often 3–4 orders of magnitude higher than those in the water-column, and suggest a role in the cycling of P in marine systems (Dell’Anno and Corinaldesi, 2004). Both eDNA and extracellular nucleases, together, may influence the physical consistency of biofilm EPS (Rice et al., 2007; Seper et al., 2011). Results of other studies indicated secretion by bacteria of eDNA is an active process (Nishimura et al., 2003; Steinberger and Holden, 2005; Suzuki et al., 2009; Gloag et al., 2013; Okshevsky and Meyer, 2013; Tang et al., 2013). The postulated roles suggest that eDNA may be a bacterial strategy that serves as an abundant structural scaffold within EPS. For example, in non-marine systems, the Gram-negative bacterium Pseudomonas aeruginosa uses eDNA bound to a specific cationic extracellular polysaccharide pel to provide structural stability to the EPS of biofilm (Jennings et al., 2015). Others have suggested an electron-transfer conduit, or substratum for the controlled movement of bound e-Enzymes (Flemming et al., 2007). Further studies await empirical testing of these ideas. However, an interesting caveat is that a recent study by Dell’Anno and Danovaro (2005) showed that DNA sorbed to sediments constituted an important source of phosphorus in normally P-limited deep-sea ecosystems. A review on eDNA pools in marine sediments summarizes many important aspects (Torti et al., 2015). Finally, DNA has been implicated in long-distance electron transfer processes (Giese, 2002). A pertinent question that warrants investigation is: does this offer the possibility for long-distance transfer of extracellular electrons through the EPS matrix?

Modifications Post-secretion

Extracellular polymeric substance, once-secreted by cells, are subjected to substantial environmental modifications, perhaps in predictable manners. Degradation of EPS may consist of a multi-step process. The steps likely represent the degradation of different components, ranging from highly labile to relatively refractory, which have different compositions and/or steric availabilities (to extracellular enzymes). A study of EPS produced within lithifying microbial mats showed that initial hydrolyses involved a rapid, and possibly selective, utilization by heterotrophs of certain sugar monomers, and LMW compounds. Certain components of the EPS, such as the uronic acids were highly labile to mat bacteria (Decho et al., 2005). Initial heterotrophic degradation of EPS was fueled by the large pool of LMW organics released by cyanobacteria during photosynthesis. This pool was consumed within 4–6 h post-daylight. The results indicated that a rapid, initial degradation occurred, followed by a much slower decomposition, leaving behind a more “refractory remnant” that persist for extended periods. As alluded to above, specific components of EPS such as many polysaccharides should exhibit relatively rapid turnover rates, when compared to more refractory components such as amyloid proteins. Finally, degradation will be affected by the physical properties of the EPS such as their gel versus solution states.

Sorption, Trapping, and Diffusion-Slowing Properties

Diffusion is a key process in the design of the microbial cell, as it is the primary means by which small organic molecules and ions may be taken up by cells. Diffusion is also of relevance in the movement of signal molecules (i.e., autoinducers) involved in QS, extracellular enzymes, and antimicrobial agents. EPS can be broadly considered a sorptive sponge for the binding, trapping and concentration of organics and ions (Decho, 1990). Over the small spatial scales of biofilms, the EPS matrix influences the diffusion process. Diffusion is a multi-faceted process that is influenced by temperature, ionic concentrations, etc. A major driver in diffusion, of course, is the relative concentration gradient (Brogioli and Vailati, 2001). The density and properties of the EPS can influence diffusion rates (of ions or molecules) so they can range negligible (compared to diffusion in pure water at the same temperature) to having significantly slowed diffusivities (Decho, 2015).

Although bulk measurements of diffusivity may be estimated, it is difficult to determine how the smaller-scale variability in EPS densities influence diffusion at these scales. The natural matrix of EPS within aggregates or surface biofilms is often filled with channels, which by microbial design or by environmental influence, enhances mass transfer to/from cells.

A number of investigators have carefully measured diffusion rate constants by monitoring the movement of fluorescent molecules over time using confocal scanning laser microscopy and other approaches (Lawrence et al., 1994; Guiot et al., 2002; Stewart, 2002; De Beer et al., 2004; Waharte et al., 2010; Neu and Lawrence, 2014). Lawrence et al. (1994) initially used fluorescent molecules and confocal scanning laser microscopy to examine diffusivities and found them to be variable, ranging from those of pure water (d = 1.0) to extreme diffusion-slowing effects (d = 0.02) by the matrix. From a practical standpoint, one can assume there will be variability within an aggregate or attached biofilm. Collectively, these studies have shown that considerable changes occur in the movement of molecules and ions over microspatial distances (i.e., μms), which can relate to the observed heterogeneity that occurs within biofilms (Stewart and Franklin, 2008).

Physical trapping of organic and inorganic colloids, and nanoparticles also occurs in the EPS matrix. The viscoelastic nature and the dispersed arrangements of EPS at the surface-most fringes of biofilms make them ideal for the physical trapping of colloids, small particles, and/or sorption of ions and molecules. Sorption is influenced by a number of factors. These include pH, the forms and concentrations of ion(s), and the type(s) of ligands (binding sites) and associations (e.g., ionic- and covalent-bonds, van der Waals forces, etc.). The pH can have a strong effect on ionic binding, especially with regard to many EPS (Braissant et al., 2007, 2009; Gutierrez et al., 2008). In general, acidic pH tends to inhibit ion binding, while neutral or basic pH tend to promote binding. A caveat is that not all ions bind equally. A second caveat is that certain functional groups bind ions more efficiently at a given pH. For example, as the pH rises to near neutral, more complexation may occur to carboxyl sites. The increase in binding of divalent cations often results in a more cohesive polymeric gel structure.

This pH-dependent sorption process has practical importance in ocean systems (and biofilms) because the most abundant divalent ions in seawater are Ca2+ and Mg2+. These ions often form suitable (bi-dentate) bridges between adjacent EPS molecules having carboxylic acid groups, and can contribute to gel formation or floc (marine snow) formation in the water column. However, other important ions (at a given pH) may ‘outcompete’ Ca2+ and Mg2+ for binding sites. The binding of transition and other metals, such as Th, Cd, Cu, Ag, Fe, and Se, to EPS isolated from different environments, such as hydrothermal vents, microbial mats, and other areas, has been described (Schlekat et al., 1998; Zhang et al., 2008; Moppert et al., 2009; Deschatre et al., 2013). Metal binding to EPS of surface floc material (i.e., marine snow) in the surface waters of oceans, and subsequent sinking of flocs may result in significant vertical transport (flux) of trace elements to ocean floor, a process of global biogeochemical significance (as mentioned above).

While ocean seawater is often pH 7.8–8.2, the range of pH over smaller spatial (and temporal) scales can be quite dramatic. In microbial mat systems, where highly active bacterial respiration and photosynthesis occur, the pH has been shown to vary from pH 6.0–10.0 over a 24 h (i.e., diel) cycle (Visscher et al., 2000; Des Marais, 2003; Baumgartner et al., 2006). This is due to net photosynthesis during daylight (which raise pH), and net respiration during darkness (which lowers pH). This can result in regular diel changes in the complexation of ions, and hence influence the physical stability of EPS over a 24 h cycle. The diffusion-slowing properties of EPS contribute to the sharp geochemical gradients often observed within aggregate and attached biofilms (Baumgartner et al., 2006).

Optical Properties

The biofilm is an organic gel coating (of EPS) on a surface (or within a suspended aggregate) with a collage of cells, and sorbed or localized molecules and ions, colloids, and particulates. All of these different components, individually or interactively, will influence the optical properties (i.e., refraction, scattering, and absorption of photons) of the broader surface (or water). The EPS can be thought of as a “semi-translucent” gel having different densities. Several processes act in concert to alter the optical properties of sediments. First, the polymers themselves appear to decrease the reflectance of the surface. In sediment systems, this can alter the amount of light entering the sediments. This is due to a combination of two processes. First, the gel polymers increase the spacing between sediment grains. This allows more light to enter in the spaces between grains, rather than being reflected from closely packed sediments. Second, the gel state of the polymer acts as a ‘photon trap’ because it mediates a change in refractive index, relative to seawater. This enhances the forward-scattering of photons, relative to back-scattering. This has been termed the ‘biofilm gel-effect’ (Decho et al., 2003). The functional value is that light may be more homogenously scattered around photosynthetic cells, and allow cells to conduct photosynthesis deeper in sediments (or mats).

As light interacts with a surface, photons are either reflected, scattered, refracted and/or absorbed. Reflectance involves back-scattering of photons at a fixed angle (relative to incident direction of photon). Often photons are ‘scattered’ at many angles relative to the incident. Refraction involves continuing through the surface, but altering the angle (relative to the incident) resulting in a change in refractive index. Absorbance involves the capture of photon energy by surface molecules or atoms. Absorbed photons may be re-emitted, as fluorescence (within pico-sec to nano-secs after absorbance), or released as heat. However, the biofilm is not simply a translucent gel but rather a three-dimensional matrix harboring cells, sorbed, or localized molecules (e.g., scytonemins, amino acids, etc.), colloids, and particulates. Biological chromophores (molecules that absorb light near specific wavelengths) include the purines and pyrimidines of DNA, the ‘ringed’ amino acids (tyrosine, phenylalanine, etc.), and other molecules. The sea surface layer is known to harbor EPS gels (Wurl and Holmes, 2008). Of special interest will be how the sea-surface layers of EPS influence photon penetration into the underlying water.

LOCALIZATION OF MICROBIAL EXTRACELLULAR PROCESSES

Quorum Sensing

Do microbial communities communicate and coordinate activities? Classical microbiology during much of the past century has taught us to understand microbes simply as individual cells. Recently, however, a growing body of evidence supports the idea that bacteria often act in groups, rather than as individuals. When bacteria are attached, their proximity to each other results in the development of interactive relationships ranging from antagonistic to agonistic, and even altruistic. These interactions are often chemically mediated but are tempered by the ever-changing conditions of their local environment. The diffusion-slowing properties of the EPS matrix facilitates the development of such relationships among cells in a way that cannot be accomplished by free-living planktonic cells.

Quorum sensing is a type of bacterial cell–cell communication that involves the exchange of chemical signals among nearby cells to coordinate behaviors that are best conducted in groups (Fuqua et al., 1996). It involves the production, detection, and response by cells to diffusible signaling molecules (i.e., autoinducers). Autoinducers accumulate in the proximal environment as the bacterial population increases. When autoinducer concentration reaches a threshold-level, cells collectively alter gene expression. Many group activities such as bioluminescence, antibiotic production, and EPS secretion (Camilli and Bassler, 2006) are regulated by QS.

Quorum sensing can also be utilized by cells for ‘diffusion-sensing’ (Redfield, 2002). This allows bacteria to sense the diffusional properties of its proximal environment, presumably to ‘make decisions’ whether to conduct more metabolically costly processes, such as production and release of extracellular enzymes, plasmids, antibiotics, etc. (Ruparell et al., 2016). Together, these two processes, quorum- and diffusion-sensing, have been termed ‘efficiency sensing’ (Hense et al., 2007).

The foundation for cell–cell cooperative interactions originally was proposed for explaining the bioluminescence by a marine luminescent bacterium, previously Photobacterium, renamed Vibrio fischeri, and then Aliivibrio fischeri, which was isolated from a small Hawaiian squid (Ruby and Nealson, 1977; Nyholm et al., 2000). Studies progressively showed that autoinducer molecules, upon reaching a threshold concentration in the medium, triggered changes in gene expression that resulted in bacterial luminescence. Luminescence by populations of symbiotic bacteria, localized in the light organs of the squid, afforded it a selective advantage against predation. The ability to communicate, coordinate, and act as groups, however, does not relinquish the cells as an individual unit. Microbial cells can (and do) still act as individual cells. This amazing flexibility likely contributes to the tremendous success and resiliency of bacteria.

In open surface-water ocean environments, QS can have large-scale effects, especially when in overwhelming abundances. An obvious example of this was the ‘milky ocean’ that was observed at night by satellite off of Somalia, Africa (Nealson and Hastings, 2004; Miller et al., 2005). The milky ocean, which was 100s of square km in size, was due to QS-triggered bioluminescence in ocean surface populations of bacteria.

Several different classes of chemical signals exist. Most were described from the study of infection-causing bacteria. These include acylhomoserine lactones (AHL), unique oligopeptides, furanosyl borate diesters (Autoinducer-2), and gamma-butyrolactones (Waters and Bassler, 2005). The AHLs comprise a class of approximately 18 different types of signal molecules that are released into the surrounding environment, and eventually bind to an intracellular receptor protein, whose complex then triggers changes in gene expression (Churchill and Chen, 2011). AHLs in marine environments have been found in sponges (Taylor et al., 2004), microbial mats (McLean et al., 1997; Decho et al., 2009, 2010) and marine snow (Hmelo et al., 2011). Interestingly, signals such as AHLs are prone to inactivation under certain environmental conditions such as high pH (>8.0) (Decho et al., 2009; Hmelo and van Mooy, 2009). It is not known how fluctuating conditions (e.g., pH, oxidants, desiccation, photocatalytic degradation) in natural environments influence chemical signaling and coordination of microbial activities (Horswill et al., 2007; Decho et al., 2009, 2011; Frey et al., 2010). Signaling, however, will likely be localized and most pronounced within EPS matrices, and within planktonic aggregates (Gram et al., 2002; Wagner-Dobler et al., 2005; Hmelo et al., 2011; Amin et al., 2015; Jatt et al., 2015).

Signaling using AHLs, for example, is not limited to heterotrophic bacteria. Rather it has been found in photosynthetic cyanobacteria (Sharif et al., 2008) and Archaea (Zhang et al., 2012). Importantly, it is now realized that this form of cell–cell communication can occur in single-species population, but may also be utilized by inter-Kingdom consortia, such as plant-microbe and animal–microbe associations. Contrastingly, molecules that may act as signals for some bacteria, may act as antibiotics against other bacteria (Kaufmann et al., 2005; Davies et al., 2006; Schertzer et al., 2009; Johnson et al., 2016). A final note is that currently only several classes of signaling molecules (e.g., AHLs, AI-2, and peptides, diffusible signal factors (DSFs), etc.) are known (Schaefer et al., 2008; Papenfort and Bassler, 2016, for review). However, QS and similar interactions via chemical signaling are likely to occur using a variety of signals; most of which may be unknown at present.

Extracellular Vesicles and Gene-Exchange

Bacteria possess the capability to bud-off portions of their cell membranes (Schooling et al., 2009; Biller et al., 2014), which are then released as extracellular vesicles. The vesicles provide bacteria with the ability to package molecules within a surrounding lipid membrane, and release them in their surrounding extracellular environment, and localize them within the EPS matrix. This can provide a protective ‘minefield’ against antibiotics, preserve extracellular signals and plasmids, and provide other functions as well. The presence of extracellular vesicles within biofilms, and specifically the EPS matrix, is now realized to be quite common (Mashburn and Whiteley, 2005; Biller et al., 2014). The vesicle composition is often similar to the plasma membrane (Gram-positives) or outer cell membrane (in Gram-negatives), but additionally contain specific proteins as part of the vesicle. The vesicles can package a wide range of molecules such as eDNA, RNA, e-enzymes, antibiotics, and signal molecules, and likely provide protective effects for the packaged molecules they carry (Mashburn-Warren et al., 2008; Schooling et al., 2009).

Gene exchange is an important process among bacteria. The EPS matrix can enhance gene exchange among cells for several reasons. First, conjugation (i.e., a uni-directional exchange of plasmids via a pilus connecting two cells) requires extended contact for a prolonged period of time (approximately 20 min). In open-water systems, this is difficult due to Brownian motion constraints. When localized in a three-dimensional EPS matrix, two cells can remain relatively stationary for prolonged periods of time, which can facilitate conjugative gene exchange. Second, extracellular DNA, used in transformation, can be rapidly degraded once outside of the cell, or strongly sorbed to sediment particles. When DNA is immobilized within EPS, its persistence can be enhanced, and thus increase chances for transformational exchange of DNA among cells. Direct measurements of these two processes, to our knowledge, are not yet available.

Extracellular Enzymes (e-Enzymes) and Hydrolysis products

Degradation of organic matter and its mineralization to CO2 is a fundamental process of bacteria. In many ocean environments, bacteria produce e-enzymes to partially hydrolyze organic matter that becomes sorbed or trapped by the EPS (Hoppe et al., 2001). When conducted efficiently, with minimal loss to the surrounding water, the biofilm can be an efficient external digestion system for the microbial community (Flemming and Wingender, 2010).

The localization of e-enzymes is a process that is important in open water aggregate- as well as attached-biofilms. In order for efficient diffusional uptake, both enzymes and their hydrolysis products must remain localized in proximity to cells (e.g., approximately 30 μm). EPS provide a matrix to localize both enzymes and their hydrolysis products relatively close to cells. It is not known, however, how e-enzymes remain localized within the EPS matrix. Are they attached (bonded) to polymers with active sites exposed? In studies of other systems, bacteria are known to localize polysaccharases and other e-enzymes (Sutherland, 1999, 2016). e-Enzymes are also known to be contained within extracellular vesicles, localized within the expolymer matrix (Mashburn and Whiteley, 2005; Mashburn-Warren et al., 2008; Elhanawy et al., 2014), and e-DNA nucleases were found in Vibrio cholerae biofilms (Seper et al., 2011). Indeed, elevated microbial activities, such as enzymatic activities, have been reported in marine snow particles at higher-levels than those in surrounding sea water (Smith et al., 1992; Ploug et al., 1999; Grossart et al., 2003; Jatt et al., 2015), thus suggesting that marine snow are hotspots for remineralization of organic and inorganic materials (Azam and Long, 2001; Thornton et al., 2010).

Insight has been provided through studies of other systems (Tielen et al., 2013). They showed that extracellular lipase was protected against heat denaturation via complexation with the EPS alginate. Using molecular modeling they were able to show that e-enzymes can be physically bound to EPS, however, the enzyme/EPS bond must occur away from active sites on the enzyme. Finally, this bonding provides enhanced stability against denaturation. However, questions remain, such as: how are enzymatic activities maintained outside the cell? Empirical evidence has been relatively limited. Do the functional equivalents of extracellular chaperones help to maintain activities (i.e., prevent denaturation) of e-enzymes? It is also not known how extracellular enzymes may modify the EPS themselves.

EPS IN MICROBIAL MATS AND MINERAL PRECIPITATION

Microbialites are benthic microbial deposits (Burne and Moore, 1987). Microbial mats, a type of microbialite, are the longest-lived ecosystems that are known to have existed on Earth. Certain fossilized microbialites extend far back in the fossil record (Sprachta et al., 2001; for review, see Chagas et al., 2016). They are the earliest known macro-fossil evidence of life in the geological record, extending back an estimated 3.4–3.7 gy (Tice and Lowe, 2004; Nutman et al., 2016). They dominate the fossil record for 3 gy, which represents over 80% of the time life has existed on Earth (Allwood et al., 2007). Recently, the precipitation process has been studied at nanometer spatial scales (Benzerara et al., 2006).

Microbial mats typically exhibit a distinct vertical layering of microbial functional groups that is strongly influenced by externally influenced gradients such as light and geochemical conditions (Des Marais, 2003; Vasconcelos et al., 2006; Franks and Stolz, 2009). In most cases, mats are examples of actively metabolizing, highly organized microbial communities, and constitute “high-yield” systems where resources are efficiently recycled amongst its members (Visscher and Stolz, 2005). These systems, therefore, offer excellent platforms from which to study how EPS may influence the precipitation of carbonate minerals. Thrombolites (Mobberley et al., 2015) and tufa deposits (Zippel and Neu, 2011; Dupraz et al., 2013) are other forms of microbialites.

Extracellular polymeric substances are abundantly present in microbialites, such as mats and contribute to the metabolic efficiency of mat communities (Neu, 1994). This occurs through their diffusion-slowing properties, light-attenuation, and abilities to influence 3D-architecture, chemical communication, extracellular enzymatic hydrolyses, and biogeochemical mineral precipitation. The details of how this relate to the molecular-scale interaction occurring between ions and the EPS are not, as yet, fully understood.

Carbonate Precipitation

Mats are well-known for their association with the biogeochemical precipitation of minerals such as carbonates (e.g., calcite, aragonite) (Decho, 2010). Present-day examples of precipitating mats include tufa mats, marine stromatolites, and marine thrombolites (see Dupraz et al., 2009, for review; Glunk et al., 2009; Tourney and Ngwenya, 2014). There are several different mechanisms known to directly or indirectly influence precipitation within mat environments (Visscher and Stolz, 2005). Microbial communities drive the basic alkalinity engine, which when coupled to the organic matrix of mats, results in biogeomineral precipitation (Dupraz and Visscher, 2005). Activities of several microbial groups, such as cyanobacteria, sulfate reducers, and anoxygenic phototrophs, can ‘promote precipitation,’ while other groups (e.g., aerobic heterotrophs, sulfur oxidizers, and fermenters) can ‘promote dissolution’ (Dupraz et al., 2009). Precipitation of CaCO3 occurs in seawater that is near or exceeding supersaturation of carbonate ions, and has basic pH conditions (Arp et al., 2001, 2003). Cyanobacterial activities, for example, will raise the pH during daylight photosynthesis, which favors localized carbonate precipitation (Gautret et al., 2004; Ludwig et al., 2005). Specific moieties on EPS, such as acidic groups, can act as nuclei for subsequent CaCO3 precipitation (Braissant et al., 2003; Bhaskar and Bhosle, 2005; Obst et al., 2009). Even bacterial cells themselves can serve as nucleation sites for precipitation (Varenyam et al., 2010). EPS can bind substantial amounts of free Ca2+ (Braissant et al., 2007) and other minerals such as phosphate and sulfate (Gallagher et al., 2013) from the surrounding water. This can result in precipitation of EPS-associated minerals such as apatite [Ca5(PO4)3(F,Cl,OH)], struvite (MgNH4PO4⋅6H2O), dolomite [CaMg(CO3)2], and aragonite (Gallagher et al., 2012, 2013).

Under some conditions, however, EPS can inhibit precipitation, or even contribute to carbonate dissolution. Cation-binding by EPS removes free Ca2+ ions from solution, through depletion of carbonate minerals from the proximal surroundings. Acidic amino acids, such as aspartic or glutamic acids, and carboxylated polysaccharides (i.e., [image: image] groups of uronic acids) can act as strong inhibitors of CaCO3 precipitation (Kawaguchi and Decho, 2002a,b; Dupraz et al., 2004; Gautret and Trichet, 2005). The functional groups and their steric availability (to bind ions) are key in this process (Rieger et al., 2007; Yang et al., 2008). The role(s) in carbonate precipitation of specific microbial clades such as sulfate reducers, however, remains controversial (Meister, 2013), but likely involves different types of community interactions under normal marine, hypersaline, and alkaline conditions (Gallagher et al., 2014).

Marine stromatolites are microbial mats having repeating layers of precipitated micritic laminae produced through interaction of the microbial communities and the environment (Krumbein, 1983). In present day, they occur in only a few limited marine environments such as the Bahamas (Reid et al., 2000; Paerl et al., 2001) and Shark Bay in Western Australia (Goh et al., 2009). Studies extending for over a decade have examined present-day open-water, subtidal, marine stromatolites at Highborne Cay (Bahamas) and showed the surface microbial community consisted of several distinct mat stages (i.e., termed Types 1, 2, and 3), each having very different phenotypic characteristics (Reid et al., 2000). The EPS produced during these stages had very different properties and influenced the microbial communities within. In the Type 1 stage, the community exhibited “high growth.” It consisted of dense cyanobacteria with high EPS production that grew (upward) quickly, consuming resources (Decho et al., 2005). The abundant EPS resulted in a “sticky” surface that trapped ooid grains (i.e., sediment) washing over the mats during high wave actions; a process that propagated the continued upward growth of the mat. The EPS contained ligands to chelate much of the available free Ca2+ ions. The net result was that EPS in the Type 1 mat inhibited CaCO3 precipitation (Visscher et al., 2000). When a Type 1 mat transitions to a Type 2 mat, sulfate-reducing bacteria (SRB) increase in their relative abundances. EPS, initially produced by the cyanobacteria, are consumed by SRBs, then re-secreted as different EPS, a process which enhances localized precipitation (Visscher et al., 2000; Decho et al., 2005). Infared (FT-IR) spectral analyses of EPS extracted from the precipitate closely resembles those extracted from SRB mat isolates (Braissant et al., 2009). Notably, the EPS properties change in the Type 2 mat, becoming “less sticky.” These studies illustrated how the EPS properties of the different mat could influence their properties and growth. The Type 2 mat resembles a classic microbial mat, with less EPS production (or accumulation), and little/no upward growth. The cyanobacteria, SRB, sulfur-oxidizing bacteria (SOB), and aerobic heterotrophs become spatially organized, and exhibit a closer metabolically coupling.

With rising levels of atmospheric CO2, efforts are beginning to examine if certain carbonate-precipitating bacteria can be used to sequester (and store) CO2 (Paul et al., 2017) and understand how microbial mat processes influence C storage (Bouton et al., 2016).

Sediment Stabilization and Fossil Evidence of Mats

Sediment fluxes in marine systems are affected by many parameters, including sediment grain sizes, physically cohesive muds, and biologically cohesive microbial extracellular polymers (Gerbersdorf et al., 2009; Grabowski et al., 2011). EPS concentrations in marine sediments vary considerably (Underwood et al., 1995, 2004). EPS, especially those from microphytobenthos (e.g., diatomaceous mats), are important in cohesive sediment stability, and resistance against erosion and resuspension (Grant and Gust, 1987; Paterson, 1989; Smith and Underwood, 1998, 2000; Tolhurst et al., 2002; Underwood and Paterson, 2003; Hanlon et al., 2006). Levels of EPS present in sediments can be a crucial variable to sediment stability (Malarkey et al., 2015). However, more EPS isn’t always better. Interesting experimental studies by Paterson et al. (2008) showed that lower levels of EPS were more efficient in increasing erosional thresholds than abundant EPS conditions. While is well-established that the cohesive properties of EPS contribute to sediment stability, it is however not well-understood how the molecular-scale interactions of EPS themselves contribute to their cohesiveness (Paterson et al., 2008). Sediment-inhabiting small animals may indirectly influence sediment stability. For example, increased EPS production was shown to occur in the presence of a grazing nematode (Hubas et al., 2010). Initial studies suggest that QS (see above) may be involved in biofilm formation in certain diatoms (Yang et al., 2016) and offers the possibility that QS may contribute to the sediment stabilization process.

Finally, the very same bedform patterns that contribute to sediment stability in present-day sediments (e.g., ripples) also are considered as fossil evidences of sediment stabilization. These include patterns such as microbially induced sedimentary structures (MISSs), which are considered to be indirect fossil remnants that illustrate the very earliest vestiges of microbial mat life through geologic time (Noffke et al., 2001, 2013; Noffke, 2010).

ANIMAL–MICROBIAL INTERACTIONS AND FOOD-WEBS

Feeding Studies

It was realized early on that biofilms, and more-specifically their EPS, can represent a potentially labile carbon source for animals ingesting microbial cells (Decho, 1990). Since many small animals, present in both the water column and sediments of ocean systems, ingest microbial flora as a food source, they will coincidently ingest the closely associated EPS during the feeding process. Many invertebrate taxa are filter-feeders (i.e., straining suspended particles from the water) or deposit-feeders (i.e., ingesting sediments and their organics), therefore will consume microbial flora and their associated EPS as a food. Initial feeding experiments addressing EPS utilization by marine animals were conducted using EPS that were isolated from bacterial cultures grown in the presence of radioactively labeled (14C) substrates. Once the EPS were separated from cells and residual label, EPS were mixed with sediments and fed to animals. Results indicated that EPS comprised a highly labile carbon food source. Examples of such studies involved copepods (Decho and Moriarty, 1990), polychaete worms (Decho and Lopez, 1993), bivalves (Harvey and Luoma, 1985), and sea stars (Hoskins et al., 2003). Biofilms are even known to be grazed upon by benthic foraminifera (Bernhard and Bowser, 1992).

Extracellular polymeric substance can act as a ‘sorptive sponge.’ This is due to their ability to bind metals, other ions, and even relatively hydrophobic organic contaminants such as pesticides, which is attributed to the presence of charged moieties (i.e., positive or negatively charged functional groups) or hydrophobic moieties. This can result in the efficient trophic-transfer of metals and pesticides to consumer animals that are ingesting EPS. Together, these moieties serve to sorb and/or trap, and concentrate environmental contaminants. When animals ingest the matrix, coincidentally during their feeding on sediments, cells or flocs, they will consume the sorbed metals and organics as well. EPS have been shown to be an efficient trophic-transfer vehicle for sorbed metals in amphipods (Schlekat et al., 1998, 1999, 2000; Selck et al., 1999), and organic compounds such as pesticides, although most of the latter work has even been conducted in freshwater systems (Widenfalk et al., 2008; Lundqvist et al., 2010, 2012).

Binding of Nanoparticles to EPS and Biofilms

In ocean systems, both natural (e.g., geological) processes and anthropogenic processes result in the generation of extremely small particulates called nanoparticles. Nanoparticles measure 1–100 nm in at least one dimension, and have different physicochemical properties than larger particles. In oceans, nanoparticles occur in the form of metal contaminants, organics, and even degraded plastics and potentially may have long water-column residence times owing to their small sizes. A number of studies are indicating that nanoparticles are efficiently concentrated by biofilms, and more specifically their EPS (Battin et al., 2009; Ferry et al., 2009; Fabrega et al., 2011; Nevius et al., 2012; Ikuma et al., 2014, 2015). Further studies have shown that nanoparticles are taken up by protozoans (Holbrook et al., 2008; Werlin et al., 2011; Mortimer et al., 2016). Finally, the bioavailability and bioaccumulation of nanoparticles occurs in marine (and freshwater) animals such as snails, bivalves and oligochaetes (for review, see Luoma et al., 2014), all of which coincidently ingest EPS during feeding processes. Therefore, EPS can work as a trophic transfer vehicle for nanoparticles to enter food webs.

EPS Capsules, Survival of Digestion, and the Gut Microbiome

Bacteria often possess EPS capsules surrounding their cells. The presence of capsules is a protective measure for the cells. Studies conducted by Plante and colleagues showed that encapsulated bacteria were less susceptible to digestion during detritivore- and deposit-feeding (Plante et al., 1990; Plante and Schriver, 1998; Plante, 2000). DePas et al. (2014) showed that protection is afforded to biofilm bacteria during grazing by the nematode Caenorhabditis elegans.

Finally, one understudied aspect of trophic interactions regarding biofilms that is gaining attention involves the roles of resident gut bacteria in consumer animals (including humans). The presence of these bacteria, whose densities and activities may be quite substantial, is often facilitated by EPS capsules and biofilms. Gut bacteria are a source of many new genes, and the diversity and ecological principles driving these microbiomes will be an interesting future area of study (Dorosz et al., 2016).

The Larval Settlement Process and Biofouling

Virtually any type of surface, when placed in seawater becomes fouled with organisms ranging from bacteria to animals and algae; a process known as biofouling (Lewin, 1984). Bacteria and other microbes are generally the initial colonizing organisms of a surface. The presence of a bacterial biofilm often sets the stage for subsequent larval settlement (Tran and Hadfield, 2011). Understanding how biofilms interact with larval settlement is important to the broader biofouling process, which constitutes a costly ocean-engineering problem.

Studies in marine systems suggest that larval settlement is also a multistep process, which involves initial sensing of specific chemical cues, initial settlement and “tasting” of the surface, and finally more-permanent settlement. The initial sensing step of waterborne cues is a concentration-dependent process.

Presently, data suggest that in many cases, the larval settlement cues are molecules that are produced by adult conspecifics and are concentrated within the surface biofilm matrix or, in some cases, may be produced by the biofilms themselves (Unabia and Hadfield, 1999; Bao et al., 2007). Cue(s) can be multifunctional, acting as agonists, antagonists, or toxins (Ferrer and Zimmer, 2012; Guezennec et al., 2012). Behaviors and responses of larvae to cues are often species-dependent.

Settlement cues may be localized within the biofilm, and more-specifically by the EPS matrix. Diatom biofilms and the possible involvement of heat-stable settlement cues are involved in the settlement of the polychaete Hydroides elegans (Lam et al., 2003). Hydroides sp. are examples of the initial colonizers of open surfaces in warmer water regions. Once they are set, the complexity of colonizing species increases. Settlement cues may be produced by the biofilm itself but has been challenging to verify. The beneficial effect of a specific epibiotic bacterial biofilm on marine animal or plant hosts has been suggested (Holmström et al., 1992; Tran and Hadfield, 2011). Coralline red algae, for example, are highly inductive surfaces for the settlement of marine invertebrates, and are now realized to be strongly influenced by the surface microbial flora and their cues (Nielsen et al., 2015).

In contrast, the inhibition of larval settlement seems to be influenced by waterborne or biofilm-associated molecules. This is important to the potential control of biofouling. Early studies noted that many marine animals and macroalgae exhibit reduced biofouling, and suggested that chemical defenses may be involved (Holmström et al., 2002; Rao et al., 2007). More recently, studies have shown that specific chemical inhibitors can be produced by either the host organism (e.g., algae, animal) or by biofilm bacteria growing on the surface of the host (Lau and Qian, 2000). These have included both large and small molecules. In tunicates, proteins produced by biofilm bacteria inhibit further colonization by bacteria (Holmström et al., 1992). In a series of landmark studies, de Nys et al. (2009) showed the macroalga Delissia pulchra, was not subject to biofouling. This inhibition (of biofouling) operates by jamming the cell–cell chemical communication pathways of bacteria. As mentioned above, many gram-negative bacteria use AHLs in chemical communication. Release of specific AHL analogs, which are similar in molecular design can “jam” the QS pathway(s) of AHLs. Small halogenated furanones, resembling AHLs, interfered with chemical signaling in bacteria. An ecological function of antifouling molecules produced by plants and animals was postulated (and was tested) by Kjelleberg and colleagues (Franks et al., 2006). Harder et al. (2002) found large (>100 kDa) polysaccharide-containing molecules, produced by both a host macroalga (Ulva sp.) and Vibrio sp. bacteria, to inhibit larval settlement. These molecules act as a broad-spectrum inhibitor for settlement. This has touched off substantial exploration for chemically based inhibitors of biofouling in both nature and medicine by many laboratories. This infers the complex interaction in biofouling among host organisms, bacterial biofilms, and chemical cues. Since the biofouling of marine surfaces has both positive and negative effects to hatcheries, this area has an emerging impact on aquaculture processes (Joyce and Utting, 2015; Camacho-Chab et al., 2016). Finally, work is in progress to understand how climate change may affect processes such as larval settlement (Whalan and Webster, 2014).

EXTREME OCEAN ENVIRONMENTS

In extreme and fluctuating conditions, microbes surround themselves with EPS in an effort to add stability to their extracellular environment. The physiological plasticity of microbial cells, combined with their EPS-based adaptations allow microbial life to succeed at the boundaries of where other forms of life can survive.

Low-temperature Sea-ice Communities

In polar regions, metabolic processes are slowed by relatively cold temperatures. It is here that microbes also employ EPS to their advantage. Earlier, pioneering studies in Antarctic systems showed the presence of specific ‘anti-freeze proteins’ (i.e., glycoproteins) within the blood plasma of fish (Devries, 1971). The proteins would bind to ice crystals as they formed and prevent further growth of damaging ice crystals in the blood. This realization launched many subsequent studies of other organisms, including bacteria.

In Arctic and Antarctic systems, the presence of EPS play key roles as cryoprotectants, for attachment to sea-ice interfaces, and to survive enclosure in ice (Underwood et al., 2010, 2013). Studies of bacterial isolates from sea-ice systems have demonstrated that certain glycoproteins and exopolysaccharides act as cryoprotectants, which inhibit ice crystal nucleation, in addition to securing the attachment of cells to the ice surface (Nichols C. A. et al., 2005; Nichols C. M. et al., 2005; Marx et al., 2009; Ewert and Deming, 2014). EPS and TEP become routinely embedded in sea-ice (Meiners et al., 2003; Collins et al., 2008) and contribute to the survival of microbial cells in these environments (Krembs et al., 2002, 2011; Liu et al., 2013; Boetius et al., 2015). EPS, including TEP can account for the majority of the carbon pool in sea-ice, which is later released during melting (Miller et al., 2011; Wurl et al., 2011), and can even make their way into atmospheric ice (Wilson et al., 2015).

High-temperature Hydrothermal Vents

Since their initial discovery in 1977, ocean hydrothermal vent systems have received much scientific attention. They are located near specific regions of the ocean spreading centers of tectonic plates, where geothermally heated fluids, enriched in minerals, hydrogen sulfide, ammonia and methane are released and mix with much colder surrounding seawater. Mineral deposits form as chimneys, and are surrounded by islands of intense biological activity, where chemosynthetic bacteria and archaea form the base of a food web having a diversity of often unique animals (Tunnicliffe, 1991). For these reasons, they have been considered as a possible site for the origin of life on Earth, and as an analog for study in the exploration for possible life elsewhere.

Isolates of bacteria from vent systems demonstrate the capacity for abundant EPS production, perhaps to sequester dissolved minerals and other metals from the surrounding water (Raguénès et al., 1997a,b; Guezennec et al., 1998; Rougeaux et al., 1999, 2001; Guezennec, 2002). EPS, derived from isolate cultures, typically have uronic acid contents as high as 40%, and relatively high molecular masses (Guezennec, 2002). It is not yet understood, however, how the EPS may influence the microenvironment of the bacteria and archaea, in terms of e-enzymes, 3D-microspatial development of their communities, and microspatial acidification (to solubilize metal ions). It is not known if the EPS matrix facilitates these processes, and actually may serve to inhibit their precipitation, similarly to those in some shallow-water carbonate environments?

Hypersaline Environments and Desiccation

Hypersaline systems, such as salt ponds, salterns, and hypersaline lagoons, contain well-developed microbial mats. Many of these systems occur in proximity or directly connected to ocean systems, while others are inland. Examples of hypersaline systems are numerous and a few include Salt Pond, San Salvador, Bahamas (Pinckney and Paerl, 1997); Guerrero Negro, Baha California Sur, Mexico (Ley et al., 2006); Laguna Tebenquiche, Salar de Atama, Chile (Fernandez et al., 2016); Don Juan Pond [McMurdo Dry Valleys, Antarctica (Dickson et al., 2013)]; Dead Sea (Oren, 1994); Solar Lake, Sinai, Egypt (Teske et al., 1998); Hamelin Pool, Shark Bay, Western Australia (Goh et al., 2009); Polynesian islands (Rougeaux et al., 2001; Richert et al., 2005; Moppert et al., 2009).

The hypersaline environment presents unique challenges to microorganisms, especially in terms of fluctuations in ion concentrations and osmolarity. In addition, many hypersaline mats are exposed to intermittent and/or progressive desiccation. A lack of available water, during the desiccation process, can kill a bacterial cell, largely through denaturation of proteins and destabilization of cell membranes (see Potts, 1994, for review). EPS are an abundant component of such mats (Benninghoff et al., 2016), and likely provide a degree of protection to mat microbial flora against ion fluctuations and desiccation (Potts, 1994; Shaw et al., 2003; Decho, 2016). Interestingly, studies have shown that bacteria can survive in a desiccated state in salt crystal for 250 my (Vreeland et al., 2000).

In hypersaline mats, EPS occur in the form of capsules surrounding individual cells, or a larger EPS matrix surrounding many cells in a biofilm, which can buffer cells against either dessication or rapid changes in water potential. Salinities in hypersaline ponds are often >300 g/L (e.g., seawater is approximately 32 g/L), but can reach as high as 440 g/L, often with concentrations of individual ions not matching those observed for typical seawater. Here, mat communities often experience extended periods (i.e., days to months) of desiccation that often is followed by a rapid rehydration due to seasonal rain events.

Selective saltation also plays a role in the ability of mats to cope with increasing salinities. This allows less-soluble minerals to be removed from solution, as a function of concentration. The evaporation process that occurs throughout the dry season serves to increase ionic concentrations and promotes the selective precipitation of salts on the mat surface. As ionic concentrations increase, there is a sequential salting-out occurring of less-soluble minerals. For example, much of the Ca2+ is typically removed as gypsum (CaSO4 2H2O) or smaller amounts of calcite (CaCO3). Gypsum begins to precipitate when salinity concentrations reach about 160 ppt. At very high ionic concentrations (>300 ppt) NaCl begins to precipitate.

Some EPS may condense with increasing salinity, and even form a hydrophobic barrier on the surface of the biofilm. This may result in enhanced protection during subsequent desiccation. It has been proposed that the exclusion of ions occurs via the EPS matrix in response to increasing salinity, which is designed to reduce osmotic stress and conserve water within the mat (Decho, 2016). Desiccation is a process occurring in many areas of marine environments. On the fringes of ocean systems, specifically on the upper reaches of rocky intertidal zones, intermittent desiccation is a common process. The roles of EPS in stabilizing microbial communities require further investigation.

SUMMARY: EPS RESEARCH LOOKING FORWARD

The growing awareness of microbial EPS and their influences on ocean processes are evidenced in this special issue and offers many avenues for future research. It is emphasized here that the secretion of EPS is an adaptive response employed by microbes to enhance their metabolic efficiency and survival. An extensive literature on EPS and biofilms that is available in other areas of microbiology may have relevance to ocean studies.

Finally, there were many aspects of EPS that were not covered in this relatively short overview, but are important to understanding the dynamics of microbial extracellular biology. For example, we have not addressed: (1) EPS as electron-transfer vehicles; (2) the concentration of viruses; (3) molecular pathways of EPS secretion; and (4) the roles of biofilms in the search for life elsewhere. In addition, we anticipate that the roles of EPS in ocean systems will be integrated into the fundamental microbiology of the ocean, and into larger-scale topics such as global climate change, biotechnological applications of EPS, and the search for novel antibiotics and other medicinal compounds.
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Carbohydrates represent an important fraction of labile and semi-labile marine organic matter that is mainly comprised of exopolymeric substances derived from phytoplankton exudation and decay. This study investigates the composition of total combined carbohydrates (tCCHO; >1 kDa) and the community development of free-living (0.2–3 μm) and particle-associated (PA) (3–10 μm) bacterioplankton during a spring phytoplankton bloom in the southern North Sea. Furthermore, rates were determined for the extracellular enzymatic hydrolysis that catalyzes the initial step in bacterial organic matter remineralization. Concentrations of tCCHO greatly increased during bloom development, while the composition showed only minor changes over time. The combined concentration of glucose, galactose, fucose, rhamnose, galactosamine, glucosamine, and glucuronic acid in tCCHO was a significant factor shaping the community composition of the PA bacteria. The richness of PA bacteria greatly increased in the post-bloom phase. At the same time, the increase in extracellular β-glucosidase activity was sufficient to explain the observed decrease in tCCHO, indicating the efficient utilization of carbohydrates by the bacterioplankton community during the post-bloom phase. Our results suggest that carbohydrate concentration and composition are important factors in the multifactorial environmental control of bacterioplankton succession and the enzymatic hydrolysis of organic matter during phytoplankton blooms.

Keywords: bacterioplankton community, remineralization, extracellular enzymes, phytoplankton bloom, North Sea, Helgoland Roads, organic matter, spring bloom

INTRODUCTION

It is well established that marine bacterioplankton communities maintain high genetic diversity. As for phytoplankton (Hutchinson, 1961), little is understood, however, how such high diversities are maintained or what determines the community composition in situ. In seasonal seas, phytoplankton development and temperature have repeatedly been reported to structure bacterioplankton communities (Pinhassi et al., 2004; Rooney-Varga et al., 2005; Sapp et al., 2007; Rink et al., 2011). However, these two factors are not sufficient to explain the high diversity of marine bacterioplankton.

Reactive organic matter is released by phytoplankton and bacteria, often upon viral lysis and grazing, and is a major energy and carbon source for marine bacterioplankton communities. How structure and composition of bacterioplankton communities are influenced by spatial and temporal differences in organic matter (OM) composition is only poorly resolved. Numerous compounds in the vast pool of marine OM may support species-rich bacterioplankton communities, which are, in turn, able to efficiently remineralize large portions of the OM. In laboratory experiments, bacterioplankton exhibit specific OM uptake at a class and clade level (Pernthaler et al., 2002; Elifantz et al., 2005; Alonso-Sáez and Gasol, 2007). Single low molecular weight (LMW) compounds have been shown to structure bacterial communities (Gómez-Consarnau et al., 2012). The in situ structuring of bacterial communities is thought to be more complicated, involving a combination of available substrates, inorganic nutrients, physical factors and competition among bacteria (Gómez-Consarnau et al., 2012).

While large portions of marine OM are still chemically uncharacterized, carbohydrates have been identified as the largest fraction of characterized marine OM (Pakulski and Benner, 1994; Amon and Benner, 2003). Recent studies of the transcriptomic activity of marine bacterioplankton suggest that bacterial community composition and diversity are related to the genus-specific expression of metabolic genes (Teeling et al., 2012; Gifford et al., 2013), in particular those for carbohydrate-active enzymes. This allows for a succession of diverse bacterial strains that thrive on various forms of algal-derived OM during the spring phytoplankton bloom in the North Sea (Teeling et al., 2012).

Bacteria can take up LMW compounds as large as 0.6–0.8 kDa through porins and slightly larger compounds via TonB-dependent transporters (Weiss et al., 1991; Teeling et al., 2012) to meet their energy and carbon demands. Compounds with higher molecular weight must be hydrolyzed into smaller subunits by extracellular enzymes, prior to uptake. These are released by bacteria into the environment or attached to the outer cell membrane (Chróst, 1991). Heterotrophic bacteria have been found to favor HMW- over LMW-dissolved organic carbon (DOC), likely because HMW-DOC is less diagenetically altered and therefore more reactive and more usable (Amon and Benner, 1996). This underpins the importance of enzymatic hydrolysis as the first step in the bacterial degradation of complex carbohydrates. In addition to control through substrate availability, there is a close link between bacterioplankton species richness and diversity of β-glucosidase (β-Glcase) isoenzymes (Arrieta and Herndl, 2002), which likely influences the effectiveness of substrate utilization.

Understanding the interaction between bacterioplankton and diverse OM is important for our understanding of biogeochemistry (Azam et al., 1983). It is also an urgent matter, as there is growing evidence for the high potential of ocean acidification to alter phytoplankton OM production (Borchard and Engel, 2012; Engel et al., 2014), combined with changes in bacterial community composition (Allgaier et al., 2008; Krause et al., 2012; Sperling et al., 2013) and bacterial degradation activity (Grossart et al., 2006a; Tanaka et al., 2008; Piontek et al., 2013).

This field study aims to fill the gap between laboratory studies of single bacterial groups or carbohydrates and results inferred from in situ meta-transcriptomics. It investigates the influence of carbohydrate composition and concentration in seawater on the community structure of free-living (FL) and particle-associated (PA) bacteria by combining, for the first time, a detailed analysis of the composition of total combined carbohydrates (tCCHO; >1 kDa) using high-performance anion-exchange chromatography coupled with pulsed amperometric detection (HPAEC-PAD) and bacterial community analysis using Automated Ribosomal Intergenic Spacer Analysis (ARISA) and Catalyzed Reporter Deposition-Fluorescence In Situ Hybridization (CARD-FISH). Furthermore, it investigates the extracellular enzymatic activity of the bacterial community in relation to carbohydrates and the wide range of physicochemical and biological factors at the transition from winter to spring in the temperate North Sea.

MATERIALS AND METHODS

Sampling

Surface water (∼1 m depth) was collected in a 10-L plastic carboy in the morning twice a week from February 2nd to May 18th 2010 from a research vessel at the long-term North Sea monitoring station “Helgoland Roads” between the islands of Helgoland (54° 11′03′′N, 7° 54′00′′E) in the German Bight, North Sea (see Wiltshire and Manly, 2004; Wiltshire et al., 2008).

DNA Collection and Extraction

After pre-filtration through 10 μm-pore size filters, PA bacteria were collected by filtering 2 L of seawater through 3-μm filters (TCTP and TSTP, 47 mm, Millipore, Billerica, MA, USA). To collect FL bacteria, 500 mL of the resulting filtrate was filtered through a 0.2-μm filter (GTTP, 47 mm, Millipore, Billerica, MA, USA). All filters were cut into three equal pieces using sterilized pincers and scalpel and stored in a 2 mL-reaction tube at -20°C until processing.

The DNA from all three filter pieces was extracted simultaneously using lysozyme followed by phenol-chloroform-isoamylalcohol purification (as described in Sapp et al., 2007) with the addition of 0.002 mg of sterile Polyvinylpolypyrrolidone (PVPP) to bind larger contaminants. The DNA was re-diluted in 20 μL of PCR-grade water and the concentration measured using a NanoQuant Plate and an infinite M200 plate reader (both Tecan, Switzerland).

Bacterial Community Analyses

Automated Ribosomal Intergenic Spacer Analysis (ARISA), as described in Sperling et al. (2013) was used to investigate PA (3–10 μm) and FL (0.2–3 μm) bacterial communities. In brief, the Intergenic Spacer (IGS)-region was amplified using the forward primer L-D-Bact-132-a-A-18 (5′-CCG GGT TTC CCC ATT CGG-3′) and the fluorescence-labeled reverse primer S-D-Bact-1522-b-S-20 (5′-TGC GGC TGG ATC CCC TCC TT-3′) described by Ranjard et al. (2000). Length separation was achieved in a 4300 DNA analyzer (Li-Cor, Bad Homburg, Germany) using polyacrylamide gels (5.5% ready to use matrix, Li-Cor Biosciences, Bad Homburg, Germany). The PCR products were amended with Blue Stop Solution (Li-Cor, Bad Homburg, Germany) in a 1:1 ratio, and the size standard IRDye®700, 50–1500 bp (Li-Cor, Bad Homburg, Germany), was applied. The wells were loaded with 0.25 or 0.5 μL of samples, depending on the amount needed to visualize bands clearly. Values obtained from the application of a 0.5 μL sample were divided by two prior to data analysis. The volume of applied sample was confirmed to have no significant effect on Sørensen-similarities in the PA- (ANOSIM, R = 0.12, p = 0.20) and FL- (ANOSIM, R = -0.15, p = 0.72) fractions. The software package BioNumerics (Applied Math, Sint-Martens-Latem, Belgium) was used to analyze the gel images. The bands with a length between 300 and 1500 bp were binned into size classes (termed “ARISA-band-classes”) to correct for minor length variations of the IGS regions between lineages with almost identical 16S rDNA-sequences. Bins of 3 bp were used for fragments up to 700 bp in length, bins of 5 bp were used for fragments between 700 and 1,000 bp, and bins of 10 bp were used for fragments larger than 1,000 bp (Brown et al., 2005; Kovacs et al., 2010). In this way, the total number of bands, i.e., community richness, was reduced by approximately 4.5 and 1% for the PA and FL bacterial data, respectively.

Values for Catalyzed Reporter Deposition Fluorescence In Situ Hybridization (CARD-FISH) of non-prefiltered samples on 0.2-μm filters were taken from Teeling et al. (2016).

Analysis of Physicochemical and Phytoplankton Parameters

Physicochemical and phytoplankton parameters were investigated on a weekday basis (Monday–Friday) as part of the Helgoland Roads LTER time series, which is also accessible via the open database PANGEA1 (Wiltshire and Manly, 2004; Wiltshire et al., 2008). Surface water samples were investigated using standard colorimetric methods (Grasshoff et al., 1999). Salinity was measured by converting conduction, as measured with an inductive salinometer (GDTAutosal8400B Salinometer, Guildline, ON, Canada), to salinity using UNESCO tables (Cox and Culkin, 1976; Wiltshire et al., 2008). A fluorometer (bbe Moldaenke, Kiel-Kronshagen, Germany) was used to measure Chl a concentrations (Wiltshire et al., 2009). Inorganic nutrients (phosphate, silicate, ammonium, nitrate, and nitrite) were measured in the laboratory using the methods of Grasshoff et al. (1999) and Knefelkamp et al. (2007). Measurement of pH according to the National Bureau of Standards (NBS) scale was performed after samples were brought back to the laboratory. The pH difference due to the difference between in situ temperature and measurement temperature in the lab was corrected after the method of Gieskes (1969) using the following equation:
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where tmeasured is the temperature in °C, measured simultaneously with pH using a combined electrode (ProLab 3000 pH meter, IoLine pH combination electrode with temperature sensor) calibrated with standard buffer solutions (all materials: SI Analytics, Mainz, Germany).

Particulate and Dissolved and Total Organic Carbon

Particulate carbon was collected on pre-combusted GF/F filters (25 mm, Whatman Nuclepore), which were stored at -20°C until analysis. The filtration volume (80–380 mL) was adjusted to the particle loading of the seawater. Filters were treated with 200 μL of carbon-free HCl (0.2 N) to remove inorganic carbon and dried at 60°C for approximately 48 h. After drying, filters were packed into small Zn-cartridges and analyzed using an elemental analyzer (Euro EA 3000, EuroVector Instruments & Software, Italy).

For analysis of DOC concentration, seawater was filtered through combusted (400°C, 4 h) GF/F filters (0.7 μm, Whatman), and 15 mL was sealed in combusted glass ampoules. Samples were stored at -80°C in the dark. Some of the ampoules were damaged during transport to the mainland, resulting in reduced temporal resolution. Acidified samples (pH 2, HCl) were analyzed using high-temperature catalytic oxidation (Sugimura and Suzuki, 1988) on a Shimadzu total organic carbon (TOC)-VCPH instrument with analytical precision better than 5% for three replicate samples. Accuracy was tested in each run against deep Atlantic seawater reference material (D.A. Hansell, University of Miami, FL, USA) and was better than 5%.

Total organic carbon (TOC) was calculated as the sum of particulate organic carbon (POC) and DOC.

Carbohydrate Analysis

Analysis of total combined carbohydrates (tCCHO; >1 kDa), which are a portion of high molecular weight organic matter (HMW-OM), was performed according to Engel and Händel (2011). In brief, two replicate seawater samples (20 mL each) were transferred to pre-combusted glass vials using pre-rinsed disposable syringes and immediately stored at -20°C until processing of the samples. Samples were desalinated using membrane dialysis (1 kDa MWCO, Spectra Por). Carbohydrate monomers that were produced from acid hydrolysis (1 M HCl) and subsequent acid evaporation (N2), were analyzed on a Dionex ICS3000 system combining high performance anion exchange chromatography (HPAEC) and pulsed amperometric detection (PAD) using a Dionex CarboPac PA10 analytical column (2 × 250 mm) coupled to a Dionex CarboPac PA10 guard column (2 × 50 mm). The autosampler (Dionex AS50) was maintained at 8°C, and 17.5μL of sample was injected for each analysis. After every second sample, 17.5 μL of a mixed sugar solution was injected for standardization. Blanks (ultrapure water; Milli-Q) were analyzed using the same procedure used for the samples and subtracted from sample concentration. We identified 12 carbohydrate monomers (Supplementary Table S1). The neutral sugars arabinose (Ara), fucose (Fuc), galactose (Gal), glucose (Glc), and rhamnose (Rha) were investigated, as well as the co-eluting sugars mannose and xylose (Man/Xyl). The acidic sugars galacturonic acid (GalUA), gluconic acid (GlcA), glucuronic acid (GlcUA) and muramic acid (Mur) were measured. In addition, the concentrations of the two amino sugars galactosamine (GalN) and glucosamine (GlcN) were determined. The detection limit for the method was 1 nmol L-1. Values for all sugar components and standard deviations can be found in Supplementary Table S2.

Extracellular Enzyme Activity

The activity of extracellular enzymes was determined by the use of fluorogenic substrate analogs (Hoppe, 1983). The rates of β-glucosidase, leucine (leu)-aminopeptidase, and alkaline phosphatase were assessed from the hydrolysis of 4-methylumbelliferyl-β-glucopyranoside, L-leucyl-4-methylcoum-arinylamid-hydrochlorid and 4-methylumbelliferyl-phosphate, respectively. The substrate analogs were added to seawater samples at final concentrations of 1, 5, 10, 20, 50, 80, 100, and 200 μmol L-1 to determine enzyme kinetics. To measure fluorescence, the infinite M200 plate reader (Tecan, Männedorf, Switzerland) was used. The fluorescence emitted by 4-methylumbelliferone (MUF) was detected at 365 nm excitation and 440 nm emission wavelengths, and that of 7-amino-4-methyl-coumarine (AMC) was detected at 380 nm excitation and 440 nm emission wavelengths. Fluorescence units were converted into concentrations of MUF or AMC after calibration with standard solutions. Enzymatic rates were calculated from the increase in MUF or AMC concentration, over time. An initial fluorescence measurement was conducted immediately after the addition of the substrate analog, followed by two measurements within 4 h of incubation in the dark at the approximate in situ temperature for the sampling day (1–8°C). The initial fluorescence was subtracted as background fluorescence from the fluorescence measured at each time point. The slope of the linear regression between incubation time and the concentration of the fluorescent marker was applied for rate calculations. Experimental data were fitted using the Michaelis–Menten equation to determine the maximum velocity (Vmax) of the enzymatic reactions. To estimate the amount of substrate hydrolyzed by β-glucosidase (β-Glcase) during the post-bloom phase, we calculated the enzymatic rate for each day using a mean post-bloom concentration of 2.13 μmol L-1 Glc. The resulting mean rate (83.05 nmol L-1 d-1) was multiplied by the number of days (26) in the post-bloom phase.

Statistical Analysis

For multivariate statistical analyses, the software package PRIMER v.6 and the add-on PERMANOVA+ (both PRIMER-E, Auckland, New Zealand) were used. The analyses were performed using Sørensen-similarity-matrices generated from square-root transformed ARISA-band-class data. To test for community assemblage differences between phytoplankton bloom phases, permutational multivariate analysis of variance (PERMANOVA) was applied. Distance-based multivariate multiple regression (DistLM) was used to calculate correlations of community composition to environmental factors, and distance-based redundancy analysis (dbRDA) was used to visualize these correlations. For this analysis, the highly collinear combined carbohydrates (colCHO, Pearson r > 0.8) Fuc, Rha, Gal, Glc, GalN, GlcN, and GlcUA were pooled.

RESULTS

Phytoplankton Bloom Development

Chlorophyll a (Chl a) was used to determine the state of the phytoplankton bloom. After low Chl a concentrations (<1 μg L-1) in February, a diatom-dominated spring phytoplankton bloom developed at the long-term monitoring station “Helgoland Roads” (54° 11′03′′N, 7° 54′00′′E). Bloom development started in mid-March and reached Chl a values of up to 12 μg L-1 in April (Figure 1A). The onset of the bloom coincided with a strong peak in dissolved inorganic phosphate (DIP) concentration and a slight increase in sea surface temperature (Figures 1C,D). The bloom development was accompanied by rising seawater pH. Salinity decreased from approximately 34 in February to approximately 31 at the end of April (Figure 1B). The phytoplankton bloom terminated in late April, likely due to the depletion of DIP and silicate (SiO2) (Figure 1D).
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FIGURE 1. Development of the spring bloom at Helgoland Roads in 2010. (A) Chlorophyll a (Chl a) concentrations and diatom abundance, (B) Temperature, salinity and seawater pH, (C) Particulate organic carbon (POC) and dissolved organic carbon (DOC), (D) Inorganic nutrients comprising silicate (SiO2), dissolved inorganic nitrogen (DIN) and dissolved inorganic phosphorous (DIP).



Organic Carbon and Carbohydrate Composition

During the bloom, POC increased with diatom abundance, reaching a maximum of 54 μmol L-1 (Figure 1B), while DOC showed a maximum value of 151 μmol L-1 at the peak of the bloom. TOC values were calculated as the sum of POC and DOC and reached maximum values of 135 and 187 μmol L-1 before and after the phytoplankton bloom, respectively. Bloom development resulted in the accumulation of tCCHO, which contributed up to 14% of TOC in the post-bloom phase (Figure 2A). The subsequent decline in tCCHO and POC lagged behind the decrease in diatom cell numbers and Chl a (Figures 1A,B and 2A). The carbon contribution of tCCHO to TOC strongly increased during the bloom (Figure 2A). Several carbohydrates in HMW-OM showed very similar temporal dynamics (Pearson r > 0.8) during spring 2010. Therefore, for the statistical analysis, glucose, galactose, fucose, rhamnose, galactosamine, glucosamine, and glucuronic acid were pooled into a single factor and designated as collinear CHO (colCHO). Its concentration strongly increased toward the end of the phytoplankton boom and maintained high values during the early post-bloom phase (Figures 2B–D). In contrast, Ara showed concentrations near the detection limit during the entire study, while GalUA revealed strong dynamics unrelated to the phytoplankton bloom. Throughout the bloom, the composition of tCCHO was dominated by neutral sugars (60–90 mol%). Glc alone contributed an average 53 mol%, with maximum concentrations of 3 μmol monomer equivalent L-1 in the late bloom and post-bloom phase (Figure 2A). Concentrations of Man/Xyl, Fuc and Gal increased with the onset of the phytoplankton bloom and maintained high values during the post-bloom phase, though maximum concentrations of 0.2–0.4 μmol L-1 were approximately an order of magnitude lower than that of Glc (Figure 2B). Man/Xyl and Fuc showed similar mean concentrations of 0.13 and 0.16 μmol monomer equivalent L-1, respectively. In the late post-bloom period, Man/Xyl strongly increased, while Fuc decreased rapidly. Rha and Ara showed comparatively low concentrations ≤ 0.1 μmol L-1 throughout the investigation period.
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FIGURE 2. Concentrations of combined carbohydrates >1 kDa (TCCHO) during the spring bloom. (A) Concentrations of TCCHO and combined glucose (Glc) and share of TCCHO in TOC (% TCCHO-TOC, TOC = POC + DOC) (B) Concentrations of neutral sugars including mannose/xylose (Man/Xyl), fucose (Fuc), galactose (Gal), rhamnose (Rha), and arabinose (Ara) (C) Concentrations of acidic sugars including gluconic acid (GlcA), glucuronic acid (GlcUA), galacturonic acid (GalUA), and muramic acid (Mur) (D) Amino sugars including glucosamine (GlcN) and galactosamine (GalN). The green shaded area represents concentrations of chlorophyll a.



The acidic sugar GalUA was a major component of tCCHO before the onset of the bloom in February, followed by strongly declining concentrations in March (Figure 2C). Concentrations increased again until the end of the phytoplankton bloom, reaching values of 0.2–0.3 μmol L-1, comparable to the concentrations of most neutral sugars, in April (Figure 2C). The other acidic sugars GlcA, Mur, and GlcUA were only present in very low concentrations (below 0.02 μmol L-1). Of those, only GlcUA increased slightly in concentration toward the end of the bloom and maintained an elevated level during the post-bloom. Amino sugars were only present at low concentrations (below 0.1 μmol L-1) (Figure 2D). However, both, GalN and GlcN concentrations increased toward the end of the bloom, with GlcN reaching values of up to 0.07–0.08 μmol L-1, higher than the concentrations of most acidic sugars during the late bloom and post-bloom phases.

Bacterial Community Composition

Particle-associated and FL bacterial communities were significantly different during the post-bloom phase (PERMANOVA; p = 0.008, 400 permutations) but were similar during the pre-bloom (PERMANOVA; p = 0.092, 10 permutations) and bloom phases (PERMANOVA; p = 0.141, 414 permutations). Both, PA and FL bacterial community significantly changed between phytoplankton bloom phases (PERMANOVA; p = 0.003, 992 permutations and p < 0.001; 999 permutations, respectively), revealing distinct temporal successions. DistLM shows that the development of PA communities is significantly related to three environmental variables. Apart from an abrupt change along a POC gradient (explaining ∼31% of total community variability) at the onset of the phytoplankton bloom, PA bacteria showed the strongest community development during the post-bloom phase, following a gradient of temperature (explaining ∼20%) and carbohydrates (colCHO, explaining ∼9%) (Table 1, Figure 3). The FL bacterial community composition strongly changed during the ongoing phytoplankton bloom and during the post-bloom phase, mainly tracking with diatom abundance (∼14%) and temperature (∼34%), respectively (Table 1, Figure 3). In total, significant environmental factors explained ∼60 and ∼48% of the variability in PA and FL communities, respectively. The richness of PA bacteria increased with rising Chl a and tCCHO concentrations, revealing a linear correlation (R2 = 0.3779, p = 0.0093) between colCHO concentration and PA bacterial richness (Supplementary Figure S1). The PA richness reached a maximum approximately 1.5 weeks after the breakdown of the bloom at persistently high concentrations of tCCHO and was followed by a steep decrease in both richness and tCCHO thereafter (Figures 2A and 4). In contrast, the richness of FL bacteria did not resemble the temporal development of Chl a or diatom cell numbers during the bloom (Figure 4).

TABLE 1. DistLM showing the correlation of ARISA-band-diversity (Sørensen) to environmental factors (sequential addition to the model).
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FIGURE 3. Distance-based Redundancy Analysis (dbRDA) of the relationship between environmental parameters and (A) particle-associated and (B) free-living bacterial communities. The analysis is based on Sørensen-similarity-matrices of square root-transformed data. Ovals (1–3) illustrate community dynamics during the different phytoplankton bloom phases.
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FIGURE 4. Temporal changes in the richness of particle-associated (PA) bacteria and free-living (FL) bacteria at Helgoland Roads, derived from ARISA band classes. The green shaded area represents concentrations of chlorophyll a.



Of the investigated microbial clades (CARD-FISH), only GAM42 (Gammaproteobacteria) showed a direct positive correlation to colCHO and to GalUA (Supplementary Table S3). Notably, these also correlated to temperature and pH, as well as POC and Chl a. Furthermore, they were correlated positively to all investigated extracellular enzymes. Although in total, Roseobacter did not correlate to any investigated parameter, the SAR11 subgroup correlated to pH and silicate. Bacteroidetes correlated to Chl a.

Extracellular Enzyme Activity

The activity of extracellular enzymes was near the detection limit from February to mid-March (Figure 5). With the onset of the phytoplankton bloom, leucine-aminopeptidase (LAPase) activity increased and maintained high levels during the bloom, reaching a maximum of 0.95 μmol L-1 h-1 in the post-bloom phase. The activity of β-glucosidase (β-Glcase) increased toward the end of the bloom, concurrent with a strong increase in tCCHO concentrations (Figure 2A). A maximum rate of 0.08 μmol L-1 h-1 was determined on May 11th. The amount of substrate hydrolyzed by β-Glcase during the post-bloom phase was estimated as approximately 2.16 μmol L-1, equivalent to approximately 72% of the total combined glucose that accumulated during the bloom (Figure 2A). The rates of extracellular phosphatase (phos), increased rapidly after phosphate depletion (Figures 1D and 5) at the end of the bloom, indicating the enhanced use of organic phosphorous by bacteria and phosphatase-releasing phytoplankton groups. The co-incidence of phosphate depletion with a pronounced increase in phosphatase activity correlates well with the increase in phosphate transporters, as reported in Teeling et al. (2012) for the year 2009. This implies that the enzymatic degradation of organic phosphorous was repressed by the accumulation of its end product.
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FIGURE 5. Activity of hydrolytic extracellular enzymes during the spring bloom. Rates for leucine (Leu)-aminopeptidase (LAPase), β-glucosidase (β-Glcase), and phosphatase (phos) are shown. The green shaded area represents concentrations of chlorophyll a.



All enzyme activities were positively correlated with seawater pH, temperature and POC but were negatively correlated to nutrients (Table 2). Phos was positively correlated to DOC. In general, all neutral tCCHO except Ara and Man/Xyl showed strong (rs > 0.7) to very strong (rs > 0.9) positive correlations with LAPase, Glcase, and phos. Furthermore, amino sugars correlated well with enzyme activities. β-Glcase and LAPase activity were very strongly (rs > 0.9) correlated with Fuc, while LAPase was correlated very strongly (rs > 0.9) with Gal. Man/Xyl correlated with only amino-peptidase and phos, but not β-Glcase. The amino-sugars correlated well with enzyme activities. Glc-URA was the only acidic sugar showing a significant correlation with enzyme activities.

TABLE 2. Spearman correlation (p < 0.05) of different carbohydrates and environmental factors to extracellular enzyme activity of β-glucosidase (β-Glcase), leucine amino peptidase (LAPase), and phosphatase (phos).
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DISCUSSION

The present study is the first field study combining a detailed analysis of the monomeric composition of polysaccharides in seawater with an investigation of bacterial community composition and the activity of hydrolytic extracellular enzymes. Multivariate statistics were applied to investigate the relationship between the temporal development of the bacterioplankton community and environmental parameters during the spring bloom. Correlations cannot prove or disprove functional relationships but are a valuable measure of the relevance of certain environmental controls on communities and activities. The discussion addresses the temporal development of carbohydrate composition, bacterioplankton community composition and enzyme activities. Furthermore, it aims to reveal potential links between the succession of bacterioplankton and major abiotic and biotic factors during the spring bloom at Helgoland Roads.

The Contribution of Combined Carbohydrates to Organic Matter during Phytoplankton Bloom Development

Phytoplankton spring blooms are events of high OM input into marine systems. The diatom spring bloom investigated at Helgoland Roads in 2010 showed a maximum Chl a concentration of approximately 12 μg L-1, similar to concentrations reported for the southern North Sea (Veldhuis et al., 1986) but twofold lower than at Helgoland Roads in 2009 (Teeling et al., 2012). The investigated bloom sustained an average POC concentration of 29 μmol C L-1, well within the range observed previously in the German Bight (Rink et al., 2011) and comparable to values found in springtime in the eastern North Atlantic (Engel et al., 2012). Average DOC concentrations of 116 μmol C L-1 and tCCHO concentrations of 2 μmol monomer equivalent L-1 determined in our study are approximately 30% higher than in the eastern North Atlantic Ocean (Engel et al., 2012). The contribution of tCCHO to TOC at Helgoland Roads averaged 8.3%, similar to the percentage of neutral sugars in the TOC of the NW-Mediterranean Sea in April (Jones et al., 2013) but approximately fourfold higher than at the oligotrophic Bermuda Atlantic Time-Series station (BATS) in June (Kaiser and Benner, 2009). The results of this study reveal collinear temporal dynamics of most monomeric components in combined carbohydrates (colCHO) during the growth and decline of the diatom spring bloom at Helgoland Roads. The carbohydrate composition was dominated by high shares of combined glucose. The molar percentages of the individual neutral sugars in tCCHO are more similar to the carbohydrate composition in Oregon inshore waters and Arctic waters than to the carbohydrate composition in the equatorial Pacific Ocean or the Sargasso Sea (Borch and Kirchman, 1997; Rich et al., 1997; Kirchman et al., 2001).

The contribution of tCCHO to TOC increased strongly during the late bloom phase. The coincidence of increasing tCCHO concentrations and the depletion of dissolved inorganic phosphorous and dissolved silicate suggests that enhanced phytoplankton exudation substantially contributed to the production of carbohydrate-rich OM. Laboratory studies have shown that large diatom species, in particular, release high amounts of carbohydrate-rich exudates when grown under nutrient-limited conditions (Engel et al., 2002; Passow, 2002). Diatom exudates are important precursors for the formation of marine particles. Exuded polysaccharidic gels, like transparent exopolymeric particles (TEP), provide surfaces for bacterial colonization and subsequent degradation. Furthermore, TEP play a decisive role in the formation of macroscopic aggregates that promote flocculation and sinking of biogenic material at the end of bloom events (Passow et al., 1994). Acidic sugars represent a substantial fraction of carbohydrates in TEP (Alldredge et al., 1993; Mopper et al., 1995; Passow, 2002). GalUA and GlcUA, the two acidic sugars analyzed in this study, showed very different temporal developments. While concentrations of GlcUA increased only slightly in the post-bloom phase, strong increases in GalUA coincided with rising Chl a concentrations. This accumulation of GalUA during the bloom supports the assumption of a high proportion of exudates derived from phytoplankton at Helgoland Roads. In addition to exudation, grazing has potentially contributed to the release of dissolved carbohydrates. The relatively low Chl a concentrations recorded in our study indicate a top-down control of phytoplankton by zooplankton (Lohmann and Wiltshire, 2012) that tends to lead to a release of complex carbohydrates from sloppy feeding (Storm et al., 1997).

The complex DOM released from phytoplankton is highly strain specific (Becker et al., 2014) and likely explains most of the associations of specific plankton bacteria with particular phytoplankton strains (e.g., Hahnke et al., 2013). Phytoplankton-derived polysaccharides have been shown to support clade-specific proliferation of bacterioplankton (Taylor et al., 2014). However, the species richness of heterotrophic bacteria is higher than that of autotrophs, suggesting a complex but not strictly species-related interaction between phytoplankton-derived OM and heterotrophic bacterioplankton. This is supported by the finding that relatively few strains of heterotrophic bacteria are associated with distinct phytoplankton communities (Teeling et al., 2016) and that most OM is used by generalists (Rink et al., 2007).

Succession of Bacterioplankton

A strong increase in almost all sugars in tCCHO toward the end of the bloom suggests an increase in ecological niches available to heterotrophic bacteria (Alonso-Sáez and Gasol, 2007; Teeling et al., 2012; Gifford et al., 2013). Indeed, a rapid increase in the richness of the PA bacterial community (approximately 50%) was observed within the 14 days after diatom cell numbers peaked. In that period, the concentration of colCHO (the combined concentration of collinear sugars) was a significant factor impacting the succession of the PA bacterial community. Our results suggest that the influence of carbohydrate concentration on bacterial growth and activity observed earlier (e.g., Borch and Kirchman, 1997; Rich et al., 1997; Piontek et al., 2011) might be induced by not only increasing metabolic rates at the cellular level but also changes in bacterial communities toward efficient carbohydrate degradation. A previous study conducted during the spring bloom at Helgoland Roads showed the taxonomically distinct expression of TonB-dependent transporters, implying the specialization of populations for the successional degradation of carbohydrates in different size ranges (Teeling et al., 2012). Recruitment of FL bacteria to particles cannot explain the rise in PA richness during the post-bloom phase, as PA and FL communities were very similar throughout the phytoplankton bloom. Hence, organic particles rich in carbohydrates provide beneficial niches for a distinct and diverse PA bacterial community that sustains high rates of hydrolytic enzyme activity. Furthermore, approximately three times more new ARISA band classes were detected during the post-bloom phase than tCCHO components rise in concentration. This suggests that only part of the rise in richness could be explained by specialists growing on specific monomeric carbohydrates. It seems likely that several bacterial taxa thrive on the same component or use a specific combination of different components.

Our CARD-FISH analysis, which did not distinguish between PA and FL fractions, revealed that Gammaproteobacteria (GAM42) were positively correlated to colCHO and showed higher abundances toward the end of the bloom. Further correlations of Gammaproteobacteria with POC and Chl a underline the importance of fresh OM derived from phytoplankton production for the growth of this group, which is a prominent member of bacterial communities associated with marine particles (Bižić-Ionescu et al., 2014). For the first time, this study shows that the abundance of Gammaproteobacteria is not only related to bulk OM but also to a specific OM component. TCCHO are considered a labile to semi-labile source of organic carbon, with turnover times ranging from days to months depending on molecular weight and structure. GAM42 is also correlated positively to β-Glcase, LAPase, and Phos in our study, indicating an active role in the enzymatic hydrolysis of organic particles and thereby in the transfer of carbon from the particulate to the dissolved pool.

Changes in community composition related to the concentrations of combined carbohydrates and POC during the post-bloom phase strongly suggest a partially substrate-controlled succession. Overall, the investigated factors in our study explain approximately 60 and 48% of the community variability in PA and FL bacterioplankton, respectively. Interestingly, the carbohydrate composition determined in this study does not explain the succession of bacterial communities, inferred from ARISA and CARD-FISH analysis, during the period of strongly rising Chl a concentrations (March 16th–April 20th, 2010). In addition, approximately 75% of PA ARISA band classes did not correlate with the development of carbohydrate concentrations in any bloom phase. This might be explained by the fact that carbohydrates analyzed in this study are >1 kDa and thus part of the HMW-OM. The most labile fraction of freshly produced OM includes LMW compounds, which were shown to strongly affect bacterial community composition in in vitro experiments (Gómez-Consarnau et al., 2012). It can be suggested that freshly produced LMW-OM, which is not included in our analysis, had a stronger influence on bacterial community structure during earlier bloom phases before HMW-OM began to accumulate. In addition to the factors POC, colCHO and diatom abundance (related to phytoplankton productivity), temperature had a significant effect on the composition of bacterioplankton, indicating a multifactorial environmental control of bacterioplankton by seasonal changes. In line with previous findings, FL bacteria, which are more directly exposed to conditions in the water body, were found to be susceptible to temperature changes during spring bloom development (Sapp et al., 2007). Accordingly, the FL bacterial community richness is less dynamic than the PA community, and no correlation to the composition or concentration of tCCHO was observed. Furthermore, the hydrographic history of the water mass should be considered as an important factor in shaping bacterioplankton communities. The abundance of SAR11, which constituted up to 40% of total bacterial cells in this study, is related to salinity changes in the southern North Sea that track with the dynamics of water masses (Sperling et al., 2012). Hence, the origin and trajectories of water masses can affect temporal developments observed in time series studies, if complex current patterns, such as those in the shallow southern North Sea prevail.

Activity of Hydrolytic Extracellular Enzymes

Extracellular enzyme activities were dependent on the phyto plankton bloom phase and were correlated to Chl a, POC, pH and temperature. Enzymatic rates show positive correlations to the fluorescence intensity of many PA ARISA band classes that can serve as a semi-quantitative measure of the abundances of individual bands (Supplementary Figure S2). In addition, the high activity of extracellular β-Glcase was observed well after the Chl a and tCCHO peaks, when PA bacterial richness was high. This indicates that for β-Glcase, high PA bacterial richness facilitates the enzymatic turnover of tCCHO. It is likely that the richer PA bacterial community produces not only high amounts of β-Glcase but also a high diversity of β-Glcase iso-enzymes (Arrieta and Herndl, 2002), thereby further enhancing the efficiency of carbohydrate hydrolysis. A study analyzing annotated prokaryotic genomes revealed that the capacity to produce extracellular enzymes varies at fine-scale phylogenetic resolution (Zimmerman et al., 2013). In line with previous studies, it can be suggested that PA bacteria are the main producers of extracellular enzymes, as they are closer to their substrates or even reside in semi-enclosed environments where they profit from the effort of producing extracellular enzymes. In contrast, FL bacteria do not appear to invest as much in extracellular enzymes, but preferentially consume carbohydrates that are suitable for direct uptake and, in some cases, subsequent hydrolysis (Teeling et al., 2016).

The rates of β-Glcase determined in the post-bloom phase are sufficiently high to drive the observed loss of tCCHO during this late bloom stage. In late April, a maximum tCCHO amount of approximately 4 μmol L-1 accumulated and was subsequently reduced by 2 μmol L-1 during the post-bloom phase. This loss of tCCHO matches well with β-Glcase activity integrated over the post-bloom phase, which could sustain the hydrolytic release of 2.16 μmol Glc L-1 within the 26 days of the post-bloom phase. In accordance with an earlier study (Arrieta and Herndl, 2002), high rates of extracellular β-Glcase were maintained even after the decline in bacterial richness. This can be explained by prolonged half-lives for excreted enzymes, in the range of days–weeks (Steen and Arnosti, 2011). The decay of the phytoplankton bloom did not result in increased FL bacterial richness, and only a few correlations of FL ARISA band classes to extracellular enzymes were found. This is in accordance with an earlier study that found no increased abundance of carbohydrate-active enzymes during post-phytoplankton spring blooms in FL bacteria at the same sampling site (Teeling et al., 2016). Therefore, it can be suggested that PA and FL bacteria mainly thrive on different forms of carbohydrates, and FL bacteria potentially profit from the pre-hydrolyzed substrates released from particles.

Little is known about the bioavailability of specific carbo hydrates in seawater for heterotrophic marine bacterioplankton in situ. In our study, high concentrations of Glc, Fuc and Gal were associated with high PA bacterial diversity. Concentrations of these sugars in tCCHO clearly decreased during the post-bloom phase, suggesting preferential degradation via bacterial activity. This observation partly corroborates findings from the Bay of Biscay, which also indicated Fuc and Gal to be actively consumed CHO. In contrast, Glc appears to be very actively processed during our study, but less dynamic in the Bay of Biscay (Engel et al., 2012). The availability of monomeric and oligomeric sugars for bacterioplankton consumption is, to a large extent, dependent on the degradability of preceding polymers. A Bacteroidetes isolate from North Sea surface waters, Gramella forsetii KT0803, showed polymer-specific transcription of polysaccharide utilization loci (PULs) for laminarin and alginate that comprised genes of surface-exposed proteins such as oligomer transporters, substrate-binding proteins, and carbohydrate-active enzymes (Kabisch et al., 2014). In particular, laminarin is a widespread polymer in the ocean that is found as a storage glucan in diatoms and brown algae, among others. It consists of glucose monomers linked by β-glycosidic bonds that can be hydrolyzed by β-Glcase. Its homopolysaccharidic structure (i.e., consisting of only one type of monomer) further facilitates efficient hydrolysis by exo-enzymes. Homopolysaccharides have been found to be preferentially utilized over heteropolysaccharides (Amon and Benner, 2003). Heteropolysaccharides consisting of Rha, Fuc, Xyl, Man, and Gal are mainly part of the cell wall (Alderkamp et al., 2007) and are excreted as extracellular polymeric substances (Hama and Yanagi, 2001). Both glucanes and heteropolysaccharides appear to contribute to the rise in carbohydrates observed during the bloom in our study. Apart from Glc in glucanes, Fuc and Gal appear to be part of labile polymers. In addition to the monomeric composition of polysaccharides, also the molecule structure of the substrate has been shown to co-determine the accessibility to extracellular enzymes (Pantoja and Lee, 1999; Arnosti, 2000, 2004). Laminarinase enzymes, for example, showed minimal activity on substrates, with similar glucosidic bonds to those of laminarin, but different sizes and secondary and/or tertiary structures, revealing that the hydrolysis rates among substrates of similar sizes but differing structures can vary considerably (Alderkamp et al., 2006). Overall, it can be assumed that the metabolic capacities of the bacterial community adapted to the chemical properties of available polysaccharides, resulting in efficient polysaccharide degradation during the spring bloom at Helgoland Roads.

CONCLUSION

The present study shows a correlation between the concentration of combined carbohydrates in HMW-OM and the diversity of PA bacteria during the development of a spring bloom, suggesting that the availability of carbohydrates contributes to the multifactorial control of marine bacterioplankton communities. Our study is in line with earlier findings demonstrating the importance of PA bacteria for total community activity (Alldredge and Silver, 1988; Herndl, 1988; Grossart et al., 2006b; Lyons and Dobbs, 2012). This highlights the additional value of analyzing bacterioplankton community composition in size-fractionated samples. As inferred from decreasing concentrations during the post-bloom phase, glucose, fucose, and galactose were preferentially utilized sugars in HMW-OM. There is growing evidence that phytoplankton primary production and OM release is susceptible to ocean change. Climate models project the shoaling of upper mixed layer depth as a consequence of sea-surface warming. Changes in the mixed layer depth can affect primary production and the timing of spring blooms and thus the pool of OM that is subject to bacterial remineralization. A mesocosm study further showed that phytoplankton growth under increasing temperature accelerates carbohydrate accumulation (Engel et al., 2011). In addition to warming, the dissolution of increasing anthropogenic CO2 in seawater, referred to as ocean acidification, can significantly affect phytoplankton productivity. A mesocosm experiment revealed that elevated pCO2 increased primary production in Arctic plankton communities (Engel et al., 2013). In the same experiment, the PA bacterial community richness was shown to be higher in mesocosms at elevated pCO2 (Sperling et al., 2013). Increasing exudation has been suggested as a physiological strategy for Emiliania huxleyi, a bloom-forming coccolithophore, to grow under a condition of elevated pCO2 and low nutrient availability (Borchard and Engel, 2012). Combining results from fieldwork and experiments, it can be suggested that carbohydrates, the primary product of photosynthesis, have high potential to mediate the effects of ocean change on bacterioplankton community structure and function (Supplementary Figure S3).
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FIGURE S1 | Richness of particle-associated (3–10 μm) bacterioplankton vs. the concentration of colCHO (R2 = 0.3779, p = 0.0093).

FIGURE S2 | Percent of particle-associated and free-living ARISA band classes (fluorescence intensity) correlating (Spearman Rank Correlation; rs > 0.5, p < 0.05) to the maximum velocity (Vmax) of the extracellular enzymes β-glucosidase (β-Glcase), leucine aminopeptidase (LAPase) and phosphatase (phos) during spring 2010 at the Helgoland Roads sampling station.

FIGURE S3 | Schematic representation of a mechanism for secondary effects of ocean change on bacterioplankton community and activity.

TABLE S1 | Analyzed carbohydrates and abbreviations.

TABLE S2 | Concentrations of tCCHO components in nmol L-1.

TABLE S3 | Spearman correlation (p < 0.05) of FISH-counts to environmental factors (abiotic and biotic), concentrations of selected carbohydrates, and extracellular enzyme activities of β-glucosidase (β-Glcase), leucine amino peptidase (LAPases) and phosphatase (phos). Ø = no significant correlation; + = modest positive correlation (rs > 0.4), ++ = strong positive correlation (rs > 0.7), +++ = very strong positive correlation (rs > 0.9), - = modest negative correlation (rs < -0.4), -- = strong negative correlation (rs < -0.7).
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In this study we report the formation of marine oil snow (MOS), its associated microbial community, the factors influencing its formation, and the microbial response to crude oil in surface waters of the Faroe-Shetland Channel (FSC). The FSC is a subarctic region that is hydrodynamically complex located in the northeast Atlantic where oil extraction is currently occurring and where exploration is likely to expand into its deeper waters (>500 m). A major oil spill in this region may mirror the aftermath that ensued following the Deepwater Horizon (DWH) blowout in the Gulf of Mexico, where the massive influx of Macondo crude oil triggered the formation of copious quantities of rapidly sinking MOS and successional blooms of opportunistic oil-degrading bacteria. In laboratory experiments, we simulated environmental conditions in sea surface waters of the FSC using water collected from this site during the winter of 2015. We demonstrated that the presence of dispersant triggers the formation of MOS, and that nutrient amendments magnify this. Illumina MiSeq sequencing revealed the enrichment on MOS of associated oil-degrading (Cycloclasticus, Thalassolituus, Marinobacter) and EPS-producing (Halomonas, Pseudoalteromonas, Alteromonas) bacteria, and included major representation by Psychrobacter and Cobetia with putative oil-degrading/EPS-producing qualities. The formation of marine snow, in the absence of crude oil and dispersant, in seawater amended with nutrients alone indicated that the de novo synthesis of bacterial EPS is a key factor in MOS formation, and the glycoprotein composition of the MOS aggregates confirmed that its amorphous biopolymeric matrix was of microbial (likely bacterial) origin. The presence of dispersants and crude oil with/without nutrients resulted in distinct microbial responses marked by intermittent, and in some cases short-lived, blooms of opportunistic heterotrophs, principally obligate hydrocarbonoclastic (Alcanivorax, Cycloclasticus, Thalassolituus, Marinobacter) and EPS-producing (Halomonas, Alteromonas, Pseudoalteromonas) bacteria. Interestingly, members of the Vibrionales (principally the genus Vibrio) were strongly enriched by crude oil (with/without dispersant or nutrients), highlighting a putative importance for these organisms in crude oil biodegradation in the FSC. Our findings mirror those observed at DWH and hence underscore their broad relevance.
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INTRODUCTION

A distinctive feature of the Deepwater Horizon (DWH) oil spill was the formation of large quantities of marine oil snow (MOS) that were observed in profuse quantities on the sea surface near and around the blowout (Passow et al., 2012). MOS was observed by scientists on the first research cruise that reached the spill site within 2 weeks from the onset of the spill on April 20 of 2010, and it sparked intense interest to understand the factors that triggered and influenced its genesis and evolution. MOS can be described as mucilaginous floating organic particles of >0.5 mm in diameter containing oil droplets embedded within its amorphous matrix. By June 2010, a little over a month after the onset of the spill, MOS was no longer visible at DWH and it is now understood that it had rapidly sedimented – a process termed MOSSFA (Marine Oil Snow Sedimentation and Flocculent Accumulation) – taking with it a significant fraction (ca. 14%) of the Macondo oil to the seafloor (Valentine et al., 2014) – it was found deposited east of the DWH spill site in the DeSoto Canyon region (Brooks et al., 2015) and further afield in the Gulf of Mexico (Valentine et al., 2014; Chanton et al., 2015; Romero et al., 2015).

It has been suggested that MOS formation may be a consequence of the interaction between oil and suspended organic matter, including dispersants (Fu et al., 2014; Kleindienst et al., 2015a) and eukaryotic phytoplankton cells (Passow, 2016). In roller-bottle experiments performed under conditions simulating sea surface conditions during the DWH spill, EPS produced by oil-degrading bacteria enriched in sea surface oil slicks was shown to trigger MOS formation (Gutierrez et al., 2013), and similar results were observed with EPS produced by axenic cultures of eukaryotic phytoplankton (van Eenennaam et al., 2016). Furthermore, Ziervogel et al. (2012) demonstrated that the suspended MOS particles acted as ‘hotspots’ for microbial oil-degrading activity, and Arnosti et al. (2016) showed MOS particles contained an associated bacterial community that was distinctly different from the free-living community in the surrounding seawater. Whilst the underlying mechanism(s) affecting the formation of MOS have yet to be properly understood, various factors, such as hydrodynamic conditions, collision rate of suspended particles, particle coagulation and flocculation and interaction of oil components with microorganism may be important in this process (Passow et al., 2012).

Considering that one of the largest reservoirs of organic matter on the Earth is found in the oceans, existing in the form of dissolved organic matter (DOM) – ca. 6.9 × 1017 g C, which is comparable in mass to the carbon in atmospheric CO2 (Hansell and Carlson, 2001) – its role in MOS formation has been a focus of many recent reports. DOM can play various functions and important roles in chemical, biological and physical oceanography, and is involved in fueling the microbial loop and in generating gasses (CO, CO2) and nutrients (Pomeroy, 1974; Azam et al., 1983). Much of this marine DOM is produced and released by bacteria and eukaryotic phytoplankton as extracellular polymeric substances (EPS) (Decho, 1990; Santschi et al., 1999). These are high molecular-weight polymers that are mainly composed of monosaccharides, but can also contain non-carbohydrate substituents (e.g., amino acid groups). A number of studies have reported large quantities of EPS in sea surface and deep-sea environments, including Antarctic marine waters (Mancuso Nichols et al., 2004 and references therein). Marine bacteria can contribute large quantities of EPS to the total DOM pool in the ocean (Azam, 1998), a large fraction of which exists as glycoproteins (Long and Azam, 1996; Verdugo et al., 2004). Since EPS, in particular those produced by marine bacteria, are endowed with an overall negative charge that is largely conferred by carboxyl groups of uronic acids (Kennedy and Sutherland, 1987), these acids have been implicated in the capacity of EPS to complex with metals (Gyurcsik and Nagy, 2000; Bhaskar and Bhosle, 2005). For example, at hydrothermal vents where these polymers are found, they can participate in complexing metal ions or radionuclides and contribute to their mobility and entry into the food web (Mancuso Nichols et al., 2004 and references therein). Some studies have also shown that uronic acids can confer EPS with an ability to interact with and increase the dissolution of hydrophobic organic chemicals, such as oil hydrocarbons (Janecka et al., 2002; Gutierrez et al., 2008, 2009). Amino acids and peptides, which are also often found associated with marine bacterial EPS, can also confer amphiphilic characteristics to these polymers and hence ability to interact with oils (Decho, 1990; Wolfaardt et al., 1999; Gutierrez et al., 2009).

Following a deep water oil spill, there are multiple stages of evolution for the oil, the first stage of which is rapid and concerns a non-hydrostatic release and adjustment of a buoyant plume from the wellhead. Uncontrolled and without intervention, the oil rapidly rises to become a surface slick in a matter of hours. Intervention with dispersants, however, can effectively emulsify a proportion of the oil and reduce its buoyancy, reminiscent to that during the DWH spill, which led to the formation of a massive subsurface oil plume at 1000–1300 m depth. With oil exploration expanding into more challenging environments, such as the Arctic and in deeper waters, it is necessary to instigate studies that aim to understand the fate of oil in these types of environments. One region of interest is the Faroe-Shetland Channel (FSC), which is located between the Faroe Islands (Faroese plateau) and the Shetland Islands (Scottish continental shelf) located ca. 100–150 miles north of Scotland’s most northerly mainland point. The FSC is a subarctic region defined by a dynamically complex confluence of different water masses, defined by active water mixing zones, variable physical conditions and large water masses flowing in opposite directions (Berx et al., 2013); it is the ‘spaghetti junction’ of Icelandic, Norwegian and Atlantic currents. Current oil extraction in the FSC occurs at depths down to ca. 500 m, though oil exploration may expand in the future to depths down to 1500 m. In the event of an oil spill in the FSC, the formation of MOS and its subsequent sedimentation to the seafloor by the process of MOSSFA could cause significant impacts to sensitive benthic ecosystems in these waters, such as rich communities of sponge fauna, the scleractinian coral Lophelia pertusa, polychaetes and anemones (Frederiksen et al., 1992; Howell, 2010).

Since the formation of MOS and how oil-degrading communities respond to oil contamination can differ substantially both in space and time in the global ocean, here we investigate MOS formation and the microbial community response to crude oil in surface waters of the FSC, and compare and contrast this to the Gulf of Mexico. We explore this using a deep-sequencing approach with the surface seawater treated with and without nutrient and dispersant amendments, and discuss the role of natural seawater EPS, dispersants and nutrients in influencing MOS formation in the FSC, and of the MOS-associated bacterial community. The findings of this work are anticipated to provide a greater level of understanding on MOS formation and the microbial community response in the FSC as a reference of a contrasting Atlantic water body to the Gulf of Mexico, and to help predict where the oil could end up on the seafloor in the event of an oil spill in this region.

MATERIALS AND METHODS

Field Samples

During a research cruise on the MRV Scotia on 15 December 2015, sea surface water samples were collected from a depth of 5 m in the FSC (60°38.12′ N, 4°54.03′ W; temp. 8.7°C) at approximately 10 km from the Schiehallion oilfield. Sampling was conducted along the Fair Isle-Munken (FIM) line, which is a sampling transect that runs between the Faroe and Shetland Isles. The water samples fall within a water mass defined as Modified North Atlantic Water (MNAW) which originates from the Faroe Islands and travels in a south to south-westerly direction through the FSC before diverging at the south end of the FSC (Figure 1). MNAW is a warm and saltier Atlantic water mass compared to the underlying Arctic/Icelandic cold-water masses that are found at depths from 400 to 1500 m in the FSC (Berx et al., 2013). The water samples were immediately stored at 4°C aboard the ship in 10 L carboys and used within 1 week for the preparation of water-accommodated fractions (WAFs) and in enrichment experiments with crude oil, dispersant and/or nutrient amendment.
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FIGURE 1. Map representing the stations studied along the FIM section of the Faroe Shetland channel. The solid point shows the station sampled in this study.



Water-accommodated Fractions

A WAF is defined as a laboratory-prepared medium containing dispersed and solubilized crude oil hydrocarbons/droplets by mixing a bulk liquid (e.g., seawater) with crude oil, and subsequent removal of the non-dispersed/solubilised oil. Here, WAF was prepared following the method of Kleindienst et al. (2015b). Briefly, seawater collected from the FSC was first passaged through 0.22 μm filters to remove microbial cells, with the exception that the filtrate was not pasteurized as described in the method of Kleindienst et al. (2015b). Heat treatment could alter seawater chemistry, in particular the molecular integrity of DOM, such as bacterial EPS which was found to play a direct role in MOS formation during the DWH oil spill (Gutierrez et al., 2013). A 100-mL volume of the filter-sterilized seawater was amended with 17.6 mL of pre-filtered (0.22 μm) Schiehallion crude oil (provided by BP) from the offshore Schiehallion oilfield located approximately 175 km west of the Shetland Isles. Seawater amended with only dispersant comprised 100 mL of the filter-sterile seawater and 1.76 mL of Superdispersant-25, which is a UK-approved dispersant. The effective dilution of the dispersant in seawater (dispersant-to-seawater ratio, v/v) was 1:10, which is a dilution that is recommended by the oil and gas industry (Approved oil spill treatment products, Government UK, July 2016). Chemically enhanced WAF (CEWAF) medium was prepared with 100 mL of sterile seawater amended with 17.6 mL of filtered Schiehallion crude oil and 1.76 mL of Superdispersant-25 – the effective dilution of the dispersant in this treatment was also 1:10.

The various mixtures of sterile seawater (SW) amended with oil (WAF), oil+dispersant (CEWAF) and solely dispersant (SW+D) were mixed on a rotary magnetic stirrer at 140 rpm for 48 h at 7°C in the dark in clean sterile (acid-washed) 500-mL glass bottles. The mixtures were allowed to stand for 1 h and then the aqueous phases (avoiding non-dispersed/solubilized oil or dispersant) were sub-sampled into clean (autoclaved and acid-washed with 5% nitric acid) screw-capped glass tubes with Teflon caps. These WAF, CEWAF and SW+D solutions were stored at 4°C and used within 48 h for the various microcosm experiments. Treatments containing nutrients – i.e., seawater+nutrients (SW+N) and CEWAF+nutrients (CEWAF+N) – were amended with 10 μM ammonium chloride, 10 μM sodium nitrate and 1 μM potassium phosphate (final concentrations).

Microcosm Setup and Sampling

To examine the microbial response and formation of MOS in sea surface waters of the FSC when exposed to crude oil, dispersant and/or nutrients, a roller-bottle design was used as previously described (Gutierrez et al., 2013). For this, four microcosm experimental treatments were setup, each prepared using 250-ml Pyrexaaa glass bottles (38 × 265 mm) that were maintained in constant and gentle motion in order to simulate pelagic seawater conditions (Jackson, 1994). Each treatment was run in duplicate and comprised of 42.75 ml of filter-sterile WAF, dispersant-only, or CEWAF (with/without nutrients) added to 150 ml of unfiltered natural seawater from the FSC. In addition, two oil-dispersant untreated controls were setup and run in parallel: one comprised seawater alone with no other additions (SW), and the second of seawater with only nutrients added (SW+N). Treatments and controls were each established in duplicates and incubated at 7°C (approx. sea surface temp. in the FSC at the time of sampling) and in the dark at a rotation speed of 15 rpm. The treatments and controls were sampled at five time points over the course of 6 weeks: T0 at day 0, T1 after 1 week, T2 after 2.5 weeks, T4 after 4 weeks, and T6 after 6 weeks. At each sampling time, the bottles were placed in an upright position to capture a photographic record of MOS formation. Sub-samples of water were also withdrawn for DNA extraction and DAPI cell counts (see below); care was taken not to capture MOS particles in order to quantify bacterial abundance in the free-living fraction.

Visible aggregates were carefully withdrawn using glass Pasteur pipettes and transferred to 1.5-ml microcentrifuge tubes for staining with the cationic copper phthalocyanine dye alcian blue (AB) at pH 2.5 (Alldredge et al., 1993) or the amino acid-specific dye coomassie brilliant blue G (CBBG) at pH 7.4 (Long and Azam, 1996). AB is used for staining acidic sugars of EPS or transparent exopolymer particles (TEP) in seawater, whereas CBBG is used for staining the proteinaceous component of these polymeric substances. Following staining, the aggregates were washed by transferring them through several droplets of sterile water prior to their examination under the light microscope. To directly examine the prokaryotic community under the microscope, MOS particles were also stained with acridine orange (AO) (Francisc et al., 1973) for imaging with a FITC filter on a Zeiss Axioscope epifluorescence microscopy (Carl Zeiss, Germany). Moreover, the treatments and controls were observed daily over the course of the experiment for detection of any visual change, such as turbidity, emulsion and/or MOS formation.

Genomic DNA Extraction

DNA was extracted from the original natural seawater collected from the FSC and from subsamples taken from each of the treatments and controls of the 6-week roller-bottle experiment. For this, ten milliliter samples were filtered using a glass column filtration system (Millipore) with 45 mm polycarbonate membrane filters (0.22 μm pore size; Isopore) and the filters stored at -20°C. The membrane filters were cut into three equal parts, and then each part placed into 1.5-mL microcentrifuge tubes and ground up with liquid nitrogen. The liquid nitrogen was allowed to completely evaporate from each tube and the contents extracted according to the method of Tillett and Neilan (2000). Purified DNA was stored at -20°C for subsequent molecular analysis.

Barcoded Amplicon Metagenomic Sequencing and Analysis

Barcoded 16S rRNA gene MiSeq sequencing, targeting the V3-V4 hypervariable region, was employed to analyze the bacterial community over the 6-weeks duration of the experiments at time points T0, T2, T4 and T6. We amplified the 16S rRNA gene in duplicate 50 μl reactions. Each reaction comprised 32 μl molecular biology grade water, 10 μl 5x MyTaq polymerase reaction buffer, 2.5 μl 4 uM primer mix, 0.5 μl MyTaq Enzyme (2.5U; BioLine), 3 μl DMSO (6%), and 2 μl gDNA. The primers used were 341f-CCTACGGGNGGCWGCAG and 785r-GGACTACHVGGGTWTCTAAT. Both primers also had Illumina MiSeq overhangs attached to their 5′ ends. Barcodes were not added at this point of PCR. Thermocycler conditions for this first round of PCR were an initial denaturation of 96°C for 1 min, 32 cycles of 96°C for 15 sec, 55°C for 15 sec, and 72°C for 30s, and a final extension at 72°C for 3 min. PCR clean-up was performed using 20 μl of the PCR product, and adding 1 μl FastAP (1U), 0.5 μl Exonuclease I (10U; both Thermofisher) and 3.5 μl molecular grade water. Conditions for the PCR clean-up reaction were 45 min at 37°C followed by 15 min enzyme denaturation step at 85°C. The purified PCR amplicons were then subjected to a second-step PCR at the sequencing facility for the addition of the Golay barcodes, which were unique to each treatment.

All samples were sequenced via the Illumina MiSeq platform (Illumina 2 × 250 V.2 kit) at the University of Liverpool Centre for Genomic Research1; sequences were demultiplexed prior to receipt at our laboratory. Subsequent processing was conducted using the MiSeq SOP (accessed: September 2016) cited within the MOTHUR program (Kozich et al., 2013). In brief, single end reads were examined using MOTHUR (v1.36.1). Contiguous sequences were constructed from paired end sample reads. All sequences with any ambiguities or homopolymers longer than eight bases were excluded from further analysis. All remaining sequences were aligned against a SILVA compatible database. All sequences were trimmed to a maximum length of 465 bases before chimeric sequences were identified and removed using UCHIME (Edgar et al., 2011). The taxonomic identity of sequences was determined by comparison to a MOTHUR formatted RDP database (v.14). Any sequence returned as unknown, chloroplast or mitochondrial were removed from further downstream analysis. Operational taxonomic units (OTUs) were clustered based on 97% sequence identity and subsampled to 35,000 sequences per sample to eliminate sampling bias during subsequent diversity examination. All sequences were deposited in SRA repository under accession number SAMN06246901.

Prokaryotic Cell Counts

To quantify prokaryotic (bacteria and archaea) cell counts, we used the DAPI (4′6-diamidino-2-phenylindole) staining technique. For this, sub-samples of water from each treatment and control of the roller-bottle incubations were fixed with 3.7% formaldehyde and stored at 4°C for a maximum of 2 weeks. The collection of MOS particles, as part of these water samples, was avoided here, as the accurate enumeration of cells associated with MOS was not feasible due to oil autofluorescence and obscured visualization of cells due to the agglomerate matrix. For each fixed water sample, 5 ml was filtered (0.22 μm) onto gridded (3 mm × 3 mm) polycarbonate filters – this volume was adjusted in order to achieve 10–150 cells per grid. The filters were mounted onto glass slides and the cells stained with DAPI (1 μg/ml) for 20 min and then counted under the Zeiss Axioscope epifluorescence microscope (Carl Zeiss, Germany). A minimum of 10 grids were randomly selected and photographed for counting of cells. The number of cells counted was calculated using the formula: N = (nb/nSq) ×Vf × (A/ASq), where N is the total number of bacteria per mL, nb is the number of bacteria counted, nSq is the number of squares counted, Vf is the volume of sea water filtered, A is the effective filter area, and ASq is the area of one square of the grid.

Statistical Analyses

Relative abundances of sequences obtained using MiSeq were compared using an NMDS plot to visualize β-diversities of each sample for both treatment and time point. An ANOSIM analysis was conducted to determine if there was any significant difference between treatments employed. Further examination of the α-diversity was achieved by generation of rarefaction curves, based on 97% sequence similarity. Moreover, Shannon-Weiner diversity indices of H’ were generated and compared using an analysis of variance to determine significant differences between diversity of treatments and time points sampled. All data was log transformed to meet the assumptions of parametric analysis.

RESULTS

MOS Formation

In the roller-bottle microcosm incubations, a rapid formation of MOS was observed within 5 days in the CEWAF+N treatment, and within 7 days in the CEWAF treatment. In both treatments the MOS particles appeared brownish, round and of ‘fluffy’ texture (Figures 2A,B). Initially, the aggregates were small (<3 mm in diameter) and exhibiting amorphous definition. With the naked eye, small oil droplets could be seen associated within the amorphous matrix of the MOS aggregates from these treatments. Over the course of these roller-bottle incubations, the aggregates were observed to become progressively less buoyant, and by week 6 they settled to the bottom of the glass tubes when held in an upright position. The size of the MOS aggregates in these incubations (CEWAF and CEWAF+N) also increased over time (from initially 2–3 mm to ∼2 cm after 4 weeks) and we posit that smaller aggregates had merged together since we observed that the absolute abundance of MOS particles (i.e., that could be counted by visual observation) had decreased over time. By week 4, aggregate size appeared to stabilize (1–2 cm average aggregate size) and remained unchanged thereafter.
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FIGURE 2. Marine oil snow aggregates shown floating at the surface of the CEWAF (A) and CEWAF+N (B) roller-bottle incubations, and Marine Dispersant Snow (MDS) aggregates shown settled at the bottom of the bottles in the SW+D treatments (C).



In the treatment of seawater with only dispersant (SW+D), however, the formation of large (size range 0.5–3 cm) white aggregates occurred within 3 days (Figure 2C), for which we propose to define hereafter as ‘marine dispersant snow’ (MDS). Aggregates of MDS were approximately 2–3 times larger in size compared to MOS aggregates that formed in the CEWAF and CEWAF+N treatments. As similarly observed for MOS particles in these treatments, MDS aggregates progressively lost their buoyancy and eventually, by week 2, settled to the bottom of the glass tubes when held in an upright position (Figure 2C). Manipulation of selected MDS aggregates on a microscope slide revealed they exhibited quite viscous/gelatinous characteristics.

In contrast, the formation of MOS was not observed in the WAF treatment, and no marine snow particles formed in the SW control incubations. However, in the SW+N treatment the formation of marine snow (no oil) was observed and these particles were comparatively small (1–2 mm) and remained so for the duration of these experiments. They were also observed to be extremely fragile and disintegrate when the incubation chamber was gently shaken.

When viewed under the epifluorescence microscope with AO staining, MOS aggregates from the CEWAF and CEWAF+N treatments appeared as amorphous ‘fluffy’ particles with associated oil droplets (large green blobs; average size range 5 to >20 μm diameter) and represented foci for the attachment of prokaryotic cells (Figure 3A). Similarly, MDS aggregates also showed the presence of associated prokaryotic cells (results not shown). Marine snow particles (without oil) that formed in the SW+N treatment, however, were observed to contain markedly fewer prokaryotic cells (Figure 3B). When viewed under the light microscope with the aid of dark field illumination, MOS aggregates partially stained with CBBG (Figure 3C) and AB (Figure 3D).


[image: image]

FIGURE 3. Formation of MOS and marine snow in the roller bottle incubations. Under the epifluorenscence microscope after staining with acridine orange, MOS (A) which formed in the CEWAF (±nutrients) treatments was populated with associated prokaryotic cells (small green dots) and oil droplets (larger green spherical/irregular blobs). Marine snow (B) that formed in the SW+N treatments contained few associated prokaryotic cells. Under the light microscope, MOS stained with coomassie brilliant blue G (C) and Alcian Blue (D). Bar, 10 μm.



Bacterial Community Composition of MOS

Barcoded 16S rRNA Illumina MiSeq technology was used to analyze the bacterial community associated with MOS and of that in the surrounding (not associated with MOS) seawater. We were limited to performing this with only the CEWAF+N treatment because MOS aggregates that formed in this treatment maintained there structural integrity and did not disintegrate when handled; MOS aggregates from the other treatments were found to be quite fragile and handling them during the initial processing steps for MiSeq sequencing resulted in them breaking up and completely disintegrating.

Figure 4 shows the bacterial community structure – at family-level classification – of MOS formed in the CEWAF+N treatment at weeks 2.5–4, presented here alongside the community of the surrounding seawater from the same roller-bottle incubation. Of a total of up to 448,754 high quality partial 16S rRNA gene sequences, the MOS bacterial community at the 2.5-week time point showed a clear dominance of members within the Alcanivoracaceae, Alteromonadaceae and Pseudoalteromonadaceae – respectively, on average 38.0, 25.5 and 22.4% of the total MOS-associated community. Minor representation (of >1%) included phyla within the Rhodobacteraceae (2.9%), Rhodospirillaceae (2.3%), Vibrionaceae (2.1%) and Piscirickettsiaceae (1.2%). In contrast, the bacterial community of the seawater surrounding the MOS aggregates from this same CEWAF+N treatment at week 2.5 was dominated by phyla within the Vibrionaceae (46.1%), with high contributions also by Pseudoalteromonadaceae (13.4%), Rhodobacteraceae (10.0%), Alteromonadaceae (9.0%), Oceanospirillaceae (5.6%), Piscirickettsiaceae (5.5%) and Alcanivoracaceae (5.3%).
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FIGURE 4. Bacterial community composition at family-level classification of MOS compared to that in the surrounding seawater in the CEWAF+N treatment at weeks 2.5 and 4.



An analysis of the major orders at the level of genus revealed some interesting groups that dominated the community associated with MOS in the CEWAF+N treatment when analyzed at the T2 and T4 time points compared to that in the surrounding seawater (Supplementary Table S1). At T2, MOS was dominated by members of the genera Alcanivorax (33–42%), Pseudoalteromonas (17–27% of total sequence reads), Alteromonas (25%), with minor representation by Sulfitobacter, Vibrio, Thalassospira, Cycloclasticus and Mesonia (collectively contributing < 10% of total reads). At the T4 time point, MOS was dominated by members of the genera Psychrobacter (48.4% of total sequence reads), Cobetia (21.6%), Thalassospira (13.8%), with minor representation by Pseudoalteromonas (4.4%), Alcanivorax (2.7%), Cycloclasticus (1.6%) and Marinobacter (1.2%). In terms of the number of 16S rRNA reads that were found enriched on MOS compared to their abundance in the surrounding seawater at the T4 time point, Psychrobacter was 970-fold higher in abundance, Marinobacter 20-fold higher, Halomonas 8.5-fold higher, Pseudoalteromonas 7.5-fold higher, Cobetia, Cycloclasticus and Vibrio 3.5-fold higher, Alteromonas 3-fold and Thalassolituus 1.5-fold higher.

Bacterial Community Dynamics in the Various Treatments

To assess the free-living (not associated with MOS) prokaryotic community dynamics in the different treatments amended with and without nutrients, dispersant or crude oil, DAPI counts were determined over the 6-week duration of these experiments at time-points T0 (start day of the experiment), T1 (after 1 week), T2 (after 2.5 weeks), T4 (after 4 weeks) and T6 (after 6 weeks). As shown in Figure 5, prokaryotic cell abundance across all six treatments at the start of the experiment (T0) was 0.8–15.0 × 104 cells/ml, and as expected cell abundance in the untreated control (SW) remained low relative to the other treatments throughout the 6-week duration of these experiments. Similarly, low prokaryotic cell abundances were achieved in the SW+D and WAF treatments (6.9 × 105 and 9.9 × 105 cells/ml, respectively). In the SW+N treatment, however, cell numbers showed the highest increase within the 1st week, and then slowing down to a steady increase over the proceeding 3 weeks, and reaching maximal abundances by week 4 (1.7 × 106 cells/ml). Prokaryotic cell abundances in the CEWAF and CEWAF+N treatments followed a similar increasing trend initially, and their dynamics diverged after about 2 weeks. Cell abundances in the CEWAF+N treatment showed the most notable increase compared to the other treatments, reaching 3.7 × 106 cells/ml by week 6.
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FIGURE 5. Prokaryotic (bacterial and archaeal) cell numbers from roller-bottle incubations of the different treatments with sea surface water from the FSC amended with or without nutrients, dispersant and/or crude oil (as WAF). SW, seawater; SW+N, seawater with nutrients; SW+D, seawater with dispersant; WAF, water-accomodated fraction; CEWAF, chemically enhanced WAF; CEWAF+N, chemically enhanced WAF with nutrients.



We note that although our DAPI counts demonstrated an expected pattern for prokaryotic dynamics in these treatments, the counts are likely to be somewhat underestimated with particularly the treatments where MOS had formed due to the high numbers of DAPI-stained prokaryotic cells associated with MOS particles (Figure 3). The enumeration of the cells was practically impossible to count accurately because of their density and localization within and on the surface of the MOS aggregates.

The diversity of the bacterial communities in the surface seawater of the FSC and their response to and dynamics in the various treatments (SW, SW+N, SW+D, WAF, CEWAF, CEWAF+N) was assessed using Illumina MiSeq technology and shown at family-level classification in Figure 6. At the commencement of these experiments (denoted by time point T0), the community was initially dominated by groups within the Alteromonadales and Rhodobacterales – collectively 96% of total sequence reads. The major genera of this T0 community constituted Colwellia (33.7%), Sulfitobacter (28.2%), Pseudoalteromonas (10.5%), Alteromonas (2.7%) and other members of the family Alteromonadaceae (22.4%) (Supplementary Table S1). Other phyla, such as the hydrocarbonoclastic bacteria Alcanivorax, Cycloclasticus, Marinobacter and Thalassolituus, as well as Halomonas that, like Alteromonas and Pseudoalteromonas, are recognized producers of EPS, were also present though in low abundance (≤0.5% for each; Supplementary Table S1). This bacterial community of the FSC sea surface in the untreated control (SW) maintained a relatively consistent structure throughout the 6-week duration of these experiments. Rarefaction analysis of a sub-set (35,000 sequences) of the 16S rRNA gene sequences showed that for no treatment was saturation of sequencing reached (Supplementary Figure S1). The OTU richness of each treatment ranged between 520 and 1,010 of identified OTUs at T1, and upon the termination of the experiment (T6) all the treatments exhibited, with the exception of SW+N and CEWAF+N, a reduction in the number of OTUs. Overall the α-diversity indices (Shannon-Weiner H’) for each treatment indicated that only SW+D and SW+N had higher diversities than were measured for the SW controls (Supplementary Figure S2A; ANOVA, F5 = 0.05326, p < 0.01). Moreover, diversity also declined overall during the period of the experiment (Supplementary Figure S2B; ANOVA, F1 = 0.1192, p < 0.01). The similarity between treatments and samples therein can be visualized in Figure 7. This indicated the similarity of each sample to all other samples examined and confirmed that there was significant dissimilarity between the bacterial communities within the treatments (ANOSIM, R = 0.6624, p < 0.001). Here it can be observed that the β-diversity most prominently differs between water types and not time points measured. Most distinct is the SW+N and SW+D treatments.
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FIGURE 6. Bacterial community composition at family level classification for each of the different treatments over the 6 week incubation period that the roller-bottle experiments were run. SW, seawater; SW+N, seawater with nutrients; SW+D, seawater with dispersant; WAF, water-accomodated fraction; CEWAF, chemically enhanced WAF; CEWAF+N, chemically enhanced WAF with nutrients.
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FIGURE 7. Non-metric multidimensional scaling (NMDS) plot showing the similarity of each sample. The stress achieved is indicated in the top right of the plot. Symbol colors signify the original treatment: SW (red); SW+N (blue); SW+D (green); WAF (purple); CEWAF (black); CEWAF+N (gray). Each time point is represented by a different symbol: T0 (square); T1 (open circle); T2 (triangle); T4 (diamond); T6 (closed circle). Ellipses shown surrounding symbols represent grouping the treatment types with 95% confidence interval.



Within the first week, this complex community of the FSC surface seawater became overlayed by opportunistic bacteria that were stimulated by the presence of either nutrients, dispersant and/or crude oil. The community in the SW+N control treatment showed a rapid enrichment of members within the order Alteromonadales, mainly of the genus Alteromonas, which remained as a dominant group (21–60%) until the termination of the experiment when their abundance decreased to ca. 8% at week 6. To a lesser extent, Neptuniibacter within the order Oceanospirillales and members of the family Flavobacteriaceae were also dominant groups that bloomed by week 2 and collectively persisted as the most dominant groups for the remaining duration of these incubations. Furthermore, a progressive enrichment of members within the Rhodobacteraceae occurred by week 1 and reached 13% of the total community by week 6. Similarly in the SW+D treatment, members of the Alteromonadales dominated the community, though this time contributed by the genera Pseudoalteromonas and Alteromonas, and their dominance persisted for the remaining duration of the experiment. However, the community showed clear, though lower, representation of groups within the Rhodospirillales, mainly contributed by the genus Thalassospira, and by members of the Rhodobacterales and Oceanospirillales, and by phyla of the class Gammaproteobacteria that included the genus Vibrio, although it bloomed (up to 10%) in only the first week. Compared to the SW and SW+N controls, the presence of dispersant in the SW+D treatment effected a clear reduction (to <1%) in the abundance of Colwellia by week 2.

In the WAF treatment, where the FSC seawater was amended with crude oil in the form of a WAF, the microbial response was distinctly different compared to the SW, SW+N and SW+D treatment. Within 1 week the community of the WAF treatment became strongly dominated by members of the Oceanospirillales, largely of the genus Halomonas (34–65%) that persisted as the major group for the remaining duration of the experiment. Other major groups included members of the Alteromonodales, largely of the genus Pseudoalteromonas but that bloomed in week 1 (up to 25%) and progressively decreased in abundance thereafter. Members of the family Rhodobacteraceae increased in abundance from week 1, reaching maximal levels (42.2%) by week 6, and a short-lived bloom of Vibrio occurred within weeks 1–2. As observed in the SW+D treatment, the abundance of Colwellia dramatically decreased in abundance, this time within week 1, in the WAF treatment.

The bacterial community response in the CEWAF and CEWAF+N treatments contrasted substantially to the controls and other treatments. Here, the bacterial community response to the oil and dispersant (in the presence or absence of nutrients) revealed a more complex pattern of microbial succession, especially when viewed at the genus-level classification, over the 6-week duration of these incubations. Within the first week, both treatments showed a strong bloom for members of the Vibrionales, principally the genus Vibrio, that then decreased in abundance by week 3 in the CEWAF+N treatment, and by week 4 in the CEWAF treatment. In parallel, a progressive decrease in the abundance for members of the order Alteromonadales occurred within the first few weeks, principally contributed by the genera Colwellia. As similarly observed in the SW+D and WAF treatments, the abundance of Colwellia in these CEWAF and CEWAF+N treatments dramatically decreased within week 1 and remained in very low abundance (<0.4%) for the remaining duration of these experiments. On the other hand, Pseudoalteromonas, also a member of the order Alteromonadales, remained at relatively high abundance for the first week in the CEWAF treatment (13.2%) and second week in the CEWAF+N treatment (13.4–14.1%) before decreasing thereafter, whereas Marinobacter bloomed intermittently at weeks 1–2 in, respectively, the CEWAF (6.5%) and CEWAF+N (6.2%) treatments. Other phyla that became strongly selected for in these oil-dispersant treatments were members of the order Rhodobacterales within the class Alphaproteobacteria, principally contributed by Sulfitobacter in only the CEWAF treatment, and other members of the family Rhodobacteraceae in both treatments, with minor representation by Hyphomonas at week 6 in the CEWAF treatment and in weeks 4–6 in the CEWAF+N treatment. Other enriched groups of Rhodobacterales included Oceanicaulis and Oceanicola in only the CEWAF treatment at weeks 2–6. Short-lived blooms of Mesonia, of the class Bacteroidetes, occurred at week 2 and in weeks 4–6 in, respectively, the CEWAF and CEWAF+N treatments.

Notably, the enrichment of the obligate alkane-degrader Alcanivorax occurred in the CEWAF treatment during the first 2 weeks and which was prolonged into week 4 in the CEWAF+N treatment before the abundance of these organisms dissipated thereafter in both of these treatments to background levels. Members of another alkane-degrader, Thalassolituus, and of the PAH-degrader Cycloclasticus were also enriched in only the CEWAF+N treatment, occurring during week 2. A less pronounced enrichment of members within the genus Thalassospira, for which some species have been described to degrade hydrocarbons, occurred in both these treatments and only toward the end of these incubations.

DISCUSSION

To our knowledge this is the first study examining the formation of MOS in northeast Atlantic waters. We specifically focused on the FSC where subsurface oil extraction is currently occurring and where exploration for oil in deeper waters (>1000 m depth) within this channel may expand in the near future. This is important given that an oil spill in the deep waters of the FSC could produce a similar oil spill as occurred during the DWH blowout in the Gulf of Mexico, and one that could be considerably more complex and difficult to combat given how much more hydrodynamic the FSC water column is compared to the Gulf of Mexico. Our findings showed that crude oil alone does not act as an inducer for MOS formation in surface waters of the FSC, and that the addition of dispersant in the presence of oil appeared to be an important factor in triggering MOS formation, as observed in the CEWAF and CEWAF+N treatments. Even in the absence of crude oil, however, aggregates formed in the SW+D treatment and resembled those observed in the experiments of Kleindienst et al. (2015b) who used water from the Gulf of Mexico supplemented with the dispersant Corexit – a dispersant that was profusely used by BP on sea surface oil slicks and pumped directly at the leaky Macondo well-head during the DWH spill (National-Commission on the BP Deepwater Horizon Oil Spill and Offshore Drilling, 2011). In both studies, these dispersant aggregates appeared white, gelatinous and viscous when handled. These findings suggest that contrasting waters – i.e., the Gulf of Mexico and FSC – can lead to the formation of dispersant-induced aggregates displaying similar macroscopic characteristics. Since the use of dispersants in a marine setting is mainly as a contingency to combat oil spills, the SW+D treatment acted as a semi-control to test the effects of the dispersant on the microbial community in our experiments and is discussed below.

The formation of MOS is likened to marine snow particles that are a crucial component of the biological pump in the ocean and defined as ‘hot spots’ for microbial activity (Long and Azam, 2001; Daly et al., 2016) where their exists a heightened level of enzyme activity and degradation rates compared to that in the seawater environment immediately surrounding these particles (Smith et al., 1992). As reported by Giani et al. (2005), the formation of marine snow correlates with specific physical conditions (water column stratification, low mixing) and biological production patterns in the water column, such as nutrient concentrations, microbial production of TEP and EPS. Furthermore, the formation and evolution of marine snow particles can vary considerably in terms of their size and content of mucilaginous matter, such as TEP and EPS (Giani et al., 2005; Passow et al., 2012) which are a matrix for marine snow formation (Passow, 2016). Our results showed that the presence of dispersant and crude oil (CEWAF treatment) yields MOS, but that oil alone (WAF treatment) does not. Furthermore, the addition of nutrients alone to seawater (SW+N treatment) triggers the formation of marine snow in surface waters of the FSC. Notably, nutrients amplified the abundance and size of MOS particles, as observed in the CEWAF+N treatment, and the structural integrity of these nutrient-aided MOS particles was more robust compared to that of their counterparts formed in the CEWAF treatment without added nutrients. van Eenennaam et al. (2016) also described the formation of fragile MOS that easily falls apart when agitated, and that the bacteria associated with eukaryotic phytoplankton, principally through their production and release of EPS, enhances MOS formation. These findings indicate that microorganisms, in particular EPS-producing bacteria, play a key role in MOS formation, and that nutrients enhanced the activities of these organisms and yielded higher concentrations of EPS in the CEWAF+N. We hypothesize that EPS then interacted with crude oil and/or dispersant to form MOS, as previously observed (Gutierrez et al., 2013). Other reports have also shown nutrient additions to seawater in influencing the formation of MOS (Kleindienst et al., 2015b; Daly et al., 2016 and references therein).

We used MiSeq sequencing to examine the bacterial taxa that were influenced by nutrients and potentially induced or upregulated the release of EPS and effected MOS formation in the CEWAF+N treatment. Hitherto, the only published study to have examined this type of community analysis for MOS was reported by Arnosti et al. (2016) who used Sanger sequencing of clone libraries to analyze the bacterial community associated with MOS that formed in roller-bottle experiments with sea surface waters from the Gulf of Mexico. As in our present study, Arnosti et al. (2016) showed their MOS aggregates harbored a bacterial community composition that was distinctly different from that in the surrounding seawater. The MOS aggregates from the Gulf of Mexico were primarily composed of oil-degrading (Cycloclasticus, Marinobacter) and EPS-producing (Halomonas) bacteria, including diverse members of the order Rhodobacterales (principally within the family Rhodobacteraceae). This corroborates our results with FSC surface waters where we identified the enrichment of these taxa on MOS formed in the CEWAF+N treatment, as well as other taxa with recognized oil-degrading (Alcanivorax, Thalassolituus, Thalassospira) and EPS-producing (Pseudoalteromonas, Alteromonas, Vibrio, Cobetia) qualities. This enrichment of bacterial taxa which specialize in oil-degradation and EPS production is consistent with the reduction in α-diversity observed in the water fractions of this study over the course of the incubations (Supplementary Figure S2B). Kleindienst et al. (2015b) used catalyzed reporter deposition in combination with fluorescence in situ hybridization (CARD–FISH) to analyze MOS aggregates from their CEWAF+N treatments with Gulf of Mexico seawater and found the aggregates were dominated by members of the class Gammaproteobacteria, including the order Alteromonadales, and in particular members of the genus Colwellia, hence suggesting that Colwellia may play an important role in MOS formation in the presence of dispersants. During incubations with uncontaminated deep water samples collected during the active phase of the Gulf oil spill, Baelum et al. (2012) also reported the formation of MOS which was also dominated by members most closely related to Colwellia. Conversely, Colwellia contributed 0.01% abundance to MOS that formed in our CEWAF+N treatments by week 4 (T4), and the abundance of these organisms decreased sharply within week 1 in all the treatments amended with dispersant and/or crude oil. Hence, these contrasting water bodies of the Atlantic region (i.e., the Gulf of Mexico vs FSC) differ with respect to the bacterial taxa associated with MOS, and potentially also its formation and fate.

Interestingly, the most dominant organisms associated with MOS were members of the genus Psychrobacter (48.5% of total community reads from T4 samples), which is a genus recognized for cold-tolerance – some have been isolated from permafrost and Antarctic waters – and reported to produce EPS (Leiye et al., 2016). These organisms have also been found in waters contaminated with crude oil in the Arctic (Deppe et al., 2005) and Antarctic Sea (Prabagaran et al., 2007), hence suggesting putative hydrocarbon-degrading qualities. Psychrobacter has not previously been reported associated with MOS, and based on its dominant abundance of the total MOS-associated bacterial community these organisms may be an important contributor to MOS formation in surface waters of the FSC and/or the degradation of oil droplets associated with these aggregates. Although, further work will be needed to better elucidate this. We posit that the collective community of opportunistic heterotrophs associated with MOS contributes two key roles. The first is in the formation of MOS, which we hypothesize is mediated by EPS of organisms such as Pseudoalteromonas and Alteromonas that were abundant taxa associated with MOS at the initial stages of its formation (T2) in our experiments. The second is to the degradation of hydrocarbons within crude oil droplets entrained within the amorphous ‘net-like’ scaffolding of MOS. We hypothesize that hydrocarbon-degradation rates are markedly higher on MOS aggregates compared to in the surrounding seawater medium. This is supported by high rates of lipase hydrolysis acitivity detected on MOS aggregates formed in roller bottle experiments with surface seawater collected from the Gulf fo Mexico during the DWH oil spill (Ziervogel et al., 2012). The enrichment of obligate hydrocarbonoclastic bacteria on MOS, such as members of the genus Alcanivorax (33–42% relative abundance of the total MOS community) identified in our experiments, indicates MOS as a niche environment where oil biodegradation activities may be significantly elevated compared to that in the surrounding seawater environment. By week 4 the Alcanivorax population associated with MOS had decreased to <3% of the total community, suggesting that the bulk of the n-alkane hydrocarbons, which these organisms preferentially use as carbon substrates, had become sufficiently depleted on the MOS aggregates. This assumes these organisms had detached from the MOS aggregates to find new sources of utilizable hydrocarbons, which corroborates with the observed increase in their relative abundance in the seawater environment surrounding these aggregates.

Considering that MOS had already been observed on surface waters of the Gulf of Mexico during the DWH oil spill before BP had begun their operation of spraying tons of dispersants (Passow et al., 2012), and laboratory roller-bottle experiments without added dispersants showed the rapid formation of MOS (Ziervogel et al., 2012; Gutierrez et al., 2013), MOS formation is very likely a biologically driven process. Halomonads, in particular, are commonly linked with the production of large quantities of EPS (Quesada et al., 1994; Béjar et al., 1998; Calvo et al., 1998, 2002; Arias et al., 2003; Gutierrez et al., 2007), and like for many other EPS-producing marine bacteria (e.g., Alteromonas, Pseudoalteromonas), they can contribute large quantities of EPS to the total DOM pool in the ocean (Azam, 1998). In fact, a large fraction of the DOM in the ocean is of glycoprotein in composition (Long and Azam, 1996; Verdugo et al., 2004), which is consistent with the composition of marine bacterial EPS (Mancuso Nichols et al., 2004; Gutierrez et al., 2007; Hassler et al., 2011). This concurs with our observation of MOS aggregates under the microscope after staining with AB or CBBG, which revealed marine snow formed in the SW+N treatments and MOS formed in the CEWAF and CEWAF+N treatments is largely composed of glycoprotein, and is evidence that it is of biogenic (likely bacterial) origin.

It has been suggested that MOS formation is initiated via the physicochemical interaction between oil droplets, microbial cells and biopolymer – the latter likely of microbial origin (Passow et al., 2012). Our results showed that the presence of a dispersant (Superdispersant-25) enhances MOS formation, as observed in the CEWAF treatment and reported elsewhere using the dispersant Corexit that was used at DWH (Fu et al., 2014). Nutrients were, however, found to amplify the abundance and size of MOS, as observed in the CEWAF+N treatment. However, the fact that marine snow was formed in the SW+N treatment, without any added dispersant, suggests that MOS formation is indeed a biologically driven process that likely involves endogenous DOM in seawater (in the form of TEP and EPS) and which is likely enhanced by the de novo synthesis of EPS by EPS-producing bacteria. This is supported by the diversity of EPS-producing taxa we identified enriched on MOS that formed in the CEWAF+N treatment. Correlating this to the Gulf of Mexico environment where profuse quantities of MOS were observed during the DWH oil spill, Lin and Guo (2015) found elevated levels of dilute-HCL-resistant polysaccharides (HR-PCHO) abundance and total dissolved carbohydrates-to-dissolved organic carbon (TCHO/DOC) ratio at some sampling stations. This likely resulted from enhanced microbial production of EPS due to the presence of oil components and nutrient inputs from the Mississippi river (Muschenheim and Lee, 2002; Khelifa et al., 2005).

The CEWAF and CEWAF+N treatments simulated the application of a UK-approved dispersant (Superdispersant-25) and of nutrients – approaches that are often used as a bioremediation strategy for combatting marine oil spills – to investigate the microbial response in surface waters of the FSC. Although we did not conduct measurements for nutrient concentrations, the observed increase in prokaryotic cell abundance, as well as significantly greater α- and β-diversities, in the SW+N treatments is indicative that nutrients are a significant limiting factor in surface waters of the FSC. In support of this, experimental studies in the North Atlantic have shown that bacterial growth can be restricted by the availability of PO43- (Cotner et al., 1997; Rivkin and Anderson, 1997; Caron et al., 2000). Interestingly, Kleindienst et al. (2015b) observed highest prokaryotic cell abundances in WAF treatments by the end of their experiments, whereas we reported highest abundances in the CEWAF+N treatments. This difference across these two studies may be explained by differences in endogenous concentrations of nutrients in the Gulf of Mexico compared to in the FSC that could support growth without addition of an exogenous carbon source (e.g., crude oil or dispersant). Differences in crude oil constituents and their solubility, as well as concentrations of labile/semi-labile DOM between these studies should also be considered. We also measured higher cell abundances in the CEWAF treatments compared to in the WAF treatments. Taken collectively, these results suggest that the presence of dispersant, and particularly added nutrients, stimulate microbial growth in FSC surface waters when contaminated with crude oil. Whether any microbial group was able to degrade and grow on the dispersant used in this study (Superdispersant-25) remains to be investigated.

Our microbial community analysis of FSC surface waters indicated that members of the order Alteromonadales and Rhodobacterales constituted the dominant proportion (96%) of total sequence reads – lineages which are consistently found and often in high relative abundance in surface waters of the Gulf of Mexico (Yang et al., 2016) and open-ocean Atlantic (Swan et al., 2011). However, the exception was a lack of representation by the SAR11 clade, which is a major group that is commonly found in pelagic waters (Morris et al., 2002) and, quite possibly, because this group has been shown to be susceptible to oil pollution (Lanfranconi et al., 2010; Chronopoulou et al., 2015). Whilst we are planning to analyze whether the surface waters of the FSC are contaminated with hydrocarbons, as might be likely due to the prevalent oil extraction activities occurring in these waters and in those of the adjacent North Sea, the presence of hydrocarbon contaminants could explain the undetectable presence of these organisms in our sequencing libraries. Colwellia is a genus of psychrophilic marine heterotrophic generalists, which expectedly was found in the cold surface waters of the FSC, but atypically in quite high relative abundance. Unlike the rapid colonization of these organisms in sea surface oil slicks and subsurface oil plume in the Gulf of Mexico during the DWH spill (Redmond and Valentine, 2012; Yang et al., 2016), the dramatic decline of Colwellia in our experiments amended with dispersant, crude oil or both suggests that these organisms may too be susceptible to hydrocarbons in FSC surface waters and to synthetic dispersants, such as Superdispersant-25. Their rapid reduction in the SW+N treatment, however, suggests that these organisms may also suffer a competitive disadvantage to other members of the community during periods of spiked nutrient influxes. Colwellia in the surface waters of the FSC may be physiologically inclined as strict oligotrophs. This in contrast to certain oligotypes of Colwellia that were identified in the Gulf of Mexico with a predilection for degrading and growing on the dispersant Corexit and crude oil (Kleindienst et al., 2015b). Of further interest, surface waters of the FSC contained a dominance of Sulfitobacter (up to 28%), which is a sulfite-oxidizing member of the Alphaproteobacteria within the Roseobacter clade (Buchan et al., 2005). The abundance of these organisms dramatically fell and was sustained at low levels (often < 2%) by the presence of either exogenous nutrients or crude oil. However, in the presence of dispersant (+/- crude oil and nutrients), an initial dramatic reduction in their abundance was followed by their recovery to abundances >5% and as high as 50%. Since Superdispersant-25 is a sulfur-containing dispersant, it is likely that certain members of the Sulfitobacter community sustained a relative high abundance in these dispersant-amended treatments because they were capable of feeding on the sulfur constituent as an energy source.

The presence, albeit in relative low abundances (<0.6%), of obligate hydrocarbonoclastic bacteria (Alcanivorax, Cycloclasticus, Oleispira, Thalassolituus) – organisms that are recognized as key players in the biodegradation of crude oil and its refined petrochemical products in the marine environment (Yakimov et al., 2007) – was not unexpected, and included representation of the ‘generalist’ oil-degrader Marinobacter. These organisms are typically found at background levels in the global ocean (Yakimov et al., 2007). With the exception of Oleispira, the intermittent (1 week) or sustained (over several weeks) bloom of these organisms in the CEWAF and/or CEWAF+N treatments is reminiscent of their strong enrichment in oil-impacted environments where they can be expected to increase in numbers from near undetectable levels. Other taxa that were also strongly selected for in these treatments included Halomonas, Alteromonas and Pseudoalteromonas – genera that contain members with reported hydrocarbon-degrading capabilities, though are more commonly associated with producing EPS (Béjar et al., 1998; Calvo et al., 1998, 2002; Arias et al., 2003; Mancuso Nichols et al., 2004; Bhaskar and Bhosle, 2005; Gutierrez et al., 2007, 2008, 2009, 2013). Interestingly, a study that investigated the response of pelagic bacterial communities to crude oil in the North Sea showed that the most dominant responder was Pseudoalteromonas (10-fold enrichment), with practically no detection for any of the obligate hydrocarbonoclastic taxa; however, denaturing gradient gel electrophoresis (DGGE) of the bacterial 16S rRNA gene was used for analyzing microbial community profiles in this study which, based on its limited coverage for capturing near total diversity, will likely have missed less abundant taxa (Chronopoulou et al., 2015). Nonetheless, this highlights how different water bodies, even those adjacent to each other at the same or proximal latitude, can yield differential microbial community responses to crude oil contamination, which may be attributed to, though not always entirely, to a predilection of certain taxa to hydrocarbons.

Interestingly, a short, but strong enrichment in the CEWAF and CEWAF+N treatments for members of the Vibrionales – principally the genus Vibrio – revealed that these organisms may participate in the degradation of crude oil in FSC surface waters. The enrichment of these organisms is not frequently observed at contaminated sites in the marine environment, although there are snippets in the literature reporting on the enrichment of these organisms by crude oil. For example, members of the Vibrionales were found enriched in beach sands of the Gulf coast that had become contaminated with Macondo oil from the DWH spill, and several oil-degrading Vibrio spp. were isolated and found to degrade hydrocarbons (Kostka et al., 2011). Also, a 91-fold increase in the relative abundance of Vibrionales was detected in oil contaminated sea surface oil-slick water samples from DWH when incubated to develop anaerobically (Gutierrez et al., 2016). An analysis of the genomes of several Vibrio species found these organism capable of metabolizing hydrocarbons, including PAHs (Grimes et al., 2009). Further work will be needed to fully understand the hydrocarbon-degrading potential and role of these organisms in the FSC.

This study highlights the importance for the application of dispersants and/or nutrient-amendments in MOS formation in the event of an oil spill in the FSC. We also identified oil-degrading and EPS-producing bacteria associated with MOS, and that crude oil alone does not yield MOS in these waters. We note that the seawater used in this study was obtained from one seasonal period of the year (the winter of 2015) and that further work would be needed to explore MOS formation in waters collected during other seasons in order to provide a more conceptual understanding of this process given the unpredictability of when an oil spill might occur in the FSC. We also demonstrate that surface waters of the FSC harbor communities of hydrocarbonoclastic bacteria that positively respond to crude oil contamination, and that amending these waters with dispersant and/or nutrients could stimulate microbial community activities. Based on our findings, such approaches should be considered in bioremediation strategies in the event of a major oil spill in this region of the northeast Atlantic, although further instigative work to assess this is warranted. Essentially, the influence of dispersants on oil-degrading bacteria remains poorly understood and requires further investigation using different types of dispersants and evaluation across different water bodies. Our findings on MOS formation and the microbial response to oil in FSC surface waters mirror those observed at DWH and hence underscore their broad relevance.

CONCLUSION

Marine oil snow is possibly the most important mechanism by which oil reaches the seafloor in the event of a spill at sea. Our study shows that in the event of an oil spill in the FSC, the use of dispersants would likely lead to the formation of MOS and trigger a subsurface “dirty blizzard,” reminiscent to that during the DWH oil spill where a large proportion of sea surface oil ended up on the sea floor. In the absence of dispersant applications, the majority of surface oil is likely to remain at the sea surface. Hence, any research conducted to evaluate crude oil impacts to benthic ecosystems in the FSC would need to take into account the physicochemical state of the oil presented in the form of MOS aggregates – direct exposure of sediment samples or cores to crude oil for such investigations would be unrealistic. Our study also showed that MOS particles formed with FSC surface seawater harbor rich communities of prokaryotes, including oil-degrading bacteria, potentially acting as ‘hot spots’ where a heightened level of oil biodegradation occurs.
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FIGURE S1 | Rarefaction curves signify the α-diversity of all treatments across all sampling times. OTUs are identified based on similiarity of the 16S rRNA gene (97%). SW, seawater; SW+N, seawater with nutrients; SW+D, seawater with dispersant; WAF, water-accomodated fraction; CEWAF, chemically enhanced WAF; CEWAF+N, chemically enhanced WAF with nutrients. Sample points are: T1, (A); T2, (B); T4, (C); T6 (D).

FIGURE S2 | The Shannon-Weiner diversity indices are presented here as a boxplot comparing the α-diversity between water treatments (A) and time points (B) measured in this study.

Table S1 | Composition of MiSeq sequenced 16S rRNA gene reads, analyzed in genus-, family-, and order-level resolution for each of the different treatments.
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A major fraction of the petroleum hydrocarbons discharged during the 2010 Macondo oil spill became associated with and sank to the seafloor as marine snow flocs. This sedimentation pulse induced the development of distinct bacterial communities. Between May 2010 and July 2011, full-length 16S rRNA gene clone libraries demonstrated bacterial community succession in oil-polluted sediment samples near the wellhead area. Libraries from early May 2010, before the sedimentation event, served as the baseline control. Freshly deposited oil-derived marine snow was collected on the surface of sediment cores in September 2010, and was characterized by abundantly detected members of the marine Roseobacter cluster within the Alphaproteobacteria. Samples collected in mid-October 2010 closest to the wellhead contained members of the sulfate-reducing, anaerobic bacterial families Desulfobacteraceae and Desulfobulbaceae within the Deltaproteobacteria, suggesting that the oil-derived sedimentation pulse triggered bacterial oxygen consumption and created patchy anaerobic microniches that favored sulfate-reducing bacteria. Phylotypes of the polycyclic aromatic hydrocarbon-degrading genus Cycloclasticus, previously found both in surface oil slicks and the deep hydrocarbon plume, were also found in oil-derived marine snow flocs sedimenting on the seafloor in September 2010, and in surficial sediments collected in October and November 2010, but not in any of the control samples. Due to the relative recalcitrance and stability of polycyclic aromatic compounds, Cycloclasticus represents the most persistent microbial marker of seafloor hydrocarbon deposition that we could identify in this dataset. The bacterial imprint of the DWH oil spill had diminished in late November 2010, when the bacterial communities in oil-impacted sediment samples collected near the Macondo wellhead began to resemble their pre-spill counterparts and spatial controls. Samples collected in summer of 2011 did not show a consistent bacterial community signature, suggesting that the bacterial community was no longer shaped by the DWH fallout of oil-derived marine snow, but instead by location-specific and seasonal factors.
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INTRODUCTION

The Deepwater Horizon (DWH) oil spill released more than 4.9 million barrels of crude oil into the Gulf of Mexico (McNutt et al., 2012). Available oil budgets indicated that in total about 25% of the spilled oil was recovered or skimmed and burned, between 28 and 34% were consumed via biological oxidation in deep waters (Joye et al., 2016), 2–15% sedimented to the seafloor (Valentine et al., 2014; Chanton et al., 2015), and the remaining 32–39% did not have a clear environmental fate (Joye et al., 2016). Large amounts of marine oil-derived snow formed at the sea surface within a few days of the wellhead explosion (Dell’Amore, 2010; Passow et al., 2012). As demonstrated in lab studies, these floating oil aggregates gradually lose their buoyancy due to increasing aggregation of phyto- and zooplankton debris, fecal pellets, oily particles and droplets into a sticky matrix of microbially produced extracellular polymeric substances (Passow et al., 2012; Passow, 2016). Oil uptake by zooplankton (Mitra et al., 2012) and subsequent packaging into fecal pellets may interact with aggregate formation, or shuttle petrocarbon to the seafloor directly (Muschenheim and Lee, 2002). In addition to particle-associated transport, the dynamic deepwater hydrocarbon plume, containing an estimated 50% of the discharged oil (Joye, 2015), is likely to have impacted the slope sediments of the northern Gulf of Mexico (reviewed in Daly et al., 2016). These modes of oil transport to the seafloor are effective, as shown by several lines of geochemical evidence: the chemical composition of the sedimented hydrocarbons was congruent with Macondo oil as its source (Mason et al., 2014); widespread sedimentation of large amounts of fossil petrocarbon, equivalent to approximately 3–5% of the total carbon emitted during the Deepwater Horizon blowout, was demonstrated by analysis of C-isotopic composition (δ13C and Δ14C) in seafloor hydrocarbon deposits (Chanton et al., 2015); sedimentation rates accelerated by two orders of magnitude during summer and early fall of 2010, as determined by analyzing the 234Th inventories of surficial sediment cores (Brooks et al., 2015); coinciding with the sedimentation pulse, redox conditions in the sediment changed, and showed biogeochemical signatures of microbial metal reduction in the upper sediments (Hastings et al., 2016).

The microbial communities in the surficial seafloor sediments respond and adapt to the availability of hydrocarbon-derived substrates, and gradual depletion of electron acceptors. Oil-impacted seafloor sediments (1.5–3 cm depth) from October 2010 harbored sulfate-reducing Deltaproteobacteria with genes indicating degradation of aromatic hydrocarbons (Kimes et al., 2013). Sediments collected in 2011 near the wellhead area have yielded sequence libraries suggesting members of the methylotrophic genera Methylobacter and Methylococcus and the phyla Actinobacteria, Firmicutes, and Chloroflexi as the most abundant groups (Liu and Liu, 2013). A large-scale metagenomic survey found that in sediments near the wellhead with peak concentrations of total petroleum hydrocarbons, microbial populations were structured by the concentrations of total petroleum hydrocarbons and bioavailable nitrogen (NH3 + NO3; Mason et al., 2014), suggesting links to anaerobic denitrification (supported by recovery of the functional genes of this pathway) but also to aerobic ammonia oxidation, the first step of nitrification.

Since these studies rely on sample sets collected at one time point or within short time frames, for example during a single cruise, we complement these investigations with a longterm timeline survey of bacterial sedimentary communities from May 2010 to July 2011, using nearly full length 16S rRNA gene clone libraries for maximum taxonomic specificity. We document the distinct occurrence patterns of oil-associated family- and genus-level bacterial groups over time, and suggest petrocarbon sedimentation and changing biogeochemical niches as factors that shape these bacterial communities in near-surface seafloor sediments.

MATERIALS AND METHODS

Sampling

Our sediment samples were obtained from five different cruises (Table 1). The May 2010 samples were collected by boxcoring and subcoring on the first R/V Pelican oil spill cruise, 2 weeks after the spill occurred (Diercks et al., 2010a,b). These uniformly ochre-colored sediments from the wellhead area showed no visible oil floc deposition, had no hydrocarbon or sulfide smell, shared the low DIC concentrations (3–4 mM) of northern Gulf slope sediments (McKay et al., 2013), and lacked the redox-sensitive metal signatures of the oil-derived sedimentation pulse (Hastings et al., 2016). Thus, they provided controls for the seafloor conditions before the impact of oil-derived sedimentation. Subsequently, samples were collected by multicorer. In September 2010, oil-contaminated sediment cores were collected on R/V Oceanus; the sediment surface was now covered with floc-like deposits smelling noticeably of petroleum (Figures 1A,E), and fluorescing green under UV light. Seafloor sediments from the wellhead area with a conspicuous red-brown coloration of the upper 3–4 cm layer (Figure 1B), and well-documented concentrations of petroleum polyaromatic compounds (Woodruff, 2014), were collected in mid-October 2010 on R/V Cape Hatteras. Later sediment sample sets collected near the wellhead in late November 2010 with R/V Atlantis (Ziervogel et al., 2016b) as well as in July 2011 with R/V Endeavor retained the red-brown surface layer (Figures 1C,D), but lacked the hydrocarbon smell. The red-brown coloration represents precipitated MnO2 and ferric iron hydroxide; these metals were originally mobilized as reduced Fe2+ and Mn2+ after stimulation of microbial metal-reducing bacteria in oil-impacted sediment, and subsequently reoxidized and precipitated near the sediment surface as soon as oxidizing conditions returned; this redox signature was consistently absent in control cores (Hastings et al., 2016). All sediment cores were sectioned and stored immediately in -80°C freezers.

TABLE 1. Samples collected on multiple research cruises near the Macondo wellhead with sampling dates, depths, and geographical coordinates.
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FIGURE 1. Oil-contaminated sediment cores, characterized by a red-brown layer at the top of the gray sediment. The photos show a representative core from the RV Oceanus cruise in September 2010 (A), core GIP16 collected in Mid-October 2010 (B), core MUC19 collected at the end of November 2010 (C), and core E01801 collected in July 2011 (D). Close-up of oil-derived marine snow flocs collected from the surface of 2010 September sediment, and spread in a Petri dish, with small dark oil droplets in millimeter size (E). Surface of MUC 19 without and with UV illumination, showing the bare surface of the sediments, and the green fluorescence sheen under UV, indicating petroleum hydrocarbons (F). Seafloor map of sampling sites around the Macondo wellhead (G).



DNA and RNA Extraction from Sediments

The surface layer from each sediment sample was used for DNA and RNA extraction (Table 1). Total sediment DNA was extracted from 0.25 g of each sample by using the PowerSoilTM DNA isolation kit (MoBio Laboratories, Carlsbad, CA, USA), according to the manufacturer’s instruction manual. Sediment for RNA extraction was thawed in 4.5 M sodium trichloroacetic acid (TCA) lysis buffer (pH 7.0; McIlroy et al., 2008). The TCA lysis buffer and sample mixture was split between three baked shaking flasks that each contained 27 g 0.1 mm beads, 7 g 0.4 mm beads, 0.33 g polyvinylpolypyrrolidone, and 550 μL antifoam B. The contents of each flask were subjected to bead-beating in two intervals of 40 s at high speed in the bead beater machine (Miyatake et al., 2013). Samples were transferred to PPCO centrifuge tubes (NalgeneTM, Oak Ridge, TN, USA) and centrifuged for 20 min at 2500 rpm, 4°C. The supernatant was transferred to 50 mL Falcon® tubes with a maximum of 30 mL per tube. Nucleic acids were precipitated in 0.6 volumes isopropanol overnight at -20°C, centrifuged for 30 min at 2500 rpm, 4°C, washed with 25 mL cold 70% ethanol, and then centrifuged again for 10 min at 2500 rpm, 4°C and air dried. Precipitated nucleic acid pellets were resuspended in 20 mL distilled nuclease-free water, split into two Teflon Oak Ridge centrifuge tubes, and extracted by multiple separations with low-pH (5.1) phenol, phenol–chloroform, and chloroform. For each extraction equal volume of either phenol, phenol–chloroform, or chloroform was added to the remaining aqueous RNA solution, vortexed for 30 s, and centrifuged for 10 min at 2500 rpm, 4°C. Following each extraction the aqueous layer was transferred to a new tube and the extraction was repeated until there was a clear interface. The final aqueous sample was transferred to a clean tube and precipitated overnight at -20°C in 0.7 by volume isopropanol and 0.5 by volume ammonium acetate (Lin and Stahl, 1995; MacGregor et al., 1997). Nucleic acid pellets were resuspended in 125 μL nuclease-free water, and purified with the RNeasy RNA cleanup kit (Qiagen, Germantown, MD, USA). One or more DNase treatments, using Turbo DNase I (Thermo Fisher Scientific, Waltham, MA, USA) either on the column during RNeasy cleanup or in solution or both, were necessary to eliminate PCR-detectable DNA.

PCR Amplification and Cloning

The resuspended rRNA was reverse transcribed to cDNA first by the SuperScript® III One-Step RT-PCR system with Platinum® Taq DNA Polymerase (Thermo Fisher Scientific, Waltham, MA, USA) according to the recommended reaction conditions. Then the cDNA and the extracted total DNA were amplified with Speedstar DNA polymerase (TaKaRa, Shiga, Japan) using the bacterial primers 8f and 1492r (Teske et al., 2002) and the manufacturer’s recommended concentration for buffer, dNTPs and DNA polymerase. Each PCR reaction consisted of 2 μl DNA extract, 2.5 μl 10x FBI buffer (TaKaRa, Shiga, Japan), 2.0 μl dNTP mix, 2.0 μl 10 μM solution of primers 8F and 1492R, respectively (both primers from Invitrogen, Carlsbad, CA, USA), and 0.25 μl SpeedStar polymerase (TaKaRa), and was brought to 25 μl with sterile H2O. Amplification was performed in a BioRad iCycler Thermal Cycler (BioRad, Hercules, CA, USA) as follows: initial denaturation at 95°C for 4 min, 25 cycles of 95°C (10 s), 55°C (15 s) and 72°C (20 s), and a final 10 min extension of 72°C. PCR and RT-PCR product aliquots, including positive and negative controls, were SYBR green stained and visualized using a 1.5% agarose gel. The products were purified using the MinElute® PCR Purification Kit according to the manufacturer’s instructions (Qiagen, Valencia, CA, USA), and cloned into OneShot® TOP10 competent Cells using the TOPO TA Cloning® Kit for Sequencing (Invitrogen, Carlsbad, CA, USA) according to the manufacturer’s instructions. Transformed cells were grown on LB/Xgal/Kanamycin plates. Individual white colonies were arbitrarily picked, re-plated and sanger-sequenced at Genewiz Corporation (South Plainfield, NJ, USA) using vector primers M13 F and M13 R.

Phylogenetic Analysis

Near-complete 16S rRNA gene sequences were analyzed using Sequencher (Gene Codes, Ann Arbor, MI, USA) and compared to other sequences via the Basic Local Alignment Search Tool (BLAST) of the National Center for Biotechnology Information1 (Altschul et al., 1990). The sequences were examined for chimeras using Pintail 1.1 software (Ashelford et al., 2005). After construction of a general 16S rRNA alignment using the ARB phylogeny software package (Ludwig et al., 2004) and the SILVA 115 database (Pruesse et al., 2007), separate alignments for the Gamma- and Alphaproteobacteria were prepared with sequences for related Gammaproteobacteria and Alphaproteobacteria. Sequences of well-characterized pure cultures and described species were used for phylogenies whenever possible; otherwise, molecular phylotypes with an informative literature history were selected to anchor major phylogenetic branches of uncultured bacteria. The identifications were made based on a full-length, manually curated ARB alignment for all 2200 sequences. Phylogenetic trees were constructed and bootstrap checks (1000 reruns) of the tree topology were performed using ARB’s neighbor-joining function with Jukes-Cantor correction.

Statistical Analysis

To compare the homogeneity of the sediment 16S rRNA and rDNA clone libraries, principal coordinates analysis (PCoA) hierarchical clustering was performed by using UniFrac online program http://bmf.colorado.edu/unifrac/ (Lozupone et al., 2011) using a NJ tree generated with ARB software. X-Fig2 was used to edit image files obtained from the ARB software when necessary.

Database Access

The 16S rRNA gene sequences were submitted to GenBank and are accessible under GenBank Numbers KX172179–KX173285. Specifically, the GenBank numbers for sample C40 are KX172179–KX172328; sample C75, KX172329–KX172396; sample C82, KX172397–KX172514; sample E014, KX172515–KX172558; sample E01801, KX172559–KX172596; sample E01804, KX172597–KX172667; sample GIP08, KX172668–KX172718; sample GIP08RNA, KX172719–KX172771; sample GIP16-0-1 cm, KX172772–KX172892; sample GIP16-3-4 cm, KX172893–KX172944; sample GIP16RNA, KX172945–KX172993; sample GIP24, KX172994–KX173048; sample MUC19, KX173049–KX173105; sample MUC20, KX173106–KX173165, sample PE6, KX173166–KX173236; sample PE21, KX173237–KX173285.

RESULTS

Bacterial Community Change at Phylum or Class Resolution

The earliest sediment samples of this dataset were collected during the first oil spill cruise on R/V Pelican on May 5 and 8, 2010, during the third week after the onset of the DWH blowout (Table 1). Sediment cores PE6 and PE21 were collected 3 miles northwest and 2.7 miles southeast of the wellhead, respectively (Figure 1). Neither hydrocarbon smell nor oily flocs were found on these sediments; cores collected on the same cruise that were examined for geochemical signatures of oil floc-derived sedimentation (including core PE6) also lacked the geochemical signature of hydrocarbon-induced microbial metal mobilization that characterizes oil-impacted sediments (Hastings et al., 2016). Therefore, these sediment samples are control sediments near the wellhead that represent the microbial community baseline of surficial sediments before oil deposition. Five bacterial phyla or sub-phyla were abundant in the bacterial 16S rRNA gene clone libraries of cores PE6 and PE21: Gammaproteobacteria (15.5, 32.7%), Deltaproteobacteria (11.3, 20.4%), Bacteroidetes (9.9, 10.2%), Planctomycetes (9.9, 8.2%), and Actinobacteria (9.9, 8.2%; Figure 2; Table 2). The PE6 and PE21 clone libraries also shared the minority groups Betaproteobacteria, Alphaproteobacteria, Acidobacteria, Gemmatimonadetes, Nitrospira, and Chloroflexi. Members of the phyla Verrucomicrobia and Firmicutes were only found in PE6 but not in PE21. In general, PE6 and PE21 shared the major bacterial groups of control surface sediment in a previous Gulf of Mexico bacterial community survey (Lloyd et al., 2010).
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FIGURE 2. Phylum-level resolution pie chart plots of bacterial 16S rRNA gene clone libraries and reverse-transcript 16S rRNA clone libraries from oil polluted sediment samples (labeled with ∗) and control sites.



TABLE 2. Percentage of main phyla in 16 sediment bacterial 16S rRNA and rRNA gene clone libraries from May 2010 to July 2011.
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Recovered during the September 2010 R/V Oceanus cruise, the first oil-impacted sediment cores of this sample set were characterized by a brown, flocculent layer of marine snow-like deposits overlaying ochre-colored seafloor sediment. This overlying material contained small droplets and particles of weathered oil (Figure 1E) similar to oil droplets observed embedded in freshly formed, sinking marine snow (Passow et al., 2012); the samples were also characterized by strong petroleum smell. Three samples of oil-contaminated, recently deposited marine snow flocs from surficial sediments (C40, C75, and C82) were examined, from sampling sites 14 miles northeast, 21 miles west, and 22 miles southwest of the wellhead (Figure 1). While the Gammaproteobacteria dominated in the 16S rRNA gene clone libraries C40, C75, and C82 (23.2, 29.4, and 32.8%), the Alphaproteobacteria had become the second-most abundant group in all three samples (14.6, 13.2, 19.3%; Figures 2 and 3). This change is consistent with the alphaproteobacterial bloom detected in independent metagenomic analyses of seafloor sediments collected in September 2010 (Mason et al., 2014). Deltaproteobacteria and Bacteroidetes were still within the most frequently detected groups, but the Actinobacteria decreased to a similar level as other minority groups. The Planctomycetes contributed significantly to clone libraries of C40 and C82 (7.9 and 5.9%), but were barely found in C75 (1.5%; Table 2).
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FIGURE 3. Order, family- and genus-level identification of 16S rRNA clones representing the Alphaproteobacteria and Deltaproteobacteria in the sequence dataset shown in Figure 2 at phylum-level resolution. The y-axis shows the total number of sequences. The color key identifies the 16S rRNA gene contributions for every sediment sample. Yellow, orange, red and brown colors were chosen for oil-contaminated samples, and green and blue colors were chosen for control samples lacking visible oil impact.



One month later, more oil-contaminated cores were recovered from the wellhead area during the October 2010 R/V Cape Hatteras cruise. At sites GIP16 (1.6 miles west-southwest to the wellhead), and GIP24 (2.4 miles north-northeast of the wellhead), the reddish surface sediment layers with UV-fluorescent oil spots and petroleum odor were recovered again (Figure 1). Gammaproteobacteria (37.7, 29.1%) contributed most abundantly to the 16S rRNA gene clone libraries of both GIP16 and GIP24; the contribution of the Bacteroidetes (22.1, 18.2%) almost doubled in October compared to the September samples (Figure 2). Interestingly, Deltaproteobacteria increased sharply (17.2%) while Alphaproteobacteria decreased (7.4%) in GIP16, whereas in GIP24 both groups persisted at similar levels (9.1% Deltaproteobacteria, 27.3% Alphaproteobacteria) as in September. The remaining minority bacterial groups in total accounted for 15.6 and 16.4% in both GIP samples.

Since the oil-derived sedimentation pulse covered the pre-spill sediment surface but did not appear to be mixed in, the pre-spill sediment microbial community could have remained intact in the underlying sediment. To check this possibility, the 3–4 cm sediment layer of core GIP16, right below the red-brown colored surface sediment, was sampled and sequenced. The 16S rRNA gene clone library results showed that this sample diverged from the immediately overlying surface sediment, but it resembled the pre-spill sediment samples PE6 and PE21 collected in May 2010. The 3–4 cm layer and the surficial sediment of GIP16 shared nine microbial groups, but 13 groups on phylum and sub-phylum level were shared between GIP16 3–4 cm, PE6, and PE21 (Table 2). These three samples also shared a low proportion of Bacteroidetes and a high percentage of Planctomycetes, in contrast to the GIP16 surface sample.

A spatial reference core (GIP08) without visible hydrocarbon pollution was taken 57 miles south of the wellhead (Figure 1). Its clone library demonstrated a distinct bacterial community dominated by the highest proportion of Gammaproteobacteria (43.1%) and of Candidate Divisions OD1/OP11 (11.8%) compared to all other samples. The Bacteroidetes accounted for 11.8% (Figure 2; Table 2). The GIP08 and GIP16 3–4 cm libraries shared 12 groups, seven of which were found at less than 8% each. The Planctomycetes and Deltaproteobacteria were found in lower percentages (2.0 and 5.9%) in GIP08, compared to 11.5 and 23.1% in GIP16 3–4 cm.

To identify active bacterial groups with increased rRNA content, we compared the reverse-transcribed 16S rRNA clone libraries of the oil-impacted core GIP16 and the reference core GIP08 to each other and to their corresponding 16S rRNA gene clone libraries. The two sediments showed distinct active phylum-level groups. In the GIP16 clone library of 16S rRNA transcripts, the Bacteroidetes (32.5%) and Deltaproteobacteria (28.9%) were the two most abundant groups; the remaining 11 groups accounted for less than 8% each (Figure 2). In contrast, in the 16S rRNA clone library of GIP08, Deltaproteobacteria (21.8%), Acidobacteria (21.8%) and Alphaproteobacteria (18.2%) predominated, while other groups contributed below 10%. The Gammaproteobacteria, the dominant group in DNA-based sediment clone libraries of these samples, contributed much less in the reverse-transcribed 16S rRNA gene clone libraries (6.0 and 7.3% in GIP16 and GIP08, respectively), suggesting that the Gammaproteobacteria contributed less to overall cellular activity and rRNA gene expression than to DNA presence.

The wellhead area was revisited and resampled in late November 2010 with R/V Atlantis and submersible Alvin (Table 1). The sediment core MUC19 was recovered from approximately 1.7 miles southeast of the wellhead (Figure 1); it showed a red-brownish surface layer about 4.5 cm thick but lacked noticeable petroleum smell (Ziervogel et al., 2016b). Under UV light, MUC19 showed fluorescent spots suggesting oil in the supernatant water (Figure 1), a possible consequence of residual leakage of fresh hydrocarbons around the DWH site. A reference core MUC20 was taken 17.4 miles south-southeast of the wellhead; the entire core was evenly ochre-gray colored, and lacked the red–brown surface layer. These sediments showed similar total organic carbon and total nitrogen content, microbial cell numbers and enzymatic activities (Ziervogel et al., 2016b). While the Gammaproteobacteria (36.8%) represented the most abundant clone library group of MUC19, the proportion of Planctomycetes increased compared to the September and October 2010 surface samples, and these sequences became the second-most dominant clone library group (8.8%). All other groups accounted for less than 10% individually. In MUC20, members of the Gammaproteobacteria (35%), Alphaproteobacteria (21.7%), Planctomycetes (11.7%), and Deltaproteobacteria (11.7%) in total accounted for more than 80% of the clone library (Figure 2; Table 2).

In July 2011, 1 year after the wellhead was capped, two cores E01801 and E01804 were taken 0.26 miles from each other, ca. 2 miles south-east to the DWH site, close to the May 2010 sampling site of core PE21 (Figure 1). The cores showed the red-brown surface layer known from the 2010 oil-impacted cores. Members of the Planctomycetes, especially of the Phycisphaera mikurensis group, dominated the clone library (15.8%, the P. mikurensis group counts for 10.5%) in the surface sediment of core E01801; the Deltaproteobacteria were found in the same proportion (15.8%), followed by the Gammaproteobacteria, Actinobacteria, and Nitrospira (10.5% each), and the other nine minority groups (<8% each; Figure 2). In the replicate core E01804, the Planctomycetes accounted for only 2.8% and represented one of the 13 microbial groups that were represented in smaller proportions, whereas Gammaproteobacteria (38.0%) and Deltaproteobacteria (12.7%) dominated the library, as previously seen in PE21. Such strongly divergent bacterial communities in cores from the same marine area suggest patchily distributed seafloor communities, possibly impacted by episodic particle resuspension at the sediment/seawater interface (Ziervogel et al., 2016a). The Gammaproteobacteria, Deltaproteobacteria, and Planctomycetes appeared again as the most frequently detected phyla in the shallow-water reference core E01402 (depth 64 m) 211 miles west of the wellhead, with higher proportions of Nitrospira and Chloroflexi than in deepwater cores (Figure 2).

Bacterial Community Changes at Order, Family, and Genus-Level Resolution

In general, Alphaproteobacteria, Deltaproteobacteria, Gamma-proteobacteria, Bacteroidetes, Planctomycetes, and Verrucomi crobia occurred in high proportions in most sediment clone libraries, but their role in oil degradation remained hard to infer since the classification at phylum or sub-phylum level is not precise enough for functional or ecological inferences. Therefore, we fine-tuned our results by further analyzing the 16S rRNA sequences at the level of order, family or genus of these dominant groups.

Alphaproteobacteria

The Alphaproteobacteria in the sediments represented six family- or order-level subgroups (Figure 3), mostly the monophyletic marine Roseobacter clade. This clade is physiologically highly diversified and includes genera and species capable of aerobic or nitrate-reducing heterotrophic degradation of dissolved and particular organic substrates, oxidation of inorganic and organic sulfur compounds (Lenk et al., 2012) or carbon monoxide as auxiliary electron and energy sources, anoxygenic photosynthetic sulfur oxidation, or aromatic hydrocarbon degradation (Wagner-Döbler and Biebl, 2006). Roseobacter genome studies revealed its potential for numerous biogeochemically relevant activities, including carbon monoxide oxidation, sulfur oxidation, dimethylsulfoniopropionate demethylation, aromatic compound degradation, denitrification, and phosphonate utilization (Buchan and González, 2010). While the marine Roseobacter clade was not found in sediment clone libraries before the oil fallout had settled on the seafloor (PE6 and PE21), it dominated the Alphaproteobacteria in the 2010 September samples C40, C75, and C82. The Roseobacter clones remained conspicuous in the October sample GIP24, where they contributed 20% of the clone library (the GIP24 Roseobacter accounted for 36% of the total Roseobacter sequences derived from all samples). The Roseobacter group was still detectable in GIP16 at lower abundance (9% of total Roseobacter sequences). Reference sediments without visible oil-derived sedimentation and red-brown coloration yielded Roseobacter sequences only in small numbers or not at all. These results suggest that Roseobacter are enriched in oil-derived marine aggregates, likely in response to the availability of substituted aromatic compounds, polysaccharides and other high-molecular weight substrates derived from decaying algae, as in a typical late-stage algal bloom (Dang and Lovell, 2016). Considering that members of the Roseobacter clade were detected frequently in laboratory-generated marine flocs growing on weathered Macondo crude oil collected from the sea surface (Arnosti et al., 2016), enrichment, transport and seafloor accumulation of Roseobacter clade members in marine oil snow is plausible.

Several studies suggested that members of the marine Roseobacter cluster play an important role in alkane and PAH degradation. Culture-independent studies suggested that members of the marine Roseobacter cluster were enriched in decane, hexadecane and other alkane-degrading seawater microcosms, but may be inhibited by some components of crude oil (McKew et al., 2007). Cultured representatives of the Roseobacter cluster were isolated from mangrove sediment and seawater by using media amended with pyrene, naphthalene, fluoranthrene, or phenanthrene (Brito et al., 2006; Pinyakong et al., 2012). Aromatics degradation pathways were identified in several Roseobacter cluster genomes (Buchan and González, 2010), including in a recently described new species and genus, Tritonibacter horizontis, from DWH surface oil flocs that can utilize substituted aromatics as sole carbon source (Klotz, 2016). The decline of Roseobacter cluster phylotypes in GIP16 and after October 2010 could be linked to increasing substrate limitation, as the available substrates transitioned from short hydrocarbons to more recalcitrant ones such as PAHs. Also, the cold in situ temperatures on the seafloor of deep Gulf of Mexico slope (ca. 4–5°C; Yang et al., 2016) may inhibit the physiological activity of surface-derived Roseobacter clade populations and select against them. While Roseobacter populations native to cool environments persist in oil enrichment studies at 4°C (Coulon et al., 2007), the Roseobacter clade isolate Tritonibacter horizontis from surface oil slicks has an optimal growth temperature of 30°C, close to the sea surface temperature of 26°C at the time of sampling, and a growth temperature range of 4–45°C (Klotz, 2016). In consequence, cold-adapted sediment bacteria with otherwise similar growth requirements and ecophysiological preferences for particle attachment – for instance, members of the Bacteroidetes that were detected frequently in the October samples – could outcompete the warm-water Roseobacter clade arrivals from the sea surface (Dang and Lovell, 2016).

Deltaproteobacteria

The numerous natural hydrocarbon seeps in the Gulf of Mexico provide suitable permanent habitats for sulfate-reducing hydrocarbon-oxidizing bacteria (Lloyd et al., 2006, 2010; Teske, 2010; Kleindienst et al., 2012; Ruff et al., 2015). Here, members of the sulfate-reducing bacterial (SRB) family Desulfobacteraceae including the Desulfosarcina/Desulfococcus (DSS) clade, the Desulfobulbaceae, and two uncultured clusters (called here “uncultured sediment dwellers,” USD4 and USD5) constituted the principal deltaproteobacterial groups in these sediment samples (Figure 3). Some members of the DSS group can degrade short chain alkanes under strict anoxic conditions in coastal as well as deep seafloor sediments (Kniemeyer et al., 2007; Jaekel et al., 2013; Kleindienst et al., 2014). The Desulfobacteraceae and Desulfobulbaceae clades included sequences from the oil-polluted surficial sediments GIP24 and GIP16 (both 16S rRNA gene sequences and the reverse-transcript 16S rRNA cDNA sequences), and few sequences from non-polluted surface sediments (Figure 4).
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FIGURE 4. 16S rRNA gene phylogenetic tree of the deltaproteobacterial families Desulfobacteraceae and Desulfobulbaceae. The scale bar corresponds to 10% sequence distance (Jukes-Cantor). The phylogeny was rooted with the Gammaproteobacterium Colwellia psychrerythraea.



Members of Desulfobacteraceae and Desulfobulbaceae were previously identified at natural seeps, mud volcanoes, and gas hydrates in the Gulf of Mexico (Lloyd et al., 2010; Orcutt et al., 2010), but also from the oil spills, such as the Prestige oil spill on the coast of northern Spain (Acosta-Gonzalez et al., 2013). In this case, the evidence linked the clones in GIP16 and GIP24 to the Deepwater Horizon oil spill, not to natural seepage: the GIP16 and GIP24 cores lacked methane gas pockets, gas hydrate or porewater sulfide accumulation. In contrast to seep sediments (Lloyd et al., 2006, 2010), the Desulfobacteraceae and Desulfobulbaceae clones were limited to the surface sediment layers, except for a single Desulfobacteraceae clone from the 3–4 cm layer of the GIP16 core. Secondly, the surficial fluffy sediment showed much smaller grain sizes than the sediments below this layer, indicating a specific depositional event (Brooks et al., 2015). Furthermore, isotopic analysis using Th234 as a short-lived marker (half-life time 24 days) for fast sedimentation pulses showed this layer was deposited within a few months, which is congruent with the timeline of the oil spill (Brooks et al., 2015; Chanton et al., 2015). Finally, the phylogenetic analysis of SRB groups demonstrated that the majority of the SRB sequences from October 2010 formed distinct clades that differed from the SRB clades (SEEP-SRB1 to SEEP-SRB4; Knittel et al., 2003) that are frequently found in natural cold seeps. Most phylotypes formed sister lineages to cultured aromatics-degrading Desulfobacula and alkane enrichments within the Desulfobacteraceae, or the psychrophilic genus Desulfotalea within the Desulfobulbaceae; phylogenetic overlap of the October sediment clones with potentially seep-dwelling SRB was limited to the SEEP-SRB-1 clade (Figure 4).

The Desulfobacteraceae and Desulfobacteraceae are anaerobes, and oxic surface sediments are by no means their favorite natural habitat. The appearance of these obligate anaerobes indicates changing, increasingly reducing redox conditions within the surficial oily sediment, a conclusion supported by the proliferation of nitrate-reducing genes detected in sediment metagenomes (Mason et al., 2014), and by the geochemical imprint of microbial metal reduction and mobilization pulses in oil-impacted surficial sediments (Hastings et al., 2016). Possibly, anoxic and reducing conditions that favor the development of SRB in surficial sediment result from oxygen consumption by Roseobacter clade members and Bacteroidetes that grow on suitable hydrocarbons and organic matter of planktonic origin as carbon source. Following this scenario, heterotrophic activity could sharply lower the oxygen concentration toward the center of the oil aggregates, and generate micro-scale anoxic niches. The anaerobic SRBs could then thrive in these anoxic particles and degrade remaining recalcitrant high-molecular weight aromatic hydrocarbons. Other deltaproteobacterial subgroups, such as the Myxococcales which accumulated in oil polluted sediment after the Prestige oil spill (Acosta-Gonzalez et al., 2013), were not detected forming temporary blooms in the Gulf of Mexico sediment.

Gammaproteobacteria

Members of the Gammaproteobacteria constituting 15 subgroups were found in high proportions in all clone libraries except the sample E01801 from July 2011 (Figure 5). The most abundant group, designated JTB255, was previously found in deep cold seep sediments of the Japan Trench (Li et al., 1999), and in diverse marine seafloor environments (Teske et al., 2011). Oil input apparently did not influence the occurrence pattern of the JTB255 group (Figure 5). A polyphyletic assemblage of sulfur-oxidizer-related bacteria, and a cluster including members of the Legionellales, Coxiella and Rickettsiella, constituted the next-most abundant gammaproteobacterial groups after JTB255. Sequences of the Oceanospirillales were found in small numbers in the sediments, but they did not fall into the DWH Oceanospirillales group recovered from the hydrocarbon plume (Yang et al., 2016). The remaining minor groups include the genera Congregibacter/Haliea/Dasania, Fangia, a Kangiella-related group, Alteromonas/Pseudoalteromonas, a Balneatrix sister group, the E01-9C-26 group, a SAR156 sister group and the Thiotrichales. The genera Cycloclasticus and Colwellia accounted for small portions of the gammaproteobacterial phylotypes.
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FIGURE 5. Order, family- and genus-level identification of 16S rRNA clones representing the Gammaproteobacteria in the sequence dataset shown in Figure 2 at phylum-level resolution.



Cycloclasticus

The obligately polyaromatic hydrocarbon-degrading genus Cycloclasticus, previously cultured from Gulf of Mexico sediments amended with phenanthrene or naphthalene (Geiselbrecht et al., 1998), was repeatedly detected in oil polluted surficial sediments from September, October, and November 2010 (Figure 5). Cycloclasticus was consistently present in surface oil slick collected in May 2010 (Yang et al., 2016), in the deep hydrocarbon plume in June 2010 (Redmond and Valentine, 2012), and in post-plume deep water in September 2010 (Yang et al., 2016). Cycloclasticus phylotypes were also enriched from marine snow grown on weathered Macondo oil (Arnosti et al., 2016), in stable-isotope probing enrichments on phenanthrene (Gutierrez et al., 2013), and in sediment incubations with weathered oil slick in the lab (Yang, 2014); a pure-culture isolate from weathered surface oil slick (Cycloclasticus sp. TK-8) is now available for detailed study (Gutierrez et al., 2013). These Cycloclasticus phylotypes formed phylogenetically tight clusters; three of them consisted exclusively or predominantly of uncultured sequences from the water column and the sediment, and a fourth cluster included the previously described species and the new isolates and enrichments from Deepwater Horizon samples (Figure 6). Interestingly, these clusters obtained by full-length 16S rRNA gene sequencing also matched clusters obtained independently by high-resolution oligotyping (Kleindienst et al., 2016). Cluster 2, containing phylotypes from the sediment and water column sampled in September, October and November 2010, corresponded to Cycloclasticus ecotypes termed type 02 and 07 that accounted for the majority of Cycloclasticus phylotypes in post-plume water column samples (Kleindienst et al., 2016). Cluster 3, which contained phylotypes from sediment and water column sampled in September and October 2010, corresponded to Cycloclasticus ecotype 4, a plume population sampled in May and June 2010 (Kleindienst et al., 2016). These mixed seawater and sediment Cycloclasticus clusters indicate transportation by sinking particle flux and habitat connectivity: their members followed the continuous sedimentation of oil-derived marine snow, containing oil particles and oil-degrading bacteria, to the seafloor. Since Cycloclasticus spp. are obligate aromatic hydrocarbon degraders, the weathered oil-derived aggregates on the seafloor most likely sustained populations of Cycloclasticus spp. that had originally arrived on sinking particles. Phylotypes of Cycloclasticus persisted into the November 2010 sediments, but were no longer detected in the sediments collected in July 2011 (Figure 5).
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FIGURE 6. 16S rRNA gene phylogenetic tree of Cycloclasticus sequences derived from both water column and the surficial sediment of the Gulf of Mexico at various time points. The orange-colored clone is from May 2010 surface oil slick; red clones are from post-plume water (Valentine et al., 2010; Redmond and Valentine, 2012; Yang et al., 2016); blue clones are from surficial sediments of September, October and November 2010; green clones represent phylotypes and a new strain from oil slick incubations (Gutierrez et al., 2013) and 4°C enrichments (Yang, 2014).



Colwellia

Members of the heterotrophic bacterial genus Colwellia were continuously detected in deep hydrocarbon plumes and post-plume seawater (Valentine et al., 2010; Redmond and Valentine, 2012; Yang et al., 2016), as well as in seafloor sediments with high concentrations of total hydrocarbon petroleum (Mason et al., 2014); a new Colwellia strain was isolated from Gulf of Mexico seawater enrichments supplied with Macondo oil and dispersant Corexit (Baelum et al., 2012). In contrast to Cycloclasticus, Colwellia was found in both oily and non-oily sediments in September, October and November 2010. Although the Colwellia bloom was initially triggered during the late stage of the deepwater hydrocarbon plume (Valentine et al., 2010), the growth of Colwellia spp. does not solely depend on external hydrocarbon supply. This heterotrophic group was previously found in organic-rich sediments ranging from fish farm sediments (Bissett et al., 2006) to Antarctic continental shelf sediment (Bowman and McCuaig, 2003). Since Colwellia spp. could be autochthonous to the seafloor surficial sediment, it cannot be unambiguously linked to the oil fallout.

Bacteroidetes

Two major family level groups, the Flavobacteriaceae and the Marinifilum/Cytophaga group, increased the contribution of the phylum Bacteroidetes to the October 2010 oil-impacted samples; the rRNA survey also confirmed their high activity at that time (Figure 7). The Flavobacteriaceae increased already in the oil-contaminated sediments of September 2010, whereas the Marinifilum/Cytophaga group was not detected in the September 2010 sediments and peaked 1 month later in the October oily sediments. Here, the reverse-transcribed 16S rRNA clone library implied high activity of an uncultured Cytophaga group; relatives of this group were enriched on crude oil at 5°C, similar to the temperature at the bottom of Gulf of Mexico (Brakstad and Bonaunet, 2006). Several studies indicated that members of the Flavobacteriaceae and Cytophaga respond to the presence of hydrocarbons. In beach sediments polluted by the 2002 Prestige oil spill in northwestern Spain, members of the Bacteroidetes – mostly Flavobacteria and Sphingobacteria – accounted for up to a quarter of the bacterial clone libraries in samples that were taken 5 years later (Acosta-Gonzalez et al., 2013). Several Bacteroidetes isolates are known to participate in the biodegradation of polyaromatic compounds. For example, Yeosuana aromativorans, from estuarine sediment and seawater, is capable of degrading PAHs such as pyrene (Kwon et al., 2006; Sheppard et al., 2012), and strains of Flavobacterium sp. isolated from sewage were able to grow on biphenyl (Stucki and Alexander, 1987).
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FIGURE 7. Order, family- and genus-level identification of 16S rRNA clones representing the phyla Bacteroidetes, Planctomycetes, and Verrucomicrobia in the sequence dataset shown in Figure 2.



Planctomycetes

Within oil-impacted sediments, the phylum Planctomycetes was mostly represented by clades of cultured Planctomycetes and by the largely uncultured clade represented by P. mikurensis (Fukunaga et al., 2009), originally isolated from algae (Figure 7). Many Planctomycetes sequences were closely related to those derived from marine seafloor habitats, such as sediments in the South China Sea (Hu et al., 2010), deep sea sediment underlying two whale falls (Goffredi and Orphan, 2010), and seafloor lavas from the East Pacific Rise (Santelli et al., 2008). Their association with marine snow particles (Delong et al., 1993) and the high numbers of sulfatases in marine Planctomycetes characterize them as specialists for the initial breakdown of sulfated heteropolysaccharides in marine snow and indicate their importance for recycling carbon from these compounds (Woebken et al., 2007). In the seafloor clone libraries, Planctomycetes occur abundantly in individual samples (E01801, E01402) but do not show a preference for oil-impacted sediments; in this regard they contrast with other bacterial groups that are stimulated by fresh oil sedimentation. Clones of the Anammox clade (in marine environments, genus Scalindua) were mostly obtained from the GIP3-4 cm sample, indicating a potential enrichment in sediments below the oil-impacted surface layer.

Verrucomicrobia

Phylotypes of the Verrucomicrobia occurred in intermediate abundance in most sediment samples. Our family-and genus-level resolution analysis demonstrated divergent dynamics of the Verrucomicrobia subgroups (Figure 7). The phylum Verrucomicrobia contains a total of seven subdivisions that are not all represented by cultured strains (Hugenholtz et al., 1998; Freitas et al., 2012). The family Verrucomicrobiaceae, previously defined as subdivision 1 (Hugenholtz et al., 1998), and containing the methanotrophic genus Acidomethylosilex (Freitas et al., 2012), responded to the oil input in early September 2010, whereas members of the uncultured subdivision 5 were appeared only in mid-October 2010 (Figure 6). The representative sequences of subdivision 5 were originally cloned from the methanogenic layer of an aquifer contaminated with hydrocarbons and chlorinated solvents (Dojka et al., 1998). Therefore, members of subdivision 5 may be capable of hydrocarbon bioremediation in anoxic environments, consistent with the hypothesis of micro-scale anoxic niches at the seafloor in October 2010.

PCoA Analysis of Sediment Samples

Weighted UniFrac analysis was applied to explore control factors that shaped the clone library structure of the DWH samples using PCoA, based on the phylogenetic affiliations obtained with ARB (Ludwig et al., 2004; Lozupone et al., 2006). Principal components P1 and P2 could explain 32.42% of the variation in bacterial community composition (Figure 8). Oil-derived sedimentation was one of the major controls on bacterial community composition, as the principal component P1 clearly separated most oil-impacted samples (P1 value > 0) from the non-impacted control samples. The 2010 September oil floc samples and a 2011 July sample close to the wellhead area (E01804) grouped together, indicating high similarity between these samples. The two contaminated samples GIP16 and GIP24 collected in October 2010 clustered adjacent to, but separately from the September 2010 samples, indicating that their DNA-based bacterial community structures diverged. It is possible to view the September and October clusters as a continuum that could be linked across the two least-distant members of the two clusters, the adjacent September sample C82 and the October sample GIP24 (Figure 8). In this view, the bacterial community in the oily sediments is gradually changing over time, potentially in sync with microbially accessible substrate pools or geochemical characteristics of the surficial sediments.
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FIGURE 8. Principal coordinates analysis (PCoA) of 16S rRNA gene distances between phylotypes in all sediment samples. Solid symbols stand for the DWH-impacted sediments; open symbols represent the control sediments without visible imprint of oil-derived sedimentation, or samples below the oil-impacted sediment surface, as in the case of GIP16 3–4 cm.



The non-oily samples have P1 and P2 values near or below zero (Figure 8). Non-oily samples from May 2010 (PE6 and PE21) and October 2010 (GIP08 and GIP16 3–4 cm), and also the November samples MUC19 and MUC20, formed three clusters that grouped closely to each other, and separately from the oil-impacted September and October samples. The bacterial community of GIP16 3–4 cm shared high similarity with the May 2010 samples, but differed from its oily surface layer (GIP16), consistent with the hypothesis that much of the bacterial community that is usually found in non-oily sediment surface samples persists underneath the layer of oil-derived fallout. Somewhat unexpectedly, the oil-impacted sample MUC19, characterized by the red-brown redox signature of oil-induced metal mobilization (Hastings et al., 2016), groups closely with the distant background sample MUC20. Even more remarkably, this pair is the closest neighbor of the two pre-sedimentation May 2010 samples (Figure 8). This result suggests that in late November 2010, specific groups of oil-degrading or oil-responding bacteria no longer determine the overall microbial community composition. The successive enrichments of Roseobacter, Desulfobacteraceae/Desulfobulbaceae, Bacteroidetes, and Verrucomicrobia that structured benthic bacterial communities in oil-impacted samples collected in September and October of 2010 do not last into the late November 2010 samples; instead, the benthic bacterial communities of these samples are reverting to resemble the pre-spill baseline. This does not mean that the oil-derived sedimentation pulse has left no imprint on these samples, but that it is no longer conspicuous on the whole-community level. The July 2011 samples do not show any consistent clustering with each other or other groups of oil- or non-oil impacted sediment samples; it is possible that the microbial communities of these samples from different locations are subject to divergent ecosystem trajectories (seasonal phytoplankton and bacterioplankton blooms; sediment resuspension and oxidative processing; long-term processing of oil-derived substrates) that no longer tie them unambiguously to the DWH oil spill. Interestingly, the 2011 July sample E01804 clusters with the oil floc samples C40, C75, and C82 collected in September 2010, suggesting that close analogs of these oil floc communities may – under specific circumstances – recur in benthic sediments.

The reverse-transcribed RNA samples GIP16 and GIP08 RNA of October 2010 diverge generally from their DNA counterparts, suggesting that the bacterial community patterns of gene expression are different from those based DNA and gene presence. The clustering that is observed on the DNA level might turn out differently if the entire study was replicated on the RNA level.

DISCUSSION AND OUTLOOK

A large proportion of the oil that escaped earlier budgeting efforts (McNutt et al., 2012; Joye et al., 2016) reached the seafloor on the continental slope of the northern Gulf of Mexico by sedimentation of oily marine snow (Passow et al., 2012; Ziervogel et al., 2012), as recently substantiated by comprehensive stable carbon isotopic analyses of seafloor hydrocarbon deposits (Chanton et al., 2015). This deposition event took place in summer and early fall 2010, as dated by 234Th decay in surficial sediment cores (Brooks et al., 2015), and it appears to have triggered consecutive microbial population changes that were detected in this clone library survey. In our scenario, the rapid consumption of easily accessible hydrocarbons (short chain alkanes or polar substituted aromatics) or extracellular polymeric substrates in oil-derived marine snow by aerobic heterotrophic bacteria such as Roseobacter, Verrucomicrobiaceae, and Bacteroidetes in September and October 2010, could lead to localized oxygen depletion close to the sediment-seawater interface, or favor the formation of anoxic zones at micro-scale on the surface of the sediment. Anoxic microniches would provide suitable habitats and substrates for a wide range of anaerobes, such as denitrifying (Mason et al., 2014), metal-reducing (Hastings et al., 2016), or SRB (Kimes et al., 2013) that continue to degrade recalcitrant petroleum hydrocarbons at the seafloor in situ. This scenario explains the conspicuous appearance of Desulfobacteraceae and Desulfobulbaceae in the surficial sediment samples collected in October 2010. The microbial degradation cascade triggered by oil snow deposition on the seafloor seems to have slowed down in late November 2010, in the sense that the overall bacterial community structure is no longer controlled by the oil sedimentation response but resembles again the pre-spill community. The microbial response to petrocarbon deposition remains detectable on finer taxonomic scales when specialized oil-degrading bacterial populations are considered. For example, the obligate polycyclic aromatics degrader Cycloclasticus could be traced into the November 2010 sediment sample set.

To link microbial community signatures and hydrocarbon content of the sediment, the literature and databases were searched for chemical analyses performed on the same sediment samples, obtained with the same multicorer deployment. Concentrations of total polyaromatic hydrocarbons (TPAH) and compound-specific results are published for oil-impacted sediment cores collected with R/V Cape Hatteras in Mid-October 2010 near the Macondo wellhead (Woodruff, 2014), including core GIP16 with TPAH concentrations of 2192, 309 and 272 ng/g at 0–1, 1–2, and 2–3 cm depth, respectively, and core GIP24 with TPAH concentrations of 819, 287, and 262 ng/g in 0–1, 1–2, and 2–3 cm depth, respectively. These elevated TPAH concentrations demonstrate the arrival of a sedimentation pulse of petroleum-derived aromatic compounds on the seafloor. At 3 cm sediment depth, the TPAH concentrations approach the average pre-spill TPAH concentrations in sediments of the northern Gulf of Mexico, near 140 ng/g (Wade et al., 2008). Thus, the impact of polyaromatic hydrocarbon availability on microbial community structure should diminish with sediment depth, as indeed observed in the GIP16 3–4 cm sample (Figure 8). In general, TPAH concentrations of surficial sediments (0–1 cm layer) sampled in mid-October 2010 around the Macondo wellhead increased to above 400 ng/g, with an average near 1100 ng/g and localized peaks near 17,000 ng/g (Woodruff, 2014). Specific classes of polyaromatic compounds (fluorenes, phenanthrenes, anthracenes, chrysenes, pyrenes) decreased in concentration over the upper three centimeters, consistent with recent deposition from the water column (Woodruff, 2014). On resampling in 2011, TPAH concentrations in surficial sediments had decreased to 200–300 ng/g, with an average of 220 ng/g (Woodruff, 2014); specific polyaromatic compounds had also decreased in concentration by approximately an order of magnitude, presumably reflecting microbial degradation of these substrates (Woodruff, 2014).

As a distinguishing characteristic, the microbial community of the seafloor sediments changed on longer time scales than the oil-impacted community in the water column. The seafloor sediments received the oil-derived sedimentation pulse and its associated microbial communities after the onset of marine oil snow formation in the surface water in early May 2010, and the development of the deepwater hydrocarbon plume in May and June 2010 (Yang et al., 2016). Once the oil-derived marine snow and its embedded hydrocarbon particles started to settle on the seafloor sediment surface, the seafloor acted as an integrator of the microbial and chemical fallout, collecting the oil-derived sedimentation pulse continuously throughout the summer and fall of 2010. The microbial responses of oil-degrading sediment bacteria, or opportunistic heterotrophs that took advantage of other oil snow components, were reflected in conspicuous whole-community changes in September and October 2010. At this time, the bacterial communities in the overlying water column were reverting to pre-spill conditions (Yang et al., 2016) and the prevailing transport direction, toward the west and southwest, moved the oil-impacted water masses and their residual oxygen minima and microbial populations from the study area (Diercks et al., 2010b; Joye et al., 2016). The seafloor sediment integrates the changeable water column input over time, and retains the permanent geochemical archive of the oil-derived sedimentation pulse in the same manner as other events that have impacted the quaternary sedimentation regime in the northern Gulf of Mexico (Ingram et al., 2013). As the increasingly recalcitrant oil-derived fallout is buried by ongoing sedimentation under increasingly anaerobic conditions, slow microbial degradation and assimilation of recalcitrant hydrocarbons should remain detectable with molecular assays and enrichments, for example by 13C-analysis of hydrocarbons that are gradually assimilated into the resident bacterial rRNA (Pearson et al., 2008).
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The seasonal biological drawdown of the partial pressure of CO2 (pCO2) in the surface waters of the Oyashio region of the western subarctic Pacific is one of the greatest among the world's oceans. This is attributable to spring diatom blooms. Transparent exopolymer particles (TEPs) are known to affect efficiency of the biological carbon pump, and higher TEP levels are frequently associated with massive diatom blooms. However, TEP dynamics in the Oyashio region remain unclear. We investigated the TEP distribution from three cruises during the spring diatom bloom periods in 2010 and 2011. TEP concentrations varied from <15 to 196 ± 71 μg xanthan gum equiv. L−1 above 300 m and generally declined with depth. Vertical TEP concentrations were significantly related not only to chlorophyll a concentrations but also to bacterial abundance. Average TEP concentrations within the mixed layer (>30 m) were significantly higher during the bloom (155 ± 12 μg xanthan gum equiv. L−1) than in the post-bloom phase (90 ± 32 μg xanthan gum equiv. L−1). In contrast, bacteria abundance within the mixed layer changed little during the bloom to post-bloom phases. These results suggest that the abundance of phytoplankton greatly contributed to dynamics of the TEP distribution. To evaluate the ability of the phytoplankton to produce TEP, an axenic strain of the diatom Thalassiosira nordenskioeldii, which is a representative species of Oyashio blooms, was examined within a batch culture system. Cell abundance-normalized TEP and dissolved organic carbon (DOC) production rates changed simultaneously with growth of the strain. Although these production rates were significantly higher in the stationary phase than in the exponential growth period, values of the TEP/DOC ratio changed little throughout incubation. These findings suggest that TEP production in the Oyashio region may be enhanced by an increase in DOC production from spring diatoms.

Keywords: transparent exopolymer particles, primary production, dissolved organic carbon, diatom bloom, Thalassiosira nordenskioeldii, subarctic Pacific

INTRODUCTION

Transparent exopolymer particles (TEPs) are defined as > 0.4-μm transparent particles that consist of acidic polysaccharides, and are stainable with the dye Alcian blue (Alldredge et al., 1993). These particles are very sticky, so that they can facilitate the aggregation of particles in seawater (e.g., Passow, 2002a; Wurl et al., 2011; Mari et al., 2017). Generally, the presence of TEP may increase the efficiency of the biological carbon pump, because TEP-attached particles sink readily (e.g., Passow, 2002a; Wurl et al., 2011). In contrast, TEPs can decrease the sinking rates of aggregates, because the density of TEPs is lower than that of seawater (Azetsu-Scott and Passow, 2004; Mari et al., 2017). TEPs also can be consumed by heterotrophic organisms, such as bacteria, zooplankton, and fish (e.g., Grossart et al., 1998, 2006; Prieto et al., 2001), indicating that the particles are important in marine food webs. It is known that many marine organisms, including phytoplankton and bacteria, can generate extracellular polysaccharides such as TEPs (Passow, 2002a). However, TEPs and their precursors in seawater can be utilized as organic substrates by heterotrophic organisms (Passow, 2002a). TEP levels in the world's oceans are highly variable (0–14,800 μg xanthan gum equivalent L−1; e.g., Hong et al., 1997; Radić et al., 2005). Higher TEP levels are sometimes associated with blooms of phytoplankton, such as diatoms (e.g., Passow et al., 1995), Phaeocystis spp. (e.g., Hong et al., 1997), dinoflagellates (e.g., Berman and Viner-Mozzini, 2001), cryptophytes (e.g., Passow et al., 1995), and cyanobacteria (e.g., Grossart and Simon, 1997). In particular, diatoms are known to excrete large amounts of polysaccharides, which can form TEPs during their actively growing and/or senescent phases (Mari and Burd, 1998; Passow, 2002b). Using batch cultures, Passow (2002b) reported that TEP production varied widely among phytoplankton species. Fukao et al. (2010) showed that TEP productivity of the diatom Coscinodiscus granii was greater in the exponential growth phase than in stationary and decline periods, whereas those of diatoms Eucampia zodiacus, Rhizosolenia setigera, and Skeletonema sp. were greater in the stationary growth and decline phases than in the exponential growth period. To our knowledge, the relationship between the physiology of diatoms and TEP production remains poorly understood.

In the Oyashio region of the Northwest Pacific, massive diatom blooms occur during spring (e.g., Kasai et al., 1998; Saito et al., 2002; Suzuki et al., 2011). These blooms are generally triggered by water-column stratification during the transition from winter to spring (Kasai et al., 1997). The chlorophyll (Chl) a concentration and primary production integrated within the water column can reach 500 mg Chl a m−2 (Kasai et al., 1998) and 3,200 mg C m−2 d−1 (Isada et al., 2010), respectively. The enormous spring blooms cause an increase in meso- and macro-zooplankton biomass and fishery production in the Northwest Pacific (Sakurai, 2007; Ikeda et al., 2008). Takahashi et al. (2002) reported that the Northwest Pacific including the Oyashio is one of the regions where the seasonal drawdown effect of pCO2 by marine organisms is maximized. This is mainly caused by spring diatom blooms (Midorikawa et al., 2003; Ayers and Lozier, 2012). Honda (2003) reported that among the world's oceans, efficiency of the biological carbon pump was relatively high in the Northwest Pacific. Hence, it can be inferred that the relatively high flux of settling particles in the Northwest Pacific is caused by vigorous primary production of diatoms that aggregate and sink. However, TEP dynamics in the Oyashio region during the spring diatom blooms are still poorly understood, even though they are pivotal in biogeochemical and ecological processes.

The main aims of this study were to understand TEP dynamics in the Oyashio region during the spring diatom bloom periods of 2010 and 2011 and to evaluate the relationship between TEP and other parameters. Those parameters include particulate organic carbon (POC) and dissolved organic carbon (DOC) concentrations, POC and DOC production, and phytoplankton and bacterial abundance. In addition, to understand TEP productivity in greater detail, we examined the characteristics of TEP production of an axenic strain of the Oyashio diatom Thalassiosira nordenskioeldii, which is a representative species of spring blooms (Chiba et al., 2004; Suzuki et al., 2011). This was grown in a batch culture system. The importance of TEP production by this strain was assessed.

MATERIALS AND METHODS

Research Cruises

Three field campaigns were conducted, 13–23 April 2010, 7–16 June 2010, and 5–13 May 2011 (Figure 1). The FR/V Wakataka-Maru (Fisheries Research Agency of Japan) and R/V Tansei-Maru (JAMSTEC/AORI, University of Tokyo) were used for two cruises in 2010 and a single cruise in 2011, respectively. In April, June, and May, two (A1 and A2), four (J1, J2, J3, and J4) and three (M1, M2, and M3) sampling stations were visited, respectively. In all cruises, incident photosynthetic available radiation (PAR) above the sea surface was continuously measured on deck with a PAR sensor (ML-020P, EKO Instruments Co., Ltd., Japan) every 10 min on average, and values were recorded with a data logger. Seawater sampling at all stations was accomplished using a CTD-CMS equipped with acid-clean Niskin bottles. The samples were corrected from 5, 10, 20, 40, 60, 80, 100, 200, and 300 m depths in April 2010, and from the those depths plus 30, 50, and 150 m layers in June 2010 and May 2011. Nutrients (nitrite plus nitrate, hereafter referred to as nitrate, phosphate, and silicate) were determined with a BRAN + LUEBBE auto-analyzer following manufacturer protocol. Basal depth of the mixed layer was defined as a threshold value of temperature or density from a near-surface value at 10-m depth (ΔT = 0.2°C or Δσθ = 0.03 kg m−3; Montégut et al., 2004).
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FIGURE 1. Sampling stations during cruises of April and June 2010 and May 2011, in Oyashio region of western subarctic Pacific.



Phytoplankton Pigments and CHEMTAX Processing

Phytoplankton pigments were analyzed using high-performance liquid chromatography (HPLC). Water samples (500 mL) collected from 5 to 300 m depths were filtered on 25-mm Whatman GF/F filters under a gentle vacuum (< 0.013 MPa). The filter samples were folded, blotted with filter paper, and stored at −80°C. Phytoplankton pigments were extracted with sonication in N, N-dimethylformamide (DMF) according to the protocol of Suzuki et al. (2005). HPLC pigment was analyzed according to the method of Van Heukelem and Thomas (2001), except that the flow rate was 1.2 mL min−1. Details of the analysis method are in Suzuki et al. (2014).

To estimate the contribution of each algal group in the two layers (5–20 and 30–50 m depths) to total Chl a biomass, the pigment data were interpreted by factorization using the CHEMTAX program (Mackey et al., 1996). The initial and final pigment ratios were calculated following the method of Latasa (2007) (Supplementary Table 1). Initial ratios were based on Suzuki et al. (2002, 2005, 2009), who estimated the community composition of phytoplankton in the northwestern Pacific. Prymnesiophytes, pelagophytes, and prasinophytes in our CHEMTAX analysis are synonymous with type 3 haptophytes, type 2 chrysophytes, and type 3 prasinophytes according to Mackey et al. (1996), respectively. Chl a biomass of each algal group was calculated by multiplying in situ Chl a concentrations by the CHEMTAX outputs.

To confirm the development and decline in Chl a concentration from spring to summer, we also examined monthly satellite images of that concentration as observed by a MODIS/Aqua satellite sensor. MODIS/Aqua monthly Chl a data (4-km resolution, OC3M algorithm) for the period February–July 2010 and 2011 were obtained from the Distributed Active Archive Center (DAAC)/Goddard Space Flight Center (GSFC), NASA (http://oceancolor.gsfc.nasa.gov/cgi/l3).

Identification and Cell Abundance of Phytoplankton

Water samples (500 mL) were taken at 5-m depth to count diatoms and coccolithophores, and these samples were fixed with buffered formalin (pH 7.8, 1% final concentration). An aliquot (3–11 mL) of the sample was filtered onto a Nuclepore membrane (1-μm pore size) filter set in a glass funnel (3-mm in diameter at the base) in a vacuum (0.013–0.026 MPa). The filter membrane was rinsed with Milli-Q water to remove salts and immediately dried for 3 h in an oven at 60°C. To identify and count the algal cells, the entire area of the membrane (~7 mm2) was examined by a scanning electron microscope (SEM, VE-8800, Keyence Corp., Japan) at magnification approximately 2,000 ×. Phytoplankton species were identified according to Fukuyo et al. (1990); Tomas et al. (1997), Young et al. (2003), Scott and Marchant (2005), and Round et al. (2007). In our study, the dominant diatom species were defined such that they contributed > 25% to total diatom abundance.

Abundance of Heterotrophic Bacteria

Duplicate water samples (each 2 mL) from 5 to 300 m depths were preserved with paraformaldehyde (0.2% final concentration) and stored at −80°C until analysis on land. An EPICS flow cytometer (XL ADC system, Beckman Coulter, Inc., USA) equipped with a 15-mW air-cooled argon laser exciting at 488 nm and a standard filter setup were used for enumeration of heterotrophic bacteria. Prior to analysis, samples were thawed and drawn through a 35-μm, nylon-mesh-capped Falcon cell strainer (Becton-Dickinson) to remove larger cells. Cells were stained with the nucleic acid stain SYBR Gold solution (Invitrogen). The stock SYBR Gold stain (104-fold concentrations in the commercial solution) was diluted to 10-fold concentrations with Milli-Q water. Twenty-five microliters of the 10-fold SYBR Gold stain was added to the 225-μL bacteria sub-sample and incubated in the dark at room temperature (25°C) for 30 min prior to analysis. The incubated samples were mixed with 250 μL of Flow-Count fluorophores (Beckman Coulter) and then analyzed. Details of the flow cytometric analysis are given in Suzuki et al. (2005).

Particulate Organic Carbon (POC) Concentration

The POC concentration was determined only for the 5-m depth. The 300-mL water sample was filtered onto pre-combusted Whatman GF/F filters (25-mm in diameter, 450°C for 5 h) under a gentle vacuum (< 0.013 MPa) and stored at −20°C until analysis. On land, the samples were thawed at room temperature, exposed to HCl fumes to remove inorganic carbon, and completely dried in a vacuum desiccator for > 24 h. The POC concentrations on the filters were determined with an online elemental analyzer (FlashEA1112, Thermo Fisher Scientific, Inc., USA).

Dissolved Organic Carbon (DOC) Concentration

Samples of DOC were collected from 12 depths between 5 and 300 m. Inline filter holders (PP-47, Advantec MFS, Inc., USA) and tubes (Tygon R-3603, United States Plastic Corp., USA) were pre-cleaned by soaking in 1 M HCl and then rinsed with Milli-Q water. Before sampling, pre-combusted Whatman GF/F filters (47 mm diameter) were set in the inline filter holders, and the tubes were mounted. The water samples were taken by connecting the tube with the spigot of the Niskin bottle. At the start of sampling, filtrates were well drained to pre-wash the tubing, filter holder and filter. Afterward, triplicate samples were collected in pre-combusted 24-mL screw vials with acid-cleaned PTFE septum caps. The samples were immediately stored at −20°C until analysis on land. The frozen samples were thawed and well mixed. DOC concentrations were determined with a total organic carbon analyzer (TOC-V CSH, Shimadzu Corp., Japan). The accuracy and variance of the measured DOC concentrations were checked by analyzing deep seawater reference material provided from the consensus reference material (CRM) program (Prof. Dennis Hansell, University of Miami).

Daily POC and DOC Production

Daily POC and DOC production were estimated using a simulated in situ incubation technique at 5-m depth, except at Station M3 during the May 2011 field campaign. The samples were dispensed into three 300-mL, acid-cleaned polycarbonate bottles (two light and one dark) and inoculated with a solution of NaH13CO3 (99 atom% 13C), equivalent to ~10% of total inorganic carbon (TIC) in the seawater. All bottles were incubated for ~24 h. The incubated POC samples were filtered onto pre-combusted Whatman GF/F filters (25 mm in diameter, 450°C for 5 h) with a gentle vacuum (< 0.013 MPa), and the filtrate was collected in pre-combusted, 500-mL glass bottles (450°C for 5 h). The filter and water samples were stored at −20°C until analysis.

The filter samples of POC production were thawed at room temperature, exposed to HCl fumes to remove inorganic carbon, and then completely dried in a vacuum desiccator for > 24 h. POC concentrations on the filters and 13C abundance were determined using a mass spectrometer (DELTA V, Thermo Fisher Scientific, Inc., USA) with online elemental analyzer (FlashEA1112, Thermo Fisher Scientific). Daily primary production was calculated according to Equation (1) (Hama et al., 1983):
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where ais is the 13C atom% in an incubated sample, ans is the 13C atom% in a natural (i.e., non-incubated) sample, aic is the 13C atom% in inorganic carbon, [Cp] is the concentration of POC in the incubated sample, t is the incubation duration (day), and f is the discrimination factor of 13C (i.e., 1.025). In our study, TIC concentrations were determined with a total alkalinity analyzer (ATT-05, Kimoto Electric Co., Ltd., Japan).

DOC production was estimated according to Hama and Yanagi (2001) with a few modifications. The frozen samples were thawed at room temperature (25°C) and were desalinated using an electro dialyzer (Micro Acilyzer S3, ASTOM Corp., Japan) equipped with AC-220-550 cartridge (CMX-SB/AMX-SB, ASTOM Corp., Japan). Conductivity of the water samples decreased from ~53 to 3.0 mS cm−1 within 2–3 h. Before and after desalination, the DOC concentrations were examined. The recovery percentage of those concentrations ranged from 62 to 96%, whereas the conductivity decreased to 6% of the initial value (Supplementary Table 2). The desalinated seawater samples were concentrated to ~5 mL with a rotary evaporator at 45°C using a pre-combusted 500-mL eggplant-shaped flask. HCl was added to the concentrated 5-mL samples to reduce the pH to 2. The low-pH concentrates were purged with N2 gas for ~9 min to remove dissolved inorganic 13C. Thereafter, the samples were further concentrated to ~0.5–1 mL with a rotary evaporator at 45°C using a pre-combusted 10-mL pear-shaped flask. The 13C atom% of DOC absorbed onto the Whatman GF/F filters combusted in a muffle furnace (450°C, 5 h) were determined using a mass spectrometer (DELTA V, Thermo Fisher Scientific) with an online elemental analyzer (FlashEA1112, Thermo Fisher Scientific). Daily DOC production was calculated according to Equation (2) (Hama and Yanagi, 2001):

[image: image]

where [Cd] is the DOC concentration (mg m−3).

Furthermore, we estimated the ratio (PER) of DOC production/total production by phytoplankton according to
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Transparent Exopolymer Particle (TEP) Analysis

Water samples of TEP were taken from depths 5–300 m. Triplicate water samples of 250 mL were filtered using Whatman 0.4-μm Nuclepore filters, applying a gentle vacuum (< 0.013 MPa). TEPs captured by the filter were stained with Alcian blue solution (Passow and Alldredge, 1995). The stained filters were immediately rinsed with Milli-Q water and then stored at −20°C until analysis on land.

For the standard TEP curve, the method of Claquin et al. (2008) was modified. As reported by Claquin et al. (2008), the standard curve described in Passow and Alldredge (1995) is applicable only for low concentrations of TEP (i.e., calibration standard weight of xanthan gum ranging between 0 and 40 μg). One milligram of xanthan gum was put into a 15-mL centrifugal tube and added to 10 mL of the Alcian blue stain. The tube was shaken well for ~1 h to combine the xanthan gum and Alcian blue. Thereafter, it was centrifuged at 3,200 × g for 20 min, and the supernatant liquid was carefully removed using micro pipets. Ethanol (99.5%) was added to the tube, which was then centrifuged, and the supernatant liquid was removed via the ethanol precipitation method. The ethanol precipitation was repeated at least five times until the solution became transparent. Finally, as much of the ethanol in the tube as possible was removed. To dry the blue-stained xanthan gum, N2 gas was gently sprayed into the tube. Subsequently, the xanthan gum was completely dried in a desiccator under vacuum for more than 24 h. The blue-stained xanthan gum was dissolved with 6 mL of 80% H2SO4 using a volumetric pipette (stock solution of 1 mg xanthan gum 6-mL−1). The stock solution was diluted with 80% H2SO4, to make a dilution series with five concentrations (10, 50, 100, 150, and 200 μg xanthan gum 6-mL−1). Absorption at 787 nm was measured with a Shimadzu spectrophotometer (MPS-2400) in 1-cm cuvettes, with reference to Milli-Q water. Four slopes of the TEP standard curve were compared with those of Passow and Alldredge (1995) and Claquin et al. (2008) (Supplementary Table 3). Also we conducted a comparison between the standard curves made with this centrifugation and conventional filtration (Passow and Alldredge, 1995) methods. The comparison revealed that the slope (136) of the centrifugation method was lower than that (207) of the conventional method (Supplementary Figure 1). Hence, all TEP concentrations in this study were corrected by multiplying a factor of 1.52. Passow and Alldredge reported that average absorption of the filter blank with 0.4-μm polycarbonate filters was between 0.07 and 0.09. In our study, the filter blank (average ± standard deviation) was 0.081 ± 0.003 (n = 4).

The natural filter samples were transferred into 20-mL vials. Six milliliters of 80% H2SO4 was added to the vials, and the filters were soaked for 2 h. The vials were gently agitated five times over this period. Absorption at 787 nm was measured with the spectrophotometer in 1-cm cuvettes against Milli-Q water as reference. The TEP levels (μg xanthan gum equivalent L−1) were determined according to Passow and Alldredge (1995).

TEP Production by the Oyashio Diatom Thalassiosira nordenskioeldii

A single cell of T. nordenskioeldii Cleve was isolated from Oyashio waters during the May 2011 field campaign. The strain was sterilized in f/2 medium (Guillard and Ryther, 1962; Guillard, 1975) with penicillin and streptomycin (25 U mL−1 of penicillin and 25 μg mL−1 of streptomycin, 17-603E, Lonza Group Ltd., Switzerland) following the methods of Sugimoto et al. (2007). For the culture experiment, salinity of the medium was adjusted to 33.0, which is a typical value of surface Oyasho waters in spring (e.g., Hattori-Saito et al., 2010). Initial nutrient levels in the medium were also modified from f/2 medium to mimic Oyashio water: 20 μM NaNO3, 35 μM Na2SiO3· 9H2O, 2.0 μM NaH2PO4· H2O, 600 nM FeCl3· 6H2O, 600 μM Na2EDTA · 2H2O, 46.7 nM MnCl · 4H2O, 3.9 nM ZnSO4· 7H2O, 2.2 nM CoCl2· 6H2O, 2.0 nM CuCO4· 5H2O, 1.3 nM Na2MoO4· 2H2O, 15 nM Thiamine · HCl, 100 pM Biotin, 19 pM Cyanocobalamin. The axenic strain was inoculated in the medium and grown for ~30 generations in an incubator (MIR-554, Sanyo Electric Co., Ltd., Japan) at 5°C, under 100 μmol photons m−2 s−1 from white fluorescent lamps (FL20SS · BRN/18, Toshiba) with a light-dark cycle of 12 h. At the start of this experiment, the well-acclimated axenic strain was inoculated in Oyashio-simulated medium (17 L) in two acid-cleaned 20-L culture vessels (P/N 2600-0012, Thermo Fisher Scientific) and cultured for 40 days.

Nutrient, Cell Abundance, and Chl a Measurements in the Culture Experiment

Nutrients were sampled every other day. Duplicate water samples per culture vessel were dispensed into acrylic tubes with screw caps, and the samples were immediately stored at −20°C. The frozen samples were thawed at room temperature and well mixed. The nutrient concentrations (nitrate, phosphate, and silicate) were determined with an auto-analyzer (QuAAtro 2-HR, BLTEC Corp., Japan) as described above. Sampling of cell abundance was done every other day. Ten to fifty milliliters of the water samples were transferred into 15 or 50-mL centrifuge tubes. During days 0–14, T. nordenskioeldii was filtered using a 25-mm Whatman Nuclepore membrane filter of 1.0-μm pore size and was immediately resuspended in the non-concentrated water samples. One point five milliliters of the concentrated sample (days 0–14) or non-concentrated sample (days 16–40) was transferred to a micro-slide glass chamber of thickness 1.1 mm (S109502, Matsunami Glass Ind., Ltd., Japan), and covered with a cover glass. To estimate cell abundance, duplicate samples were observed per culture vessel using an epifluorescence microscope (BZ-9000, Keyence Corp., Japan) equipped with a GFP optical filter (OP-66835 BZ filter GFP, Keyence Corp., Japan). The Chl a-derived fluorescence in T. nordenskioeldii was automatically photographed with 28 photos and 4 × magnification, and the fluorescence was summed using image analysis software (Keyence Corp., Japan). Therefore, cell abundance was estimated by dividing the observed volume (mL) by the total value of fluorescence. The specific daily growth rate (μ, d−1) during the culture experiment was estimated by the method of Guillard (1973):
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where N0 is initial cell abundance (cells mL−1), Nt the abundance after t days, t0 the initial time (d), and tt the time after t days.

Chl a concentrations were determined in the mid-exponential phase. Triplicate samples per vessel (each 200 mL) were filtered onto Whatman GF/F filters with a gentle vacuum (< 0.013 MPa). The filters were folded, blotted with filter paper, and stored at −80°C. The pigment analysis is described in Section Phytoplankton Pigments and CHEMTAX Processing.

TEP Measurement in the Culture Experiment

TEP was sampled once every 4 days between days 0 and 36. Triplicate water samples (1–20 mL) per culture vessel were filtered using Whatman 0.4-μm Nuclepore membrane filters in a gentle vacuum (< 0.013 MPa). Post-treatment used the same method described in Section Transparent Exopolymer Particle (TEP) Analysis.

DOC Determination in the Culture Experiment

DOC was sampled once every 4 days between days 0 and 36. A filter funnel (25-mm in diameter, PN 4203, PALL Corp., USA) was pre-cleaned by soaking in 1 M HCl, and then rinsed with Milli-Q water. Pre-combusted Whatman GF/F filters were placed in the filter funnel, which was equipped with a suction vessel. The water sample was filtrated in a gentle vacuum (< 0.013 MPa). At the start of sampling, a few milliliters of the filtrates were drained to prewash the GF/F filter and filter funnel. Then, duplicate samples were collected in pre-combusted 24-mL screw vials with acid-cleaned PTFE septum caps. The samples were immediately stored at −20°C until analysis. The analysis method was described in Section Dissolved Organic Carbon (DOC) Concentration.

Daily TEP and DOC Productivities

Based on TEP or DOC concentration in the culture vessels, cellular TEP productivity [pg xanthan gum equiv. (cell)−1 d−1] and DOC productivity [pg C (cell)−1 d−1] averaged during the exponential growth and stationary phases (initial and final) using two data points of those phases were estimated via
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where C0 is TEP concentration (pg xanthan gum equiv. mL−1) or DOC concentration (pg C mL−1) at the initial time of the exponential growth phase or stationary phase, Ct is concentration of the TEP or DOC at the final time after t days, t0 is the initial time (d) of the exponential growth phase or stationary phase, tt is the final time after t days, N0 is initial cell abundance (cells mL−1) of the exponential growth or stationary phase, and Nt is cell abundance at the final time after t days. Carbon-based TEP productivity was estimated by multiplying TEP productivity by a factor of 0.75 (Engel and Passow, 2001).

RESULTS

TEP Observations during the Oyashio Spring Diatom Bloom

Hydrography

Seawater temperatures at 5 m increased from April through June 2010 (Table 1). By contrast, salinity only changed slightly throughout the cruises (32.8–33.3). Relatively high nutrient levels were found in April 2010, which declined in June. The surface mixed layer was above 30 m at stations A2, M1, and M2, whereas it was shallower than 10 m at the other stations.


Table 1. Hydrographic conditions and phytoplankton productivity at 5 m depth during Oyashio spring diatom blooms in April and June 2010 and May 2011.
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Chlorophyll a Concentrations and Community Composition as Estimated from the CHEMTAX Program

Chl a concentrations generally decreased from April through June 2010 and from 5 to 300 m depths (Figures 2A–C). Satellite surface Chl a images also indicated that decreases in the algal pigment concentration from April to June in 2010 and 2011 (Supplementary Figure 2). The highest Chl a concentration at 5-m depth was observed at station A1 in April 2010 (8.8 μg L−1), whereas the lowest was at station J2 in June 2010 (0.4 μg L−1) (Table 1). Chl a within the mixed layer significantly decreased from April to June (Kruskal-Wallis ANOVA, p < 0.01, Steel-Dwass test, April vs. May: p < 0.01; April vs. June: p < 0.01; May vs. June: p < 0.01).
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FIGURE 2. Vertical profiles of chlorophyll a (A: April 2010; B: June 2010; C: May 2011), heterotrophic bacteria abundance (D: April 2010; E: June 2010; F: May 2011), dissolved organic carbon (DOC) (G: April 2010; H: June 2010; I: May 2011), and transparent exopolymer particles (TEP) (J: April 2010; K: June 2010; L: May 2011). All profiles show average values. Error bars represent range for April 2010 (n = 2) and standard deviation for June 2010 (n = 4) and May 2011 (n = 3).



The final ratio matrix in the 5–20 m layer estimated with the CHEMTAX program (Supplementary Table 1B) was within the range of Mackey et al. (1996), except for the alloxanthin:Chl a ratio (0.25), which was slightly larger than that of the maximum (0.23) of Mackey et al. The final ratio matrix in the 30–50 m layer (Supplementary Table 1D) was within the range of Mackey et al. The contributions of each phytoplankton group to Chl a biomass from 5 to 50 m depths are shown in Figure 3. Diatoms dominated in both April 2010 (average ± standard deviation: 94 ± 4%) and May 2011 (80 ± 9%). By contrast, the contributions in June 2010 (35 ± 23%) were relatively small. The contributions of the other phytoplankton groups, such as cryptophytes (20 ± 17%), prasinophytes (19 ± 10%) and prymnesiophytes (9 ± 6%), were larger than those in April 2010 (cryptophytes: 1 ± 2%; prasinophytes: 2 ± 2%; prymnesiophytes: 0.4 ± 0.5%) and May 2011 (cryptophytes: 9 ± 5%; prasinophytes: 3 ± 2%; prymnesiophytes: 3 ± 1%).
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FIGURE 3. Contributions of each phytoplankton group to chlorophyll a biomass within 0–50 m depths, estimated by CHEMTAX.



Cell Abundance and Composition of Diatoms and Coccolithophores

Cell abundances of diatoms at 5-m depth were relatively high in April 2010 (335 × 103 cells L−1 on average) and low in June 2010 (5 ± 4 × 103 cells L−1) (Table 1). Diatom abundance in May 2011 was highly variable (150 ± 115 × 103 cells L−1). Using SEM, we identified 34 centric diatom species, 13 pennate diatom species, and 3 coccolithophore species, including a holococolith species (Table 2). The dominant diatom species in April 2010 were Thalassiosiara nordenskioeldii and Chaetoceros spp. In June 2010, Fragilariopsis pseudonana and Neodenticula seminae were predominant in the diatom community. In May 2011, Ch. atlanticus and Chaetoceros spp. dominated the diatom assemblages. Chl a concentrations were significantly correlated with the cell abundance of centric diatoms (Spearman's rank correlation ρ = 0.90, p < 0.005, n = 9), but only weakly correlated with that of pennate diatoms (ρ = 0.45, p = 0.17, n = 9). The cell abundance of coccolithophores was relatively low throughout the surveys (0–3.6 × 103 cells L−1).


Table 2. List of phytoplankton species identified in Oyashio diatom bloom surveys.

[image: image]



Heterotrophic Bacterial Abundance Estimated by Flow Cytometry

Bacterial abundances in April 2010 and May 2011 were higher in the surface waters than at depth (Figures 2D,F, Table 1). However, in June 2011, little difference was observed from 5 to 300 m (Figure 2E, Table 1). Bacterial abundance within the mixed layer changed only slightly between April 2010 (4.8 ± 0.9 × 105 cells mL−1), June 2010 (3.5 ± 0.9 × 105 cells mL−1), and May 2011 (3.8 ± 1.7 × 105 cells mL−1) (Kruskal-Wallis ANOVA, p = 0.15). Bacteria abundances from 5 to 300 m depths were significantly correlated with those of Chl a concentrations (Spearman's rank correlation, ρ = 0.65, p < 0.001, n = 94). Significant relationships between these were also observed on each cruise (Spearman's rank correlation, April: ρ = 0.75, p < 0.001, n = 16; June: ρ = 0.49, p < 0.005, n = 45; May: ρ = 0.94, p < 0.001, n = 33). Furthermore, there was a significant relationship between bacterial abundance and Chl a within the mixed layer (Spearman's rank correlation, ρ = 0.57, p < 0.01, n = 22). Values of bacteria abundance/Chl a concentration within the mixed layer increased significantly over time, e.g., April 2010 [85 ± 40 cells (pg Chl a)−1], May 2011 [242 ± 68 cells (pg Chl a)−1] and June 2010 [524 ± 70 cells (pg Chl a)−1] (Kruskal-Wallis ANOVA, p < 0.01, Steel-Dwass test, April vs. May: p < 0.01; April vs. June: p < 0.01; May vs. June: p < 0.01).

POC Concentration

The POC concentration at 5-m depth decreased from April through June 2010 (Table 1; April 2010: 454 μg L−1 on average; June 2010: 143 ± 8 μg L−1), and that of May 2011 was 203 ± 37 μg L−1. The ratio of POC/Chl a increased from April through June 2010 (April: 77 on average; June: 237 ± 58), and that in May 2011 was 134 ± 25.

DOC Concentration

DOC concentrations generally decreased from 5 to 300 m depths (Table 1, Figures 2G–I). The highest concentration (~768 μg L−1) was found at 10 and 20 m depths at station J2 and at 10 m at station J3. The lowest concentration (~540 μg L−1) was observed at 300 m depth at stations M2, J3, and J4. The DOC concentration within the mixed layer in June 2010 (744 ± 24 μg L−1) was significantly higher than that in April 2010 (696 ± 12 μg L−1) and May 2011 (708 ± 12 μg L−1) (Kruskal-Wallis ANOVA, p < 0.01, Steel-Dwass test, April vs. May: p = 0.99; April vs. June: p < 0.05; May vs. June: p < 0.01).

POC and DOC Production

POC production at 5 m depth was between 25 mg C m−3 d−1 at the J1 station and 290 mg C m−3 d−1 at the A1 station (Table 1). Average productivity in April and June 2010 and May 2011 decreased from April to June (195 ± 95 mg C m−3 d−1 in April 2010, 72 ± 29 mg C m−3 d−1 in May 2011, and 33 ± 8 mg C m−3 d−1 in June 2010). The average DOC production at 5 m depth in April and June 2010 and May 2011 was 2.9 ± 1.3 mg C m−3 d−1, 1.9 ± 0.5 mg C m−3 d−1, and 3.2 ± 1.0 mg C m−3 d−1, respectively (Table 1). PER ratios were estimated. The average ratios increased slightly from April to June (2.3 ± 1.8% in April 2010, 4.6 ± 0.6% in May 2011, and 5.5 ± 1.5% in June 2010) (Table 1).

TEP Concentration

Minimum and maximum TEP concentrations in our surveys were observed at station A1, at 300 m (<15 μg xanthan gum equiv. L−1) and 20 m (196 ± 71 μg xanthan gum equiv. L−1) respectively (Figures 2K–L, Table 1). TEP concentrations from 5 to 300 m depths were significantly correlated with those of Chl a concentrations throughout the observation period (Spearman's rank correlation, ρ = 0.65, p < 0.001, n = 98) and on each cruise (Spearman's rank correlation, April: ρ = 0.85, p < 0.001, n = 17; June: ρ = 0.52, p < 0.001, n = 47; May: ρ = 0.78, p < 0.001, n = 34). The TEP concentrations were also significantly correlated with bacteria abundance throughout the observation period (Spearman's rank correlation, ρ = 0.65, p < 0.001, n = 98). Additionally, there were significant relationships between the two on each cruise (Spearman's rank correlation, April: ρ = 0.86, p < 0.001, n = 17; June: ρ = 0.36, p < 0.05, n = 48; May: ρ = 0.58, p < 0.001, n = 33).

Average TEP concentrations within the mixed layer in April and June 2010 and May 2011 were 155 ± 12, 90 ± 32, and 112 ± 38 μg xanthan gum equiv. L−1, respectively. TEP levels within the mixed layer in April 2010 were significantly higher than those in June 2010, whereas those in May 2011 were not significantly different from those in April and June 2010 (Kruskal-Wallis ANOVA, p < 0.01, Steel-Dwass test, April 2010 vs. June 2010: p < 0.01, April 2010 vs. May 2011: p = 0.07; May vs. June: p = 0.48). TEP concentrations within the mixed layer in April and June 2010 and May 2011 were also significantly higher than those below the mixed layer in April (64 ± 49 μg xanthan gum equiv. L−1) and June 2010 (67 ± 27 μg xanthan gum equiv. L−1), and May 2011 (81 ± 23 μg xanthan gum equiv. L−1) (Wilcoxon rank-sum test, April: p < 0.01, n = 17; May: p < 0.05, n = 34; June: p < 0.05, n = 48). TEP values were significantly correlated not only with Chl a concentrations but also diatom-derived Chl a biomass (Spearman's rank correlation, TEP vs. Chl a: ρ = 0.70, p < 0.001, n = 23; TEP vs. diatom-derived Chl a: ρ = 0.66, p < 0.001, n = 23). However, no significant relationship was found between TEP levels and Chl a biomass of other phytoplankton groups (Spearman's rank correlation, TEP vs. cryptophytes-Chl a: ρ = −0.22, p = 0.31, n = 23; TEP vs. prasinophyte-derived Chl a: ρ = −0.27, p = 0.22, n = 23; TEP vs. prymnesiophyte-derived Chl a: ρ = −0.28, p = 0.19, n = 23). The TEP/Chl a ratio increased significantly from April to June (26 ± 10 in April 2010, 76 ± 24 in May 2011, and 128 ± 31 in June 2010) (Kruskal-Wallis ANOVA, p < 0.01, Steel-Dwass test, April vs. May: p < 0.01; April vs. June: p < 0.01; May vs. June: p < 0.05). In contrast, values of TEP concentration/bacteria abundance changed little from April and June [0.33 ± 0.06 μg xanthan gum (×106 bacterial cells)−1 in April 2010, 0.34 ± 0.16 μg xanthan gum (×106 bacterial cells)−1 in May 2011, and 0.25 ± 0.07 μg xanthan gum (×106 bacterial cells)−1 in June 2010] (Kruskal-Wallis ANOVA, p < 0.01, Steel-Dwass test, April vs. May: p < 0.01; April vs. June: p < 0.01; May vs. June: p < 0.05).

Laboratory Experiments

Growth Curves, Nutrient Levels, and Chl a Concentrations

Cell abundances in vessels 1 and 2 increased from 2 to ~20,000 cells mL−1 (Figure 4A). As estimated from the specific growth rate, the exponential growth phase was between days 0 and 30 in Vessel 1 and days 0 and 28 in Vessel 2. The stationary phase was observed between days 30 and 40 in Vessel 1 and days 28 and 40 in Vessel 2. The average specific growth rate in both vessels during the exponential growth and stationary phases was 0.31 ± 0.14 d−1 and 0.03 ± 0.07 d−1, respectively (Table 3). The average nitrate, silicate and phosphate levels in both vessels are shown in Figure 4B. During the exponential growth phase, these levels decreased with time. In the stationary phase, nitrate depleted (< 0.1 μM), whereas silicate and phosphate concentrations maintained values of 3.1 ± 0.7 μM and 0.3 ± 0.03 μM. Chlorophyll a concentrations in Vessel 1 (day 20) and 2 (day 18) in the mid-exponential growth phase were 6.1 ± 0.1 μg L−1 and 7.1 ± 0.1 μg L−1, respectively. Ratios calculated from the Chl a concentrations and cell abundance sampled at the same time were 14 pg cell−1 in Vessel 1 and 13 pg cell−1 in Vessel 2 (average 13 ± 1 pg cell−1).
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FIGURE 4. (A) Growth curves of Thalassiosira nordenskioeldii in laboratory cultivation experiment. Each stationary phase in cultivation vessels 1 and 2 is indicated by gray color. (B) Average nitrate, silicate and phosphate concentrations in vessels 1 and 2. Error bars in growth curve and nitrate concentration represent ranges (n = 2).




Table 3. Summary of results in exponential growth and stationary phases, obtained from laboratory cultivation experiments.
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TEP and DOC Concentrations

The initial (day 0) TEP concentration in Vessel 1 was undetectable, so this concentration was assumed to be 0 μg xanthan gum equiv. L−1. The average TEP concentration in both vessels increased with time (Figure 5). The concentrations ranged from 12 ± 12 μg xanthan gum equiv. L−1 to 1,488 ± 93 μg xanthan gum equiv. L−1. Average DOC concentration also generally increased with time (Figure 5). The concentrations were between 1,148 ± 62 μg C L−1 and 1,647 ± 10 μg C L−1. TEP concentrations in the vessels increased with DOC concentrations (ρ = 0.91, p < 0.001, n = 21).
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FIGURE 5. Average TEP and DOC concentrations in vessels 1 and 2 during cultivation experiment.



Cellular TEP and DOC Productivities

Cellular TEP production rates during the exponential and stationary phases were 2.7 ± 0.5 pg xanthan gum equiv. [cell]−1 d−1 and 8.1 ± 0.9 pg xanthan gum equiv. [cell]−1 d−1, respectively (Table 3). Cellular DOC productivity was 1.0 ± 0.2 pg C [cell]−1 d−1 and 4.0 ± 2.2 pg C [cell]−1 d−1 during the exponential and stationary phases, respectively. The cellular TEP and DOC productivities during the exponential growth phase were also converted to a Chl a-normalized TEP production rate (0.21 μg xanthan gum [μg Chl a]−1 d−1) and DOC production rate [0.07 μg C (μg Chl a)−1 d−1], using the factor of Chl a concentration per cell. The cellular TEP and DOC productivities were 2.9 and 4.0-fold greater in the stationary than exponential growth phase, respectively. Ratios of carbon-based TEP/DOC productivities were 2.2 ± 0.02 in the exponential growth phase and 2.0 ± 0.9 in the stationary phase.

DISCUSSION

Factors Controlling TEP Levels in Oyashio Region

According to Kawai (1972), the Oyashio was defined as the water mass where temperatures at 100 m were <5°C. Therefore, all stations in this study were in the Oyashio (Table 1). However, hydrographic conditions were variable throughout the observation period (Table 1). In the Oyashio region, it is known that spring diatom blooms occur during April and May, and decline toward summer every year (e.g., Saito et al., 2002). Indeed, decreases in Chl a concentration were observed from April to June in both 2010 and 2011 as estimated from the satellite images (Supplementary Figure 2).

TEP concentrations from 5 to 300 m depths were significantly correlated with those of Chl a concentrations and with bacteria abundances. Similarly, the TEP concentrations were higher in the mixed layer than in the layer below. These results indicate that TEP was derived from these microorganisms. The Chl a concentrations within the mixed layer decreased significantly from April to June 2010, whereas bacterial cell abundances changed little in that period. The difference in temporal variation between the Chl a concentrations and bacteria abundances within the mixed layer suggest that the main TEP producer was phytoplankton. We used the following Michaelis-Menten-type equation for estimating TEP levels within the surface mixed layer, using Chl a concentration during the spring Oyashio diatom blooms (Figure 6 and Equation 6).
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where [TEP]SML is TEP concentration within the surface mixed layer (μg xanthan gum equiv. L−1) and [Chl a] is Chl a concentration within the mixed layer (μg L−1). The root mean square error (RMSE) of this curve was estimated at ± 20 μg xanthan gum equiv. L−1. These findings also suggest that TEP within the surface mixed layer was mainly from phytoplankton.
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FIGURE 6. Relationship between TEP and Chl a concentrations within surface mixed layer, revealing significant relationship.



Assuming that TEP was largely produced by phytoplankton, data of each phytoplankton group to Chl a biomass estimated from the CHEMTAX program were useful to discover which group contributed predominately to TEP concentrations. These data showed that diatom-derived Chl a concentrations were dominant in April 2010 (94 ± 4%) and May 2011 (80 ± 9%) (Figure 3). This suggests that the diatoms contributed to the relatively high TEP concentration in our study. In addition, data of phytoplankton species composition by SEM showed that T. nordenskioeldii and Chaetoceros spp. dominated phytoplankton assemblages in April 2010, and C. atlanticus and Chaetoceros spp. were dominant in May 2011 (Table 2). The relatively high TEP levels may have been caused by these diatom species. Compared to April 2010 and May 2011, the dominant phytoplankton groups in June 2010 were diatoms (35 ± 23%), cryptophytes (20 ± 17%), prasinophytes (19 ± 10%), and prymnesiophytes (9 ± 6%) (Figure 3). It has been reported that cryptophytes and prymnesiophytes contribute to high TEP concentrations (Passow et al., 1995; Hong et al., 1997). These phytoplankton groups may have also affected the TEP concentration in June 2010.

Data on TEPs are very limited for the Northwest Pacific. Ramaiah et al. (2005) investigated changes in TEP levels in the Western Subarctic Gyre (WSG) of the North Pacific during an in situ iron fertilization experiment. According to that work, the centric diatom Ch. debilis bloomed in the WSG after iron enrichment, and TEP levels (~50–190 μg xanthan gum equiv. L−1) in an iron-enriched patch increased with Chl a concentration (~1–19 μg L−1) at 5 and 10 m depths. TEP levels found by Ramaiah et al. were similar to those observed in our study. However, Passow (2002a) reported that TEP concentration during diatom blooms can reach > 1,000 μg xanthan gum equiv. L−1 in various regions (Engel, 2000; Prieto et al., 2002). Environmental factors such as temperature, nutrient concentrations, and UV intensity may modulate the TEP production rate of phytoplankton (Mari et al., 2017). An increase of water temperature can raise the TEP production rate (Claquin et al., 2008; Fukao et al., 2012). Seawater temperatures in April 2010 and those in Ramaiah et al. (2005) were relatively low, at 3.1–4.5 and 7.5–9.5°C, respectively. The depletion of nutrients can also increase the TEP concentration because of enhanced release of extracellular polysaccharides (Myklestad, 1995). It has been reported that the ratio of silicate and nitrate concentrations during diatom blooms is relatively constant (approximately 1:1; Brzezinski, 1985; Kudo et al., 2000), and the half-saturation constants of uptake kinetics were ~3 μM in silicate and ~1 μM in nitrate (e.g., Kanda et al., 1985; Nelson and Tréguer, 1992). In April 2010, nutrient concentrations were abundant (> 20 μM in silicate and > 8 μM in nitrate). These results suggest that the lower temperatures and higher nutrients in April 2010 did not increase the TEP levels in seawater much. Recently, Annane et al. (2015) reported lower TEP levels (<200 μg xanthan gum equiv. L−1) during the centric diatom bloom (> 20 μg L−1 in terms of Chl a level, mainly consisting of T. nordenskioeldii) in the lower St. Lawrence Estuary of Canada. The temperature and nitrate concentrations in Annane et al. were similar to those in our study. Therefore, TEP productivity can vary with diatom species and can be relatively low during Oyashio spring diatom blooms when T. nordenskioeldii becomes dominant (Chiba et al., 2004; Suzuki et al., 2011).

Heterotrophic organisms such as eubacteria can also be important in production (e.g., Passow, 2002b; Sugimoto et al., 2007), decomposition (e.g., Passow et al., 2001), and transformation (e.g., Gärdes et al., 2011; Yamada et al., 2013) processes of TEP. Although the present study suggests that the main TEP producer was likely phytoplankton as described above, bacteria abundance was significantly correlated with not only TEP concentration but also Chl a concentration. This indicates close interaction between these microorganisms and TEP. Values of bacteria abundance/Chl a concentration within the mixed layer increased significantly from April 2010 to June 2010, suggesting that relative abundance of bacteria to phytoplankton was low in April 2010. In contrast, TEP levels within the mixed layer were significantly higher in April 2010 than in June 2010. It has been suggested that TEP produced by phytoplankton may serve as protection against hydrolases of attached bacteria (Azam and Smith, 1991; Smith et al., 1995). Hence, the relatively lower Chl a normalized TEP concentrations in April 2010 may have partially contributed to the relative abundance of bacteria to phytoplankton. The lower TEP concentrations may also mean that bacteria had colonized and degraded TEPs. Indeed, the TEPs and their precursors produced by diatoms can be utilized by bacteria. Recently, Cisternas-Novoa et al. (2015) stated that bacterial abundance affected TEP production by T. weissflogii. However, interactions between TEPs and bacteria in nature are complex because of combinations of various environmental factors, as reviewed by Passow (2002b).

Relationship between TEP Production and Phytoplankton Physiology

The TEP levels appeared to decrease from April to June, together with the decline of diatom blooms in the Oyashio region. In contrast, the TEP/Chl a ratio increased significantly from April to June. If the main source of TEP is phytoplankton assemblages, the increase in ratios of TEP/Chl a concentrations from April to June may show that the ability to produce TEP was weaker in diatoms than in other phytoplankton groups, such as cryptophytes, prasinophytes and prymnesiophytes. In our laboratory experimentation, the TEP production rate of the axenic strain of T. nordneskioeldii was estimated at 0.21 μg xanthan gum equiv. [μg Chl a]−1 d−1 during the exponential growth phase. Hong et al. (1997) showed that Chl a-normalized TEP production rates of Phaeocystis antarctica were >500 μg xanthan gum equiv. [μg Chl a]−1 h−1 at photon flux density ~100 μmol photons m−2 s−1. These findings suggest that T. nordenskioeldii was a weaker TEP producer than P. antarctica. In this study, although the sampling from each culture vessel was performed very carefully on a clean bench to avoid any contamination, perhaps bacteria could be slightly contaminated during incubation, and that might underestimate the TEP productivity by T. nordenskioeldii due to its utilization by bacteria. On the other hand, TEP decomposition by bacteria could increase the refractory form of gel particles, because it has been reported that microbial processes can alter the molecular structure of dissolved organic matter (Ogawa et al., 2001). This would contribute to increase in the TEP/Chl a ratio between the bloom and post-bloom phases.

Although diatom species composition possibly affects TEP productivity as mentioned above, the incubation experiment using T. nordenskioeldii revealed that cellular TEP productivity during the stationary phase was 2.9-fold greater than that during the exponential growth phase (Table 3). Changes in physiological state from the exponential to stationary growth phases in this batch culture experiment were likely caused by nitrate depletion (Figure 4B). Therefore, we speculate that nitrate availability probably influences TEP levels during spring diatom blooms in the Oyashio region.

TEP precursors have been considered to be dissolved acid polysaccharides (Thornton et al., 2007; Wurl et al., 2011), which may mainly be from DOC excreted by phytoplankton (Passow, 2002a). Hence, we examined the relationship between TEP levels and DOC production at 5 m depth, but this was not significant (Spearman's rank correlation, p = 0.42, n = 8). In addition, the relationship was evaluated using the axenic strain of T. nordenskioeldii (Chiba et al., 2004; Suzuki et al., 2011). Productivities of cellular TEP and DOC generally varied simultaneously with growth of the diatom strain. These results suggest that TEP production was linked to DOC in the experiment. The in situ DOC production was clearly lower than POC production (Table 1) and was comparable to those (< 0.5–1.2 mg C m−3 d−1) in the Mediterranean Sea between June and July (Lopez-Sandval et al., 2011). However, the PER values were smaller than those (30–41%) in the Mediterranean. In general, relatively low PER values can be found in eutrophic waters (e.g., Hama and Yanagi, 2001; Marañón et al., 2004) and relatively high values were observed in oligotrophic regions (e.g., Alonso-Sáez et al., 2008; Lopez-Sandval et al., 2011). The relatively low PER possibly weaken the relationship between TEP levels and DOC production.

Interestingly, however, the averaged ratio (2.2 ± 0.02) of carbon-based TEP/DOC rates for T. nordenskioeldii in the exponential growth phase was nearly the same as the stationary growth phases (2.0 ± 0.9) (Table 3). If all TEP were formed from DOC released by T. nordenskioeldii, the carbon-based TEP/DOC production ratio would be <1. Our laboratory experiment also found that TEP was rich at the cell surface of T. nordneskioeldii (Supplemental Figure 3). This indicates that some of the DOC excreted by T. nordenskioeldii were trapped on the cell surfaces. Therefore, the carbon-based TEP/DOC production rate > 1 suggests that the TEP was partly formed at cell surfaces. Moreover, the similar carbon-based TEP/DOC production ratios in the exponential and stationary growth phases imply that the formation rate of TEP to DOC was not significantly different between the two phases. The results of our field observations and laboratory experiments imply that high primary production by diatoms leads to relatively strong DOC production, and that subsequently, the excretion of acid polysaccharides (a type of DOC) can generate higher TEP levels in seawater. This was even though the activity of heterotrophic organisms possibly masked the relationship between TEP concentrations and DOC productivity, together with decay of the diatom bloom. Thus, TEP production in the Oyashio region may be enhanced with the increase in DOC production from spring diatoms.

CONCLUSIONS

This study revealed TEP dynamics and DOC productivity in the Oyashio region of the Northwest Pacific during spring diatom blooms. Our results showed that TEP levels within the mixed layer were correlated with diatom-derived Chl a biomass, suggesting that diatoms were the main TEP producers. However, TEP levels were not correlated with DOC productivity in the Oyashio region. In contrast, we found that the average TEP and DOC productivities of T. nordenskioedlii varied simultaneously with growth of the strain and that the carbon-based TEP/DOC ratio changed little between the growth phases. These results suggest that TEP productivity in the Oyashio region increases with DOC productivity during spring diatom periods and that TEP removal (e.g., through consumption by heterotrophic organisms) must be considered in evaluating the relationship between TEP levels and DOC productivity. Further laboratory experiments using isolated diatom and bacteria strains should be made to clarify these issues.
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Transparent Exopolymer Particles (TEP) are relevant in particle and carbon fluxes in the ocean, and have economic impact in the desalination industry affecting reverse osmosis membrane fouling. However, general models of their occurrence and dynamics are not yet possible because of the poorly known co-variations with other physical and biological variables. Here, we describe TEP distributions in the NW Mediterranean Sea during late spring 2012, along perpendicular and parallel transects to the Catalan coast. The stations in the parallel transect were sampled at the surface, while the stations in the perpendicular transect were sampled from the surface to the bathypelagic, including the bottom nepheloid layers. We also followed the short-term TEP dynamics along a 2-day cycle in offshore waters. TEP concentrations in the area ranged from 4.9 to 122.8 and averaged 31.4 ± 12.0 μg XG eq L−1. The distribution of TEP measured in transects parallel to the Catalan Coast correlated those of chlorophyll a (Chla) in May but not in June, when higher TEP-values with respect to Chla were observed. TEP horizontal variability in epipelagic waters from the coast to the open sea also correlated to that of Chla, O2 (that we interpret as a proxy of primary production) and bacterial production (BP). In contrast, the TEP vertical distributions in epipelagic waters were uncoupled from those of Chla, as TEP maxima were located above the deep chlorophyll maxima. The vertical distribution of TEP in the epipelagic zone was correlated with O2 and BP, suggesting combined phytoplankton (through primary production) and bacterial (through carbon reprocessing) TEP sources. However, no clear temporal patterns arose during the 2-day cycle. In meso- and bathypelagic waters, where phytoplanktonic sources are minor, TEP concentrations (10.1 ± 4.3 μg XG eq l−1) were half those in the epipelagic, but we observed relative TEP increments coinciding with the presence of nepheloid layers. These TEP increases were not paralleled by increases in particulate organic carbon, indicating that TEP are likely to act as aggregating agents of the mostly inorganic particles present in these bottom nepheloid layers.
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INTRODUCTION

Transparent Exopolymer Particles (TEP) are defined as a subclass of gel-like organic particles, mainly composed by acidic polysaccharides, that are stainable with Alcian Blue (Alldredge et al., 1993). These particles are widespread in aquatic ecosystems, and their study in the ocean has biogeochemical and applied interests. Due to their high stickiness, TEP act as gluing agents for other particles to form larger aggregates susceptible to sink in the water column, hence stimulating the biological carbon pump (Passow et al., 2001; Burd and Jackson, 2009). However, TEP themselves have low density, and when unballasted, they can ascend through the water column (Azetsu-Scott and Passow, 2004) and accumulate in the sea surface microlayer (Wurl et al., 2011) where they can constitute a major source of primary aerosols (Orellana et al., 2011). The study of TEP has also gained interest in the water desalination industry since they are major agents of reverse osmosis membrane fouling (Berman, 2013). Given the ecological and economic relevance of TEP, there is a need to improve the knowledge about how these substances are distributed in the field and what factors affect their dynamics.

TEP were first observed, and have mostly been described, associated with phytoplankton blooms, in the field (Alldredge et al., 1993; Van Oostende et al., 2012) or in mesocosms and controlled chambers (Engel et al., 2015). From these studies we know that phytoplankton are a major source of TEP and TEP precursors in the sea. However, the relationship between phytoplankton and TEP varies depending on phytoplankton composition and physiology (Passow, 2002; Klein et al., 2011), and environmental variables such as nutrient availability (Mari et al., 2001), turbulence (Pedrotti et al., 2010), or UV irradiation (Ortega-Retuerta et al., 2009a). Therefore, even when phytoplankton are the likely main source for TEP, this is not necessarily translated into predictable relationships in the field between TEP and chlorophyll a (Chla), the most used proxy for phytoplankton biomass or production. Elucidating the sources of variability in the TEP-Chla relationships would help predicting the occurrence and dynamics of TEP in the ocean.

In addition to the role of phytoplankton, there are other sources of TEP in the sea, such as macroalgae (Thornton, 2004) or zooplankton (Prieto et al., 2001). Also bacteria are known to modify TEP distributions in the sea in various ways: They colonize and degrade TEP that are released by other organisms (Bar-Zeev et al., 2011; Taylor et al., 2014), thus acting as TEP sinks. Bacteria can also directly release TEP (Ortega-Retuerta et al., 2010) so they constitute TEP sources themselves. Finally, bacterial interactions with phytoplankton mediate TEP release (Van Oostende et al., 2013) and induce changes on their formation rates and properties such as their stickiness (Rochelle-Newall et al., 2010). The relative importance of these mechanisms governing the TEP dynamics in aquatic habitats, specifically in the Mediterranean Sea, remains unexplored.

The published information on TEP distributions in the Mediterranean Sea is particularly scarce (Prieto et al., 2006; Ortega-Retuerta et al., 2010; Bar-Zeev et al., 2011). The few published studies, however, concur in that TEP stocks are high when compared to other oceans. For instance, maximum TEP concentrations (up to 11,000 μg Xeq. L−1 in surface waters) were observed in Adriatic Sea samples (Passow, 2002). Exceptionally high in the Mediterranean Sea are the relative TEP concentrations with respect to Chla concentrations; higher TEP/Chla ratios than in other ocean basins have been taken to suggest that TEP are an important fraction of the particulate organic matter pool, and likely important drivers of carbon and particle fluxes in this oligotrophic sea.

Here, we report for the first time TEP distributions in the Catalan Sea (NW Mediterranean). Our specific goals were: (1) to determine the potential drivers of TEP from a wide range of physicochemical and biological variables and (2) to examine the variability in the TEP-Chla relationship across multiple spatial and temporal scales.

MATERIALS AND METHODS

Study Site and Sampling

Samples were taken during the cruises NEMO1, NEMO2, and SUMMER2 in Mediterranean waters between the Catalan Coast and north of Majorca Island on board the Spanish RV “García del Cid” (Figure 1). Transects parallel to the Catalan coast (following the bathymetry line at 40 m bottom depth) between Barcelona and Blanes were conducted in May 10th (transect 1) and June 11th (transect 2, Figure 1). During these transects, surface (2 m) samples were taken every hour from the underway continuous flow with the ship moving at ~7 knots, so that each sample was taken approximately at every 12 km. A coast-to-offshore transect was performed during NEMO1, from May 11th to 20th, including stations located in the shelf (Stations 1 and 2), slope (stations 3, 4, and 5) and basin (stations 6, 8, and 9). Station 7 was sampled during NEMO2, 1 month later (June 12th). Water samples in these transects were collected using a rosette (12 Niskin bottles with external spring, 12 L each) coupled to a Sea-Bird Conductivity-Temperature-Depth profiler, a WET Labs C-Star transmissometer and a SeaPoint optical backscatter sensor. Up to six depths were sampled from each station, from surface to bottom (down to 2300 m) waters including the surface, the O2 maximum, the deep chlorophyll maximum (DCM) when present, mesopelagic waters, and bottom nepheloid layers.
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FIGURE 1. Study area. Blue symbols, Coastal transects. symbols, Coast-to-open sea transect. Green symbol, 2-day cycle.



The 2-day lagrangian study (SUMMER2 cruise) was conducted aboard R/V “García del Cid” from 22nd to 24th May at ca. 45 nautical miles from the coast, within the core of a cyclonic eddy over a water-column depth of ca. 2000 m. A Lagrangian drifter was deployed to track the movement of the upper 15-m water layer. Each drifter consisted of a spherical floatable enclosure that contained a GPS and an emitter, from which 10 m cylindrical drogues hanged 5 m below the sphere. The drifters sent their position every 30 min, and all ship operations were conducted next to them. Samples were taken with the rosette every 4 h at six depths from surface to 200 m.

Chemical and Biological Analyses

TEP were analyzed following the colorimetric method proposed by Passow and Alldredge (1995). Samples (250–500 mL) were filtered through 25 mm diameter 0.4 μm pore size Polycarbonate filters (DHI) at low pressure (100 mm Hg). The filters were stained with 500 μL of Alcian Blue (0.02%, pH 2.5) for 5 s and rinsed with MilliQ water. The filters were soaked in 80% sulfuric acid for 3 h and the absorbance of the extract was determined at 787 nm in a Varian Cary spectrophotometer. Duplicates were taken for each sample. Previous analyses have shown a CV of 13% between TEP replicated measurements with this method (details not shown). We have calculated an average range of ±30.9% between duplicates in our dataset. Duplicate blanks (empty filters stained with alcian blue) were also taken at every station. The Alcian Blue dye solution was calibrated just before the cruise using a standard solution of xanthan gum processed with a tissue grinder and subsequently filtered through two sets of filters (five points in triplicate).

Chla concentration was determined by filtering 150 mL of seawater on GF/F filters (Whatman), extracting the pigment in acetone (90% v:v) in the dark at 4°C for 24 h, and measuring fluorescence with a Turner Designs fluorometer.

Analyses of dissolved inorganic nutrient concentrations [nitrate (NO3), nitrite (NO2), phosphate (PO4), and silicate (SiO2)], were done by standard segmented flow analyses with colorimetric detection (Hansen and Grasshoff, 1983) using an Seal Analytical AA3 High Resolution AutoAnalyzer.

Particulate organic carbon (POC) was measured by filtering 1000 mL of seawater on pre-combusted GF/F glass fiber filters (4 h, 450°C). The filters were frozen in liquid nitrogen and kept at −80°C until analysis. Prior to analysis, the filters were dried at 60°C for 24 h. Then the filters were dried again and analyzed with a C:H:N autoanalyser (Perkin-Elmer 240).

For bacterial abundance samples, 1.8 ml were preserved with 1% paraformaldehyde + 0.05% glutaraldehyde (final conc.) and frozen in liquid nitrogen until processed in the lab. Bacterial abundance (BA) was analyzed by flow cytometry (FACSCalibur cytometer, Becton and Dickinson) after staining with SYBRGreen I (Molecular probes). Bacteria were detected by their signature in a plot of side scatter vs. FL1 (green fluorescence) as explained in Gasol and del Giorgio (2000).

Bacterial Production (BP) was estimated using the 3H-leucine incorporation method described by Kirchman et al. (1985). Three 1.2-mL aliquots and two trichloroacetic acid (TCA)-killed controls (5% final concentration) of each sample were incubated with 40 nmol L−1, 3H-leucine (epipelagic samples) or 80 nmol L−1, 3H-leucine (meso- and bathy-pelagic samples). The incubations were carried out in a water bath at in situ temperature in the dark. The incorporation was stopped by adding cold TCA (5% final concentration) to the vials, and samples were kept at −20°C until processing as described by Smith and Azam (1992). Radioactivity was then counted on a Beckman scintillation counter. Leucine incorporation rates were converted into carbon production using the conversion factor of 1.55 kg C produced per mole of leucine incorporated and considering no isotope dilution (Simon and Azam, 1989).

Given that TEP are frequently enriched in fucose (Zhou et al., 1998), we determined fucosidase activity using a fluorogenic substrate, as in Sala et al. (2016). Each sample (350 μl) was pipetted in quadriplicates into 96 black well-plates, with 50 μl of the substrate 4-methylumbelliferyl β-D-fucoside (Sigma-Aldrich) at a final concentration of 125 μM. Fluorescence was measured immediately after addition of the substrate and after incubations, at in situ temperature and in the dark, for 15, 30 min, 1, 3, and 5 h. The measurements were done with a Modulus Microplate (DISMED, Turner BioSystems) at 450 nm excitation and 365 nm emission wavelengths. The increase of fluorescence units during the period of incubation was converted into enzymatic activity with a standard curve prepared with 4-methylumbelliferone (MUF, Sigma-Aldrich).

Statistical Analyses

We used the Statistica 7.0 software package to test the potential drivers of TEP distributions across the different spatial and timescales. We performed pairwise Pearson correlations between TEP concentrations and the following physico-chemical and biological variables: Temperature, salinity, turbidity, O2, nutrients (NO3, PO4, SiO4), particulate organic carbon (POC) and nitrogen (PON), chlorophyll a (Chla), bacterial abundance (BA), bacterial production (BP), and extracellular fucosidase activity. Data were log10-transformed and Bonferroni-corrected when needed.

RESULTS

Horizontal TEP Distribution along the Catalan Coast

In the coastal transects, TEP concentrations ranged from 27.4 to 122.8 μg XG eq L−1, and were overall higher in June (average 83.7 ± 23.9 μg XG eq L−1) than in May (average 56.1 ± 25.8 μg XG eq L−1; Table 1). In contrast, Chla concentrations were overall higher in May (0.65 ± 0.55 μg L−1) than in June (0.24 ± 0.14 μg L−1) and BP rates were similar in the two transects (0.18 ± 0.16 μg C L−1 h−1, ranging from 0.91 to 10.97, in May, 0.14 ± 0.21 μg C L−1 h−1, ranging from 0.50 to 14.79 in June). Dissolved inorganic nitrogen (DIN, nitrate+nitrite+ammonia) averaged 0.65 μM in May, ranging from 0.19 to 1.28 μM, and averaged 0.41 μM in June, ranging from 0.21 to 1.02 μM. Dissolved phosphate concentrations averaged 0.07 μM in May, ranging from 0.05 to 0.10 μM, and averaged 0.06 μM in June, ranging from 0.05 to 0.10 μM (Supplementary Figure 2). In May, TEP showed maxima in waters near Barcelona and north of the outflow of the Tordera River (Figure 2A). In these locations DIN concentration was 1.2 μM and phosphate concentration was 0.093 μM, two to eight-fold higher than in the rest of the stations. TEP-values were significantly correlated to Chla concentration (r = 0.93, p = 0.0003, n = 7) and marginally correlated to BP (r = 0.72, p = 0.06, n = 7, Figure 3). In June, TEP distributions showed maxima south of the outflow of the Tordera River, and were uncorrelated to Chla (Figure 2B) nor to BP. The TEP/Chla ratios were markedly higher in June (434.0 ± 197.5) than in May (136.7 ± 91.0, Table 1).


Table 1. Ranges of TEP concentration and TEP/Chla ratios in the different transects, depth profiles and diel cycles presented here.

[image: image]




[image: image]

FIGURE 2. Variations of TEP (blue symbols) and chlorophyll a (green symbols) concentration in the coastal transects performed in May (A) and June (B).
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FIGURE 3. Scatterplot between Chla and TEP concentrations in the coastal transects performed in May (filled symbols) and June (open symbols). TEP were related to Chla in May (r = 0.93, p < 0.001, n = 7).



Horizontal TEP Distribution from Coastal to Open Sea Waters

The concentration of TEP in the studied coast-to-open sea transect ranged from 4.9 to 54.2 μg XG eq L−1 with a mean concentration of 18.7 ± 11.4 μg XG eq L−1.

We calculated depth-averaged TEP concentrations in epipelagic waters (0–200 m) in an attempt to look at horizontal distribution patterns. Depth-averaged epipelagic TEP ranged from 9.9 to 24.9 μg XG eq L−1 (Figure 4A). TEP concentrations were highest near the coast and 60 km offshore, at the slope to basin transition (station 6, Figure 4A). The same horizontal patterns were observed for Chla, O2, BP (Figure 4B), rendering significant correlations with TEP (r = 0.7, p < 0.05, n = 9). TEP were likewise related to POC (r = 0.9, p < 0.01, n = 9) and to the ratio between BP and O2(r = 0.7, p < 0.05, n = 9), which can be considered a proxy of bacterial reprocessing of photosynthetically fixed carbon.
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FIGURE 4. Depth-averaged TEP concentration (μg XG eq L−1) and Chla (μg L−1) (A) and BP (μg C L−1 h−1) and O2 (mg L−1) (B) in epipelagic waters of the coast to open sea transect.



TEP Vertical Distribution in Epipelagic Waters

TEP vertical distribution patterns were variable among stations. Shelf waters exhibited mixed temperature and salinity profiles (Figure 5) and other chemical and biological variables were also quite uniform in the vertical profile. In these stations, Chla ranged from 0.10 to 0.38 μg L−1, BP ranged from 0.012 to 0.078 μg C L−1 h−1, and POC ranged from 3.7 to 7.2 μM. TEP vertical distributions were also quite homogenous from surface to the bottom, averaging 24.9 ± 3.0 and 19.7 ± 2.5 μg XG eq L−1 in stations 1 and 2, respectively (Figure 5). Conversely, well-developed DCM were detected in slope and basin waters between 50 and 60 m, with Chla concentrations ranging from 0.41 (station 5, slope) to 1.73 (station 6, basin) μg L−1. The TEP/Chla ratios ranged from 16.8 (station 6, DCM) to 316.0 (station 3, surface). They were generally higher at the surface and lower at the DCM. Bacterial production ranged from 0.005 to 0.065 μg C L−1 h−1 and the vertical distribution varied between stations: at the slope stations, BP was highest at the surface and subsurface, while in basin stations BP showed a bimodal profile, with peaks at the surface and at the DCM. POC concentrations, that ranged from 2.9 to 11.5 μM, showed similar distributions than TEP in the slope stations (with surface or subsurface peaks) but covaried with Chla, with maxima at the DCM, in the basin stations. TEP also showed marked vertical changes in slope and basin waters (Figure 5): they generally peaked at the surface (slope stations 3 and 5) or at the subsurface (slope station 4 and basin stations). These subsurface maxima were located between 25 and 55 m and showed values from 33.0 to 54.2 μg XG eq L−1 (mean concentration 39.6 ± 10.3 μg XG eq L−1). TEP maxima were always located shallower than the DCM and coincided with O2 maxima, and nutrient minima (Figure 5). At the slope, TEP maxima were also coincident with BP and POC maxima, while the Chla maximum was always deeper. By contrast, in the basin, BP and POC coincided with Chla while TEP and O2 peaked at shallower depths.
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FIGURE 5. Vertical profiles of Temperature (°C), salinity (practical salinity units), turbidity (FTU) and NO3 (μM) (left panels) and O2 (mg L−1), TEP concentration (μg XG eq L−1), Chla (μg L−1) and BP (μg C L−1 h−1) (right panels) in epipelagic waters of station 2 (shelf, upper panels), station 4 (slope, middle panels), and station 8 (basin, bottom panels).



Drivers of TEP Vertical Distribution

We assessed which were the environmental drivers of TEP vertical distributions in epipelagic waters performing Pearson correlation tests between TEP concentrations and a number of physical (temperature, salinity, turbulence), chemical (nutrients, O2), and biological (Chla, BP, bacterial abundance, bacterial fucosidase activity) variables (Table 2). Since vertical distribution patterns of TEP and biological variables such as Chla and BP differed among shelf, slope and basin stations, we separated shelf stations from the others for the analysis. TEP was never significantly correlated to Chla. In shelf waters, TEP was not related to any other physicochemical or biological parameter. In slope and basin waters, TEP was significantly and positively correlated to O2, BP and the ratio BP/O2, and significantly negatively correlated to nutrients and N/P ratios (Table 2).


Table 2. Results of Pearson correlations between TEP concentration and different physical, chemical, and biological variables measured in epipelagic waters during the NEMO cruises at the slope and basin stations.
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TEP Vertical Distribution in Mesopelagic and Bathypelagic Waters

TEP concentrations were half lower in meso- and bathypelagic waters with respect to the epipelagic, showing minima between 4.9 and 11.2 μg XG eq L−1. By contrast, relative TEP increases were observed in waters near the bottom in all slope and basin stations, parallel to increases in turbidity (proxy of total particle concentration).

TEP in meso- and bathypelagic waters were only significantly related to turbidity (r = 0.54, p < 0.01 n = 23), indicative of the relevance of bottom nepheloid layers (BNL). Remarkably, TEP were uncorrelated with POC in these layers. No significant correlation was found between TEP and BP, but a correlation with bacterial fucosidase activity (r = 0.45, p < 0.05 n = 23) could be observed.

Diel TEP Variations

The same surface water mass was sampled over time during the 2-day lagrangian study in the SUMMER2 cruise, as confirmed by plotting depth-averaged temperature and salinity values of each CTD cast (Supplementary Figure 1), except for the last two casts were a warmer water mass was likely sampled. We did not detect a recurrent diel pattern of TEP or of any other biological variables such as Chla or BP (Figure 6), even though these variables varied highly during the cycle. Chla showed subsurface maxima of 0.75–1.33 μg L−1 between 40 and 54 m. TEP concentrations ranged ten-fold, from 5.7 to 55.9 μg XG eq L−1 (average 34.1 ± 5.7 μg XG eq L−1). TEP maxima were situated between 25 and 47 m with highest values during the night (10 p.m. and 2 a.m.). These maxima were always shallower than the DCM, and were again vertically coincident with O2 and BP maxima. TEP concentrations were not significantly correlated to Chla, but a significant correlation was observed with O2 (r = 0.70, p = 0.000, n = 78), BP (r = 0.48 p = 0.000, n = 78), and the ratio BP/O2 (r = 0.44, p = 0.0001, n = 78). We looked at temporal variations of TEP, Chla, O2, and BP using depth-averaged values for all the epipelagic depths. Diel dynamics of TEP, Chla, O2, and BP were not coupled, but we detected Chla and O2 increases that were followed by a TEP increase after 4–12 h (Figure 6). However, lagged correlations between these variables, using either maxima or integrated values, were not significant.
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FIGURE 6. Diel variations of depth-averaged TEP (blue circles), Chlorophyll a (green triangles), O2 (purple triangles) concentration.



DISCUSSION

TEP dynamics can affect particle aggregation rates because of stickiness, and particle sinking rates due to their low density. Thus, determining and predicting TEP dynamics is crucial if we want to accurately estimate carbon and particle fluxes. The TEP-values observed in this study are within the range of data published for Mediterranean Sea waters (Prieto et al., 2006; Ortega-Retuerta et al., 2010; Bar-Zeev et al., 2011) and at the lower range of other coastal ocean areas (Klein et al., 2011; Van Oostende et al., 2012). By contrast, the TEP/Chla ratios were in the upper range of those previously published for other ocean basins (Prieto et al., 2006), except for those measured in the Mediterranean Sea (Ortega-Retuerta et al., 2010; Bar-Zeev et al., 2011).

TEP Variation in the Coastal Transects

TEP maxima were observed near the city of Barcelona and near the outflow of the Tordera River, areas with higher nutrient concentrations. Coincidentally, there are two desalination plants located at the mouth of the Llobregat (next to Barcelona) and Tordera Rivers, whose feedwater intake pipes are located between 800 and 2200 m from the coast and at 30 m depth, although they are not always operative. Given that TEP are directly linked to membrane fouling, it is important to be able to predict TEP occurrence in these locations. In May, TEP variations in these coastal waters could be explained by variations in Chla, suggesting a direct linkage between phytoplankton and TEP at this geographical scale. However, this relationship was absent in June (Figure 2). The higher TEP/Chla ratios in June were due to both higher TEP concentrations than in May and lower Chla concentrations than in May. Indeed, primary productivity (PP) is on average two-fold higher in May than in June in coastal NW Mediterranean Sea waters (Gasol et al., 2016). Bacteria did not seem to be a significant TEP source in June as no significant correlations between TEP and BP or TEP and the BP/Chla ratios were observed. Hence, TEP may accumulate in the sea surface at the beginning of the stratification period, similar to other phytoplankton-derived organic matter (Avril, 2002; Vila-Reixach et al., 2012; Romera-Castillo et al., 2013). These substances may be not taken up immediately by bacterioplankton due to nutrient defficiency, which is common in summer (Sala et al., 2002; Pinhassi et al., 2006). What we could resolve in this analysis was that the distribution of TEP in coastal waters could be predicted from Chla, a variable that is frequently monitored, but only at certain periods of the year.

TEP Horizontal Distribution from Coastal to Offshore Waters

Our dataset also allowed concluding that Chla is a good predictor of TEP concentrations at the horizontal scale from the coast to the open sea, since significant positive relationships were observed between these two variables. This information is important because it would allow estimating TEP concentrations, for instance, using remote sensing Chla values. It is worthy to mention that, if we restrict the analysis to surface values only instead of depth-averaged values, TEP and Chla were also related (r = 0.63 p = 0.06, n = 9), while not remarkable covariations were found between TEP and other biological variables. This reinforces the possibility of using remote sensing Chla data to estimate the geographical distributions of TEP in the area.

At the horizontal scale, TEP was also positively related to O2, POC, and BP. The covariance between all these variables at the horizontal scale suggests physical forces that drive them all. We observed maxima of TEP in epipelagic waters near the coast and at the interface between slope and basin waters. In this area, which is located next to the Catalan front, a salinity doming is frequently observed (Font et al., 1988; Estrada and Salat, 1989), and relatively high Chla and PP values are found due to increased deep ocean nutrient availability at shallower depths (Estrada, 1996; Pedrós-Alió et al., 1999). This is, however, not evident in our dataset since some basin stations (i.e., stations 8 and 9) were sampled during stormy conditions that rendered more mixed temperature and salinity profiles, while the rest were sampled in sunny days and well-stratified profiles.

TEP Vertical Distribution in Epipelagic Waters

In contrast to horizontal TEP distributions, vertical TEP distributions could not be predicted from Chla at the vertical scale. In this case, TEP maxima were always located shallower than the DCM. TEP maxima above the DCM and near the surface have been reported in previous studies in the Alboran Sea (García et al., 2002), the Eastern Mediterranean Sea (Bar-Zeev et al., 2011), and along a West to East transect in the Mediterranean Sea (Ortega-Retuerta et al., 2010). Furthermore, in a recent study (Kodama et al., 2014), TEP maxima were associated to layers of maximum O2 and nutrient minima, similar to what we observed in our study. Correlation analyses confirmed the Chla-TEP decoupling. From the whole set of variables, those that explained TEP distribution in both slope and basin waters were O2 (positively related to TEP) and nitrate (negatively related to TEP, Table 2). This suggests that TEP are a direct product of PP, which is frequently decoupled from Chla concentration and whose highest rates are located at depths shallower than the DCM (Estrada et al., 1993). This suggests that Chla is not the best proxy of phytoplankton biomass or PP at the vertical scale. Indeed, increases in Chla concentration at the DCM reflect photoacclimation to low light levels through increases in the Chla/carbon ratio, and do not necessarily match highest phytoplankton biomass (Delgado et al., 1992; Gernez et al., 2011).

Given that we lacked direct PP estimates, in this study we consider O2 as a proxy of PP in this area. We are aware, however, that O2 concentration in the ocean is a result of biological processes as well as physical processes, such as ventilation in the upper mixed layer. But a non-significant correlation between O2 and temperature indicates that O2 distribution in the area majorly reflects biological processes. Furthermore, in surface waters of our study, TEP and O2 were not significantly correlated, which supports our view that the O2-TEP correlation is through PP with O2 being a proxy of the latter. Similarly, the absence of negative correlations between O2 and bacterial abundance or production suggests that respiration by heterotrophs is not the main driver of O2 distributions.

The observed significant positive correlation with bacterial production would suggest one of the following mechanisms: (1) bacteria act as a source of TEP, (2) bacterial colonization and utilization of TEP, or (3) dependence of both TEP and bacteria on other factors, namely organic compounds released by phytoplankton during primary production. We performed multiple regression analyses with TEP as the dependent variable and O2 and BP as independent variables. Both variables significantly explained TEP variability (r2 = 0.71, p = 0.000, n = 25), with partial coefficients of 0.72 for O2 and 0.46 for BP, respectively. Additionally, we correlated the raw residuals of the O2-TEP regression against BP, resulting significant and positive (r = 0.38, p < 0.05, n = 25). Both analyses lead us to conclude that both PP (with O2 as surrogate) and bacterial activity (with BP as surrogate) has a significant influence on vertical TEP distributions. Finally, the correlation between TEP and the BP/O2 ratio was significant and positive. The positive correlation indicates that the higher the bacterial processing of organic matter originated in primary production, the higher TEP concentrations we observed, suggesting then a synergy between carbon fixation and bacterial reutilization of this fixed C to generate TEP.

Nutrients may also have an impact on TEP distributions as suggested by the negative correlations with NO3, PO4, and SiO4. TEP are enriched in carbon respect to N and P (Mari et al., 2001), and different experimental studies have demonstrated a higher TEP release rate when nutrients are limiting (Mari et al., 2005; Pedrotti et al., 2010). Also, the N/P ratios are likely important in determining TEP production and degradation, as suggested by a significant correlation between the N/P ratio and TEP concentration in epipelagic waters. Although how nutrient stoichiometry affects TEP dynamics is unclear and probably dependent on the composition of the initial microbial community (Gärdes et al., 2012); our negative correlation suggests that the lower the relative proportion of P, the higher the TEP; which contrasts with previous experimental results (Engel et al., 2015). However, the likely limitation by phosphorus in our system (e.g., Sala et al., 2002; Pinhassi et al., 2006) in contrast to the Atlantic area studied by Engel et al. (2015) could differently affect TEP production. Indeed, it has been proposed that extracellular organic carbon production is highest under P limitation (Mauriac et al., 2011). TEP properties also vary depending on whether they are released during active growth or during bloom senescence (Mari et al., 2001), with implications for the fate of these particles in seawater (degradation vs. export). In the NW Mediterranean, PP usually peaks at the end of winter and spring (Gasol et al., 2016), so we sampled during the transition of spring to summer, which coincides with the beginning of nutrient depletion and associated decreases in PP. Thus, we expected TEP to accumulate and be prone to further export.

TEP Vertical Distribution in Meso- and Bathy-Pelagic Waters

In meso- and bathypelagic waters TEP distributions were only explained by turbidity changes. Specifically, we could detect TEP increases associated with near-bottom particle-rich layers (BNL). Surprisingly, these TEP increases were not paralleled by increases in POC. This suggests that these BNL were composed mostly of mineral particles that could be coated or aggregated by TEP. A previous study in the NW Mediterranean (Puig et al., 2013) observed the presence of fine particles in the BNL. Via microscope visualizations, they showed that organic matter in the BNL was mainly composed by “amorphous aggregates,” and suggested that these aggregates had lower sinking rates than phytoplankton cells or other solid organic particles. This is in line with our findings, where TEP, which are low density particles, may have a longer residence time in the BNL than the rest of POC compounds. In bathypelagic waters, TEP cannot have a direct phytoplanktonic source as light is absent. However, a bacterial source was not evident either since no significant correlations were observed between TEP and BA or BP. Interestingly, TEP concentrations in that layer were positively correlated to bacterial fucosidase activity. Since TEP are enriched in fucose (Zhou et al., 1998), this may reflect bacterial degradation of TEP in deep waters. Therefore, bacteria would act as a sink instead of a source for TEP, and a probable non-local TEP source must exist, material either sunk from epipelagic waters, resuspended from the sediment, or advected off the shelf.

TEP Diel Variations

To our knowledge this is the first time that high frequency (every 4 h) and short-term (i.e., 2-day) TEP changes have been monitored in the field during a lagrangian study. However, we did not find a recurrent pattern of any of the variables measured. In our case, this lack of diel patterns of microbial biomass/activity likely explained the absence of recurrent TEP diurnal or nocturnal maxima. Additionally, although we confirmed in this study the vertical decoupling between Chla and TEP and the better coincidence with O2 concentrations, the results of short-term variations of these variables were less conclusive. We got some hints about short-term temporal decoupling, where TEP peaks followed Chla and O2 peaks, but further work, with longer diel sampling, is needed to explore this issue.

CONCLUSIONS

We showed that the TEP-Chla relationship in the ocean is variable and mainly depends on the time and spatial scale studied. TEP can be predicted from Chla distributions at the horizontal scale, which opens the possibility to estimate surface TEP using remote sensing Chla; but this relationship is not evident at the vertical scale, nor at a short timescale, and also likely varies seasonally. Since our dataset is limited, in an attempt to compare our results to other areas, we compiled information on the various TEP-Chla relationships published in the literature (Table 3). The previous results mainly concur with our observations: TEP patterns mimic Chla patterns horizontally, but they are vertically decoupled, and TEP concentration maxima are frequently found at depths shallower than the DCM. Hence, we propose O2 concentrations and bacterial production as predictive variables for vertical TEP distributions in the ocean. Further, we suggest looking at the spatial and temporal variations of TEP together with primary productivity measurements and orienting further work to elucidate what is the specific role of bacterioplankton at explaining geographical and vertical TEP distributions in the ocean.


Table 3. Review of TEP-Chla relationships available in the literature.
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Exchanges of matter and energy between ocean and atmosphere occur through the sea surface microlayer (SML). The SML is the thin surface layer of the ocean at the ocean-atmosphere interface that has distinctive physical, chemical and biological properties compared with the underlying water. We measured the concentration of two types of exopolymer particles in the SML and underlying water in the Pacific Ocean off the coast of Oregon (United States) during July 2011. Transparent exopolymer particles (TEP) are defined by their acidic polysaccharide content, whereas Coomassie staining particles (CSP) are composed of protein. TEP and CSP were ubiquitous in the SML. TEP were not significantly enriched in the SML compared with the underlying water. CSP were significantly enriched in the SML, with an enrichment factor (EF) of 1.4–2.4. The distribution of exopolymer particles in the water and microscopic imaging indicated that TEP and CSP are distinct populations of particles rather than different chemical components of the same particles. Dissolved polysaccharides were not enriched in the SML, whereas monosaccharides had an EF of 1.2–1.8. Sampling occurred during the collapse of a diatom bloom, and diatoms were found both in the water column and SML. While there were living diatoms in the samples, most of the diatoms were dead and there were abundant empty frustules covered in layer of TEP. The collapsing diatom bloom was probably the source of exopolymer particles to both the SML and underlying water. Exopolymer particles are a component of the SML that may play a significant role in the marine carbon and nitrogen cycles, and the exchange of material between ocean and atmosphere.

Keywords: coomassie staining particles (CSP), diatom, dissolved organic matter (DOM), exopolymers, Pacific Ocean, sea surface microlayer (SML), transparent exopolymer particles (TEP)

INTRODUCTION

The sea surface microlayer (SML) is the thin skin that covers the ocean, and therefore the majority (71%) of the Earth's surface. Hunter (1997) defined the SML as “that microscopic portion of the surface ocean which is in contact with the atmosphere and which may have physical, chemical or biological properties that are measurably different from those of adjacent sub-surface waters.” It is operationally defined as being 1–1000 μm thick (Liss and Duce, 1997). Many constituents of the SML occur at higher concentrations than in the underlying waters (Cunliffe et al., 2011). Enrichment factors (EF) are used to express the relative concentration of an analyte in the SML relative to the underlying water and are simply the quotient of the concentration in the SML and bulk water. For example, the SML is frequently enriched (EF > 1) with dissolved organic carbon (DOC) (Sieburth et al., 1976; Hunter, 1997; Reinthaler et al., 2008). The SML is dynamic, and its composition and the enrichment in particular chemicals or organisms varies considerably in time and space (Karavoltsos et al., 2015).

Microorganisms are frequently more abundant in the SML compared with the underlying water. Aller et al. (2005) found that the EF for bacteria and virus abundances were 10 and 7, respectively. Protistan community composition in the SML is different from the underlying waters and is enriched in some taxa (Joux et al., 2006; Cunliffe and Murrell, 2010; Taylor and Cunliffe, 2014). Joux et al. (2006) proposed that buoyant particles and bubbles play a role in the enrichment of the SML with specific taxa. Research has shown differences in the bacterial community composition of the SML compared with the underlying water (Franklin et al., 2005; Cunliffe et al., 2009), whereas other work has shown no significant difference (Agogué et al., 2005; Obernosterer et al., 2008). While the SML is potentially enriched in substrates to support microbial growth, it is also a harsh environment due to exposure to high photon flux densities, including ultraviolet light. The burden of photoprotection may explain that while rates of bacterial respiration are high, growth efficiency is lower than the underlying water (Reinthaler et al., 2008).

The current model of the SML (Wurl and Holmes, 2008; Cunliffe and Murrell, 2009; Wurl et al., 2011) stems from the work of Sieburth (1983) who first proposed that the SML was a loose, hydrated gel of macromolecules and colloids. This “gelatinous film” is enriched with transparent exopolymer particles (TEP) compared with underlying waters (Wurl and Holmes, 2008; Cunliffe et al., 2011). TEP are rich in acid polysaccharides (Alldredge et al., 1993). Work over the last 20 years has shown that TEP are ubiquitous and play an important role in particle dynamics and carbon cycling in the ocean (see reviews by Passow, 2002a; Burd and Jackson, 2009; Verdugo, 2012). Ultraviolet light enhances TEP production by microorganisms (Ortega-Retuerta et al., 2009), indicating that the high concentrations of microorganisms in the SML may be a significant source of TEP. However, the effects of ultraviolet light are complex as it also causes TEP photolysis (Ortega-Retuerta et al., 2009). Another source of exopolymers to the SML is the accumulation of surface-active material on bubbles rising through the water column (Wurl and Holmes, 2008). TEP can be buoyant and rise up toward the ocean surface, particularly if there are relatively few solid particles embedded in it (Azetsu-Scott and Passow, 2004; Mari, 2008). Coomassie staining particles (CSP) are exopolymer particles that are detected based on their protein content (Long and Azam, 1996). Relatively few measurements of CSP have been made in the ocean. CSP deserve more attention, as they may be a significant pool of bioavailable nitrogen in aquatic systems, including in the SML.

The SML is biogeochemically important as all exchanges of material between ocean and atmosphere must occur through it. Several studies, using a variety of methods, have identified gel-like particles and exopolymers in aerosols collected over the Arctic Ocean (Bigg and Leck, 2008; Leck and Bigg, 2008; Orellana et al., 2011). Kuznetsova et al. (2005) measured both TEP and CSP in aerosols generated using Atlantic waters. There is a growing interest in the role of marine biogenic aerosol in atmospheric processes, including cloud formation and climate forcing (Russell et al., 2010; Orellana et al., 2011; Quinn et al., 2014; Wang et al., 2015; Wilson et al., 2015).

The primary objectives of this work were: (1) to determine if CSP and TEP are concentrated in the SML compared with underlying waters, and (2), to determine if there was a direct relationship between TEP and CSP concentrations in the SML and underlying waters. Our approach differs from recent work (Wurl and Holmes, 2008; Cunliffe et al., 2009; Wurl et al., 2009, 2011) as we measured TEP concentrations using microscopy and image analysis rather than the colorimetric technique. Because image analysis was used to enumerate both TEP and CSP particles, the data collected on these two types of exopolymer particle were directly comparable. CSP have been overlooked in the SML and have only been measured in two previous studies (Kuznetsova et al., 2005; Engel and Galgani, 2016). Image analysis also allowed us to qualitatively determine what other visible particles were associated with TEP and CSP in the SML and underlying water and thereby determine the associations between exopolymers (TEP and CSP) and other particles.

METHODS

Study Stations and Sampling

Samples were collected during a cruise onboard the R/V Wecoma in coastal waters of the Pacific Ocean off the state of Oregon (United States) during July 2011. The vessel left Newport (OR) on the 8 July 2011 and returned on 14 July 2011. Samples were collected along a seaward transect out from the mouth of the Columbia River (stations A, B, and C) and at two stations further south in deeper waters beyond the shelf break (stations D and E). Figure 1 and Table 1 shows the location of the stations at which exopolymer (TEP and CSP) and carbohydrate samples were taken. Prior to sampling, glassware was acid washed (5% HCl) overnight, rinsed at least three times in reverse osmosis water and a further two times using ultra high purity (UHP) water. Items were then individually wrapped in aluminum foil and combusted for 2 h at 150°C followed by 4 h at 500°C. GF/F filters (Whatman, nominal pore size of 0.7 μm) were used to filter sea water for dissolved carbohydrate analysis. Each filter was individually wrapped in aluminum foil and combusted at 150°C for 2 h followed by 500°C for 7 h.
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FIGURE 1. Location of the five sampling sites in the eastern Pacific Ocean. Sampling stations (red stars) were located off Oregon (United States). Station A was located closest to the mouth of the Columbia River.



Table 1. Stations sampled in the eastern Pacific Ocean off the coast of Oregon (United States) in July 2011.
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It is challenging to collect samples of the SML in the ocean as the platform from which the samples are taken disrupts the SML during the sampling process (Wurl, 2009). To reduce these effects, samples of the SML and underlying water were collected from a rigid hulled inflatable boat (RHIB) launched from the R/V Wecoma. Samples were taken by going ahead of the R/V Wecoma in the RHIB to reduce the effects of the ship's wake on sample integrity. The wake of the RHIB will also disturb the SML, therefore samples were collected when the RHIB was drifting through the water rather than under power. The SML was sampled by repeatedly dipping a glass plate vertically into the water over the side of the RHIB (Harvey and Burzell, 1972; Wurl, 2009). The glass plates were made from 0.2 cm thick window glass. An insulation foam handle was mounted onto the glass and the sampling area was 25 × 26 cm in size, which was a total area of 1300 cm2 (0.13 m2), including both sides of the plate. While larger plates would collect a larger sample of water with one dip, safety considerations limit the size of the plate to a size that can easily be handled at sea in the RHIB.

The plate was dipped into the water vertically and withdrawn at a rate of approximately 5 cm s−1. Excess water was allowed to drain off the plate for a few seconds and the SML was scraped into a polyethylene funnel placed in a 500 ml glass bottle (medium bottle, VWR Scientific). The scrapers were 8′ (203 mm) polystyrene taping knives (Wal-Board Tools, Home Depot). Plasticware was soaked in 5% HCl for 48 h and rinsed multiple times in UHP water before the cruise. To get sufficient sample for analysis, two operators dipped plates simultaneously, one on each side of the bow of the RHIB, while a third person ensured that splashes and other extraneous water did not enter the sample bottle. The dips were pooled into one bottle and each dip recovered 3–5 ml. The process was continued until 350–500 ml of sample was collected. The R/V Wecoma was stationary during RHIB operations and CTD casts were made during this time. The CTD rosette included instruments to measure temperature, salinity, oxygen concentrations, and chlorophyll fluorescence. The position of the RHIB relative to the R/V Wecoma was generally within 500 m.

In addition to sampling the SML, water was collected using a portable peristaltic pump (Alexis pump, Pegasus Pump Company, Bradenton, Florida) at depths of 1, 5, and 10 m from the RHIB (Table 1). The peristaltic pump was set up for collecting water samples for trace metal analysis (Aaron Beck, personal communication). The tubing running through the pump was Masterflex C-flex tubing (Cole-Parmer) connected to the fluorinated ethylene propylene (FEP) tubing that was lowered into the ocean. Prior to the cruise, the tubing was soaked in 6 M HCl for 6 months and rinsed in UHP water. The tubing was lowered over the side of the boat using a weighted line, ensuring that it descended vertically to ensure that the correct depth was sampled. The pump was flushed for 5 min to push five times the volume of the tubing through the pump before the water was collected. Samples were collected into 500 ml medium bottles, which were rinsed 3 times with site water from the correct depth before the sample was collected. One bottle was filled per sample depth. All water samples were placed in a cooler and returned to the R/V Wecoma, where they were processed immediately.

Preparation of TEP and CSP Samples

Both TEP and CSP were separated from the water sample by filtration onto 25 mm diameter 0.4 μm pore size polycarbonate filters (Nuclepore, Whatman). Low vacuum (<150 mm Hg) was used to ensure that the delicate exopolymer particles were retained on the filters (Alldredge et al., 1993; Passow and Alldredge, 1995). A glass fiber filter (GF/C, Whatman) was placed onto a drop of UHP water on top of the sintered glass filter bed. Another drop of UHP water was placed on top of the GF/C filter and the polycarbonate filter was floated on top of this drop and an extremely low vacuum was used to draw it down onto the GF/C filter, ensuring that no air bubbles were trapped between the filters. These steps were taken to ensure an even distribution of sample across the polycarbonate filter. The volume of water sampled was varied between sites (20–50 ml) with the objective of obtaining enough material to analyze without overloading the filter with sample. Once all the sample was drawn through the filter, then it was either stained for TEP using Alcian blue, or with Coomassie Brilliant Blue for CSP. Due to the similar blue color of the dyes it was not possible to stain for both TEP and CSP on the same filter.

TEP were stained with 1 ml of Alcian blue 8GX (Sigma-Aldrich) solution at pH 2.5 (0.02% (w/v) in 0.06% acetic acid (v/v); Passow and Alldredge, 1995). The dye was allowed to stain the TEP retained on the filter for 5 s and then it was drawn through the filter at low vacuum. Excess dye was rinsed through the filter with two 1 ml rinses of UHP water. The filter was placed in a drop of immersion oil on a Cyto-clear microscope slide (GE Water and Process Technologies; Logan et al., 1994). A second drop of oil was placed on top of the filter and it was covered with a glass coverslip. Prepared slides were stored frozen (−20°C) in the dark until analysis. CSP slides were prepared using the same protocol, except that the filters were stained with a solution of Coomassie Brilliant Blue G-250 (Sigma-Aldrich) (Long and Azam, 1996), a stain commonly used to quantify proteins in solutions (Bradford, 1976). Working Coomassie Brilliant Blue G-250 solutions were prepared each day by making a 1/25 dilution of the stock solution (1 g Coomassie Brilliant Blue G-250 in 100 ml of UHP water) with 0.2 μm filtered artificial seawater salts (Berges et al., 2001). This resulted in a 0.04 % (w/v) working solution with a pH of 7.4. Three TEP slides and three CSP slides were prepared per sample bottle.

Image Analysis of TEP and CSP

Microscope slides were photographed and analyzed on return to the laboratory at Texas A&M University. Images were captured using a AxioCam ERc 5 s color camera (Carl Zeiss MicroImaging) mounted on a Axioplan 2 microscope (Carl Zeiss MicroImaging) run from Axiovision 4.8 software (Carl Zeiss MicroImaging). To ensure that the images could be quantitatively analyzed it was important to standardize the imaging and therefore the setup of the microscope. Ten images were taken working across the diameter of the filtered area. Medium sized (1280 × 960 pixels) rather than large images (2560 × 1920) were taken to reduce vignetting.

Images were processed quantitatively in ImageJ (National Institutes of Health; Schneider et al., 2012) using a protocol based on Engel (2009). Images were analyzed from the JPEG format using a calibrated LCD monitor (MultiSync PA241W, NEC). Particles that did not stain blue were removed from the image for analysis. This was done using the brush and pencil tools in ImageJ to cover up the particles with the background color of that specific image. The image was then split into three color channels corresponding to the primary colors that make up the original color image (red, blue, and green). The blue and green images were discarded and further analysis was carried out on the grayscale representation of the red channel as this channel accentuated the exopolymer particles against the background. Quantitative analysis required a binary (black and white) image and therefore a threshold was selected along the 256 point grayscale to determine what were exopolymer particles (black pixels) and what was background (white). A constant threshold value could not be used as the filter itself absorbs dye and there is variation between filters. The triangle method (Zack et al., 1977) was used to determine the threshold within ImageJ and produce the final binary image.

The binary images were analyzed using protocols to determine the total area of exopolymer particles and the particle size distribution (PSD). Particles with an area <10 μm2 were not included in the analysis as many of these were noise caused by the uneven adsorption of dye to the filter giving it a slightly grainy appearance. The total area of exopolymer was determined automatically in ImageJ and included all particles ≥10 μm2. Other data extracted from the images were the total number of particles and the sizes of individual particles. Particles overlapping the edges of the image were included in the measure of total TEP area per image and in the particle counts. The final data were total exopolymer particle area per unit volume, particle number per unit volume, and particle size distributions.

In addition to TEP and CSP, the samples contained numerous other microscopic particles and amorphous aggregates of organic matter. Qualitative notes were kept as a description of these particles and their relative abundance in the different samples. Separate images of representative non-exopolymer particles were captured. These images were not used in the quantitative analysis as they were set up to capture the best quality image of the objects in question (for example, objects of interest were centered in the field of view) rather than using the standardized protocols described above.

Measurement of Dissolved Carbohydrates

Three aliquots from each bottle were filtered under low vacuum through combusted GF/F filters and the filtrate was placed in glass vials with Teflon lined caps and frozen in the dark at −20°C until analysis. Samples were analyzed for carbohydrates from the SML and 1 m water depths. Samples for carbohydrate were analyzed using the 2,4,6-tripyridyl-s-triazine (TPTZ) method of Myklestad et al. (1997) calibrated with D-glucose as a standard over the range 0–2 mg l−1 (0–66.7 μmol l−1 C). Results are expressed as glucose carbon equivalents. Measurements were made by absorbance (595 nm) in a 1 cm path cuvette against an UHP water blank using a spectrophotometer (UV-mini 1240, Shimadzu). Dissolved monosaccharides were measured directly using 1 ml of thawed sample. Total dissolved carbohydrate was measured after hydrolysis into monosaccharides. Hydrolysis was carried out in 10 ml glass ampoules (Wheaton, Milleville, New Jersey) into which 4 ml of sample was placed with 0.4 ml of 1 M HCl. The ampoules were sealed in a flame and heated to 85°C for 24 h in a drying oven. After acid hydrolysis, the vials were opened and the contents was neutralized with 1 M NaOH and analyzed as before using the TPTZ method. Preliminary experiments were conducted to optimize hydrolysis conditions (Chen, 2014). The mean recovery rate of starch hydrolyzed for 24 h at 85°C with 0.09 M HCl was 79%.

Data Analysis

Data were plotted and analyzed using SigmaPlot 12.0 (Systat Software Inc.). Analysis of variance (ANOVA) was conducted on data that met the assumptions of normality and equality of variance. Data that did not meet these assumptions were transformed before analysis. If the transformed data did not meet these assumptions, then a non-parametric statistical test was used. One-tailed t-tests to determine whether the SML was significantly enriched compared with the underlying water were calculated using a spreadsheet in Excel (Microsoft Corporation) following methods in Zar (1996).

RESULTS

Hydrographic Profiles and Distribution of Exopolymers (TEP and CSP)

Table 1 shows the location of the five sampling stations off the coast of Oregon, including the depths of the deepest hydrographic casts at each station. Station D and E were south of the Columbia River mouth and west of the shelf break over deeper waters (Figure 1). As we were interested in the SML, the depth profiles presented in this paper are to a relatively shallow depth of 25 m (Figures 2, 3). Detailed depth profiles are presented for stations A and D, as these were the stations at which samples for exopolymer particles were taken at several depths (Table 1). Station A, which was over the continental shelf and closest to the mouth of the Columbia River (Figure 1), shows riverine influence (Figure 2). Surface waters were relatively warm, decreasing from 14.3°C at 1 m to 8.3°C at 25 m (Figure 2A). There was a distinct shallow halocline, with a salinity of 18.2 at 1 m and 30.8 at 5 m (Figure 2A). TEP and CSP concentrations were relatively constant with depth from 1 to 10 m, with TEP concentration higher than CSP concentration (Figure 2B). In the SML, CSP concentration was greater than TEP (Figure 2B). The chlorophyll maximum was located just below the halocline, with a peak chlorophyll concentration of 2.82 mg m−3 at 7 m (Figure 2C). Oxygen concentration peaked just below the chlorophyll maximum, with a concentration of 263 μmol O2 kg−1 at 11 m (Figure 2D).
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FIGURE 2. Depth profiles of water properties and exopolymer particles at station A. (A) Temperature and salinity. (B) Transparent exopolymer particles (TEP) and Coomassie staining particles (CSP); data points show mean ± standard deviation (n = 3). (C) Chlorophyll concentration. (D) Oxygen concentration.
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FIGURE 3. Depth profiles of water properties and exopolymer particles at station D. (A) Temperature and salinity. (B) Transparent exopolymer particles (TEP) and Coomassie staining particles (CSP); data points show mean ± standard deviation (n = 3). (C) Chlorophyll concentration. (D) Oxygen concentration.



Figure 3 shows that there was a clear riverine influence further off shore and south of the Columbia River mouth at station D (Figure 1). Comparing the two stations, the surface waters at Station D (Figure 3A) were approximately 2°C warmer than those of station A (Figure 2A). The halocline was distinct between 5 and 10 m at station D, with a salinity of approximately 24 from the surface to 5 m, and a salinity of >31 below 10 m (Figure 3A). Although, there was a large change in salinity between 5 and 10 m, there was no change in TEP or CSP concentrations between these depths (Figure 3B). TEP and CSP concentrations were generally lower than at station A, though they followed the same general pattern, TEP concentrations were greater than CSP, except in the SML. Chlorophyll concentrations were lower at station D (<0.5 mg m−3; Figure 3C) than at station A. Oxygen concentrations were relatively low above the pycnocline (Figure 3D) and increased to a maximum at the pycnocline of 224 μmol O2 kg−1 at 5 m.

Figure 4 shows the concentrations of both TEP and CSP in the SML and at 1 m at the remaining stations (Figures 4A,C,E). At all stations, the influence of the Columbia River was apparent by the low salinity water in the upper 5 m (Figures 4B,D,F). This was most pronounced at Station B (Figure 4B) and least pronounced at station at Station E (Figure 4F), reflecting the relative distance of the two stations from the mouth of the river. Pooling the data from all stations to compare exopolymer particle concentrations in the SML and at 1 m depth, there was a significant difference in CSP concentration (Mann-Whitney; U = 26.0, n = 30, P < 0.001), but no significant difference in TEP concentration.
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FIGURE 4. Depth distribution of exopolymer particles at three stations. Concentrations of transparent exopolymer particles (TEP) and Coomassie staining particles (CSP) in the sea surface microlayer (SML) and at 1 m depth in the water column (A,C,E). Bars show mean + standard deviation (n = 3). Profiles of salinity in the upper 25 m of the water column at each station are shown for reference (B,D,F).



There was a significant difference between the concentration of TEP and CSP when the data for all stations and depths were pooled (Mann-Whitney; U = 648, n = 42, P < 0.05), indicating that the two dyes used to distinguish CSP and TEP were not staining the same material. This is further illustrated by Figure 5, in which CSP was plotted against TEP concentration and there was no linear relationship between the two. In addition, Figure 5 shows that the SML was generally enriched in CSP relative to TEP, compared with the underlying water. There was no significant difference in particle concentrations of TEP and CSP, either in the SML or at 1 m depth.
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FIGURE 5. Comparing exopolymer particle concentrations in the sea surface microlayer (SML) and underlying water. Pooled data for all stations showing the relationship between transparent exopolymer particle (TEP) and Coomassie staining particle (CSP) concentrations in the SML and underlying water. The reference lines shows where TEP and CSP concentrations would be equal. Data points show mean ± standard deviation (n = 3).



Distribution of Dissolved Carbohydrates

Table 2 shows the distribution of dissolved carbohydrates in the SML and 1 m below the surface. In both the SML and at 1 m, the concentration of dissolved polysaccharides was generally higher than dissolved monosaccharides. Exceptions to this generalization were the two stations closest to the mouth of the Columbia River, where the monosaccharide concentration was approximately the same as polysaccharides. Two-way ANOVA showed that there was a significant difference in dissolved polysaccharides with depth [F(1, 20) = 8.173, p = 0.01] and station [F(4, 20) = 38.997, p < 0.001], and no significant interaction between depth and station [F(1, 20) = 2.734, p = 0.058]. There was a significant difference in dissolved polysaccharide concentrations between all stations (Holm-Sidak method, p < 0.05), with the exceptions of between A and B, and Stations E and C. Two-way ANOVA indicated significant differences between monosaccharide and total carbohydrates with both station and depth. However, in both analyses there was a significant interaction (p < 0.05) between the fixed factors, precluding a simple interpretation of the effects of depth and station.

Table 2. Dissolved carbohydrate concentrations in the sea surface microlayer (SML) and underlying water (1 m depth).
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Enrichment Factors (EF)

There was no significant enrichment of TEP in the SML (Table 3). CSP were significantly enriched in the SML, with EF > 1 at each station. While there was significant enrichment of monosaccharides, there was no significant enrichment of polysaccharides in the SML (Table 3).

Table 3. Enrichment factors (EF) in the sea surface microlayer (SML).
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Description of Non-exopolymer Particles in the SML and Underlying Waters

An advantage of the imaging method for the measurement of exopolymer particles is that the association of exopolymers with other particles can be observed. Representative material from the SML at Station A are shown in Figures 6A,B. In addition to the large amount of exopolymers (blue color in the images), there was evidence of biological and non-biological material in the SML. Figure 6A shows green material toward the upper left of the image, this was probably a fragment of terrestrial plant or green macroalga. In addition, Figure 6A shows a number of green algal cells which appear to be embedded in a matrix that has not stained with the Commassie brilliant blue dye (indicating that the matrix was not formed from protein). The abundant CSP (Figure 6A) are generally <50 μm across and are in the form of thin sheets of material, in contrast to TEP (Figure 6B), which appears more three-dimensional. Samples from the SML contained large numbers of small (<10 μm across) particles, which were black, brown, or red in color (Figures 6A,B). It is likely that these particles were from a range of origins (terrestrial, marine, and anthropogenic) and compositions such as mineral grains, biological particles, and microplastics. Figures 6C,D show examples of aggregates that occurred at all depths. Aggregates stained with alcian blue indicating that the components of the aggregates were embedded in a matrix of TEP (Figure 6C). CSP was less significant in the matrix of aggregates stained with Coomassie brilliant blue (Figure 6D).
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FIGURE 6. Images of representative particles in the samples. (A) Coomassie staining particles (CSP) dyed blue and associated particles from the sea surface microlayer (SML) at station A. (B) Transparent exopolymer particles (TEP) dyed blue and associated particles from the sea surface microlayer (SML) at station A. (C) Amorphous aggregate stuck together with TEP from the SML at station B. (D) CSP and an amorphous aggregate from 5 m depth at station A. Scale bars are 100 μm (images A,B,D) and 50 μm long (image C).



The large numbers of predominantly dead diatoms in the water column indicate that the samples were collected during the collapse of a diatom bloom (Figure 7). While empty diatom frustules are almost invisible under transmitted light, staining with alcian blue caused the dead diatoms to become visible as the exterior of the frustules were coated in TEP (Figures 7A–C). This may indicate that diatoms were directly producing TEP. However, cells that contained pigments, indicating that they were alive, were less stained, suggesting that a lot of the TEP material was sticking to frustules after death (Figure 7C). Diatom frustules coated in TEP and live diatoms were found in the SML (Figure 7C), as well as in the underlying water (Figures 7A,B). Figure 7D shows two live Pseudo-nitzschia sp. diatoms stained with Commassie brilliant blue, indicating that the surface of the cells were coated in proteins. Other diatom genera which were abundant in the samples included Rhizosolenia spp. (Figures 7A,B), Chaetoceros spp. (Figures 7A,B), Coscinodiscus sp., and Nitzschia spp. At stations close to the Columbia River mouth there was evidence of freshwater phytoplankton as can be seen by the green algal cells in Figure 6A. Identifiable freshwater taxa at stations A and B were the green colonial alga Pediastrum sp. and the diatom Asterionella sp.
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FIGURE 7. TEP and CSP associated with diatoms. (A) Empty diatom frustules coated with transparent exopolymer particles (TEP) from 5 m at station D. (B) Empty diatom frustules coated with TEP and live diatoms from 10 m at station D. (C) Empty diatom frustules coated with TEP, live diatoms, and unidentified particles from the SML at station D. (D) Live diatoms and associated Coomassie staining particles (CSP) from station C at 1 m. Scale bars are 100 μm (images A–C) and 50 μm long (image D).



DISCUSSION

There are no standard methods for sampling the SML (Cunliffe et al., 2013). This presents a challenge in comparing data as the differences between studies may be as dependent on sampling methods as environmental factors. Zhang et al. (2003) found that properties of the SML (such as pH, nutrient concentrations, density, particle counts, and chlorophyll concentrations) change rapidly between 40 and 60 μm depth, leading them to conclude that the SML is 50 ± 10 μm deep. However, in practice the SML is operationally defined as between 1 and 1000 μm (Liss and Duce, 1997). We used the glass plate method (Harvey and Burzell, 1972), which is considered to sample the upper 20–150 μm (Cunliffe et al., 2013) and therefore captured the SML as defined by Zhang et al. (2003), without substantial dilution with underlying water that occurs with some methods, such as mesh screens. Based on the number of dips, area of the glass plate, and volume of sample recovered (Wurl, 2009), we estimated that our application of the glass plate method sampled a depth of 30–80 μm.

Wurl et al. (2011) found that 10 ± 4% of the TEP in bulk seawater stuck to the inside of the inside of glass bottles. Similarly, Ortega-Retuerta et al. (2009) found that 11 ± 3% of TEP model compounds (using (alginic acid and gum xanthan) stuck to the inside of borosilicate glass bottles. Wurl et al. (2011) noted that TEP also sticks to the glass plates used to collect SML samples, but that the plates became “conditioned” once they have been dipped in the water a few times and did not take up any more TEP. It is unknown if CSP concentrations were effected by sticking to glass. These observations indicate that TEP concentrations may have been underestimated in the SML and underlying water. However, as we rinsed both the plates and bottles in sample water prior to taking the samples, it is likely that this effect was negligible due to the conditioning effect.

Using image analysis, the amount of TEP and CSP can be presented as either concentrations (mm2 L−1) or particle abundance (particles L−1). We presented the amount of TEP and CSP in terms of concentration (mm2 L−1) as concentrations can be compared between the SML and underlying water, and concentration does not imply anything about the number and size of individual exopolymer particles. Exopolymer particles retained on 0.4 μm pore size polycarbonate filters from water underlying the SML are likely to be discreet particles, which is unlikely to be the case for the SML. Sampling methods for collecting the SML will fragment a gelatinous biofilm. It is these fragments that are collected and stained on 0.4 μm filters for exopolymer particle analysis and therefore the size, and size distribution, of exopolymer particles in the SML using these methods is of little value. Ideally, concentrations of exopolymer particles would be expressed in terms of carbon (or nitrogen), as this would allow direct comparison of exopolymer particle concentrations with other pools of organic matter in the ocean, and the incorporation of exoplymer particles in the SML into biogeochemical models. Estimation of the carbon concentration associated with TEP can be obtained from the size of TEP particles (Mari, 1999; Engel, 2009). However, the carbon content of TEP varies considerably depending on the source of the TEP precursors (Mari, 1999; Engel and Passow, 2001; Engel et al., 2005). We did not convert TEP particle concentration and size to a carbon concentration as there was no way of determining whether the conversion was representative.

Sieburth (1983) proposed the formation of organic matter aggregates in the SML and their subsequent sinking as “snow flakes.” The CSP in many of the samples appeared to be in the form of thin sheets, which suggests that these exopolymer particles formed on a surface or at an interface. A hypothetical mechanism for their formation is the transport and concentration of surface-active CSP precursors at the air-sea interface by rising bubbles (Wurl and Holmes, 2008). Aggregation of the concentrated CSP precursors at the air-sea interface would result in thin sheets of CSP forming. The hydrophobic properties of amino acids with aliphatic and aromatic side chains (Cunliffe et al., 2013) probably plays an important role in both the concentration of CSP precursors in the SML by rising bubbles and their subsequent aggregation into CSP. Subsequent sinking of the thin sheets of CSP would explain their observation in the underlying water column during our research and in other studies (Long and Azam, 1996).

TEP was a component of the SML, but unlike previous work (Wurl and Holmes, 2008; Cunliffe et al., 2009; Wurl et al., 2009, 2011), we did not find significant enrichment of the SML with TEP. The relatively low EF observed in our work could be explained if the stations sampled off the Oregon coast represent a different environment from those sampled previously. The Columbia River was a dominant feature as a thin layer of relatively low salinity water was found throughout the region. However, TEP (Wetz et al., 2009) and TEP precursors (Thornton, 2009) have been measured in estuaries. Wurl and Holmes (2008) found that TEP were enriched in the surface microlayer of the estuarine Johar Strait (Singapore). Therefore, the lack of TEP enhancement in the SML was unlikely to be a feature associated with relatively low salinity waters. Previous work used the spectrophotometric method to quantify TEP, contrasting to the image analysis method used in this work. There is generally a linear relationship between data from the two methods (Passow, 2002a). However, the microscopic method does not account for the smallest TEP particles, which are too small to be resolved by light microscopy (Passow, 2002a). This could also lead to an underestimation of TEP concentration in the SML. Engel and Galgani (2016) measured TEP concentrations in the SML off the coast of Peru, a location similar to waters off the coast of Oregon as both areas are upwelling regimes associated with an eastern boundary current in the Pacific Ocean. Engel and Galgani (2016) also used imaging to determine the concentration of TEP, therefore their results are directly comparable. They found that the EF for TEP ranged between 0.2 and 12, depending on wind speed and location. TEP concentrations in the SML off Peru were 100 ± 106 mm2 L−1 (mean ± SD), which were similar to our values of 265 ± 261 mm2 L−1 off Oregon.

We found CSP in the SML and all other depths surveyed. CSP were found in higher concentrations in the SML than TEP and their concentration was enriched (Table 3) relative to the underlying water. CSP have been under-sampled compared with TEP, and data for their distribution in the SML is limited to measurements in the Atlantic (Kuznetsova et al., 2005) and the Pacific Ocean (Engel and Galgani, 2016). Engel and Galgani (2016) found that CSP was enriched in the SML by a factor of 0.4–4.8, which is comparable to our EFs of 1.4–2.4. CSP concentrations in the SML were generally higher in coastal waters off Peru (1024 ± 728 mm2 L−1, Engel and Galgani, 2016) compared with our measurements off the coast of Oregon (286 ± 115 mm2 L−1; mean ± SD). Research in the Atlantic Ocean and Mediterranean Sea has shown that dissolved organic matter (DOM) in the SML is enriched with nitrogen; Reinthaler et al. (2008) found a mean C:N ratio of 8.9 ± 6.2 in the SML compared with 18.2 ± 9.3 for the underlying water. The enrichment of the SML with nitrogen fits with our observation of enrichment of the SML with CSP. However, other factors could account for nitrogen enrichment in the SML; Several studies have shown that the SML is highly enriched with dissolved amino acids (Kuznetsova et al., 2004; Reinthaler et al., 2008; van Pinxteren et al., 2012; Engel and Galgani, 2016), which would pass through the filters used for CSP analysis. The concentration of dissolved free amino acids in the SML is generally an order of magnitude greater than the underlying water (Kuznetsova et al., 2004; Reinthaler et al., 2008). Higher rates of peptide hydrolysis in the SML, compared with the underlying water, indicate that the proteins and amino acids are rapidly turning over (Kuznetsova and Lee, 2001). Kuznetsova et al. (2005) conducted experiments in which natural seawater from the coastal North Atlantic was bubbled to induce aerosol formation. CSP were found in the underlying water, SML, and aerosol during these experiments. Estimates of CSP EF relative to the underlying water were 5.3 ± 2.7 and 57 ± 29 for the SML and aerosol, respectively. These EF were based on crude estimates of particle volume, and therefore were considered to be approximations (Kuznetsova et al., 2005). Nonetheless, they illustrate the potential significance of proteins both in the SML and the potential of the SML to supply the atmosphere with proteins of marine origin.

TEP and CSP may be separate populations of particles or they may be the same particles that are composed from a mixture of acid polysaccharides and protein. Based on the data and qualitative observations of the exopolymer particles in this study, TEP and CSP are different particles. Qualitative evidence for the difference between TEP and CSP was evident in the visual images. Firstly, CSP was often found in thin sheets of material, whereas TEP was more amorphous in shape. While it is hard to predict three dimensional shape from particles retained on a two-dimensional surface, the sheet-like nature of much of the CSP is apparent from its apparent thinness and in places where it has been folded back on itself. Secondly, TEP was associated with other types of particle more than CSP, indicating that it is more sticky than CSP. This is apparent from aggregates in which TEP appeared to be the glue holding the aggregate together (Figure 6C) and from acid polysaccharides adhered to the surface of empty diatom frustules (Figure 7A). Finally, quantitative data indicates that TEP and CSP are not the same; Figure 5 shows no relationship between the concentration of CSP and TEP. The selective concentration of CSP relative to TEP in the SML is further evidence that these two types of exopolymer particles are not the same. Cisternas-Novoa et al. (2015) also concluded that TEP and CSP are different populations of particles. They conducted mesocosm experiments and found that phytoplankton produced both TEP and CSP, but that the peak concentrations of TEP and CSP occurred at different stages of the bloom. In agreement with our results, they also found that TEP were more likely to be associated with other particles, such as diatoms (Cisternas-Novoa et al., 2015).

Our data show enrichment of dissolved monosaccharides and no significant enrichment of dissolved polysaccharides in the SML. The enrichment of monosaccharides may indicate high degradation rates of polysaccharides through processes such as photolysis and hydrolysis. Total dissolved carbohydrates had an EF of 1.0–1.5, mainly due to the enrichment of monosaccharides. van Pinxteren et al. (2012) found a similar EF for dissolved carbohydrates, ranging from 0.7 to 1.2 in the Baltic Sea. Relatively high EF values of 3.5–12.1 have been measured for dissolved polysaccharides in the SML of the Arctic, with bubble scavenging from the underlying water proposed as the mechanism of enrichment from water containing extracellular carbohydrates produced by both phytoplankton and sea ice algae (Gao et al., 2012).

All the stations were sampled during a diatom bloom. The bloom was in the process of collapsing as most of the diatom frustules were empty (Figure 7A). There were also live diatoms in the samples, such as the pigmented Pseudo-nitzschia sp. cells in Figure 7D. Pseudo-nitzschia is significant as it is a harmful algal bloom species that is known to bloom along the Oregon coast (McKibben et al., 2015). Phytoplankton, and to a lesser extent bacteria, are considered to be the source of TEP and the polysaccharide precursors that form TEP (Passow, 2002a,b; Thornton, 2014). It is likely that the collapsing diatom bloom was the major source of exopolymers that produced the TEP and CSP found in both water column and SML. Diatoms release a significant proportion of the carbon that they fix through photosynthesis as exudates, including as TEP and CSP, or their precursors (Engel et al., 2002; Passow, 2002b; Thornton, 2014; Chen and Thornton, 2015). TEP accumulate in cultures of diatoms (Corzo et al., 2000; Claquin et al., 2008; Fukao et al., 2010; Chen and Thornton, 2015) and in diatom-dominated blooms within mesocosm experiments using natural waters (Engel et al., 2002). Less work has been done on CSP production by diatoms; Thornton (2014) found that CSP are generally abundant in batch cultures of several different diatom species. Galgani and Engel (2013) showed that both TEP and CSP accumulated in the water column and SML in cultures of Thalassiosira weissflogii. The accumulation of diatom frustules and organic matter in the SML (Figure 7C) indicates that diatoms may make a contribution to marine aerosols. Recent work has shown that diatoms may play an important role in generating atmospheric ice nuclei (IN) and potentially affecting the formation of mixed phase and ice clouds over remote regions of the ocean (Knopf et al., 2011; Wilson et al., 2015).

The coloration and shape of many of the relatively small (<10 μm across) particles indicated that they were not exopolymer particles and were probably non-biological in origin. This was particularly apparent in samples from the SML (e.g. dark red particles in Figures 7A,B). Many of these particles may have been mineral grains blown onto the SML from the terrestrial environment or buoyant particles carried into the ocean by the Columbia River. Anthropogenic particles may have been a significant contributor as many were brightly colored, which suggests that they were composed of plastics or paints. Microplastics composed of a variety of polymers have been sampled from the SML in coastal waters off South Korea (Song et al., 2014, 2015).

These data confirm previous work showing that TEP are found in the SML. In addition, we showed that CSP are enriched in the SML compared with the underlying water. TEP and CSP are not components of the same exopolymer particles as the two pools of exopolymers behaved differently. Our samples were collected during the collapse of a diatom bloom, suggesting that diatoms were the source of the organic matter in the water column and SML. Diatom blooms vary in time and space depending on the season (Alvain et al., 2008), but are a regular occurrence in many areas of the ocean, such as in the eastern boundary current upwelling system observed in this study, the spring bloom in the North Atlantic, and the Southern Ocean during austral summer. The accumulation of diatom-derived material (TEP, CSP, empty frustules etc.) in the SML indicates that diatoms may be major contributors to the SML and on a regional scale during bloom periods.
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The recalcitrant fraction of marine dissolved organic matter (DOM) plays an important role in carbon storage on the earth’s surface. Bacterial production of recalcitrant DOM (RDOM) has been proposed as a carbon sequestration process. It is still unclear whether bacterial physiology can affect RDOM production. In this study, we conducted a batch culture using the marine bacterial isolate Alteromonas macleodii, a ubiquitous gammaproteobacterium, to evaluate the linkage between bacterial growth and DOM production. Glucose (1 mmol C L-1) was used as the sole carbon source, and the bacterial number, the DOM concentration in terms of carbon, and the excitation–emission matrices (EEMs) of DOM were monitored during the 168-h incubation. The incubation period was partitioned into the exponential growth (0–24 h) and stationary phases (24–168 h) based on the growth curve. Although the DOM concentration decreased during the exponential growth phase due to glucose consumption, it remained stable during the stationary phase, corresponding to approximately 4% of the initial glucose in terms of carbon. Distinct fluorophores were not evident in the EEMs at the beginning of the incubation, but DOM produced by the strain exhibited five fluorescent peaks during exponential growth. Two fluorescent peaks were similar to protein-like fluorophores, while the others could be categorized as humic-like fluorophores. All fluorophores increased during the exponential growth phase. The tryptophan-like fluorophore decreased during the stationary phase, suggesting that the strain reused the large exopolymer. The tyrosine-like fluorophore seemed to be stable during the stationary phase, implying that the production of tyrosine-containing small peptides through the degradation of exopolymers was correlated with the reutilization of the tyrosine-like fluorophore. Two humic-like fluorophores that showed emission maxima at the longer wavelength (525 nm) increased during the stationary phase, while the other humic-like fluorophore, which had a shorter emission wavelength (400 nm) and was categorized as recalcitrant, was stable. These humic-like fluorophore behaviors during incubation indicated that the composition of bacterial humic-like fluorophores, which were unavailable to the strain, differed between growth phases. Our results suggest that bacterial physiology can affect RDOM production and accumulation in the ocean interior.
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INTRODUCTION

Marine dissolved organic matter (DOM) is one of the largest reduced organic carbon pools on the earth’s surface, indicating that it plays as important role of the total carbon pool in the ocean (Hedges, 1992; Hansell and Carlson, 1998; Hansell et al., 2009). The average residence time of bulk DOM in the ocean has been estimated at approximately 2000–6000 years by 14C dating analysis (Bauer et al., 1992; Druffel et al., 1992; Beaupré,, 2015). Observations of the global distribution of dissolved organic carbon (DOC) concentration with a coupled physical/biogeochemical model also showed that a major fraction of marine DOM is recalcitrant to microbial degradation with a time scale of more than a century (Hansell et al., 2009). Some constituents of marine DOM, e.g., humic-like fluorescent DOM (FDOM) (Yamashita and Tanoue, 2008; Catalá et al., 2015), carboxyl-rich aliphatic materials (Hertkorn et al., 2006), and polyaromatic compounds (Dittmar and Paeng, 2009), have been considered to be recalcitrant DOM (RDOM). However, the chemical characteristics of RDOM have not been fully clarified. Such molecularly uncharacterizable features of RDOM preclude a comprehensive understanding of the source and production mechanism of marine RDOM.

The microbial carbon pump (MCP) has recently been proposed as a carbon sequestration process driven by bacterial RDOM generation (Jiao et al., 2010). The MCP concept was derived from the results of microbial incubation studies (Ogawa et al., 2001; Kramer and Herndl, 2004; Kawasaki and Benner, 2006; Lønborg et al., 2009; Shimotori et al., 2009; Koch et al., 2014). These studies observed that DOM, which was distinct from labile substrates (such as glucose and glutamate) for microbes, was present in 20-day to 2-year incubations of microbial communities obtained from seawater. The residual DOM has been considered to be microbially derived DOM, which could not be utilized by heterotrophic bacteria during incubation. Ultrahigh resolution Fourier transform ion cyclotron resonance mass spectrometry (FT-ICR-MS) has recently been applied to determine the molecular composition of DOM obtained from in vitro incubations of marine microbial community. The results showed that experimentally obtained microbial DOM was similar to marine RDOM in terms of the molecular composition (Koch et al., 2014; Lechtenfeld et al., 2015), although it has also been reported that most microbial DOM is distinct from marine RDOM (Osterholz et al., 2015).

The products of MCP have also been traced using fluorescence techniques, e.g., excitation–emission matrices (EEMs), during in vitro incubation of marine microbial communities with various substrates, e.g., simple substrate, such as glucose (Kramer and Herndl, 2004; Lønborg et al., 2009; Shimotori et al., 2009), marine DOM (Jørgensen et al., 2014), and humic substances (Aparicio et al., 2015). These studies found that humic-like fluorophores were produced by marine microbes, and microbial humic-like fluorophores were usually not degraded during incubation. Shimotori et al. (2009) conducted a 90-day incubation experiment using a coastal microbial community with glucose as substrate, and reported that the coastal bacterial community generated a humic-like fluorophore that was similar to marine RDOM in terms of fluorescence characteristics, molecular size, and photo-degradability. Recent studies also suggest that production rates of humic-like fluorophore by marine microbial communities depended on the quality of substrates (Jørgensen et al., 2014; Aparicio et al., 2015). Such substrate dependency of humic-like fluorophore production by microbial communities is possibly due to changes in bacterial physiology and/or responding species with different substrates.

It has been suggested that the microbial RDOM is produced through bacterial exudation (Jiao et al., 2010, 2014), indicating a potential relationship between bacterial physiology and RDOM production. However, the relationship of RDOM production with bacterial physiology has scarcely been discussed because incubation experiments for evaluating MCP have usually been conducted with natural microbial communities, which include a wide variety of microbes with various physiologies. The incubation of a bacterial isolate could allow the evaluation of bacterial physiological states, as well as bacterial growth phase; yet, only few studies have been conducted on this topic. The FT-ICR-MS-based exometabolomics analysis of Pseudovibrio sp. incubation showed that the composition of bacterial DOM was affected by the growth phase (Romano et al., 2014). In contrast, Gruber et al. (2006) suggested that Pseudomonas chlororaphis produced persistent DOM, mainly during the exponential growth phase. On the other hand, Eichinger et al. (2009) reported that DOC accumulated during the stationary phase in the incubation of Alteromonas infernus. At present, only a few studies have assessed the microbial production of RDOM using marine bacterial isolates, and therefore, knowledge of the relationship between RDOM production and bacterial physiology is still limited, even though it is possibly one of the key parameters shaping the size and composition of the marine DOM pool.

The objective of this study was to investigate the relationship between physiology in terms of growth phase and RDOM production through in vitro incubation of a model marine bacterial isolate with glucose as the sole substrate. Alteromonas macleodii, a ubiquitous gammaproteobacterium from the surface to the deep layer of tropical and temperate oceans (López-Pérez et al., 2012), was used as a model marine bacterial isolate in this study. Alteromonas was reported to grow predominantly during diatom blooms in the western North Pacific Ocean (Tada et al., 2011). An Alteromonas sp., designated strain AltSIO, was isolated by the Scripps Institution of Oceanography from coastal seawater and found to share ∼99% 16S ribosomal DNA sequence similarity with A. macleodii (Pedler et al., 2014; Pedler Sherwood et al., 2015). AltSIO alone consumed the entire pool of labile DOC, defined as the quantity consumed by coastal microbial assemblages within 5 days (Pedler et al., 2014), and has the capacity to significantly alter marine DOM composition (Pedler Sherwood et al., 2015). These studies suggested that A. macleodii also might contribute to high consumption and alteration of labile DOM in the ocean’s surface. In this study, the humic-like fluorophores determined by EEMs were used to evaluate bacterial RDOM, while protein-like fluorophores in EEMs were used to monitor the reuse of the bacterial exopolymer.

MATERIALS AND METHODS

Marine Bacterial Isolate Model

The strain A. macleodii ATCC 27126 was obtained from the Japan Collection of Microorganisms, RIKEN Bio Resource Center (Tsukuba, Ibaraki, Japan), and was used as a model marine bacterial isolate.

Prior to the present experimental setup, 100 μL frozen stock of A. macleodii was inoculated onto 100 mL artificial seawater-based Aquil medium (Price et al., 1989) supplemented with glucose (1 mmol C L-1) at 25°C for 24 h. Then, the medium was transferred onto new Aquil medium and incubated under the same conditions as the pre-culture medium. After 24 h of incubation, the culture was used as inoculum for the present experiment.

Experimental Setup

Alteromonas macleodii was cultivated in modified organic carbon-free Aquil medium (Price et al., 1989) (Table 1). Anhydrous salts used for artificial seawater (NaCl, Na2SO4, KCl, KBr) were combusted at 450°C for 4 h. NaH2PO4⋅H2O (10 μmol P L-1) and NaNO3 (161 μmol N L-1) were added as major nutrients. The media for control and experimental treatments were prepared without and with glucose (1 mmol C L-1) in each triplicate, respectively. The A. macleodii inoculum was added to the medium of each treatment condition at a 1:1000 dilution. Then, each treatment condition with A. macleodii inoculum was dispensed into acid-washed (1 M HCl) 250 mL polyethylene terephthalate bottles. The bottle was filled with 100 mL of culture medium, and thus, gas phase was maintained in the bottles to keep oxygen at a high enough level to catabolize all of the added glucose. Incubations of the experimental and control treatments were conducted in the dark and in an incubator (CN-40, Mitsubishi-Engineering Co.) in which the temperature was maintained at 25°C. To determine the bacterial abundance, DOC concentration and DOM optical property, triplicate bottles were sampled at 0, 6, 12, 18 24, 72, 120, and 168 h in the experimental treatment and at 0 and 168 hours in the control treatment.

TABLE 1. Composition of modified Aquil medium.
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Bacterial Abundance

Bacterial cell density was measured with an EPICS flow cytometer (XL ADC system, Beckman Coulter) equipped with a 15 mW air-cooled laser exciting at 488 nm, according to the protocol of Tada and Suzuki (2016). Samples were fixed in paraformaldehyde [2% (vol/vol) final concentration] and preserved at –25°C. Just before analysis, samples were stained with SYBR Gold (SYBR Gold Nucleic Acid Gel Stain, Life technologies) at a final concentration of 10-4 commercial stock solution for at least 15 min. To calculate the flow rate, 2 μm fluorescent beads (Fluoresbrite YG Carboxylate Microspheres 2.00 μm, Polysciences, Inc.) were added to the flow samples. We used a low flow rate mode and analyzed the samples until twenty thousand particles were counted or the measurement time reached 5 minutes. The measured values were corrected by blank value subtraction; the blank was measured with artificial seawater filtered with 0.2-μm pore size cellulose membrane filters (DISMIC-25AS 0.20 μm, ADVANTEC).

DOC Concentrations and DOM Optical Properties

Samples for DOM analyses were filtered through pre-combusted (450°C, 3 h) glass fiber filters with a nominal pore size of 0.3 μm (GF75, Whatman) under gentle vacuum (<0.02 MPa) at each incubation time to remove particles, including A. macleodii. The filtrate was collected into a pre-combusted (450°C, 3 h) glass vial with teflon-lined cap and was preserved at –25°C until analysis.

The DOC concentration was determined by high-temperature catalytic oxidation with a total organic carbon analyzer (TOC-V CSH, Shimadzu). The DOC concentrations were calculated using the standard curve of potassium hydrogen phthalate solution, which was determined daily. The accuracy and consistency of the measured DOC concentrations were checked by a deep seawater reference sample (Hansell Laboratory, University of Miami), which was assessed daily.

Excitation–emission matrix was measured using a fluorometer (FluoroMax-4, Horiba) according to the procedure of Tanaka et al. (2014). Samples were allowed to reach near room temperature before the EEM measurements were undertaken. Forty-one emission scans from 290 to 600 nm taken at 2-nm intervals were acquired for the excitation wavelengths between 250 and 450 nm at 5-nm intervals. The bandpass was set to 5 nm for both excitation and emission. The fluorescence spectra were scanned with a 0.25 s integration time and acquired in the S/R mode. Several post-acquisition steps were involved in the correction of the fluorescence spectra, including instrumental bias correction and corrections of inner filter effect using absorbance. Following this, the EEMs of Milli-Q water were subtracted from those of the samples, and fluorescence intensities in EEMs were converted to Raman Units (RU) with the peak areas of Raman scatter at 350 nm excitation (Lawaetz and Stedmon, 2009). RU can be converted to quinine sulfate units (QSU) by using the equation QSU = RU/0.0767 (Lawaetz and Stedmon, 2009). The absorbance spectrum of each sample for correction of inner filter effect was measured with a Shimadzu UV-1800 spectrophotometer in a 1-cm quartz cuvette according to Yamashita et al. (2013). Because nitrate has relatively high absorbance in the UV-B region (Catalá et al., 2016) at high concentrations (e.g., 161 μmol N L-1 in the medium), investigations of changes in the absorption spectrum associated with A. macleodii incubation were abandoned. The contour of EEMs was plotted by R (version 3.2.3) (R Development Core Team, 2015).

RESULTS

Growth of A. macleodii and Change in DOC Concentration

The abundance of A. macleodii increased exponentially during the first 24 h in the experimental treatment (Figure 1A). The cell density was 4.1 × 104 cells mL-1 at the initiation of incubation (t = 0) and increased up to 3.7 ± 1.8 × 106 cells mL-1 after 24 h. The cell density then remained stable on a logarithmic scale until the end of the experiment (Figure 1A). Therefore, the periods of 0–24 h and 24–168 h were defined as the exponential growth and stationary phases, respectively. The average specific growth rate was 0.19 ± 0.10 h-1 during the exponential growth phase. In the control treatment, cell density increased approximately twofold during the incubation (from 3.4 × 104 cells mL-1 at the initiation of the incubation to 8.0 ± 0.5 × 104 cells mL-1 at the end of the incubation), indicating that bacterial growth caused by the medium substrate and carbon storage in the cells of the inoculum was much lower than that caused by glucose in the experimental treatment.
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FIGURE 1. Changes in (A) the abundance of Alteromonas macleodii (A. macleodii) and (B) the concentration of dissolved organic carbon (DOC). Circles and triangles represent the experimental and control treatments, respectively. Yellow shading indicates the exponential growth phase.



The DOC concentration gradually decreased during the early part of the exponential growth phase (first 18-h) from 995 μmol C L-1 to 830 ± 28 μmol C L-1 (Figure 1B) and then drastically decreased to 58 ± 15 μmol C L-1 in the latter part of the exponential growth phase (18–24 h). There was a larger relative decrease in DOC concentration normalized by bacterial cell density between 18 and 24 h (0.29 mmol C cell-1) than between 0 and 18 h (0.17 mmol C cell-1), thus suggesting a substantial increase in A. macleodii cell volume between 18 and 24 h. The DOC concentration was almost constant (from 51 ± 4 μmol C L-1 to 89 ± 29 μmol C L-1) over the stationary phase and was 51 ± 4 μmol C L-1 at the end of the experimental incubations (168 h).

The DOC concentrations in the control treatment were 1–2 orders of magnitude lower than those in the experimental treatment and were 7.6 μmol C L-1 and 9.6 ± 1.5 μmol C L-1 at the beginning and end of the incubation, respectively. The DOC concentrations detected in the control experiment were possibly derived from the medium and bacterial inoculum.

FDOM Derived from A. macleodii

Fluorescent peaks found in EEMs at the 24-h time point and the end of the experimental treatment are shown in Figures 2B,D, respectively. Because EEMs at the beginning of the experimental treatment (Figure 2A) and at the end of the control treatment (Figure 2E) did not show distinct fluorescent peaks, it can be concluded that fluorescent peaks found for the experimental treatment were derived from A. macleodii and not from the incubation medium or contamination during incubation.
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FIGURE 2. Excitation-emission matrices (EEMs) based on the average of triplicate samples at (A) 0, (B) 24, (C) 72, and (D) 168 h in the experimental treatment, and at (E) 168 h in the control treatment. Peaks generated by A. macleodii were indicated with abbreviations: Tyrosine-like (B, Ex/Em = 275/300 nm); Tryptophan-like (T, Ex/Em = 275/330 nm); Humic-like 1 (H1, Ex/Em = 270/520 nm); Humic-like 2 (H2, Ex/Em = 315/400 nm); Humic-like 3 (H3, Ex/Em = 425/520 nm).



Five fluorescent peaks were defined from EEMs obtained at the end of the experimental treatment (Figure 2D and Table 2). Two peaks were characterized as protein-like fluorescent peaks similar to the aromatic amino acids tyrosine and tryptophan (Coble, 1996; Mayer et al., 1999). From EEMs observed during the experimental treatment (Figures 2B–D), the excitation and emission wavelength (Ex/Em) of tyrosine-like and tryptophan-like peaks were defined to be 275/300 nm and 275/330 nm, respectively. Three peaks could be categorized to humic-like fluorophores. Two of them had emission maximum longer than 500 nm (H1: Ex/Em = 270/520 nm, H3: Ex/Em = 425/520 nm) and have usually been defined to be terrestrial humic-like FDOM in coastal environments (Stedmon and Markager, 2005). The combined fluorescence characteristics of H1 and H3 were similar to that found in the most abundant component in the humic acid fraction extracted from sediments/soils (He et al., 2006; Santín et al., 2009). The other humic-like fluorophore (H2: Ex/Em = 315/400 nm), which had a shorter emission wavelength than H1 and H3, was similar to traditionally defined marine/microbial humic-like FDOM (Coble, 1996, 2007) and was also similar to a fluorophore excreted by cultured phytoplankton (Romera-Castillo et al., 2010).

TABLE 2. Characteristics of fluorescent peaks produced by A. macleodii.
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Changes in Fluorescence Intensity of Individual Peaks during A. macleodii Incubation

The fluorescence intensities of two protein-like peaks, namely tyrosine-like and tryptophan-like peaks, increased during the exponential growth phase, particularly during the period of 18–24 h (Figure 3), in which the DOC concentration drastically decreased (Figure 1). Tyrosine-like fluorescence intensity increased during the early part of the stationary phase (24–72 h, Figure 3; Student’s t-test, p < 0.05) and was tended to decrease during the latter part of the stationary phase (72–168 h; Student’s t-test, p > 0.05). Tryptophan-like fluorescence intensity decreased significantly during the latter part of the stationary phase (Figure 3; Student’s t-test, p < 0.05).
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FIGURE 3. Changes in fluorescence intensities of protein-like peak. Red and blue symbols indicate tyrosine-like peak (Ex/Em = 275/300 nm) and tryptophan-like peak (Ex/Em = 275/330 nm), respectively. Circles and triangles represent the experimental and control treatments, respectively. Yellow shading indicates the exponential growth phase.



Tyrosine-like and tryptophan-like fluorophores exhibited fluorescence peaks with an excitation wavelength of 275 nm (Coble, 2007). It is difficult to quantitatively evaluate changes in protein-like fluorescence intensities, because the emission spectra of tyrosine and tryptophan molecules overlap (Mayer et al., 1999; Lakowicz, 2006). Thus, in this study, the emission spectrum at an excitation wavelength of 275 nm was used to evaluate the dominant protein-like fluorophore during A. macleodii incubation (Figure 4). The emission spectra were almost the same during 0–18 h, but the fluorescence intensities at wavelengths corresponding to protein-like fluorescence (approximately 290–370 nm) were slightly increased with incubation time (Figures 3, 4). A single fluorophore peaked at 330 nm appeared in 24 h, indicating that tryptophan-like fluorophore was mainly produced during the exponential growth phase (Figures 2B, 4). It seemed that two fluorophores peaked at 330 and 300 nm were the main components of the spectrum at 72 h, indicating that both tryptophan-like and tyrosine-like fluorophores were produced during the early part of the stationary phase (Figures 2C, 4). Although fluorescence intensities corresponding to protein-like fluorophores decreased entirely during 72–168 h, the decrease in the tryptophan-like fluorophore (peak at 330 nm) was greater than that of the tyrosine-like fluorophore (peak at 300 nm) (Figures 2D, 4). Furthermore, the tyrosine-like fluorophore became a major peak at 168 h. The fluorescence intensity at 300 nm should be composed of the peak maximum of tyrosine-like fluorophore and the peak edge of tryptophan-like fluorophore. Thus, changes in the shape of emission spectrum observed during 72–168 h imply that the tryptophan-like fluorophore decreased but the tyrosine-like fluorophore was relatively stable during the latter part of the stationary phase.
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FIGURE 4. Emission spectra at 275 nm excitation in the experimental treatment based on the average of triplicate samples. These spectra indicate changes of protein-like fluorophores. The color of each spectrum represents each incubation time.



The fluorescence intensities of all humic-like fluorophores increased during the exponential growth phase (Figure 5). The changes in fluorescence intensity during the stationary phase varied among the humic-like fluorophores (Figure 5). Two humic-like fluorophores with emission maxima at longer wavelengths (H1 and H3) continuously increased throughout the stationary phase. In contrast, the other humic-like fluorophore (H2) was relatively stable during the stationary phase (Student’s t-test, p > 0.05).
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FIGURE 5. Changes in fluorescence intensities of (A) humic-like 1 peak (Ex/Em = 270/520 nm), (B) humic-like 2 peak (Ex/Em = 315/400 nm) and (C) humic-like 3 peak (Ex/Em = 425/520 nm). Circles and triangles represent the experimental and control treatments, respectively. Yellow shading indicates the exponential growth phase.



Fluorescence intensities of all fluorophores were comparable in the control and experimental treatments at the initiation of these treatments (Figures 3, 5). In the control treatment, the fluorescence intensities of all humic-like fluorophores remained unchanged during the incubation (Figure 5). Although the fluorescence intensities of protein-like fluorophores in the control treatment increased several fold during the 168-h incubation, these intensities were 1 order of magnitude lower than those observed for the experimental treatment at the end of the incubation (Figure 3).

DISCUSSION

Changes in DOM Quantity and Quality with A. macleodii Growth

A. macleodii has been reported to be a ubiquitous gammaproteobacterium in temperate oceans (López-Pérez et al., 2012). The possibility that A. macleodii substantially contributes to the consumption and alteration of labile DOM in surface waters of marine environments has also been considered (Tada et al., 2011; Pedler et al., 2014; Pedler Sherwood et al., 2015). Glucose was used as a labile substrate for A. macleodii incubation in this study. Previous studies demonstrated that coastal microbial communities completely consumed glucose within 2 days of incubation (Ogawa et al., 2001; Kawasaki and Benner, 2006). The decrease in the DOC concentration was coupled with the increase in A. macleodii abundance, indicating that the decrease in the DOC concentration during the exponential growth phase should be due to the consumption of glucose by the bacterial strain. Assuming that the glucose was completely consumed within several days of incubation, residual DOC was produced by A. macleodii.

Protein molecules that contain both tryptophan and tyrosine molecules usually show only tryptophan fluorescence because of energy transfer (Lakowicz, 2006). A previous study analyzed the fluorescence properties of surface DOM in the Sagami Bay and showed that only tryptophan-like fluorescence was evident in high-molecular-weight fractions, whereas tyrosine-like fluorescence was dominant in low-molecular-weight fractions (Yamashita and Tanoue, 2004). Thus, changes in the composition of protein-like fluorophores with A. macleodii growth possibly reflected the changes in the relative molecular weight of peptides/proteins, which were released and reused by A. macleodii. Tryptophan-like fluorophore clearly appeared at 24 h in our experiment (Figure 4), implying that large polymers, such as protein molecules, were predominantly released during the exponential growth phase. The incubations contained not only tryptophan-like fluorophore but also tyrosine-like fluorophore, which both increased during 24–72 h (Figure 4). This result suggested that large polymers were still released but that part of these exopolymers were degraded to small peptides. The decrease in tryptophan-like fluorophore was predominant, but tyrosine-like fluorophore was relatively stable at the latter part of the stationary phase (72–168 h), suggesting that the production of small peptides due to the degradation of large exopolymers was correlated with the reutilization of tyrosine-like fluorophores.

The reutilization of exopolymer by A. macleodii was suggested in the stationary phase while two humic-like fluorophores continued to accumulate, implying that unavailable DOM were produced from available substrate. The DOC concentrations were relatively stable during the stationary phase, as mentioned above. These results suggested that major portions of DOM produced by A. macleodii are unavailable to these bacteria, although a minor fraction of this DOM is reusable by the strain. The remaining DOC concentration produced by A. macleodii was estimated to be 41 ± 4 μM C by subtracting the DOC concentration at the end of control treatment (9.6 ± 1.5 μM C; Figure 1) from that of experimental treatment (51 ± 4 μM C; Figure 1). This remnant DOC concentration corresponded to approximately 4% of the initial glucose used for the A. macleodii incubation. Notably, this estimation is comparable to the results obtained by previous studies that conducted incubations of bacterial isolates or microbial communities with glucose. Gruber et al. (2006) showed that 3% of initial glucose was converted to residual DOC by the bacterial isolate P. chlororaphis during 36 days of incubation. In addition, 3–6% of initial glucose was found to convert to molecularly uncharacterizable DOM in marine microbial communities, and occurred after 90-day to 2-year periods of incubation (Ogawa et al., 2001; Shimotori et al., 2009; Koch et al., 2014). Such consistency in the production efficiency of residual DOC (i.e., 3–6% of initial substrate) suggests that neither microbial community structure nor microbial growth affected the efficiency of MCP.

Humic-Like Fluorophores Produced by A. macleodii

The production of humic-like fluorophores has been observed in incubation experiments using marine microbial communities (Kramer and Herndl, 2004; Lønborg et al., 2009; Shimotori et al., 2009). This study demonstrated that humic-like fluorophores can be generated not only by microbial communities but also by single bacterial strains using simple substrates, such as glucose. This finding is consistent with those of Shimotori et al. (2012), who found that humic-like fluorophores were generated during incubations of several bacterial isolates in Marine Broth culture medium.

A humic-like fluorophore (H2) produced by A. macleodii was similar to a previously defined marine microbial humic-like peak M (Coble, 1996, 2007). This fluorophore also corresponded to a fluorophore that was found to be microbial recalcitrant FDOM with the time scale of the thermohaline circulation (Yamashita and Tanoue, 2008). Fluorescent components similar to H2 were obtained through parallel factor analysis (PARAFAC) of FDOM from the open ocean and were found to be related to apparent oxygen utilization in the deep ocean (Jørgensen et al., 2011; Tanaka et al., 2014), implying that H2 produced by A. macleodii is possibly recalcitrant DOM. On the other hand, peak M was produced by phytoplankton isolates (Romera-Castillo et al., 2010) and consumed partially by bacterial communities (Romera-Castillo et al., 2011). These results suggest that the reactivity of the peak M-type fluorophore was dependent on its source; specifically, the fluorophore produced by heterotrophic bacteria is possibly recalcitrant, while that produced by phytoplankton includes a labile fraction.

The other two humic-like fluorophores (H1 and H3), which peaked at longer emission wavelengths than that of H2, continued to be produced by A. macleodii during both the stationary phase and the exponential growth phase. Shimotori et al. (2009) also observed a fluorophore peaked at >500 nm emission during the incubation of coastal microbial communities with glucose. On the other hand, there was a high presence of PARAFAC components that were similar to a combination of H1 and H3 in humic acid fractions extracted from soils and sediments (He et al., 2006; Santín et al., 2009). These PARAFAC components were also considered to be terrigenous FDOM (Stedmon and Markager, 2005; Singh et al., 2013). These results suggest that the fluorophore that peaked at a longer emission wavelength (>500 nm) might be ubiquitously produced by heterotrophic bacteria but is enriched in humic acid fractions from soils and sediments. Notably, in Shimotori’s incubation studies (Shimotori et al., 2009), this fluorophore appeared in EEMs during the period of increasing bacterial abundance but disappeared from EEMs during the period of decreasing bacterial abundance. In the open ocean, this fluorophore is generally not present (Jørgensen et al., 2011; Tanaka et al., 2014). Thus, A. macleodii may be one of the key species that produces this fluorophore, and this fluorophore might be consumed by other microbes in natural environments.

Potential Relationship between Bacterial Growth and the Production of Humic-Like Fluorophore

The production rates of microbial humic-like fluorophore differ among substrates used in the incubation of marine bacterial communities (Jørgensen et al., 2014; Aparicio et al., 2015). For example, Aparicio et al. (2015) found that the production rates of marine humic-like fluorophore during the incubation of marine bacterial communities with Suwannee River humic acids were higher than those with glucose and acetate. Using different substrates for microbial community incubation reportedly cause changes in microbial community structure and/or bacterial physiology (Gómez-Consarnau et al., 2012). Therefore, in studies of bacterial communities, it is difficult to evaluate whether the factor regulating the production of humic-like fluorophores is bacterial species or physiology; in contrast, incubations using a bacterial isolate allow insight into the relationship between bacterial physiology and RDOM production.

The bacterial physiology was evaluated in terms of growth phases in this study. The quantity or quality of substrate is one of the critical factors in controlling bacterial growth (Jannasch and Egli, 1993). Therefore, the physiology of A. macleodii was likely altered by the change in substrate availability. The exponential growth phase of A. macleodii can be characterized as the period that the strain consumed glucose and produced various extracellular compounds, e.g., three humic-like fluorophores as well as a tryptophan-like fluorophore. The physiology of A. macleodii shifted to the stationary phase after the complete consumption of glucose, and the tryptophan-like fluorophore was consumed, but two humic-like fluorophores were produced. The results showed that the production mechanisms of humic-like fluorophores, which cannot be reused by the strain, are correlated with the physiology of A. macleodii. The humic-like fluorophore (H2) that is similar to recalcitrant microbial humic-like FDOM (Yamashita and Tanoue, 2008; Catalá et al., 2015) is only produced in the exponential phase, but other fluorophores (H1 and H3), which might be consumed by other microbes (Shimotori et al., 2009), are produced during both the exponential and the stationary phases of A. macleodii.

The relationship between bacterial growth and RDOM production that is apparent with A. macleodii was not consistent with the previous studies conducted by Gruber et al. (2006) and Eichinger et al. (2009). A. macleodii was found to produce extracellular humic-like fluorophores, which were unavailable to the strain during the exponential growth and the stationary phases. However, DOC produced by a different Alteromonas strain (A. infernus) was accumulated under conditions of carbon starvation of the isolate (i.e., the stationary phase in this study) during the incubation in which pyruvate was added every 48-hours as labile substrate (Eichinger et al., 2009). Specific compounds detected by mass spectrometry with electrospray ionization were produced in the exponential growth phase and remained at the end of P. chlororaphis incubation with glucose for 36 days, suggesting that recalcitrant compounds, which cannot be reused by the strain, were possibly produced during the exponential growth phase (Gruber et al., 2006). Although incubation conditions, such as temperature, the quality and quantity of substrate, and the composition of artificial seawater, varied among the studies, the results obtained by this study and the previous studies suggest that the physiology related to RDOM production might differ between bacterial species.

CONCLUSION AND REMARKS

The present study first evaluated the relationship between bacterial growth and the production of humic-like fluorophores during the incubation of a model bacterial isolate, A. macleodii, with glucose as a substrate. The results of the experiment showed that A. macleodii produced three humic-like fluorophores; one is optically similar to recalcitrant microbial humic-like FDOM, while the other two might be consumed by other species of marine bacteria. The compositions of humic-like fluorophores produced by A. macleodii differed between the growth phases of the isolate, which might have been affected by the changes in available substrate from glucose to extracellular compounds (such as tryptophan-like fluorophore) released by the isolate.

On the basis of prior studies, variable recalcitrant characteristics are suggested by the humic-like fluorophores produced by A. macleodii, although these humic-like fluorophores appeared to be unavailable to the strain. To confirm the recalcitrant characteristics of DOM produced by bacterial isolates (e.g., humic-like fluorophores), the incubation of bacterial DOM with marine microbial communities is necessary. Isolate culture experiments with different incubation conditions (e.g., temperature, substrate quality and quantity) may provide a better understanding of the effect of bacterial physiology on RDOM production. Incubation studies using several species of bacterial isolates with the same conditions are also necessary to confirm whether the relationship between bacterial physiology and RDOM production differs among bacterial species. The cumulative results of such in vitro experiments will provide better insight into the relationship between bacterial physiology and RDOM production, and thus, such experiments will contribute to a better understanding of the factors that regulate the efficiency of MCP, which potentially shapes the pool size and composition of marine DOM.
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Intertidal areas support extensive diatom-rich biofilms. Such microphytobenthic (MPB) diatoms exude large quantities of extracellular polymeric substances (EPS) comprising polysaccharides, glycoproteins and other biopolymers, which represent a substantial carbon pool. However, degradation rates of different EPS components, and how they shape heterotrophic communities in sediments, are not well understood. An aerobic mudflat-sediment slurry experiment was performed in the dark with two different EPS carbon sources from a diatom-dominated biofilm: colloidal EPS (cEPS) and the more complex hot-bicarbonate-extracted EPS. Degradation rate constants determined over 9 days for three sediment fractions [dissolved organic carbon (DOC), total carbohydrates (TCHO), and (cEPS)] were generally higher in the colloidal-EPS slurries (0.105–0.123 d−1) compared with the hot-bicarbonate-extracted-EPS slurries (0.060–0.096 d−1). Addition of hot-bicarbonate-EPS resulted in large increases in dissolved nitrogen and phosphorous by the end of the experiment, indicating that the more complex EPS is an important source of regenerated inorganic nutrients. Microbial biomass increased ~4–6-fold over 9 days, and pyrosequencing of bacterial 16S rRNA genes revealed that the addition of both types of EPS greatly altered the bacterial community composition (from 0 to 9 days) compared to a control with no added EPS. Bacteroidetes (especially Tenacibaculum) and Verrucomicrobia increased significantly in relative abundance in both the hot-bicarbonate-EPS and colloidal-EPS treatments. These differential effects of EPS fractions on carbon-loss rates, nutrient regeneration and microbial community assembly improve our understanding of coastal-sediment carbon cycling and demonstrate the importance of diverse microbiota in processing this abundant pool of organic carbon.

Keywords: EPS, microphytobenthos, intertidal sediment, nutrient regeneration, G-model, degradation rate, microbial community, pyrosequencing

INTRODUCTION

Microphytobenthic communities inhabiting intertidal sediments, such as salt marshes and mudflats, exhibit high rates of primary production (Underwood et al., 2005) and are able to influence carbon and nitrogen fluxes in shallow-water systems (Perkins et al., 2001; Thornton et al., 2002; McKew et al., 2013). Benthic diatoms are the major autotrophic microphytobenthic group in fine (cohesive) intertidal sediments, and can contribute up to 50% of the autochthonous carbon fixation in some ecosystems (Underwood et al., 2005). This productivity contributes to the ecosystem service and carbon and nitrogen cycling provision of coastal habitats (Beaumont et al., 2014; Luisetti et al., 2014). Benthic diatoms inhabit the first few millimeters of the sediment and exude extracellular polymeric substances (EPS), which play important ecological roles including motility of the pennate diatoms (Underwood and Paterson, 2003; Hanlon et al., 2006) and protection of cells from desiccation and salinity stress (Steele et al., 2014). In addition, EPS are used by bacteria, meio- and macrofauna as carbon and energy sources (Middelburg et al., 2000; Haynes et al., 2007; Bellinger et al., 2009) and contribute to sediment stability (Underwood and Paterson, 2003; Ubertini et al., 2015).

Diatom EPS include a wide range of different organic macromolecules, primarily polysaccharides (up to 90%: Underwood et al., 2010), but also glycoproteins and lesser amounts of lipids, nucleic acids and proteins (Hoagland et al., 1993; Underwood and Paterson, 2003; Hofmann et al., 2009). EPS is operationally described as material that precipitates in polar solvents (Decho, 1990), and can be separated by extraction procedures, for example. colloidal EPS (EPScoll), water-soluble polymeric material isolated from colloidal aqueous extracts, and hot-bicarbonate extracted EPS (EPSHB), higher molecular weight (HMW) and more insoluble compounds such as tightly bound and capsular EPS, solubilized using hot bicarbonate extraction protocols (Bellinger et al., 2005; Aslam et al., 2016). These labile and bound EPS fractions differ in biochemical composition, and in the seasonal changes of their chemical composition (Pierre et al., 2014; Passarelli et al., 2015).

Carbohydrate content varies between 40 and 90% of the EPS-carbon within diatom-rich biofilms (Underwood and Smith, 1998; Underwood and Paterson, 2003). The response of the heterotrophic bacterial community to this carbon source depends on its biochemistry, with bacteria having to deploy extracellular enzymes to transform the more complex EPS molecules into smaller monomers and oligosaccharides prior to uptake (Hofmann et al., 2009; Thornton et al., 2010; Arnosti, 2011). Previous slurry experiments have shown rapid utilization, within hours, of low-molecular-weight compounds, followed by a slower rate of degradation of more complex EPS by particular groups of bacteria (Haynes et al., 2007; Hofmann et al., 2009). The diversity of EPS composition results in a great variety of bacteria being involved in their degradation (Bacteroidetes, together with Alpha-, Beta- and Gammaproteobacteria, including Acinetobacter) (Elifantz et al., 2005; Haynes et al., 2007; McKew et al., 2013; Taylor et al., 2013; Passarelli et al., 2015). Coupling between diatom-derived EPS and bacterial community composition has been demonstrated (Taylor et al., 2013; Miyatake et al., 2014); nevertheless, still little is known about the loss processes affecting EPS budgets in intertidal sediments, and in particular on the differential degradation of the range of EPS produced within biofilms (McKew et al., 2013).

In order to better understand the effect of EPS composition on its turnover, we performed a microcosm experiment using slurries from intertidal diatom-dominated sediment enriched with two different carbon sources: colloidal EPS (EPScoll), and more tightly-bound, extracellular components of the capsular EPS associated with the surface of the diatom frustules (EPSHB), extracted from natural MPB biofilms. Our hypothesis was that due to the differences in structural complexity, the degradation rate of EPScoll would be faster than for EPSHB, and that the dominant groups of bacteria would change in relation to their preference and ability to respond to the different EPS components. Since EPS, in addition to carbohydrates, contain a certain amount of proteins, glycoproteins and phospholipids (Hoagland et al., 1993; Underwood and Paterson, 2003; Hofmann et al., 2009), we hypothesized that EPS degradation might be a (previously unknown) source of regenerated nutrients (N and P) in marine sediments.

In order to test these hypotheses, we compared changes in EPS-enriched slurries of: (1) concentrations of Dissolved Organic Carbon (DOC), which contains mainly carbohydrate and also amino acids and other low-molecular-weight organic carbon compounds; (2) concentrations of Total Carbohydrates (TCHO), which includes all dissolved and particulate carbohydrate and also structural polysaccharides; (3) concentrations of cEPS, (4) changes in the concentrations of inorganic nutrients, and (5) biomass and bacterial community assemblages based on DNA assays.

MATERIALS AND METHODS

Sampling Site and Extraction of Carbohydrates Fractions

Surface sediment (top 2 mm depth) was collected in October 2012 from a tidal mudflat near Alresford creek (Colne Estuary) (51°50′14.9″N, 0°59′35.2″E) (UK), where abundant diatom-dominated biofilms were present. Sediment was frozen at −20°C for 12 h and freeze-dried overnight. Two different operational EPS fractions (Underwood and Paterson, 2003) were extracted (multiple extractions of 5 g of sediment) from the freeze-dried sediments, following a sequential extraction procedure. First, the colloidal EPS fraction (EPScoll) of water-soluble carbohydrate fractions was obtained (Decho, 1990). Then, after a hot-water extraction (to remove intracellular carbohydrates), a hot-bicarbonate (HB) solubilization step was performed (addition of 0.5 M NaHCO3 solution at 95°C for 1 h) to obtain a fraction containing gelatinous extracellular polysaccharides termed EPSHB (Bellinger et al., 2005).

The supernatant containing either EPScoll or EPSHB was precipitated in ethanol (70% final concentration) overnight at 4°C, then centrifuged at room temperature (3,000 × g, 15 min), the supernatant discarded and the resultant EPS pellets from the parallel extractions pooled and resuspended in 400 mL of deionized water. The EPScoll and EPSHB extracts were dialyzed at room temperature overnight through an 8 kDa dialysis tubing against ultrapure water (18.2 MΩ cm, Milli-Q) with moderate stirring, to reach a final salinity <1%0. Subsamples of EPScoll and EPSHB extracts were measured spectrophotometrically (485 nm) after a phenol-sulfuric acid assay reaction (Dubois et al., 1956) as described by Hanlon et al. (2006). Carbohydrate concentration was quantified (μg mL−1) as glucose equivalents (later transformed to μmol C L−1) using a D-glucose standard curve. The final EPScoll and EPSHB extracts (215 mg C L−1) were kept in the dark at 4°C, and subsamples used for amendment of sediment slurry experiments.

Experimental Microcosms

Fresh sediment (top 2 mm) from the same location as that used for the EPS extraction was sampled on 3rd December 2012 and used to make the sediment slurries within 1 day. Five different slurry treatments were prepared each in triplicate 100 mL conical flasks: (1) +EPScoll treatment consisted of 18.5 mL EPScoll extract, 61.5 mL artificial sea water (salinity 35) and 200 mg wet weight estuarine sediment (containing ~120 μg DOC, McKew et al., 2013). As a result, the slurry had a total volume of 80 mL with a salinity of 27 and a dissolved carbon concentration of 51.5 mg C L−1; (2) the +EPSHB treatment was established using an identical setup but with the addition of Hot-Bicarbonate-extracted EPS instead of EPScoll extract having the same final carbon concentration; (3) NoSed-EPScoll and (4) NoSed-EPSHB controls had the same amount of the relevant EPS extract and artificial sea water as before but with no sediment added to check for abiotic loss; and (5) NoAdd-EPS control contained sediment and artificial sea water but no additional carbon source to check for changes in bacterial composition that are not a consequence of growing on the added EPS.

The flasks were placed on a rocking platform (100 r. p. m.) at 16°C in the dark to avoid an increase of carbon content as result of primary production. Samples were taken every 3 days for a total of 9 days.

Organic Carbon and Carbohydrates

At each sampling time, subsamples of slurries (8 mL) were taken from each flask to measure organic carbon and carbohydrates in three inter-related fractions. Aliquots of 2.5 mL were filtered through pre-combusted GF/F filters, then diluted 10-fold with Milli-Q water to measure DOC on a Shimadzu TOC-VCSH Analyzer. An aliquot of slurry (4.5 mL) was centrifuged (3,000 × g, 15 min), after mixing by vortexing to remove the sediment particles and obtain a supernatant containing the colloidal material. The resultant supernatant was used to obtain the cEPS by precipitation in ethanol (70% final concentration). The remaining non-filtered 1 mL aliquot was used to measure TCHO. This fraction includes dissolved and colloidal carbohydrates as well as HW and HB fractions. Both cEPS and TCHO were quantified using the phenol-sulfuric acid assay as mentioned previously.

To quantitatively assess the degradability of the different organic fractions in the treatments, time course changes of the three carbon fractions, DOC, TCHO, and cEPS, were modeled in two ways. First, in order to facilitate comparison with other studies where only lineal degradation rates were provided, a linear degradation model according to Equation (1):
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Secondly, the so-called one-G model of organic matter degradation (Berner, 1964) was implemented using the following exponential equation:

[image: image]

where, Gt is the concentration of the organic fraction at time t, Go is the initial concentration, b is the lineal degradation rate (μmol Corg L−1 d−1) and k is the degradation constant in d−1 units.

Inorganic Nutrients

A portion of slurry (8 ml for days 0 and 9, and 4 ml for days 3 and 6) was transferred to a 15 ml Falcon tube, centrifuged at 3,000 × g for 10 min, the supernatant was filtered using pre-combusted GF/F filters, and frozen immediately at −20°C, and later used to measure dissolved inorganic nutrients. Nitrate ([image: image]), nitrite ([image: image]) and ammonium ([image: image]), phosphate ([image: image]) and silicate ([image: image]) were measured on a Seal Analytical AA3 HR Nutrient Autoanalyzer following the protocols described by Grasshoff et al. (1983).

To quantitatively assess the net rate of inorganic nutrient regeneration, time course changes in nutrients were fitted to a linear equation, where the slope represents the net regeneration rate. With some nutrients and in some treatments the use of a positive exponential model improved the correlation coefficients but we used a linear model in all cases to facilitate comparison.

Bacterial Community Analysis

DNA Extraction and Microbial Biomass Estimation

The pellet obtained after centrifuging the slurry for nutrients analysis was retained and frozen at −20°C until DNA extraction. DNA was extracted from sediment pellets using a bead-beating phenol-chloroform-isoamyl alcohol method as described previously (McKew et al., 2011).

Small aliquots (1 μL) of extracted total DNA were diluted and used as a proxy to estimate the total biomass of the microbial community with a NanoDrop® 3,300 fluorospectrometer, with replicates (n = 3) stained using Quant-iT™ PicoGreen® dsDNA reagent and measured on the basis of absorbance at 260 nm. The DNA extraction and subsequent quantification method applied here is used comparatively as a general biomass growth indicator, as it does not distinguish between the major groups (Bacteria, Archaea, Eukarya) or between intracellular DNA (from live and dead intact cells) and extracellular DNA (actively released or originating from lysed cells) (Torti et al., 2015).

PCR Amplification of Bacterial 16S rRNA Genes

PCR amplifications were carried out using bacterial primers 341GC-F (CGCCCGCCGCGCGCGGCGGGCGGGGCG
GGGGCACGGGGGGCCTACGGGAGGCAGCAG) and 534-R (ATTACCGCGGCTGCTGG) (Muyzer et al., 1993) for denaturing gradient gel electrophoresis (DGGE) analysis. All PCR amplifications were performed using a GeneAmp PCR system 9700 thermocycler (Applied Biosystems) as described by Folwell et al. (2016). Thermocycling consisted of 95°C for 5 min followed by 32 cycles of 95°C for 5 s, 55°C for 30 s, 72°C for 30 s, with a final elongation of 72°C for 7 min.

DGGE

DGGE analysis of bacterial 16S rRNA gene amplicons was performed using the Bio-Rad D Code system as described by Muyzer et al. (1993), running for 16 h on a gradient of 40–60%, and stained with silver nitrate (Acuña Alvarez et al., 2009).

454 Pyrosequencing

The composition of the bacterial communities was assessed from 16S rRNA genes libraries constructed from the DNA extracts of selected samples (+EPScoll treatment replicates at day 0 as representative of the starting community, and replicates of +EPScoll, +EPSHB, and NoAdd-EPS treatments at day 9; Supplementary Table S1) using ROCHE 454 pyrosequencing technology at the NERC Molecular Genetic Facility at the University of Liverpool as described previously (McKew et al., 2011). The analytical procedure described by Folwell et al. (2016) was used. In brief, any sequences <150 bp in read length, containing errors or with low-quality scores, were removed from analysis. The remaining reads were clustered into operational taxonomic units (OTUs) at 95% similarity level and assigned to a taxonomic group using RDP classifier algorithm (Wang et al., 2007).

Statistical Analysis

All analyses were performed with three replicates for each sampling time. Differences in carbohydrate fractions and inorganic nutrients over time and with respect to treatments were tested by two-way repeated measures analysis of variance (factor time and factor treatment) (ANOVA) follow by Student Newman-Kewls multiple comparison tests when significant differences were found. Differences between degradation rates for DOC, TCHO, and cEPS calculated with both the linear degradation model and the one-G model (with data previously linearized by a Ln transform) were tested by comparison of slope by analysis of covariance (ANCOVA). Analyses were performed using the software PAST v 3.10 (Hammer et al., 2001).

Concentration of DNA was Ln transformed and fitted to a linear model where slopes represented the net growth. Differences between treatments +EPScoll and +EPSHB were tested by comparison of slopes by ANCOVA.

Changes in the community composition with treatment and over time were analyzed by permutational analysis of variance (PERMANOVA) (Anderson, 2001) on a Bray Curtis similarity resemblance matrix on data normalized by the total number of good reads in each sample. A total of 10,000 unrestricted permutations was set in all tests. When the number of permutations was small (<100), p-values were obtained through Monte Carlo random draw from the asymptotic permutation distribution (Anderson and Robinson, 2003). Community data patterns were then represented non-metric Multi-Dimensional Scaling (MDS) using a Bray-Curtis similarity index. Pearson correlation biplots of log (x + 1) transformed variables were drawn onto the MDS axes to examine their relationship with observed community patterns. All statistical analyses were run using the programs PRIMER 6.0 and PERMANOVA+ (PRIMER-e).

To test significant differences in taxonomic profiles of bacterial community at day 9 from the +EPScoll, +EPSHB, and NoAdd-EPS treatments, both at Class and at OTU level, we used Whelch's t-test implementation of STAMP v2 1.3 package (Parks and Beiko, 2010; Parks et al., 2014) with default parameters except that parameters for filtering out were: p > 0.05; difference between proportions < 0.2 or differences between ratios < 1.5.

Sequence Accession

Raw pyrosequences of amplified bacterial 16S rRNA genes from all the samples can be extracted from the European Nucleotide Archive (ENA) under accession number PRJEB15429. Supplementary Table S1 provides the information required to identify the relationship between sample and sequences.

RESULTS

Changes in Organic Carbon and Carbohydrate Fractions

The addition of EPS resulted in significantly higher DOC concentrations (between 3,600 and 3,800 μmol C L−1 on day 0, corresponding to 1.44 and 1.52 mmol C g−1 Wet Weight (WW) sediment, respectively) in all four EPS-addition treatments compared with the NoAdd-EPS control (DOC concentration 608 ± 74 μmol C L−1 or 0.24 mmol C g−1 WW sediment on day 0) (Figure 1A; Student-Newman-Keuls (SNK test), p < 0.05). Similarly, the TCHO concentration and cEPS concentration at day 0 (0.8–1.1 mmol C g−1 WW sediment and 0.5–0.6 mmol C g−1 WW sediment, respectively) were 15–19-fold and 20–30-fold higher, respectively, in EPS-supplemented microcosms compared with the NoAdd-EPS control (Figures 1B,C). The concentrations of DOC, TCHO and cEPS decreased significantly throughout the 9-day experiment in the treatments that had both added EPS and sediment inocula (+EPScoll, +EPSHB) (Figures 1A–C). However, there were no significant changes in any of the organic carbon fractions in the NoSed+EPScoll, NoSed+EPSHB, and NoAdd-EPS controls during the experiment (Figures 1A–C).
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FIGURE 1. Concentrations of the three carbohydrate fractions measured: Dissolved Organic Carbon (DOC) (A), Total Carbohydrates (B) and colloidal EPS (C), in estuarine sediment slurries (200 mg from the top 2 mm, 80 mL artificial sea water (ASW) over 9 days) for the treatments +EPScoll, +EPSHB, NoAdd-EPS and the controls (no sediment added), NoSed+EPScoll and NoSed+EPSHB represented with dotted lines. Values are means (n = 3) ± standard error (SE), expressed as μmol C L−1 of slurry.



The value of k for the three different carbon fractions (DOC, TCHO, and cEPS) did not differ significantly within treatments, +EPScoll and +EPSHB (Table 1). However, values of k for DOC and cEPS fractions in the +EPScoll treatment were significantly higher than those calculated for +EPSHB treatment. Values of k for the TCHO fraction between +EPScoll and +EPSHB treatments were not statistically different (Table 1). The linear degradation rates of cEPS in both +EPScoll and +EPSHB treatments were significantly lower than those of DOC and TCHO (p < 0.05, ANCOVA).


Table 1. Comparison of degradation constant (k) calculated using the one-G model for degradation of organic matter (Berner, 1964) or the lineal degradation constant (b) for the three carbon fractions measured [Dissolved Organic Carbon (DOC), Total Carbohydrates (TCHO) and colloidal EPS (cEPS)] in the +EPScoll and +EPSHB treatments during the 9-day period (± standard error of k and b).
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The lower value of k for the three carbon fractions in the +EPSHB treatment indicated a lower degradability that must be based in chemical differences between these fractions derived from the EPScoll or the EPSHB enrichments. To address possible changes in the overall chemical composition in the added organic fractions, EPScoll or the EPSHB, we calculated the TCHO:DOC, cEPS:DOC, and cEPS:TCHO mass ratios in both enrichments (Supplementary Figure S1). These ratios were similar at day 0 for both enrichments, with observed differences not statistically significant. In general, both TCHO:DOC and cEPS:DOC remained constant or gradually decreased during the experiment in both enrichments. On the contrary cEPS:TCHO ratio in the EPSHB enrichment increased significantly (linear correlation; r2 = 0.9664; p < 0.02) with time, suggesting a lower relative degradability of cEPS material within the +EPSHB enrichment.

Changes of Dissolved Inorganic Nutrients

The EPScoll and EPSHB fractions added to the enrichments and the sediment inoculum contributed to the initial concentration of dissolved inorganic nutrients measured in the different treatments. These concentrations of nutrients, directly added with the EPS and sediment inoculum, were relatively low for all investigated nutrients at day 0 ([image: image] + [image: image] < 6.5 μmol L−1, [image: image] < 18.8 μmol L−1, [image: image] < 31.0 μmol L−1, and [image: image] < 2.3 μmol L−1). The general trend was an increase of all nutrients in all treatments with time (Figure 2). This increase over time is necessarily the result of the net regeneration of inorganic nutrients from the mineralization of the EPS fractions and/or the organic matter introduced with the sediment inoculum.
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FIGURE 2. Concentrations of different inorganic nutrients measured: Nitrate, Nitrite and Ammonium expressed as Dissolved Inorganic Nitrogen (DIN) (A), Phosphate (B), and Silicate (C) in estuarine sediment slurries (200 mg from the top 2 mm, 80 mL artificial sea water (ASW) over 9 days) for the treatments +EPScoll, +EPSHB, NoAdd-EPS and the controls (no sediment added), NoSed+EPScoll and NoSed+EPSHB represented with dotted lines. Values are means (n = 3) ± standard error (SE), expressed as μmol L−1 of slurry.



Concentrations of Dissolved Inorganic Nitrogen (DIN, the sum of nitrate, nitrite and ammonium concentrations) increased steeply with time in +EPSHB treatment(24.6 μmol L−1 day−1), while the regeneration rates were significantly lower (SNK test, p < 0.05) in the rest of the treatments (1.5–6.5 μmol L−1 day−1). There were no significant differences in DIN regeneration rates between +EPScoll and NoAdd-EPS treatments that were 6.5 and 5.5 μmol L−1 day−1, respectively (Figure 2A). The mineralization of the EPSHB fraction was a major source of DIN regeneration, initially in the form of [image: image] and later in the form of [image: image] + [image: image] ([image: image]) (Supplementary Figure S2). The importance of the net regeneration of ammonium and [image: image] shifted during the experiment as shown by changes in [image: image]: [image: image] ratio, which increased from about 0.15 at day 3 up to 3.3 at day 9. The regeneration rate of [image: image] at the beginning of the experiment was similar in both +EPSHB treatment and the +EPSHB control without sediment (8.6–9.6 μmol L−1 day−1) and considerably higher than in the other treatments (1.8–3.3 μmol L−1 day−1). This emphasizes the strong difference between EPSHB and EPScoll regarding their potential as sources of regenerated inorganic nitrogen.

The EPSHB fraction was a major source of regenerated dissolved phosphate, since its concentration increased in both treatments with added EPSHB (+EPSHB and NoSed+EPSHB) at a similar rate (4.9–5.9 μmol L−1 day−1) up to the day 6 (Figure 2B). Dissolved phosphate decreased significantly between days 6 and 9 in the +EPSHB treatment (SNK, p < 0.05) but not in the NoSed+EPSHB control. On the contrary, phosphate changed little or even decreased during the experiment in treatments with EPScoll or sediment only.

Silicate concentrations increased with time, particularly from day 3 onwards in all of the treatments with added sediment, +EPScoll, +EPSHB, and NoAdd-EPS treatments (Figure 2C). The regeneration of silicate was positively affected by the sediment inoculum, since it was higher in all the treatments with sediment (0.7–1.28 μmol L−1 day−1) compared with NoSed+EPScoll and NoSed+EPSHB controls lacking sediment inoculum, 0.16 and 0.41 μmol L−1 day−1, respectively. This likely indicates that the sediment inoculum was the source of regenerated silicate during the experiment and not the added EPS.

Changes in DNA Concentration of Sediment Slurries

Extracted DNA concentration was used as a proxy for microbial biomass (Figure 3). At the beginning of the experiment, there were no significant differences between DNA concentrations in the +EPScoll, +EPSHB, and NoAdd-EPS treatments (Figure 3). DNA concentration increased significantly (by around 400%) in the +EPScoll, and +EPSHB treatments by the end of the experiment (SNK, p < 0.05). In the NoAdd-EPS sediment-only control DNA concentration decreased by day 9 compared to day 0, with concentrations significantly lower than in the organic-carbon-amended treatments (+EPScoll and +EPSHB) (SNK, p < 0.001). Microbial biomass exhibited exponential-like growth in the treatments +EPScoll and +EPSHB (r2 = 0.84 and r2 = 0.56, respectively), and no significant differences were observed between these two treatments.


[image: image]

FIGURE 3. DNA concentration (as a proxy for biomass) in estuarine sediment slurries for the treatments +EPScoll, +EPSHB, and NoAdd-EPS, expressed as ng mL−1 of slurry.



Changes in the Bacterial Community Composition

Denaturing gradient gel electrophoresis (DGGE) of partial bacterial 16S rRNA genes (Supplementary Figure S3) showed consistency in the banding patterns between replicate treatments at day 9, and showed that the day-0 communities were identical regardless of treatment, justifying the use of the day-0 +EPScoll treatment only in subsequent pyrosequence analysis. By day-9 the bacterial community composition had changed from day-0 even in the NoAdd-EPS control, and at day-9 there were distinct differences in bacterial community composition between the treatments +EPScoll, +EPSHB, and NoAdd-EPS.

In order to quantify the changes in bacterial community composition and identify key taxa putatively involved in EPS degradation, pyrosequencing of 16S rRNA genes was performed on +EPScoll, +EPSHB and NoAdd-EPS treatments after 9 days, and from a representative day-0 sample, +EPScoll. Multidimensional scaling analysis revealed statistically significant temporal- and treatment-related changes (Figure 4). The bacterial communities from day-9 +EPScoll and +EPSHB treatments were different from both the NoAdd-EPS treatment at day 9 and the starting community (p < 0.05) (Figure 4). After 9 days, the NoAdd-EPS community was more similar to the starting community than those with added EPS. Also, there was a significant difference (p < 0.05) in the bacterial community composition between the +EPScoll and +EPSHB treatments at day 9.
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FIGURE 4. Non-metric Multi-Dimensional Scaling ordination plot based on Bray Curtis similarity of relative abundance data of the bacterial community from the different treatments +EPScoll, +EPSHB, and NoAdd-EPS at day 9. Samples of +EPScoll treatment at day 0 are used as initial samples for the rest of treatments (stress: 0.02). Points represent centroids of replicate samples. Groups at 40 and 60% similarity are shown after applying a group average clustering. The vector overlay shows the environmental variables with correlation >0.5. Arrows indicate direction and relative magnitude of influence.



The only phyla that were significantly enriched at day-9 in the +EPScoll treatment compared with the NoAdd-EPS control were the Bacteroidetes (~2-fold more abundant) and Verrucomicrobia (~5-fold more abundant; data not shown). These enrichments were specifically within the Sphingobacteria (Bacteroidetes), two classes from Verrucomicrobia (Verrucomicrobiae and Opitutae) and one class of Planctomycetes (Phycisphaerae), which were all significantly more abundant in the +EPScoll treatment (Figure 5A; see figure for statistical criteria). At the level of operational taxonomic units clustering at 95% similarity (OTU95), OTU-2960, from the genus Tenacibaculum in the phylum Bacteroidetes, had the biggest additive increase in the treatment +EPScoll (12% relative abundance) compared with NoAdd-EPS (5%; Figure 5B). The Verrucomicrobia OTU-9279 increased most in relative abundance, constituting 3% of the community in treatment +EPScoll while in the NoAdd-EPS control it was absent (Figure 5B).
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FIGURE 5. Comparison of bacterial community profiles in +EPScoll vs. NoAdd-EPS by day 9 both at the levels of subphylum (class) (A) and Operational Taxonomic Unit (OTU) defined at >95% similarity (B). Analysis was performed using STAMP (Parks and Beiko, 2010; Parks et al., 2014) with default parameters except that parameters for filtering out were: p > 0.05; difference between proportions <0.2 or difference between ratios <1.5. Data were sorted according to effect size. Note the differences in the scale of the x axes. The only phyla that were significantly enriched at day-9 in EPScoll treatment compared with the NoAdd-EPS control were the Bacteroidetes (~2-fold more abundant) and Verrucomicrobia (~5-fold more abundant; data not shown). The information to the right of the p-values is the identity of the OTU, whereby the phylum is indicated to the left of the comma (AP, Alphaprotebacteria; Bact, Bacteroidetes; Plan, Planctomycetes; Verr, Verrucomicrobia), and the lowest taxonomic level to which the OTU can be confidently assigned is indicated to the right of the comma. A total of 23 bacterial taxa was significantly enriched in +EPScoll treatment compared with NoAdd-EPS treatment but only the top 12 is shown.



Bacteroidetes and Verrucomicrobia were also significantly enriched at day-9 in the +EPSHB treatment compared with the NoAdd-EPS control (~2.5-fold and ~6-fold more abundant respectively; data not shown). At the subphylum level, only Flavobacteria and Sphingobacteria from the Bacteroidetes were enriched significantly (Figure 6A). As with the +EPScoll treatment, there was a big increase in OTU-2960 from the genus Tenacibaculum (phylum Bacteroidetes) comprising 20% of the relative abundance (Figure 6B). OTU-7700, with 100% identity to Algoriphagus yeomjeoni from the phylum Bacteroidetes and OTU-2464 from the gammaproteobacterial genus Amphritea, both had the biggest relative increase after EPSHB addition, and comprised ~3% of the day-9 +EPSHB community (Figure 6B).
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FIGURE 6. Comparison of bacterial community profiles in +EPSHB vs. NoAdd-EPS by day 9 both at the levels of subphylum (class) (A) and Operational Taxonomic Unit (OTU) defined at >95% similarity (B). Analysis was performed using STAMP (Parks and Beiko, 2010; Parks et al., 2014) with default parameters except that parameters for filtering out were: p > 0.05; difference between proportions <0.2 or difference between ratios <1.5. Data were sorted according to effect size. Note the differences in the scale of the x axes. The only phyla that were significantly enriched at day-9 in EPSHB treatment compared with the NoAdd-EPS control were the Bacteroidetes (~2.5-fold more abundant) and Verrucomicrobia (~6-fold more abundant; data not shown). The information to the right of the p-values is the identity of the OTU, whereby the phylum is indicated to the left of the comma (AP, Alphaprotebacteria; Bact, Bacteroidetes; GP, Gammaproteobacteria; Verr, Verrucomicrobia), and the lowest taxonomic level to which the OTU can be confidently assigned is indicated to the right of the comma. A total of eight bacterial taxa were significantly enriched in +EPSHB treatment compared with NoAdd-EPS treatment.



Bacterial communities from +EPScoll and +EPSHB treatments were 52% similar but significantly different (Figure 4, p < 0.05). There were no phylum-level significant differences in abundance between these two treatments. However, the addition of EPScoll stimulated significant increases in Opitutae from the phylum Verrucomicrobia and in Deltaproteobacteria as the only identified classes compared to EPSHB-amended treatment (+EPSHB treatment) (Supplementary Figure S4A). Three aforementioned OTUs belonging to the genera Tenacibaculum, Amphritea, and Algoriphagus were significantly relatively more abundant in +EPSHB, whereas a range of OTUs from diverse phyla was relatively more abundant in +EPScoll (Supplementary Figure S4B).

Relationship between the Bacterial Community Composition and Environmental Variables

Pearson correlation biplots drawn on the MDS showed that DIN correlated strongly with the horizontal axis, separating the day 9 bacterial communities of +EPScoll and +EPSHB treatments from the initial samples. cEPS and the rest of the organic carbon source related variables (TCHO; DOC) had a high correlation with the second axis, which separates both +EPScoll and +EPSHB treatments from NoAdd-EPS treatment.

DISCUSSION

Degradation of Colloidal EPS by Heterotrophic Bacteria

The degradation of organic matter is a chemically and microbiologically complex process because organic matter is typically a mixture of organic compounds with different relative degradability (Hedges and Oades, 1997; Burdige, 2007; Arndt et al., 2013). Microbial degradation involves the extracellular breakdown of HMW polymers to LMW oligosaccharides and monomers (Goto et al., 2001; Hofmann et al., 2009), which can be readily incorporated by bacterial cells, with the initial polymer hydrolysis generally being the rate-limiting step (Meyer-Reil, 1990; Kristensen and Holmer, 2001). In our experiment, addition of EPS stimulated the degradation of the organic fractions (DOC, TCHO, and cEPS) in both +EPScoll and +EPSHB treatments (Figure 1). Ratios of cEPS:DOC and TCHO:DOC decreased consistently in both treatments, which might indicate a preferential degradation of cEPS and TCHO compared to DOC. On the other hand, the difference in the time evolution of cEPS:TCHO ratios between treatments suggests a lower degradability of cEPS from the hot-bicarbonate fraction. Typically, most slurry studies have found that the hot-bicarbonate carbohydrate fraction is more refractory that the cEPS fraction in oxic conditions (Table 2).


Table 2. Comparison of degradation rates for different carbon fractions from previous published studies.
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Organic matter degradation in marine sediments usually follows an exponential decay with time described by the G-models family (Berner, 1964; Arndt et al., 2013). Only a few studies have applied this model in EPS-related studies. Oakes et al. (2010) studying the degradation rates of several monosaccharide pools applied a 2-G model which assumes that the pool of organic matter consists of two fractions that degrade exponentially at different rates and included a non-reactive fraction as well. Three fractions in each monosaccharide pool were detected: (1) a highly labile fraction accounting for the largest part (65–87%) of each monosaccharide pool, with high exponential decay rates (k) (0.81–4.38 d−1); (2) a more refractory fraction (7–18% of each monosaccharide pool), whose k was one or two order of magnitude lower (0.01–0.07 d−1); and (3) a non-reactive fraction (6–23% of each monosaccharide pool) (Table 2). The presence of a second most refractory component was evident in the degradation kinetics of various sediment-extracted carbohydrate fractions both in oxic and anoxic conditions in a 25-day slurry experiment (McKew et al., 2013). Although the loss of TCHO and cEPS over time in our experiment could suggest the existence of a second more refractory component (especially in the +EPSHB treatment), testing for the inclusion of such a component in the model did not provide a significantly better fit (results not shown). It is probable that the time scale of our experiment was too short to detect the existence of more than one pool in the degradation kinetics of every fraction.

The exponential decay rates in our experiment (Table 1) fall between those of the highly reactive fraction and the less reactive fraction of Oakes et al. (2010) for specific monosaccharides. However, the exponential decay rates from the current study for specific carbohydrates and more complex or less unambiguously defined carbohydrate-related fractions, like TCHO and EPS, extracted from microbenthic algae (this study, Goto et al., 2001; Oakes et al., 2010), span two orders of magnitude (Table 2). Interestingly, these rates are higher and less variable than the wider range of reported k-values (10−11–10−2 d−1) for the degradation of bulk organic matter in different marine sediments (Arndt et al., 2013). This indicates the general lability of diatom-biofilm EPS in comparison to detritus derived from other sources, and highlights its importance in structuring heterotrophic communities (Hofmann et al., 2009; Taylor et al., 2013). However, comparison of degradation rate constants between different experiments or different environments must be done with caution since the degradability of organic matter depends on the interaction of its chemical composition and the particular environmental conditions where degradation takes place (Mayer, 1995; McKew et al., 2013).

EPS Degradation and Inorganic Nutrient Regeneration

Nutrient concentrations detected on day 0 were higher in all treatments with added EPS compared to the control. Although the sediment inoculum added may have represented a small source of inorganic nutrients to the slurries, it seems that both EPS-extraction methods recover some dissolved inorganic nutrients from the sediment plus microphytobenthic biofilm samples, a source of nutrients not previously accounted for (Figure 2). The extraction protocol of both EPS fractions involves freezing the sediment sample, which is known to break algal and bacterial cells releasing relatively large amounts of intracellular dissolved inorganic nutrients (García-Robledo et al., 2010, 2016; Stief et al., 2013; Yamaguchi et al., 2015). Although, there were no significant differences on day 0 between nutrients in the +EPScoll and +EPSHB treatments, the hot-bicarbonate method extracted an organic matter pool that was particularly rich in organic N and P (Figure 2, Supplementary Figure S2). Increases in dissolved inorganic nutrients during the experiment were more pronounced and rapid with added EPSHB than for +EPScoll, and represent the mineralization of nutrients associated to organic compounds included in the EPSHB fraction. EPSHB is one of the more abundant and heterogeneous fractions (Chiovitti et al., 2003) the extraction procedure of which not only recovers the extracellular carbohydrates but also uronic acids, proteins, glycoproteins, and phospholipids tightly bound to the mucilage of the diatom frustules (Underwood et al., 1995; Wustman et al., 1997).

The regeneration rate of [image: image] was similar in both treatments with EPSHB, with and without sediment, suggesting a wider distribution of this trait such that the presence of the sediment microbial community plays a minor role in this process. On the contrary, further transformation of [image: image] to [image: image] and [image: image], detected in the +EPSHB treatment, particularly toward the end the experiment (Figure 2A, Supplementary Figure S2B), can be only explained by an increase of nitrification rates due to the growth of a community of nitrifiers introduced with the sediment inoculum, that was absent in the control without sediment. Nitrifying bacteria were indeed present in our samples (e.g., Nitrospira, which oxidizes nitrite to nitrate, and the ammonia-oxidizing genus Nitrosospira), albeit in low relative abundance (~0.01%) in the +EPSHB treatment.

EPSHB was also an important source of regenerated [image: image]. The initial stoichiometry between [image: image] and [image: image] regeneration rates was about 1.7 in both EPSHB treatments, considerably richer in P than typical microphytobenthic biomass (Hillebrand and Sommer, 1999). MPB biofilm EPSHB extractions do frequently include some ribose, indicating some DNA/RNA contamination (Bellinger et al., 2005, 2009), which may be the source of the phosphate. The decrease of [image: image] and [image: image] from day 6 to 9 in the +EPSHB treatment might be explained by higher microbial consumption rate at the end of the experiment. Nonetheless, growth of the microbial community, as estimated from the increase in DNA over 9 days, was similar in both +EPSHB and +EPScoll treatments. Therefore, even the lower amount of regenerated nutrient released from the EPScoll fraction was enough to support the microbial demand for N and P.

The regeneration rate of silicate was 3–4 times higher in the treatments with sediment-inoculum added compared to the controls without sediment inoculum (Figure 2C). Most likely the increase in silicate is mainly due to its regeneration from a particulate pool bound to sediment particles. Even in the absence of any added EPS, in the NoAdd-EPS treatment (with sediment), the regeneration of silicate was similar to that of the +EPSHB treatment with sediment. Therefore, EPS seems to play a minor role in the recycling of silicate in marine sediments in contrast to what we have shown for N and P.

EPS-Induced Changes in the Bacterial Community Composition

Incubation of sediment slurries with both types of EPS resulted in a significant increase in microbial biomass by the end of the experiment using total DNA concentration as a proxy (Figure 3; Haynes et al., 2007). It also led to a significant shift in community composition, both temporally and as direct result of EPS addition (Figure 4). Given that EPS was the differentially added component, constituting a high proportion of the available DOC, and that its degradation was ongoing at day 9, the selectively enriched and actively growing microbial community at this time would contain a high proportion of active EPS-degraders. However, the dominance of such bacterial taxa is also the net result of the growth at the expense of the added EPS sources and any losses by grazing and viral lysis (Våge et al., 2013; Thingstad et al., 2014), which might have increased due to the increased inorganic nutrient content in the slurries (Miki and Jacquet, 2010). The relative similarity of many of the taxa comprising the bacterial communities in the +EPScoll and +EPSHB treatments indicate that most EPS-degrading bacteria readily consume a wide range of diatom-derived EPS (Taylor et al., 2013). Nevertheless, the significant difference overall between communities fed with EPScoll and EPSHB indicates that there are a number of specialist bacteria that preferentially use a particular fraction.

Several bacterial phyla, namely Bacteroidetes, Verrucomicrobia and Planctomycetes, increased their presence in the +EPScoll compared with the NoAdd-EPS treatment, and were thus probably involved in EPScoll biodegradation (Figure 5A). Verrucomicrobia is a phylum that is widely distributed, but rarely dominant (Freitas et al., 2012; Yilmaz et al., 2016). As there are few cultivated representatives of this group, we have a poor understanding of its ecophysiology, but evidence is emerging that many species of Verrucomicrobia consume algal EPS and other biopolymers (Martinez-Garcia et al., 2012; Cardman et al., 2014; Landa et al., 2014; Orsi et al., 2016). McKew et al. (2013) showed that, in a mudflat enrichment, Verrucomicrobia had the biggest proportional increase (~6-fold) when incubated aerobically with cEPS, but were ~40% less abundant when grown anaerobically. In addition, PiCrust analysis suggests that Verrucomicrobia have a similar range and number of extracellular enzymes for breaking down complex polymers as do the Bacteroidetes, a recognized major biopolymer-degrading group (Yilmaz et al., 2016). Specifically, a metagenome from the marine Candidatus Spartobacteria baltica was rich in glycoside hydrolases (Herlemann et al., 2013). Thus, a picture is emerging that aerobic biopolymer degradation is a key trait of many Verrucomicrobia. Verrucomicrobia were also significantly enriched in the presence of EPSHB, suggesting that they are able to degrade complex polymers. Two OTUs had a marginal increase in abundance in the presence of EPSHB, one of which was related to Roseibacillus, species of which have been isolated from brown algae and also from marine water and sediments (Yoon et al., 2008), which may further indicate interactions with photosynthetic organisms.

The phylum Bacteroidetes was significantly more abundant when incubated with EPSHB and with EPScoll. Unlike the Verrucomicrobia, the Bacteroidetes are well known for their capacity to degrade biopolymers, including EPS (Haynes et al., 2007; McKew et al., 2013). Many OTUs from diverse classes of Bacteroidetes were selectively enriched (Figures 5B, 6B), two of which were enriched under both EPS additions, but had a higher relative abundance with EPSHB. One of these, from the genus Tenacibaculum, constituted 12% of the community with EPScoll and 20% with EPSHB, and has been shown to possess enzymes able to degrade a great range of organic compounds from a wide range of marine habitats including tidal flat sediments (Suzuki et al., 2001; Frette et al., 2004; Choi et al., 2006; Jung et al., 2006). The second Bacteroidetes OTU, 2-fold more abundant in EPSHB than EPScoll, was from the genus Algoriphagus, which is able to degrade an array of different compounds as carbon and energy sources (e.g., D-glucose, D-galactose, sucrose) (Yoon et al., 2005; Alegado et al., 2013). This genus is normally found in diverse marine habitats, such as seawater, tidal mudflats, and salterns, and also associated with algae (Nedashkovskaya et al., 2004) or cyanobacterial mats (Bowman et al., 2003). Such features indicate that Algoriphagus species might be considered as specialist EPS/carbohydrate degraders.

Similarly to Verrucomicrobia, certain taxa within the phylum Planctomycetes are emerging as important biopolymer-degrading microbes (Wang et al., 2015; Yilmaz et al., 2016). They generally are enriched in marine snow (Fuchsman et al., 2012), are associated with macroalgae (Lage and Bondoso, 2011), and increase in abundance in coastal diatom blooms (Morris et al., 2006), suggesting that they may be able to utilize the released algal organic carbon. Here, Planctomycetes (class Phycisphaerae) was more abundant when grown on EPScoll compared to NoAdd-EPS, with three OTUs specifically enriched (Figure 5), but not when incubated with EPSHB compared to NoAdd-EPS (Figure 6). One of the most EPScoll-enriched OTUs was from the genus Rhodopirellula. Rhodopirellula baltica degrades carbohydrates in marine environments (Gade et al., 2005) and genome sequencing revealed its ability to degrade algal-derived sulfated polysaccharides (Glöckner et al., 2003; Wegner et al., 2013). However, in contrast to the current finding, previous studies performed in the Colne estuary using different approaches did not detect this Planctomycetes as a specialist EPS degrader (Hofmann et al., 2009; McKew et al., 2013; Taylor et al., 2013), thus further work is needed to clarify the role of this phylum in intertidal systems.

The relative similarity of many taxa in the +EPScoll and +EPSHB treatments could indicate that there is a general capability of utilizing EPS, in accordance with previous studies. Miyatake et al. (2014), for example, showed that of the bacterial taxa targeted all incorporated diatom-derived material. For the Colne, previous studies showed only small changes in overall bacterial community composition in response to added EPS using different approaches (Hanlon et al., 2006; Haynes et al., 2007; Bellinger et al., 2009). Taylor et al. (2013) demonstrated that a diverse range of bacterial taxa were enriched when exposed to cEPS, including highly enriched Alphaproteobacteria and Gammaproteobacteria, but of different lower-order taxa to those found here. Although our results cannot preclude uptake of EPS by a wide range of bacteria, which express this capacity depending on the particular environmental conditions or composition of EPS, the results of the present experiment show clear and consistent changes in the abundance of several taxa when incubated with added EPS. This is consistent with other studies (Hanlon et al., 2006; Haynes et al., 2007; Taylor et al., 2013) and demonstrates some specialization for degradation of different types of EPS (EPScoll and EPSHB).

CONCLUSIONS

EPS constitute a large fraction of the available carbon and energy in marine sediments and wherever phototrophic microbes abound (Underwood et al., 2005; Bellinger et al., 2009). Here, we have shown that fractions of EPS with different structural complexity (operationally termed colloidal and hot-bicarbonate extracted) were degraded, at higher rates compared with those reported previously (Table 2), contributing to the transfer of organic C from microphytobenthos to heterotrophic bacteria. The comparison of degradation rate constants for the different organic fractions studied here, using a one-G exponential decay model, confirmed that DOC and cEPS fractions from the +EPSHB treatment are more refractory than their counterpart fraction in the +EPScoll treatment (Table 1) in accordance with most studies, where higher molecular weight, complex compounds have a lower degradability (Table 2). In addition, our results indicate that EPS, particularly the EPSHB fraction, contain large amounts of N and P that may be released during EPS degradation at rates high enough to support microbial growth in slurries. The relevance of the EPSHB fraction as a source of regenerated nutrient, mainly N and P, for the sediment microbial community in situ and the observed differences with respect to EPScoll fraction require further investigation. The addition of different diatom-derived EPS also induced the enrichment of different bacterial taxa, indicating the existence of some specialization for degradation of different types of EPS. Given the widespread use of high-throughput amplicon sequencing, programs are being developed to infer microbial functions based on phylogeny. However, such approaches must be grounded on solid experimental evidence as presented here, considering the complex interactions of EPS degradation in sediments (Bellinger et al., 2009; McKew et al., 2013; Taylor et al., 2013). Further investigation is required to understand how changes in nutrient regeneration and EPS degradation rates and the differential enrichment of distinct taxa affect EPS budgets in intertidal sediments in situ, in relation to changes in the relative composition of EPS during a tidal or seasonal cycle.
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Fraction +EPS ol +EPSp

k@) b (mg Corg g~ sed. WW d—1) k(@) b (mg Corg g~' sed. WW d~
Dissolved Organic Carbon (DOC) 0.105% + 0.01 1.19+£0.18 0.080° + 0.005 0.84% +0.08
Total Carbohydrates (TCHO) 0123% & 002 08120 4 0.19 00960 & 002 068% 4 0.16
Colloidal EPS (cEPS) 0.1212 & 0.007 0.44> £ 003 0.062 +0.01 0.36> +0.07

The determination coefficients were significant for both the exponential and the lineal fiting (b < 0.05, n = 12). Diferences in k or b were compared by ANCOVA between orgaric
fractions (DOC, TCHO and CEPS) within the same treatment (+EPSccs or +EPSwg), and between treatments for the same organic fraction. The same superscript ltter (a,b) means
absance of statistically sionificant differences among the corresponding values of k or b §p < 0.05).
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Publication Added Fraction Starting Rate of degradation (units: * = g gluc. g=! DW d=1; ¢ = ug g~ DW biofilm h=";

DOM/EPS measured Conc. o= pggluc. g~ WWh-1 rgCg~' DWd-1)
Goto et al., 2001 14C-labeled MPB community
14C-ED0C 14c-ED0C NP*
14C-EDTA-OC 14C-EDTA-OC NP
14C-EPSeon 14C.EPScor NP
Haynes et al., 20072 CHOGon EPSgo1 (kg gluc. g1 DW) 2338 4-10d: +50 %
CHOWg (kg gluc. g~ ' DW) 3365
EPScol EPSor (g gluc. g™ DW) 3832 4-10d: +224.8%
CHOWg (kg gluc. g~ ' DW) 482.7
Hofmann et al., 2009° CHOgo EPScop (g gluc. mL~ 1 slurry) 102 0-4h: 4151 4-24h: 351
EPScol EPScoy (g gluc. mL~" slurry) 277 0-4h: =81 n 4-241: 4085
Belinger et al., 20099 None™* Control treat
CHOMg (g 9™ DW biofiim) 1,625 4-12h: +1637 ¢
13C-enriched treat
CHOg (g 9™ DW biofiim) 1,300 4-12h: 438 ¢
Oakes et al., 20108 None™ First order decay rate (2-G model)
Mannose (mmol G m~2) 248 ky (@1):4.38 £1.02 kg (@=1):0.01 £001
Fucose (mmol Cm=2) 492 k1 (d=1):15+£029 Kz (d=1):0.05 + 0.01
Rnamnose (mmol G m2) 8 k1(d7"):081£0.18 k2 (d~"):0.03 £ 0.01
Galactose (mmol C m~2) 105 ki (d1):127 £025 ka2 (d=1):0.03 £ 0.01
Glucose (mmol Cm=2) 13 ky (d=1):1.38 £0.25 ko (@=1):0.04 £ 0.01
Xylose (mmol Cm~2) 4.2 ky (@ 1):1.43 £0.34 kp (d=1):0.02 £0.02
MeKew etal., 2013° None DOC (kg G g~" OW) 565 Aer. 0-10 d: —44 T Aer. 10-25 d: +6 1
Anaer. 0-10.d: =36 1 Anaer. 10-25 d: +7 1
CHOWg (kg Cg=' DW) 488 Aer.0-10d: +12 1 Aer. 10-25d: 8.8t
Anaer. 0-10d: =6 1 Anaer. 10-25.d: +1 1
TCHO (ug Cg~' DW) 2804 Aer.0-10d: —99 T Aer. 10-25d: +9.8 1
Anaer. 0-10.d: =100 t Anaer. 0-10 d: +3.6 1
Taylor et al., 20137 18G-labeled EPS. CHOy (ug gluc. g~ WW) 80.85 0-30 h: +0.071 80-72h: —1.06 8
EPScoy (ug gluc. g™ 1 W) 4775 0-30 30-72h: 0.2
DOC in CHOgy (Ug gluc. g1 WW)  402.23
DOC in EPScoy (ug gluc. g~ 1 WW) 49.98
12C.unlabeled EPS CHOGoy (ug gluc. g=1 Ww) 275 30-72h: —1.21
EPSco (ug gluc. g~ 1 Ww) 4827

DOC in CHOgq (ug gluc. g=' WW) 3942
DOC in EPSqy (ug gluc. g~ WW) 4122

Miyatake et al., 20149 None™ TCHO (wmol G g=' DW) 274 NSC (27.04mol G g=! DW; max. of 295 at 72 h)
CHOGoy (umol C g=1 DW) 36 0-72h: ~0.04 (umol G g=" DW h~"; incr. of 1.9 at 120 h)
EDTA-CHO (umol G g~' DW) 085 NSC (0.99 wmol C g™ DW; min. of 0.3 at 72h)

Rates were calculated using the data presented in the paper in the form of tables or graphs, when not provided by the authors. In the fnal column, showing the rates of degradation, sub-columns are used to indicate the rates with
diferent treatments as indicated. In order to avoid confusion, rates are presented in the units given in the original publication. Symbols + and — preceding the degradation rates indicate accumuation or Ioss, respectively. Abbreviations
and details of the microbial community involved in the degradation of the added carbon source are provided i the footnote.

“Although starting concentrations were not provided, calcuiations for degradation rates were estimated using the percentage of added substrates mineralized. **In these experiments no aditional organic carbon source was added;
sediment DOC/EPS was labeled using NaH9COs.

Details about the microbial community composition and EPS-induced changes are as follows:

Microbial community was not studied.

bincreases in Bactercidetes and Alphaproteobacteria, especially Acinetobacter (and in particular in the cEPS-enrichmen).

Clsolation of Variovorax sp. as the main EPS-degrader (Betaproteobacteria).

“Gram-negative bacteriaincorporated diatom-dierived carbon faster than Gram-positive bacteria

5 Aerobic surrios had a high reltive abundance of Gammaproteobacteria and a big increase in Verrucomcrobia, whil n the anaerobic skuies Deltaproteobacteria were dominant (especialy Desulfobacteraceae and Desufobulbaceae).
"Alphaproteobacteria and Gammaproteobacteria increased in the slurry with added "C-diatom derived EPS.

9The bacterial community was dominated by Gammaproteobactera (21%), and to a lesser extent by Bacteroidetes (8%) and Deltaproteobacteria (7%).

Abbreviations of DOM/EPS sources are: DOM, Dissolved Organic Matter; EPS, Extracelllar Polymeric Substances; ™C-EDOC, 'C-labeled Extracelluar Dissolved Organic Carbon; 1#C-EDTA-OC, ™C-labeled EDTA-extracted Organic
Carbon; 14C-EPSqcy, 1#C-labeled coloidal EPS; CHOea, coloidal Carbohydrates; CHOyg, Hot-Bicarbonate-extracted Carbohydrates; DOC, Dissolved Organic Carbon; TCHO, Total Carbohycrates; EDTA-CHO, EDTA-extracted
Carbohydrates. Other abbreviations are: NP, Non-provided: NSC, No significant changes.
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Scale Year Season Area Depth TEPrange  Chirange  Correlation r References.

Horizontal 1997 Spring Gulf of Cadiz 1om + 060  Prietoetal, 2006
Spring 25m + 033
Spring Euphotic 638-202.4 + 029
Spring Aphotic
Spring NW Abboran Sea + 092
2006 Spring Bay of Biscay 0-160m 1418171 0821 + 061 Harlay et al., 2010
2006-2008  Spring Celtic Sea 0-80m 22-1101  039-1.44 + 042 Van Oostende etal,, 2012
2012 Spring NW Mediterranean Sea 0-200m 99-24.9 + 075 This study
1999-2002  Allyear Adriatic Sea Surface 4-14000 114 + Radic et al., 2005
Vertical 2008-2009  Spring-summer  Eastern mediterranean Sea 51-290 0.02-0.99 - -069  BarZeevetal, 2011
2000 Spring North Pacific Mixed layer 51-654  080-1.72 ns Wl etal., 2011
2009 Summer Hawai Mixed layer <25-602  038-0.63 ns
2000 Fal Arctic Mixed layer 791179 057-7.80 ns
2000-2010  Summer-winter  Pearl River Estuary 887-1586  na ns Sunetal, 2012
2012 Spring NW mediterranean Sea 0-2300 49549 0178 ns This study
2013 Spring NW Pacific Epipelagic 353-472  005-026 ns Kodama etal,, 2014
Hor-vert 2007 Spring Mediterranean Sea 0-200m 45943 0178 ns Ortega-Retuerta et a., 2010
2014 Spring Mediterranean Sea Surtace-deep ns Mazuecos, 2015, thesis
2005 Summer ‘Souther ocean 0-200m 0-489 001-5.36 + 052  Ortega-Retuerta etal, 2009b
20102011 Al “Tropical and sublropical World oceans Surtace-deep ns Mazuecos, 2015, thesis
Summer Gibraltar Strait 0-75m 169.3 + 073 Prietoetal, 2006
Temporal  1997-1998 Al Tokio Bay 0-10m 144774 <580 + 065  Ramaiah and Furuya, 2002
1998-2000 Al Dona Paula Bay Surface 18-149.1 12123 ns Bhaskar and Bhosle, 2006
19992000 Al NW Mediterranean Sea Surface-DCM Nd'2 0-28 + 071 Beauvais etal, 2003
2012 Spring-summer  Engiish channel Surface and microlayer  254-1301  05-55 ns Taylor etal., 2014
Spring-summer  Engiish channel Surface 969-17351 9 +3 087  Keinetal, 2011
20022004  Summer-winter  Aegean Sea Surface to 4m (bottom) 101269 0.1-7 + 019 Scoullos etal., 2006

Horizontal-vertical scales (hor-vert i the Table) re considered when analyses are made using data that covered wide geographical areas but also include deep vertical profiles. s, not significant. na, not available.
*1Relative units (samples not calbrated).

"2TEP analyzed by microscopic enumeration.
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Surfaceoil-PE5—-094 (78 clones) —_
Sept 2010-C82-0il floc sediment—123
GOM oil spill water, Sept 2010, JNO18966
86| Oil-BE-051
GOM oil spill water, Sept 2010, JNO19014
Oct 2010-GIP24-oil floc sediment-070
Oct 2010-GIP16—oil floc sediment-094
Oct 2010-GIP24—oil floc sediment-091
May 2010-Plume—-1320 m—pyro 224 __J
Cycloclasticus sp., KC161584
Oil-BE-081 (20 clones)
Cycloclasticus pugetii, C5187043
Cycloclasticus spirillensus, DQ659429
99| Cycloclasticus pugetii, U12624
Cycloclasticus oligotrophus, AF148215 -
C19-D1_2-019 .
Sept 2010—Postplume—1210m-074 (2 clones)
GOM oil spill water, Sept 2010, HQ433397
83 Sept 2010-C82—oil floc sediment—041
Oct 2010-GIP16—oil floc sediment—085
Sept 2010-C82-oil floc sediment-075
Sept 2010-C82—0il floc sediment—157
71|l Oct 2010-GIP16—o0il floc sediment—030
GOM oil spill water, Sept 2010, JNO19017
79| ' Nov 2010-MUC19-oil impact sediment—-036
Sept 2010-C82-oil floc sediment-033 _
Oct 2010-GIP24—oil floc sediment—077 —
GOM oil spill water, Sept 2010, JNO19015
GOM oil spill water, Sept 2010, JNO18981
GOM oil spill water, Sept 2010, JNO19016
Gulf oil spill water
Oct 2010-GIP24—oil floc sediment-051
Oct 2010-GIP16—oil floc sediment-004

Oct 2010-GIP16-0il floc sediment-030 I
0.10

Cluster 1

Cultured
Cycloclasticus spp.

Cluster 2

Cluster 3
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0Oct2010-0il floc sedi DNA-075 (2 clones)
0Oct2010-0il floc sedi RNA-87 (2 clones)
Propane enriched Gulf of Mexico sediment (FR823371)
Butane enriched Hydrate Ridge sediment (FR823377)
Oct2010-oil floc sedi DNA-020 (2 clones)
Oct2010-0il floc sedi RNA-32 (3 clones)
Antarctic marine sediment SB2_56 (AY177800)
90 Oct2010-oil floc sedi DNA-067
Desulfobacula phenolica (AJ237606) Desulfobacter, s
E Desulfobacula toluolica (AJ441316) f
Oct2010-oil floc sedi RNA-19 (2 clones) D baCterlum,
Desulfobacter curvatus (AF418175)
68 Desulfobacter postgatei (AF418180) D eSUI f Ob aCUI a
92 Desulfotignum toluenicum (EF207158)
Desulfococcus niacini (U51845)
Desulfobacterium autotrophicum HRM2 (CP001087)
— Oct2010-oil floc sedi RNA-82 (5 clones)
L Gulf of Mexico sediment (GU302461)
Desulfofaba gelida (AF099063)
54, Desulfatiferula olefinivorans (DQ826724)
Eel River Basin sediments (AF354164) B
Hydrate Ridge (AJ535235) SEEP-SRB1 :
MC118_200_bac18 (KP814674) ,
July2010--impacted sedi DNA-061 (2 clones) :
Gyulf of Mexico mud volcano surface sediment (DQ521813) : Desu IfObaCteraceae
May2010-no oil sedi DNA-030 :
Sep2010-oil floc sedi DNA-071
Gulf of Mexico sediment (GU302476)
Guaymas Strain BuS5 (EF077225)
Gulf of Mexico strain Butane12—GMe (EF077226)
Desulfosarcina cetonica (AJ237603) "
Desulfatibacillum alkenivorans AK-01 (CP001322) Desulfosarcina,
Desulfococcus oleovorans Hxd3 (AF141881)
Algorimarina butyrica (AY851292) Desulfococcus
T Desulfosalina propionicus (DQ067422)
' Desulfobacteraceae bacterium APT2 (GU289732)
Desulfococcus multivorans (AF418173)
Gulf of Mexico seep sediment (GU302437)
Oct2010-0il floc sedi DNA-072 (3 clones)
90 Strain NaphS2 (AJ132804)
Guaymas Strain EbS7 (AJ430774) .
’—E sulfate—reducing bacterium mXyS1 (AJO06853) DeSUIfatlglanS
‘ Desulfatiglans anilini (AJ237601),
98 0Oct2010-oil floc sedi RNA-31
Gulf of Mexico sediment (GU302466)
Desulfobacterium catecholicum (AJ237602)
Desulforhopalus singaporensis (AF118453)
Oct2010-o0il floc sedi DNA-087 (4 clones)
Desulfotalea psychrophila strain LSv24 (AF099060) D esu I fOf' h Op al us,
Prestige oil spill sediment (JQ579859) H
0ct2010-oil floc sedi DNA-050 (2 clones) D eSUI f OfUStIS’
Desulfofustis glycolicus (X99707)
Oct2010-0il floc sedi DNA-004 (2 clones) : DeSUIfOtalea
Gulf of Mexico seep sediment (GU302432) .
Hydrate Ridge (AJ535218) SEEP-SRB4:
Desulforhopalus vacuolatus (L42613) Des u Ifo b u I b aceae
76 Oct2010-oil floc sedi DNA-048 (2 clones)
Gulf of Mexico sediment (GU302471)
Gulf of Mexico mud volcano sediment (DQ521816) Desulfocapsa
Gulf of Mexico sediment (GU302486)
Desulfocapsa sulfexigens (Y13672)
—
I Desulfobulbus mediterraneus (AF354663) | D esu IfO b u I b us

Desulfobulbus propionicus (AY548789)

0.10
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Sample names

PE6

PE21

C40

C75

c82

GIP24
GIP16
GIP16 (RNA)
GIP16 3-4 cm
GIPO8
GIPO8 (RNA)
MUC19
MUC20
E01801
E01804
E01402

Ship

RV Pelican
RV Pelican

RV Oceanus

RV Oceanus

RV Oceanus

RV Cape Hatteras
RV Cape Hatteras
RV Cape Hatteras
RV Cape Hatteras
RV Cape Hatteras
RV Cape Hatteras
RV Atlantis

RV Atlantis

RV Endeavor

RV Endeavor

RV Endeavor

Date

5/6/2010

5/8/2010

9/7/2010
9/10/2010
9/11/2010
10/17/2010
10/16/2010
10/16/2010
10/16/2010
10/13/2010
10/13/2010
11/30/2010
12/1/2010
7/25/2011
7/26/2011
7/21/2011

Depth (m)

1380
1605
1496
1087
1372
1418
1560
1660
1660
2360
2360
1674
1885
1630
1620
64

Latitude (N)

28°46.557
28°42.150
28°47.282
28°42.650
28°32.950
28°46.235
28°43.383
28°43.383
28°43.383
27°54.370
27°54.370
28°43.350
28°29.290
28°42.382
28°42.491
28°20.919

Longitude (W)

88°24.293
88°21.729
88°10.020
88°44.900
88°40.760
88°22.874
88°24.577
88°24.577
88°24.577
88°27.001
88°27.001
88°21.770
88°19.050
88°21.815
88°21.999
91°49.563

Oil-impacted

Negative
Negative

Oilflocs

Oilflocs

Oil flocs

Surface brown layer
Surface brown layer
Surface brown layer
Below brown layer
Negative

Negative

Surface brown layer
Negative

Surface brown layer
Surface brown layer
Negative

Sample layer

0-3cm
0-3cm
0-3cm
0-1cm
0-1cm
0-1cm
0-1cm
0-1cm
3-4.cm
0-1cm
0-1cm
0-25¢cm
0-2.5¢cm
0-2cm
0-2cm
0-2.cm
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Bacteroidetes
Epsion

Gamma

Beta

Apha
Plantomycstes
Deta
Acidobacterium
Gemmatimonadetes
Cyanobacteria
Spirochaetes
Fimicutes
Actinobacteria
Nirospia
Chioroflexi
Vemucomicrobia
Lentisphaera
Chioroti
Candidate_divisions
Unknown

May 2010
non-oily
PES  PE21
99%  102%
00%  00%

155%  82.7%
28%  20%
85%  41%
09%  82%

11.8%  20.4%
7.0%  4.1%
14%  20%
00%  00%
00%  0.0%
28%  00%
99%  82%
28%  20%
56% 41%
56%  00%
00%  00%
00%  00%
28%  20%
42%  00%

‘September
2010 0ily.
ca0 c15
86% 103%
00%  00%
232% 29.4%
07%  00%
146%  132%
9%  15%
a6%  4.4%
7.3%  11.8%
13%  15%
20%  00%
00%  00%
13%  15%
60%  2.9%
07%  00%
33%  00%
66% 147%
00%  00%
00%  00%
106%  8.8%
13%  0.0%

11.8%
1.7%
32.8%
08%
19.3%
5.9%
8.4%
25%
08%
08%
00%
00%
3.4%
00%
08%
42%
00%
00%
50%
1.7%

October

2010 oily.
GIP24  GIP16
182% 22.1%
00%  25%
201% 37.7%
18%  00%
273%  74%
55%  1.6%
9.1% 172%
00%  08%
00%  00%
00%  00%
00%  08%
00%  00%
00%  00%
00%  00%
00%  00%
55%  25%
18%  08%
00%  25%
18%  41%
00%  00%

GIP16
@A)
32.5%
0.0%
6.0%
0.0%
2%
00%
28.9%
4.8%
1.2%
0.0%
48%
1.2%
1.2%
0.0%
24%
6.0%
0.0%
12%
2.4%
0.0%

October 2010
non-oily
GIP16
a4cm GIPOS
15%  11.8%
00%  00%
250% 431%
00%  00%
19%  59%
15%  2.0%
231%  59%
38%  7.8%
58% 39%
00%  00%
19%  00%
00%  00%
19%  0.0%
38%  20%
19%  20%
19%  39%
00%  00%
00%  00%
38% 118%
19%  0.0%

GIPO8
®NA)
7.3%
0.0%
7.3%
1.8%
182%
8%
21.8%
21.8%
3.6%
0.0%
0%
0.0%
1.8%
9.1%
0.0%
0.0%
0.0%
0.0%
3.6%
1.8%

November
2010 0ily.

Mucte

5.3%
00%
36.8%
00%
88%
88%
88%
1.8%
1.8%
00%
00%
35%
35%
53%
1.8%
00%
35%
00%
88%
1.8%

November
2010 non-oily.

Muc20

00%
00%
35.0%
00%
21.7%
1.7%
1.7%
33%
33%
00%
00%
00%
00%
00%
50%
17%
00%
00%
33%
33%

July 2011
oily

E01801

5.3%
00%
10.5%
00%
7.9%
15.8%
15.8%
26%
00%
00%
00%
5.3%
10.5%
10.5%
26%
26%
00%
2.6%
5.3%
26%

E01804

85%
00%
38.0%
1.4%
28%
28%
12.7%
4.2%
28%
1.4%
00%
28%
28%
1.4%
00%
7.0%
00%
00%
7.0%
4.2%

July 2011
non-oily

E014

45%
00%
18.2%
23%
23%
11.4%
15.9%
68%
a5%
00%
00%
00%
2.3%
11.4%
9.1%
a5%
00%
00%
68%
00%
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Excitation wavelength (nm) Emission wavelength (nm) Peak (abbreviation) Description of previous study
275 300 Tyrosine-like (B) Tyrosine
Low molecular weight peptide?
275 330 Tryptophan-like (T) Tryptophan'
High molecular weight peptide, protein molecule?
270 520 Humic-like 1 (H1) Enriched in humic acid fraction®*
315 400 Hurnic-lie 2 (H2) Marine autochthonic substance’
425 520 Humic-lie 3 (H3) Enriched in humic acid fraction®#

1Mayer et al. (1999); 2Yamashita and Tanoue (2004); 3He et al. (2006); 4Santin et al. (2009); Coble (1996).
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Compound Final concentration (mol L~)

Salts NaCl 4.20 x 1071
NapSO, 2.88 x 102
KCl 9.39 x 1073
NaHCO3 2.38 x 1073
KBr 8.40 x 104
HoBO3 4.85 x 107°
NaF 715 x 105
MgCls-6H,0 5.46 x 102
CaCly-2H, O 1.05 x 1072
SrClp-6HyO 6.38 x 1075
Trace metal FeCly-6H,O 1.00 x 10-6
ZnS0y,-7H,0 7.97 x 1078
MnCly-4H,0 121 x 10~7
CoCly-6HO 5.03 x 108
CuS0y4-5H,0 1.96 x 10~8
NayMoOy4-2H, O 1.00 x 10~
NapSeOs 1.00 x 108
Major nutrients NaHPO,4-H>,O 1.00 x 10=°
NaNOg 1.61 x 1074
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April 2010 June 2010 May 2011

Centric diatoms Centric diatoms Centric diatoms
Actinocyclus curvatulus Asteromphalus hyalinus Actinocyclus spp.
Actinocyclus spp. Chaetoceros atlanticus Astoromphalus hyalinus
Asteromphalus hyalinus Ch. concavicornis Chaetoceros atlanticus
Chastoceros atlanticus Ch. neglectus Ch. concavicornis

Ch. concavicornis Corethron criophitim Ch. radicans

Ch. decipience Co. inerme Chaetoceros spp.

Ch. debilis Coscinodiscus spp. Rhizosolenia spp.

Ch. diadema Rhizosoleria spp. Thalassiosira eccentrica
Ch. neglectus Thalassiosira neata T lineata

Ch. pseudocurvisetus T. nordenskioeldi T. nordenskioeldi

Ch. radlcans T. oestrupii T. pacifica
Chastoceros spp. T. pacifica T tituta

Corethron criophitum Thalassiosira spp. Thalassiosira spp.

Co. inerme Pennate diatoms Pennate diatoms
Odontella aurita Fragiariopsis atlantica Fragiariopsis atlantica
Rhizosolenia spp. F. cylinaiformis F; oceanica
Stephanopyxis turris F. cyinaius F. pseudonana
Thalassiosira aflenii F; oceanica Fragiariopsis spp.

T anguiata F. pseudonana Neodenticula seminae
T eccentrica Fragiariopsis spp. Thalassionema itzchioides
T. hyalina Neodenticula seminae Coccolithophores

T lineata Thalassionema nitzchioides Emiliania huxleyi

T. lineoides Thalassiothrix longissima

T. mala Coccolithophores

T. nordenskioeldii Coccolithus pelagicus ssp. Pelagicus

T. oceanica Emiania huxleyi

T. pacifica Coccolithus pelagicus ssp. Pelagicus HOL*

T leptopus

T. tiuta

Thalassiosira spp.

Pennate diatoms

Fragiariopss atlantica

F. cylindrus

Navicula directa

Navicula spp.

Neodenticula seminae

Nizschia spp.

Pseudonizschia spp.

Thalassionema nitzchioides

Coccolithophores
Coccolithus pelagicus ssp. Pelagicus

Genus and species names are amanged alphabetically, not systeraticall. Dorinant species in Ao, May and June are shown in bold. *HOL, holococcolith.
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Parameters

Term (day)

Specific growth rate + S.0. (d~1)

Cellular TEP productivity (pg xanthan gum equiv. [cell~! d=1)
Cellular DOC productivity (pg C [cel]~ d=1)

Ratio of cellular carbon-based TEP/DOC productivities

Exponential growth phase

Vessel 1 Vessel 2
0-30 0-28
0.30£0.12 032 £0.16
32 23
1.1 08
22 21

Stationary phase
Vessel 1 Vessel 2
30-36 28-40
008002 0024009
7.1 20
18 62

30 1.1
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EPS property Influence on Ocean process

Physical state

Gel/solution state: -Aggregation- formation of colloids, TEP, and marine snow;
~Contribution to carbon flux;

Amphiphiic: ~Dispersion of oil/ MOS and other hydrophobic

contaminants;
~Hydrophobic microdomains/contaminants;
-Sea surface slicks and aerosols;

Chemical composition

Degradability -Consumer food source;
-DOM/POM turnover/refractory OM pool;

Reactive groups ~Sorption of organic- /inorganic- ions;
~Enhancement of iron bioavalability;
-Biogeomineral precipitation;

Excess metabolite ~Secretion by late-stage plankton blooms;

Protection/enhancement of microbial activities

Diffusion-slowing/localization close to cells:  -e-Enzymes and hydrolysis products;
-Quorum sensing signals;
~Enhancement of microscale gradients;
~Lipid vesicles and antibiotics;

Sorption/trapping: -Concentration of viruses/phages;
-Larval settlement cues;

Stickiness/cohesiveness: -Biofilm and microbial mat formation;
-Sediment stabilization;
-Biofouling and microbial metal corrosion;

Optical transparency - Enhanced forward-scattering of photons;
Protection ~Hydrothermal vents;

-Protection from grazing;

-Antifreeze protection

Reference*

-Alldredge et al., 1993; Verdugo, 1994; Passow, 2002;
Simon et al., 2002; Verdugo and Santschi, 2010;
-Long and Azam, 2001a; Engel et al., 2004; Wurl, 2009;
-Niu et al., 2011; Passow et al,, 2012;
Gutierrez et al., 2013; Valentine et al., 2014;
Daly et al., 2016;
-Decho, 2000b; Lawrence et al., 2007, 2016;
~Kuznetsova et al., 2005; Facchini et al., 2008;
Leck and Bigg, 2008; Wurl and Holmes, 2008;
Fuentes et al., 2010

-Decho and Moriarty, 1990; Decho and Lopez, 1993;
Schlekat et al., 1998, 1999, 2000; Selck et al., 1999;
-Ogawa et al., 2001; Benner, 2002; Decho et al., 2005;
Repeta and Aluwihare, 2006; Walker et al., 2016;

-Bhaskar and Bhosle, 2006; Zhang et al., 2008;
Braissant et al., 2009; Gutierrez et al., 2012;
Deschatre et al., 2013;

-Boyd et al., 2007; Hassler et al., 2011b;

-Reid et al., 2000; Arp et al., 2001;
Kawaguchi and Decho, 2002a; Dupraz et al., 2009;
Obst et al., 2009

-Aluwihare et al., 1997; Bhaskar and Bhosle, 2005;

-Smith et al., 1992; Stewart, 2002;
Flemming and Wingender, 2010; Jatt et al., 2015;
Sutherland, 2016;

-Decho et al., 2009; Hmelo et al., 2011; Decho, 2015;

- Visscher and Stolz, 2005; Vasconcelos et al., 2006;

-Mashburn and Whiteley, 2005; Schooling et al., 2009;
Biller et al., 2014;

- Drake et al., 2007; Dupuy et al., 2014;
Guizien et al., 2014;

~Holmstrom et al., 2002; Franks et al., 2006;
Tran and Hadfield, 2011; Nielsen et l., 2015;

- Rougeaux et al., 2001; Goh et al., 2009;
Moppert et al., 2009; Benninghof et al., 2016;
Flemming et al., 2016;

- Paterson et al., 2008; Gerbersdorf et al., 2009;
Grabowski et al., 2011; Yang et al., 2016;

~de Nys et al., 2009; Camacho-Chab et al., 2016;

-Decho et al., 2008;

-Rougeaux et al., 2001; Guezennec, 2002;

-Plante, 2000; DePas et al., 2014;

-Marx et al., 2009; Underwood et al., 2010; Liu et al., 2013;
Ewert and Deming, 2014; Boetius et al, 2015;

CNI, cloud condensation nuclei; e-enzymes, extracellular-enzymes; DOM/POM, dissolved/particulate organic matter; MOS, marine oil snow; TER, transparent exopolymer

particles; UV, ultraviolet; *references are examples and not all-inclusive.
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Station TEP

07
15
09
07
05
EF > 17 No

LA Sn e

csP

23
14
16
2.1
24
Yes

Monosaccharides

18
15
18
12
15
Yes

Polysaccharides

09
14
1.0
09
15
No

Total carbohydrate

13
15
11
10
15
Yes

EF for two classes of exopolymer partcles: transparent exopolymer particles (TEP) and Coomassie staining particles (CSF). EF for three fractions of the dissolved carbohydrate poo
(monosaccharides, polysaccharides and tota). EFs were calculated based on concentrations in the SML and underlying water (1 m depth). Samples were collected at five stations in
the eastem Pacific Ocean offthe coast of Oregon (United States) in July 2011. A one-tailed t-test was used to determine whether the SML was enriched relative to the underlying water,
which was occurred when the EF was significantly (o < 0.05) areater than 1. Results are shown in the final row of the table; a significant enrichment is indlicated by “yes.”
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Station Location Date

A 46°10'48.00” N 124°15'54.00" W 9.July 2011
B 46°11'21.30" N 124°26'41.16" W 9.July 2011
o 46°14'21.12” N 124°54'11.40" W 9July 2011
D 45°26/34.92" N 125°16'58.14” W 10 July 2011
E 44°36'58.74” N 125°21'2.94" W 12 July 2011

Depths sampled (m)

SML, 1, 5,10
SML, 1
SML, 1
SML, 1,5, 10
SML, 1

Deepest CTD cast (m)

8
123
781

1657
2863

The depths sampled indicate the depths at which exopolymer partiies were collected. SMIL s the sea surface microlayer. The relative depths of the stations are indicated by the depth

of the deepest CTD cast while on station.
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Variable

Particle-associated
POC

Temp
colCHO

pH

Diatoms
Sal

DIN

Ara

Mur-A

Chl
Free-living
Temp
Diatoms
PO4

Chl

Sal

colCHO
POC

Significant variables (p < 0.05) are given in bold.

Adj. R?

0.26115
0.42877
0.49407
0.62738
0.565793
0.58148
0.60484
0.63418
0.66667
0.70459

0.29753
0.40907
0.42655
0.46659
0.47932
0.5011

0.63377

Pseudo-F

50.48
48.15
25.49
17.76

1.69
15.06

1.47
15.61

1.59
16.42

82.00
40.20
14.57

2.05
13.18
16.24
17.71

P

0.001
0.006
0.009
0.075
0.104
0.169
0.200
0.194
0.213
0.221

0.001
0.001
0.181
0.073
0.27

0.175
0.13

Prop. %

31.39
19.65
9.21
5.99
5.34
4.50
4.16
4.08
3.77
3.46

33.89
13.98
4.92
6.44
4.04
4.47
4.86

Cumul. %

31.39
51.04
60.25
66.24
71.58
76.08
80.24
84.32
88.10
91.56

33.89
47.86
52.78
59.21
63.25
67.72
72.58
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B-Glcase LAPase phos

Carbohydrates

Ara o o -
Fuc 4+ 4+ 4+
Gal ++ +++ ++
Glc ++ ++ ++
Man/Xyl o + +
Rha ot ot +4
GalAM + + ++
GlcAM ++ ++ 4+
GlIcA o o o
MurA o o 2]
GaluRA o o 2]
GlcURA + + +
Environmental parameters

pH ++ ++ ++
SECCI — o 2]
Temp ++ ++ ++
Sal — - ——
SiOo —— —— ——
POy — - -
NO» —— —— ——
Diatoms + + ]
Chl a ++ ++

DOC o 2] ++
POC o +++ ++

@ = no significant correlation; + = modest positive correlation (rs > 0.4),
++ = strong positive correlation (rs > 0.7), +++ = very strong positive correlation
(rs > 0.9), — = modest negative correlation (rs < —0.4), —— = strong negative
correlation (rs < —0.7).
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