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The Editorial on the Research Topic
 Axonopathy in Neurodegenerative Disease



Within the study of neurodegenerative diseases, axonopathy is increasingly recognized as a major contributor to the disease manifestation, and in some cases, the key pathogenic driver. Neurons, with their highly specialized anatomy, must maintain both dendritic arbors and long axon processes. The loss of the axon effectively disconnects the neuron from its postsynaptic partners, eliminating its function in neural circuitry. The loss of the axon may be an early symptom of more extensive degeneration and neuron loss to follow. This has been suggested for diseases such as amyotrophic lateral sclerosis (ALS), where changes in the distal terminal of motor neurons presage their eventual death (Fischer et al., 2004). In other cases, such as inherited peripheral neuropathies, the loss of the axon is the primary feature of the disease, with sensory and motor deficits manifesting in the distal extremities innervated by the longest neuronal projections (Cavanagh, 1964).

Many aspects of cell biology converge in maintaining axons and in their degeneration. Their length requires an elaborate cytoskeleton and transport machinery. Functioning mitochondria are required to meet local energy demands, again necessitating mitochondrial transport, fusion, fission, and possibly local translation of mitochondrial components to keep up with organelle and protein turnover (Misgeld and Schwarz, 2017). Finally, axons are also often intimately associated with myelinating glial cells, creating a mutually dependent functional unit to maintain axonal conduction and integrity. This Research Topic of Frontiers in Neuroscience is devoted to these issues of axon cell biology and the disorders that result from dysfunction in these processes. Many of the papers included in this Research Topic arose from presentations and discussions held at the 6th Molecular Mechanisms of Axon Degeneration conference, hosted at The Jackson Laboratory in Bar Harbor, Maine, in September of 2016. Additional contributions expand the scope of this Research Topic, particularly into areas related to degeneration of the optic nerve, relevant to glaucoma and other central neurodegenerations.

The review article by Stassart et al. provides an excellent summary of axon and glial cell biology and anatomy and how this interdependent relationship changes with disease (Stassart et al.). Similarly, axons and glial cells develop in concert, and undergo age-related changes that may predispose or even precipitate neurodegenerative diseases. The review by Salvadores et al. examines the impact of aging on the anatomy and function of axons (Salvadores et al.). Proper function of the axon depends on a well-order cytoskeleton. Cytoskeletal abnormalities are common to axon-centric diseases and toxic neuropathies, with specific chronic conditions such as tauopathies directly impacting axonal proteins. The review by Kneynsberg et al. examines the mechanisms by which tau, a microtubule associated protein, contributes to axon degeneration and disease (Kneynsberg et al.).

Another area of axonopathy research that has received a great deal of attention recently is chemotherapy-induced peripheral neuropathy (CIPN), a common side-effect of cancer treatment that decreases patient quality-of-life and is a major factor limiting drug dosage (Argyriou et al., 2014). This is a major concern clinically, but these drugs also provide tools for understanding axon degeneration and the normal cellular functions that are required to maintain healthy axons. The review by Fukuda et al. examines the cellular mechanisms underlying CIPN, which extend well beyond the impact of these drugs on the microtubule cytoskeleton (Fukuda et al.).

Axon degeneration is an active process, and this is most clearly demonstrated in Wallerian degeneration, which involves the fragmentation and disintegration of an axon distal to the site of an injury. Genetic studies have identified a spontaneous gain-of-function mouse mutation, Wallerian Degeneration Slowed (WLDs), as well as recessive loss-of-function mutations in Sarm1 as mutations that protect against Wallerian degeneration (Mack et al., 2001; Osterloh et al., 2012). Both WLDs and loss of Sarm1 lead to increased NAD+ levels locally in the axon, which in turn protects axons from degeneration. The therapeutic potential of this pathway is demonstrated in the original research article by Williams et al. which shows that nicotinamide and WLDs act in concert to prevent retinal ganglion cell axon loss in glaucoma (Williams et al.).

Like NAD+ levels, local ATP and Ca++ homeostasis in axons depends on healthy mitochondria, which traffic through, and are localized in axons. Mutations affecting mitochondrial fusion, fission, and metabolism lead to an assortment of axonal defects and are also important in regeneration. The original research article by Knowlton et al. describes the relationship between mitochondrial function and the capacity for axon regeneration in C. elegans (Knowlton et al.). The review by Inman et al. examines how metabolic vulnerability specifically in axons and myelinating glial cells can contribute to axon loss in glaucoma (Inman and Harun-Or-Rashid). In contrast to metabolic issues, the original research article by Rogers et al. suggests that impaired mitophagy in nerve terminals contributes to the die-back neuropathy of motor neurons seen in mouse models of ALS (Rogers et al.). The need to maintain healthy mitochondria far from the cell body is a recurring theme in many neurodegenerative diseases. This is one argument favoring local protein synthesis in axons, which remains a controversial topic in neurobiology. The state of this question is addressed in the review by Spaulding and Burgess, including recent in vivo profiling studies of ribosome-associated mRNAs isolated from axons of the adult mouse visual system that indicate robust levels of translation, particularly of mitochondrial components (Spaulding and Burgess).

Axonopathy is often considered in the context of peripheral motor and sensory neurons, given their length, the presence of diseases that specifically affect these systems, and their sensitivity to challenges such as chemotherapy drugs or metabolic disorders such as diabetes. However, these characteristics are not limited to the peripheral nervous system. Many of the papers in this research topic focus on glaucoma, a neuropathy affecting axons of the optic nerve, one of the few central nervous system components outside of the brain and spinal cord. Glaucoma shares commonalities with other central neurodegenerations such as Alzheimer's, Parkinson's, and Huntington's diseases, often exhibiting comorbidity with those conditions, as well as exhibiting similar mechanisms with these and other axonopathies (Conforti et al., 2007).

Stresses such as hypoxia and oxidative stress arising from vascular dysfunction contribute to the pathogenesis of glaucoma, as described in the original research article by Chidlow et al. As in the degenerating brain, neuroinflammation plays a sizable role in glaucomatous neurodegeneration. One of this topic's original research articles, the loss of the pleiotropic cytokine IL-6 is shown to protect axons in glaucoma (Echevarria et al.). The mechanism underlying this protection remains unclear, but changes in axonal transport appear to be separated from changes in axon integrity, possibly separating these features in this model. Another original research article shows that more conventional inflammatory pathways may also contribute to glaucoma (Lambert et al.). Treatment with the synthetic steroid HE3286 reduced axonopathy in a rodent microbead occlusion model of glaucoma, possibly through its proposed targets of MAPK/ERK/NFκb signaling. The recurring mechanisms of axonal transport and cytoskeletal abnormalities are also in play in the axonopathy of glaucoma, as shown in the original research articles by Breen et al. and Wilson et al. Finally, the differential sensitivity of neurons to degeneration is a common yet puzzling feature of a variety of diseases and neurotoxic conditions. The review by Vidal-Sanz et al. describes the differential responses of different retinal ganglion cell populations in animal models exhibiting either ocular hypertension or optic nerve injury (Vidal-Sanz et al.). Together, these papers highlight the parallels of glaucoma and other diseases in which axonopathy is a key pathophysiological sequela.

Although the mechanisms that lead to axon degeneration may be shared across a range of diseases, they encompass a wide range of biological processes including cytoskeleton, transport, metabolism, translation, and inflammation. Perhaps this reflects the number of things that normally have to go correctly to actually preserve an axon, which in turn, could explain why axonopathy is often the harbinger of degeneration. Defining these processes is a challenge and predicts that there will not be a single “magic bullet” to correct all axonopathies, but the rapidly increasing depth of our knowledge concerning the functions required to maintain an axon will ultimately help in understanding how to prevent degeneration or even to promote regeneration in these diseases in the future.
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Axons are electrically excitable, cable-like neuronal processes that relay information between neurons within the nervous system and between neurons and peripheral target tissues. In the central and peripheral nervous systems, most axons over a critical diameter are enwrapped by myelin, which reduces internodal membrane capacitance and facilitates rapid conduction of electrical impulses. The spirally wrapped myelin sheath, which is an evolutionary specialisation of vertebrates, is produced by oligodendrocytes and Schwann cells; in most mammals myelination occurs during postnatal development and after axons have established connection with their targets. Myelin covers the vast majority of the axonal surface, influencing the axon's physical shape, the localisation of molecules on its membrane and the composition of the extracellular fluid (in the periaxonal space) that immerses it. Moreover, myelinating cells play a fundamental role in axonal support, at least in part by providing metabolic substrates to the underlying axon to fuel its energy requirements. The unique architecture of the myelinated axon, which is crucial to its function as a conduit over long distances, renders it particularly susceptible to injury and confers specific survival and maintenance requirements. In this review we will describe the normal morphology, ultrastructure and function of myelinated axons, and discuss how these change following disease, injury or experimental perturbation, with a particular focus on the role the myelinating cell plays in shaping and supporting the axon.

Keywords: oligodendrocyte, Schwann cell, cytoskeleton, axonal transport, energy, neuroinflammation, morphology

INTRODUCTION

Neurons are highly polarized cells, with a long axon and shorter dendrites. Axons, which are the focus of this review, are unique among cellular processes, being capable of transmitting electrical impulses (spiking) and occupying, in many cases, an inordinately disproportionate amount of the neuron's volume. The axon's electrical excitability stems from the fact that axolemma (bolded terms are defined in Table 1) is rich in voltage-gated ion channels and ion pumps (Dumenieu et al., 2017). Extrapolation to humans, of serially reconstructed EM data from the highly branched basal cholinergic neurons of the forebrain in mice, suggests that single neurons can have a total axon length of 100 m (Wu et al., 2014). This extraordinary cellular asymmetry is initiated during early development when neuronal polarisation is established (Schelski and Bradke, 2017). All subsequent growth and maintenance of the axon is enabled by bidirectional axonal transport comprising molecular motors and microtubule tracks that convey materials between the cell body and the axon terminus. In electron micrographs, axons are easily distinguished from other cellular processes because of their unique cytoskeletal organization and, often, because they are surrounded by a myelin sheath (Figure 1).


Table 1. Definitions.
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FIGURE 1. Ultrastructure of myelinated axons in the CNS and PNS. (A, upper) In the CNS, myelinated axons are densely packed within white matter (here: mouse optic nerve) and the myelin sheaths of neighboring fibers often directly touch. At high magnification axonal cytoskeletal elements are visible: microtubules (arrows) and neurofilaments (arrowheads). As indicated in the schematic, mitochondria are closely associated with microtubules (M, mitochondria; IT, inner tongue; OT, outer tongue). (A, lower) In the PNS, the Schwann cell plasma membrane is covered with a basal lamina and the myelinated fibers are separated by connective tissue. Small caliber axons are not myelinated, but organized in so-called Remak bundles (R) formed by non-myelinating Schwann cells. At high magnification, mitochondria and cytoskeletal elements can be observed. (B) Schematic representation of a myelinated CNS fiber: The plasma membrane of the myelinating glial cell is depicted in green. The major dense line (depicted in grey) results from the apposition of the cytoplasmic surfaces of the plasma membrane. (C) Electron micrograph of a PNS node of Ranvier and (D, upper) schematic representation of the elements of a node: paranodal loops of the myelin sheath (green), Nav1.6 channels (red), Kv1 channels (blue), neurofilaments (arrowheads), microtubules (open arrowheads), mitochondria (M), which are transported along microtubules. N, node; PN, paranode; JPN, juxta paranode; IN, internode. (D, lower) Schematic representation of non-myelinated axon with uniform distribution of Nav1.6 channels along the axolemma.



ORGANISATION AND MORPHOLOGY OF MYELINATED FIBRES

The Ultrastructure of the Myelinated Axon

Recent advances in imaging modalities and in image processing have contributed enormously to our understanding of the three-dimensional composition of fibre tracts. For example, electron microscopic volume imaging, including electron tomography of fine ultrastructural details; focussed ion beam-scanning electron microscopy (FIB-SEM); and serial block-face imaging (SBF) of larger volumes, provide an increasingly complete picture of the axon-myelin unit and its neighbouring cells [see for example, Snaidero et al. (2014)].

This is not to detract from the fact that conventional transmission electron microscopy (EM) has been instrumental in elucidating the relationship between the axon and its myelin sheath as well as the subcellular components of each, in normal versus pathological or experimental conditions (reviewed in Boullerne, 2016). Nonetheless, EM requires expertise and caution in tissue preparation and image interpretation. Conventional processing of tissue samples involving chemical fixation in aqueous solution, dehydration and plastic embedding, can generate considerable artefacts; mitochondria and the lipid-rich compact myelin being particularly susceptible to inadequate fixation. Consequently, “changes” in either must be interpreted in relation to control material handled in parallel. Cryopreparation, combining high-pressure-freezing and freeze-substitution (HPF-FS), has become a commonplace alternative (Möbius et al., 2016) and whilst less easily obtained, cryopreparations generate useful reference samples for myelin and axon phenotypes that might otherwise be masked by artefacts of conventional preparation, in particular those caused by tissue shrinkage associated with dehydration.

Electron microscopy combined with state-of-the-art fluorescence super resolution imaging have illuminated ultrastructural details of the axonal cytoskeleton. In the adult, the axonal cytoskeleton comprises actin filaments, microtubules with microtubule associated proteins, and neurofilaments. Briefly, actin filaments, which have been observed recently in axons using fluorescence super-resolution imaging, are arranged as bundles along the axon and as periodically spaced rings underneath the axolemma, likely providing elasticity and stability, respectively (reviewed by Kevenaar and Hoogenraad, 2015; Papandreou and Leterrier, 2018). Neurofilaments and microtubules are about 100 μm long in mature axons. They are aligned with the axon's long axis and can be distinguished in electron micrographs of its cross section, being 90–100 and 230–260 Å in diameter, respectively (Peters and Vaughn, 1967; Figure 1). Neurofilament heavy, medium and light chain triplets, in combination with α-internexin in the CNS or peripherin in the PNS, fashion a semi-rigid structure, providing temporary docking sites for vesicular organelles and integrating the membrane cytoskeleton and transmembrane adhesion molecules with the axon's interior (reviewed in Kirkcaldie and Dwyer, 2017; Yuan et al., 2017). Microtubules, which are uniformly orientated with the plus-end distally (reviewed in Rao and Baas, 2018), act as scaffolds for axonal transport (Kapitein and Hoogenraad, 2011; see Axonal transport). Cross-bridging proteins, such as spectrin, bullous pemphigoid antigen, plectin and microtubule associated proteins link neurofilaments, microtubules and actin (reviewed in Yuan et al., 2017). At the node of Ranvier microtubules are more abundant and neurofilaments less highly phosphorylated and more closely spaced compared to the internode, consistent with a nodal narrowing of the axon's diameter (Figure 1) that is particularly pronounced in the PNS (Reles and Friede, 1991).

The axoplasm also contains membrane-bound organelles; mitochondria being the most obvious in electron micrographs of the healthy axon. They are typically 0.1–0.3 μm in diameter, up to 10 μm in length, and oriented parallel to the axon's long-axis. In contrast to the PNS, they are not enriched at the node of Ranvier or paranode in CNS axons (Edgar et al., 2008) where they occupy a constant fraction (1.5%) of the volume of axons >0.7 μm diameter (Perge et al., 2009), suggesting energy requirements are linearly related to axonal size. Axons also contain synaptic vesicle precursors and dense core vesicles, autophagosomes, signalling endosomes, late endosomes and lysosomes, amyloid precursor protein, BDNF vesicles, smooth endoplasmic reticulum and the machinery for localised protein synthesis (reviewed in Maday et al., 2014; Lopez-Leal et al., 2016; Spaulding and Burgess, 2017; Wu et al., 2017), which usually only become apparent following injury and regeneration (Lampert, 1967; Tsukita and Ishikawa, 1980; Court et al., 2011; Figure 2).
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FIGURE 2. Axonal organelle accumulations after traumatic injury or interruption of axonal transport. (A) Early description of axonal pathology after traumatic spinal cord injury in the rat, based on electron microscopic observations. (1) After transection the axonal stump swells and accumulates mitochondria, vesicles and dense bodies. (2) In a degenerative stage the organelles disintegrate. (3) A regenerative axon is characterized by a growth cone with multiple organelles. (4) A dystrophic axonal enlargement, caused by demyelinating disease or vitamin E deficiency is characterized by abundant filaments and organelles such as mitochondria, dense bodies, layered membrane loops, and cytoplasmic dense material. Reproduced from Lampert (1967), with permission. (B) Electron micrographs of focal swellings and organelle accumulations in CNS axons (upper: cross section, lower: longitudinal section), here derived from white matter of adult Plp1 null mice. Note that organelle accumulations are predominantly located in the juxtaparanodal region (lower). (C) Electron micrographs of axonal changes in the PNS after interruption of axonal transport in the mouse saphenous nerve by cooling. At the distal side of the transport block, retrogradely transported axonal elements accumulate along the internode. These are, among others, multivesicular bodies (Mv), lamellated bodies (Lb) which intermingle with microtubules (T), and neurofilaments (Upper: cross section, Lower: longitudinal section). Reproduced from Tsukita and Ishikawa (1980) with permission.



The myelin sheath comprises concentric wraps of the myelinating cell process around the axon, such that the lateral edges of the outermost layer abut the straddling nodes of Ranvier, and successively inner layers terminate increasingly distally from the node (depicted in Figures 1C,D). In compact myelin, an ~2 nm space (the intraperiod space) exists between the extracellular surfaces of the wrapping glial cell process whilst its intracellular surfaces are effectively fused (forming the major dense line). Together, the major dense lines and the intraperiod spaces give compact myelin its characteristic ultrastructural appearance (Figure 3A). In mature CNS myelin, a single channel of cytoplasm remains around the perimeter of the glial cell process, and live imaging of Lucifer yellow filled oligodendrocytes in ex vivo spinal cord slices suggests that additional transient openings are present through the compact myelin (Velumian et al., 2011). Together, these cytoplasm-filled spaces constitute the non-compact myelin or “myelinic channel” system. In the PNS, this includes Schmidt-Lanterman incisures (SLI), which connect the Schwann cell abaxonal cytoplasm with the periaxonal cytoplasm (Ghabriel and Allt, 1981).
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FIGURE 3. (A) Electron micrograph showing the multilayered myelin sheath of a CNS axon in cross section. Note the regular periodicity of compact myelin, which is composed of the major dense line, reflecting the fused intracellular glial surfaces (white dots), and the 2 nm wide intraperiod space between the extracellular surfaces of adjacent wraps (blue dots). Arrows point to radial components. (B) In mature CNS, a single cytoplasmic channel is present around the perimeter of the glial cell process (light green), which is best understood, if the myelin is virtually unwrapped (schematically demonstrated for one internodal segment). The cytoplasmic channel connects the glial cell soma with the most distal part of the myelin sheath and contains organelles and cytoskeletal elements, as shown in C. (C) Electron micrograph of CNS paranodal loops, abutting the axon. These contain microtubules (arrows) and vesicles (arrowheads). (A,C were reproduced from Edgar and Griffiths, 2013, in Diffusion MRI, From Quantitative Measurement to in vivo Neuroanatomy; published by Elsevier).



The myelinic channel, which we suggest plays an important role in glial-mediated axonal maintenance (see Mechanisms of injury: axonal pathology caused by oligodenroglial defects), is best understood if the myelin sheath is “virtually unwrapped” (Figure 3B). It provides continuity between the cell soma and the distal-most part of the myelin sheath at the glial-axonal junction (Ransom et al., 1991), and contains septin filaments (Buser et al., 2009; Patzig et al., 2016), microtubules, vesicles (the last two illustrated in Figure 3C) and multivesicular bodies. Ion channels, glutamate receptors and metabolic transporters (e.g., monocarboxylate transporter 1) are located on its adaxonal surface (Rinholm et al., 2011; Lee et al., 2012b; Nijland et al., 2014; Domenech-Estevez et al., 2015; Saab et al., 2016). The myelin sheath is separated from the axolemma by the periaxonal space, an ~15 nm wide space (Peters, 1966) filled with extracellular fluid that reaches it through a spiralling pathway between the paranodal loops (reviewed in Rosenbluth, 2009). Taken together, the myelin sheath comprises a tightly wrapped double-layered cell process that is connected to its cell body via a system of fluid-filled channels.

The Myelination of Axons Was Critical in the Evolution of Higher Species

In the vertebrate central nervous system (CNS), myelinated axons define white matter tracts, including the corpus callosum, optic nerves, and spinal cord dorsal and ventral columns, which together account for ~40% of CNS volume in humans (Morell, 1984); a higher proportion than in other species, reflecting the fact that “connectional elaboration” (= the expansion of neuronal connectivity) was key in human brain evolution (Schoenemann et al., 2005). In the peripheral nervous system (PNS), myelinated axon bundles constitute peripheral nerves, such as the sciatic nerve and the sural nerve, which link the CNS to peripheral targets. The optic nerve, being a CNS white matter tract, is erroneously named. One of the key differences between CNS and PNS axons is that in the adult, the former do not regenerate after injury.

The evolution of a rapidly functioning, yet complex nervous system was the prerequisite for development of cognitive function in higher vertebrate species. Acceleration of nerve conduction velocity can be achieved through two basic mechanisms (Hartline and Colman, 2007a). Expansion of axonal caliber, whilst effective in invertebrates with only a few nerve fibers, such as the giant axon of the squid, and the Mauthner axon in lower vertebrates, is not viable in higher vertebrates with large number of axons and consequent space restrictions. Here, glial cells adapted to insulate the axon with a multi-lamellar, concentrically wrapped membrane, termed the myelin sheath (Hartline and Colman, 2007; Nave and Werner, 2014). In vertebrates, myelin emerged first in cartilaginous fish and is functionally homologous with, but morphologically distinct from, myelin-like glial ensheathments in annelids and crustacea, (Hartline and Colman, 2007; Zalc et al., 2008). Non-myelinating axon-ensheathing cells exist in virtually all nervous systems (Schweigreiter et al., 2006).

In adult vertebrate CNS, axons larger than the ~0.2 μm diameter “threshold” for myelination (Lee et al., 2012a; Goebbels et al., 2017) are surrounded by compact myelin, which is produced by oligodendrocytes. Oligodendrocyte precursors (OPCs), being present throughout life, can restore myelin sheaths following demyelination (Zawadzka et al., 2010) and potentially contribute to myelin turnover (Xiao et al., 2016). In the PNS, Schwann cells myelinate axons above a threshold size of ~1 μm diameter (Voyvodic, 1989), whilst non-myelinating Schwann cells ensheath multiple small calibre axons within so-called “Remak bundles”.

Myelinated Axons and Associated Cells Constitute CNS White Matter and PNS Nerves

Within a tract or nerve, axons are packed densely and (in general) aligned in parallel. This arrangement admits the application of diffusion tensor imaging, a magnetic resonance technique used in larger brains to map fibre tracts and identify white matter changes. Axonal densities vary from one tract to another depending largely on axonal diameter and myelination status; for example, from ~70 to ~380 axons per 100 μm2 in cross-sections of the hippocampal commissure and basal telencephalic commissures of the adult rhesus monkey (LaMantia and Rakic, 1990). Estimates suggest that in mice, the optic nerve and corpus callosum respectively, contain ~50,000 (Edgar et al., 2010) and 300,000 (Tomasch and Macmillan, 1957) axons in total; in humans the corresponding values are ~1 and ~800 million (Koppel and Innocenti, 1983; Mikelberg et al., 1989).

Fibre tracts comprise other important cellular elements including microglia or macrophages, which provide immune surveillance in the CNS and PNS, respectively (Perry and Gordon, 1988; Klein and Martini, 2016), and astrocytes in the CNS, the processes of which often surround axons (Luse, 1956). Blood vessels, which perfuse fibre tracts, are lined by endothelial cells and associated with pericytes, smooth muscle cells and fibroblast-like cells. In humans, but not rodents, a number of neuronal cell bodies reside in the CNS white matter (Suarez-Sola et al., 2009).

Axonal Dimensions

Neurons have a single axon and these vary greatly in length as well as in ramification, as indicated before (Wu et al., 2014; Economo et al., 2016). In larger animals, axons of projection neurons can reach many meters in length (Wu et al., 2014; Wedel, 2018). This is particularly remarkable considering mammalian axons are <20 μm in diameter and their neuronal cell bodies are only some tens of microns across. In both the CNS and PNS, a range of diameters exists within and between tracts/nerves such that axons of a given length can differ in diameter ~100-fold and thus 10,000-fold by volume. Measured diameters range from <0.1 to >10 μm in the CNS and from ~0.1 to ~20 μm in the PNS, in mice (reviewed in Susuki, 2010; Edgar and Griffiths, 2013). Individual PNS nerves generally contain a wide range of axonal diameters and whilst this is also the case in the spinal cord lateral and ventral (anterior in human) columns, some CNS tracts, such as the corpus callosum, optic nerve and spinal cord dorsal (posterior in human) columns, contain predominantly small diameter axons. Physically, the most critical determinant of the calibre of a mature axon is the phosphorylation status of its medium neurofilaments (NFM; see The axonal cytoskeleton; reviewed by Kirkcaldie and Dwyer, 2017).

What is the reason for the range of diameters? Although conduction velocity increases with axonal diameter, the outcome is likely inconsequential in shorter axons and it has been speculated that information rate, which is dependent on firing rate, and consequently with axonal volume and energy use, is the crucial determinant of axonal diameter; with evolutionary pressure toward thin diameters due to space and energy constraints (Perge et al., 2012). Nonetheless, axonal diameter is not absolutely constant along the axon's length. In addition to consistent narrowing at the node and paranode (see The axonal cytoskeleton), the diameter of an individual axon fluctuates over its length (Perge et al., 2012) probably as a transient response to the movement of ions (Trigo and Smith, 2015).

Axon Initial Segment

The axon initial segment (AIS) is a specialized, non-myelinated region at the very proximal end of the myelinated axon at which action potentials are initiated. At the AIS, the axolemma is densely populated with ion channels including Nav channels and neuronal KCNQ potassium channels (reviewed in Dumenieu et al., 2017). Thus, over its 10–60 μm length, the AIS is similar in several respects to the node of Ranvier, including cytoskeletal arrangements. The AIS of mature CNS neurons helps maintain neuronal polarisation by acting as a selective sieve that restricts the movement of proteins from the somatodendritic compartment into the axon (Franssen et al., 2015).

Components of Nodal/Paranodal Specialisations (CNS/PNS)

Distal to the AIS and at both ends of a myelin sheath (Figures 1C,D, 3B), the paranodal loops (part of the myelinic channel system) tightly appose the axon and the two are tethered by septate-like junctions, formed by Neurofascin 155 on the glial side and Contactin and Caspr on the axonal side (Charles et al., 2002). The node of Ranvier is the small amyelinated space between the outermost paranodal loops of adjacent myelin sheaths, whilst the juxtaparanode lies between the innermost paranodal loop and the internode proper (Figures 1C,D). In both the adult CNS and PNS, Nav1.6 Na+ channels are located at the node of Ranvier and Kv1.1, Kv1.2 K+ channels are localised to the juxtaparanodal region; although others are also present (Dumenieu et al., 2017). Various anchoring molecules including β IV spectrin and Ankyrin G as well as the paranodal-axonal transverse bands (forming septate-like junctions) restricts electrical activity to the nodal compartment and hinder lateral diffusion of these and other axonal membrane proteins (Rosenbluth, 2009). For detailed reviews see Rasband and Peles (2015) and Dumenieu et al. (2017). A recent study suggests that adjustment of node of Ranvier length might represent a rapid and energy-efficient mechanism for tuning the arrival time of information to its target, by altering conduction speed (Arancibia-Carcamo et al., 2017).

Although CNS and PNS nodal/paranodal structures are similar in several respects, important morphological differences include the covering of the nodal space. In the PNS, Schwann cells form the basal lamina that bridges the node, and Schwann cell microvilli contact the nodal area. In the CNS, some nodes are covered by perinodal astrocytes or OPC processes (reviewed in Rasband and Peles, 2015).

AXO-GLIAL SIGNALLING, AXONAL MAINTENANCE, AND ENERGY METABOLISM

Cell Autonomous and Bi-Directional Signalling Regulate Axon and Myelin Dimensions

Distal to the AIS, the axon and the cells that myelinate it form a “symbiotic” unit. Each one uses both cell autonomous and bi-directional signaling mechanisms to initiate myelination and finely tune nodal and internodal (see Components of nodal/paranodal specialisations) dimensions to ensure the timely arrival of action potentials at the nerve terminus (Rushton, 1951; Stanford, 1987). Several recent studies have provided mechanistic insight to the molecular and cyto-architectural changes that take place in the myelinating cell during axonal engagement and wrapping, and this literature has been extensively reviewed elsewhere (Bauer et al., 2009; Snaidero and Simons, 2014; Hughes and Appel, 2016; Tricaud, 2017).

In the CNS, a neuronal “switch”, the PI3K–AKT1–mTOR pathway, may be sufficient to trigger radial axonal growth, recruitment of OPCs and progressive myelination, as suggested from the phenotype of PTEN-deficient granule cell neurons and their (ectopically) myelinated parallel fiber axons (Goebbels et al., 2017). The wrapping of the oligodendrocyte process around the axon (the final number of wraps determines the thickness of the myelin sheath) and the extension of myelin along its length (determining internodal length) are intrinsically determined by glia growth, but modulated by the diameter of the axon they wrap (Bechler et al., 2015). Recently it was suggested that axons effect precise regulation of myelin formation by dictating the targeting of mRNAs to specific subcellular locations within the myelinating cell. Indeed, localised protein synthesis in OPCs is triggered by axonal action potentials (Wake et al., 2011). Correspondingly, electrically active axons are preferentially myelinated and neural activity probably also promotes myelin plasticity in the adult (reviewed in Almeida and Lyons, 2017; Bechler et al., 2018). Thus, whereas myelination is largely driven intrinsically in oligodendrocytes (Lee et al., 2012a), it can be modulated by extrinsic factors including electrical activity of axons, acting via oligodendroglial calcium transients (Baraban et al., 2018; Krasnow et al., 2018), the glutamatergic stimulation of glucose uptake (Saab et al., 2016) and other extracellular signalling molecules (Lundgaard et al., 2013; Emery and Lu, 2015).

Notably, axonal ensheathment, radial myelin growth and myelin elongation are controlled by different mechanisms in the PNS. Prior to myelination, Schwann cells separate single axons into a stable one-to-one relationship in a process called “axonal sorting”. The established axon-myelin unit then grows in size, reaching up to 1 mm or more in internodal length (Hildebrand et al., 1994). Recently, a role for the Hippo pathway and YAP/TAZ in the integration of mechanical signals and myelination emerged in Schwann cells and has been linked to longitudinal myelin growth during development (Fernando et al., 2016; Poitelon et al., 2016). The g-ratio, which is a measure of the relationship between axonal diameter and myelin sheath thickness, is relatively constant for CNS and PNS axons of all diameters (Donaldson and Hoke, 1905). In the PNS, a threshold level of neuregulin on axons is required for myelin initiation and the total level of neuregulin on the axon's surface dictates the thickness of the myelin sheath (Michailov et al., 2004; Taveggia et al., 2005). Neuregulin1 downstream signaling involves PI3K/AKT and MEK/ERK pathway activation, both of which have been shown to be crucial for myelination in the PNS (Taveggia, 2016). In addition to the essential role of neuregulin1 for Schwann cell development and myelination, numerous other extrinsic and intrinsic signaling cues have been shown to regulate myelin sheath formation in the PNS, including ADAM secretases, Notch signaling and Nectin proteins (Pereira et al., 2012; Monk et al., 2015; Taveggia, 2016).

Reciprocally, oligodendrocytes and Schwann cells contribute to axonal outcomes such as the initial clustering and maintenance of sodium and potassium channels at the node of Ranvier and juxtaparanode, respectively (see Components of nodal/paranodal specialisations and Figure 1). Myelin also locally increases axonal calibre by modulating axonal neurofilament transport, as demonstrated by dynamic imaging in vitro (Uchida et al., 2013; Monsma et al., 2014), and phosphorylation and spacing (see The axonal cytoskeleton; Yuan et al., 2017), as evidenced by electron microscopic analysis of myelin-deficient shiverer mutant mice; although the responsible signalling mechanisms are not well understood. A stabilizing effect of mature myelin on the neuronal cytoskeleton is mediated in part by the myelin associated glycoprotein (MAG) which requires two axonal receptor families: sialoglycans (particularly the gangliosides GD1a and GT1b) and members of the Nogo receptor (NgR) family (Yin et al., 1998). Myelin and/or myelinating cells also influence the density of axonal mitochondria, such that non-myelinated axons and the axon initial segment (AIS) have a higher density of mitochondria than myelinated internodes (Bristow et al., 2002; Andrews et al., 2006).

Axonal Transport

Following the establishment of nodal/paranodal specialisations, nodal ion channels turn over slowly and are replenished by motor protein driven transport (Zhang et al., 2012). Neurons, being extremely polarised, are very dependent upon intracellular transport for the delivery and removal of proteins and organelles. ATP-dependent motor proteins utilise microtubules to transport these cargoes. Members of the extended kinesin superfamily, including kinesin-1, kinesin-2, and kinesin-3, transport their cargoes anterogradely (i.e., towards the microtubule plus-end) whilst dynein-1, in complex with its activator dynactin, is responsible for most retrograde (microtubule minus–end directed) transport. Until relatively recently, the movement of cargoes in myelinated axons in vivo was inferred from biochemical studies using radioactive tracers to label newly synthesised proteins, or from live imaging of cargoes in non-myelinated axons in culture, reviewed in Brauckmann (2004). Recently however, live imaging of the movement of mitochondria, peroxisomes or signalling endosomes in myelinated axons in vivo, has been achieved (Sorbara et al., 2014; Sleigh et al., 2017).

Classically, axonal transport is divided into “fast” and “slow” according to the bulk speeds of cargo movement. For example, vesicles and mitochondria move fast at a rate of ~1 μm s−1, whereas cytoskeletal components translocate slowly at speeds of ~1 mm per day; the difference being due to longer intermittent “stationery” phases of the cytoskeletal elements (Roy et al., 2000; Wang et al., 2000; Wang and Brown, 2002). Axonal transport is a highly regulated process, which is still poorly understood; motor proteins must recognise and bind specific cargoes, deliver these to the appropriate sites (e.g., the node of Ranvier, synapse, internode), change directions at axonal branch points, and offload cargo according to need. Regulation occurs, at least in part, through organelle-associated scaffolding proteins that bind to regulatory proteins, including kinases and GTPases, (reviewed in Fu and Holzbaur, 2014). Not surprisingly, transport is susceptible to perturbation following changes to motors, their regulators (Morfini et al., 2009), tracks, fuel supply and/or cargoes themselves, and manifests as organelle filled axonal swellings, neurofilament-filled swellings, thinning of the axon and/or axonal degeneration. Of note, demyelinating conditions were shown to impact anterograde axonal transport in the PNS (De Waegh et al., 1992), but the analysis of specific oligodendrocyte defects later revealed that the modulation of fast and slow transport in the CNS might be a glial function independent of myelin (Kirkpatrick et al., 2001; Edgar et al., 2004).

Energy Use and Supply

Axonal transport is an energy-dependent process that contributes to the brain's total energy consumption. The human brain, which occupies ~2% of the body's mass, consumes ~20% of its resting energy production (reviewed in Engl and Attwell, 2015) and white matter is estimated to consume around one third of the energy of grey matter (Sokoloff et al., 1977). A large proportion of the white matter's energy consumption is used by neurons to pump out sodium ions using energy-dependent Na+-K+-ATPases on the internodal axolemma, (reviewed in Engl and Attwell, 2015). In axons, the turnover of actin and microtubules (Engl et al., 2017), the phosphorylation of neurofilaments and the movement of cargo-bearing motor proteins (see Axonal transport) represent additional energy-consuming functions.

Molecular motors utilise 1 molecule of ATP per 8 nm step (reviewed in Maday et al., 2014). However, dyneins are less efficient than kinesins because they take more backward steps. It has been estimated that a single vesicle traversing a 1 m long human motor neuron from neuromuscular junction back to the soma or vice versa would require a minimum of 7.5 × 108 ATP or ~1.25 × 108 ATP molecules, respectively (Maday et al., 2014). At an average rate of 1 μm s−1, this represents 7.5 × 102 or 1.25 × 102 ATP s−1. Based on 2 motile organelles per 10 μm axonal length (the maximum length of an axonal mitochondrion), 50% moving anterogradely and 50% moving retrogradely, transport would utilise ~8.75 × 107 ATP s−1 per 1 m long axon. This equates to ~6.29 × 10−5 g of glucose per 24 h for a human sciatic nerve containing 1,000,000 axons. Importantly, these calculations are based on a very rough approximation of organelle numbers from our own electron microscopy images; assume only 1–2 motors simultaneously hydrolysing ATP per organelle; and no “tug-of-war” or “switch” events (Maday et al., 2014). In comparison, an estimated 1.54 × 109 molecules of ATP s−1 per cortical neuron in the rodent brain is used in action potential generation and propagation (Attwell and Laughlin, 2001).

Whilst glucose is the main substrate for feeding the TCA cycle and for ATP production in the nervous system (Hui et al., 2017), it has been demonstrated experimentally, ex vivo and in vivo, that pyruvate or lactate can sustain neuronal function, even over several hours of high level activity (Brown et al., 2001; Wyss et al., 2011; Trevisiol et al., 2017). What are the implications? Pyruvate and lactate are the 3-carbon products of glycolysis; lactate classically being generated from pyruvate to maintain NAD+, and thus sustain glycolysis when oxygen levels are low. However, some cells synthesise most of their ATP by glycolysis even when oxygen is plentiful (Vander Heiden et al., 2009), especially in situations where cell growth is involved, such as development or cancer. Nonetheless, glycolysis yields only 2 molecules of ATP per 6-carbon glucose molecule and it is thought that most mammalian cells depend additionally on oxidative phosphorylation (OXPHOS; yielding ~36 molecules of ATP per glucose) to meet their energy requirements. Indeed, neurons fail to survive if OXPHOS is prevented genetically (Fukui et al., 2007; Funfschilling et al., 2012). Therefore the observation that astrocytes and post-myelination oligodendrocytes could survive as completely “glycolytic” cells (Funfschilling et al., 2012; Supplie et al., 2017) came as a surprise; although the suggestion that astrocytes (which can store glucose as glycogen) supply lactate to neurons to support their synaptic functions metabolically and when glucose supplies are low, is well-established (reviewed in Barros and Weber, 2018). More recently we proposed that glycolytic oligodendrocytes could similarly fuel ATP synthesis in axonal mitochondria with lactate (Funfschilling et al., 2012). Indeed, the monocarboxylate transporters MCT-1 and MCT-2 (which transport monocarboxylates including pyruvate and lactate) are appropriately located on the adaxonal glial cell membrane and on the axolemma, respectively (summarised schematically in Figure 4D, Funfschilling et al., 2012), and normal levels of MCT-1 in oligodendrocytes are required to maintain axonal integrity in the CNS (Lee et al., 2012b).
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FIGURE 4. Morphological characteristics of white matter in mouse “myelin mutants”. (A) Normal myelinated optic nerve axons. (B) In the shiverer mouse, oligodendrocytes lacking myelin basic protein (MBP) are not able to form compact myelin, though a few loose myelin-like wraps are observed. Note the increased oligodendrocytic processes (asterisk). AS: Astrocyte process. (C,D) In contrast, the CNPnull mouse produces compact myelin but develops pronounced axonal swellings (asterisks in C) and enlarged inner tongues (arrowheads in D).



Why would myelinating glia act as local fuelling stations for axonal mitochondria? Possible answers are that axons require much more energy than glia and that the barrier-like properties of the myelin sheath, which play such an important role in axonal insulation, likely hamper axonal glucose uptake from the extracellular space (Nave, 2010b).

If indeed glucose is prevented from reaching the myelinated axon, then the ATP to fuel axonal energy requirements should come from the oxidative phosphorylation of glial cell glycolysis products. However, a 2013 study in Drosophila larvae reported that the glycolytic enzyme glyceraldehyde-3-phosphate dehydrogenase (GAPDH) is localised to axonal transport vesicles (via a huntingtin-dependent mechanism), and that vesicular transport is supported by glycolytic ATP generation (Zala et al., 2013). Subsequently, the same authors found that a mouse forebrain fraction enriched in neuronally-derived motile vesicles was associated with 8 of 10 glycolytic enzymes and could synthesise ATP in vitro when appropriate substrates were added (Hinckelmann et al., 2016). These data suggest that, in some neurons, the transport of vesicles can be autonomous in terms of ATP synthesis. However, subsequent studies in Drosophila, using cell-specific gene silencing (Volkenhoff et al., 2015), confirmed also the principle of division of labour between neurons (requiring OXPHOS but no glycolysis) and glycolytic glial cells (requiring glycolysis but not OXPHOS) and revealed a remarkable evolutionary conservation of metabolic support.

GENERAL PATHOLOGY AND MECHANISMS OF AXONAL INJURY

The unique architectural features and metabolic requirements of myelinated fibers make their axons particularly susceptible to injury from a range of diverse causes; including physical trauma, oxygen and glucose deprivation, inflammation and the consequence of gene mutations. Axonal degeneration is also an early feature of classical neurodegenerative diseases associated with characteristic pathologies of neuronal somata, such as Alzheimer's.

Axonal injury, with or without frank axonal transection can (but does not inevitably) lead to neuronal dysfunction, depending amongst other things, on the site of injury relative to axonal branch points. Clinical signs and symptoms thus reflect both the white matter tract affected and the location of injury within the tract, as observed in spinal cord injury. Below we summarize what we have learned about general mechanisms of axonal injury and degeneration from human and animal studies, but note that the mechanisms described are not necessarily distinct. For example, dying back axonopathies can also involve Wallerian-like mechanisms (Coleman, 2005).

Mechanisms of Injury: Wallerian Degeneration

Wallerian degeneration (WD) was described over 150 years ago by August Waller (1850), and represents the degeneration of the axon distal to injury and the subsequent clearance of axonal debris. Classically, WD is induced by physical axotomy (nerve cut) of a fiber tract, as for example in spinal cord injury and peripheral nerve trauma, but genetic evidence shows that a Wallerian-like mechanism also occurs in response to other forms of axonal injury such as “dying back” degeneration in peripheral neuropathies, and potentially in CNS axonal dystrophies in humans, as suggested from studies in mouse models (reviewed in Coleman, 2005; Conforti et al., 2014). Notably, although the rates of WD in PNS and CNS are similar, the clearance of debris by resident microglia in the CNS can take months to years, compared with a few days in the PNS (Perry et al., 1987; and reviewed in Vargas and Barres, 2007). In the PNS, Schwann cells contribute to the removal of myelin debris via a form of selective autophagy (Gomez-Sanchez et al., 2015; Jang et al., 2016). Efficient debris removal constitutes a prerequisite for subsequent regeneration in both the PNS and CNS and the failure of axonal regeneration after injury in the CNS has been linked to the presence of myelin-associated inhibitors of axonal regrowth at the injury site (reviewed in Vargas and Barres, 2007).

WD involves the remarkable process of active subcellular self-destruction. It is tightly regulated; involving a first latent phase (around 1.5–2 days post-axotomy in rodents) in which axons remain morphologically and metabolically intact and a second phase involving final breakdown of structural proteins and axonal fragmentation (reviewed in Gerdts et al., 2016). This second step is accompanied by reactive glial changes and immune cell activation (Beuche and Friede, 1984; Scheidt and Friede, 1987). In the PNS, these changes, especially the injury-response of Schwann cells, are the prerequisite of successful repair (Arthur-Farraj et al., 2012).

The Wallerian degeneration slow (Wlds) mouse was discovered serendipitously ~30 years ago (Perry et al., 1990) yet, despite the plethora of studies aimed at elucidating it, the mechanism of delayed axonal degeneration is still not fully understood (reviewed in Gerdts et al., 2016). The Wlds mutation comprises a tandem triplication resulting in the fusion of two genes (Coleman et al., 1998), the product of which is a novel chimeric protein composed of the NAD+ biosynthetic enzyme nicotinamide mononucleotide adenylyltransferase (NMNAT1) and a fragment of the ubiquitin ligase, Ube4b (Mack et al., 2001). NMNAT1 activity and a short N-terminal sequence are together required for the Wallerian degeneration slow effect (Avery et al., 2009; Conforti et al., 2009); most likely the extraneous NMNAT1 compensates for another NMNAT enzyme (NMNAT2) in the distal axon. NMNAT2 traffics anterogradely from the cell body into the distal axon, thus its depletion after injury (being unable to reach the axon distal to the injury and having a short half-life) is thought to initiate axonal self-destruction (Gilley and Coleman, 2010). Of note, a genetic knockout of Nmnat2 is embryonic lethal, however, the phenotype is rescued in vivo upon generation of a double knockout of Nmnat2 and Sarm1 (Gilley et al., 2015) resulting in a normal, healthy lifespan (Gilley et al., 2017). Together, these observations led to the hypothesis that axonal depletion of NMNAT2 activates the intracellular, pro-degenerating protein SARM1 either (i) by increasing levels of NMN (the substrate for NMNAT, Di et al., 2015, 2017) and/or (ii) by decreasing NAD+ in a feed-forward mechanism (Gerdts et al., 2015; Sasaki et al., 2016), initiating axonal self-destruction (Osterloh et al., 2012; Gerdts et al., 2015). Of note, SARM1 has recently shown to possess an intrinsic NAD+ cleavage activity, which promotes axonal NAD+ depletion and subsequent axonal degeneration (Essuman et al., 2017). A complex interplay with other signaling cascades such as MAPK and JNK also contribute to the initiation phase (for more extensive reviews, see Conforti et al., 2014; Gerdts et al., 2016). For instance, the DLK/MAP3K12 gene has been shown to promote axonal degeneration downstream of jun kinase signaling (Miller et al., 2009; Yang et al., 2015). Moreover, MAPK signaling has been implicated in the turnover of NMNAT2, with MAPK limiting axonal NMNAT2 levels, thereby promoting axonal breakdown (Walker et al., 2017). The transition between this early phase and the subsequent “execution phase” is thought to mark the point at which axons become committed to degenerate (Conforti et al., 2014). It is now established that increased intra-axonal calcium together with calpain (a calcium-dependent protease) activation is crucial in the execution phase, leading to, amongst other things, neurofilament proteolysis and destabilization of microtubules (Zhai et al., 2003; Conforti et al., 2014; Loreto et al., 2015; Gerdts et al., 2016). Nonetheless, inhibition of calpain activation does not fully prevent the latter, indicating that additional Ca2+-dependent mechanisms contribute (Conforti et al., 2014). Notably, other mechanisms and organelles are likely to be involved. Indeed, overexpression of the mitochondrial NMNAT3 isoform protects axons from Wallerian degeneration (Yahata et al., 2009), and swelling and accumulation of axonal mitochondria at the paranodes represent early axonal changes in injury and disease models (for example, see Spencer and Schaumberg, 1977a; Edgar et al., 2004, and reviewed in Groh and Martini, 2017).

Mechanisms of Injury: Dying Back Axonopathy

Dying back axonopathy is a neuropathological feature of a heterogenous group of toxic injuries and genetic defects, and generally involves long axons of the peripheral nerves and spinal cord. It is seen, for example, in Charcot-Marie-Tooth neuropathy, hereditary spastic paraplegia, giant axonal neuropathy (GAN), adrenomyeloneuropathy (AMN) and organophosphorus compound-induced delayed neurotoxicity (OPIDN). The last three have not been extensively reviewed elsewhere and are described briefly in Box1–3. The geometry of the susceptible axonal populations and the limitations of histological evaluation probably contributed to the misconception that, in contrast to WD, degeneration in the dying back disorders progresses retrogradely from the axonal terminus. Rather, it is likely that degeneration appears retrogradely progressing because at the level of the whole tract (comprising many axons), it is most prevalent distally (see Figure 1 of Coleman, 2005). Indeed, early ultrastructural studies on hexacarbone induced neurotoxicity in rats, demonstrated that although a retrograde temporal spread of axonal swellings occurred, axonal degeneration was not initiated at the axon terminal nor spread centripetally along individual fibers (Spencer and Schaumberg, 1977a,b). Nevertheless, axonal degeneration in these diseases seems length-dependent, pointing to a particular vulnerability of the long axons, possibly related to metabolic dysfunction or transport defects.


BOX 1. Organophosphorus (OP) compound-induced delayed neurotoxicity.

OPIDN is an example of a pure axonal dying back neuropathy with a chemically induced degeneration of long, large-diameter sensorimotor axons in spinal cord and peripheral nerves, resulting in sensory loss and paralysis. In humans and susceptible animals, causes include occupational and accidental exposures to OP compounds (Smith and Spalding, 1959). Indeed, “Jake leg palsy”, is attributed to consumption of tri-ortho-cresyl phosphate (TOCP)-adulterated Jamaican ginger extract during the Prohibition-era in the United States. Mechanistically, OP compounds inhibit serine esterases, including neuropathy target esterase (NTE), by organophosphorylation of the active site (Makhaeva et al., 2013). Support for a role of this enzyme and its biochemical cascade in the molecular pathogenesis of OPIDN came from identification of mutations in NTE in autosomal recessive motor neuron degeneration (NTE-MND; Rainier et al., 2008). Nonetheless, the mechanisms linking exposure to a neuropathic OP compound and the onset of OPIDN shortly after, are still poorly understood.




BOX 2. Giant axonal neuropathy.

Giant axonal neuropathy (GAN; OMIM 256850) is an interesting example of a genetically-determined progressive axonopathy that, like OPIDN, affects both sensory and motor nerves in the PNS and CNS. GAN is a rare autosomal-recessive neurodegenerative disorder caused by mutations in the GAN gene (Bomont et al., 2000), which encodes gigaxonin, a BTB-KELCH family member. GAN is characterized histologically by large axonal swellings filled with axonal intermediate filament (IF). Using dorsal root ganglia cultures, Israeli et al. (2016) demonstrated that gigaxonin is required for ubiquitin-proteasomal degradation of neuronal intermediate filaments (IF) and that IF accumulation impairs mitochondrial movement leading to metabolic and oxidative stress, implicating axonal energy insufficiency in this disorder. Symptom onset usually occurs in childhood and most patients die in the second or third decade (reviewed in Kang et al., 2016).




BOX 3. Adrenomyeloneuropathy (AMN).

Adrenomyeloneuropathy (AMN) is caused by mutations in the X-linked gene for adenosine triphosphate binding cassette transporter (ABCD1) (Mosser et al., 1993). This peroxisomal membrane protein is required for the import of very long-chain acyl CoA esters into peroxisomes for fatty acid β oxidation (van Roermund et al., 2008). Symptom onset usually occurs in the 3rd decade and can present with or without cerebral involvement (see below). Neurological symptoms include a progressive ataxic gait and spastic paraparesis and most probably reflect the degeneration of long spinal cord axons (Pujol et al., 2002). AMN is modelled in Abcd1 mutant mice, but the molecular mechanisms that link oligodendrocyte dysfunctions in β-oxidation to axonal degeneration remain to be established. A role of lipid-derived inflammatory mediators has been proposed (Kassmann and Nave, 2008; Ruiz et al., 2015) for both AMN and the allelic disorder X-linked adrenoleukodystrophy (X-ALD), a rapidly progressive inflammatory demyelinating disorder with onset in childhood or early adolescence (Kemp et al., 2012).



Mechanisms of Injury: Focal Axonal Degeneration and Inflammation-Induced Axonal Dysfunction

Inflammation is a primary event in multiple sclerosis (MS), neuromyelitis optica (NMO) and Guillane-Barré syndrome (GBS; a peripheral neuropathy). GBS is characterised, based on electrophysiological assessment, as primarily “demyelinating” or “axonal” and is triggered by a wide range of preceding infections, notably Campylobacter. Recent work suggests that the acute peripheral neuropathy triggered by Zika virus infection (Cao-Lormeau et al., 2016) might also be due to a GBS-like autoimmune response (see Box 4). MS, which is the best known inflammatory demyelinating disorder of the CNS, involves progressive axonal degeneration. Indeed, axonal and/or neuronal degeneration likely account for permanent neurological disability in secondary progressive MS. The causes of axonal injury in MS are still not known, and possibly include loss of trophic/metabolic support from oligodendrocytes, direct T-cell mediated injury, and energy insufficiency caused by soluble inflammatory factors (reviewed in Franklin et al., 2012).


BOX 4. Zika virus infection.

Zika virus is a neurotropic arbovirus of the family Flaviviridae that recently received considerable attention due to its links to microcephaly and, less sensationally, to GBS (Cao-Lormeau et al., 2016). In Ifnar1 knockout mouse spinal cord and dorsal root ganglia-derived cultures (Cumberworth et al., 2017) as well as in a patient who died of Zika-GBS (Dirlikov et al., 2018), PNS neurons and Schwann cells appear rather refractory to infection. However, infection of dorsal root ganglia neurons in Ifnar1 knockout mice in vivo was reported recently (Oh et al., 2017). Differences in the experimental studies may be due to viral strain-specific effects, although dissimilarity in glycosylation of the viral coat protein, related to the cell type in which the virus was propagated pre-administration, is an another confounding factor (Alain Kohl, personal communication). In contrast, CNS glia are highly susceptible in vitro, consistent with white matter pathology in pre-term and newborn infants with congenital Zika virus infection (Chimelli et al., 2017). Whether Zika-GBS has an autoimmune etiology (Uncini et al., 2017) or is due to a direct viral neuropathogenic mechanism remains to be determined.



Experimental evidence for inflammation-induced axonal dysfunction came from the widely used animal model of MS, “experimental autoimmune encephalomyelitis” (EAE). EAE is an induced autoimmune reaction against (usually) CNS myelin components, such as myelin oligodendrocyte glycoprotein (MOG). As a tool for understanding axonal injury in human MS, EAE models have important limitations, not least that EAE is a CD4 +ve T cell mediated pathology, whereas the aetiology of MS more likely involves CD8 +ve T cells, though it is still not known and may be heterogeneous in nature (Trapp and Nave, 2008; Stys et al., 2012).

In MOG-induced EAE, Nikic et al. (2011) demonstrated axonal changes they termed “focal axonal degeneration” (FAD). Using live imaging in vivo, they showed that FAD, which begins with focal axonal swelling, either progressed to axonal fragmentation or resolved. Similarly, in a mouse model of Pelizaeus Merzbacher disease (PMD), defined by a primary oligodendropathy, focal axonal swellings can occur on otherwise intact (non-transected) myelinated axons (Edgar et al., 2010; see Mechanisms of injury: axonal pathology downstream of oligodendroglial defects), raising the possibility of a temporal window for therapeutic intervention. FAD can be initiated by high levels of reactive oxygen and reactive nitrogen species (ROS and RNS) alone, implicating macrophages in its evolution in EAE, and likely also in MS, where morphologically similar changes can be observed in acute lesions (Nikic et al., 2011).

This raises the question whether axons undergoing the early pre-fragmentation stage of FAD can support electrical conduction. Certainly, nitric oxide can block neural conduction in rat spinal roots (Redford et al., 1997) and axonal depolarisation and neurological signs correlate with axonal mitochondrial dysfunction and precede demyelination, in mice with MOG EAE (Sadeghian et al., 2016), supporting the suggestion that neuroinflammation per se can contribute to neurological dysfunction in MS and other neuroinflammatory disorders. Mechanistically, this is likely related to axonal energy deficits, as nitric oxide and reactive oxygen species can damage mitochondrial respiratory chain complexes (reviewed in Smith and Lassmann, 2002). Indeed, a deficiency in complex IV function in axons (Mahad et al., 2009) and neuronal cell bodies (reviewed in Campbell and Mahad, 2018) in MS has been reported, although the causes and consequences in the disease context are as yet unproven.

Evidence for a role for the adaptive immune system in axonal injury originated from the analysis of mouse models of genetically determined CNS and PNS disorders with secondary immune reactions. Here, a role for T-lymphocytes in secondary axonal injury was demonstrated.by crossbreeding V(D)J recombination activation (Rag1) knockout mice, which lack mature T and B lymphocytes, to a model of the leukodystrophy PMD, caused by overexpression of the proteolipid PLP1 gene (see Mechanisms of injury: axonal pathology downstream of oligodendroglial defects), in which axonal changes were reduced when lymphocytes were depleted. Similar observations were made in heterozygous myelin protein zero (Mpz) knockout and homozygous gap junction protein b (Gjb1) knockout mice; models of progressive demyelinating forms of the inherited peripheral neuropathies, Charcot Marie Tooth disease (CMT; Kobsar et al., 2003 and reviewed in Groh and Martini, 2017). Mechanistically, early localised axonal changes in these mutants seem to be exacerbated by T cells “attacking” the paranodal myelin (reviewed in Groh and Martini, 2017). Nonetheless, immune cells protect myelin and axons in Mpz deficient mice, a genetic model of a severe dysmyelinating peripheral neuropathy, Dejerine–Sottas syndrome (DSS; Berghoff et al., 2005). Hence, the role of the adaptive immune system seems to be dependent on disease-specific mechanisms, probably including myelin integrity and the response of the innate immune system (Berghoff et al., 2005).

Mechanisms of Injury: Axonal Pathology Caused by Oligodendroglial Defects

In humans, mutations in the PLP1 gene including null, point and duplication/triplication changes, cause allelic leukodystrophies with a broad range of clinical severity, from spastic paraplegia type 2 (SPG2) to the connatal forms of PMD. All of these diseases were first identified by and later successfully modelled in Plp1 mutant and Plp1 overexpressing mice (Nave and Griffiths, 2004; Gruenenfelder et al., 2011). PLP and its isoform DM20 are expressed in oligodendrocytes and located in the compact myelin. The view that the survival of myelinated CNS axons is linked to the performance of surrounding glial cells initially emerged from studies of Plp1 knockout mouse models (Griffiths et al., 1998).

However, defects in myelin biosynthesis and maintenance do not inevitably lead to axonal degeneration. For example, in the spontaneously occurring Long-Evans shaker (les) rat and the shiverer mouse, which both lack a functional myelin basic protein (Mbp) gene (Roach et al., 1985; O'Connor et al., 1999), CNS axons are severely de- or dysmyelinated (Figures 4A,B), but degenerative axonal changes are lacking (Rosenbluth, 1980; Griffiths et al., 1998; Edgar et al., 2004; Smith et al., 2013), presumably owing to unimpaired communication between axons and engulfing oligodendroglial processes (summarised in Figure 5). Nevertheless, shiverer axons do have a reduced calibre and retain an “immature” cytoskeleton (Brady et al., 1999; Kirkpatrick et al., 2001). Thus, shiverer elucidates the profound influence the myelinating oligodendrocyte exerts on the axonal cytoskeleton and on radial axonal growth (see Cell autonomous and bi-directional signalling regulate axonal and glial dimensions). Of note, the PNS of shiverer mice is fully myelinated (Privat et al., 1979; Kirschner and Ganser, 1980), possibly due to overlapping functions of MBP with myelin protein zero (MPZ) and peripheral myelin protein 2 (PMP2) in peripheral myelin (Martini et al., 1995).


[image: image]

FIGURE 5. Oligodendrocytes support axons. (A) In the CNS, oligodendrocytes (green) provide axons with the insulating myelin sheath (green: myelinated internodes). Moreover, oligodendrocytes support axonal integrity and function independent of myelination per se (for details see main text). Astrocytes (blue) not only contact blood vessels but additionally interact with axons and oligodendrocytes and contribute to brain homeostasis. Oligodendrocyte precursor cells (not illustrated) are also present in the mature CNS and are the main cellular source for new oligodendrocytes after injury and in remyelination. (B) Oligodendrocyte dysfunction leads to a perturbed axon-glia interaction which ultimately impairs axonal health. As the myelinic channel system is likely acting as a route by which oligodendrocytes supply metabolites to the myelinated axons, any perturbation of this system could potentially impact axonal integrity, resulting for example in focal axonal swelling and distal axonal degeneration.



De- and dysmyelination are associated with the (re)distribution of sodium channels along the axolemma, thus maintaining axonal conduction (Utzschneider et al., 1993; Waxman et al., 2004). However, the resultant non-saltatory action potential propagation increases energy consumption, and accordingly, increased numbers of mitochondria have been observed in shiverer axons (Andrews et al., 2006) and in human MS tissue (Zambonin et al., 2011).

In contrast to shiverer, mice deficient in PLP or CNP (2′,3′-cyclic nucleotide 3′-phosphodiesterase) synthesise normal amounts of myelin, but develop a pronounced axonal pathology (Figures 2B, 4C,D). Taking advantage of the X-linked nature of the Plp1 gene and female heterozygotes harbouring a mosaic of wild type and PLP-deficient myelin (the latter with subtle defects in compaction), we demonstrated that secondary axonal changes, such as organelle-filled focal swellings, are localised to the internodes formed by the PLP-deficient myelin (Edgar et al., 2004). This demonstrates that oligodendroglial support of axonal integrity is a very local function. Late onset length-dependent axonal degeneration in this mutant is likely a consequence of these early focal changes and organelle transport stasis (Edgar et al., 2004). That the axonal changes are secondary to the glial-cell defect was confirmed by cell transplantation experiments (Edgar et al., 2004) and using a novel oligodendroglia specific Plp1 gene knockout model (Lüders et al., 2017). Axon degeneration is also the cause of progressive spasticity in the corresponding human PLP1 null patients with SPG2 (Garbern et al., 2002); belonging to the family of disorders termed the hereditary spastic paraplegias. In mice, the absence of PLP from myelin causes a secondary loss of SIRT2, a nicotinamide adenine dinucleotide (NAD)-dependent deacetylase, which is normally abundant in myelinic channels (Werner et al., 2007). The function of SIRT2 in myelin is not understood, but as a sensor of the NAD/NADH ratio in the myelin compartment, its activity is likely regulated by oligodendrocyte glycolysis and the generation of lactate.

Similarly, Cnp1 knockout mice (Lappe-Siefke et al., 2003), lacking a membrane-associated protein of non-compacted myelin, are fully myelinated but focal axonal swellings and degeneration of axons are observed simultaneously, commencing after postnatal day 5 (P5), in all investigated white matter tracts (Edgar et al., 2009). The encoded 2′,3′-cyclic nucleotide phosphodiesterase (CNP) most likely not serving as an enzyme, interacts with actin to antagonise MBP in myelin membrane compaction (Snaidero et al., 2017). Thus, abnormal MBP-dependent closures of the myelinic channels likely result in the observed swellings at the inner tongue, that are predicted to perturb axon-glia communication (Lappe-Siefke et al., 2003; Edgar et al., 2009; Snaidero et al., 2017).

These and other observations have led us to hypothesise that the myelinic channel system is crucial to the function of the oligodendrocyte in axonal support, likely acting as the route through which the oligodendrocyte supplies metabolites to the myelinated axon and delivers membrane proteins to the adaxonal myelin surface (Figure 5).

In the Plp1 transgenic line #72 (Readhead et al., 1994), axonal swellings and axonal transport defects correlate with active demyelination and microglial/macrophage activation in the optic nerve. In contrast, completely demyelinated axons remain intact, suggesting injured myelin and/or neuroinflammation is relatively more detrimental than the absence of myelin per se (Edgar et al., 2010). Indeed, axonal injury can occur beneath “not-yet” demyelinated axons in inflammatory demyelinating models (Nikic et al., 2011; Pohl et al., 2011; Oluich et al., 2012). This supports our suggestion that axons shielded from nutrients in the extracellular milieu, are susceptible to injury if even minor damage to myelinic channels leaves oligodendrocytes unable to fuel the axon's energy requirements.

Further evidence for a role of oligodendrocytes in axonal support comes from mice lacking the Pex5 gene (encoding the peroxisomal biogenesis factor and targeting signal type-I receptor) in myelinating glia. In this model, the absence of oligodendroglial peroxisomes does not interfere with myelination but underlies a progressive clinical phenotype caused by subcortical demyelination, inflammation and widespread axonal degeneration (Kassmann et al., 2007).

Primary oligodendrocyte death also elicits axonal changes. The diphtheria-toxin mediated ablation of oligodendrocytes in mice leads to secondary focal axonal changes and a reduction in axonal densities (Ghosh et al., 2011; Pohl et al., 2011; Oluich et al., 2012). The significant temporal delay between oligodendrocyte cell death and axonal demise can probably be explained by the initial preservation of myelin sheaths, including their content of glycolytic enzymes and metabolite transporters (Saab et al., 2016). Axonal changes in this model are independent of the adaptive immune system, as evidenced by crossbreeding to Rag1 deficient mice (Pohl et al., 2011), however a late-onset secondary T cell response with fatal demyelination has been reported (Traka et al., 2016).

Mechanisms of Injury: Axonal Pathology Caused by Schwann Cell Defects

Peripheral neuropathies are a heterogeneous group of diseases and result from inflammatory, toxic and metabolic conditions in addition to genetic defects. The last are referred to as Charcot-Marie-Tooth diseases (CMT) and can be subdivided into forms that primarily affect the Schwann cells (CMT type 1) or the axon (CMT type 2). Evidence for axonal support by Schwann cells emerged from murine mutants and transgenics for the peripheral myelin protein (Pmp22) gene (encoding the peripheral myelin protein of 22kDA; PMP22), which model CMT1A. A Pmp22 point mutation defines the Trembler mouse (Suter et al., 1992), which is characterized by hypomyelination, demyelination, reduced axonal calibre, axonal cytoskeletal changes, and alterations in slow axonal transport (De Waegh and Brady, 1990; Kirkpatrick and Brady, 1994). Schwann cell–axon interactions are perturbed at paranodal glial-axonal junctions in Trembler (Robertson et al., 1997) and associated with a redistribution of axonal ion channels (Rosenbluth and Bobrowski-Khoury, 2014). Interestingly, nerve graft experiments demonstrated that axonal changes are spatially restricted to segments myelinated by “mutant” Schwann cells (De Waegh et al., 1992). Transgenic overexpression of Pmp22 also induces dys- and demyelination and, in this case, a slowly progressive, distally pronounced, axonal loss (Sereda et al., 1996; Fledrich et al., 2014), providing a bona fide model of human Charcot-Marie-Tooth disease type 1A (CMT1A). In contrast to PMP22 overexpression in CMT1A disease, a heterozygous deletion of the PMP22 gene causes hereditary neuropathy with liability to pressure palsies (HNPP) (Nicholson et al., 1994; Adlkofer et al., 1995; Li et al., 2007). HNPP is characterized by focal hypermyelination of peripheral nerves, and the application of mechanical compression induces a conduction block in affected patients as well as in respective animal models (Adlkofer et al., 1995; Li et al., 2007; Bai et al., 2010). Consistent with this, other CMT forms with increased myelin outfoldings, such as CMT4B, demonstrate a reduced nerve conduction velocity as well as a decreased compound muscle action potential (Previtali et al., 2007; Ng et al., 2013). However, the precise molecular mechanisms of disease progression and functional failure in CMT diseases remain only partially understood, and it is most likely that all human dysmyelinating neuropathies share a defect of Schwann cell-axon communication that is ultimately responsible for axonal conduction blocks, degeneration and a progressive clinical phenotype (Nave et al., 2007).

The role of the “mutant” glial cell versus altered myelin in PMP22-related axonal changes could not be uncoupled in these demyelinating models. Rather, it was the observation that axonal changes occur on axons with relatively (Mag and Plp1 knockout mice) or completely (Cnp1 knockout mice) normal-appearing compact myelin that provided evidence that glial cells, independent of myelin, support axonal health (Nave, 2010a; and see Mechanisms of injury: axonal pathology caused by oligodenroglial defects). Mice lacking the myelin-associated glycoprotein (Mag) gene, assemble CNS and PNS myelin that harbours very minor morphological changes at the inner wrap, but have reduced axon calibre associated with altered neurofilament spacing and phosphorylation in the PNS (Yin et al., 1998; Pan et al., 2005). A progressive degenerative response including paranodal myelin tomaculi and axonal loss subsequently ensues (Yin et al., 1998; Pan et al., 2005).

Just as oligodendrocytes likely provide metabolic support for axons (see Energy supply and use), so there is evidence that Schwann cells play a similar role in the PNS. Beirowski et al. (2014) demonstrated that knocking out the gene encoding the ubiquitously expressed liver kinase B1 (LKB1), specifically in adult Schwann cells, did not affect myelin morphology but led to axonal loss, most specifically of small sensory axons in Remak bundles (C fibres). LKB1 is a key regulator of energy homeostasis, suggesting axonal degeneration in this model could pertain to axonal energy insufficiency; however the phenotype is complex and its interpretation is not straightforward. More recently, using mice lacking the nutrient sensing protein O-GlcNAc transferase (OGT) in Schwann cells, the same group demonstrated that Schwann cell OGT is required for the maintenance of normal myelin and to prevent axonal loss (Kim et al., 2016). Notably, mice lacking the myelin protein Periaxin (a model for DSS), which is O-GlcNAcyated, develop a very similar phenotype (Gillespie et al., 2000; Court et al., 2004) to the conditional OGT knockout mice (Kim et al., 2016). Recently, using the compound action potential as a readout of ex-vivo sciatic nerve function, Rich and Brown (2018) provided evidence that non-myelinated C fibres and myelinated A fibres in the same sciatic nerve preparation, have distinct metabolic profiles. The authors showed that when fructose is supplied as the sole energy source, C fibres can utilise it directly whereas A fibres benefit through receipt of lactate from Schwann cells. Together, these data are compatible with the hypothesis that myelinating cells provide metabolic support to axons encased in compact myelin, to abrogate the consequences of their being sequestered from extracellular glucose (Nave, 2010b).

CONCLUSIONS AND IMPLICATIONS FOR HUMAN DISEASES

In summary, we have provided an overview of the unique physical and functional properties of (myelinated) axons, with an emphasis on how these might contribute to the axon's vulnerability to injury in a variety of diseases and traumas. In particular, its relative isolation (in terms of distance) from its cell body, dependence on long-distance axonal transport, and high energy demands resulting largely from “spiking”, probably all render axons susceptible to injury from a variety of insults.

In some cases, such as SPG10, which is due to a mutation in KIF5A (encoding a motor protein of axonal transport), the reason why axons are vulnerable seems evident. However, the particular susceptibility of motor neuron axons in some complex disorders such as familial amyotrophic lateral sclerosis (fALS), in which the mutated gene (SOD1; superoxide dismutase 1) is expressed in all neural cell types, remains an enigma; although multiple mechanisms have been implicated.

In MS, a “high grade” inflammatory demyelinating disorder, axonal injury probably also entails multiple mechanisms (see Mechanisms of injury: Focal axonal degeneration and inflammation-induced axonal dysfunction) and many aspects remain poorly understood, including the direct role for lymphocytes themselves. In classical axonal and demyelinating GBS, which also fall into this category, antibody-mediated complement activation and downstream calpain-dependent proteolysis is now generally considered the most likely effector of axonal demise (Willison et al., 2016). In the “low grade” inflammatory disorder AMN, axonal degeneration happens in a length dependent fashion (Box 2), but as in fALS, the mutated ABCD1 gene is expressed in virtually all cell types and the underlying reasons for the axonal phenotype remain poorly understood. Insight into the effectors of this and other genetically-determined length-dependent axonopathies might come from understanding how axons are injured in the neurotoxic disorders like OPIDN (Box 1). With respect to axonopathies secondary to mutations in genes whose products are expressed in oligodendrocytes and/or Schwann cells, there is increasing evidence that axonal degeneration reflects a failure of the myelinating cell to provide metabolic support to the axon. Indeed axonal energy insufficiency might represent a common pathway in multiple neurodegenerative disorders; either due to failure of metabolic support from neighbouring glia; to ischemia as in stroke; or as a consequence of failure of OXPHOS due to nitric oxide (and potentially other factors) mediated injury to axonal mitochondria (summarised in Figure 5B).

Intriguingly, in rat and mouse models of axonopathies, the obvious restriction imposed on the physical length of axons compared to humans and larger species, does not reduce their susceptibility to “length-dependent degeneration”, as for example in mouse models of SPG2 and CMT. Thus, actual physical length is not the defining factor. Rather, length-dependent degeneration in rodents is compatible with energy insufficiency being causally related to axonal demise, because presumably, energy provision is proportionally less in these small species, rendering their “long” axons just as susceptible as in larger species consuming a much greater calorie load.

Finally, axonal degeneration and/or dysfunction might not be the only axonally-related factors that contribute to neurological symptoms. Recently, we and others demonstrated reduced axonal calibre in mouse models of two complex neuropsychological disorders (Rett and Angelman syndromes; Box 5), which could potentially contribute to symptoms. Thus a variety of axonal changes, from reduced calibre, through mitochondrial dysfunction and focal swelling to transection, can probably all contribute to neurological symptoms in neurodegenerative diseases or injuries with primary or secondary involvement of axons.


BOX 5. Rett and Angelman syndromes.

Rett and Angelman syndromes comprise part of the spectrum of neurologic disorders previously considered associated with autism (Jedele, 2007). Both present, after a short period of normal development, with global developmental delay, severe speech and communication deficits, progressive microcephaly, seizures, autistic behavior and a characteristic movement disorder. Angelman syndrome is due to loss of function of the maternally inherited ubiquitin protein ligase E3A (UBE3A) allele, while Rett syndrome is due in the majority of cases to loss of function mutation in the X-linked methyl-CpG- binding protein 2 (MECP2) gene. Remarkably, clinical features occur in the absence of evident neurodegeneration, and activation of a silenced Mecp2 allele, even with a radically truncated MeCP2 protein, in adult mice reverses neurological and morphological changes, suggesting MeCP2 might be required for maintenance of neuronal function, rather than for normal development (Guy et al., 2007; Tillotson et al., 2017). Female mice heterozygous for a Mecp2 null allele develop normally but subsequently exhibit a stiff, uncoordinated gait, tremor, breathing difficulties and hindlimb clasping. Although there is no evidence of axonal degeneration in the PNS of adult Mecp2+/− mice, the mean diameter of sciatic nerve axons is significantly reduced and myelin is slightly thinner than normal (Bahey et al., 2017). Similarly, in a mouse model of Angelman syndrome, reduced axonal diameter and white matter abnormalities underlie impaired brain growth and microcephaly (Judson et al., 2017). Similar subtle morphological changes could, in principle, contribute to the neurological signs in Rett and Angelman syndromes.
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Aging constitutes the main risk factor for the development of neurodegenerative diseases. This represents a major health issue worldwide that is only expected to escalate due to the ever-increasing life expectancy of the population. Interestingly, axonal degeneration, which occurs at early stages of neurodegenerative disorders (ND) such as Alzheimer's disease, Amyotrophic lateral sclerosis, and Parkinson's disease, also takes place as a consequence of normal aging. Moreover, the alteration of several cellular processes such as proteostasis, response to cellular stress and mitochondrial homeostasis, which have been described to occur in the aging brain, can also contribute to axonal pathology. Compelling evidence indicate that the degeneration of axons precedes clinical symptoms in NDs and occurs before cell body loss, constituting an early event in the pathological process and providing a potential therapeutic target to treat neurodegeneration before neuronal cell death. Although, normal aging and the development of neurodegeneration are two processes that are closely linked, the molecular basis of the switch that triggers the transition from healthy aging to neurodegeneration remains unrevealed. In this review we discuss the potential role of axonal degeneration in this transition and provide a detailed overview of the literature and current advances in the molecular understanding of the cellular changes that occur during aging that promote axonal degeneration and then discuss this in the context of ND.

Keywords: axonal degeneration, aging, neurodegeneration, disease models, axonopathy

INTRODUCTION

Neurodegeneration during Aging

The aging process is part of life and as such, it cannot be circumvented. However, much effort is currently devoted to understand the molecular changes that occur during aging and cause pathologies, in an attempt of being able to modify them to have the possibility of living a healthier aging.

The effects of aging on the brain are multiple and importantly, age constitutes the main risk factor for the development of neurodegenerative disorders (NDs) such as Alzheimer's disease (AD), Parkinson's disease (PD), and amyotrophic lateral sclerosis (ALS), which are characterized by progressive neuronal death and loss of specific neuronal populations. Considering the constant increase in life expectancy, NDs are nowadays an important problem for the society and our efforts to understand the mechanisms underlying these disorders has not been sufficient to provide a definitive help to the millions of patients worldwide.

For a better comprehension of the molecular and cellular changes that occur during aging, seven pillars of aging were defined, which are common processes involved in most chronic disorders that take place in an aging organism. These seven pillars are proteostasis, adaptation to stress, inflammation, stem cells and regeneration, epigenetics, metabolism, and macromolecular damage (Kennedy et al., 2014). Notably, changes in these cellular events are common to most NDs, suggesting that similar mechanisms might at least partially explain different age-related diseases. Even though NDs share phenotypic commonalities such as protein aggregation, cellular stress responses, and failure in RNA metabolism, it is still not clear why heterogeneous responses to similar genetic and environmental stimuli take place in different neuronal populations. Understanding the molecular basis of these pillars of aging and the timeframe in which they are activated could help us to tackle pre-symptomatically NDs and avoid irreversible cellular changes.

Axonal degeneration, which occurs at early stages of NDs, also takes place as a consequence of normal aging. Indeed, many cellular processes that are altered with advanced age have shown to contribute to axonal pathology. Importantly, the degeneration of axons represents an early event during the development of NDs, preceding both cell death and the onset of clinical symptoms, which has important therapeutic implications. Although, the molecular basis of the transition that makes an individual to develop neurodegeneration with advanced age is currently unknown, increasing evidence support the potential role of axonal degeneration in this transition, which is the focus of this review. An outline of the mechanisms associated to axonal degeneration is presented below, followed by a detailed overview of the literature and current advances in the molecular understanding of the cellular changes that occur during aging and its relationship with axonal degeneration.

Axonal Degeneration Overview

The process of axonal degeneration is an essential developmental event that consists in the selective destruction of axons (Schuldiner and Yaron, 2014). Moreover, axonal degeneration also occurs as a consequence of aging and represents a feature of NDs, constituting an important contributor to neuronal dysfunction (Neukomm and Freeman, 2014). Notably, the evidence indicates that axonal degeneration is an early event in NDs, taking place previous to neuronal cell death (Deckwerth and Johnson, 1994; Adalbert and Coleman, 2013).

Axonal degeneration is an evolutionary conserved process that can be activated by different stimuli including mechanical damage, axonal transport defects or by drugs used for chemotherapy. Although, the exact molecular and cellular pathways by which axonal degeneration occurs remain to be fully clarified, key contributing factors have been identified in the last decade and crucial findings have contributed to elucidate the mechanisms involved. Important clues have been obtained by studying Wallerian degeneration (WD), which correspond to degeneration of isolated axon after their mechanical transection. Furthermore, studies in the mouse strain WldS, which presents delayed axonal degeneration after injury, has been crucial to understand the mechanisms associated to axonal degeneration, and its functional relevance in NDs (Mack et al., 2001). After nerve transection, desomatized wild type axons undergo three phases: a latent phase, axonal fragmentation and axonal disintegration. The latent phase stills poorly understood but it is known that axons remain apparently normal for 1–2 days in mice after nerve injury (Court and Coleman, 2012), and can still conduct action potential (Moldovan et al., 2009). In the last stage, all the structures inside the axon are degraded. Disintegration of axonal cytoskeleton is followed by myelin degradation and macrophage infiltration that clear cell debris (Coleman, 2005).

Genetic analysis of the WldS mice unveiled that this natural mutation corresponds to a neomorphic one, that overexpresses a chimeric protein formed by fusion of the N-terminus of the E4 ubiquitin ligase Ube4b with the complete sequence of nicotinamide mono nucleotide adenylyltransferase 1 (Nmnat1; Coleman and Freeman, 2010). Axonal protection observed by up-regulating Nmnat1 is linked to mitochondrial metabolism (Avery et al., 2009; Fang et al., 2012), and the main mechanism does not seem to be the enzymatic production of NAD by Nmnat1 but most likely the action of downstream targets of this protein (Sorci et al., 2007; Coleman and Freeman, 2010). Recently, a loss-of-function mutation in the Sterile alpha and Toll/interleukin receptor (TIR) motif-containing protein 1 (Sarm1) was found, which cell-autonomously suppresses WD, confirming that this process is indeed an active program (Osterloh et al., 2012). SARM1 is a conserved mediator of WD, acting through the dimerization of the TIR domain to rapidly deplete NAD+ in injured axons to trigger degeneration (Gerdts et al., 2015; Summers et al., 2016; Essuman et al., 2017). This mechanism explains NMNAT1 suppression of WD as this protein blocks the injury-induced NAD+ consumption caused by SARM1, a mechanism that seems to be more important than the altered NAD+ production caused by NMNAT1 (Sasaki et al., 2016). These findings open the possibility to identify novel molecules actively involved in the process that could lead ultimately to a deeper characterization and novel therapeutic targets for neurodegeneration.

We have demonstrated that mitochondrial dysfunction is a key process associated to axonal degeneration (Barrientos et al., 2011). The degeneration of axons was shown to be associated to the formation of the mitochondrial permeability transition pore (mPTP) between the inner and outer mitochondrial membrane. mPTP formation triggers the mitochondrial permeability transition (mPT), which leads to an increase in axonal reactive oxygen species (ROS) followed by intra-axonal calcium release (Calixto et al., 2012; Villegas et al., 2014). Interestingly, blocking mPTP either pharmacologically or genetically, by removal of the mPTP component Cyclophilin D (CypD), significantly delays axonal degeneration (Barrientos et al., 2011). Notably, formation of the mPTP has been linked to the pathogenesis of NDs including AD (Du et al., 2008), PD (Martin et al., 2014), and ALS (Martin et al., 2009) and has been suggested as a potential therapeutic target for these diseases.

Increasing evidence suggest that axonal degeneration occurs before cell body loss and notably, previous to the onset of clinical symptoms in different models of age-related diseases including ALS (Dadon-Nachum et al., 2010), PD (Tagliaferro and Burke, 2016), and AD (Adalbert and Coleman, 2013). Hence, the understanding of the molecular and cellular mechanisms underlying this potentially reversible phase is critical for the development of therapeutic strategies aimed at the prevention and intervention of these disorders. Multiple molecular and cellular changes that occur during the process of aging can contribute to the accumulation of axonal damage, which is a prominent histopathological feature of the aging brain. Importantly, these cellular changes are common to almost all NDs, suggesting that similar mechanisms participate in the onset and development of these disorders. In the following section, we discuss how each of these changes contribute to the alteration of axonal integrity.

MOLECULAR MECHANISMS INVOLVED IN AGING AND THEIR RELATIONSHIP WITH AXONAL DEGENERATION

The urgency to extend healthspan, the period of healthy life preceding the development of age-related chronic diseases, has been recently highlighted. From this perspective, the field of Geroscience has invested increasing efforts to understand the mechanisms that underlie lifespan alteration, linking aging, and chronic diseases with the final aim of developing therapies for age-associated diseases (Kennedy et al., 2014). In this section we will review latest findings on each of the seven pillars of aging (Figure 1) with the aim of understanding whether they are related to axonal degeneration and how this event can be shifting healthy aging toward pathological aging with prevalence of chronic and neurodegenerative diseases.
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FIGURE 1. The seven pillars of aging in the context of neuronal and axonal degeneration. Each pillar associated to the aging process is represented in a colored box. Most relevant pathways and molecules misregulated during aging are highlighted in each box, altogether with the consequences in neuronal senescence and axonal degeneration. A misregulated response to macromolecular damage and inflammation lead to increased ROS and a decrease in available NAD+, triggering axonal degeneration. Aging also decreases the number of neuronal stem cells (NSCs) and their regenerative capability. Caloric restriction works in a protective way against aging with a mechanism opposite to the one observed with the age-linked disruption of circadian rhythm. Altered DNA modification and repair trigger pro-senescence phenotypes that lead to neuronal death, same phenotype induced by decrease of response to stress stimuli and oxidative damage.



Adaptation to Stress

In response to harmful stimuli, protective mechanisms that trigger adaptive responses can be activated to maintain cell homeostasis. If such noxious stimuli persist, programmed cell death is usually activated to eliminate damaged cells (Fulda et al., 2010). Whether cells react by triggering protective or destructive pathways depends on different factors including the nature and extent of the stress. Cells can respond to harmful stimuli in a number of ways and these adaptive responses include, among others, antioxidant defense mechanisms, the unfolded protein response (UPR), the heat-shock response and the DNA damage response (Fulda et al., 2010). As an example, it has been shown that following hypoxic injury, activation of the hypoxia inducible factor 1 (HIF-1) induces the expression of several genes that can promote cell survival and tissue adaptation by increasing blood supply and oxygen delivery to the injured tissue (Majmundar et al., 2010).

Compelling evidence indicate that the capability to induce an effective response following environmental and cellular injury decreases with the progression of aging. Hence, as organisms age, along with a general deterioration of cellular function, there is a decline in the stress responses that promote homeostatic repair. Examples of this diminished capability to compensate the altered cellular homeostasis include diminished HIF-1 activity (Majmundar et al., 2010), decreased heat shock response (Fargnoli et al., 1990) and altered response against DNA damage (Druzhyna et al., 2008). Notably, the concept of hormesis has emerged in the context of homeostasis, associated to a phenomenon in which an organism that has been subjected to sub-lethal stress such as caloric restriction, can engage signaling pathways that increase the neuronal capabilities of stress resistance against oxidative stress, mitochondrial disruption, protein misfolding, and DNA damage, thus reducing physiological decline and leading to life span extension (Mattson, 2008). By instance, studies performed in different models including mice (Miller et al., 2017), monkeys (Mattison et al., 2017), and humans (Prehn et al., 2016) have demonstrated that dietary energy restriction can protect against brain degeneration, promote cognitive improvement and increase life span (discussed in more detail in Section Metabolism).

Importantly, studies aimed at determine the effect of caloric restriction in NDs have shown positive outcomes using models of AD (Wu et al., 2008), PD (Maswood et al., 2004), and Huntington disease (HD; Duan et al., 2003). Several mechanisms have been demonstrated to contribute to this protective stress response and includes the Ca2+–cyclic AMP response element-binding protein (CREB) pathway, the sirtuin–forkhead box O (FOXO) pathway and the nuclear regulatory factor 2 (NRF2)–antioxidant response element (ARE) pathway (Mattson, 2008; Stranahan and Mattson, 2012). Similarly, the experimental activation of other adaptive pathways, with the purpose of testing their potential therapeutic benefit for different NDs, has been recently investigated. In this line, the role of UPR activation, which is a main player of the proteostasis network, in the development of NDs such as AD (Duran-Aniotz et al., 2017) and PD (Valdes et al., 2014) has revealed interesting results. Recent evidence has shown an important link between the UPR and axonal degeneration and will be discussed in detail in the following section. Additionally, autophagy constitutes an essential component of the adaptive response to cell stress that helps to maintain cellular homeostasis and quality control. This mechanism is essential to regulate the axonal proteome and maintain axonal homeostasis by eliminating damaged organelles and protein aggregates (Komatsu et al., 2007; Maday and Holzbaur, 2014). However, the experimental induction of autophagy can result in protective or harmful effects to axons, which appears to depend on the context of the experimental setting. Indeed, there are reports demonstrating detrimental effects of autophagy activation on axonal integrity (Park et al., 2008; Kim et al., 2009; Liu et al., 2010; Cheng et al., 2011; Wakatsuki et al., 2017), while other studies have shown a protective effect (Komatsu et al., 2007; Launay et al., 2014; He et al., 2016). Despite the opposed outcomes, these studies strongly suggest that autophagy represent an important process involved in axonal maintenance and degeneration.

Proteostasis

The maintenance of protein homeostasis (referred to as proteostasis), which involve the correct synthesis, folding, trafficking, secretion, and degradation of proteins, relies on a network of different mechanisms and pathways that include the UPR, the heat-shock response, the autophagy pathway, the ubiquitin–proteasome system, chaperones and the endoplasmic reticulum (ER)-associated degradation machinery (ERAD). This cellular machinery maintains the equilibrium of the proteome and prevents the accumulation of misfolded proteins (Labbadia and Morimoto, 2015).

Compelling evidence has demonstrated a decline in the homeostatic capacity of the proteostasis network with increasing age. By instance, several studies have demonstrated that the levels of chaperones are markedly decreased with age in different organs including the brain (Paz Gavilán et al., 2006; Hussain and Ramaiah, 2007; Naidoo et al., 2008; Walther et al., 2015). Chaperoning activity can also be influenced by age-related changes such as energy failure due to mitochondrial damage, which affect the function of ATP-dependent chaperones (Brehme et al., 2014). Additionally, a number of studies have demonstrated aging-associated defects on autophagy (Cuervo and Dice, 2000; Lipinski et al., 2010; Rubinsztein et al., 2011) and proteasome activity (Bulteau et al., 2002; Ferrington, 2005; Dasuri et al., 2009; Keller et al., 2015), which contribute to the decline of brain proteostasis. Notably, there is evidence indicating that either manipulating the proteostasis network or preventing its deterioration, can induce a slowdown in the aging progression in different animal models (Ruan et al., 2002; Henis-Korenblit et al., 2010; Kruegel et al., 2011; Vilchez et al., 2012; Owusu-Ansah et al., 2013; Labunskyy et al., 2014). As an example, overexpression of the mitochondrial heat shock protein 22 leads to increased lifespan in Drosophila (Morrow, 2004). Another study showed that activation of autophagy by overexpression of Atg5 was able to extend the lifespan of mice (Pyo et al., 2013). Similarly, enhancement and activation of the 20S proteasome in Caenorhabditis elegans, resulted in life span extension (Chondrogianni et al., 2015).

A common feature of aging and NDs is the misfolding and accumulation of protein aggregates in the brain, a slow process that initiates decades before clinical symptoms manifest. The exact cause that leads to protein aggregation in the brain is unknown, although deregulation of protein homeostasis through perturbation of the ER has been shown to be involved (Martínez et al., 2017). The build-up of misfolded proteins at the ER, a condition known as ER stress, triggers the UPR signaling pathway in order to restore proteostasis and promote cell survival (Sidrauski and Walter, 1997; Harding et al., 1999; Haze et al., 1999). Disruption of this adaptive pathway has been associated with advanced age and it has emerged as a key contributor to the pathogenesis of NDs such as AD (Cissé et al., 2010, 2016; Li et al., 2013), prion disease (Moreno et al., 2012, 2013), ALS (Hetz et al., 2009), PD (Imai et al., 2001; Cooper et al., 2006; Valdes et al., 2014), and HD (Vidal et al., 2012; Zuleta et al., 2012).

Recent evidence indicates that activation of ER stress plays a critical role in the neuronal response to axonal injury in both peripheral and CNSs (Smith and Mallucci, 2016). Indeed, numerous studies have shown activation of the UPR upon axonal damage in different type of cells including Schwann cells (Mantuano et al., 2011), motoneurons (Penas et al., 2011), retinal ganglion cells (Hu et al., 2012), and in sensory neurons of the dorsal root ganglia (Ying et al., 2015). Interestingly, pharmacological and genetic manipulation of components of the UPR pathway has shown to induce cognitive improvement and motor recovery in disease and nervous system injury models, respectively (Li et al., 2013; Valenzuela et al., 2016). By instance, studies from our group have demonstrated a protective role of the transcription factor X-Box-binding protein 1 (XBP1), a major regulator of the UPR, following nervous system damage. After spinal cord injury, XBP1-deficient mice presented significant impairment of locomotor recovery when compared with control mice. Notably, local administration of active XBP1 by gene therapy to the injured area enhanced locomotor recovery (Valenzuela et al., 2012). Looking at the functional role of the UPR in locomotor recovery following peripheral nerve injury, our group demonstrated that genetic ablation of Xbp1 induced a delay in locomotor recovery after injury. Conversely, overexpression of XBP1s in transgenic mice and local XBP1s gene transfer to neurons of wild-type mice, increased axonal regeneration and locomotor recovery (Oñate et al., 2016). Additionally, the protective effects of XBP1 activation on neuronal death, following axonal injury, were shown in a model of optic nerve crush. Axotomy triggered transient activation of the inositol-requiring enzyme 1α (IRE1α)/XBP1 pathway, and overexpression of the transcription factor strongly protected neurons from apoptosis (Hu et al., 2012). In a more recent study, using mouse models of traumatic optic nerve injury and glaucoma, the same group demonstrated that inhibition of eukaryotic translation initiation factor 2α-C/EBP homologous protein and XBP1 activation synergistically protect retinal ganglion cell axons and preserve visual function (Yang et al., 2016). Together, this evidence highlights the important role of the UPR signaling pathway in the processes of axonal degeneration and regeneration.

Inflammation

Even though activation of immune responses and inflammatory processes are consistently linked to aging (Chung H. Y. et al., 2009), it has been difficult to define the role of inflammation in neurodegeneration (Ransohoff, 2016). Inflammation corresponds to the protective response by which immune cells react in a balanced way against unexpected cells or debris (Karin and Clevers, 2016). For example, inflammation constitutes a primary response against pathogenic microorganisms in the intestinal epithelium. Metabolic changes observed in aging cells (DNA damage, loss of proteostasis, stress signals) affect the immune response against pathogens in the intestine and it is likely the cause why elderly individuals are more susceptible to infectious diseases and changes in health and lifespan (Ayyaz and Jasper, 2013). Another metabolic change that occurs in aging cells is the redox imbalance, which can be caused by weakness of the anti-oxidative defense system that cannot cope with the increased production of reactive species (Chung H. Y. et al., 2009). Notably, the increased lifespan observed with the anti-oxidant action of caloric restriction is associated to the modulation of pro-inflammatory signals such as NF-kB, TNF-α, and interleukins (Kim et al., 2002; Zou et al., 2004). Importantly, aging is associated with abnormal inflammatory responses in the brain, where the levels of pro-inflammatory cytokines are elevated, and the anti-inflammatory ones are reduced (Ye and Johnson, 1999; Sierra et al., 2007; Cribbs et al., 2012).

The nervous system is able to generate immune responses, and most of these processes are commanded by microglia and dendritic cells (Carson et al., 2006). Macrophages dominate sites of CNS injury where they promote both injury and repair. These cells are classified into the proinflammatory, neurotoxic M1 cells, and the M2 cells, which promote axon growth and remyelination (Kigerl et al., 2009). Morphologically, inflammation in the CNS is characterized by a different shaped microglia, which looks hypertrophic after an acute damage, or dystrophic after aging and neurodegeneration (Ransohoff, 2016). On the other hand, following injury to the nervous system, an important event is the inflammatory response associated to WD. In this process, glial cells fragment axons, isolate and convert myelin into lipid droplets even before the arrival of macrophages (Stoll et al., 1989). Then, the levels of cytokines and chemokines such as TNF-α and IL-1 are upregulated, leading to macrophage recruitment (Gillen et al., 1998; Liefner et al., 2000).

Multiple sclerosis (MS) is perhaps the most classic neurodegenerative disease associated to inflammation. MS is an autoimmune disease triggered by CD4+ T helper lymphocytes and characterized by demyelination scattered throughout the CNS (Lucchinetti and Bruck, 2004). Mitochondria plays an important role in the pathomechanism of MS, affecting the normal relation between axons and glia through several defects including Ca2+ imbalance caused by excessive proinflammatory cytokines, deregulation of oxidative stress, impaired energy production and mitochondrial autophagy (Patergnani et al., 2017). These processes are in part mediated by the formation of the mPTP, which interestingly, has been strongly linked to axonal degeneration (Barrientos et al., 2011; Villegas et al., 2014). In fact, blocking mPTP formation has been proposed as a therapy for MS, with different compounds being currently tested in clinical trials (Su et al., 2012; Shirani et al., 2016).

Another interesting connection between inflammation, aging and axonal degeneration was made after the discovery that SARM1 is required for the degeneration of axons (Osterloh et al., 2012). Sarm1 is a pro-degenerative molecule that works after injury to trigger degeneration through a loss of NAD+, which is mediated by its TIR domain (Gerdts et al., 2015; Summers et al., 2016; Essuman et al., 2017). A crucial aspect of the mechanism is that Sarm1 cell-autonomously triggers axonal degeneration, a surprising finding considering the role of this molecule in immune responses (Carty et al., 2006). Sarm1, Myd88, and Trif are adaptor molecules for Toll-like receptors, and as they are expressed in neurons, they are able to produce cytokines in response to pathogen infection (Chen et al., 2011; Lin et al., 2014). Interestingly, Sarm1 is not expressed in glial cells (Lin et al., 2014) and it is evolutionarily distinct from other proteins carrying TIR domains (Malapati et al., 2017), suggesting that its complete role is not yet fully understood. Sarm1 colocalizes with mitochondria (Panneerselvam et al., 2012) and regulates cell death after glucose and oxygen deprivation, recruiting JNK3 to the mitochondria (Kim et al., 2007; Mukherjee et al., 2013). Also, this protein was found in a genome-wide screening as an activator of PMK-1, a C. elegans p38-related kinase involved in stress-induced detoxification, oxidative stress and aging (Crook-McMahon et al., 2014). Notably, over a decade ago Sarm1 was proposed as a candidate gene implicated in the onset of hereditary inflammatory diseases, after analyzing family-based human linkage disequilibrium studies (Mink and Csiszar, 2005). Recently, mice lacking the Sarm1 protein showed resistance to distal axonal degeneration in a model of chemotherapy induced peripheral neuropathy (Turkiew et al., 2017). These studies, altogether with the recent characterization of the TIR domain, open novel opportunities to use Sarm1 as a target for therapeutic approaches for neuropathies.

Stem Cells and Regeneration

Regeneration of tissues after injury requires in most cases, the presence of functional stem cells, the population of cells able to self-renew and the primal source of differentiated cell types. As all cells, Stem cells can be target of damaging mechanisms that can affect their function, decrease their viability and ultimately, compromise their ability to produce new cell lines. The damage received by stem cells is the basis of one of the most accepted theories of aging, which suggests that aging at the organism level is caused by exhaustion of stem-cell populations and the loss of regenerative responses after damage (Ruzankina et al., 2007). Several age-associated processes have been linked to the affected function of stem cells, including telomere shortening (Ferron et al., 2009), cellular senescence (Molofsky et al., 2006), and other interconnected pillars of aging such as epigenetic (Sun et al., 2014), metabolism (Deng et al., 2015), and proteostasis (Fredriksson et al., 2012).

In the nervous system, neural stem cells (NSCs) are responsible for neurogenesis and neuron replenishment within limited areas of the CNS. Many approaches have been tested to use NSCs injection in specific regions of the brain as a therapeutic intervention for NDs. By instance NSCs injected into the subiculum or hippocampus of two different transgenic AD mouse models decreased Aβ pathology and improved synaptic deficits (Blurton-Jones et al., 2014). Similar results were obtained in the P301S-tau model, where injection of NSCs that differentiated into astrocytes, increased glial-derived neurotrophic factor (GDNF) production and led to neuroprotection (Hampton et al., 2010). In contrast, it has been more difficult to observe an improvement in PD after injection of NSCs in the substantia nigra (Lindvall, 2013), and in HD after injection of NSCs in the striatum (Cicchetti et al., 2009). However, just as in AD, the increased production of neurotrophins such as IGF-1 and GDNF could be key to reach an improvement in motor and cognitive response in both diseases. Therefore, transplantation of NSCs that stimulate neurotrophin production appears to be a promising therapeutic intervention for NDs (Marsh and Blurton-Jones, 2017).

NSCs have been also used to improve axonal regeneration in the peripheral nervous system (PNS) after injury or nerve transection. WD in axons is a required initial step for regeneration (Martin et al., 2010) and after axonal damage, Schwann cells switch from a myelinating to a phagocytic phenotype and recruit macrophages to initiate the regenerative process (Fairbairn et al., 2015). Following sciatic nerve injury in rats, injection of NSCs transfected with two recombinant vectors containing either brain-derived neurotrophic factor (BDNF) gene or GDNF gene increased myelination and induced functional recovery (Fu et al., 2011). Similarly, a silicon conduit filled with NSCs and NGF connecting a sciatic nerve injury was used to increase axon myelination and induce functional recovery in rats (Xu et al., 2012). It will be interesting to follow the next clinical trials using stem cells and specially, how they manage the current difficulties in the translation to patients, including heterogeneity of lines and techniques (Marsh and Blurton-Jones, 2017).

Epigenetics

The fact that individuals with similar genetic backgrounds can age very differently constitutes an intriguing situation. Epigenetics involve the understanding of the mechanisms that allow individual cells to translate their genome differentially under functional and stable conditions in a multicellular organism (Schwartzman and Tanay, 2015). These mechanisms include DNA methylation, histone modification and chromatin accessibility, and they provide a different level of control for the genetic expression in each cell of the organism harboring the same genetic information at the DNA level. DNA methylation occurs at the 5′ position of a cytosine, preferentially when it is followed by a guanine (CpG context) and it is a major and dynamic mechanism for differential gene expression between tissues and cell-type differentiation (Boyd-Kirkup et al., 2013). On the other hand, histone modification through methylation, phosphorylation, acetylation and ubiquitylation, is another dynamic way to control gene expression, regulating the balance between the accessible euchromatin and the compacted heterochromatin, and with this, the facilitated transcription of specific DNA regions.

Both DNA methylation and histone modification have been linked to aging, supporting one of the original theories of aging: the increased difficulty of cells to express genes with aging due to changes in the DNA, especially the ones related to more relevant pathways for aged cells such as autophagy (Madeo et al., 2015). The modification of histones is a process affected by age. For instance, the protective effect of Sirtuins and Polycomb proteins through deacetylation and methylation respectively, is lost in old cells triggering the upregulation of NFkB and pro-senescence genes like p16 (Rando and Chang, 2012). Decreased levels of methylation were found in inflammatory genes such as TNF and iNOS when DNA from old blood cells was sequenced (Gowers et al., 2011). Also, hypermethylation was found in CpG islands of promoter regions of DNA from aged cells (Christensen et al., 2009), in DNA-binding factor genes in human brain (Hernandez et al., 2011) and in genes associated to development and differentiation such as FGF17, FZD1, and FZD7 (Salpea et al., 2012).

Epigenetic events in the context of neurodegeneration and axonal degeneration are less described than in aging, in part because studying epigenetic changes in the brain is particularly difficult. Cell heterogeneity and different functional states of neuronal populations makes epigenetics studies in the brain harder than other tissues (Maze et al., 2014). The microtubule-associated protein tau, a main player in AD pathomechanism, triggers heterochromatin relaxation in transgenic flies and AD patients in a mechanism mediated by oxidative stress and DNA damage (Frost et al., 2014). DNA remodeling increases the transcription of genes normally silent as compared to control transcriptional profiles, suggesting that this epigenetic effect may work as a potential therapeutic target for AD. Similar clues have been found in the study of HD, another neurodegenerative disease caused by the expansion of CAG repeats coding for glutamine (PolyQ) in the huntingtin gene. PolyQ expansions in this gene have been linked to DNA remodeling and histone modifications (Steffan et al., 2001; Sadri-Vakili et al., 2007), changes in DNA methylation and transcription of key neuronal-specific genes (Ng et al., 2013; Wood, 2013), and alteration of ncRNAs (Johnson et al., 2008; Lee et al., 2011). Expansions in C9orf72, the gene that is most commonly linked to ALS, include CpG islands that are hypermethylated in tissue from ALS patients (Xi et al., 2015), and altered histone methylation pattern causes reduction on the C9orf72 mRNA expression in the patient's brain (Belzil et al., 2014).

As explained above, WD after axonal injury is associated to dedifferentiation and proliferation of Schwann cells. Proliferation is regulated through an epigenetic effect of the histone demethylase Jmjd3, which after injury activates the Ink4a/Arf locus to switch off proliferation and trigger the senescence program (Gomez-Sanchez et al., 2013). The high plasticity observed in Schwann cells could also play an important role in the events leading to neurodegeneration. Current research efforts are focusing on trying to properly define the link between disease-linked mutations and the temporality of epigenetic effects. Hopefully, that connection could be used as a potential biomarker to determine pre-clinically the progression of neurodegenerative disorders.

Metabolism

In this section, we will focus on two topics that, even though are connected to previously described mechanisms, can still provide novel views to understand the connection between aging and degenerative mechanisms in the neuron. These topics are nutrigenomics or the effect of the food and nutrients on gene expression (Grayson, 2010), and the regulation of circadian clocks and sleep patterns (Musiek and Holtzman, 2016).

Nowadays, the relevance of specific and personalized diets, with the aim of improving the quality and extension of life, is getting common. However, the beneficial outcome of specific types of food or a reduction on caloric intake, not only applies to lifespan extension (Madeo et al., 2015) but also has been associated to axonal degeneration (Speakman and Mitchell, 2011). Caloric restriction extends lifespan through different mechanisms that include increased autophagy and activation of mTOR and FOXO (Galluzzi et al., 2014), reduction of mitochondrial ROS production (Ash and Merry, 2011), mitochondrial biogenesis via upregulation of PGC-1a (Nisoli et al., 2005) and activity of Sirtuins (Jasper, 2013). Sirtuins are deacetylases that catalyze the consumption of NAD+, and are required for lifespan extension after supplementing nicotinic acid (a source of NAD+). Sirtuins have been extensively studied with contrasting results. In flies and worms, Sirt1 was linked with extension of lifespan (Rogina and Helfand, 2004; Viswanathan et al., 2005), a discovery that was later challenged (Burnett et al., 2011).

Not that well-studied, at least in a direct way, is the effect of caloric restriction on axonal degeneration. Previous studies performed by our group using a genetic mec-4d C. elegans model of axonal degeneration and a mouse model of acute injury, demonstrated that caloric restricted diet and systemic antioxidant treatment protected both models from axonal degeneration, which was associated with decreased oxidative damage. Moreover, downregulation of the Insulin/IGF-1-like signaling (IIS) pathway protected neurodegeneration in a DAF-16/FOXO–dependent manner (Calixto et al., 2012). As mentioned above, FOXO is an important player in lifespan extension acting as an effector of the stress-response JNK pathway, both antagonizing IIS and working together with the TOR pathway as a molecular switch between growth promotion and lifespan extension according to nutrient availability (Wang et al., 2005). Importantly, a phase 2 trial based on dietary restriction proved to be successful against metabolic syndrome through reducing glucose and circulating IGF-1 (Wei et al., 2017). Using another variation of dietary restriction (intermittent fasting), improvements in motor performance were observed in a mouse model of neuropathic pain (Madorsky et al., 2009) and in a spinal cord injury mouse model (Jeong et al., 2011), further supporting the effect of caloric restriction in neuronal health. Notably, SIRT2 was also linked to axonal degeneration (Araki et al., 2004) and WD (Suzuki and Koike, 2007) in a mechanism that involves tubulin deacetylation and a delay on axonal degeneration. However, the potential role of SIRT2 and NAD+/NADH balance in WD was discarded in Drosophila, as downregulation of this enzyme did not induce spontaneous degeneration and did not suppress the ability of WldS to slow axonal degeneration in vivo (Avery et al., 2009).

In addition, emerging evidence indicate that a ketogenic diet, which consists of high fat, adequate protein and low carbohydrate intake, can improve motor and cognitive performance in NDs. By instance, administration of ketogenic diet to transgenic ALS mice resulted in higher motor neuron survival and an in motor function improvement when compared to control mice (Zhao et al., 2006). Another study performed by the same group in transgenic ALS mice fed with caprylic triglyceride showed protection from spinal cord motor neuron loss and improved motor performance (Zhao et al., 2012). Similar positive results have been obtained in AD models. For example, the toxic effects of Aβ on hippocampal neurons were prevented by addition of β-hydroxybutyrate to cell cultures (Kashiwaya et al., 2000). Moreover, studies performed in transgenic mouse models of AD fed with ketogenic diet showed decreased levels of Aβ aggregates and tau pathology in the brain (Van der Auwera et al., 2005; Kashiwaya et al., 2013). The effects of ketogenic diet on PD have also been investigated. Administration of β-hydroxybutyrate to mice treated with MPTP protected from neurodegeneration and motor impairment (Tieu et al., 2003). Similarly, PD pathology induced by 6-hydroxydopamine in rats was attenuated when a ketogenic diet was administered (Cheng et al., 2009).

Another process that links metabolism with aging and neurodegeneration is the circadian clock. Sleep problems and circadian malfunctions are known consequences of aging and NDs and they are also hallmarks of early stages of NDs (Musiek and Holtzman, 2016). In humans, the control of the circadian rhythm is based on the interaction of CLOCK with ARNTL, a protein found in high levels at the beginning of the day. This complex activates PER and CRY, which is upregulated at night and blocks the CLOCK-ARNTL complex at the start of the night cycle. When CRY levels decrease in the morning, the original complex forms again and re-starts the day cycle 24 h later (Videnovic et al., 2014). This process occurs mostly in neurons from the suprachiasmatic nucleus (SCN), the peacemaker of our body, and the activity of these neurons controls up to 10% of the human genome. Furthermore, degeneration of this group of neurons causes sleep and circadian disruption, which leads to increase in ROS production (Koh et al., 2006; Wang et al., 2012), inflammation (Prolo et al., 2005), proteostasis alterations (Stratmann et al., 2012), and neurodegeneration (Holth et al., 2017). Genzer et al. linked the circadian changes with the levels of BDNF, the most abundant neurotrophin in the brain that causes neurodegeneration when its levels are low. When mice were fed a high fat diet, circadian levels of brain and liver BDNF were altered, mTOR was downregulated and AMPK was activated, which could link circadian clock with obesity and neurodegeneration (Genzer et al., 2016). In Drosophila, downregulation of other two modifiers of circadian clock, Spag and Dbt, causes upregulation of the caspase Dronc which cleaves tau and increases neurodegeneration in a model of tauopathy (Means et al., 2015). As in the case of caloric restriction, circadian rhythm is also regulated by Sirtuins and FOXO. Notably, SIRT1 is a master regulator of the circadian clock, activating the key components CLOCK and ARNTL. As the organism ages, SIRT1 decreases in the SCN failing to properly control the circadian clock (Chang and Guarente, 2014). Supporting this mechanism, NAD+ levels also follow a rhythm regulated by the circadian levels of NAMPT (nicotinamide phosphoribosyltransferase), an important step in NAD+ metabolism (Nakahata et al., 2009). Even though there is no solid connection yet between circadian rhythm and axonal degeneration, it would be interesting to further explore the mentioned components of circadian regulation and NAD+ levels on axonal degeneration and its connection to neurodegenerative conditions.

Macromolecular Damage

Several external sources and internal metabolic processes generate as by-product free radicals (FR) such as ROS (Lipsky and King, 2015). For a long time the generation of FR has been linked to aging (Harman, 1956), and the theory that senescence is associated with the accumulation of oxidative damage to macromolecules caused by ROS has been focus of intense research. Damage of organic molecules by FR affects different processes such as proteostasis and response to stress, and importantly puts the mitochondria in a central stage of the aging process. Mitochondria is the largest ROS generator, and in conditions of excessive ROS production, damage to key mitochondrial proteins and DNA occurs, leading to mitochondrial dysfunction, decreased energy production and overall senescence of the cell (Richardson and Schadt, 2014). It has been proposed that with increasing age, the low demand of energy produced by mitochondria due to sedentary lifestyle induces metabolic changes that lead to altered reductants/oxidants ratio. This change triggers a shift favoring an oxidized redox state leading to macromolecular damage (Brewer, 2010). However, whether macromolecular damage caused by oxidative stress constitutes the cause or the consequence of aging and ND-related mechanisms remains yet unclear.

The effect of oxidative damage on macromolecules has been extensively studied in relation to NDs. For example, In the case of ALS, the first genetic link to the disease was made with the discovery of mutations in superoxide dismutase SOD1, an enzyme that catalyzes the conversion of the toxic [image: image] anions into O2 and H2O2 (Rosen et al., 1993). Oxidative damage in the mitochondria was immediately linked to the disease and further studies aimed at testing potential pharmacological targets in SOD1 transgenic models revealed modest beneficial outcomes (Julien and Kriz, 2006). Furthermore, these studies have been unsuccessfully translated into humans (Ludolph et al., 2009). TDP43 and FUS, other 2 ALS-causative genes, are involved in the prevention or repair of transcription-associated DNA damage, as their depletion increases DNA damage (Hill et al., 2016). Similarly, increased DNA damage is observed in iPSC-derived neurons with expansions in the C9orf72 gene. These cells also show mitochondrial dysfunction and increased oxidative stress (Lopez-Gonzalez et al., 2016). In addition, mitochondrial dysfunction and oxidative macromolecular damage are prominent features of AD. Using primary neuronal cultures from 3xTg-AD mice, Gosh et al. demonstrated an early, reversible oxidized redox state compared to wild-type neurons. This oxidized state preceded an age-related increase in ROS levels and macromolecular ROS damage (Ghosh et al., 2012). Moreover, a proteomic study performed in early AD subjects revealed that lipid peroxidation is an early event in the progression of AD (Reed et al., 2009). Looking at the impact of oxidative damage on the pathology displayed by the AD transgenic model Tg2576, a recent study showed that ROS constitute a key contributor to the development of cerebral amyloid angiopathy, vasomotor dysfunction and microhemorrhage (Han et al., 2015). Similarly, loss of glutathione and increased oxidative DNA and protein damage were observed in an in vitro model of PD, where inhibition of mitochondrial complex I by rotenone, induced the typical features of PD including aggregation of α-synuclein (Sherer et al., 2002).

Axonal integrity, which as previously discussed is altered at initial stages of NDs, can be disrupted as consequence of oxidative damage to axonal macromolecules. An in vitro study performed in myelin purified from rats showed that myelin-associated protein and lipids are highly vulnerable to oxidative damage (Bongarzone et al., 1995). A recent study in aged wild-type mice demonstrated that motor nerve dysfunction triggered by axonal and myelin damage was associated with a decline in antioxidant defense mechanisms, which led to oxidative protein and lipid damage (Hamilton et al., 2016). Additionally, a number of studies have shown that oxidative damage to axonal components can trigger defects in transport across the axon (Roediger and Armati, 2003; Sharma et al., 2010), which is an early feature of NDs (De Vos et al., 2007; Chu et al., 2012; Sadleir et al., 2016).

AXONAL DEGENERATION AT EARLY STAGES OF AGE-RELATED NEURODEGENERATIVE CONDITIONS

As reviewed above, many of the changes at the molecular and cellular level that occur during the aging process may have an impact on the integrity of axons. Importantly, the evidence indicates that axonal degeneration constitutes an early phase in the process of neurodegeneration that is shared by different age-related neurological diseases (Dadon-Nachum et al., 2010; Adalbert and Coleman, 2013; Tagliaferro and Burke, 2016). In this section we will examine the association of specific NDs with the pillars of aging and evidence implicating axonal degeneration in their pathophysiology. We will focus specifically on AD, PD, and ALS, which constitute the most common age-related NDs. A summary of this information is presented in Tables 1, 2.


Table 1. Association of AD, PD and ALS with the pillars of aging.
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Table 2. Evidence for axonal degeneration in the pathophysiology of AD, PD and ALS.
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Alzheimer's Disease

AD is a progressive neurodegenerative disorder and constitutes the most frequent form of dementia in the elderly population (Alzheimer's Association, 2016). Although several risk factors have been associated with the pathophysiology of sporadic AD, aging being the most important one, its exact cause remains unrevealed. However, compelling evidence indicate that Aβ dyshomeostasis constitutes a key event involved in the etiopathogenesis of AD, which promotes the accumulation of the protein and further development of all the neuropathological and clinical features of the disease (Selkoe and Hardy, 2016).

As discussed above, perturbation of the proteostasis network leading to the accumulation of protein aggregates is a normal feature of aging, and there is increasing evidence showing that this also occurs in AD (Hoozemans et al., 2005, 2009; Peng et al., 2016; Duran-Aniotz et al., 2017). Hence, it is possible that deterioration of the cellular function as a consequence of aging leads to the imbalance of Aβ production and degradation, triggering the abnormal accumulation of the peptide, reaching toxic levels. Indeed, although Aβ deposition in the brain constitutes the main pathological feature of AD, this process also occurs during normal aging. Histopathological analyses have revealed that in the cases where Aβ deposition is present in brain tissue from non-demented individuals, the amyloid structures are not associated with abnormal neuronal processes, synapse loss, and cognitive alterations as occur in AD brain tissue (Serrano-Pozo et al., 2011), suggesting that degeneration of axons and dendrites (also referred to as neurites) constitutes a key event involved in the Aβ-related mechanisms that participate in the transition from normal aging to dementia. Moreover, neurons affected in AD follow a dying-back pattern of degeneration, where axonal disruption and synaptic loss precede neuronal cell death and manifest in early stages of the disease (Serrano-Pozo et al., 2011; Adalbert and Coleman, 2013).

Although Aβ-related axonal and dendritic dystrophy is an early histopathological observation in postmortem AD brains (Knowles et al., 1999; Nelson et al., 2012) and in animal models of AD (Mucke et al., 2000), whether Aβ deposition is the cause of axonal and dendritic degeneration or constitutes a consequence of an underlying neurodegenerative process remains currently unknown and there is evidence demonstrating that both possibilities may occur. Traumatic brain injury (TBI) is one of the main environmental risk factors for the development of AD (Alzheimer's Association, 2016). Diffuse axonal injury represents a typical consequence of TBI, where disruption of the cytoskeleton results in swollen axons, altered axonal transport, and mitochondrial dysfunction (Choe, 2016). Intra-axonal upregulation of the amyloid precursor protein (APP) and increased processing of the protein resulting in diffuse Aβ plaque deposition occurs quickly after TBI and notably, studies in long-term survivors have revealed that axonal degeneration persists and mature Aβ plaques and tau pathology develops, which is associated with cognitive impairment (Johnson et al., 2011). These studies suggest that Aβ accumulation occurs due to the disruption of axonal integrity following injury. Hence, it is possible that the axonal damage that occurs as a consequence of aging, could also contribute to the accumulation of Aβ. In a recent study, looking at the mechanisms of dystrophic neurite formation in AD, Sadleir and colleagues were able to show that exposure of cultured neurons to Aβ oligomers caused microtubule depolymerization leading to altered axonal trafficking (Sadleir et al., 2016). The results were confirmed in brain tissue from both AD patients and transgenic mice, where they observed that dystrophic neurites in the close proximity to Aβ plaques contained low microtubule density, accumulation of autophagic intermediates and increased β-site APP cleaving enzyme (BACE1) and APP levels, which caused enhanced generation of Aβ (Sadleir et al., 2016).

Extensive research focusing on the mechanisms underlying Aβ neurotoxicity has been undertaken and as a result, its association with numerous pathogenic pathways has been suggested. Among the pathways activated by Aβ, most of them are implicated in the process of axonal degeneration, including oxidative stress (Behl et al., 1994; Hensley et al., 1994; Butterfield et al., 2013), mitochondrial dysfunction (Devi, 2006; Wang et al., 2009; Kerr et al., 2017), and abnormal calcium signaling (Mattson et al., 1992; Furukawa et al., 1996; Demuro et al., 2005; Meyer-Luehmann et al., 2008). To date, AD drug development has been based primarily on the amyloid hypothesis, and the majority of randomized controlled trials have been designed to target this protein. However, the overall outcomes have been dramatic, with a 99.6% failure rate for approval (Cummings et al., 2014). Nevertheless, the trails have arguably been conducted late and when there is extensive pathology and degeneration. As mentioned above, axonal degeneration represents an early event during the progression of AD, hence, unveiling the exact mechanisms that trigger the degeneration of axons represent a promising step in the field of AD drug development.

Parkinson's Disease

PD is the most common motor-related ND. The precise cause of the disease remains largely unknown; although it is thought that PD is the result of a combination of genetic and environmental risk factors (Pires et al., 2017). Due to the strong association between mutations in α-synuclein gene and the development of familial PD, a central focus of PD research has been the misfolding and deposition of this protein (Gao et al., 2008; Imaizumi et al., 2012; Gonzalez-Horta, 2015; Wang and Hay, 2015).

Recent evidence indicate that the degeneration of axons of dopaminergic neurons constitute an early event in PD development. Thus, axonal degeneration plays a critical yet unclear role in this disease. Following the observation that degeneration of the distal axons of the cardiac sympathetic nerve precedes loss of cell bodies in PD patients (Orimo et al., 2005), Orimo and colleagues focused on the involvement of α-synuclein on the degeneration of axons and the timing of this process and demonstrated that the pathology commence at the distal axon and continues in a retrograde fashion (Orimo et al., 2008). Additional evidence supporting these findings includes in vitro studies of primary neurons exposed to α-synuclein fibrils, where recruitment of endogenous α-synuclein to form insoluble aggregates was observed. Interestingly, the pathology was initially observed in axons and was associated to neuronal dysfunction, propagating proximally to the soma leading to neuronal cell death (Volpicelli-Daley et al., 2011). Moreover, studies in a transgenic mouse model expressing a mutant form of α-synuclein revealed striatal dopaminergic axonal disruption, while the integrity of cell bodies of dopaminergic neurons was maintained (Tofaris, 2006). Similarly, characterization of a transgenic mouse model that expresses mutant leucine-rich repeat kinase 2 (LRRK2), the single most common cause of inherited PD, showed a significant alteration of axonal integrity, however, no loss of dopaminergic neurons was observed (Li et al., 2009).

Based on the evidence indicating that axons are the first site of degenerative change and are compromised before cell soma, Chu and colleagues used human PD tissue to investigate axonal transport in the initial stages of PD. The group demonstrated an early decline in axonal transport motor proteins, which occurred before the alteration of dopaminergic phenotypic markers and was associated with α-synuclein aggregation (Chu et al., 2012). This result is in line with previous studies demonstrating alterations in axonal transport associated with α-synuclein mutations in vitro (Saha, 2004) and in vivo (Chung C. Y. et al., 2009). Looking at the mechanisms of axonal degeneration in PD, a study performed in an autophagy-deficient mouse model revealed that deletion of the autophagy gene Atg7 triggered early dendritic and axonal dystrophy, which was associated with enhanced levels of endogenous α-synuclein and LRRK2 proteins. This study suggests that alterations in autophagy might be involved in the pathogenesis of sporadic PD and linked with axonal degeneration (Friedman et al., 2012).

A workshop presenting the state-of-the-art of axonal pathology research in PD was recently carried out and a summary of the current knowledge on the field was published (Kurowska et al., 2016). The view of axonal degeneration as an early process in the development of PD is discussed and the importance of finding early diagnostic markers, as well as targeting axonal degeneration as a preventive measure are highlighted.

Amyotrophic Lateral Sclerosis

ALS is a progressive adult-onset disorder, characterized by the selective death of upper and lower motor neurons leading to paralysis and muscle atrophy. About 10% of ALS cases have a genetic cause, and many different forms of the disease are the result of different genetic mutations (Al-Chalabi et al., 2016). Currently, the cause of the sporadic form of the disease remains unknown (Pasinelli and Brown, 2006).

An important component of the neuronal dysfunction in ALS is the degeneration of axons (Ferraiuolo et al., 2011). The disease initiates at the distal motor axons and continues in a “dying back” pattern, with denervation and reinnervation taking place in the innervated muscle fibers at early stages (Fischer et al., 2004). Evidence suggest that in ALS, axonal damage takes place before loss of cell bodies and the onset of clinical symptoms, which appear only after a large proportion of motor units are lost (Dadon-Nachum et al., 2010). Interestingly, the WldS mouse model shows delayed axon degeneration in some peripheral neuropathies. However, it has not been successful on improving the symptoms and axonal pathology present in SOD1 mutant rodent models of ALS (Vande Velde et al., 2004; Fischer et al., 2005). Nonetheless, by performing a genome-wide association meta-analysis, Fogh et al. identified the SARM1 locus as spot for three SNPs linked to patients with ALS (Fogh et al., 2014).

Several studies have shown impaired axonal transport in ALS, which has been demonstrated to constitute an early event during the progression of the disease (Williamson and Cleveland, 1999; Murakami et al., 2001; De Vos et al., 2007). By instance, altered mitochondrial transport through the axon was demonstrated in two different SOD1 mutant mouse models of ALS (Magrané et al., 2014). Furthermore, mutations in the RNA-binding protein TDP-43 can cause ALS and interestingly, it was recently demonstrated that this protein functions as an mRNA transporter across the axonal cytoskeleton and that mutations in this protein leading to ALS, alter this transport function (Alami et al., 2014). Notably, genetic studies performed in families with ALS revealed mutations in the genes encoding the transporter proteins dynactin (Puls et al., 2003) and tubulin (Smith et al., 2014) which lead to reduced binding of the mutant protein to microtubules and decreased repolymerization capability respectively.

As discussed previously, sirtuins are an important link between aging and neurodegeneration. In ALS, altered sirtuin levels have been observed in both transgenic mouse models (Han et al., 2012) and patients tissue (Körner et al., 2013). Moreover, in Drosophila, Sirtuin1 was described as a suppressor of neurodegeneration in the ALS model DVAP-P58S (Sanhueza et al., 2015). Sirtuin 1 protection from axonal degeneration is regulated by Nmnat1, the protein overexpressed in the WldS model (Araki et al., 2004). Furthermore, resveratrol, a polyphenol that exhibits beneficial effects in NDs, protects against WD by activating Sirtuin 1 through dissociation from its inhibitor DBC1 (Calliari et al., 2014). There is evidence indicating that the metabolites obtained from NADH play a crucial role on the effect of Sirtuins (Jasper, 2013), and considering that these metabolites, especially nicotinamide mononucleotide (NMN), are crucial in the axonal degenerative process (Di Stefano et al., 2017), it seems plausible that sirtuins and NAD+ metabolism might play a central role on the ALS pathomechanism, even as a potential therapeutic target for the disease (Pasinetti et al., 2013; Tang, 2016).

As mentioned previously, different gene mutations can lead to several forms of ALS. Together, the evidence presented above suggests that axonal degeneration plays a key role in ALS pathophysiology and that common mechanisms involved in axonal pathology can contribute to the development of the different forms of ALS, which will benefit the search for potential therapies to tackle them before the disease is already declared and irreversible.

Huntington's Disease and Other Pathologies

HD is a disease that in contrast to the previously described ones, it is the most common monogenic neurological disease. HD is caused by the expansion of the gene codifying for the huntingtin protein. The mutant version carries long polyglutamine sequences encoded by repeated CAG. In HD patients, expression of mutant Htt affects neurons in the striatum and cortex, triggering neuronal dysfunction and apoptosis. Neuronal death causes motor and cognitive impairment, leading to death of patients 18 years after the onset of motor problems (Bates et al., 2015).

Abnormal splicing and formation of amino-terminal Htt fragments are consequences in which the translation of mutant huntingtin causes toxicity in the disease. Htt fragments aggregate in the nucleus and sequester other proteins disrupting the proteostasis network. Interestingly, Htt fragments also affect mitochondrial function and cellular trafficking, leading to axonal dysfunction and degeneration. Even though experimental evidence demonstrate that axonal degeneration is an early event in HD (Li and Conforti, 2013), its temporal relation with cell loss and disease symptoms is not completely understood. It has been determined in mouse models of HD and human patients that callosal axons degenerate long before the onset of motor symptoms (Gatto et al., 2015). This phenotype was worsened with age and suggests a dying-back pattern of degeneration in HD (Gatto et al., 2015). Early signs of axonal aggregates were also described in striatal axonal projections to the globus pallidus and the substantia nigra of mice expressing full-length mutant huntingtin. Neuropil aggregates were associated with degenerated mitochondria and with defects on protein transport (Li et al., 2001). Importantly, a different study determined that the axonal swellings were formed age-dependently and were independent of inclusions in the soma, suggesting that axon degeneration precedes death of other neuronal compartments in a model of HD (Marangoni et al., 2014). Mechanistically, axonal pathology in an HD mouse model shares molecular pathways with a model of axonal injury, as proteomic screens identified proteins with similar expression levels in both models (Wishart et al., 2012). Transport failure and the associated axonal dysfunction therefore appear as central causes of early HD symptoms.

There are other age-related NDs where axonal dysfunction plays a central role, including glaucoma (Weinreb et al., 2016), progressive supranuclear palsy (Lopez et al., 2016), and vascular dementia (Elahi and Miller, 2017). They share commonalities with the disorders already covered here, and importantly, some of the overlapping symptoms in patients can be caused by accumulation of axonal dysfunction with age, regardless the specific causative gene of each disorder.

CONCLUDING REMARKS

Why some individuals develop neurodegeneration and associated cognitive decline with advanced age, while others are able to preserve the cognitive function, has been the focus of intense research in recent years. However, the exact age-related molecular and cellular changes that trigger this susceptibility to neurodegeneration remain to be established. Here, we revised the evidence that support the potential role of axonal degeneration in this transition. As discussed in this review, many molecular and cellular changes that occur as organisms age may contribute to the deterioration of axons. Notably, increasing evidence in recent years has raised the awareness of axonal pathology as an early, common contributor to the pathomechanism of different age-related neurological diseases. This pathological overlapping shared by NDs represents an important focus of research not only for the impact in our current understanding of the etiology of this diseases, but also for the drug development field as it might provide potential targets for future therapeutic and, most importantly, preventative strategies aimed at limiting axonal and therefore neuronal degeneration in NDs.
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Tauopathies are a diverse group of diseases featuring progressive dying-back neurodegeneration of specific neuronal populations in association with accumulation of abnormal forms of the microtubule-associated protein tau. It is well-established that the clinical symptoms characteristic of tauopathies correlate with deficits in synaptic function and neuritic connectivity early in the course of disease, but mechanisms underlying these critical pathogenic events are not fully understood. Biochemical in vitro evidence fueled the widespread notion that microtubule stabilization represents tau's primary biological role and that the marked atrophy of neurites observed in tauopathies results from loss of microtubule stability. However, this notion contrasts with the mild phenotype associated with tau deletion. Instead, an analysis of cellular hallmarks common to different tauopathies, including aberrant patterns of protein phosphorylation and early degeneration of axons, suggests that alterations in kinase-based signaling pathways and deficits in axonal transport (AT) associated with such alterations contribute to the loss of neuronal connectivity triggered by pathogenic forms of tau. Here, we review a body of literature providing evidence that axonal pathology represents an early and common pathogenic event among human tauopathies. Observations of axonal degeneration in animal models of specific tauopathies are discussed and similarities to human disease highlighted. Finally, we discuss potential mechanistic pathways other than microtubule destabilization by which disease-related forms of tau may promote axonopathy.
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INTRODUCTION

Proper brain function relies on appropriate connectivity between specific neuronal populations. An essential cellular process underlying such connectivity involves the generation and continued maintenance of molecular constituents within axons and dendrites (Conde and Caceres, 2009; Rasband, 2010). Maintenance of axons is particularly challenging in neurons because of their large size and complex biochemical heterogeneity of discrete functional compartments (i.e., nodes of Ranvier and synapses) within this major neuronal subdomain (Morfini et al., 2001). The axonal cytoskeleton features a polarized microtubule organization, a characteristic that allows for bidirectional transport of membrane-bounded organelles (MBOs) to and from the neuronal soma (Baas et al., 2016). Specialized intracellular transport events include the regulated delivery of MBOs from the soma to the pre- and post-synaptic compartments, the removal of old materials from these compartments, and the maintenance of neurotrophic support, among many others (Morfini et al., 2001). Long distance MBO trafficking events, collectively referred to as axonal transport (AT), are mainly powered by the kinesin and dynein superfamily of microtubule-based molecular motors (Black, 2016; Morfini et al., 2016). To date, a large body of genetic and experimental evidence indicates that maintenance of the unique cytoarchitecture and connectivity of neurons depends on appropriate functionality of major AT components, including microtubules, molecular motors, and protein kinases involved in their regulation (Gibbs et al., 2015; Morfini et al., 2016). Accordingly, genetic mutations in specific molecular motor protein subunits are implicated as potential causative factors for various neurodegenerative diseases (Morfini et al., 2009; Kanaan et al., 2013; Brady and Morfini, 2017).

Tauopathies comprise a heterogeneous group of diseases, including Alzheimer's disease (AD), frontal temporal dementia with parkinsonism linked to chromosome 17 (FTDP-17), chronic traumatic encephalopathy (CTE), progressive supranuclear palsy (PSP), corticobasal degeneration (CBD), and Pick's disease (PiD) (Arendt et al., 2016). Being originally limited to observations derived from post-mortem brains at advanced disease stages, much of the past research on tauopathies focused on mechanisms linking aberrant accumulation of filamentous tau aggregates to cognitive decline and neuronal cell death. However, the recent development of animal models of tauopathies facilitated the identification of much earlier pathogenic events. Detailed pathological analysis of these models indicates that disease-specific symptoms coincide with reductions in synaptic function and neuronal connectivity that long precede the loss of neurons (Morfini et al., 2009). Collectively, the available evidence indicates that neurons affected in tauopathies follow a dying back pattern of degeneration (Higuchi et al., 2002; Kanaan et al., 2013; Brady and Morfini, 2017). Based on this knowledge, interventions focused on maintenance of neuronal connectivity, rather than prevention of cell death, may represent a more pressing therapeutic need for tauopathies (Cheng et al., 2010; Lingor et al., 2012). Identification of disease-relevant mechanisms linking tau to axonal and neuritic degeneration may provide specific molecular targets to improve neuronal connectivity in human tauopathies (Kanaan et al., 2013).

EVIDENCE OF AXONOPATHY IN HUMAN TAUOPATHIES

Degenerating axons follow a stereotypical set of morphological changes, typically initiated by enlargement of areas known as swellings or spheroid bodies (Raff et al., 2002). Concomitantly, axons undergo thinning between spheroids, ultimately displaying a beaded appearance as dystrophy progresses. This thinning process continues until the axon becomes fragmented, and eventually degraded (Zhou et al., 1998). Accordingly, the extent of these progressive morphological changes can be used to evaluate axonal degeneration in vivo and in vitro (Gatto et al., 2015; Kneynsberg et al., 2016). Demyelination often accompanies this process, highlighting the interdependence among oligodendrocytes and their myelinated axon tract (Barres et al., 1993).

Distinctive clinical and neuropathological features of specific tauopathies including AD (reviewed in Masters et al., 2015); FTDP-17, (reviewed in Ghetti et al., 2015); PSP, (Williams and Lees, 2009); CBD, (reviewed in Kouri et al., 2011); PiD, (Mckhann et al., 2001); and CTE, (reviewed in Kiernan et al., 2015) are reviewed elsewhere. Below, we provide a concise review of independent studies in human brains, which collectively provide strong evidence supporting the contention that axonal pathology represents an early and critical pathogenic event common to multiple human tauopathies (Table 1).


Table 1. Features of axonopathy in human tauopathies.
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Alzheimer's Disease (AD)

The strong focus on tau lesions in AD yielded a large body of data establishing axonal degeneration as a prominent neuropathological hallmark of this disease (Kanaan et al., 2013). Tau inclusions within dystrophic neurites, known as neuropil threads, are a robust neuropathological feature of AD brains that appear before neurofibrillary tangles (NFTs) form in neuronal somata (Kowall and Kosik, 1987; Ghoshal et al., 2002). Immunohistochemical evidence demonstrates that pathological forms of tau known to inhibit AT accumulate in neuropil threads, suggesting localized disruption of cellular processes critical for axonal maintenance in AD, including AT (Kanaan et al., 2011; Combs et al., 2016a). Observations of abnormal vesicle accumulations within dystrophic neurites of AD brains provide further support for this notion (Praprotnik et al., 1996; Dessi et al., 1997).

Consistent with AT deficits in AD, results from ultrastructural and immunohistochemical analyses of AD brains reveal a clear correlation between loss of synapses and the manifestation of cognitive deficits (Dekosky and Scheff, 1990; Terry et al., 1991). Highlighting the pathological relevance of these findings, brain imaging studies in living AD patients document significant atrophy of axon-rich white matter structures, suggesting that axonal degeneration represents a prominent feature of the disease. Brain regions affected in patients with mild cognitive impairment, a well-established prodromal AD stage, mainly include axonal projections in the perforant pathway and cortical regions (Stoub et al., 2006; Huang and Auchus, 2007), where axon demyelination also occurs (Sjobeck and Englund, 2003; Sjobeck et al., 2005; Ihara et al., 2010). In more advanced AD cases, white matter atrophy extends to the corpus callosum, where the degree of atrophy directly correlates with cognitive decline (Vermersch et al., 1996; Hampel et al., 1998). Diffuse tensor imaging (DTI) techniques quantitatively measure water diffusion within cellular structures to identify microstructural changes in white matter that may not be evident with other imaging techniques (Meerschaert et al., 2016). Significantly, results from DTI studies show alterations in specific axonal tracts connecting association cortices, while others involved with motor or visual functions are largely spared. Again, the extent to which these tracts are affected displays a close correlation with the degree of cognitive decline (Bozzali et al., 2002).

Frontotemporal Dementia with Parkinsonism Linked to Chromosome 17 (FTDP-17)

FTDP-17 represents a subgroup of inherited early-onset tauopathies resulting from mutations in the gene encoding tau. The discovery of FTDP-17 tau mutations demonstrated that tau dysfunction alone suffices to cause neuronal dysfunction and degeneration (Foster et al., 1997; Hutton et al., 1998), and axonal pathology is seen in FTDP-17 brains. Specifically, positron emission tomographic (PET) imaging studies in FTDP-17 patients show the accumulation of tau aggregates in white matter areas (Wszolek et al., 1992). Interestingly, brain imaging studies found white matter alterations in pre-symptomatic disease stages (Rohrer et al., 2010; Dopper et al., 2014). Similar to neuropil threads in AD, mutant tau aggregates localize within dystrophic axons of FTDP-17 brains (Delisle et al., 1999; Murrell et al., 1999; Lippa et al., 2000; Kouri et al., 2014). As discussed below, animal models of specific FTDP-17 variants largely recapitulate the axonopathy phenotype observed in affected human brains.

Chronic Traumatic Encephalopathy (CTE)

CTE is a neurodegenerative disease associated with repetitive subconcussive and mild traumatic brain injuries (reviewed in Blennow et al., 2016). Focal areas of neuronal and glial tau inclusions at the depths of cortical sulci and in perivascular regions are pathognomonic CTE lesions found in the frontal and temporal cortices, as well as the hippocampus (Mckee et al., 2012). Symptoms of diffuse axonal injuries, including axonal swellings, unregulated calcium influx, and cytoskeletal abnormalities are evident within the first 24 h after concussion and may persist for weeks (Blumbergs et al., 1994; Maxwell et al., 1995; Giza and Hovda, 2001). Tau-positive neuropil threads also are a prominent neuropathological feature of CTE and cognitive decline correlates with axonal atrophy in subcortical white matter (Tokuda et al., 1991; Kraus et al., 2007; Mckee et al., 2009). Pathological forms of tau, identified by conformation-dependent tau antibodies, were recently found to localize within axons of cortical white matter and neuropil threads in the cholinergic basal forebrain (Kanaan et al., 2016; Mufson et al., 2016). Using a PET tracer, protein aggregates, likely made up of tau, were identified within white matter tracts of former professional football players suspected of having CTE (Barrio et al., 2015). Membrane-associated proteins, including amyloid precursor protein, accumulate in axons after traumatic brain injuries, suggesting AT disruption may play a role in CTE pathogenesis (Uryu et al., 2007). Additionally, a multitude of DTI studies have identified white matter changes in athletes at risk for concussions or repetitive subconcussive impacts from several sports, including boxing, football, soccer, ice hockey, as well as in veterans exposed to blast trauma (Zhang et al., 2003; Koerte et al., 2012a,b; McAllister et al., 2014; Petrie et al., 2014).

Progressive Supranuclear Palsy (PSP)

In PSP, tau aggregates are observed in both neurons (NFTs and globose tangles) and glial cells (tufted astrocytes and coiled bodies) (Pollock et al., 1986; Hauw et al., 1994). The presence of neuropil threads in PSP indicates the presence pathological tau in axons, particularly in the basal ganglia, internal capsule, and thalamic fasciculus (Hauw et al., 1990; Dickson, 1999). Additionally, axonal spheroids are found in subcortical white matter, the putamen, globus pallidus, and the subthalamic nucleus (Probst et al., 1988; Ahmed et al., 2008). Extending these findings, DTI studies in early PSP cases found evidence of white matter degeneration within the pons, substantia nigra, cerebellar peduncles, and corpus callosum and the degree of atrophy in some of these regions correlates to disease severity and onset of symptoms (Padovani et al., 2006; Knake et al., 2010; Whitwell et al., 2011; Zhang et al., 2016). Interestingly, PSP is characterized by abundant tau lesions termed coiled bodies within oligodendrocytes, the cells responsible for generating myelin sheaths in the central nervous system. Demyelination is particularly evident in white matter tracts of PSP-affected brains, directly correlating with tau burden in the superior cerebellar peduncle and red nucleus. These findings suggest that tau-induced oligodendrocyte dysfunction could indirectly contribute to the axonal degeneration phenotype observed in PSP (Ishizawa et al., 2000).

Corticobasal Degeneration (CBD)

The characteristic tau pathology of CBD includes astrocytic plaques, occasional coiled bodies, and neuronal globose inclusions that are primarily found in the frontal and parietal lobes of the cerebral cortex, the cerebellum, and substantia nigra (Rebeiz et al., 1968; Feany and Dickson, 1995). Neuropil thread pathology is prominent in cortical gray and white matter, the subthalamic nucleus, and the striatum of CBD brains (Ikeda et al., 1994; Dickson, 1999). MRI and DTI-based studies find significantly greater white matter abnormalities in CBD (Doi et al., 1999; Zhang et al., 2016). Additional studies identified pathological changes in specific hand sensorimotor fiber tracts in patients who manifested limb apraxia at early CBD stages (Borroni et al., 2008), furthering the linkage between axonal degeneration and specific symptomatic outcomes. The extensive astroglial lesions in CBD and other tauopathies suggest that pathological forms of tau may affect astrocyte-specific functions critical to neuronal health, including sustained trophic support (Figure 1C; Kahlson and Colodner, 2015).
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FIGURE 1. Potential mechanisms contributing to tau-induced axonal degeneration in tauopathies. (A) Pathological forms of tau include phosphorylated tau, tau oligomers, and tau filaments, all of which feature increased exposure of the PAD (blue region of tau) (Kanaan et al., 2011). In contrast, this domain is hidden in soluble tau monomers, which feature a paperclip conformation (Jeganathan et al., 2008). Depending on the specific tauopathy, pathological tau is present in neurons (brown cell), astrocytes (purple cell, C) and oligodendrocytes (blue cell, D). (B) Pathological conformations of tau impair axonal transport through activation of a phosphotransferase-based signaling pathway that promotes detachment of transported cargoes from the motor protein conventional kinesin. (C,D) Accumulation of pathological tau may also interfere with cellular processes involved in trophic support by astrocytes and oligodendrocytes, ultimately resulting in axonal dysfunction and demyelination. (E) Disease-related modifications of tau (e.g., phosphorylation) that reduce its binding to microtubules may promote aberrant katanin-mediated microtubule severing. (F) Disease-related forms of tau can alter Ca2+ homeostasis through various mechanisms, including abnormal modulation of ion channel activity, the endoplasmic reticulum and/or mitochondrial Ca2+ buffering. Enhanced Ca2+ levels may in turn increase calpain activity, leading to abnormal cleavage of cytoskeletal proteins. Together, these mechanisms represent the multifaceted pathways by which tau that likely contributes to axonopathy.



Pick's Disease (PiD)

Pick's disease (PiD) is characterized by severe atrophy of the frontal, temporal, and parietal lobes. Cytoplasmic neuronal tau inclusions known as Pick bodies represent the major neuropathological hallmark of PiD, and these are typically found in the dentate gyrus of the hippocampus and frontal and temporal cortices (Pollock et al., 1986; Probst et al., 1996). MRI studies of Pick's disease cases document severe atrophy of cortical white matter (Wang et al., 2006; Yamakawa et al., 2006). Microscopic evaluation of post-mortem brain tissue reveals that axons surrounding the dendrites of neurons in the affected brain regions (e.g., polymorphic layer of the dentate gyrus) often display pathological tau, in addition, glial tau pathology is observed (Cochran et al., 1994; Probst et al., 1996). Neuritic threads and spheroids are observed in mossy fibers projecting to the dentate nucleus along with abnormal tau in cerebellar white matter and other axons in PiD brains (Probst et al., 1996; Braak et al., 1999). A marked loss of myelinated axons is observed in subcortical white matter (Dickson, 1998) as well as perforant pathway synaptic loss (Lippa, 2004). Accumulation of AT-related molecules in Pick bodies (e.g., kinesin and synpatophysin) suggests AT is impaired in PiD (Nakamura et al., 1994).

Collectively, results from ultrastructural, immunohistochemical, and brain imaging-based studies strongly implicate axonopathy and the consequent neural disconnection as a pathogenic component common to all tauopathies. Localization of pathological forms of tau within dystrophic axons in each tauopathy further suggests alterations in one or more cellular processes critical for axonal maintenance, including AT (Morfini et al., 2002a; Kanaan et al., 2013).

ANIMAL MODELS OF TAUOPATHIES

Models of tauopathy using the expression of specific tau variants include transgenic mice and viral vector-mediated gene delivery of tau-encoding cDNA constructs in rodent brains, among others (Ballatore et al., 2007; LaFerla and Green, 2012; Combs et al., 2016b). As discussed below, these animal models exhibit characteristics reminiscent of those seen in human tauopathies, further supporting a role of axonopathy in the disease process.

Several transgenic tauopathy models were produced over the years, which replicate selected cardinal features of human tauopathies (Gotz et al., 2007). The early animal models are based on expression of wild-type human 4R (Gotz et al., 1995) and 3R (Brion et al., 1999) tau variants and these mice show only mild phenotypes. However, tau transgenic mice with stronger gene promoters produce a clear neurodegenerative phenotype and many of these transgenic models (e.g., the T44 and ALZ17 lines) feature tau pathology mainly in the brainstem and spinal cord (Ishihara et al., 1999; Spittaels et al., 1999; Probst et al., 2000). Axonopathy in these models manifests in the form of axonal spheroids, axonal neurofilament- and tau-immunoreactive inclusions (Spittaels et al., 1999). Expanding on these early models, the 8c transgenic mouse line expresses a human tau gene cassette that produces all six human tau isoforms and these mice display signs of axonopathy including axonal swellings and spheroids, but do not develop NFTs (Duff et al., 2000). The 8c line was later crossed with a tau knockout line to produce mice that exclusively express human tau isoforms in the absence of endogenous mouse tau (Tucker et al., 2001). Interestingly, mice resulting from this cross show early accumulation of pathological tau within axons (e.g., CP13 positive phospho-tau), before such changes are detected in neuronal somata (Andorfer et al., 2003). Thus, overexpression of exogenous human tau alone suffices to cause axonopathy, which appears inconsistent with microtubule destabilization playing a role in tauopathies. Instead, these observations suggest that exogenous transgenic tau promotes a toxic gain of function that affects the maintenance of axons (Kanaan et al., 2011).

After the discovery of autosomal dominant tau mutations in FTDP-17 families (Hutton et al., 1998), several groups generated transgenic mice expressing FTDP-17-related mutant forms of tau. Unlike wild-type tau expressing models, these mice successfully recapitulate NFT-like inclusions typical of tauopathies (Lewis et al., 2000; Gotz et al., 2001; Allen et al., 2002). P301L tau remains the most commonly studied FTDP-17 mutation (Dumanchin et al., 1998; Hutton et al., 1998; Rizzu et al., 1999), and several transgenic mouse models are based on expression of this mutant form of tau. JNPL3 transgenic mice for example, feature expression of 4R/0N P301L tau under control of the mouse prion promoter (Lewis et al., 2000). Interestingly, these mice feature not only NFT-like and pre-tangle tau inclusions, but also axonal spheroids and degenerated myelinated axonal tracts, predominantly in the spinal cord (Lewis et al., 2000; Lin et al., 2003, 2005). In rTg4510 mice, the P301L tau transgene is downstream of a tetracycline operon-responsive element (TRE), and they express a tetracycline-controlled transactivator (tTA) that is under control of the Ca2+-calmodulin kinase II-α (CaMKIIα) promoter, which provides relatively selective expression of tau in forebrain neurons (Mayford et al., 1996; Santacruz et al., 2005; Spires et al., 2006). Accordingly, mutant tau expression can be suppressed through doxycycline treatment, thus providing spatial and temporal control of tau expression (Santacruz et al., 2005). Interestingly, signs of axonopathy in the rTg4510 model are comparable to those in JNPL3 mice, including swollen axons, NFT-like inclusions, myelin loss, and accumulation of mitochondria in swollen axons (Ludvigson et al., 2011). The rTgTauEC model uses a similar Tet-Off system as the rTg4510 model. However, tTA expression is controlled by the neuropsin promoter (de Calignon et al., 2012), which restricts mutant tau expression to a subset of entorhinal cortex (EC) neurons (Yasuda and Mayford, 2006). In this model, initial signs of axonopathy include strong Alz50 immunoreactivity [Alz50 is an antibody that recognizes a pathological tau conformation (Carmel et al., 1996)] within axonal terminals of the outer two-thirds molecular layer of the dentate gyrus, followed by age-dependent axonal degeneration and loss of hippocampal neurons (de Calignon et al., 2012). Microglia activation and astrogliosis is observed in rTgTauEC mice, suggesting that glial dysfunction might exacerbate axonopathy in this model. Additionally, the rTgTauEC model shows spread of pathological tau through interconnected neurons, suggesting transsynaptic release of misfolded or aggregated tau into the synaptic cleft and uptake by downstream neurons (de Calignon et al., 2012). Based on these observations, it is reasonable to posit that synaptic and axonal degeneration may not only be a primary source of neuronal disconnection, but also promote the release and spread of pathological tau species through synaptically connected networks (reviewed in Walsh and Selkoe, 2016).

Glial contributions to axonopathy are an active area of research, and models that selectively overexpress tau in glial cells are valuable models of tauopathies. One such model expresses 4R/1N P301L tau specifically in oligodendrocytes, achieved by controlling expression through the 2′,3′-cyclic nucleotide 3′ phosphodiesterase promoter. These mice displayed oligodendrocyte tau inclusions, AT deficits that preceded axonal degeneration, and deficits in myelination (Higuchi et al., 2005). This model highlights the importance of oligodendrocytes on axonal maintenance because tau inclusions appear to promote deficits in oligodendrocyte function that in turn indirectly contribute to axonopathy (Figure 1D; Chin and Goldman, 1996; Dickson et al., 1996).

Viral vector-mediated gene delivery facilitates the introduction of exogenous genes with extensive spatial and temporal control over its expression. In wild-type mice, injection of recombinant adeno-associated viral (rAAV) vectors encoding P301L tau into the EC (Siman et al., 2013, 2015) or the hippocampus (Jaworski et al., 2009, 2011) results in axonal degeneration. Injected mice display accumulation of tau phosphorylated at the AT8 epitope within synapses, degeneration of axons in the performant pathway and spread of P301L tau into the dentate gyrus (Siman et al., 2013). Similar to some transgenic tau models, rAAV-based tauopathy models also display reactive gliosis around degenerating axons, which may contribute to axonal pathology (Siman et al., 2013, 2015). Furthermore, injection of an rAAV vector encoding pseudophosphorylated AT8 tau in the EC led to early signs of axonopathy, including the development of spheroids and a swollen morphology (Combs et al., 2016b). Similarly, lentiviral vectors encoding wild-type or P301L tau induce markers of axonopathy when injected in the rat hippocampus, that includes a time-dependent increase in swollen, fragmented, and dystrophic axons, as well as microglial activation (Caillierez et al., 2013; Hebron et al., 2014).

Collectively, data from various animal models of tauopathy reveal axonal degeneration as a prominent pathological feature, and further suggest there is a contribution to this phenotype from glial cells. Based on their resemblance to this specific aspect of human tauopathies, these animal models may help define mechanisms and specific molecular components mediating the toxic effect of pathogenic tau on axonal maintenance and function.

PATHOGENIC MECHANISMS LINKING ABNORMAL TAU TO AXONOPATHY

The initial discovery of tau protein was based on biochemical procedures that revealed its ability to associate with purified microtubules and modulate their dynamic growth behavior in vitro (Weingarten et al., 1975; Cleveland et al., 1977a,b). These biochemical properties of tau quickly led to its designation as a microtubule-associated protein, and the suggestion that microtubule stabilization represents tau's primary functional role in neurons (Weingarten et al., 1975; Cleveland et al., 1977a,b). Several subsequent reports document various effects of tau on microtubule dynamics in cultured cell lines (reviewed in Feinstein and Wilson, 2005). By extension, microtubule destabilization resulting from loss of tau function is widely believed to represent a major mechanism underlying neuronal dysfunction and degeneration in human tauopathies (Guo et al., 2017). However, direct experimental evidence that tau is required for the maintenance of microtubule stability in cultured primary neurons or in neurons in vivo has yet to be provided.

Collectively, data from the available four transgenic tau knockout mouse lines (reviewed in Ke et al., 2012) reveal little to no effect on behavior, cognition, and neuropathology associated with germline removal of the tau gene (Harada et al., 1994; Dawson et al., 2001; Tucker et al., 2001; Fujio et al., 2007; Morris et al., 2011; van Hummel et al., 2016). These findings are inconsistent with a critical role for tau in sustaining microtubule stabilization in vivo. Furthermore, axonal development is normal in cultured primary neurons obtained from some tau knockout mice (Harada et al., 1994; Takei et al., 2000). Deleterious effects of removing tau documented so far are limited to mild behavioral and parkinsonian-like deficiencies with advancing age in a couple of mouse lines (Ikegami et al., 2000; Lei et al., 2014), alterations in microtubule density limited to small caliber cerebellar parallel fibers in one model (Harada et al., 1994), and delayed neurite development in cultured neurons from another (Dawson et al., 2001). Additional experiments using primary cultured neurons show that immunodepletion of axonal tau does not lead to appreciable alterations in axonal microtubule content or dynamics (Tint et al., 1998); thus, extending findings from tau knockout mice. Tau-independent mechanisms for microtubule stabilization, including post-translational modifications of tubulin and the existence of additional microtubule-associated proteins, could explain the marginal impact of tau deletion on microtubule stability (Song and Brady, 2015; Matamoros and Baas, 2016).

Available experimental evidence suggests that tau performs functions other than microtubule stabilization in neurons. Numerous studies suggest a role for tau in multiple cellular processes and compartments, some of which may not include microtubule interactions. The functional repertoire of tau includes microtubule-actin cytoskeleton interactions (Selden and Pollard, 1986; Liu et al., 1999), regulation of AT (LaPointe et al., 2009; Kanaan et al., 2011), nuclear and nucleolar functions (Papasozomenos and Binder, 1987; Loomis et al., 1990; Sultan et al., 2011), end-binding protein regulation (Ramirez-Rios et al., 2016), cytoskeleton-plasma membrane interactions (Brandt et al., 1995), RNA-binding protein and stress granule regulation (Vanderweyde et al., 2016), as well as scaffolding of phosphotransferases (Lee et al., 1998; Liao et al., 1998; Ittner et al., 2010; Kanaan et al., 2013). Supporting this later role, a number of protein kinases and phosphatases reportedly interact with tau including PP1 (Liao et al., 1998), GSK3β (Sun et al., 2002), Cdk5 (Li et al., 2006), Fyn (Lee et al., 1998), and others (Liu et al., 2016). Together, these reports support a role for tau as a scaffolding protein that targets phosphotransferases to microtubules; thus, facilitating their interaction with specific microtubule-associated protein substrates (e.g., motor proteins) (reviewed in Morfini et al., 2002b; Kanaan et al., 2013). Experimental evidence also suggests such a role may extend to the dendritic compartment, where tau appears to regulate localization and activity of the tyrosine protein kinase Fyn (Xia et al., 2015; Lau et al., 2016). Collectively, the available evidence supports a broader functional repertoire for tau unrelated to microtubule stabilization, providing clues to the potential mechanisms by which pathogenic forms of tau may promote axonopathy (Figure 1).

The dependence of axons on proper anterograde and retrograde AT is evident because mutations in selected conventional kinesins or cytoplasmic dynein subunits suffice to promote dying-back degeneration of neurons (Morfini et al., 2009). Providing an explanation for the axonal degeneration phenotype observed in tauopathies, multiple independent studies documented deficits in AT triggered by pathogenic forms of tau, including oligomeric tau (Higuchi et al., 2005; Gotz et al., 2006; Cox et al., 2016; Swanson et al., 2017). Several mechanisms are proposed to mediate this toxic effect. The early observation that tau overexpression leads to alterations in intracellular trafficking of cellular organelles in cultured cell lines suggested that tau inhibits AT (Stamer et al., 2002). In vitro studies using purified components of the AT system further supported a model where tau would elicit this effect by competing with conventional kinesin heavy chain subunits for microtubule binding (Seitz et al., 2002; Mandelkow et al., 2003). However, studies in the squid axoplasm preparation reveal that even supraphysiological (i.e., ~20-fold higher) levels of human tau monomers do not negatively impact AT (Morfini et al., 2007). Pulse chase studies in vivo extend the conclusions from squid axoplasm studies to mammalian neurons, showing normal AT rates in the optic nerve of tau-overexpressing mice (Yuan et al., 2008).

The highly dynamic nature of the interaction between tau and microtubules in vitro and in situ also appears inconsistent with the notion that tau physically blocks motor proteins (Samsonov et al., 2004; Janning et al., 2014; Stern et al., 2017). Recent work suggests that disease-related phosphorylation does not cause tau to fall off microtubules as the off-rate is unaffected by pseudophosphorylation at the PHF1 site (i.e., S396 and S404), but may reduce microtubule binding by decreasing the on-rate (Niewidok et al., 2016). The highly dynamic conformational flexibility of tau likely facilitates its interaction with a large repertoire of binding partners (Jeganathan et al., 2006; Uversky, 2015; Stern et al., 2017) (reviewed in Bakota et al., 2017). Further, tau's role as a scaffolding protein and the recruitment of phosphotransferases to the microtubule cystoskeleton associated with this function could in turn be subject to phosphoregulation.

The major motor proteins responsible for AT, conventional kinesin and cytoplasmic dynein, are regulated by specific protein kinases providing a novel mechanism linking pathological forms of tau to deficits in AT (Kanaan et al., 2013; Gibbs et al., 2015; Brady and Morfini, 2017). Unlike soluble tau monomers, tau aggregates inhibit anterograde AT in the isolated squid axoplasm when perfused at physiological levels (LaPointe et al., 2009). Remarkably, this effect is dependent upon amino acids 2–18 in the extreme amino terminus of tau, a motif termed the phosphatase-activating domain (PAD) (Kanaan et al., 2011). PAD is sufficient to activate protein phosphatase 1 (PP1) and GSK3 in a manner independent of microtubule binding (Kanaan et al., 2011). PP1 reportedly activates GSK3β by dephosphorylating the autoinhibitory residue (Ser 9), causing its activation (Morfini et al., 2004). Active GSK3 in turn phosphorylates kinesin light chain subunits of conventional kinesin, promoting release of transported cargoes from this motor protein (Morfini et al., 2002b). Systematic evaluation of the effects that numerous tau construct variants elicit on AT reveals that different pathological changes (e.g., mutations, aggregation, oligomerization and phosphorylation) promote increased PAD exposure (Figure 1A; Kanaan et al., 2012). Given the unique dependence of axons on sustained AT, these studies highlight a specific kinase-dependent mechanism by which pathological forms of tau may cause axonal dysfunction, further supporting a role of tau as a modulator of protein kinases involved in AT regulation (Figure 1B). More recent studies provide further support for this mechanism in mammalian neurons by showing that amyloid-β oligomer-mediated impairments in AT require both tau and specific phosphotransferases (Decker et al., 2010; Vossel et al., 2015). Additionally, phosphorylation of tau at specific epitopes modulates both its dynamic behavior and its effect on AT (Kanaan et al., 2012; Tiernan et al., 2016; Stern et al., 2017). For example, tyrosine 18 phosphorylation within PAD by non-receptor kinases blocks the inhibitory effect of pathogenic tau on anterograde AT (Kanaan et al., 2012). In contrast, phospho-mimicking residues within the proline-rich region and the C-terminus confer a toxic effect on anterograde AT upon wild type tau monomers (Kanaan et al., 2011; Tiernan et al., 2016; Stern et al., 2017). Interestingly, tau-induced toxicity in cultured cortical astrocytes is associated with kinesin-dependent transport deficits (Yoshiyama et al., 2003), suggesting that tau may impair microtubule-dependent transport in glial cells as well.

In addition to the mechanisms above, mechanisms linking pathological tau to Ca2+ dysregulation may negatively impact axonal connectivity (Figure 1F). For example, injection of wild-type tau in the squid giant synapse promotes release of Ca2+ from the endoplasmic reticulum, leading to inhibition of synaptic vesicle exocytosis and synaptic transmission through a mechanism involving PAD exposure and GSK3 activation (Figure 1F; Moreno et al., 2016). Oligomeric tau is particularly toxic to synaptic function, causing impaired long-term potentiation (Fa et al., 2016) and long-term depression (Decker et al., 2015) in cultured neurons and mouse brain slice cultures, as well as memory deficits in living mice (Fa et al., 2016). Studies also show that tau oligomers can cause Ca2+ imbalance and cell death in induced pluripotent stem cells (Imamura et al., 2016), and tau may further increase Ca2+ levels by directly inhibiting plasma membrane Ca2+ ATPase (Berrocal et al., 2016). Besides the endoplasmic reticulum, mitochondria are a main source of Ca2+ buffering in cells (Werth and Thayer, 1994). Interestingly, P301L mutant tau reduces the number of axonal mitochondria (Rodriguez-Martin et al., 2016) and the N-terminal domain of tau may stimulate autophagic turnover of mitochondria in neurons (Amadoro et al., 2014). Reduced numbers and/or dysfunction of axonal mitochondria could in turn promote abnormal Ca2+ levels (reviewed in Eckert et al., 2014). Ultimately, pathogenic tau-mediated increases in Ca2+ levels may promote abnormal activation of calcium-activated proteases and proteolysis of critical cytoskeletal protein components (Figure 1F; Yin et al., 2016). Consistent with this notion, increased calpain activation occurs in AD and other tauopathy brains (Adamec et al., 2002), and inhibition of calcium activated protease reduces axonal degeneration in the P301L transgenic mouse model (Rao et al., 2014). Interestingly, studies suggest that microtubules devoid of tau are more vulnerable to degradation by the microtubule-severing protein katanin, providing another route by which abnormal tau modifications promote cytoskeletal degradation (Figure 1E; Qiang et al., 2006; Sudo and Baas, 2011). Collectively, these studies suggest various mechanism linking pathogenic forms of tau to axonal degeneration. A better understanding of these mechanisms may provide a broader set of tau-based therapeutic targets.

CONCLUSIONS

The landscape of tauopathies is marked by significant heterogeneity in clinical presentation, cellular topography, and neuropathological features. Despite this diversity, an examinations of human brains and animal models of tauopathies reveal axonopathy as a common feature of these diverse diseases (Hyman et al., 1990; Ahmed et al., 2008; Kovacs et al., 2008; Ling et al., 2015). A comprehensive analysis demonstrates that tau likely plays a central role in axonal dysfunction and degeneration and that disease-related modifications of tau contribute to axonopathy and synaptic dysfunction through multiple pathways including misregulation of phosphotransferase activities, AT deficits, disruption of Ca2+ homeostasis, altered glial function, and others (Figure 1). Developing and implementing therapeutic strategies based on preserving neuronal connectivity will require a continued deepening of our understanding of these mechanisms and the identification of specific molecular components linking pathological tau to axonopathy in the context of each tauopathy.
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Chemotherapeutic agents cause many short and long term toxic side effects to peripheral nervous system (PNS) that drastically alter quality of life. Chemotherapy-induced peripheral neuropathy (CIPN) is a common and enduring disorder caused by several anti-neoplastic agents. CIPN typically presents with neuropathic pain, numbness of distal extremities, and/or oversensitivity to thermal or mechanical stimuli. This adverse side effect often requires a reduction in chemotherapy dosage or even discontinuation of treatment. Currently there are no effective treatment options for CIPN. While the underlying mechanisms for CIPN are not understood, current data identify a “dying back” axon degeneration of distal nerve endings as the major pathology in this disorder. Therefore, mechanistic understanding of axon degeneration will provide insights into the pathway and molecular players responsible for CIPN. Here, we review recent findings that expand our understanding of the pathogenesis of CIPN and discuss pathways that may be shared with the axonal degeneration that occurs during developmental axon pruning and during injury-induced Wallerian degeneration. These mechanistic insights provide new avenues for development of therapies to prevent or treat CIPN.
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INTRODUCTION

Cancer therapies result in multiple toxic side effects that limit the doses used and cause long-lasting damage to patients. Chemotherapy-induced peripheral neuropathy (CIPN) is a severe and long lasting side effect caused by diverse anticancer agents that damage sensory and/or motor nerves. Symptoms of CIPN include numbness, pain, burning, tingling, heat/cold hyperalgesia, and mechanical allodynia, as well as reduced motor function. CIPN commonly presents with a “Glove-and-Stocking” distribution with the most distal portions of the limb exhibiting the greatest deficits (Brewer et al., 2016). CIPN occurs in 30–70% of patients treated with specific categories of anticancer agents (Seretny et al., 2014). Symptoms usually begin after multiple doses of the chemotherapeutic agents, and progress as treatment continues. After the treatments cease, they can resolve in a short time period, or persist as a long-lasting sequela of cancer therapy.

Clinical assessment of CIPN is usually based on patient-derived questionnaires and physician-based grading scales such as the common toxicity criteria (CTC) scale. These evaluation methods suffer from subjectivity and inconsistency (Cavaletti et al., 2010; Brewer et al., 2016). More objective evaluation methods have also been developed, such as quantitative sensory testing (QST), which measures the detection threshold for both mechanical and thermal sensory inputs. Nerve conduction studies (NCS), which assess both sensory and motor nerve action potential can also be used in patient assessment (Brewer et al., 2016), as decreased amplitude of sensory action potential are commonly observed in CIPN patients (Chaudhry et al., 1994; Park et al., 2013). Skin biopsy and quantitative assessment of intraepidermal nerve fiber (IENF) density provides a sensitive, objective and quantitative measurement of the small nerve fiber neuropathy commonly seen in CIPN (Periquet et al., 1999; Kroigard et al., 2014). However, these more objective measurements are not easily deployed in clinical assessments.

CHEMOTHERAPEUTIC DRUGS THAT CAUSE CIPN

Multiple anticancer drugs cause peripheral neuropathies; the most common are the taxanes, vinca alkaloids, platinum-based drugs, and protease inhibitors (Brewer et al., 2016; Table 1). Taxane agents (e.g., paclitaxel and docetaxel) exert their antimitotic effect by binding to polymerized tubulin within microtubules, and thereby preventing microtubule depolymerization (Jordan and Wilson, 2004). Vinca alkaloids (e.g., vincristine and vinblastine), another class of agents targeting microtubules, promote microtubule depolymerization and thereby disrupt mitotic spindles and cause cell cycle arrest (Jordan and Wilson, 2004; Kavallaris, 2010). As highly polarized dorsal root ganglion (DRG) sensory neurons require proper microtubule dynamics for axonal transport of mRNAs, proteins, mitochondria and other organelles, it is perhaps not surprising that these microtubule binding agents can cause degeneration of peripheral nerve fibers and symptoms of CIPN (Authier et al., 2000; Ja'afer et al., 2006; Gornstein and Schwarz, 2014; Geisler et al., 2016). As these two drugs with opposite effects on microtubule stability both can cause CIPN, it appears likely that diverse perturbations in microtubule dynamics may play a critical role instigating CIPN.


Table 1. Chemotherapeutic drugs implicated in CIPN.
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The platinum-based chemotherapeutics (e.g., cisplatin and oxaliplatin) exert their antineoplastic activity by forming interstrand DNA adduct (Suchankova et al., 2012), leading to cell cycle arrest (Johnstone et al., 2014). Patients treated with platinum agents exhibit predominantly sensory neuropathy (Addington and Freimer, 2016). It is not known whether this sensory neuropathy is due to damage of nuclear or mitochondrial DNA in DRG neurons or other cells, or reflects other actions of platinum-based compounds.

Proteasome inhibitors represent a novel class of anticancer drugs that result in protein accumulation and apoptosis (Adams, 2004). Bortezomib, an inhibitor of the 20S subunit of the proteasome, was the first proteasome inhibitor approved for clinical treatment of multiple myeloma (Curran and McKeage, 2009). Bortezomib induces a peripheral sensory neuropathy. As bortezomib exerts a microtubule stabilizing activity similar to paclitaxel in addition to proteasome inhibition (Poruchynsky et al., 2008), it is not clear whether the neuropathic effect reflects proteasome inhibition or microtubule changes.

While other agents have been reported to cause neuropathy in some patients, the above chemotherapeutic agents represent the major drug categories currently responsible for CIPN. These agents have different mechanisms of action, and so it is not known whether they cause CIPN by a common pathway. Given the poor understanding of the disorder, it is not surprising that there are currently no effective treatments of CIPN, and that multiple clinical trials have had disappointing results. Among recent trials, duloxetine, an antidepressant therapy that inhibits serotonin and norepinephrine reuptake, was shown to have a small, but significant beneficial effect on CIPN (Smith et al., 2013). However, the other 14 out of 15 therapies tested failed to show beneficial effects on CIPN patients (Majithia et al., 2016). Thus, there is a clear need for greater understanding of CIPN to enable development and testing of new therapies. This review summarizes the up-to-date understanding of CIPN, discusses the known mechanisms of general axon degeneration and how this understanding provides insight into for future research into the pathogenesis of CIPN.

PRE-CLINICAL MODELS FOR STUDYING CIPN

Animal Models

To understand the biology of CIPN, a variety of preclinical models have been developed. Chemotherapy drugs are typically given to rodents (rats or mice) through intraperitoneal or intravenous injection, followed by behavioral, electrophysiological, or morphological analysis. These models enable a rigorous assessment of the neuropathological features consistently observed following chemotherapeutic treatment. A recent review (Hoke and Ray, 2014) provides a thorough overview of the current animal models used for CIPN study.

A “dying back” axon degeneration is a prototypical pathological feature of CIPN in patients, and this can be assessed both in patients and in rodent models by skin biopsy and measurement of IENF density (Authier et al., 2000). Both the number of innervating nerve fibers and the neuronal subtypes perturbed by chemotherapeutic agents can be readily and quantitatively assessed in animal models. Additional studies of sensory and motor nerve conduction including sensory and compound muscle action potentials and latency of evoked response can be carried out to assess CIPN in animal models. Several groups have reported decreased sciatic nerve fiber diameter in rats treated with various dosages of paclitaxel (Authier et al., 2000; Persohn et al., 2005; Arrieta et al., 2011), as well as decreased peripheral nerve conduction (Persohn et al., 2005); however motor function is not altered (Authier et al., 2000). Peripheral nerve fiber degeneration has also been reported in rats/mice treated with vincristine (Ja'afer et al., 2006; Geisler et al., 2016), bortezomib (Cavaletti et al., 2007; Carozzi et al., 2010; Meregalli et al., 2010) and cisplatin (Carozzi et al., 2010; Arrieta et al., 2011). Although sensory neurons represent the most common target of CIPN, damage to motor and autonomic neurons have also been reported (Mora et al., 2016).

Behavioral studies in rodent models of CIPN assess mechanical allodynia, mechanical hyperalgesia, and thermal hypo- and hyperalgesia following exposure to chemotherapeutic drugs. Mechanical allodynia, the over sensitization to touch, is assessed by applying a series of monofilaments, the Von Frey filaments, to the hind paw of the animal and the threshold of pressure applied that causes the animals to withdraw their paw is measured. To measure changes in responses to temperature, a hot or cold stimulus is applied by tail immersion or radiant heat, and the response as assessed by tail flick or paw withdrawal is quantified. It is not yet known which of these behaviors best reflects the clinical condition. Thermal hyperalgesia is commonly observed in rodent models of CIPN (Authier et al., 2000; Cata et al., 2008; Zheng et al., 2012), while mechanical hyperalgesia (Authier et al., 2000) and thermal allodynia (Arrieta et al., 2011) are also reported. Unfortunately, the behaviors observed are inconsistent among different research groups, which is likely due to the fact that current rodent models are not standardized for animal strain, age, sex, or drug dosing schedule (Hoke and Ray, 2014). The diverse methods of initiating and assessing CIPN in rodent models make it difficult to compare data across laboratories.

Non-mammalian models have also been reported, but are less commonly studied. Lisse and colleagues reported on a Zebrafish model, in which DRG axon degeneration and impaired twitching response were observed after a 4-day treatment with paclitaxel (Lisse et al., 2016). Several groups have also established Drosophila models to study the underlying mechanisms of CIPN. To establish these models, adult flies or larvae are fed with food that contains chemotherapeutic drugs. Drosophila larvae fed paclitaxel exhibited axonal swellings and axon loss in sensory neurons without alterations at the neuromuscular junction (Bhattacharya et al., 2012). In this Drosophila model, axon degeneration occurs without loss of the neuronal cell bodies. Interestingly, overexpression of NMNAT, a protective protein during axon injury, prevented this paclitaxel-induced axon degeneration. Cisplatin fed adult Drosophila exhibited enhanced neuronal apoptosis in the brain and displayed defective climbing behavior (Podratz et al., 2011b, 2013). These results are consistent with findings from rodent models and from people, suggesting that these non-mammalian systems can provide valuable models to study CIPN.

Tissue Culture Models

In addition to animal models, tissue culture preparations of rat and mouse DRG sensory neurons are used to study CIPN at a mechanistic level (Malgrange et al., 1994; Yang et al., 2009; Guo et al., 2017). While most studies have relied on embryonic tissue, a recent study by Gornstein et al. developed a DRG culture from adult mice to study paclitaxel-induced neuropathy (Gornstein and Schwarz, 2017). Recent methods for turning human adult cells into induced pluripotent stem cells (iPSCs) and reprogramming these cells to generate peripheral sensory neurons have enabled studies of CIPN on cultured human cells (Chambers et al., 2012; Wainger et al., 2015). A recent study analyzed the effects on different chemotherapy agents on neurite outgrowth using commercially available iPSC-derived neurons coupled with high content imaging analysis. Both paclitaxel and vincristine-treated neurons showed decreased neurite outgrowth without increased cell death, while cisplatin treatment induced cell death (Wheeler et al., 2015). Moreover, knocking down TUBB2A, a gene encoding a tubulin isoform that has previously been identified as the locus for a single nucleotide polymorphism associated with enhanced risk of CIPN (Leandro-Garcia et al., 2012), increased the sensitivity of iPSC-derived neurons to paclitaxel treatment (Wheeler et al., 2015). This result supports the hypothesis that disruption of microtubule dynamics may be one mechanism contributing to CIPN. These findings also suggest that human iPSC-induced neurons can provide a reliable and powerful in vitro human model for mechanistic and therapeutic studies of CIPN.

PATHOLOGY OF CIPN

The mechanism(s) whereby chemotherapies cause CIPN are not yet understood, nor is it clear whether distinct agents converge on a shared pathway to induce symptoms. While effects of chemotherapeutic agents on neurons, glial cells, and skin cells have each been suggested to initiate the neurological symptoms, studies in patients and in animal models implicate axonal degeneration as a common process in CIPN pathology. Specifically, chemotherapeutic agents either directly or indirectly trigger a “dying back” axon degeneration that proceeds in a distal-to-proximal manner. Potential mechanisms for initiating axon degeneration include defects in axon transport, altered mitochondrial function, or altered Ca+2 homeostasis (Figure 1).
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FIGURE 1. Mechanism of axon degeneration and sites of action of chemotherapeutic drugs. Axon degeneration is determined by factors that can either enhance death and/or inhibit survival pathways. Key mechanisms that underlie this pathway are transcriptional programs, microtubule-dependent transport, local translation to modulate mitochondrial function, and proteolysis. Chemotherapeutic agents (illustrated by colored skull and cross bones) that are currently known to modulate these key mechanisms are depicted (see text for detail). (1) During developmental axon pruning, target-derived neurotrophins instruct transcription of key pro-survival genes (Bclw). Under neurotrophic deprivation, the function of pro-survival genes is overcome by induction of pro-death genes (Puma). (2) Key transcripts of neurotrophin-dependent retrograde response genes (Bclw) are transported in an anterograde manner by kinesin motor proteins toward distal axons. Cell soma-derived factors (NMNAT2) are also transported to axons to replenish axonal pools of proteins with fast turnover rate. (3) Local translation of Bclw and LaminB2 (not shown) modulates mitochondrial function to inhibit the caspase cascade. Mitochondrial and ER integrity is also critical for maintaining Ca2+ homeostasis to prevent activation of Ca2+-dependent calpains. (4) Neurotrophic deprivation leads to degradation of XIAP, a key inhibitor of the caspase cascade. NMNAT2, a survival factor with a short half-life, is possibly degraded through the proteasome in axons. (5) Vincristine and axotomy activates SARM1 and DLK/MAPK signaling, leading to activation of calpains, the ultimate convergence point for executing axon degeneration. Expression of Wlds, axonal NMNAT1, or NMN deaminase provides protection against vincristine or injury-induced degeneration. (6) Non neuron-autonomous effects from other cell types can potentially sensitize axons to degeneration during CIPN. Paclitaxel-induced neurotoxicity can mediate inflammatory response and epithelial damage to perturb skin homeostasis. Bclw, Bcl-2-like protein 2; Puma, p53 upregulated modulator of apoptosis; NMNAT, nicotinamide mononucleotide adenylyltransferase; ER, endoplasmic reticulum; IP3R, inositol 1,4,5-triphosphate receptor; BAX, Bcl-2-like protein 4; XIAP, X-linked inhibitor of apoptosis protein; SARM1, sterile α-motif-containing and armadillo-motif-containing protein; DLK, dual leucine zipper kinase; MAPK, mitogen-activated protein kinase; Wlds, Wallerian degeneration slow; NMN, nicotinamide mononucleotide; CIPN, chemotherapy-induced peripheral neuropathy.



CIPN and Axon Transport

Paclitaxel, vincristine, and bortezomib all affect microtubule dynamics by inhibiting the processes of tubulin depolymerization and polymerization (Figure 1). Paclitaxel causes retraction bulbs at the tips of sensory nerve axons, indicating axon degeneration (Gornstein and Schwarz, 2017). Epothilone B, a chemotherapy drug currently in clinical trials, is a structurally distinct compound that binds to the same site on tubulin as paclitaxel. Interestingly, DRG cultures treated with epothilone B showed a similar axon tip retraction as cultures treated with paclitaxel (Gornstein and Schwarz, 2017). This further indicates that altered microtubule dynamics contributes to taxane-induced axonopathy. As both anterograde and retrograde axonal transport rely on microtubule integrity and dynamics, CIPN drugs targeting microtubule are likely to result in altered axonal transport of essential cellular components. LaPointe and colleagues used an in vitro vesicle motility assay and discovered that vincristine and paclitaxel inhibit anterograde axonal transport in axoplasm isolated from squid giant axons, and that vincristine inhibits retrograde transport as well (LaPointe et al., 2013). Additional studies in simple systems affirm that paclitaxel can reduce axonal transport (Theiss and Meller, 2000; Shemesh and Spira, 2010). In support of the possibility that impaired transport causes CIPN, a recent study demonstrated reductions in the levels of several axonal mRNAs in the distal nerves of mice treated with paclitaxel (Bobylev et al., 2015). In contrast, time lapse studies detected little change in mitochondria and late endosome/lysosome transport along microtubules following paclitaxel treatment (Gornstein and Schwarz, 2017). Thus, it is possible that paclitaxel causes defective mRNA transport, rather than a general disruption of microtubule-based motility.

Mitotoxicity in CIPN

Mitochondrial dysfunction is commonly observed in CIPN (Figure 1). Abnormal mitochondrial morphology including swelling, vacuolation, enlargement, and loss of cristae structure have been observed in peripheral nerve axons (Flatters and Bennett, 2006; Xiao et al., 2012; Zheng et al., 2012; Bobylev et al., 2017), but not in the surrounding Schwann cells (Xiao et al., 2012) in several CIPN animal models. Potential causes of altered mitochondria include paclitaxel-induced depletion of mRNAs encoding mitochondrial fission/fusion machinery in distal axons (Bobylev et al., 2015). Mitochondria dynamics may be altered in cisplatin-treated animals due to decreased level of mitochondrial fusion protein MFN2 in distal axon segments (Bobylev et al., 2017). Moreover, increased mitochondrial fragmentation, as well as decreased mitochondrial fission/fusion dynamics and motility, occur rapidly in vincristine-treated DRG cultures and precede axon degeneration (Berbusse et al., 2016). Platinum agents can also affect mitochondrial function through damaging mitochondrial DNA (mtDNA), and thereby impeding mtDNA replication and transcription (Podratz et al., 2011a). Thus, mitochondrial dysfunction may represent a common mechanism for axon degeneration in CIPN (Figure 1).

Ca2+ Homeostasis and Cation Channels

Ca2+ homeostasis is critical for neuronal and axonal health. Mitochondria and the endoplasmic reticulum (ER) both function as intracellular stores of Ca2+, and paclitaxel treatment alters Ca2+ homeostasis, potentially by inducing Ca2+ release from the mitochondria (Kidd et al., 2002; Figure 1). An alternative mechanism for alterations in intracellular Ca2+ dynamics was presented by Boehmerle and colleagues, who reported that paclitaxel-induced Ca2+ oscillation reflects altered function of inositol 1,4,5-trisphosphate receptors (IP3R) in the ER (Boehmerle et al., 2006; Figure 1). Indeed, chronic paclitaxel exposure leads to impaired phosphoinositide-mediated Ca2+ signaling in both neuroblastoma cell and DRG cultures (Boehmerle et al., 2007). Increased intracellular Ca2+ can activate the potent protease calpain, which directly triggers axon degeneration (Wang et al., 2012). Moreover, Ca2+ reducing drugs alleviate mechanical allodynia and hyperalgesia in paclitaxel and vincristine rat models (Siau and Bennett, 2006).

Chemotherapeutic agents may alter cation channels more generally. Recent studies showed that cisplatin, paclitaxel or bortezomib treatment result in increased expression of the non-selective cation channels, TRPV1 and TRPA1, in cultured DRG neurons (Ta et al., 2010; Hara et al., 2013; Quartu et al., 2014). As TRP channels are critical for pain signaling, alterations in these cation channels may be an important component of CIPN. Therefore, approaches that target Ca2+ homeostasis and/or cation channels provide potential future therapies.

Central Sensitization and CNS Glial Activation

While abundant data indicate that peripheral nerves and epidermal innervation are affected in CIPN, changes in the central nervous system (CNS) may also contribute to the disorder. Central sensitization may occur as a direct or indirect consequence of chemotherapeutic agents. Low concentrations of chemotherapeutic drugs, oxaliplatin, and paclitaxel, can be detected in the CNS after systemic dosing that produce hyperalgesia in rats (Huang et al., 2016). Paclitaxel can directly sensitize spinal neurons to TRPV1-mediated capsaicin response (Li et al., 2015), while oxaliplatin can increase expression and release of chemokine C-X3-C motif ligand 1 from spinal cord neurons (Huang et al., 2016). Thus, chemotherapeutic agents can possibly act directly on spinal neurons to mediate central sensitization.

The release of chemokines and cytokines from spinal neurons may further potentiate neuropathic pain by activating microglia and astrocytes. Paclitaxel can induce activation of astrocytes, and in some cases microglia, in the dorsal horn of the spinal cord (Zhang et al., 2012; Ruiz-Medina et al., 2013). Consistent with these effects, drugs that affect astrocytes and microglia, including cannabinoid agonists and minocycline, have been reported to alleviate mechanical allodynia in rats (Boyette-Davis et al., 2011; Burgos et al., 2012). Interestingly, some chemotherapeutics can also activate astrocytes and microglia in regions of the brain associated with chronic pain and nociceptive processing, as paclitaxel increases expression of GFAP in anterior cingulate cortex concurrent with behavioral evidence of thermal hyperalgesia (Masocha, 2015). Collectively, these evidences demonstrate a potential contribution of CNS sensitization and glial activation to the neuropathic pain that occurs in CIPN.

MECHANISTIC INSIGHTS INTO CIPN AND AXON DEGENERATION

The recent failures of multiple clinical trials for CIPN (Majithia et al., 2016) underscore the need to explore and address underlying molecular mechanisms more broadly. Since all the relevant chemotherapeutic agents, either directly or indirectly, trigger a “dying back” axon degeneration, a greater understanding of the biology of axon degeneration process per-se can identify major players and signaling pathways that can be targeted. Axon degeneration can be provoked by multiple stimuli in addition to chemotherapeutic agents. Axon pruning during development and axotomy also entail axon degeneration. Here we will discuss what is currently known about the cellular pathways for axon degeneration in these contexts, to provide insights for addressing the molecular mechanisms of axon degeneration during CIPN.

Developmental Axon Pruning

Axon degeneration constitutes a necessary and healthy end result of pruning that allows plasticity of neuronal circuitry during development. The process of axon pruning has been studied in diverse species including mice, Drosophila, C. elegans, and zebrafish (Kage et al., 2005; Hayashi et al., 2009; Poulain and Chien, 2013; Yu and Schuldiner, 2014; Riccomagno and Kolodkin, 2015). Early in development, excess innervation can be observed in both the CNS and PNS. Subsequently, refinement of neuronal connectivity through axon pruning enables the establishment of the robust mature circuitry. Multiple signaling processes critical for axon pruning and refinement have been identified in studies of both central and peripheral neurons.

Repulsive axon guidance cues such as the semaphorins bind to pruning receptors and initiate local axon degeneration in the CNS. For example, in the hippocampus, stereotyped pruning of infrapyramidal bundle (IPB) is initiated by semaphorin3F expressed in interneurons in the stratum oriens, and is achieved by signaling complexes containing neuropilin-2 and plexin-A3 (Bagri et al., 2003). A similar role for semaphorin3F in axon pruning has been observed in corticospinal tract from layer 5 of the visual cortex (Low et al., 2008). In Drosophila, mushroom body (MB) γ neurons provide another system where stereotyped axon pruning occurs during development. Pruning of dorsal and medial axonal branches during metamorphosis requires signaling through a TGF-β receptor complex in MB γ neurons, and is initiated by myoglianin secreted from nearby glial cells (Awasaki et al., 2011). Although TGF-β signaling is essential for axon fragmentation, it is not sufficient. Thus, glial cells initiate the process of axon fragmentation in these cells but other factors are required to fully execute axon pruning. Similarly, chemotherapeutic agents acting directly on nearby glial cells may sensitize neurons subsequently undergo axon degeneration. Although paclitaxel has been shown to induce inflammatory responses and promote epithelial damage prior to the induction of axon degeneration (Lisse et al., 2016; Zhang et al., 2016), this model of sensitization has not yet been explored with other chemotherapeutic drugs.

Much of our understanding of developmental axon pruning is derived from studies of neurotrophins, nerve growth factor (NGF), brain-derived neurotrophic factor (BDNF) and neurotrophins 3 and 4 (NT3 and NT4), which are released in a limited amount by target tissues and promote axon and cell body survival (Harrington and Ginty, 2013). The role of neurotrophins in regulating axonal survival and degeneration is most widely studied in the PNS, particularly sympathetic and sensory neurons. Target-derived neurotrophins bind and activate tropomyosin receptor kinase (Trk) receptors in the innervating axon terminals. Endocytosis of the activated receptors results in signaling endosomes that are retrogradely trafficked along the axons. The signaling endosomes initiate instructive programs that promote both axonal and cell survival (Tasdemir-Yilmaz and Segal, 2016). Consequently, neurons that fail to receive neurotrophins lose their innervation, and may undergo apoptosis. This selection process of both axonal and cell degeneration is further enhanced by active signaling to eliminate axon processes. In superior cervical ganglion (SCG) sympathetic neurons, active signaling through the p75 neurotrophin receptor (p75NTR) can promote axon degeneration or even apoptosis (Singh et al., 2008). These examples provide evidence of overlap between cellular and axonal survival and death processes, and suggest that cumulative responses to pro-survival and pro-death signals may also play a role in the axon degeneration observed in CIPN.

Regulation of Axonal Survival during Development: Coordination of Transcription, Transport, Translation, and Proteolysis

Regulation occurs at multiple levels to determine whether axons will survive or degenerate, including nuclear transcription, axonal translation and protein activity (Tasdemir-Yilmaz and Segal, 2016). In vitro culture systems using compartmented culture platforms have proven to be valuable tools that recapitulate the spatially and fluidically isolated cell body and distal axon compartment observed in vivo, enabling mechanistic understanding of the multiple regulatory steps involved in determining and implementing axonal survival or degeneration.

In these compartmented systems, stimulation of axon terminals with target-derived neurotrophins promotes axon outgrowth and prevents both axon degeneration and cell body apoptosis. In contrast, neurotrophin stimulation of cell bodies prevents apoptosis, but does not prevent axon degeneration. Therefore, some of the retrograde response genes that are selectively transcribed in response to neurotrophin stimulation of axons and not by stimulation of cell bodies are likely to encode components needed for axonal survival. These transcriptional changes can be closely linked to events in the axon, as many newly transcribed mRNAs are transported to the distal axons, where they are translated into protein. For example, the Bcl2 family member, Bclw (aka Bcl2l2) is a retrograde response gene, and newly transcribed Bclw mRNA is transported to the axons, where it is locally translated and the resultant protein promotes axonal survival (Pazyra-Murphy et al., 2009; Courchesne et al., 2011; Cosker et al., 2013; Figure 1).

Recently, the RNA binding protein SFPQ was shown to bind multiple axonal transcripts including Bclw and LaminB2 mRNAs (Cosker et al., 2016). While LaminB2 is predominantly a nuclear membrane protein, locally translated LaminB2 associates with axonal mitochondria and adjusts mitochondrial function (Yoon et al., 2012). SFPQ is needed for transport and axonal localization of Bclw, LaminB2, and others, and so functions to promote axonal survival and prevent axon degeneration (Cosker et al., 2016; Thomas-Jinu et al., 2017). Together these studies demonstrate that regulated transcription, axonal transport, and local translation work in concert to determine and implement axon survival pathways. Currently, there is no evidence for chemotherapeutic agents affecting transcription of pro-survival genes or translation of axonal mRNAs. However, as this pathway is critical in axon survival, such studies represent an important direction for future research.

In addition to the neurotrophin-mediated axon survival pathways above, key transcriptional programs have recently been uncovered that actively promote axon degeneration during trophic deprivation. Simon et al. demonstrated that loss of neurotrophic support induces transcription of Puma, which encodes a pro-apoptotic BH3-only family protein Puma, through the DLK/MAPK signaling pathway (Simon et al., 2016; Figure 1). Maor-Nof et al. provided further mechanistic insight into this transcriptional program, demonstrating that the phosphatase Dusp16 functions to put a brake on the degenerative response by inhibiting Puma transcription (Maor-Nof et al., 2016). At present it is not clear whether the Puma protein subsequently functions in the cell bodies or in axons to trigger axon degeneration. In either case, it will be important to assess whether this pro-degenerative component contributes to the biology of CIPN.

A final step in executing axon degeneration involves proteolytic cleavage of axonal proteins by caspases and calpains. Initiator caspase-9 and the effector caspases-3 and -6 have all been implicated in axon degenerative cascades (Nikolaev et al., 2009; Schoenmann et al., 2010; Simon et al., 2012; Cusack et al., 2013; Unsain et al., 2013). Caspase-mediated degeneration is usually held in check by inhibitor of apoptosis protein (IAP) (Figure 1) (Potts et al., 2003; Cusack et al., 2013; Unsain et al., 2013). Calpains are Ca2+-activated proteases that execute axonal degeneration by proteolysis of multiple cellular proteins. Calpastatin inhibits calpain activation during developmental pruning and so limits the extent of axon degeneration (Yang et al., 2013). Similarly, calpain-mediated proteolysis has been implicated as a convergent pathway that contributes to axon degeneration in CIPN (Figure 1). Mice treated with paclitaxel that are administered calpain inhibitors show reduced signs of axonal degeneration in sensory neurons and improved clinical measures of neuropathy (Wang et al., 2004) One of the targets of calpain during paclitaxel-induced peripheral neuropathy is neuronal calcium sensor-1 (NCS-1). NCS-1 binds to IP3R to enhance intracellular calcium signaling. Paclitaxel disrupts IP3R-mediated intracellular calcium signaling via NCS-1 degradation (Boehmerle et al., 2007). In the future, it will be important to identify other molecular downstream targets of calpain relevant to peripheral neuropathy. Nonetheless, these studies demonstrate calpain as a promising therapeutic target for CIPN.

Wallerian Degeneration

Axon degeneration due to traumatic injury represents another useful model for mechanistic studies of axon degeneration or survival. Following axotomy, an initial latent phase is followed by fragmentation of the cytoskeleton, destruction of organelles, and ultimately disintegration of axons distal to the severed site (Gerdts et al., 2016). This process of axon degeneration is referred to as Wallerian degeneration (WD). Much of the mechanistic understanding of WD derives from a spontaneous genetic mutation, Wallerian degeneration slow (Wlds), which delays the process of WD. This mutation encodes a chimeric fusion protein of the N-terminal fragment of E4 ubiquitin ligase Ube4b and the enzyme nicotinamide mononucleotide adenylyltransferase 1 (NMNAT1; Conforti et al., 2000). The axonal protective effect of the mutant Wlds depends on the NMNAT1 portion of the fusion protein, which synthesizes nicotinamide adenine dinucleotide (NAD+) from nicotinamide mononucleotide (NMN; Araki et al., 2004). This protective role of Wlds is conserved evolutionarily across diverse species (MacDonald et al., 2006; Martin et al., 2010).

Building on the exciting discovery that the Wlds mutation slows the process of axon degeneration, multiple studies have addressed the roles of NMNAT enzymes in axonal survival. There are three mammalian NMNATs. Loss of function mutations in NMNAT2, but not the other NMNATs triggers Wallerian-like degeneration in undamaged axons (Gilley and Coleman, 2010; Gilley et al., 2013). As NMNAT2 is selectively expressed in axons and has a very short half-life, NMNAT activity in axons requires continued anterograde transport of this enzyme from the cell soma (Figure 1). Slowing the turnover of NMNAT2 can significantly delay injury-induced WD (Xiong et al., 2012; Babetto et al., 2013; Milde et al., 2013a,b). These studies on NMNAT2 highlight the essential role of axonal transport and proteasomal degradation in maintaining homeostatic protein content in axons. Disruption of either pathway can reduce any levels of critical axonal protein levels below a necessary threshold and so induce degeneration cascade. Therefore, chemotherapy-induced changes in axonal transport, translation and proteasomal degradation represent important avenues of investigation in future studies of CIPN.

Studies of axotomy have also identified SARM1, a scaffolding molecule, as a critical regulator of axonal degeneration. Loss of function of SARM1 significantly delays axon degeneration after injury, indicating that SARM1 functions as a pro-degeneration factor in WD (Osterloh et al., 2012; Gerdts et al., 2013). Depletion of SARM1 prevents the axon degeneration phenotype seen with NMNAT2 loss of function, indicating that these two components act in the same signaling cascade, with SARM1 downstream of NMNAT2 (Gilley et al., 2015). To understand the functions of SARM1 and NMNAT2, several investigations have analyzed the importance of NAD+ vs. NMN and ATP, the product and the substrates of NMNAT2 enzymatic activity, respectively. It is not yet clear whether loss of NMNAT2 triggers axon degeneration as a result of NAD+ deficiency, or accumulation of NMN, or other outcomes. Whether SARM1 alters NAD+ or NMN to induce axon degeneration is an area of active investigation (Di Stefano et al., 2015, 2017; Gerdts et al., 2015; Sasaki et al., 2016; Essuman et al., 2017). One important consequence of SARM1 activation or of NMNAT2 loss is activation of DLK/MAPK signaling, which ultimately triggers calpain-mediated axon degeneration (Yang et al., 2013, 2015; Figure 1).

Calpain and many additional components implicated in axonal responses to injury are linked to CIPN. Initial evidence of these similarities came from studies demonstrating that Wlds mutant neurons display resistance to vincristine-induced neuropathy (Wang et al., 2001). More recently, SARM1 knockout mice were shown to be resistant to vincristine in an in vivo model (Geisler et al., 2016). Essuman et al. demonstrated that SARM1 functions as a NAD+-depleting enzyme and that the intrinsic NADase activity of SARM1 is required for vincristine-induced axon degeneration (Essuman et al., 2017). Additional evidence that the SARM1 pathway plays a critical role in CIPN includes data that expression of axonal NMNAT1 and constitutive expression of the NMN deaminase that consumes NMN, both protect against vincristine-induced peripheral neuropathy (Sasaki et al., 2009; Di Stefano et al., 2017). Therefore, inhibition of SARM1 enzymatic activity might be a useful therapeutic strategy in CIPN.

Human Variants

In addition to these models of development and axotomy, a final approach for identifying molecular cascades implicated in CIPN is to discover human variations that alter susceptibility to CIPN. The incidence of CIPN varies significantly from person to person. Increased age, diabetes, and previous neuropathy are known risk factors for CIPN. However, it is likely that genetic variations are also important for susceptibility. Several genome wide association studies (GWAS) have identified gene variants associated with increased vulnerability to CIPN. Single nucleotide polymorphisms of FGD4 and EPHA5 were significantly associated with susceptibility to paclitaxel-induced peripheral neuropathy in both European and African ancestral groups (Baldwin et al., 2012). FGD4 (FYVE, RhoGEF, and PH Domain Containing 4) is a Rho GTP/GDP exchange protein regulating actin cytoskeleton dynamics (Obaishi et al., 1998). Mutations of FGD4 in humans lead to autosomal recessive demyelinating Charcot-Marie-Tooth neuropathy (type 4H; De Sandre-Giovannoli et al., 2005; Delague et al., 2007; Stendel et al., 2007). The EPHA family is a group of tyrosine kinase receptors that bind to the Ephrin ligands. Eph/Ephrin signaling has been implicated in regulating axon outgrowth and guidance during development (Dickson, 2002; Egea and Klein, 2007). A recent study performed next generation sequencing on patients who developed significant neuropathy after paclitaxel, and identified variations of three related receptors, EPHA5/6/8, that correlated with susceptibility to paclitaxel-induced neuropathy (Apellaniz-Ruiz et al., 2017). Other CIPN associated genes identified by GWAS studies also play critical roles in neurite outgrowth and nerve development including FZD3 (Baldwin et al., 2012), TUBB2A (Leandro-Garcia et al., 2012), VAC14 (Hertz et al., 2016). These candidates may affect CIPN by directly affecting the cytoskeleton organization (TUBB2A, FGD4), by regulating intracellular trafficking (VAC14) or may function as signaling molecules regulating axon growth (EPHA, FZD3). Future verifications are required to confirm the involvement of these genes in CIPN pathology, and how these factors might contribute to the disorder.

CONCLUDING REMARKS

As summarized in this review, multiple chemotherapeutic agents that cause CIPN are directed against different molecular targets. Preclinical studies have generated several hypotheses to explain the pathogenesis of CIPN by these agents, including defective axon transport, mitotoxicity, and altered Ca2+ homeostasis. While each agent may initially affect the nervous system in a distinctive manner, the pathologies observed in CIPN converge to cause an axon degenerative process. Mechanistic studies of the phenotypically similar axon degeneration processes during developmental axon pruning or during injury-induced WD are likely to shed new light on the molecular basis of CIPN. Indeed, several signaling molecules on the SARM1, DLK/MAPK, and NMNAT pathways that protect axons from WD can also impact CIPN. Concurrently, human GWAS studies have identified pathways implicated in neurite outgrowth and/or axon maintenance that may be relevant for axon degeneration in CIPN. These findings suggest that axon degeneration is central to CIPN pathology. Enhanced understanding of the pathologic process of axon degeneration will be essential for developing an arsenal of effective therapies of CIPN.
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Glaucoma is a complex neurodegenerative disease characterized by progressive visual dysfunction leading to vision loss. Retinal ganglion cells are the primary affected neuronal population, with a critical insult damaging their axons in the optic nerve head. This insult is typically secondary to harmfully high levels of intraocular pressure (IOP). We have previously determined that early mitochondrial abnormalities within retinal ganglion cells lead to neuronal dysfunction, with age-related declines in NAD (NAD+ and NADH) rendering retinal ganglion cell mitochondria vulnerable to IOP-dependent stresses. The Wallerian degeneration slow allele, WldS, decreases the vulnerability of retinal ganglion cells in eyes with elevated IOP, but the exact mechanism(s) of protection from glaucoma are not determined. Here, we demonstrate that WldS increases retinal NAD levels. Coupled with nicotinamide administration (an NAD precursor), it robustly protects from glaucomatous neurodegeneration in a mouse model of glaucoma (94% of eyes having no glaucoma, more than WldS or nicotinamide alone). Importantly, nicotinamide and WldS protect somal, synaptic, and axonal compartments, prevent loss of anterograde axoplasmic transport, and protect from visual dysfunction as assessed by pattern electroretinogram. Boosting NAD production generally benefits major compartments of retinal ganglion cells, and may be of value in other complex, age-related, axonopathies where multiple neuronal compartments are ultimately affected.

Keywords: glaucoma, NAD+, WldS, axon degeneration, retinal ganglion cell

INTRODUCTION

Glaucoma is complex, multifactorial disease characterized by the progressive dysfunction and loss of retinal ganglion cells. Affecting 80 million people, glaucoma is a leading cause of vision loss worldwide (Quigley and Broman, 2006) and is one of the most common neurodegenerations. Major risk factors include increased intraocular pressure (IOP) and age. Degeneration of the retinal ganglion cell during glaucoma is a compartmentalized process, with differing mechanisms damaging distinct compartments (soma, axon, dendrite, and synapse; Whitmore et al., 2005). Genetic or pharmacological targeting of processes underlying compartmental damage only provides partial protection against glaucoma [e.g., inhibition of somal degeneration through genetic removal of Bax (Libby et al., 2005b) and preventing synapse elimination through the genetic or pharmacological inhibition of C1 (Williams et al., 2016)]. It is important to discover strategies that protect all neuronal cell compartments as this may allow additional cell survival and increased neuronal function. Therapies that target early dysfunction and protect multiple neuronal compartments are likely to be the most effective at preserving vision.

The DBA/2J (D2) mouse is a widely used model of glaucoma, which recapitulates the hallmark features of the human disease (Libby et al., 2005a; Nickells et al., 2012). In D2 mice in our colony, ocular hypertension occurs in the majority of eyes by 8–9 months of age (mo). Retinal ganglion cells are damaged as early as 9 mo with disrupted electrical activity (Porciatti, 2015), and dendritic and synaptic atrophy without detectable RGC loss or optic nerve degeneration (Williams et al., 2013, 2016). Optic nerve degeneration occurs from 10 mo onwards with local axonal dystrophy being an early event. To understand the earliest molecular changes that occur in glaucoma, we have used RNA-sequencing (RNA-seq) to analyze D2 retinal ganglion cells at different ages. This identified mitochondrial dysfunction and metabolite depletion (most notably reduction in total NAD [NAD(t); NAD+ and NADH)] as a primary driver of early damage in glaucoma. Restoration of NAD, using a diet supplemented in nicotinamide (NAM; an NAD precursor), or through gene therapy (over expression of Nmnat1; coding an NAD producing enzyme), protects from glaucoma (Williams et al., 2017). Based on the presence of early glaucomatous damage in axons and synapses we hypothesize that targeting NAD-based treatments to these neuronal compartments will prove to be an even more effective treatment.

The Wallerian degeneration slow allele (WldS) is a chimera of Ube4b and Nmnat1 producing a fusion protein, WLDS (Mack et al., 2001). WLDS protects from an array of neurodegenerations including glaucoma (Howell et al., 2007; Beirowski et al., 2008). WLDS has NAD producing activity (Wang et al., 2005; Coleman and Freeman, 2010; Wu et al., 2011), and improves mitochondrial function and viability after injury (Avery et al., 2012; O'Donnell et al., 2013). Thus, WLDS provides a promising option for combinational therapy with NAM.

In the present study, we show that WLDS has a role in NAD(t) production in the retina, that both WLDS and NAM protect synapses and axons in glaucoma, and that NAM supplementation further reduces the risk of severe glaucomatous optic nerve degeneration in WldS D2 eyes. Remarkably, this combination of enzyme and precursor is profoundly protective and prevents glaucoma in 94% of eyes. This combination may be of substantial benefit in other neurodegenerative models, especially where WLDS alone may be less effective due to age or other causes of NAD depletion.

METHODS

Mouse Strains, Breeding, and Husbandry

Mice were housed and fed in a 14 h light/10 h dark cycle with food and water available ad libitum. All breeding and experimental procedures were undertaken in accordance with the Association for research for Vision and Ophthalmology Statement for the Use of Animals in Ophthalmic Research. The Institutional Biosafety Committee and the Animal Care and Use Committee at The Jackson Laboratory approved this study. DBA/2J (D2), DBA/2J-GpnmbR150X (D2-Gpnmb+), and DBA/2J.Bola-WldS/Sj (D2.WldS) strains were utilized and have been described in detail elsewhere (Libby et al., 2005a; Howell et al., 2007). D2-Gpnmb+ mice do not develop high IOP or glaucomatous neurodegeneration. For aged glaucoma experiments D2 or D2.WldS mice were administered NAM in food and/or water starting at 6 mo (prophylactic, prior to high IOP). NAM (550 mg/kg/d; PanReac AppliChem) was dissolved in regular acid drinking water (350 ml) and changed once per week.

Differential Gene Expression and Pathway Analysis

RNA-sequencing datasets were utilized from publically available RNA-sequencing transcripts generated by our lab and published previously (Gene Expression Omnibus accession number GSE90654). Adjustment for multiple testing was performed using false discovery rate (FDR, q). Genes were considered to be significantly differentially expression at an FDR < 0.05. For pathway analysis, QIAGEN's Ingenuity Pathway Analysis (IPA, Qiagen) was used for network generation across genes that are significantly differentially expressed.

NAD+/NADH Quantification

For NAD+/NADH [NAD total; NAD(t)] quantification retinas were dissociated as previously described and measured following the manufacturer's instructions (Biovision). Results were calculated according to the standard curve generated by using standards from the kits. Final NAD(t) concentrations for each samples were normalized to total protein concentration measured by DC assay.

Clinical Phenotyping

In all experiments, the progression of the iris disease and IOP in mutant or drug-treated mice were compared to control D2 mice as previously described (John et al., 1998; Chang et al., 1999). Briefly, for IOP measurement, mice were anesthetized and securely placed on a surgical platform. A drop of PBS was placed on the cornea to prevent dehydration and the anterior chamber was cannulated using a pulled glass microneedle attached to a micromanipulator. IOP was recorded as outlined in John et al. (1997) and Savinova et al. (2001). In each experiment, iris disease and IOP were assessed. Iris disease was assessed at 2-month intervals starting at 6 months of age until experiment completion. Intraocular pressure was measured at 45-day intervals beginning at 8–9 mo until experiment completion.

Pattern Electroretinography (PERG)

PERG was recorded subcutaneously from the snout as previously reported (Chou et al., 2014). Briefly, patterned stimuli (gratings of 0.05 cycles/degree, 100% contrast) generated on LED panels were presented at each eye separately with slight different frequencies around 1 Hz. Waveforms were retrieved using an asynchronous averaging method. Mice were anesthetized using ketamine/xylazine (Savinova et al., 2001) and body temperature maintained at 37°C on a feedback-controlled heated stage monitored by rectal thermometer.

Optic Nerve Assessment and Grading of Glaucomatous Damage

The processing of optic nerves and staining with paraphenylenediamine (PPD) was as previously reported (Smith et al., 2002). PPD stains the myelin sheath of all axons but darkly stains the axoplasm of only damaged axons. It is well-established to provide a very sensitive measure of optic nerve damage. Briefly, intracranial portions of optic nerves were fixed in 4% PFA at RT for 48 h, processed and embedded in plastic. A segment of optic nerve from within a region up to 1 mm from the posterior surface of the sclera was sectioned (1 μm thick sections) and stained with PPD. Typically 30–50 sections are taken from each nerve. Multiple sections of each nerve were considered when determining damage level. Optic nerves were analyzed and determined to have one of three damage levels:

(1) No or early damage (NOE)—Less than 5% axons damaged and no gliosis. This level of damage is seen in age and sex matched non-glaucomatous mice and is not due to glaucoma. Although none of these eyes exhibit glaucomatous nerve damage, this damage level is called no or early glaucoma as some of these eyes have early molecular changes that precede neurodegeneration (Howell et al., 2011). These molecular changes can be detected by gene expression studies. Eyes with these early molecular changes but no degeneration are considered to have early glaucoma when discussing metabolic, mitochondrial and gene expression changes in this paper.

(2) Moderate damage (MOD)—average of 30% axon loss and early gliosis,

(3) Severe (SEV)—Greater than 50% axonal loss and damage with prominent gliosis.

Anterograde Axon Transport

Mice were anesthetized using ketamine/xylazine and intravitreally injected with 2 μl AF488 cholera toxin subunit B (1 mg/ml in PBS; ThermoFisher Scientific). After 72 h mice were anesthetized and euthanized via 4% PFA cardiac perfusion. Brains and eyes were post-fixed in 4% PFA for an additional 24 h, cryoprotected in 30% sucrose in PBS overnight (ON), OCT cryoembedded, and sectioned at 20 μm. AF488 was visualized using a Zeiss AxioObserver or Zeiss AxioImager.

Histology

For immunofluorescence staining, mice were euthanized, their eyes enucleated, and placed in 4% PFA overnight (ON). Retinas were dissected and flatmounted onto slides, permeabilized with 0.1% Triton-X for 15 mins, blocked with 2% BSA in PBS, and stained ON at RT in primary antibody. After primary antibody incubation, retinas were washed five times in PBS, stained for 4 h at RT with secondary antibody. Antibodies used are shown in Table 1. Slides were then washed a further five times with PBS, stained with DAPI for 15 mins, mounted with fluoromount, coverslipped, and sealed with nail-polish. For retinal sections, eyes were cryoprotected in 30% sucrose ON, frozen in OCT, and cryosectioned at 18 μm. Slides were warmed to room temperature and the procedure above was followed. For immunofluorescence quantification Z-stack images were Z-projected, the color channel with the secondary fluorophore cropped out, a region of interest placed around the IPL, and mean pixel intensity measured (as in Bosco et al., 2011; Williams et al., 2012, 2016, 2017; Samuel et al., 2014). Retinas were imaged using a Zeiss AxioObserver in one session with exposure limits set the same for all images. For Nissl staining frozen sections were warmed to room temperature, placed in 1:1 alcohol:chloroform ON, and rehydrated through serial alcohol gradient. Slides were washed once in distilled water and stained for 15 mins in 0.1% cresyl violet in distilled water before being differentiated in 95% alcohol, dehydrated in 100% alcohol, and cleared in xylene. Slides prepared as above. Nissl stained retinal sections were imaged using a Nikon Eclipse E200. All images were prepared using FIJI (ImageJ).


Table 1. Antibodies used in this study.
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Statistical Analysis

The sample size (number of eyes, n) is shown in each figure legend. Graphing and statistical analysis was performed in R. Student's t-test was used for pairwise analysis in quantitative plots, Fisher's exact test was used for nerve grade comparisons. Error bars refer to standard error of the mean unless otherwise stated. *P < 0.05, **P < 0.01, ***P < 0.001.

RESULTS

RNA-Sequencing Implicates Early Axonal and Synaptic Dysfunction in Glaucoma

We have recently reported metabolic and mitochondrial dysfunction in retinal ganglion cells early in glaucoma. In the current study, we reexamined publicly available RNA-seq datasets generated by our lab (Williams et al., 2017). RNA-seq was performed on RNA from retinal ganglion cells from 9 month old D2 and D2-Gpnmb+ eyes (a strain matched control that does not develop glaucoma). At this 9 mo time point, the majority of eyes have had ongoing high IOP, but degeneration of the optic nerve has not yet occurred. We used unsupervised hierarchical clustering to generate novel clusters based on global gene expression patterns separating samples into four groups: D2 Group 1 (containing the subset of D2 samples that have not yet developed any glaucoma), and D2 Groups 2, 3, and 4 [all at early molecular stages of glaucoma with increasing group number reflecting increased glaucoma progression at a transcriptomic level (Williams et al., 2017)]. Here, we analyzed these groups paying particular attention to pathways that might give clues about damaging mechanisms insulting individual neuronal compartments, especially the axon and synapse, which are both directly insulted and undergo early damage. We discovered early transcriptional dysregulation of synaptic and axonal pathways that increased in significance with disease progression (Figure 1A). We noted significant enrichment of genes within pathways corresponding to “Axon guidance signaling” (gene families including ephrins and semaphorins that have roles in synapse formation, neuronal morphogenesis, and neuronal plasticity) and “CREB signaling in neurons” (gene families that are strongly implicated in neuronal survival and synaptic plasticity), as well as other synaptic pathways (“GABA receptor signaling”, “Glutamate receptor signaling”, “Synaptic long-term depression,” and “Synaptic long-term potentiation”). Genes of interest are listed further in the figure legend for Figure 1.
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FIGURE 1. Dysregulation of synaptic and axonal transcripts occurs early in glaucoma. (A) Ingenuity pathway analysis of RNA transcripts from retinal ganglion cells from 9 mo D2 eyes compared to no glaucoma, age-, and sex-matched D2-Gpnmb+ controls. Pathway analysis identifies highly significant early transcriptomic changes to synaptic and axonal pathways, which become more enriched with increasing disease progression at a transcriptomic level (all samples came from mice with no glaucoma, thus these changes occur before detectable neurodegeneration). These pathways contain differentially expressed genes encoding multiple proteins that are known to be associated axon and synapse dysfunction or degeneration in other neurodegenerations. These include multiple members of the ephrin family of receptors (Epha2, Epha4, Epha5, Epha6, Ephb2, Ephb3, Ephb4 Ephb6; Chen et al., 2012), metabotropic glutamate receptors (Grm3, Grm5, Grm6, Grm7; Ribeiro et al., 2017), Ryr3 (Balschun et al., 1999; Del Prete et al., 2014), and semaphorins (Sema3a, Sema3b, Sema3d, Sema4a, Sema5a, Sema6a, Sema6c, Sema7a; Shirvan et al., 2002; Good et al., 2004; Pasterkamp and Giger, 2009; Smith et al., 2015; Gutiérrez-Franco et al., 2016). There are no significantly enriched pathways in D2 Group 1 or D2 + NAM samples compared to controls. (B–D) Individual gene expression plots show gene sets representing proteins in the post-synaptic density (B), the synaptosome (C), and the synaptic mitochondrial proteome (D) as previously defined (Collins et al., 2006). Dots represent individual genes, gray, not differentially expressed; red, differentially expressed [at FDR (q) < 0.05 compared to D2-Gpnmb+ control]. For all gene sets, number of differentially expressed genes increases with increased disease progression, this implies early transcriptomic dysfunction within synaptic compartments. These differentially expressed gene changes are absent from D2 Group 1 (i.e., no glaucoma at transcriptomic level), as well as from D2 + NAM samples, suggesting that NAM prevents early synaptic transcriptomic changes.



Nicotinamide Supplementation Prevents Synapse Related Transcriptomic Changes

A diet supplemented in NAM potently inhibits mitochondrial dysfunction during glaucoma pathogenesis (Williams et al., 2017). Analyzing our RNA-seq dataset, we discovered that retinal ganglion cells from NAM treated mice (D2 + NAM) were robustly protected from the transcriptomic dysregulation of synaptic genes that was present in untreated D2s (Figure 1B). In addition, there were no enriched pathways in samples from NAM treated D2 mice compared to D2-Gpnmb+ controls. Thus, NAM supplementation prevents the earliest transcriptomic changes relevant to synapses and axons in glaucoma.

WLDS and NAM Increase Retinal NAD Levels and Prevent Mitochondrial Changes

WLDS prevents axon and synapse degeneration in various models of disease. Due to its NMNAT activity, we hypothesized that WLDS would increase available levels of NAD(t), in the retina similar to NAM treatment. Thus, we performed NAD [NAD(t); NAD+ and NADH)] assays on D2.WldS mice at two different ages, both pertinent to neurodegeneration in D2 glaucoma. WLDS dramatically increased retinal NAD(t) levels throughout our experimental time points at 9 mo and at 12 mo (12 mo is a typical terminal time-point for this model, where a majority of eyes have severe neurodegeneration; Figure 2). Another effect of NAM treatment in glaucoma is to prevent mitochondrial changes (Williams et al., 2017). An early marker of mitochondrial change in glaucoma is a decrease in TOM20 immunoreactivity levels. Both NAM treatment and WldS prevented the decrease in mitochondrial TOM20 immunoreactivity levels observed in D2 glaucoma (Figures 3A,D).
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FIGURE 2. NAM supplementation and/or WLDS robustly restores NAD(t) levels through to 12 months. NAD(t) levels decrease with age in D2 retinas. The presence of the WldS allele or a diet supplemented in NAM robustly increases NAD(t) levels through to 12 months (a typical end-time in this model where the majority of eyes have severe glaucoma; n = 22/group). *P < 0.05, **P < 0.01, ***P < 0.001; Student's t-test compared to age-matched D2 retinas.
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FIGURE 3. NAM supplementation or WLDS robustly protects from synapse elimination and neuronal stress. (A) Presence of the WldS allele or NAM prevents decreases in TOM20 staining (red). TOM20 is a central component of an essential complex responsible for recognition and translocation of mitochondrial preproteins (Neupert, 1997). We have previously demonstrated decreased mtRNA content in glaucomatous RGCs (Williams et al., 2017). These changes are correlated with a decrease TOM20 staining within the dendrite/synapses of D2 retinas. Retinas from NAM supplemented mice or mice carrying the WldS allele have TOM20 immunoreactivity levels similar to non-glaucomatous controls. 12 mo shown for all. Quantitative data are presented in (D). (B) Retinal ganglion cell synapses elimination begins early in glaucoma and progresses to widespread synapse loss by 12 mo. Presence of the WldS allele or NAM protects retinal ganglion cell synapses (as assessed by synaptophysin staining, green), even at late time points when degeneration is almost complete in untreated D2 eyes. 12 mo shown for all. Quantitative data are presented in (E). (C) GAP-43 levels increase in the retinal ganglion cell following axon injury at the proximal end of the axon (i.e., close to the optic nerve head; Doster et al., 1991). Presence of the WldS allele or NAM prevents increases in GAP-43 (red), reflecting dampened axon injury. Quantitative data are presented in (F). Images are shown from representative samples corresponding to nerve grades at 12 mo. n = 8/group. **P < 0.01, ***P < 0.001; Student's t-test compared to D2. Scale bars = 20 μm. GCL, ganglion cell layer; IPL, inner plexiform layer; INL, inner nuclear layer.



WLDS and NAM Protect from Synapse Elimination in Glaucoma

In D2 glaucoma there is a loss of synapses which is first evident (though mild) at 9 mo of age and progresses throughout the disease (Williams et al., 2016). We tested whether NAM or WLDS could protect from synapse loss out to an end stage, late-time point in this glaucoma (12 months of age where the majority of eyes have severe neurodegeneration). NAM and WLDS robustly protected against retinal ganglion cell synapse loss and neuronal stress in this model (Figures 3B,C,E,F).

WLDS and NAM Robustly Protect from Axon Degeneration in Glaucoma

To test whether the levels of available enzyme and precursor (NAM) limited optic nerve protection in glaucoma, we administered NAM to D2.WldS mice (D2.WldS + NAM). D2.WldS + NAM mice had a profoundly decreased risk of developing glaucomatous neurodegeneration. NAM or WLDS alone protected ~60–75% of optic nerves from degeneration, while combining NAM with WLDS protected 94% (Figures 4A,F). Remarkably, this combined protection affords an ~12-fold decrease in risk of developing glaucomatous nerve damage. NAM and WLDS robustly protected against retinal ganglion cell soma loss and retinal thinning (Figures 4B,D,E). Given this and along with the profound degree of optic nerve protection, the combinatorial treatment is much more effective overall. NAM and WLDS protected anterograde axoplasmic transport to major retinal ganglion cell targets in the brain (Figure 4G), and electrophysiological function of retinal ganglion cells (as assessed by pattern electroretinography) to levels similar to controls (Figure 4C). Importantly, neither NAM nor WLDS changed the clinical presentation of the disease (iris disease or increased IOP; Figure 5).
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FIGURE 4. NAM supplementation in combination with WLDS robustly protects from glaucomatous neurodegeneration. (A) Presence of the WldS allele or NAM significantly protect D2 eyes from optic nerve degeneration as assessed by PPD staining (examples in F). Combination of the WldS allele and NAM significantly protects a greater proportion of optic nerves than either treatment alone (94% of eyes have no detectable glaucoma). Green, NOE; no or early glaucoma, yellow, MOD; moderate glaucoma, red, SEV; severe glaucoma. n > 60/group. (B) Presence of the WldS allele and/or NAM protects from retinal ganglion cell soma loss (D), red, RBPMS, a specific marker of retinal ganglion cells, n > 6/group. The density drop between D2 NOE and D2-Gpnmb+ is due to pressure induced stretching of the retina, inner plexiform layer thinning and nerve fiber layer thinning (examples in E). (C) Presence of the WldS allele or NAM significantly protect from a loss of visual function as assessed by pattern electroretinography (PERG, n > 20/group). PERG is a sensitive measure of retinal ganglion cell function, and thus the WldS allele and/or NAM protect even the earliest changes in glaucoma. ***P < 0.001 between 12 mo treatment groups and D2 12 mo. (G) Presence of the WldS allele and/or NAM protects retinal ganglion cells from axon loss. These axons terminate in key brain regions and have functional axoplasmic transport as assessed by CT-β labeling (green, n = 10/group). Retinal ganglion cell counts and axoplasmic transport images are from representative samples corresponding to NOE nerve grades at 12 mo. Representative images are shown in D–G. (C,D) **P < 0.01, ***P < 0.001, ns, not significant. Scale bars = 20 μm (D–F), 200 μm (G). GCL, ganglion cell layer; IPL, inner plexiform layer; INL, inner nuclear layer.
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FIGURE 5. Presence of the WldS allele or a diet supplemented in NAM do not change clinical disease progression/presentation in treated eyes. IOP profiles (A) and clinical presentation of iris disease (B). IOP is not significantly different between cohorts within the same age-group. Iris disease (iris pigment dispersion resulting in asynchronous ocular hypertension) progressed at a similar rate and reached a severe state in all groups within the same time-frame. For boxplots, the upper and lower hinges represent the upper and lower quartiles. The centerline of each diamond (red) represents the mean, and the upper and lower diamond points represent 95% confidence intervals of the mean (n > 45 for 8–9 and 10 month groups, n > 25 for 12 month groups).



As individually protected eyes (NAM or WLDS alone) are already indistinguishable from controls, a greater degree of protection is not expected within eyes for the combinatorial treatment (D2.WldS + NAM). However, as the combined treatment protects a significantly greater proportion of optic nerves as well as that other retinal ganglion cell parameters are also protected in eyes with protected nerves, these data indicate that in D2.WldS + NAM eyes retinal ganglion cells and axonal transport are protected in a greater percentage of eyes. Thus, the benefit of WLDS + NAM is in that it fully prevents degeneration in all retinal ganglion cell compartments tested in the presence of elevated IOP in a greater percentage of eyes than either condition alone.

DISCUSSION

Neurons exist on a metabolic knife-edge primarily reliant on mitochondrial oxidative respiration and NAD dependent metabolism to meet energy demands. Our previous studies have demonstrated that NAD(t) depleting processes contribute to glaucoma (Williams et al., 2017). Here, we find that dietary supplementation of NAM (an NAD precursor) in combination with WLDS protects D2 mice from glaucoma (preventing functional vision loss, retinal, and optic nerve damage). Importantly, the combination of WLDS and NAM protects many more eyes (94% not developing glaucoma) than either treatment alone.

We previously determined that an age-dependent decline of NAD(t) renders retinal ganglion cells vulnerable to insults from elevated IOP, leading to subsequent glaucomatous degeneration (Williams et al., 2017). A diet supplemented with NAM boosts NAD(t) levels and reduces susceptibility to glaucoma. To better understand the effects of NAM and importance of NAD(t) levels, we studied the effects of NAM and an NAD-producing enzyme, WLDS, on pre-degenerative changes in glaucoma. NAM treatment prevented synaptic and mitochondrial changes based on transcript and protein expression data. WLDS is well-established to delay axon degeneration and provide variable, context-dependent protection of soma or synapses (Deckwerth and Johnson, 1994; Gillingwater et al., 2006; Beirowski et al., 2008). Here we show that WLDS increases NAD(t) levels in the retina, and in addition to preventing optic nerve and soma degeneration, WLDS prevents pre-degenerative changes in glaucoma (including synaptic loss, and a decrease in mitochondrial TOM20 levels) similar to NAM treatment.

As both NAM and WLDS independently boost retinal NAD(t) levels and have similar protective effects in glaucoma, these data are consistent with WLDS protecting retinal ganglion cells by increasing NAD(t) levels. They provide further support to the concept that maintaining NAD(t) levels is critical in enabling retinal ganglion cells to resist changes caused by glaucomatous insults. When presented in combination, D2.WldS and NAM act together to protect significantly more optic nerves from glaucoma than when tested alone. The combined treatment lowers the risk of developing glaucoma by ~12-fold in this model. The combined treatment did not further increase NAD(t), however, possibly due to a physiological limit of NAD(t) production within the retina (the activity of NAMPT, the rate limiting enzyme in NAM salvage, may be limiting). Nevertheless, it remains possible that the combined treatment is more protective as it enhances the supply of NAD(t) without further increasing its steady state level (i.e., greater NAD flux). Alternatively NAM and WLDS may act via different mechanisms. It is conceivable that NAM administration directly protects retinal mitochondria (possibly neuronal and non-neuronal) from dysfunction through its NAD dependent actions on the sirtuin family of enzymes while WLDS protects axons. NAM may also protect by modulating DNA damage responses and/or vascular tone, due to its direct inhibitory effects on PARP and cyclic ADP ribose (Sethi et al., 1996; Geiger et al., 2000; Gibson and Kraus, 2012). WLDS also has NAD independent roles in protecting axons (Zhai et al., 2006, 2008; Coleman and Freeman, 2010; Antenor-Dorsey and O'Malley, 2012; Kitay et al., 2013; O'Donnell et al., 2014). WLDS has been shown to partially attenuate mitochondrial transport defects following axotomy (O'Donnell et al., 2013), and our TOM20 results may be in part due to increased mitochondrial motility following induction of elevated IOP. Further studies are required to fully elucidate the mechanism of NAM and WLDS protection.

Our group has previously demonstrated that overexpression of murine Nmnat1 also protects from glaucoma (Williams et al., 2017). A benefit of WLDS over NMNAT1 alone is suggested to be the localization of WLDS at the site of injury, likely the axon or synapse (Beirowski et al., 2009), whereas NMNAT1 is predominantly nuclear. Consistent with this hypothesis, strategies that drive misexpression of NMNAT1 outside of the nucleus result in robust axonal protection comparable to that of WLDS (Sasaki et al., 2009). Here, we show that the combination of WLDS and NAM is profoundly protective with 94% of treated eyes not developing glaucoma. Previously, we observed protection in only 84% of NAM + Nmnat1 treated eyes (using the same NAM dose as the current study). With the caveats that its gene was inherited and not virally transduced (unlike Nmnat1) and in vivo NMNAT1 activity levels are difficult to compare, WLDS may provide a more effective therapy (Fisher's exact test, P < 0.01, NAM + WLDS vs. NAM + Nnmat1). However, future experiments are needed to definitively test this. The axonal protection conferred by the murine WldS allele is conserved across species, delaying axon degeneration in mice (Lunn et al., 1989), rats (Adalbert et al., 2005; Beirowski et al., 2008), zebrafish (O'Donnell et al., 2014), and flies (Hoopfer et al., 2006), as well as human neuronal cultures (Kitay et al., 2013). Although significant work is required before moving WldS into the clinic, based on these collective data there is definite promise for axon and synapse targeted treatments that manipulate molecules in the NAD pathway.

The combination of NAM and WLDS offers a potent neuroprotective strategy for glaucoma, and is likely to benefit even patients that are refractory to IOP lowering treatments. Although glaucoma may be uniquely sensitive to WLDS mediated protection, our current data raise the possibility of combining WldS (and/or Nmnat1) gene therapy with NAM administration in other neurodegenerative conditions. Such a combination has great potential to provide more effective protection than WldS alone. It is likely to be of especial value for age-related axonopathies. Importantly, this combination may even extend the protection beyond the axon to other neuronal compartments providing much-improved outcomes.
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The role of mitochondria within injured neurons is an area of active interest since these organelles are vital for the production of cellular energy in the form of ATP. Using mechanosensory neurons of the nematode Caenorhabditis elegans to test regeneration after neuronal injury in vivo, we surveyed genes related to mitochondrial function for effects on axon regrowth after laser axotomy. Genes involved in mitochondrial transport, calcium uptake, mitophagy, or fission and fusion were largely dispensable for axon regrowth, with the exception of eat-3/Opa1. Surprisingly, many genes encoding components of the electron transport chain were dispensable for regrowth, except for the iron-sulfur proteins gas-1, nduf-2.2, nduf-7, and isp-1, and the putative oxidoreductase rad-8. In these mutants, axonal development was essentially normal and axons responded normally to injury by forming regenerative growth cones, but were impaired in subsequent axon extension. Overexpression of nduf-2.2 or isp-1 was sufficient to enhance regrowth, suggesting that mitochondrial function is rate-limiting in axon regeneration. Moreover, loss of function in isp-1 reduced the enhanced regeneration caused by either a gain-of-function mutation in the calcium channel EGL-19 or overexpression of the MAP kinase DLK-1. While the cellular function of RAD-8 remains unclear, our genetic analyses place rad-8 in the same pathway as other electron transport genes in axon regeneration. Unexpectedly, rad-8 regrowth defects were suppressed by altered function in the ubiquinone biosynthesis gene clk-1. Furthermore, we found that inhibition of the mitochondrial unfolded protein response via deletion of atfs-1 suppressed the defective regrowth in nduf-2.2 mutants. Together, our data indicate that while axon regeneration is not significantly affected by general dysfunction of cellular respiration, it is sensitive to the proper functioning of a select subset of electron transport chain genes, or to the cellular adaptations used by neurons under conditions of injury.

Keywords: electron transport chain, growth cone, oxidoreductase rad-8, iron-sulfur protein, mitochondrial unfolded protein response

INTRODUCTION

Most neurons are intrinsically competent to regenerate their axonal processes after damage, although neurons of the adult mammalian central nervous system are generally unsuccessful in their regrowth attempts (He and Jin, 2016). Extensive studies in multiple model systems have revealed a complex set of intrinsic and extrinsic regulators of axon regeneration, and efforts are underway to understand these mechanisms with the aim of coaxing neurons into regrowing their connections and restoring neural function (Tedeschi and Bradke, 2016).

Successful axon regeneration is an intricate multistep process: The initial injury generates various cellular signals that must be detected, propagated, and interpreted by the neuron, and early responses include resealing the disrupted membrane and stabilizing damaged structures. Following this, the “repair” response involves preparing cellular structures for repair, initiating genetic growth/regrowth programs, synthesizing cellular components needed for regeneration and transporting them to the injury site, and the formation of pro-growth structures such as growth cones. Finally, for functional restoration of the neural circuit, regrowing axons must reach their targets, pathfinding successfully in the post-developmental environment while overcoming growth-inhibiting factors.

Using the nematode Caenorhabditis elegans, we and others have taken a genetic approach to identifying molecular mechanisms of axon regeneration, reviewed in Chisholm et al. (2016). The axons of C. elegans sensory and motor neurons respond to damage by forming growth cones at the severed axon stump followed by extending the axon and eventually reconnecting to targets (Yanik et al., 2004). As in other animals, axonal injury triggers an initial transient change in axonal calcium levels, the dynamics of which are important determinants of subsequent regrowth (Ghosh-Roy et al., 2010). A MAP kinase cascade involving the dual leucine-zipper kinase DLK-1 is essential and rate-limiting for early steps in regeneration, including growth cone formation (Hammarlund et al., 2009; Yan et al., 2009; Yan and Jin, 2012). DLK-1 activity is regulated by calcium and acts as a link between initial injury signals and subsequent cytoskeletal and transcriptional responses (Ghosh-Roy et al., 2012; Chen et al., 2015). In response to damage, the axonal microtubule cytoskeleton undergoes an intricate sequence of changes resulting in the formation of a regenerative growth cone between 4 and 6 h after axotomy (Ghosh-Roy et al., 2012; Chen et al., 2015). Subsequent axon extension over the next 48 h is characterized by erratic guidance, frequent branching and pruning, yet can result in functional reconnection with the original targets (Yanik et al., 2004; Ghosh-Roy et al., 2010).

In our previous screen of more than 650 genes with human homologs, two genes in the mitochondrial electron transport chain (ETC), isp-1 and nduf-2.2, were found to be required for axon regeneration in peripheral lateral mechanosensory (PLM) neurons (Chen et al., 2011). The isp-1 gene encodes the sole iron-sulfur protein in the ubiquinol-cytochrome c reductase complex, or Complex III, of the ETC (Feng et al., 2001). The nduf-2.2 gene encodes one of seven iron-sulfur proteins in the NADH ubiquinone oxidoreductase complex, also known as ETC Complex I (Kayser et al., 2001). Loss of function in either gene had no obvious effect on neuronal development but significantly reduced PLM axon regeneration, suggesting that axon regrowth depends on mitochondrial ETC function.

To further explore the contribution of mitochondria to axon regrowth, we have conducted a targeted screen of viable mutants defective in mitochondrial regulation or function. From this screen we have identified two additional Complex I iron-sulfur protein genes, gas-1 and nduf-7, as well as the putative ETC component rad-8 as being required for effective regeneration. Interestingly, loss of function mutants of most ETC component-encoding genes as well as mutants in genes relating to mitochondrial transport, calcium uptake, mitophagy, or mitochondrial fission/fusion did not affect axon regrowth, with the exception of the mitochondrial inner membrane fusion-promoting gene eat-3. Most of the axon regeneration-defective mutants responded to injury by forming growth cones at a normal rate, but exhibited decreased axon regrowth. Overexpression of either isp-1 or nduf-2.2 in the nervous system was sufficient to enhance axon regrowth beyond that seen in controls. Genetic double mutant analysis suggested that mitochondria act downstream or in parallel to injury-related calcium or DLK-1 signals. Our genetic analyses support a role for rad-8 in the mitochondrial ETC, and revealed an unexpected genetic interaction between rad-8 and the demethoxyubiquinone dehydroxylase clk-1, which synthesizes ubiquinone for use in the ETC. Additionally, mutants of atfs-1, a transcription factor involved in the mitochondrial unfolded protein response, suppressed defective regrowth seen in the nduf-2.2 mutant despite having normal axon regeneration levels on their own. Together our data reveal a role for mitochondrial function in the extension of regrowing axons after injury, although it may not be the proper functioning of the ETC per se that determines regeneration success, but rather the cellular adaptations in injured neurons.

MATERIALS AND METHODS

Genetics and Strains

C. elegans were cultured on nematode growth medium plates seeded with OP50 E. coli at 20°C for all experiments. Most strains contained Pmec-4-GFP(zdIs5) for visualization of touch neurons, except those used for axotomy with the mito-GFP marker, which contained the Pmec-4-TagRFP(juIs252) transgene. Mutants were obtained from Shohei Mitani's lab through the Japan National Bio-Resource Project, or from the Caenorhabditis Genetics Center, which is funded by NIH Office of Research Infrastructure Programs (P40 OD010440). All mutations were outcrossed at least twice to wild type. Alleles and strains used, as well as primer sequences for genotyping, are listed in Table S1.

Molecular Biology and Transgenes

For rescue and overexpression experiments, coding sequences were cloned from N2 wild type genomic DNA using primers listed in Table S2 into the pCR8 backbone (Invitrogen) to create Gateway entry clones, which were then recombined into Gateway destination vectors to generate expression plasmids. For the mitochondrial GFP marker, the N-terminal 29 amino acid mitochondrial targeting sequence of human COX8a was cloned upstream of GFP using Gibson Assembly (New England Biolabs) into pCR8 to generate a Gateway entry vector, and then recombined with tissue-specific Gateway destination vectors.

Transgenic arrays were generated following standard microinjection procedure (Mello et al., 1991), with expression plasmids at the concentrations listed in Table S3. RFP or mKate2 driven by promoters for AIY neurons (ttx-3), AFD neurons (gcy-8), or coelomocytes (unc-122) was used as visual markers for transgenic arrays. Most arrays were created in wild type worms and crossed into the mutant backgrounds using primers listed in Table S4 to distinguish array sequences from genomic loci.

Laser Axotomy and Microscopy

Final larval stage worms (L4) were anesthetized in M9 buffer containing 0.1% phenoxypropanol and mounted on agar containing 0.03% phenoxypropanol. PLM femtosecond laser axotomy and regrowth quantitation were performed essentially as described (Wu et al., 2007). For the experiment using alternate anesthesia, 0.1% levamisole in M9 buffer was used at both time points, and the agar for mounting did not contain any drugs. Axon regrowth measurements were obtained from three-dimensional reconstructions of ~1 μm sections using the Zeiss LSM Image Browser software, and any neurite >1 μm was included in the analysis. Strains were tested in at least two separate experiments and any sick animals or animals with regrowing axons fused to the severed neurite fragment were censored from the analysis.

For mitoGFP quantification, worms were mounted in phenoxypropanol as above and visualized at 63x using an LSM710 confocal microscope (Zeiss). For quantification of axonal mitochondrial density without injury, discrete axonal GFP puncta were quantified from 0 to 170 μm from the PLM cell body. For mitoGFP density measurements after injury, the number of discrete axonal GFP puncta were counted in the entire segment of the axon still attached to the cell body at both the time of injury (0 h) and 24 h later.

Statistical Analyses

Data are graphed as mean ± SEM using GraphPad Prism (version 5.01). All data were tested for statistical significance using unpaired Student's t-tests or ANOVA with Tukey's multiple comparison post-test in comparison to wild type animals tested on the same day. ns = p > 0.05, *p < 0.05, **p < 0.01, and ***p < 0.001. Numbers in graphs are the number of animals tested.

RESULTS

Regrowing PLM Axons Maintain Mitochondrial Density

Mitochondria in C. elegans neurons have been visualized using mito-GFP markers (Fatouros et al., 2012; Morsci et al., 2016), revealing that mitochondria form discrete puncta in axonal processes and more complex networks in cell bodies. We confirmed these observations using a pan-neuronally expressed mitochondrial reporter Prgef-1-mito-GFP(juEx7517) (Figure S1A) as well as a touch neuron specific marker Pmec-4-mito-GFP(juEx3328) (Figure S1B). The density of mitochondrial puncta in the proximal PLM axon was approximately one per ten microns (Figure S1C), which is similar to that recently reported for C. elegans motor neurons (Han et al., 2016). Mitochondrial density in the distal axon of ALM neurons has been reported to increase during adult life (Morsci et al., 2016), yet we observed that the mitochondrial density in proximal PLM axons remains stable through the seventh day of adulthood (Figure S1C), suggesting that mitochondrial density may be differentially regulated between different neuron types, or even between distal and proximal parts of the same axon.

To examine whether mitochondrial distribution changes in response to axon injury we performed laser axotomy at the fourth larval stage, immediately before the final molt to adulthood. We observed an increase in the number of mitochondrial puncta in the proximal axon 24 h after injury (Figures 1A,B); however, this increase was proportional to axon regrowth such that the density of axonal mitochondria in the regrowing axon was maintained at pre-injury levels (Figure 1C). These observations suggest that the regrowing PLM axon maintains a constant mitochondrial density during regrowth, possibly by either increasing mitochondrial biogenesis or transport from the cell soma. Additionally, we noticed that mitochondria were generally not located at the regrowing tips of axons, but rather were variable distances away from the growth cone (Figures 1B,D). This is in contrast to a recent report wherein regrowing commissural axons of C. elegans motor neurons exhibit a marked increase in the density of mitochondrial puncta after injury as a result of increased cellular transport as well as localization of mitochondria to the growth cone (Han et al., 2016). These two studies in different neural subsets suggest that the density and localization of mitochondria after injury may be controlled in a cell type-specific manner. Regardless, the maintenance or increase of axonal mitochondrial density after injury (as opposed to decrease) in PLM neurons suggests that these organelles are important in axon regrowth. We therefore took a genetic approach to define which aspects of mitochondrial function might be relevant in axon regeneration.
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FIGURE 1. Mitochondrial density is maintained in regenerating axons. (A) PLM axons were visualized with Pmec-4-TagRFP(juIs252) and mitochondria with Pmec-4-mitoGFP(juEx3328). Axons were severed ~50 μm from the cell body and the number of mitoGFP puncta and the length of the regrowing axon quantified 24 h post injury. (B) Quantification of total number of mitoGFP puncta in the portion of axon attached to the cell body (proximal axon) 24 h post injury. (C) Mitochondrial density was calculated as the total number of puncta divided by the length of the entire proximal axon, normalized to 10 μm. (D) Quantification of the distance between the regrowing axon tip or growth cone and the closest mitochondrial punctum. n = 10 animals tested, p-value from paired t-test: ns, not significant, ***p < 0.001. Filled arrows mark injury site, arrowheads indicate mitoGFP puncta in proximal axon, and unfilled arrow indicates tip of regrowing axon. Scale bars = 10 μm.



A Survey of Mitochondria-Related Genes: Transport, Calcium Uptake, and Biogenesis

To learn how mitochondria contribute to axon regrowth, we surveyed genes whose orthologs are known to affect mitochondrial biogenesis, transport, or calcium uptake (Table 1). In addition, we performed a more extensive survey of genes involved in the electron transport chain (see next section; Table 2). As in our previous large-scale mutant screen (Chen et al., 2011), our analysis was confined to viable mutants; Because mitochondrial function is essential for viability (Tsang and Lemire, 2003), we exploited null mutants in non-essential genes or partial loss of function mutants in those genes that are essential to animal development and survival.


Table 1. Mitochondrial pathways screened for axon regeneration.
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Table 2. Mitochondrial electron transport chain genes tested.
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We first focused on genes implicated in microtubule-dependent transport of mitochondria. The Miro and Trak/Milton protein families act as adaptors between mitochondria and microtubule-binding molecular motors and are required in other organisms for anterograde and retrograde transport of mitochondria in axons (Schwarz, 2013). The C. elegans genome contains two Miro family members miro-1 and miro-2 (Shen et al., 2016; Xu et al., 2016) and a single Trak/Milton family member trak-1 (Mercer et al., 2009). miro-1(tm1966) null mutants appear superficially wild type, but have been shown to have increased longevity and reduced mitochondrial content (Shen et al., 2016), as well as altered mitochondrial morphology in the epidermis (Xu et al., 2016). miro-2(tm2933) null mutants are superficially wild type and have normal epidermal mitochondrial morphology (Xu et al., 2016). Single mutants in miro-1 or miro-2 displayed normal PLM axon regeneration, suggesting individual Miro genes are not required for regrowth. trak-1(tm1572) null mutants also displayed normal PLM axon regeneration. Together these data suggest that despite the observed increase in the number of mitochondrial puncta in the regrowing axons, and in contrast to the recently reported role for miro-1 in motor axon regeneration (Han et al., 2016), individual transport adaptors are dispensable for PLM axon regeneration.

One of the initial signals of axonal damage is an increase of axonal calcium that spreads wave-like bi-directionally away from the site of injury (Ghosh-Roy et al., 2010). Injury-triggered calcium transients are also observed in C. elegans epidermal wound responses, where they trigger local mitochondrial calcium uptake and reactive oxygen species (ROS) production critical for wound repair (Xu and Chisholm, 2014). To test whether mitochondrial calcium pathways might be involved in axon repair or regeneration, we tested null mutations in the mitochondrial calcium uniporter (MCU) ortholog mcu-1 and in the essential MCU regulator (EMRE) ortholog emre-1, required for coupling uniporter opening to calcium-sensing subunits (Sancak et al., 2013). These mcu-1 and emre-1 mutants displayed normal PLM axon regrowth, consistent with observations in mcu-1 mutants in motor axon regrowth (Han et al., 2016), suggesting that mitochondrial calcium uptake is not a critical determinant of axon regeneration.

We next tested C. elegans homologs of genes involved in mitophagy, the breakdown of faulty mitochondria. In mammals and Drosophila the PINK1 serine/threonine kinase activates the ubiquitin-ligase activity of PARKIN/PDR-1, which marks mitochondria for degradation (Song et al., 2013). The C. elegans PINK1 ortholog pink-1 and the Parkin/PDR1 ortholog pdr-1 have been implicated in mitophagy and mitochondrial biogenesis (Palikaras et al., 2015; Pickrell and Youle, 2015). We tested two pink-1 deletions, both of which are presumed null mutants: pink-1(tm1779) (Samann et al., 2009) displayed significantly reduced axon regeneration, yet pink-1(ok3538) (Valenci et al., 2015) displayed normal axon regrowth. We note that the tm1779 deletion also affects the inter-genic region of the operon that includes the 3′ untranslated region of the upstream F-box gene EEED8.10; tm1779 may affect expression of the downstream gene(s), or tm1779 strains may contain background mutations that we were unable to eliminate in outcrossing. Axon regrowth was normal in three independent alleles of the PARKIN homolog pdr-1, all of which are thought to cause strong loss of function at the protein level (Springer et al., 2005; Valenci et al., 2015). Together, we conclude that mitophagy-related genes are not required for axon regeneration.

Finally, we tested C. elegans genes implicated in mitochondrial fission and fusion (Mishra and Chan, 2014), namely drp-1/DNM1L and the FIS1 homologs fis-1 and fis-2 for fission, and fzo-1/MFN1 and eat-3/OPA1 for fusion (Table 1). While drp-1 null mutants have an abnormally fused mitochondrial network, the network in fis-1 or fis-2 null mutants is normal; FIS-1 and FIS-2 have been suggested to play a role in mitophagy-related mitochondrial fission rather than mitochondrial network maintenance (Breckenridge et al., 2008; Shen et al., 2014). When tested for axon regrowth after injury, all these fission-defective mutants displayed normal regrowth phenotypes (Table 1). We next examined a null allele of fzo-1 and two loss-of-function alleles of eat-3/Opa1, orthologs of which mediate fusion of the outer and inner mitochondrial membranes, respectively (Breckenridge et al., 2008; Kanazawa et al., 2008; Rolland et al., 2009). Interestingly, eat-3, but not fzo-1, mutants displayed significantly reduced axon regrowth. As fzo-1 and eat-3 mutants exhibit comparably fragmented mitochondrial networks in other cell types (Breckenridge et al., 2008), the requirement for eat-3 in regrowth may be independent of its role in mitochondrial fusion. The eat-3 ortholog Opa1 functions in remodeling the cristae of the inner mitochondrial membrane, independent of its role in IMM fusion (Cogliati et al., 2013; Pernas and Scorrano, 2016). Since cristae house the electron transport chain, and our previous and current screen implicated ETC function in axon regrowth, we hypothesized that the requirement for eat-3 in axon regrowth is indirect, via its effects on the ETC. However, mutants of immt-1, immt-2, moma-1, and chch-3, genes which have been implicated in cristae formation or maintenance (Mun et al., 2010; Head et al., 2011), all showed normal axon regrowth (Figure S2). Nevertheless, and in light of the two genes identified in the original screen belonging to the ETC, we next turned our attention to ETC genes and whether ETC function is critical for axon regrowth.

Select Components of the Electron Transport Chain Are Required for Axon Regeneration

Four multiprotein complexes (Complexes I–IV) work to metabolize products from the citric acid cycle in order to create an electrochemical gradient across the inner mitochondrial membrane, which in turn powers the ATP synthase (Complex V) that generates ATP to power cellular reactions (Figure 2A). While complete loss of function in mitochondrial electron transport is lethal (Tsang and Lemire, 2003), viable mutations in a number of C. elegans ETC components have been identified, many of which have been studied for their effects on animal lifespan (Munkacsy and Rea, 2014; Dancy et al., 2015). Besides the previously tested genes nduf-2.2 and isp-1, we tested mutants in nine additional ETC components, some of which have been shown biochemically by others to display reduced ETC function (Table 2). Of the new mutants tested, only three had significantly reduced axon regrowth: the Complex I iron-sulfur protein-encoding genes gas-1 and nduf-7 and the putative mitochondrial oxidoreductase rad-8 (Figures 2B–G).
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FIGURE 2. Axon regeneration is reduced in a subset of electron transport chain gene mutants. (A) Diagram of the electron transport chain located on the inner mitochondrial membrane, with ETC genes tested indicated next to their complex. (B–G) Representative images of wild type (WT) and the five ETC mutants with significantly decreased axon regeneration 24 h after injury. Arrow indicates injury site. Scale bars = 20 μm.



We first extended our previous observations of impaired regrowth in isp-1 and nduf-2.2 mutants. The isp-1(qm150) allele is a point mutation that reduces Complex III function and lowers overall cellular respiration by 40% (Feng et al., 2001). Axon regrowth defects seen in this mutant were completely rescued by expression of wild type isp-1 under the control of a pan-neuronal promoter (Figure 3A), suggesting a cell-autonomous requirement for ETC function in axon regrowth.
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FIGURE 3. Iron-sulfur proteins can be rescued with genomic sequences. Two independently-generated pan-neuronal or global transgenic arrays of wild type genomic sequences were able to rescue the mutants (A) isp-1(qm150) and (B) nduf-2.2(ok437), respectively. (C) Testing gas-1(fc21) mutants using either 0.1% phenoxypropanol or 0.1% levamisole revealed that the impairments in regeneration in this mutant are independent of the immobilization method used. (D) Pan-neuronal transgenic arrays containing the wild type genomic sequence of gas-1 were able to partially restore axon regrowth in gas-1(fc21) mutants. Lower tier p-values calculated by Student's t-test vs. same-day control and upper tier p-values calculated by ANOVA with Tukey's multiple comparison post-test across mutant strains: ns, not significant, *p < 0.05, **p < 0.01 ***p < 0.001.



C. elegans encodes two orthologs of the NDUFS2 subunit of complex I: nduf-2.2 and gas-1 (Kayser et al., 2001). gas-1 is ubiquitously expressed, whereas the expression pattern of nduf-2.2 is undetermined (Kayser et al., 2004). The nduf-2.2(ok437) allele is a large deletion and likely null with unknown effects on mitochondrial metabolism, although mutants appear superficially wild type. In contrast, gas-1(fc21) partial loss of function mutants are small and slow-growing and display drastically reduced Complex I activity (Kayser et al., 1999, 2001). Consistent with previous observations, nduf-2.2(ok437) reduced regrowth by roughly 60%, and expression of wild type nduf-2.2 under the control of a ubiquitously expressed promoter fully rescued axon regrowth phenotypes (Figure 3B). gas-1(fc21) mutants, which grow slowly and have a small body phenotype, also displayed a defect in PLM axon regrowth (Table 2), although not as severe as in nduf-2.2 mutants. This suggests that defective axon regrowth is not the result of organismal growth rate and that nduf-2.2 may play the predominant role in regrowing axons. As gas-1(fc21) was originally isolated based on hypersensitivity to anesthetics (Kayser et al., 1999), we tested its effects on axon regrowth using two independent immobilization agents, phenoxypropanol and levamisole, with comparable results (Figure 3C). Pan-neuronal expression of wild type gas-1 was sufficient to rescue gas-1(fc21) axon regrowth defects to normal levels (Figure 3D). A recent report identified the et19 partial loss-of-function allele of nduf-7, another Complex I iron-sulfur protein (Rauthan et al., 2015). nduf-7(et19) mutants are viable and healthy yet slightly slow-growing, and displayed defective axon regrowth (Figure 2E). Together, these data suggest the ETC Complex I iron-sulfur protein subunits are important for axon regeneration.

The above results on subunits of the ETC Complexes I and III are consistent with a general requirement for mitochondrial respiration and ATP synthesis in axon regrowth. Indeed, recent results showing a requirement for mitochondria in motor axon regrowth have been interpreted as reflecting the high energetic requirements in this process (Han et al., 2016). To further address the role of the ETC in axon regrowth we examined additional ETC components (Table 2). Unexpectedly, loss of function in most of these genes had no effect on PLM axon regeneration: In Complex I, we tested nuo-6/NDUFB4(qm200), which exhibits reduced Complex I activity and overall mitochondrial respiration, as well as impaired motor axon regrowth after injury (Yang and Hekimi, 2010b; Han et al., 2016). In Complex II we tested the kn1 allele of mev-1/SDHC, which displays decreased Complex II function but normal ATP levels (Ishii et al., 1998). Also in Complex II, the tm1420 allele of sdha-2/SDHA, has a 519 bp in-frame deletion in exon four, which removes most of the FAD-binding domain of the protein and thus likely rendering it unable to oxidize succinate. We tested two alleles of the Complex III core protein ucr-2.3/UQCRC2l: the ok3073 allele is a 415 bp deletion and 4 bp insertion creating a premature stop codon; pk732 is a point mutation in the insulinase domain (Butler et al., 2010). No viable alleles in genes encoding subunits of Complex IV were available. For the ATP synthase, we tested two deletion alleles of the γ-subunit homolog asg-2/ATP5L. We also tested clk-1/COQ7, which catalyzes the final step in the synthesis of ubiquinone, an essential electron carrier that shuttles electrons from Complexes I or II to Complex III (Felkai et al., 1999). clk-1(e2519) is a point mutation in the active site and is defective in conversion of 5-demethoxyubiquinone into ubiquinone, while the clk-1(qm30) deletion is a null (Ewbank et al., 1997; Miyadera et al., 2001; Branicky et al., 2006). Collectively, these mutants have varying effects on ETC function and ATP production (Dancy et al., 2015), yet all had largely normal axon regeneration 24 h after axotomy, contradicting our hypothesis that the ETC is required for axon regeneration (Table 2).

Among the additional ETC components tested, only rad-8 mutants displayed defective regrowth (Figure 2F, Table 2). rad-8 encodes a putative mitochondrial oxidoreductase, and the mn163 mutation results in a premature stop codon and is a presumed null allele. This mutant has decreased electron transfer from Complex II to Complex III (Fujii et al., 2011), but normal ATP levels (Braeckman et al., 2000); the precise role of RAD-8 in electron transport is unclear. Pan-neuronal expression of wild type rad-8 was sufficient to rescue rad-8 axon regrowth defects (Figure 4A). Unlike isp-1 and other ETC mutants, regrowing PLM axons in rad-8(mn163) displayed a reduced frequency of growth cones 24 h after injury (4 vs. 20% in wild type; Figures 4B,C).
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FIGURE 4. rad-8 mutants can be rescued with genomic sequence and exhibit fewer growth cones. (A) Wild type genomic sequence of rad-8 expressed pan-neuronally can rescue rad-8(mn163) axon regeneration to normal levels. (B) Examples of regrowing axon terminals with (left) or without (right) growth cones. (C) Proportions of ETC mutant animals with axons terminating with (blue) or without (gray) growth cones at 24 h post-injury, with only rad-8 mutants showing fewer growth cones than wild type. Lower tier p-values calculated by Student's t-test vs. same-day control and upper tier p-values calculated by ANOVA with Tukey's multiple comparison post-test across mutant strains: ns, not significant, ***p < 0.001.



Overall, since many of the ETC mutants have normal axon regrowth, our data suggest that PLM axon regeneration is not simply dependent on ATP generation by the entire ETC, but rather on the function of specific subset of ETC components. The relationship between dysfunction of a small group of ETC components and overall mitochondrial metabolism is complex, thus it may be that these genes have a special function within the ETC, or that their loss or mutation leads to cellular adaptations which inhibit axon regrowth (see below).

Mitochondrial ETC Genes Are Required for Axon Extension and Act Downstream or in Parallel to Injury Signals

To get a deeper understanding of the regeneration defects in the affected ETC mutants, we next asked whether mitochondria are required for early responses such as formation of growth cones at the tip of the regrowing axon. Defective axon regrowth 24 h after injury could result from the failure of a number of steps in regrowth, from initial injury detection and signal propagation to growth cone formation and axon extension. These five ETC mutants with defective axon regrowth had a normal frequency of growth cone formation at 6 h after injury (Figure 5A). Furthermore, by this time point, regrowing wild type axons had extended nearly 20 μm, whereas the ETC mutants consistently displayed reduced axon extension (Figure 5B). Altogether these data suggest that the ETC genes are not required in injury detection and growth cone formation, rather they likely function in the extension phase of axon regeneration.
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FIGURE 5. ETC genes affect axon extension, downstream of early injury signaling. (A) The proportions of ETC mutant animals with axons terminating with (blue) or without (gray) growth cones at 6 h post-injury are largely normal, suggesting that all mutants can respond to injury by forming growth structures. (B) Measuring axon length at 6 h post-injury reveals deficits in the ETC mutants, indicating defects in axon extension. (C) The isp-1(qm150) mutation can partially or fully block the enhanced regeneration phenotypes of either egl-19(gf) or two extra copies of dlk-1 in mechanosensory neurons, respectively. Colored bars in (C) indicate presence of qm150 mutant allele. Lower tier p-values calculated by Student's t-test vs. same-day control and upper tier p-values calculated by ANOVA with Tukey's multiple comparison post-test across mutant strains: ns, not significant, *p < 0.05, **p < 0.01, ***p < 0.001.



Elevated calcium influx after injury with a gain-of-function mutation in the voltage gated calcium channel EGL-19 or elevated injury signaling by overexpression of dlk-1 each enhance axon regrowth beyond wild type levels (Ghosh-Roy et al., 2010; Yan and Jin, 2012). To test whether the ETC functions downstream of the initial injury signaling, we performed double mutant analyses between isp-1(qm150) mutants and either egl-19(gf) or DLK-1 overexpressing animals. Double mutants of isp-1(qm150) and the egl-19(ad695) mutant were strongly defective in regrowth, although not as strongly as isp-1(qm150) alone (Figure 5C). Similarly, isp-1(qm150) was almost fully epistatic to the effects of dlk-1 overexpression. We conclude that the role of mitochondria in axon regeneration lies downstream of initial injury signals and that boosting these early events cannot bypass the requirement for mitochondria in later axon extension. The partial epistasis of isp-1 with egl-19(gf) is consistent with multiple pathways acting downstream of injury signals.

Overexpression of nduf-2.2 or isp-1 Can Enhance Axon Regeneration

During the above rescue experiments, we noticed that animals expressing one of the nduf-2.2 transgenic arrays displayed axon regrowth significantly higher than wild type, even in the nduf-2.2(ok437) background (Figure 3B). We explored whether overexpressing these ETC genes in the wild type background would affect axon regeneration. Interestingly, rescuing transgenes for the iron-sulfur proteins nduf-2.2 and isp-1 using either a ubiquitous or a pan-neuronal promoter, respectively, enhanced PLM axon regeneration in the wild type background (Figures 6A,B). Although, nduf-2.2 and gas-1 are over 90% identical in amino acid sequence and share similar functions (Kayser et al., 2001), transgenes of wild type gas-1 using a pan-neuronal promoter did not enhance axon regeneration in the wild type background (Figure 6C). Similarly, neuronal overexpression of wild type rad-8 also had no effect (Figure 6D). With the caveat that expression levels have not been directly measured in these strains, our data suggest that overexpression of nduf-2.2 or isp-1 can be sufficient to enhance axon regrowth above normal levels.
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FIGURE 6. Overexpression of either nduf-2.2 or isp-1 enhances regeneration in the wild type background. (A) One of the mutant-rescuing arrays of nduf-2.2 under a global promoter enhanced axon regrowth in the wild type background. (B) Both transgenic arrays with pan-neuronal overexpression of isp-1 were sufficient to increase regrowth in the wild type background. However, neuronal overexpression of neither (C) gas-1 nor (D) rad-8 had a significant effect in wild type animals. p-values were calculated using Student's t-test vs. same-day control: ns, not significant, *p < 0.05 **p < 0.01.



Interactions of rad-8 with the Mitochondrial Electron Transport Chain

Our finding that rad-8 is required for efficient axon regrowth prompted us to investigate this gene in more depth, since the cellular function of RAD-8 remains unclear. rad-8 mutants were originally isolated by virtue of their hypersensitivity to radiation (Hartman and Herman, 1982) and later found to exhibit reduced electron transport between Complexes II and III (Fujii et al., 2011). rad-8 encodes a putative mitochondrial dehydrogenase/reductase (Fujii et al., 2011) related to the mammalian Nogo-interacting protein RTN4IP/NIMP (Hu et al., 2002). To assess whether RAD-8 is required in mitochondria, we mis-targeted the protein to the cytoplasm by deleting the N-terminal mitochondrial localization sequence (MLS) as described by Hu et al. (2002). Wild type animals expressing RAD-8ΔMLS pan-neuronally displayed normal development and behavior, but in the rad-8(mn163) background the RAD-8ΔMLS transgene significantly decreased viability, precluding axon regeneration testing. These experiments suggest the N-terminal MLS is important for RAD-8 function, consistent with a role in mitochondria.

We next constructed compound mutants of rad-8(mn163) with other ETC mutants. Double mutants between rad-8(mn163) and nduf-2.2(ok437) or isp-1(qm150) were extremely slow growing yet displayed sub-additive interactions in axon regrowth, such that the double mutants resembled the strongest single mutant phenotype (Figure 7A). We were unsuccessful in our attempts to generate viable double mutants between rad-8(mn163) and gas-1(fc21), mev-1(kn1), and the C-terminal deletion mutant ucr-2.3(ok3073). Double mutants of rad-8(mn163) with ucr-2.3(pk732), a point mutant in the insulinase domain of a Complex III core subunit that is phenotypically similar to mev-1(kn1) (Butler et al., 2010) and had normal axon regrowth, showed axon regeneration levels similar to rad-8(mn163) mutants.
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FIGURE 7. rad-8 epistasis places it in the same pathway as other ETC genes. (A) Axon regrowth in double mutants of rad-8(mn163) with either nduf-2.2(ok437) or isp-1(qm150) were identical to either nduf-2.2(ok437) or isp-1(qm150) single mutants, while double mutants of rad-8(mn163) with ucr-2.3(pk732) were identical to rad-8(mn163) single mutants. (B) rad-8(mn163); clk-1(qm30) double mutants were identical to rad-8(mn163) single mutants, while rad-8(mn163); clk-1(e2519) double mutants had wild type levels of axon regrowth. Lower tier p-values calculated by Student's t-test vs. same-day control and upper tier p-values calculated by ANOVA with Tukey's multiple comparison post-test across mutant strains: ns, not significant, *p < 0.05, ***p < 0.001.



Additionally, we tested whether rad-8(mn163) interacts with clk-1. As noted above, the null allele clk-1(qm30) had no effect on axon regeneration alone, and double mutants resembled rad-8(mn163) in regrowth (Figure 7B). Unexpectedly, when rad-8(mn163) was combined with the clk-1(e2519) point mutation, the rad-8(mn163) axon regeneration defect was suppressed to wild type levels. Both clk-1 alleles partially suppressed the slow growth and small body size of the rad-8(mn163) mutants when grown at 20°C, but only e2519 suppressed rad-8 axon regrowth defects, further supporting a conclusion that axon regrowth is separable from organismal growth rate.

Inhibiting the mitoUPR Suppresses nduf-2.2 Regeneration Defects

One response to mitochondrial dysfunction is the mitochondrial unfolded protein response (mitoUPR), in which the transcription factor ATFS-1 is released from mitochonrdria and translocates to the cell nucleus to turn on the expression of adaptive genes (Nargund et al., 2012; Kornmann, 2014). We tested two deletion alleles of atfs-1 that affect the N-terminal region of the gene, likely causing strong loss of function. We observed a mild improvement in axon regeneration in one allele, and another allele showed wild type levels of regrowth (Figure 8), suggesting that inhibiting the mitoUPR has no major effect on axon regeneration. However, double mutants of either atfs-1 allele with the ETC gene nduf-2.2 showed suppression of the regeneration defect seen in nduf-2.2 single mutants. Our attempts to generate double mutant strains between atfs-1 and the other affected ETC genes were unsuccessful because these mutants were either extremely slow-growing or lethal. Together with the interaction between rad-8 and clk-1 observed above, these data suggest that absence of rad-8 or nduf-2.2 likely trigger special cellular adaptations and stress signaling cascades, which are compensated upon impairment in mitoUPR function, resulting in normal regrowth of injured axons.
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FIGURE 8. Mutations in the mitoUPR response gene atfs-1 suppress axon regeneration defects in nduf-2.2. Two deletion mutants of atfs-1 have either no effect or a small increase in axon regeneration on their own, but double mutants of either atfs-1 allele and nduf-2.2 have wild type axon regrowth. Lower tier p-values calculated by Student's t-test vs. same-day control and upper tier p-values calculated by ANOVA with Tukey's multiple comparison post-test across mutant strains: ns, not significant, *p < 0.05, ***p < 0.001.



DISCUSSION

Increasing evidence from diverse model systems points to an important role for mitochondria in regenerative axon regrowth. Here, building on initial observations from our large-scale axon regeneration screen (Chen et al., 2011), we explored the role of mitochondria in depth. Using C. elegans mechanosensory neurons, we find that injured neurons maintain their axonal mitochondrial density as they regrow and do not send mitochondria to the tips of regrowing axons. Regeneration is generally resistant to loss-of-function mutations in most mitochondrial biogenesis or fission/fusion pathways, with the exception of eat-3/Opa1, which may affect assembly of the electron transport chain. We identify a subset of ETC components required for efficient regrowth, and show that these likely act cell autonomously during the axon extension phase of regrowth.

We find that in C. elegans PLM mechanosensory neurons, axon injury does not trigger dramatic alterations in mitochondrial distribution. By 24 h post injury, the total number of axonal mitochondria in the regrowing axon has increased so as to maintain mitochondrial density at ~10 per 100 μm of axon length, with the most distal mitochondrion located ~25 μm from the regrowing axon tip. These observations may be compared with recent studies of C. elegans motor neuron commissures, which display an increase in mitochondrial density within 12 h of injury due to increased axonal transport and translocation into growth cones (Han et al., 2016). Axon regeneration of mammalian neurons also appears to involve axonal mitochondrial transport, as loss of function in the mammalian-specific mitochondrial anchor protein syntaphilin results in enhanced axon regeneration (Zhou et al., 2016). Furthermore, the mammalian-specific transport protein Armcx1 is required for the enhanced regenerative capacity of some retinal ganglion axons in a regeneration-enhanced background (Cartoni et al., 2016). In contrast, Rawson and colleagues reported that in C. elegans ric-7 mutant worms, which cannot transport mitochondria into PLM axons, severed axons retained their regenerative competence (Rawson et al., 2014).

In addition to mitochondrial transport, studies in mammalian peripheral axons or in Drosophila have found that injury triggers mitochondrial fission (Chen et al., 2016; Kiryu-Seo et al., 2016). In contrast to our findings in PLM sensory neurons, the fission-defective mutant drp-1 is defective in C. elegans motor commissure regrowth (Han et al., 2016), although it is unclear if this reflects a requirement for fission during the injury response or if it results from the chronic depletion of axonal mitochondria in these mutants. Taken together, these studies suggest the effects of injury on axonal mitochondrial distribution may vary depending on the species and neuronal subtype.

In PLM neurons, injury does not appear to trigger drastic remodeling of axonal mitochondria. Nonetheless, our data show that mitochondrial function is important in PLM axon regrowth. We tested over 20 genes with known or predicted roles in mitochondrial biogenesis or function, assessing mitochondrial transport, calcium uptake, mitophagy, the fission/fusion cycle, and the electron transport chain. We find no evidence that mitophagy on its own is essential for regrowth, as also reported for C. elegans motor neurons (Han et al., 2016). Adaptors for mitochondrial transport along microtubules also did not appear to play direct roles in PLM regrowth, although we have not excluded possible redundancy between the two miro genes. Axon regrowth was essentially normal in drp-1 mutants (fission defective) or fzo-1 mutants (fusion defective) implying that the fission/fusion cycle is not rate limiting to PLM axon regrowth. In contrast, eat-3 (inner mitochondrial membrane fusion defective) mutants displayed significantly reduced regrowth, potentially reflecting an influence on the electron transport chain.

Our observations that loss of function in only five out of eleven ETC subunits resulted in significantly impaired axon regrowth support a more specific role for the electron transport chain in axon regrowth. Consistent with our findings, Han and colleagues also found that isp-1 mutants are strongly defective in GABAergic motor neuron commissure regrowth (Han et al., 2016). However, in contrast, Han and colleagues found that nuo-6 mutants are mildly defective in motor neuron regrowth, whereas we find nuo-6 mutants show normal PLM regrowth. This suggests that GABAergic motor neurons may be more sensitive to lowered ETC function than are PLM neurons, or that different neuron types depend on different ETC components for regrowth.

A key question is why axon regrowth is sensitive to loss of function in some but not other components of the ETC. It should be noted that in addition to their best-known roles in ATP synthesis, mitochondrial function affects diverse aspects of cellular metabolism. Chronic disruption of electron transport, as in the mutants studied here, triggers complex cellular responses, including remodeling of metabolism to preserve energy production. Electron transport dysfunction can trigger the mitochondrial retrograde signaling pathway (Liu and Butow, 2006), the mitochondrial unfolded protein response (Nargund et al., 2012), as well as a host of other metabolic responses (Morgan et al., 2015) including aberrant NADH:NAD+ ratios (Falk et al., 2008) and altered one-carbon metabolism (Bao et al., 2016). A common result of ETC dysfunction is elevated production of mitochondrial ROS, which in some cases induces elevated levels of detoxifying enzymes. However, our data together with those of Han et al. (2016) argue against a role for mitochondrial calcium handling or ROS production in axon regeneration.

Focusing on the energetic phenotypes of the C. elegans mutants studied here, disruption of Complex I—as in gas-1(fc21) mutants—impairs Complex I activity, but animals compensate by elevating Complex II function and organismal ATP levels are normal (Kayser et al., 2004). Conversely, loss of Complex II function—as in mev-1(kn1) mutants—leads to a compensatory increase in Complex I function resulting in overall normal ATP levels (Braeckman et al., 2000; Senoo-Matsuda et al., 2001). Defects in ubiquinone synthesis, such as in clk-1 mutants, strongly reduce Complex I-dependent respiration, but overall metabolism and ATP content are normal, presumably due to compensatory upregulation of glycolytic pathways for ATP production (Braeckman et al., 1999). Complex III-impaired isp-1 mutants display the most dramatic axon regrowth defects in our assay and have been reported to have either normal (Yang and Hekimi, 2010a) or reduced (Yee et al., 2014) ATP levels. Conversely, rad-8 mutants have normal ATP levels (Braeckman et al., 2000), yet display reduced regrowth. ATP levels have not been examined in nduf-2.2 or nduf-7 mutants. nuo-6 mutants, which had normal PLM regrowth, have been reported to have either elevated (Yang and Hekimi, 2010a) or reduced (Yee et al., 2014) ATP levels. Thus, there is so far no clear correlation between respiratory chain outputs and regeneration, although it should be noted that whole organism measurements of ATP or other metabolites may not necessarily extend to individual neurons.

In seeking possible commonalities among the subset of mitochondria- and ETC-related genes required for axon regeneration, we note that several genes have human orthologs implicated in hereditary optic neuropathies, wherein retinal ganglion cells or their axons degenerate, leading to blindness. The eat-3 ortholog OPA1 is well known for its association with dominant optic atrophy, an inherited condition characterized by retinal ganglion cell degeneration (Lenaers et al., 2012). Mutations in NDUFS2 and NDUFS7, orthologs of nduf-2.2/gas-1 and nduf-7, respectively, are associated with mitochondrial Complex I deficiency, which can cause hereditary optic neuropathy (Triepels et al., 1999; Bugiani et al., 2004; Tuppen et al., 2010). Human mutations in UQCRFS1, the human ortholog of isp-1, the Complex III Rieske iron-sulfur protein, have not been directly associated with human disease, but Complex III deficiency in general is linked to optic neuropathy (Benit et al., 2009). A recent report found that mutations in RTN4IP1, the rad-8 ortholog, lead to inherited optic neuropathy (Angebault et al., 2015). Although many of the other genes screened in this study have human orthologs associated with a variety of diseases, including degenerative diseases affecting the nervous system, none are currently associated with optic neuropathies. Speculatively, this suggests that C. elegans sensory neurons and human retinal ganglion cells share similarities in their dependence on specific components of the ETC, perhaps for metabolic or other homeostatic purposes. The finding that inhibition of the mitoUPR in the nduf-2.2 mutant background could restore axon regeneration to wild type levels presents the possibility that specific cellular adaptations and signaling cascades remain active in this subset of ETC mutants.

An additional common feature among four of the six genes identified here as being required in axon regrowth is their biochemical function as iron-sulfur proteins, the key electron donors and acceptors in the ETC. Why these proteins are specifically required while other components of the same ETC complexes are not required is unclear. One possibility is that these proteins, due to their interface with electrons, experience a high rate of structural damage during respiration such that their degradation and replacement is rate-limiting. Another possibility is that under conditions of high respiratory demand—stresses such as axon injury—dysfunction of iron-sulfur proteins might lead to release of labile iron, leading to further cellular damage or the initiation of processes such as ferroptosis (Dixon and Stockwell, 2014; Yang and Stockwell, 2016). In support of both of these options, we found that overexpression of the iron-sulfur proteins NDUF-2.2 and ISP-1 can enhance regrowth, which may provide a ready pool of replacement proteins or might sequester labile iron, or both. It remains unclear why overexpression of the NDUF-2.2 paralog GAS-1 did not enhance regrowth; perhaps NDUF-2.2 plays a more dominant or specific role in neurons, while GAS-1 has a larger role in non-neuronal tissues. Together these data suggest that ETC iron-sulfur proteins play a specialized role in neurons and in axon regeneration.

Our finding that we could genetically suppress rad-8 growth phenotypes with either of the clk-1 mutant alleles was a serendipitous observation during double mutant construction. It is possible that loss of clk-1 function leads to mild stress and upregulation of stress response pathways that might suppress the rad-8 defects. However, other ETC mutants—which may also activate stress response pathways—did not similarly suppress rad-8(mn163) phenotypes in the viable double-mutants, in some cases (nduf-2.2, isp-1) actually exacerbating the slow growth of rad-8 mutants. Moreover, although both clk-1 alleles suppressed rad-8 growth rate defects, only the point mutant (e2519) and not the null allele suppressed the rad-8(mn163) regeneration defect, suggesting the e2519 allele might possess altered function, as has been noted (Branicky et al., 2006). Similarly, RAD-8 may also has tissue-specific functions. It was notable that restoration of RAD-8 expression only in neurons also rescued organismal growth rates (this study and Fujii et al., 2011), while expression of the RAD-8ΔMLS construct in neurons strongly impaired overall growth rates. These findings support a link between neuronal mitochondria and overall animal growth rates (Ndegwa and Lemire, 2004; Berendzen et al., 2016), although overall growth rates and axon regeneration after injury are not themselves correlated. Future studies on the molecular mechanisms of these ETC-related genes may help shed further light on the role that mitochondria play in the axon regenerative program and may, through homology with human genes, provide insights into human optic atrophies.
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Figure S1. Mitochondria in the worm nervous system. (A) Brightfield and fluorescence images of wild type worms expressing mitoGFP under the pan-neuronal rgef-1 promoter. Zoomed in views of the (A') head and (A”) tail ganglia are outlined. (B) Expression of mitoGFP in the PLM neuron using the mec-4 promoter. (C) The density of axonal mitochondrial puncta in the first ~100 μm from the cell body in the PLM neuron remains stable from the final larval stage (L4) through the seventh day of adulthood (A7). p-values calculated using Student's t-test vs. L4: ns, not significant.

Figure S2. Mutants in cristae shape-related genes have normal axon regeneration. Single mutant analysis of genes linked to cristae formation or shape show no significant defects in axon regeneration. p-values calculated using Student's t-test vs. same day control: ns, not significant.

Table S1. Mutant strains and genotyping primer sequences used.

Table S2. Plasmids and cloning primer sequences used.

Table S3. Transgenic array strain information.

Table S4. Genotyping primer sequences used for strains with transgenic arrays.
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Axons can be several orders of magnitude longer than neural somas, presenting logistical difficulties in cargo trafficking and structural maintenance. Keeping the axon compartment well supplied with energy also presents a considerable challenge; even seemingly subtle modifications of metabolism can result in functional deficits and degeneration. Axons require a great deal of energy, up to 70% of all energy used by a neuron, just to maintain the resting membrane potential. Axonal energy, in the form of ATP, is generated primarily through oxidative phosphorylation in the mitochondria. In addition, glial cells contribute metabolic intermediates to axons at moments of high activity or according to need. Recent evidence suggests energy disruption is an early contributor to pathology in a wide variety of neurodegenerative disorders characterized by axonopathy. However, the degree to which the energy disruption is intrinsic to the axon vs. associated glia is not clear. This paper will review the role of energy availability and utilization in axon degeneration in glaucoma, a chronic axonopathy of the retinal projection.
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METABOLIC VULNERABILITY IN GLAUCOMA

Glaucoma is the leading cause of irreversible blindness worldwide (Tham et al., 2014). It blinds through the dysfunction and degeneration of retinal ganglion cell (RGC) axons that carry visual information from the eye to the brain (Calkins and Horner, 2012; Casson et al., 2012). There is emerging evidence for a critical role for energy management in the axon degeneration observed in this disease. In our work, we have been using the DBA/2J mouse model of glaucoma, an inbred strain that develops increased intraocular pressure (IOP) secondary to an iris pigment dispersion disease (John et al., 1998; Anderson et al., 2002). IOP is the main modifiable risk factor in primary open angle glaucoma, and lowering IOP is the mainstay of treatment. Increased IOP in the DBA/2J (D2) leads to optic neuropathy and eventual RGC death in a manner that emulates human patients with the most common forms of glaucoma, with pathology developing slowly over time (John et al., 1998), and occurring in contiguous retinal regions (Jakobs et al., 2005). IOP elevations in D2 mice are similar in scale to human patients, and the magnitude of these increases correlates with axon degeneration (Inman et al., 2006).

The potential role of energy availability and utilization in glaucoma became apparent through optic nerve physiology experiments. We measured compound action potential (CAP), the summation of all action potentials after stimulation, in freshly isolated D2 optic nerves. CAP amplitude decreased significantly by 6 months of age (Baltan et al., 2010), prior to measurable axon structural pathology (Inman et al., 2006) or axon transport deficit (Dengler-Crish et al., 2014) in this model. The reduction in elicited neural activity was inversely correlated with IOP elevation in the D2; the higher the IOP exposure within an age group, the lower the CAP amplitude (Baltan et al., 2010). Notably, there was no difference in CAP latency or duration in the D2 at 6 or 10 months, and no impact of the K+ channel blocker 4-aminopyridine. Both observations argue against significant changes in myelination as observed in multiple sclerosis-associated optic neuropathy in humans (Chan, 2002). However, when D2 optic nerves were subjected to oxygen-glucose deprivation and then allowed to recover, nerves from 6-month-old mice in the high IOP group demonstrated impaired recovery when compared to their low IOP companions. By 10 months of age, however, D2 optic nerves could not sustain recovery from oxygen-glucose deprivation in any mice, independent of IOP history. These results suggested that both IOP and age influence energy reserves in this pathology. To corroborate energy depletion, ATP measurements from D2 optic nerve showed significantly decreased ATP in the high IOP groups within each age, and significantly depleted ATP levels when comparing 6 to 10-month-olds within IOP group (see Figure 1 for summary) (Baltan et al., 2010). The low ATP and clear lack of energy reserve in the D2 optic nerve with increased IOP suggested glaucoma-associated metabolic dysfunction. Strikingly, the metabolic dysfunction in the axon occurs quite early in the D2, prior to overt structural changes in the optic nerve. This suggests that resolution of the metabolic dysfunction could prevent axon degeneration and preserve visual function.
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FIGURE 1. Optic nerve ATP levels in the DBA/2J model of glaucoma at 6 and 10 months of age, separated into low and high intraocular pressure (IOP) groups. Optic nerves were rapidly isolated then flash frozen in liquid nitrogen until assay. Upon thaw, the optic nerve was cut into small pieces while in 10% HClO4, then homogenized by sonication, and centrifuged at 4,500 rpm for 10 min at 4°C. The supernatant was collected, neutralized with 30 μl of 2.5 M KOH, then centrifuged at 14,000 rpm for 10 min at 4°C. The precipitate was removed, and supernatant kept on ice. Total ATP concentration was measured using the ATP bioluminescence assay kit (Roche), based on the ATP dependence of luciferase catalyzed oxidation of luciferin. Samples were diluted and mixed with the luciferase reagent and then absorbance was measured at 560 nm. Blank values were subtracted from the raw data, and ATP concentrations were calculated from a log–log plot of the standard curve data and normalized by the protein concentration. The values are expressed as millimoles of ATP per milligrams of protein. There was a significant difference in ATP levels in low vs. high IOP groups (t-test, #p = 0.012 for 6 m; *p = 0.049 for 10 m), and a significant difference in the ATP levels across 6 m vs. 10 m at low (t-test, ∧p = 0.014) and high (t-test, §p = 0.028) IOP. Above: representative compound action potential traces from each group; below: average IOP for each group. Adapted from Baltan et al. (2010).



The observations of a potential metabolic dysfunction in glaucoma raise a number of interesting possibilities about the mechanism of pathophysiology. Several fundamental concepts have implications for how glaucoma could be managed and what might be fruitful therapeutic approaches to combat the disease: (1) how energy is produced and utilized in axons, (2) how energy is associated with axon degeneration, (3) the nature of axon degeneration in glaucoma, and (4) how axon degeneration might be prevented. As discussed below, the entry points for the final destruction of the axon vary between neurodegenerative disorders but have much in common beyond initiation. The focus here is energy depletion, which arises from a number of circumstances, including ischemia, mitochondrial dysfunction, age-related changes in the NAD+-sirtuin-PGC-1α axis, loss of axon support factors, and activation of axon degeneration factors. Below we review the current understanding of energy production in white matter and possible intervention points in glaucoma and, by extension, other chronic axonopathies.

ENERGY IN AXONS

Energy is produced both within axons and around them using substrates delivered by the circulation and glial cells. Axons obtain most of their energy from ATP through oxidative phosphorylation in mitochondria. Glial cells that contact axons (oligodendrocytes and astrocytes) are capable of providing energy substrates to axons as well. This energy is necessary for axon function.

Within Axons: Oxidative Phosphorylation and Glycolysis

The central nervous system prefers glucose as its substrate; glucose enters the brain (and retina and optic nerve) through glucose transporters. Neurons express GLUT3, a high-affinity glucose transporter (Maher et al., 1991), while astrocytes and endothelial cells express GLUT1 (Garcia-Caceres et al., 2016). Both GLUT3 and GLUT1 can be upregulated through insulin signaling (Simpson et al., 2008). Glucose is converted through glycolysis to pyruvate; the resultant pyruvate is fed into the Krebs cycle in mitochondria for the generation of ATP. Glucose in axons can also be used to produce reducing equivalents like NADPH via the pentose-phosphate pathway in order to maintain redox balance (Stincone et al., 2015). Neurons are highly oxidative and dependent on their mitochondria. ATP produced by mitochondria in the average ON axon can comfortably sustain the observed firing rate of action potentials, the maintenance of the resting potential, and maintenance processes, according to a computational model that drew on published values for rat CNS (Harris and Attwell, 2012). The model indicated mitochondria could support all optic nerve axons using roughly 50% of the ATP generation capacity. There is only a calculated ATP shortfall for small axons, those below 0.8 μm in diameter (Harris and Attwell, 2012). In humans, normal optic nerve axon mean diameter ranges from 0.72 ± 0.07 μm (Mikelberg et al., 1989), to 0.96 ± 0.07 μm (Quigley et al., 1988), and 1.00 ± 0.06 μm (Jonas et al., 1990). Even within these ranges, a significant portion of the axons in the human optic nerve are likely to experience ATP shortfall if the model accurately predicts energy availability. The same is true for mouse, with a frequency distribution of optic nerve fiber diameter that peaks at 0.7–0.9 μm; 50.4% of axons are 0.9 um in diameter or less (Honjin et al., 1977), suggesting that there could also be a mitochondrial-derived ATP shortfall in a large subset of axons. The energy sufficiency calculations also depend upon the axon having enough access to glucose.

In general, there are adequate concentrations of GLUT3, the primary glucose transporter in neuronal membranes (Maher et al., 1991), to provide the necessary glucose levels to axons (Harris and Attwell, 2012). These estimates assume glucose diffusion to the middle of an internode quickly (see Figure 2); rat internodes average 240 μm (Ransom et al., 1991) while internode lengths in mouse ON average 110 μm (O'Meara et al., 2013). This internode length suggests glucose will readily diffuse; however, the predicted ATP shortfall in axons below 0.8 μm in diameter indicates a potential vulnerability of small axons. Small axons have light myelination, shorter internodes, slow conduction rates (Hursh, 1939), and more sparse mitochondria (Perge et al., 2009; Ohno et al., 2011). It has recently been demonstrated that glucose transporters are upregulated in response to activity in mouse myelinated axons (Saab et al., 2016), a potential solution to the possible lack of glucose in small axons. There are two caveats to this interpretation, however: The glucose transporters were upregulated in oligodendrocytes, not axons; and protein upregulation is not a dynamic response to momentary need. Axons likely rely on alternatives to glucose for maintenance of function.


[image: image]

FIGURE 2. Axon schematic showing the distribution of glucose transporters (GLUT), and monocarboxylate transporters (MCT) in the axon, astrocytes and oligodendrocytes. GLUTs move glucose into the cell, while MCTs transport monocarboxylates such as lactate, pyruvate, and β-hydroxybutyrate. Glia express MCT1 and MCT4, while axons express MCT2. The kinetics of the MCTs are such that MCT1 is best suited for lactate export and MCT2 for lactate uptake because of its higher affinity for lactate (see text). The node of Ranvier is concentrated with ion channels (not shown) necessary for saltatory conduction. Astrocytes can interface with the axon at the node of Ranvier. Oligodendrocytes myelinate the axon; the region between nodes of Ranvier is the internode.



Around Axons: Glial-Derived Energy

Axons may be supplied with metabolic intermediates from astrocytes and oligodendrocytes to address potential shortfalls from glucose transport and diffusion. Several early studies demonstrated metabolic coupling between neuronal and glial compartments (Hamberger and Hyden, 1963; Pevzner, 1971, 1972). Glia-to-neuron energy substrate transfer was also revealed in early work on metabolic coupling between glia and neurons in the honeybee retina, indicating that glial cells released alanine that was taken up and metabolized by photoreceptor neurons (Tsacopoulos and Magistretti, 1996). In the mammalian CNS, glia mainly transfer monocarboxylates—L-lactate, pyruvate, or ketone bodies—rather than alanine, to neurons (Brown et al., 2003). The initial support for energy transfer from glia to axons came from studies of optic nerve explants that could maintain CAPs for approximately 30 min in the absence of glucose (Stys et al., 1991; Wender et al., 2000). Further study of optic nerve showed that CAP maintenance was dependent on transport of lactate (Wender et al., 2000; Tekkök et al., 2005). The critical evidence supporting intracellular metabolic substrate transfer is based on a number of observations, including: (1) the ability of glial cells to release L-lactate from their glycogen stores (Dringen et al., 1993), (2) the ability of neurons to take up L-lactate (Bouzier-Sore et al., 2003), (3) the cellular distribution of lactate dehydrogenase enzyme that converts lactate to pyruvate (Bittar et al., 1996), and (4) the cellular localization of monocarboxylate transporters (MCTs) within the CNS (Koehler-Stec et al., 1998; Pierre et al., 2002). Mounting evidence from different experimental studies indicates that oligodendrocytes and astrocytes significantly contribute to metabolic substrate transfer for axonal metabolic support.

Lactate, a glycolytic end product, can be converted to pyruvate for utilization in the Krebs cycle (Figure 3). Evidence from many different experiments indicates that lactate is an efficient oxidative energy substrate for neurons (Pellerin et al., 1998). The conversion of lactate to pyruvate is catalyzed by lactate dehydrogenase (LDH), and requires NAD+ as a cofactor. Cells that produce lactate glycolytically, like astrocytes, are abundant in one LDH isozyme, while cells that use lactate as a substrate, including neurons, are enriched in another (Tsacopoulos and Magistretti, 1996). Lactate is transported between glia and neurons through the monocarboxylate transporters (MCTs). MCTs are bidirectional extracellular membrane channels that transport lactate, pyruvate, and ketone bodies across the membrane depending on their concentration gradient (Pierre and Pellerin, 2005). The MCTs work by first binding a proton then one molecule of lactate; the transporter undergoes a conformational change that releases the proton and the lactate on the other side of the membrane (Dubinsky and Racker, 1978). MCT isoforms differ in their substrate-binding affinities and kinetics, making MCT1 best suited for lactate export and MCT2 for lactate uptake. Perhaps unsurprisingly, MCT1 is expressed preferentially in oligodendrocytes and astrocytes (Lee et al., 2012), while MCT2 is expressed in neurons and axons (Pierre et al., 2002; Simpson et al., 2007), and MCT4 is expressed in astrocytes (Rafiki et al., 2003). MCT2 has a much greater affinity than MCT1 or MCT4 for lactate and pyruvate (Simpson et al., 2007).
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FIGURE 3. Conversion of ketone bodies, including lactate and β-hydroxybutyrate (β-HB), intermediates that can be utilized in Krebs cycle. (A) Lactate conversion to pyruvate is catalyzed by lactate dehydrogenase and requires NAD+. The reaction is reversible. Pyruvate is oxidized to acetyl-CoA, using NAD+ and giving off NADH and CO2. (B) β-HB can be utilized in Krebs cycle after a multi-step conversion reaction that results in the formation of two molecules of acetyl-CoA for every molecule of β-HB.



Glial Glycolysis Supports Axons

Glial cells and neurons form a metabolic unit in the CNS, with glial cells providing energy substrates that ensure neural function. In Drosophila, neurons die when glial cell glycolysis is impaired, indicating that glycolysis is essential to neuron survival (Volkenhoff et al., 2015). The metabolic unit is supported by communication among cells; axon firing can lead to upregulation of glucose transporter-1 in oligodendrocytes in mouse (Saab et al., 2016). Once fortified with additional glucose, oligodendrocytes release lactate, thereby maintaining energy supplies to myelinated axons in the optic nerve. Moreover, evidence from multiple sclerosis patient tissue suggests that oligodendrocytes in low glucose conditions decrease their lactate release (Rone et al., 2016), possibly imperiling myelin maintenance but allowing cell survival. This suggests that glia are responsive to axon activity through greater release of metabolic substrate, but they have limits.

Glycogen

Astrocytes have glycogen stores that are capable of being mobilized to provide glucose or lactate to axons (Pellerin et al., 1998; Erlichman et al., 2008). Mobilized glycogen allows for continued optic nerve CAP generation when mouse optic nerves are deprived of glucose (Wender et al., 2000). In vitro evidence suggests that lactate derived from glycogen breakdown is preferentially exported (Sickmann et al., 2005). The glycogen stores get broken down into lactate, which gets transferred to and used by axons, as shown by CAP failure when lactate transporters are blocked in periods of aglycemia in mouse optic nerve (Wender et al., 2000; Tekkök et al., 2005). Blocking glycogen breakdown accelerated CAP failure in optic nerve subjected to high-frequency stimulation (Brown et al., 2005). Furthermore, neuronal function can be maintained and neuronal death averted during hypoglycemia by increasing astrocytic glycogen stores in rat brain (Suh et al., 2007). These data demonstrate that lactate from glial glycogen stores can and will be used by axons under stress. In brain parenchyma, astrocytes have unique morphological structures and phenotypical features, which ideally position them to sense neuronal activity (Lundgaard et al., 2014) and respond with the suitable metabolic substrate to their surrounding microenvironment (Rouach et al., 2008). Is something similar at work in white matter, between astrocytes and axons? Gap junctions known to connect astrocytes and oligodendrocytes (Orthmann-Murphy et al., 2007) could facilitate movement of glucose or lactate from astrocyte to oligodendrocyte, thereby providing lactate or other substrates directly through the axon-facing MCT-1 on oligodendrocytes. Alternatively, astrocytes are known to contact nodes of Ranvier (Serwanski et al., 2017) and may deliver metabolic substrates directly.

Energy and Axon Degeneration

Axon degeneration is a complex process that can initiate from different neuronal compartments, e.g., the soma, terminal boutons, or the axon itself. Regardless, the initial stages of neurodegeneration often manifest in the axon compartment. Axon degeneration mechanisms can share three common elements: intra-axonal Ca++ dysregulation, axon transport deficits, and mitochondrial dysfunction (Fagiolini et al., 1997; Stys, 2004). Both axon transport deficits and mitochondrial dysfunction are energy-related pathologies. For example, molecular motors require energy for axon transport. Earlier work on this subject posited that mitochondrial dysfunction would preclude axon transport until it was demonstrated that molecular motors can use extra-mitochondrial sources of energy (Zala et al., 2013). This may dissociate axon transport deficit from mitochondria with regards to ATP demand; however, pathological change in mitochondrial dynamics can alter transport through other mechanisms (Crish and Calkins, 2011; Misko et al., 2012). Metabolic dysfunction could contribute to axon transport deficit, independent of mitochondria, through lack of substrate delivery to the axon. Anterograde axon transport deficit is known to be an important alteration in the pathology of glaucoma (Crish et al., 2010; Dengler-Crish et al., 2014). As will be discussed below, axon transport is required to maintain axon structure and function as well as traffic survival factors for the neuron (see Vrabec and Levin, 2007; Milde et al., 2013).

Mitochondria and Degeneration

Investigation into the mechanisms of axon degeneration underscores the central role of energy availability and mitochondria in keeping the axon compartment alive. For example, injured axons in zebrafish rapidly degenerate without mitochondria (Campbell et al., 2014). In C. elegans, mitochondrial targeting to axons can protect them from degeneration (Rawson et al., 2014). Similarly, releasing mitochondria from their syntaphilin tethers in axotomizedcultured cortical mouse axons can rescue energy deficits (Zhou et al., 2016), demonstrating the importance of ATP homeostasis to axon survival after injury. Some have determined mitochondria to be the site of axon protection (Avery et al., 2012), though preventing mitochondrial transport into axons prior to injury slowed, but did not stop, the course of axon degeneration in a Drosophila axotomy model (Kitay et al., 2013). Depolarizing mitochondria does not increase the rate of Wallerian degeneration in superior cervical ganglion axons in vitro, indicating that degeneration-associated Ca++ increases are extra-mitochondrial (Loreto et al., 2015). Axon regeneration, quite separate from degeneration, in mouse RGC axons (Cartoni et al., 2016) and C. elegans nerve cord axons (Han et al., 2016), does require mitochondria.

Glial Lactate Critical for Axon Survival

Recent experimental data demonstrates that MCTs are critical for maintaining axon health and integrity. Mice with 50% lower than normal MCT1 expression developed axonopathy in the optic nerve, suggesting that axons are quite sensitive to reduction in the provision of lactate from oligodendrocytes (Lee et al., 2012). Neurons in organotypic cultures could not survive without MCT1, and axons without it degenerated. MCT1 was also shown to be reduced in patients with amyotrophic lateral sclerosis (ALS) and in a mouse model of ALS (Lee et al., 2012). Deletion of MCT1 in oligodendrocytes substantially reduces the availability of local energy metabolites to the axon (Lee et al., 2012), potentially affecting the axonal energy-dependent processes such as axonal transport (Nave, 2010).

The crucial role of MCT1, a mover of energy substrate from the oligodendroglial compartment to axons, in axon function and survival spurred investigation into the regulation of energy exchange between oligodendrocyte and neuron (Saab et al., 2016). Stimulation of oligodendroglial NMDA receptors in response to axonal glutamate release upregulates glucose transporter GLUT1 in the oligodendrocyte. Increased uptake of glucose in the myelin as a result of GLUT1 expression ensures greater glucose delivery to the oligodendrocytes at a time when the axon is engaged in high spiking activity, thereby establishing a path to greater lactate release by the oligodendrocyte to the myelinated axon. Axons recovered from oxygen-glucose deprivation better with lactate than with glucose, indicating the oligodendrocytes were not merely passing along glucose to the axons (Saab et al., 2016).

A multi-pronged approach to supplying axons with energy, as outlined in the section on energy described above, is necessary because of the dire consequences of axonal energy depletion. Axons expend the bulk of their energy budget on the Na+-K+ ATPase which moves these ions across the axolemma during and after action potential firing (Ritchie, 1967). Without sufficient energy for Na+-K+ ATPase function, axons experience Na+ and Ca++ overload and then structural decline when Ca++-dependent proteases such as calpain (and potentially others) lay waste to the cytoskeleton, disrupting axon transport, physiology, and other vital axon maintenance processes. Extracellular Ca++ influx is both necessary and sufficient for axon degeneration (Court and Coleman, 2012); it is part of a “final common pathway” for various mechanisms of axon degeneration such as developmental axon pruning and Wallerian degeneration (Yang et al., 2013); reviewed in (Stirling and Stys, 2010; Tsutsui and Stys, 2013; Conforti et al., 2014).

Energy and Mechanisms of Axon Degeneration: Wallerian

A role for energy in the mechanism of axon degeneration emerged from research into the mechanism of axon protection in the Wallerian degeneration-slow (Wlds) mouse. Wlds mice carry a naturally occurring mutation that greatly slows axon degeneration, allowing axons that are separated from the cell body to maintain structural and conduction integrity for 2 weeks after transection in mice (Lunn et al., 1989). In a series of follow-up studies, it was demonstrated that the slow degeneration phenotype was intrinsic to the axon (Perry et al., 1990a) and was controlled by a single autosomal dominant gene (Perry et al., 1990b; Lyon et al., 1993). It was ultimately determined that the Wlds gene encodes a chimeric protein, a fusion of the N-terminal 70 amino acids of ubiquitination factor E4B (Ube4b) with nicotinamide mononucleotide adenylyltransferase-1 (NMNAT1) (Conforti et al., 2000; Mack et al., 2001). Subsequent research activity has indicated that the NMNAT1 portion of the fusion protein is primarily responsible for the Wlds phenotype, as shown in in dorsal root ganglion culture (Araki et al., 2004). It is the ATP-dependent activity of NMNAT that converts nicotinamide mononucleotide (NMN) to NAD+ (Figure 4). NAD+ is an essential coenzyme in four steps of the Krebs cycle, an essential cofactor in the GAPDH step of glycolysis, and the conversion of lactate into pyruvate requires NAD+, reducing it to NADH. Determining that NMNAT activity contributes to axon survival after axotomy placed energy as a central issue to the mechanism of axon degeneration.
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FIGURE 4. Nicotinamide dinucleotide (NAD+) salvage pathway. NAD+ can be synthesized de novo using tryptophan (not shown), or through a salvage pathway using vitamin precursors niacin (vitamin B3), nicotinamide (NAM), or nicotinamide riboside (NR). In the salvage pathway, NMNAT catalyzes the formation of NAD+ from NMN and ATP. The reverse reaction converts NAD+ into NMN, giving off ATP. NMN, nicotinamide mononucleotide; NAD, nicotinamide dinucleotide; NMNAT, nicotinamide mononucleotide adenylyltransferase; NAMPT, nicotinamide phosphoribosyltransferase.



Given the critical role of NMNAT in axon survival after injury, logic would dictate that the product of NMNAT activity, NAD+, is the currency of axon protection. Mammals use a variant of vitamin B3, nicotinamide, as the precursor for NAD+ synthesis (Galli et al., 2013) (Figure 4). Roughly 50% of the pyridine nucleotide NAD+ pool is in mitochondria, and 50% is in the cytoplasm in cultured neurons (Alano et al., 2010). NADH and NAD+ cannot themselves be transported into or out of the mitochondria. Cytosolic NAD+ depletion has been shown to block glucose utilization, consistent with its requirement in glycolysis. NAD+ is regenerated in cells by the activity of lactate dehydrogenase, through the electron transport chain in mitochondria, or the movement of malate and/or aspartate transport across the inner mitochondrial membrane. The major consumers of NAD+ in a cell include poly (ADP-ribose) polymerases (PARPs), and sirtuins (class III histone deacetylases) (Blander and Guarente, 2004; Belenky et al., 2007). Strikingly, eliminating two major NAD+ consuming enzymes (PARP1 and CD38) does not prevent axon degeneration in mouse sciatic nerve transection (Sasaki et al., 2009). In vivo, NMNAT1 overexpression was not sufficient for axon protection, but NMNAT3 targeted to the mitochondrial matrix protected sciatic nerves after axotomy (Yahata et al., 2009). NMNAT3 likely regenerates NAD+ in the mitochondria for cellular energetics (Lau et al., 2009). Since the mitochondrial NAD+ pool is segregated from the cytoplasmic, NMNAT3-based protection from degeneration implicates mitochondrial dysfunction in the energy depletion that contributes to axon degeneration. The mitochondria isolated from these axons had normal respiratory chain components but were making more ATP (Yahata et al., 2009). The centrality of NAD+ in energy production and utilization suggest a mechanism linking loss of mitochondrial function to axon degeneration (Di Lisa and Ziegler, 2001).

Mitochondria isolated from Wlds -expressing, protected mouse axons exhibit increased ATP production (Yahata et al., 2009) and enhanced Ca++ buffering (Avery et al., 2012). Importantly, Wlds can ameliorate decreases in ATP after axon injury in vitro (Wang et al., 2005). There are multiple NMNATs, each one localized to a cellular compartment. NMNAT1 is nuclear, NMNAT2 is cytoplasmic and associated with Golgi-derived vesicles, and NMNAT3 is found in the mitochondria (Ali et al., 2013). Each of these NAD+-synthesizing enzymes has been investigated individually and found to impact axon survival. Mutations in NMNAT1 cause Leber's congenital amaurosis, a retinal degeneration disease (Falk et al., 2012). Targeting NMNAT1 expression to the cytoplasm then inducing ocular hypertension protects RGCs from death (Zhu et al., 2013). The protective effect of a cytoplasmic version of NMNAT1 depended upon mitochondrial axon transport (Fang et al., 2014a). NMNAT2, however, has turned out to be the essential axon protection factor; when not transported to the axon, a degenerative program ensues (Gilley and Coleman, 2010). Mutations that extend the half-life of NMNAT2 increase its ability to delay axon degeneration, beyond that observed with the Wlds mutation (Milde et al., 2013). The Wlds protein can protect a cut axon for up to 4 h in vitro, while NMNAT2 depletion within 5 h commits the axon to degeneration (Gilley and Coleman, 2010; Wang et al., 2015). The longer half-life of Wlds over NMNAT2 may explain its ability to radically extend axon survival.

Identification of NMNAT2 as an axon protection factor has been accompanied by identification of two proteins that appear to be axon death factors (see Figure 5). PHR1, an E3 ubiquitin ligase, promotes axon degeneration after injury (Babetto et al., 2013) by influencing the turnover of NMNAT2. PHR1 deletion delays Wallerian degeneration. SARM1, a Toll-like receptor adaptor protein tethered to the mitochondria (Kim et al., 2007; Summers et al., 2014), contributes to axon degeneration such that its deletion significantly delays Wallerian degeneration after nerve transection (Osterloh et al., 2012). The mechanism of that delay includes increased NAD+ synthesis in the axon (Gerdts et al., 2015). SARM1 activation rapidly breaks down NAD+ after injury. SARM1 is required for activation of a post-injury MAPK cascade that disrupts energy homeostasis through ATP depletion in the axon (Yang et al., 2015). Cut neurites from SARM1−/− mice showed higher extracellular acidification rate (glycolysis) and higher maximal respiration than wildtype (Godzik and Coleman, 2015), suggesting a complex picture of the role of oxidative phosphorylation and glycolysis in maintaining ATP levels in injured axons. Isolated neurites show just a partial view of what is likely happening in vivo, where oligodendrocytes and astrocytes are capable of contributing to the overall energy scheme.
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FIGURE 5. NMNAT2 is transported into the axon to support/protect axon integrity. PHR1, an E3 ubiquitin ligase, can ubiquitinate NMNAT2, promoting its degradation. This leads to decreases in NAD+, low ATP levels, and eventual axon degeneration. SARM activation also leads to axon degeneration through loss of NAD+ and ATP. Ubiquitination-deubiquitination of PHR1 keeps DLK1 in balance until it is phosphorylated by JNK. DLK1 can then activate JNK, which phosphorylates SCG10, leading to its degradation. Axonal degeneration can be blocked by SCG10. Loss of SARM or PHR1 delays degeneration. See text for details.



The prospect of axon survival has become quite complex with the further identification of elements capable of contributing to axon degeneration. Dual leucine zipper kinase (DLK), a MAP3K upstream of JNK, is necessary and sufficient for RGC death after optic nerve crush (Welsbie et al., 2013). Inhibiting the JNK cascade in DLK1−/− sensory neuron cultures delays Wallerian degeneration (Miller et al., 2009), suggesting that DLK1 acts through JNK to promote axon degeneration. There is some disagreement regarding the role of DLK1 in RGCs. Axon degeneration was not delayed after optic nerve crush in DLK1-deficient mice (Fernandes et al., 2014). While this suggests that kinases other than DLK1 may be capable of JNK activation for axon degeneration, a separate study showed that phosphorylation of c-Jun, a target of JNK, was dependent on DLK1 after optic nerve crush (Watkins et al., 2013). DLK1 was significantly upregulated in post-crush optic nerve and governed both the pro-apoptotic and pro-regenerative responses of RGCs (Watkins et al., 2013). JNK works in the commitment phase of the degeneration cascade since inhibiting it 3 h after axotomy of mouse or Drosophila axons was not sufficient to prevent axon loss (Miller et al., 2009). A protein phosphorylated early after axotomy in the distal segments of sensory nerve, SCG10, is a microtubule binding protein and JNK substrate whose phosphorylation targets it for degradation. SCG10 can delay degeneration of crushed mouse optic nerve if overexpressed (Shin et al., 2012). Loss of SCG10 alone, however, does not lead to axon degeneration. JNK regulates SCG10 turnover, linking it to DLK1. Interestingly, SCG10 is lost after axotomy even when NMNAT overexpression prevents axon degeneration (Shin et al., 2012).

After axotomy, PHR1 contributes to NMNAT2 degradation while SARM1 is similarly contributing to NAD+ depletion (Figure 5). DLK1 activates JNK, which ensures loss of SCG10. These events commit an axon to the degeneration cascade, and it is not yet known how the various elements interact or the precise timing. There are most certainly modifiers of the cascade as well as variations by mode of injury and type of neuron, as will be discussed below. Caveats to the general degeneration scheme include the fact that some of these mechanisms have been worked out in vitro, in isolated neurites. While this has established that Wlds, SARM, and DLK-1 are cell-autonomous in their impact on axon degeneration, the various unexplained aspects of degeneration mechanisms are being assiduously investigated.

Glaucomatous Axonopathy: What Form Does It Take?

The success of axon protection strategies that have emerged from investigation into the Wlds mutant applied to glaucoma may enable a determination about the mechanisms of axon degeneration in this disorder. In Wallerian degeneration, axons degenerate caudal to a lesion and in an asynchronous way over a population of axons within a nerve (Waller, 1850). The nature of the injury dictates its course since Wlds axons degenerate anterogradely (from the injury toward the synapse) after transection but retrogradely (from the synapse back toward the injury) after crush injury in peripheral nerve (Beirowski et al., 2005). Wallerian degeneration can be triggered even without physical axonal injury (Ferri et al., 2003; Gilley and Coleman, 2010). In distal axonopathy, for which there is evidence in mouse models of glaucoma (Schlamp et al., 2006; Crish et al., 2010), an axon degenerates from the distal-most point and moves retrogradely. It may be the case that “dying back,” or distal axonopathy is not separable from Wallerian degeneration in glaucoma, especially if glaucoma injury resembles a crush injury with retrograde degeneration. Support for shared mechanisms of distal axonopathy and Wallerian degeneration comes from models of Charcot-Marie-Tooth disease, a distal axonopathy that is significantly slowed by the expression of the Wlds (Meyer zu Horste et al., 2011). Wlds can also reduce the number of axon varicosities, enlarged portions of axons containing protein aggregates that are hallmarks of most neurodegenerative diseases. Despite this, Wlds cannot delay all axon degeneration (Vande Velde et al., 2004), and there may be age-related limits to axon degeneration delay (Samsam et al., 2003). Wlds has been shown to effectively delay the optic neuropathy of glaucoma in the mouse (Howell et al., 2007; Beirowski et al., 2008), though it did not prevent or delay RGC death. A comparison of pre-laminar and laminar axons (see Figure 6) in the optic nerve head of D2 mice with glaucoma show a significant decrease in axon number from pre-lamina to lamina, suggesting that axon damage initiates in the pre-lamina and distal axons degenerate (Howell et al., 2007). This would be consistent with an anterograde Wallerian degeneration as observed in transected axons (Beirowski et al., 2005). However, axon endbulbs can be observed throughout the optic nerve in the D2 mouse model of glaucoma (Buckingham et al., 2008; Crish et al., 2010; Dengler-Crish et al., 2014), suggesting a retrograde degeneration course that would be more in alignment with the response to crush injury (Beirowski et al., 2005). Consistent with this, one analysis of D2 optic nerve showed a distal to proximal pattern of degeneration that preceded loss of the corresponding RGCs (Schlamp et al., 2006). Without the ability to monitor the axons along their course, it cannot be ruled out that the end bulbs and axon fragmentation observed beyond the optic nerve head are distal portions of axons with an initiating injury at the optic nerve head.
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FIGURE 6. Schematic of the optic nerve head in the mouse. Retinal ganglion cell axons converge at the optic disk and then make a ~90° turn to form the optic nerve. The pre-lamina region is formed from the fasciculated axons as they traverse the retina. Columns of astrocytes maintain the fasciculated bundles of unmyelinated axons through the lamina. Beyond the lamina, retinal ganglion axons are myelinated by oligodendrocytes.



Neurotrophin deprivation has been considered an important potential mechanism of RGC decline and death. Manipulating receptor tyrosine kinase (Trk) signaling concomitant with growth factor provision has proven to be supportive of RGC survival (Cheng et al., 2002; Lebrun-Julien et al., 2009; Weber and Harman, 2013). Developmental axon pruning is an example of axon degeneration that can be triggered by loss of growth factor support from target areas. Axon pruning may share downstream mechanisms of degeneration with post-injury Wallerian degeneration, but the commitment phase differs. Wlds cannot prevent pruning in mice or Drosophila (Hoopfer et al., 2006). Since Wlds mice show normal CNS circuitry instead of a gross overabundance of unpruned connections, this is not unexpected. Evidence indicates there may be two mechanisms by which axons get pruned, one that is caspase-dependent and the other requiring loss of NAD+; the two may work together or run parallel to eliminate unneeded circuitry (Schoenmann et al., 2010). Growth factor deprivation initiates activation of caspases; Wlds and cytoplasmic NMNAT1, even SARM1 deletion (Gerdts et al., 2013), can protect against nerve growth factor (NGF) withdrawal-induced axon degeneration. DLK-1, after trophic deprivation, is JNK dependent and contributes to both axon degeneration and cell body apoptosis (Ghosh et al., 2011). Interestingly, DLK1 knockout in a optic nerve crush model did not protect RGC axon structure or function as measured by CAP amplitude (Fernandes et al., 2014), suggesting that degeneration in these axons is governed differently than those in development (Hoopfer et al., 2006) and potentially other sensory systems (Miller et al., 2009). Others determined that deficiency in DLK1 protected RGC somas from apoptosis and proximal axons from degeneration after optic nerve crush (Watkins et al., 2013). The pro-apoptotic factor BAX, when deleted in mice of the D2 background, preserved RGC somas but axons degenerated (Libby et al., 2005). These data indicate that degeneration of the optic nerve in the D2 model of glaucoma may be caspase-independent. The preponderance of evidence suggests that glaucomatous degeneration occurs through Wallerian degeneration rather than trophic deprivation-related pathways, though the initial kinase signaling has yet to be determined.

ENERGY AND GLAUCOMA-SPECIFIC AXON DEGENERATION

RGCs Vulnerable to Energy Depletion

RGCs are not uniformly susceptible to cell death in glaucoma (Li et al., 2006; Della Santina et al., 2013), and whether specific axons are particularly vulnerable to degeneration is not known. In the cat optic nerve, 50% of the axons are in the category of small and lightly myelinated, and are therefore potentially susceptible to ATP shortfall. It is believed these axons correspond to γRGCs (Williams and Chalupa, 1983) which are the W cells by functional type. W cells include on- or off-tonic, on- or off-phasic, and on-off phasic cells (Fukuda et al., 1984; Watanabe et al., 1993). Axon caliber correlates relatively well with soma size (Huxlin and Goodchild, 1997; Coombs et al., 2006), suggesting that the sizable group comprising the slowest conducting axons should include RGCs with small to medium cell somas. A number of studies have determined that OFF transient RGCs show early morphological and functional changes in the microbead injection and laser photocoagulation models of glaucoma (Della Santina et al., 2013; El-Danaf and Huberman, 2015; Ou et al., 2016). These OFF transients are believed to be αRGCs, those with large somas and extensive dendritic arbors; however, there are a number of RGC morphological types with arbor stratification at 50% of inner plexiform layer (IPL) depth typical of OFF transient cells (Della Santina and Ou, 2016) that could have small to medium cell somas and axons possibly in the smaller ranges. The D2 CAP data (Figure 1) and OFF transient data are not necessarily in opposition since the traces clearly show that CAPs are lost from all axon calibers (Baltan et al., 2010); large αRGCs can be preferentially lost among other cells that also succumb. Interestingly, after optic nerve transection in mouse, αRGCs preferentially survive, including OFF transients; when treated with osteopontin and IGF-1 or by downregulating PTEN, regeneration only occurs in αRGCs (Duan et al., 2015). Though αRGCs are a diverse group, it would seem unlikely that cells particularly susceptible to raised IOP would be resistant to axon transection.

Mitochondria in Glaucoma

To understand the mechanism of metabolic dysfunction in D2 optic nerve, the mitochondria would be a reasonable starting point for investigation since axons obtain most of their energy from ATP through oxidative phosphorylation. One very relevant study determined that mitochondria isolated from patients resistant to optic neuropathy—exposed to high IOP but absent pathology—showed greater levels of systemic “mitochondrial efficiency,” including higher rates of ADP phosphorylation, hyperpolarized mitochondrial membrane potential, and enhanced Ca++ buffering capacity compared to control and glaucoma patient groups (Lascaratos et al., 2015). These observations single out the mitochondrial function as a potential biomarker for individuals susceptible to increased IOP. Our electron microscopic analysis of mitochondria in the D2 optic nerve is consistent with lower mitochondrial support in glaucoma patients. We observed a linear relationship between mitochondrial volume and axon volume in DBA/2J-Gpnmb+ (control strain that does not develop glaucoma) and pre-pathological D2 optic nerve. That relationship is abolished in the transport dysfunctional D2 optic nerve, for which we observed axon volumes that were not matched by appropriate mitochondrial volumes (Kleesattel et al., 2015). Interestingly, CAP amplitude measures suggest that the third peak of the CAP trace, corresponding to the slowest conducting axons, are lost earliest and in the greatest numbers, and in accordance to magnitude of IOP exposure, in the D2 mouse model of glaucoma (see Figure 1; Baltan et al., 2010).

What ties metabolism to susceptible RGCs? In short, very little is directly known about the specifics of OFF transient cell energy homeostasis, though mitochondrial distribution could be a factor. Whereas mitochondria take up greater axon volume in unmyelinated axons, lightly myelinated axons in mouse (Ohno et al., 2011) and guinea pig have slightly fewer mitochondria than predicted (Perge et al., 2009). Mitochondria in the D2 optic nerve are significantly smaller and possess reduced cristae with aging and increased IOP (Coughlin et al., 2015); this supports widespread fission of these organelles, as has been observed by others (Ju et al., 2008). Smaller mitochondria with reduced cristae have less machinery for oxidative phosphorylation, and therefore, lower energetic capacity. This would spell particular trouble if the optic nerve were ever to experience glucose shortage (for example, if glucose transporters were downregulated) because functional mitochondria are required for an axon to survive on lactate. Lactate conversion to pyruvate bypasses glycolysis. The resultant pyruvate is converted to acetyl-CoA for use in Krebs cycle (Figure 3). The intermediates produced there are used to establish the electron transport chain and the proton motive force for ATP Synthase (Complex V) and ATP production. Hence, survival on lactate requires functional mitochondria.

Unfortunately for axon survival, poorly functioning mitochondria are not being efficiently recycled in the D2 optic nerve (Coughlin et al., 2015). By not being replaced, these mitochondria can contribute to metabolic vulnerability by producing lower levels of ATP and comparatively more reactive oxygen species (ROS). Mitochondrial biosynthetic proteins such as PGC-1α decrease with age, including in the retina of D2 mice (Guo et al., 2014). Low PGC-1α levels likely limit mitochondrial biogenesis. With no prospect of generating new mitochondria, the lack of recycling of malfunctioning organelles is likely a survival mechanism.

Investigating the impact of upregulating mitophagy in glaucoma could resolve whether maintaining compromised mitochondria can ensure continued, albeit weakened, axon function. Some insight can be gleaned from a study in which autophagy was inhibited in glaucoma using 3-methyladenine (Seglen and Gordon, 1982). The authors observed significant axon degeneration after inhibiting autophagy, and axon protection when promoting autophagy through rapamycin treatment (Kitaoka et al., 2013). Conflicting results have accompanied those examining the role of autophagy in glaucoma, with autophagy induction detrimental to RGC soma survival in an ocular hypertension glaucoma model (Park et al., 2012), but rapamycin-induced autophagy protective of RGC somas after axotomy (Rodriguez-Muela and Boya, 2012).

Glial Cells

As outlined above, astrocytes and oligodendrocytes can exert significant control over the availability and utilization of energy in the optic nerve. Analyses of optic nerve head and axonal glia in glaucoma to date have focused on morphological change (Lampert et al., 1968; Dai et al., 2012; Sun and Jakobs, 2012; Lye-Barthel et al., 2013; Bosco et al., 2016; Cooper et al., 2016), or cell loss. In the D2 optic nerve, astrocyte hypertrophy occurred early in the disease process and was maintained; oligodendrocytes were lost only after axon loss (Son et al., 2010). Alternatively, a model of laser induced ocular hypertension led to significant oligodendrocyte loss within 1 week of IOP elevation (Nakazawa et al., 2006). Oligodendrocyte loss could be ameliorated with an antibody against TNFα, suggesting a role for microglial-associated inflammation in the loss of myelin. Specific attributes of oligodendrocytes in glaucoma have not been investigated, though NG2+ cells proliferate and generate new oligodendrocytes after axon degeneration in the optic nerve (Son et al., 2010). In considering what is understood about the other macroglial cell in the optic nerve during glaucoma, the relationship between astrocyte hypertrophy and metabolic support of axons is unknown. These knowledge gaps provide many fertile areas of investigation for the metabolic role of optic nerve glia in glaucomatous neurodegeneration.

ADDRESSING ENERGY FAILURE IN GLAUCOMA

Glaucoma is an asynchronous degeneration of the optic nerve. Does axon degeneration occur from loss of protection factors or activation of death factors, or is it both? Where and when does energy dysregulation occur? How does one support axons before they fail? One approach to prevent axon degeneration is to develop ways to target cells that are likely to succumb. As noted above, specific RGCs and compartments seem particularly susceptible. As research refines the susceptible populations, targeting strategies can also become more sophisticated, though certain protection strategies may show positive consequences to targeting all RGCs. Aging remains an important risk factor, as suggested by the significant decreases in ATP with age (Figure 1) as well as degree of IOP exposure. Various energy-related approaches have been used to prevent axon degeneration in models of neurodegeneration, including providing creatine, manipulating members of the NAD+-sirtuin-PGC1α axis, and upregulating the NMNATs. Strategies used to protect against axon degeneration in glaucoma in particular consist of providing glucose, upregulating NMNAT1 and NMNAT3, providing ketone bodies, and inhibiting histone deacetylases (HDACs).

Glucose

Protection from glaucoma-induced optic neuropathy can occur by increasing energy substrates such as glucose. In a rat laser photocoagulation model of glaucoma, induction of hyperglycemia 4 days prior to ocular hypertension was shown to decrease axon loss in the optic nerve by more than 50% and increase ganglion cell survival also by roughly 50% (Ebneter et al., 2011). While glial activation was decreased in the optic nerve, retinal glial showed comparable levels of reactivity (microglia and astrocytes/Müller glia). A caveat to this study included the relatively brief study period (2 weeks) (Ebneter et al., 2011). Longer periods of hyperglycemia (6 weeks to 3 months) after ocular hypertension did not show neuroprotection in the retina (Kanamori et al., 2004a), though a distinction between neuronal and glial cell death was not made. A critical issue with increasing blood glucose levels is that hyperglycemia does not necessarily translate into greater glucose availability to the CNS without matching levels of high affinity glucose transporters such as GLUT3, or GLUT1. Whereas GLUT1 appears to be upregulated by NMDA-R activation (Saab et al., 2016), insulin can promote translocation of GLUT1 and GLUT3 to the cell surface (Uemura and Greenlee, 2006). In chronic glaucoma models, the likelihood of NMDA-R activation sufficient to upregulate GLUT1 seems unlikely because RGCs generally fire at low rates (more than 90% fire at 10 Hz or less) (Koch et al., 2004), and axons are being lost. The ectopic glutamate release observed in the optic nerve head in one glaucoma model (Fu and Sretavan, 2012) would not be directed at oligodendrocytes because axons in the nerve head are unmyelinated, but might its target be laminar astrocytes in an attempt to upregulate glucose transporters? Episcleral cauterization to initiate ocular hypertension in rats led to increased insulin and insulin-like growth factor receptor levels, concomitant with phosphorylated Akt, in retina in the acute post-injury period (Kanamori et al., 2004b). In the R28 rat retina neural cell line subjected to serum deprivation, insulin has been shown to be a retinal neuron survival factor by acting through the PI3K-Akt signaling pathway to decrease caspase-3 activation (Barber et al., 2001). It is unknown if glucose transporters were upregulated by these insulin increases. Traumatic brain injury, known to result in an 8-fold increase in extracellular lactate (Nilsson et al., 1990), led to an increase in neural (GLUT3), but not glial (GLUT1) glucose transporters (Hamlin et al., 2001). This would be consistent with increased need for energy in the neural compartment.

Glycogen

Astrocytes are the primary storage location for glycogen (Cataldo and Broadwell, 1986). Glycogen is broken down to glucose, but studies have shown that glycogen mobilization in astrocytes provides lactate, not glucose, to the extracellular milieu (Dringen et al., 1993). During periods of aglycemia, astrocytic glycogen is rapidly depleted, able to sustain function for no more than a few minutes (Brown, 2004). Increasing glycogen stores, though, can maintain axon firing longer during periods of hypoglycemia in rat brain (Suh et al., 2007). Astrocytes form the glia lamina of the optic nerve head in rodents (Figure 6), and these cells undergo profound morphological change with ocular hypertension (Sun et al., 2009; Dai et al., 2012; Bosco et al., 2016; Cooper et al., 2016). Of note, the optic nerve head glia impacted by glaucoma no longer contact the basal lamina of the nerve (Dai et al., 2012), the ultrastructural location of glycogen granules (Brown, 2004). This suggests astrocyte glycogen might be a source of metabolic vulnerability in the glaucomatous optic nerve due to possible depletion. Increasing glycogen stores, however, may not make a significant difference to energy homeostasis in a chronic disease like glaucoma because of its rapid depletion. Glycogen has other potential roles though, such as support of glutamatergic neurotransmission (Obel et al., 2012). Glycogen production through glycogen synthase is regulated by three kinases, including glycogen synthase kinase 3 (GSK-3). GSK-3 in particular has probable implications for glaucoma through its targets and its promiscuity; GSK-3 has more predicted substrates than any other kinase (Linding et al., 2007). GSK-3 phosphorylation regulates transcription factors such as NF-κB, STAT3, Fos/Jun AP-1, p53 (Beurel et al., 2015); histone deacetylases; and proteins like the microtubule binding tau (Mandelkow et al., 1992), critical to Alzheimer's disease and neurodegenerative disease pathology (Stamer et al., 2002; Mandelkow et al., 2003). It is as yet unknown whether a connection exists between astrocyte glycogen production and neurodegenerative disease pathology through GSK-3.

Creatine

Ischemia is also postulated to occur as a result of poor blood flow at the optic nerve head, as observed in glaucoma patients (Schwartz, 1994; Grunwald et al., 1998); it also occurs in models of acute IOP increase (Sun et al., 2010). ATP turnover in cells is fast, but more so in tissues subjected to ischemia. ATP supply is maintained by a pool of phosphocreatine that exists at sites of high energy consumption because phosphocreatine can be converted by creatine kinase into ATP + creatine more quickly than ATP can be generated. Creatine is neuroprotective in many models of hypoxia, including for cerebral ischemia when delivered intercerebroventricularly (Lensman et al., 2006), and after experimental stroke when the creatine is in a formulation that extends half-life (Perasso et al., 2009). Pre-treating cortical axons with creatine prevented ischemia-induced damage as well as alleviating ATP depletion (Shen and Goldberg, 2012). This protection was independent of glial cells. Nevertheless, protection from ischemia corroborated previous studies demonstrating that creatine is not effective when delivered post-ischemia injury (Lensman et al., 2006; Shen and Goldberg, 2012). It may be the case that sufficient levels of creatine could not be delivered in a timely manner to counteract the depolarization and subsequent energy depletion in ischemia.

NMNATs

Similar to studies in sensory neurons, NMNATs have significant impact on RGCs and their axons. Embryonic mice (E18.5) nullizygous for NMNAT2 showed truncated RGC axons; the axons did not reach the optic chiasm, and there was no optic tract. RGC bodies appeared normal, with proximal axons that formed the optic nerve (Gilley et al., 2013). These results suggested a developmental role for NMNAT2 in axon extension. NMNAT3 upregulation in two different mouse models of glaucoma exerted significant protection of axons that could be reversed with treatment by 3-methyladenine, a PI3K inhibitor that reduces autophagy (Kitaoka et al., 2013). Cytoplasmic NMNAT1 upregulation protected RGC somas and axons in models of retinal ischemia and ocular hypertension (Zhu et al., 2013). The studies did not thoroughly examine the mechanism of NMNAT protection, though the apparent connection to autophagy in the Kitaoka study suggests that recycling of all but the most basic cellular components can help maintain energy homeostasis in RGCs subjected to pressure-induced insult.

NAD+-Sirtuin-PGC-1α Axis Manipulation

NAD+ levels decrease with aging (Guarente, 2014), and various studies of NAD+ replenishment (either direct or through precursors) demonstrated better metabolic health and mitochondrial function in diet-related diabetes (Yoshino et al., 2011), and in muscle stem cells in aged mice (Zhang et al., 2016). After axotomy in vitro, exogenous application of NAD+ was sufficient to slow the degeneration (Wang et al., 2005). Thus, a successful strategy for slowing or preventing axon degeneration has been to indirectly provide energy (Araki et al., 2004; Chung et al., 2013). Wallerian degeneration, the most likely mechanism by which glaucomatous RGC axons die, can be halted through increased NAD+ biosynthesis (Araki et al., 2004) and the action of a serine protease inhibitor that prevents ATP decrease (Ikegami et al., 2004). Despite NAD+ being an obvious candidate effector for axon protection, overexpression of Wlds and NMNAT prevents axon degeneration but does not increase basal NAD+ levels (Mack et al., 2001; Araki et al., 2004), and NAD+ levels are not essential to axon preservation (Sasaki et al., 2009). If NAD+ levels are dispensable, then perhaps it is ATP levels that are crucial to axon protection. Reducing axon ATP causes irreversible axon damage (Shen et al., 2013).

NMNAT overexpression has had some success in models of glaucoma (Kitaoka et al., 2013), though if energy support is the goal, a very promising candidate is the NAD+ precursor nicotinamide riboside (Figure 4). Nicotinamide riboside (NR), when orally delivered to humans and mice, exhibits superior bioavailability and pharmacokinetics than either nicotinamide or nicotinic acid. NR significantly increases NMN, NAM, and NAD+ levels in humans by the fourth dose of a daily 1,000 mg intake, and maintains those increases up to 24 h after the seventh dose (Trammell et al., 2016).

Sirtuins

The sirtuins, class III histone deacetylases (HDACs), have had variable impact on degeneration in the CNS, their activation effective at delaying neurodegeneration in some situations, but not all (Conforti et al., 2007). Indirect maintenance of NAD+ pools through HDAC inhibition has been demonstrated in neurodegenerative diseases (Langley et al., 2005). In a transgenic mouse model of Alzheimer's disease, nicotinamide treatment inhibited SIRT1 activity, reduced phosphorylated tau, and restored cognitive ability (Green et al., 2008). As was discussed above, PARP1 and SIRT1 are enzymes that require NAD+ for activity. PARP1 inhibition or elimination did not improve axon regeneration after optic nerve transection in mice (Wang et al., 2016), though treatment started 3 days after injury and there is only a few hours between injury and commencement of Wallerian degeneration.

Resveratrol, a SIRT1 activator, has been utilized as a tool to probe the complexities of SIRT1 and degeneration. Resveratrol delayed Wallerian degeneration in sensory neuron cultures and after sciatic nerve crush (Calliari et al., 2013). The degeneration delay could be blocked by eliminating an endogenous SIRT1 inhibitor, DBC-1. DBC-1 knockout nerves degenerated just as quickly as wildtype if NAD+ was not present, indicating that NAD+ was necessary for full SIRT1 activity and subsequent axon protection (Calliari et al., 2013). Resveratrol also induced phosphorylation of AMPK, a master regulator of energy homeostasis (Dasgupta and Milbrandt, 2007), which when activated, stimulates glucose uptake in the brain (Hardie et al., 2012).

Resveratrol increased mitochondrial number and improved mitochondrial function primarily through SIRT1 deacetylation of PGC-1α and subsequent increased PGC-1α activity in mice (Lagouge et al., 2006). These effects were observed in skeletal muscle and adipose tissue. In the CNS, resveratrol was found to increase brain lactate production and limit movement of radiolabeled pyruvate through Krebs cycle, thereby limiting oxidative phosphorylation (Rowlands et al., 2015). Is limiting oxidative phosphorylation a viable approach for preventing axon degeneration? The variable impact (positive and negative) of SIRT1 on Wallerian degeneration indicates the likelihood that the timing and overall energy state of the system dictate the response to SIRT1 activation. Blocking oxidative phosphorylation would limit ROS production, though blocking mitochondrial function, especially if axons are being supported by glial-derived lactate, would seem to be a risky approach.

SIRT1 manipulation has not been wholly favorable in glaucoma-related models. SIRT1 overexpression promoted RGC survival after optic nerve crush in mouse, an effect that was more pronounced than resveratrol treatment (Zuo et al., 2013). SIRT1 knockout did not increase RGC death over wildtype mice after optic nerve crush, suggesting complex interactions of cell death mechanisms. Moreover, functional testing of the RGCs showed no difference among the SIRT1 activation, overexpression, or knockout groups, suggesting that axon degeneration occurred regardless of SIRT1 status (Zuo et al., 2013). The SIRT1 downregulation that resulted from 60 min of retina ischemia in mice could be reversed with once daily mangiferin treatment, a xanthonoid antioxidant (Kim et al., 2015). Resolution of the potential impact of manipulating these key regulators of energy homeostasis in glaucoma will require closer investigation in order to determine if they might be reasonable therapeutic targets.

Mitochondria

Upregulating mitochondrial biogenesis would provide more energy-producing organelles to susceptible RGCs, but may place stressors on protein synthesis machinery, especially with aging. Greater numbers of mitochondria would still need to get trafficked along the axon, which may pose a significant problem depending on the stage of glaucoma. One regulatory complex important for mitochondrial biogenesis, mTOR, was no different in tissues between patients with ocular hypertension (OHT) and those with glaucoma (Lascaratos et al., 2015) even though the OHT patients demonstrated increased mitochondrial efficiency and no optic neuropathy. No change in mTOR suggests that the advantage conferred to OHT patients resistant to optic neuropathy did not include a drive toward making more mitochondria. Rather than make more mitochondria, a better strategy could be to improve mitochondrial function. Compensation for impaired oxidative phosphorylation in OPA1-linked autosomal dominant optic atrophy (ADOA) patients has been associated with preservation of vision (van Bergen et al., 2011). Complex II and III activity was higher in ADOA patients with better vision, and these patients had higher respiration rate. Improving mitochondrial function has been the asserted outcome for many of the abovementioned axon protection strategies such as insulin-associated PI3K/Akt activation, SIRT1 activation, and antioxidant treatment. The variable outcomes with these treatments suggest more specific changes as opposed to generalized improved mitochondrial function are necessary.

Mitochondrial Biogenesis

If unhealthy mitochondria contribute to glaucoma pathogenesis, ridding RGCs of the ROS-producing organelles would have to be coupled with mitochondrial biogenesis. A number of other neurodegenerative disease models have manipulated mitochondrial recycling or production to neuroprotective effect. Increased DNA damage response through hyperactivation of PARP-1 [poly (ADP-ribose) polymerase-1] can inhibit mitophagy by disrupting the NAD+-sirtuin-PGC-1α axis in cells developed from xeroderma pigmentosum group A patients (Fang et al., 2014b). Mitophagy in this context can be rescued by upregulating mitochondrial uncoupling protein 2 (UCP2) or providing the NAD+ precursors nicotinamide riboside (NR) or nicotinamide mononucleotide (NMN). Resumption of mitophagy reduced mitochondrial mass, but also reactive oxygen species in cultured hippocampal neurons subjected to H2O2 or oxygen glucose deprivation (Fang et al., 2014a). Upregulation of UCP2, a target of PGC-1α, increases ATP levels, reduces ROS and can protect neurons from mitochondrial Complex I disruption in a Drosophila model of Parkinson's disease (Islam et al., 2012). However, UCP2 overexpression in the G93A SOD1 mouse model of ALS led to lower levels of ROS but acceleration of the disease course (Peixoto et al., 2013). The proton conductance function of UCP2 requires the presence of specific activators that include fatty acids and ROS-derived alkenals (Brand and Esteves, 2005), the lack of which might explain why UCP2 overexpression is not always protective. Necdin, a protein that binds SIRT1, can stabilize PGC-1α and inhibit its ubiquitin-dependent degradation, thereby enhancing mitochondrial biogenesis (Hasegawa et al., 2016). The neuroprotection against mitochondrial-related injury afforded by necdin resembles that shown by PGC-1α upregulation (Mudò et al., 2012).

Ketone Bodies

Insight into the potential role of metabolism in the pathogenesis of glaucoma has emerged from several recent studies. In the EAAC1−/− model of normal tension glaucoma, every-other-day-fasting (EODF) led to significant protection of FluoroGold-positive retrogradely labeled RGCs, as well as the b wave of multi-focal ERG (Guo et al., 2016). EODF appeared to exert its effects through elevated β-hydroxybutyrate (β-HB), a ketone and endogenous histone deacetylase (HDAC) inhibitor. Increased β-HB levels led to increased histone acetylation that occurred concomitantly with increased mRNA expression of BDNF, bFGF, and catalase (Guo et al., 2016). β-HB can inhibit the class I HDACs (HDAC1, 2, 3, and 8) and at least one class II HDAC (HDAC4) (Shimazu et al., 2013). Ketogenic or medium chain fatty acid diets that lead to high levels of β-HB have long been effective at controlling seizure in children with epilepsy (Yellen, 2008), and have also demonstrated neuroprotection in models of Parkinson's disease (Yang and Cheng, 2010), Alzheimer's disease (Henderson et al., 2009), and ALS (Zhao et al., 2006). An important question is whether increasing ketone levels and subsequent manipulation of energy pathways is responsible for the observed neuroprotection, or if the results can be ascribed particularly to the inhibition of histone acetylation. Inhibiting HDACs has been mostly effective at limiting damage in models of glaucoma. For example, inhibiting HDAC3 protected RGCs from death after optic nerve crush (Schmitt et al., 2014), and HDAC inhibition with valproic acid protected RGCs from death and preserved pERG amplitude in a rat model of ocular hypertension (Alsarraf et al., 2014). A broad HDAC inhibitor, trichostatin A, when delivered to D2 mice weekly for 4 months, did not protect the optic nerve from degeneration (Pelzel et al., 2012). What of the possibility that β-HB limits damage because it is a ketone body? Ketone bodies get converted into acetyl-CoA for utilization in the Krebs cycle (Figure 3), the biosynthetic hub whose intermediates provide the building blocks for fatty acids, nucleotides and the carbons for gluconeogenesis. In the near term, then, increased levels of monocarboxylates like ketone bodies would require the Krebs cycle and oxidative phosphorylation for energy generation. In mammals, more lactate could feed the production of glucose through gluconeogenesis, though this is an energy-expending process. L-lactate can protect cortical neurons from excitotoxic cell death in vitro (Llorente-Folch et al., 2016); this effect depends upon the aspartate-glutamate carrier in CNS mitochondria, ARALAR/AGC. This carrier is one half of the malate-aspartate shuttle that moves malate/aspartate and α-ketoglutarate/glutamate between the cytoplasm and the mitochondria in order to regenerate NAD+ from NADH in both compartments. Neuronal utilization of L-lactate depends on the this pathway (Llorente-Folch et al., 2016), underscoring the importance of NAD+ availability to managing the effects of too much NMDA receptor activation. This is one potential mechanism of ketone body neural protection that is separate from HDAC inhibition.

RESOLVING METABOLIC VULNERABILITY

Aging is a primary risk factor in glaucoma. There is recognition across neurodegenerative diseases that glucoregulatory control decreases with aging, spawning clinical trials designed to ameliorate the effects of aging through the use of compounds like metformin (ClinicalTrials.gov Identifier: NCT02432287) or acarbose (Brewer et al., 2016). These trials do not address glaucoma in particular, but may impact the disease through improved glucoregulatory control. Serum citrate as a potential biomarker for glaucoma was the subject of a recently completed clinical trial that showed significantly decreased citrate in the serum of Caucasian glaucoma patients (Fraenkl et al., 2011). Citrate is a byproduct of the Krebs cycle, so decreased values support the idea that mitochondrial function is impaired in glaucoma patients. Mitochondrial function can be monitored in patient retinas using the green fluorescence emitted by oxidized flavoproteins, a byproduct of oxidative stress (Field et al., 2011). This development may improve diagnosis as well as provide a means to monitor future metabolic therapy.

The complexity of optic nerve degeneration in glaucoma—its chronic timing, its asynchronicity, its non-cell autonomous nature—presents many challenges to medicine. Having reviewed the various ways energy plays a role in axon degeneration, we have also summarized several metabolic-related mechanisms of protection. The evidence indicates energy plays a critical role in the timing and organization of axon degeneration, including in glaucoma.

Note Added in Proof

Significant RGC soma and axon protection from glaucoma-related degeneration in the D2 mouse was achieved through dietary supplementation of nicotinamide (Williams et al., 2017). The finding is quite robust, with significant protection at both low (550 mg/kg/day) and high levels (2,000 mg/kg/day) of nicotinamide delivery. The study used RNA-sequencing to show a reversion of gene expression to that demonstrated by the control strain, DBA/2-Gpnmb+, across clusters of genes that included those involved in oxidative phosphorylation; reactive oxygen species, glucose, and fatty acid metabolism; and DNA repair. These results support the existence of a metabolic vulnerability in glaucoma; the mechanism of protection is yet to be elucidated.
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Motor neurons in amyotrophic lateral sclerosis (ALS) patients and animal models show degeneration from the nerve terminal, known as dying-back neuropathy. To investigate the mechanism underlying this neuropathy, we analyzed the neuromuscular junctions (NMJs) and motor neuron cell bodies in SOD1G93A mice using electron microscopy. NMJs of SOD1G93A mice exhibited significantly higher numbers of autophagosomes and degenerated mitochondria compared to wild-type controls. Mitophagosomes were identified in the NMJ presynaptic terminals of wild-type mice and SOD1G93A mice. However, the number of mitophagosomes did not increase significantly in SOD1G93A NMJs indicating a defect in mitophagy, the autophagic process to degrade mitochondria. Consistent with this, proteins essential for mitophagy, p62/SQSTM1, Bnip3, Pink1, and Parkin were down-regulated in motor neurons in SOD1G93A mice. Importantly, SQSTM1 is one of the genes mutated in familial ALS patients. We evaluated the effect of impaired mitophagy on motor neurons by analyzing the double knockout mice of Pink1 and Parkin, two genes responsible for sensing depolarized mitochondria and delivering degenerated mitochondria to mitophagosomes. The double knockout mice exhibited NMJ degeneration, including axon swelling and NMJ fragmentation at 4 months of age. These phenotypes were rarely observed in wild-type control mice of the same age. The protein level of ATP synthase β subunit increased in the NMJ presynaptic terminals, suggesting the accumulation of mitochondria at NMJs of the double knockout mice. Importantly, NMJ denervation was observed in the double knockout mice. These data suggest that the reduced mitophagy function in motor neurons of SOD1G93A mice is one of the mechanisms causing degeneration of ALS NMJs.

Keywords: ALS, autophagy, denervation, mitophagy, NMJ, p62/SQSTM1, SOD1G93A mice

INTRODUCTION

Amyotrophic lateral sclerosis (ALS) is a common and fatal motor neuron disease, but the etiology has not been elucidated fully (Bordet et al., 2001; Acsadi et al., 2002; Kaspar et al., 2003; Azzouz et al., 2004; Gould et al., 2006; Sorenson et al., 2008; Howe et al., 2009; Reyes et al., 2010; Jeong et al., 2011). In familial ALS patients, causal or risk-increasing roles in the pathogenesis of ALS have been reported for mutations in autophagy- and mitophagy-related genes, including ALS2/Alsin, charged multivesicular protein 2B (CHMP2B), C9orf72, dynactin 1 (DCTN1), Optineurin, p62/SQSTM1 (sequestosome 1), Ubiquilin 2, and Valosin-containing protein (VCP) (Yang et al., 2001; Munch et al., 2004; Parkinson et al., 2006; Johnson et al., 2010; Maruyama et al., 2010; DeJesus-Hernandez et al., 2011; Deng et al., 2011; Fecto et al., 2011; Rubino et al., 2012; Williams et al., 2012; Farg et al., 2014). Autophagy is a selective process by which proteins and organelles are enveloped by a double membrane structure, the autophagosome, for delivery to lysosomes for degradation (Klionsky et al., 2016). The autophagy markers microtubule-associated protein 1 light chain 3 (LC3) and p62/SQSTM1 were detected in aggregated structures in spinal cord motor neurons of sporadic ALS patients suggesting a modulation of autophagy-related proteins in ALS (Sasaki, 2011). Interestingly, mice with nervous system-restricted knockout of the autophagy-essential genes Atg5 or Atg7 exhibited motor impairment, including impaired coordination and balance, reduced grip strength by 3–4 weeks of age, and axon degeneration (Hara et al., 2006; Komatsu et al., 2006, 2007). Nervous system-restricted knockout of the autophagy genes Atg5 or Atg9a exhibited axon degeneration of central nervous system neurons (Nishiyama et al., 2007; Yamaguchi et al., 2017). Together, these observations suggest that autophagy dysfunction contributes to the etiology of ALS (Otomo et al., 2012; Ruffoli et al., 2015; Edens et al., 2016).

In SOD1G93A mice, an ALS animal model, a defect of autophagosome fusion with lysosomes has been reported in the motor neuron cell body (Xie et al., 2015). Furthermore, electron microscopy analyses of motor neurons in SOD1G93A mice and ALS patients have revealed autophagic vacuoles possibly arising from altered mitochondria (Hart et al., 1977; Wong et al., 1995). Increasing evidence suggests that defective mitochondrial function and impaired autophagy play roles in ALS etiology (Edens et al., 2016). Degenerated mitochondria are removed by a specific autophagic mechanism called mitophagy, which targets degenerated mitochondria (Youle and Narendra, 2011; Ding and Yin, 2012). Mitophagy is mediated by the following two major pathways. PTEN-induced putative kinase 1 (PINK1, pink1) is normally degraded rapidly, but it is stabilized at the surface of depolarized mitochondria, where it recruits and activates Parkin (a component of E3 ubiquitin ligase, park2; Matsuda et al., 2010; Narendra et al., 2010). Activated Parkin ubiquitinates outer mitochondrial membrane proteins including mitofusin 1/2 and voltage-dependent anion-selective channel protein 1 (VDAC1; Geisler et al., 2010). p62/SQSTM1 has a ubiquitin binding domain at the C-terminus that recognizes ubiquitinated mitochondrial proteins, accumulates to depolarized mitochondria, and recruits LC3 to mitochondria to induce mitophagy (Geisler et al., 2010; Okatsu et al., 2010). Phagophores are recruited by LC3 to form autophagosomes, and LC3 becomes lipidated to form LC3-II, which is a marker for autophagy levels (Kabeya et al., 2000; Klionsky et al., 2016). In a separate pathway, Nix and BCL2/adenovirus E18 19 kDa protein-interacting protein 3 (Bnip3) are also responsible for recruiting LC3 to the mitochondria to initiate mitophagy (Ding et al., 2010; Hanna et al., 2012). However, the functional level of mitophagy in ALS motor neurons is not well known.

Does mitophagy play a role in ALS etiology, and if so, where in motor neurons would mitophagy cause degeneration? Motor neuron degeneration is preceded by denervation of neuromuscular junctions (NMJs) in ALS patients and animal models, producing what is known as a dying-back neuropathy (Kennel et al., 1996; Siklos et al., 1996; Frey et al., 2000; Fischer et al., 2004; Dadon-Nachum et al., 2011). Furthermore, degenerated mitochondria have been detected at motor neuron presynaptic terminals of SOD1G93A mice (Gould et al., 2006), suggesting that mitochondrial degeneration at the NMJs plays a role in this dying-back neuropathy. Interestingly, NMJ denervation cannot be prevented by blocking motor neuron apoptosis in ALS mice, suggesting that a mechanism other than apoptosis is responsible for the degeneration of axons and NMJs (Gould et al., 2006; Reyes et al., 2010). Therefore, degenerative changes in ALS motor neurons occur at the NMJ. However, the roles of autophagy and mitophagy at the NMJ have not been explored extensively. In this study, we performed ultrastructural analysis to investigate autophagosomes and mitophagosomes at NMJs. We also tested the role of mitophagy in the maintenance of NMJs by depleting both Pink1 and Parkin genes in mice and analyzing the NMJ innervation rate of the double knockout mice.

MATERIALS AND METHODS

Animals

Animal experiments were carried out in accordance with the animal care and use protocol approved by the Institutional Animal Care and Use Committee of University of Kansas Medical Center (KUMC) and in accordance with the Guidelines for the Care and Use of Laboratory Animals of KUMC. SOD1G93A transgenic mice (JAX stock No. 004435, high copy number of transgene SOD1G93A), pink1 knockout mice (JAX stock No. 017946), and park2 knockout mice (JAX stock No. 006582) were purchased from the Jackson Laboratory (Bar Harbor, Maine, USA) and maintained in the animal facility at KUMC until analysis. Three to five animals were analyzed per genotype per age, and the animal numbers of animals are reported in the appropriate figure legend or the Results Section.

SOD1G93A mice on a C57BL/6J background survive longer than those on an SJL/J background (Heiman-Patterson et al., 2005; Wooley et al., 2005). With the C57Bl/6J background, disease onset, as determined by the limb tremor, occurs between P91-111 (Dobrowolny et al., 2005; Hayworth and Gonzalez-Lima, 2009). The survival rate starts to fall below 100% around P125-130 (Heiman-Patterson et al., 2005; Wooley et al., 2005), and the mean survival duration is between P142-161 (Dobrowolny et al., 2005; Heiman-Patterson et al., 2005; Wooley et al., 2005; Hayworth and Gonzalez-Lima, 2009). We analyzed the SOD1G93A mice at three stages: presymptomatic stage (P57) (Wooley et al., 2005; Hayworth and Gonzalez-Lima, 2009), a stage with denervation (P85) (Dobrowolny et al., 2005), and a symptomatic stage (P140) (Dobrowolny et al., 2005; Hayworth and Gonzalez-Lima, 2009).

Transgene Copy Number Analysis

All male SOD1G93A mice produced at our institute by mating SOD1G93A mice with C57BL/6J female mice were analyzed for human SOD1 transgene copy number variation using the TaqMan qPCR genotype method as described in the Jackson Laboratory website (protocol name: Sod TgN Copy Number). Mice were excluded from analyses when they had low transgene copy numbers that showed more than a half cycle difference in qPCR (Leitner et al., 2009).

Electron Microscopy

The methods employed for electron microscopy have been described previously (Nishimune et al., 2004; Chen et al., 2011). In brief, diaphragm muscles and spinal cord at cervical level four were fixed in 5% glutaraldehyde, 4% paraformaldehyde in phosphate-buffered saline (PBS, pH 7.1, Delbucco's PBS), washed, refixed in 1% OsO4, dehydrated, and embedded in resin. Ultrathin transverse sections were cut by skipping 30 μm minimum between sections for muscles and 100 μm minimum between sections for spinal cords to avoid analyzing the same NMJs or motor neurons. Sections were stained with lead citrate and uranyl acetate and systematically scanned using a transmission electron microscope. All profiles of NMJs and motor neuron cell bodies encountered in the micrographs were quantified. Motor neuron cell bodies were reconstructed by stitching multiple electron micrographs. The levels of electron micrographs in Figures 3A–D were adjusted to maximize the gray scale range of the images.

Autophagosomes were defined as double membrane structures that sequester a portion of the cytoplasm and/or organelles at various stages of degeneration from the cytoplasm, as described in the Guidelines for the Use and Interpretation of Assays for Monitoring Autophagy (3rd edition) (Klionsky et al., 2016). As described in these guidelines, autophagy can be both selective and nonselective for the autophagosome content. Mitophagosomes were defined as autophagosomes containing normal or degenerating mitochondria (Klionsky et al., 2016). Degenerated mitochondria were defined as double-membrane organelles with cristae, in which the cristae are not aligned regularly in more than 50% of the mitochondria profile. Mitochondria with large vacuole-like spaces within or between the cristae were recognized as degenerated mitochondria.

Immunohistochemistry and Image Analysis

The following antibodies were used: ATP synthase β subunit (A21351, Molecular Probes), choline acetyltransferase (AB144P, Millipore), Bnip3 (3769, Cell Signaling Tech.), LC3 (NB100-2220SS, Novus), neurofilament (2H3, DSHB, or N4142, Sigma), p62/SQSTM1 (2C11, Abnova), Pink1 (Abcam, ab75487), Parkin (sc-32282, Santa Cruz), SV2 (DSHB), Synaptophysin (18-0130, Zymed), Alexa Fluor 488 and 568 conjugated secondary antibodies, DAPI (4′,6-diamidino-2-phenylindole, dihydrochloride), and Alexa Fluor 594-conjugated α-bungarotoxin (Molecular Probes).

Immunohistochemical analyses have been described previously (Nishimune et al., 2004; Chen et al., 2011). Briefly, mice were fixed by transcardiac perfusion with 2% paraformaldehyde in PBS. Muscles and T12-L1 portions of the lumbar spinal cord were removed and post-fixed in 2% paraformaldehyde at room temperature, washed with PBS, and cryoprotected in 20% sucrose/PBS before being frozen in Optimal Cutting Temperature compound (Sakura, Torrance, CA), and sections were cut using a cryostat (transverse for lumbar spinal cords and both transverse and longitudinal for muscles). Muscles and lumbar spinal cords were sectioned at a thickness of 20 μm, blocked in PBS containing 2% bovine serum albumin (BSA), 2% normal goat serum, and 0.1–0.3% Triton X-100. For the goat anti-choline acetyltransferase antibody, BSA and normal goat serum were replaced with donkey serum for the blocking solution. Sections were then incubated with primary antibodies for 1 day at room temperature or 3 days at 4°C, washed with PBS, and incubated in appropriate secondary antibodies for 2 h at room temperature. Muscle sections were also incubated with Alexa Fluor 594-conjugated α-bungarotoxin. Lumbar spinal cord sections were also incubated with DAPI. Sections were then washed with PBS and mounted using VectaShield (Vector, Burlingame, CA).

Whole-mount immunohistochemical staining of diaphragm muscles was performed as follows. Muscles were fixed in 2% paraformaldehyde/PBS, washed in PBS, permeabilized in 0.5% Triton/0.1 M glycine/PBS overnight at 4°C, and blocked for 48 h at 4°C in 2% BSA/2% normal goat serum/0.5% Triton/PBS. Tissues were incubated with primary antibodies (anti-neurofilament and anti-SV2) for 48 h at 4°C, washed with PBS, and incubated with Alexa Fluor 488-conjugated anti-mouse IgG1 secondary antibody along with Alexa Fluor 594-conjungated α-bungarotoxin for 24 h at 4°C. After final washing, tissues were mounted in mounting medium (glycerol, PBS, p-phenylenediamine).

NMJs with LC3 Puncta

Immunohistochemical staining of LC3 showed puncta with strong signal intensity in presynaptic terminals of NMJ profiles. The NMJs were identified in transverse sections of diaphragm muscles by staining the nerve with anti-neurofilament and SV2 antibodies, and the acetylcholine receptors with Alexa Fluor 594-conjugated α-bungarotoxin. The number of NMJs with LC3 punctate signal overlapping with the nerve signal was quantified and described as the percentage of total NMJs counted.

Immunohistochemical Signal Intensity Quantification

The signal intensities of autophagy- and mitophagy-related proteins in motor neurons were measured using the method described in our previous publication (Chen et al., 2011). In brief, confocal images were obtained using Nikon A1R confocal microscope using PlanApo 20x, NA = 0.75 or PlanFluor 40x, NA = 1.30 lenses. The circumference of the motor neuron cell bodies in the lumbar spinal cord transverse sections was defined by the anti-choline acetyltransferase staining patterns. The average signal intensity within motor neurons was measured using the Show Region Statistics function in MetaMorph software ver. 7.0 (Molecular Devices).

The signal intensities of ATP synthase β subunit in the presynaptic terminals of NMJs were measured using the method described above. The presynaptic terminals of NMJs in the muscle sections were defined by anti-neurofilament and anti-synaptophysin staining patterns. The average signal intensity within the presynaptic terminals of NMJs was measured using the Show Region Statistics function in MetaMorph software. The observer was blinded for the genotype.

P62 Aggregation

Motor neuron cell bodies were identified using ChAT staining to identify their location in the ventral horn of the lumbar spinal cord. The number of motor neurons that displayed large p62 positive structures was quantified and described as a percentage of total motor neurons counted.

NMJs with Axon Swelling

Adjacent to NMJs, axons have a constant diameter similar to the axon diameter that branches from the axon fascicle (Court et al., 2008; Samuel et al., 2012). Axons with abnormal enlargement near NMJs that is greater than the axon near the fascicle were qualitatively assessed, and the number of NMJs with abnormally enlarged axons were quantified as NMJs with axon swelling.

Fragmented NMJs

We used the analytical criteria described previously by Valdez et al. (Valdez et al., 2010; Taetzsch et al., 2017). Briefly, fragmented acetylcholine receptors were defined as acetylcholine receptor cluster with five or more islands and/or a segment of receptor cluster showing small and/or irregularly shaped receptor clusters. In young adult NMJs, acetylcholine receptor clusters show pretzel-like distribution patterns that are connected and not separated.

Denervation Analysis

The denervation analysis has been described previously (Chen et al., 2012). Briefly, muscle sections were stained using antibodies against nerves (anti-neurofilament and anti-SV2) and Alexa Fluor 594-conjugated α-bungarotoxin for acetylcholine receptors. Adult motor nerve terminals show perfect overlap with acetylcholine receptor clusters, which indicates fully innervated NMJs. NMJs were assessed for areas of the acetylcholine receptor clusters that were not occupied by nerves, whether in part or in full, as partially innervated NMJs or denervated NMJs. Quantifications are from four mice of each genotype and more than 98 NMJs per animal. The observer was blinded for the genotype.

Statistics

All statistics were performed using GraphPad Prism software version 6. Significance was assessed by un-paired t-test or one-way ANOVA with Tukey's multiple comparison test. The p- and n-values are reported in the text. All data in the graphs are shown as the mean ± S.E.M.

RESULTS

Increased Autophagosomes at ALS NMJs

Autophagy-related genes are mutated in ALS patients, which suggested altered autophagy function in motor neurons. Therefore, autophagosomes in motor neurons of SOD1G93A mice were analyzed using electron microscopy. The diaphragm was analyzed because ALS patients suffer from respiratory problems (Braun, 1987; Arnulf et al., 2000; Miller et al., 2009; Tateishi et al., 2010). NMJs in diaphragms of SOD1G93A mice revealed double-membraned autophagosomes containing synaptic vesicles and mitochondria at the nerve terminals (Figures 1A,B, 3A, Supplementary Figure 1). The number of autophagosomes in NMJ profiles were significantly higher in the presynaptic terminals of SOD1G93A NMJs compared to those of age- and sex-matched wild-type mice beginning in the presymptomatic stage at postnatal day (P) 57, at stage with denervation (P85), and at symptomatic stage (P140) (Figure 1E; P40: SOD1G93A, 0.22 ± 0.031 autophagosome/synapse profile size (μm), WT, 0.17 ± 0.029; P57: SOD1G93A, 0.38 ± 0.033, WT, 0.12 ± 0.018; P85: SOD1G93A, 0.56 ± 0.080, WT, 0.20 ± 0.030; P140: SOD1G93A, 0.42 ± 0.061, WT, 0.22 ± 0.031; mean ± S.E.M.). Spinal cords of the same set of animals were dissected at cervical level four to analyze the motor neuron cell bodies of phrenic nerves innervating the diaphragms. Similar autophagosomes were detected in the cell bodies of motor neurons (Figures 1C,D). The number of autophagosomes in motor neuron cell bodies in SOD1G93A mice were similar at P57 but significantly higher at P85 and P140 compared to those of age- and sex-matched wild-type mice (Figure 1F; P57: SOD1G93A, 0.0021 ± 0.00040 autophagosomes/μm2, WT, 0.0025 ± 0.00034; P85: SOD1G93A, 0.0049 ± 0.00057, WT, 0.0019 ± 0.00033; P140: SOD1G93A, 0.0058 ± 0.00081, WT, 0.0018 ± 0.00031). These results indicate that autophagosomes accumulate in the presynaptic terminals of NMJs earlier than in motor neuron cell bodies in SOD1G93A mice.
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FIGURE 1. Autophagosomes increase at NMJs in SOD1G93A mice. Representative electron micrographs of autophagosomes in SOD1G93A mice in (A,B) the presynaptic terminals of NMJs at P57 and (C,D) motor neuron cell bodies at P140. Higher-magnification images of (A,C) are shown in (B,D). The colored marks on the micrographs are as follows: plasma membrane of motor neuron cell bodies (yellow) and autophagosomes (yellow boxes and orange arrowheads). Scale bars: (A,B,D) = 500 nm, (C) = 5 μm. Quantification revealed significantly increased numbers of autophagosomes in (E) the presynaptic terminals of NMJs and (F) motor neuron cell bodies of SOD1G93A mice compared to wild-type mice (WT). The number of autophagosomes was normalized by pre- and postsynaptic apposition length for NMJs (synapse profile size) or the area of motor neuron cell bodies (μm2). Graphs show mean ± SEM indicated by whiskers. Asterisks indicate significant differences by one-way ANOVA with Tukey's multiple comparison test (**p < 0.01, ***p < 0.001). NMJ quantifications are from n = five animals and 80–123 NMJs for each age and each genotype. Motor neuron cell body quantifications are from n = two animals for P57, three animals for P85, five animals for P140, and 40–73 cell bodies for each age and each genotype.



Increased Levels of Autophagosome Marker at ALS NMJs

To validate the autophagosome accumulation in the presynaptic terminals of NMJs detected by electron microscopy, immunohistochemistry was used to detect an autophagosome marker, LC3 (microtubule-associated protein 1 light chain 3; Kabeya et al., 2000). LC3 proteins accumulated as large puncta in NMJ presynaptic terminals in diaphragms of SOD1G93A mice (Figure 2A lower panels). However, these LC3 puncta were rarely detected in the presynaptic terminals of wild-type NMJs (Figure 2A upper panels). The proportion of NMJs bearing LC3 puncta in the presynaptic terminal was significantly higher in SOD1G93A mice (23.9 ± 1.9%) than in wild-type mice (10.5 ± 2.2%, Figure 2B). These results suggest accumulation of autophagosomes in the NMJ presynaptic terminals of SOD1G93A mice and are consistent with the electron microscopic quantifications.
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FIGURE 2. Accumulation of an autophagosome marker in the presynaptic terminals of NMJs of SOD1G93A mice (A) Representative confocal micrographs of immunohistochemistry showing accumulation of the autophagosome marker LC3 (grayscale in left panels, green in right panels) in presynaptic terminals of diaphragm NMJs in SOD1G93A mice at P120, but not at NMJs of wild-type mice at P140. Nerves were stained using anti-neurofilament and anti-SV2 antibodies (blue), and postsynaptic acetylcholine receptors were labeled with Alexa 594-conjugated α-bungarotoxin (red). In these cross-section images of NMJs, presynaptic terminals are above the bungarotoxin signal, and postsynaptic myotubes are below the bungarotoxin signal. Scale bar: 10 μm. (B) The number of NMJs with LC3 puncta was significantly higher in SOD1G93A mice than in wild-type mice. Quantifications are from n = three animals and 268–305 NMJs each genotype in confocal images. Asterisks indicate a significant difference by un-paired t-test (**p < 0.01).



Mitochondria Degeneration and Mitophagy at ALS NMJs

The early increase in autophagosomes in the presynaptic terminals of NMJs suggested that the initiation of NMJ degeneration occurred during the presymptomatic stage in SOD1G93A mice. To further investigate the degeneration in ALS motor neurons, the electron micrographs of NMJs and motor neuron cell bodies used in Figure 1 were analyzed for mitochondria. NMJs in diaphragms of SOD1G93A mice contained significantly higher number of degenerated mitochondria in the presynaptic terminals that were still innervating endplates. The degenerated mitochondria had irregular cristae spacing, large vacuoles or degenerated cristae inside a double membrane structure, which were not detected in normal mitochondria in the NMJ presynaptic terminals of age-and sex-matched wild-type mice (Figures 3A,B). The representative example SOD1G93A NMJ contained an autophagosome in the presynaptic terminal, but the autophagosome did not contain any degenerated mitochondria. The numbers of degenerated mitochondria at NMJs were 3–15 times higher in SOD1G93A mice than in that of wild-type mice at the presymptomatic stage P57 and remained higher at P85 and P140 [Figure 3E; P40: SOD1G93A, 0.13 ± 0.038 mitochondria/synapse profile size (μm), WT, 0.047 ± 0.013; P57: SOD1G93A, 0.32 ± 0.034, WT, 0.021 ± 0.0069; P85: SOD1G93A, 0.36 ± 0.045, WT, 0.042 ± 0.012; P140: SOD1G93A, 0.45 ± 0.052, WT, 0.085 ± 0.022]. In the same sets of animals, the numbers of degenerated mitochondria in the cell bodies of motor neurons were three to four times greater in SOD1G93A mice than in wild-type mice among from P57 to P140 (Figure 3F; P57: SOD1G93A, 0.05814 ± 0.0041 degenerated mitochondria/μm2, WT, 0.020 ± 0.0017; P85: SOD1G93A, 0.11 ± 0.0087, WT, 0.029 ± 0.0028; P140: SOD1G93A, 0.15 ± 0.0069, WT, 0.041 ± 0.0026).
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FIGURE 3. Numbers of degenerating mitochondria in the presynaptic terminals of NMJs and in motor neurons. Representative electron micrographs of (A) a NMJ in wild-type mouse, (B) degenerated mitochondria in a NMJ of a SOD1G93A mouse, (C) mitophagosomes (arrowhead) near the presynaptic membrane in a NMJ of wild-type mouse, and (D) a phagophore (arrowheads) around degenerated mitochondria in a NMJ of a SOD1G93A mouse. Scale bar: 500 nm. Quantification of electron micrographs revealed significantly increased numbers of degenerated mitochondria in (E) NMJs and (F) motor neuron cell bodies and of mitophagosomes in (G) NMJs (p = 0.6295) and (H) motor neuron cell bodies of SOD1G93A mice (black bar) compared to age- and sex-matched wild-type mice (white bar). Graphs show mean ± SEM. Asterisks indicate significant differences (**p < 0.005, ***p < 0.0001) between SOD1G93A mice and wild-type mice at each age by one-way ANOVA with Tukey's multiple comparison test. Numbers of animals, NMJs, and motor neuron cell bodies are the same as in Figure 1.



As we have shown previously, the number of autophagosomes increased significantly in ALS motor neurons and NMJs; however, the degenerated mitochondria do not seem to be degraded efficiently by mitophagy in SOD1G93A mice. Mitophagy mediated degradation of damaged mitochondria has been shown to occur locally in distal axons (Ashrafi et al., 2014). Therefore, we searched for mitophagosomes in the electron micrographs and identified clear examples of mitophagy in the NMJ presynaptic terminals of wild-type mice and SOD1G93A mice (Figures 3C,D). A representative micrograph of a wild-type NMJ shows synaptic vesicles accumulating near the presynaptic membrane and an active zone, and dark synaptic cleft and postsynaptic junctional folds are visible (Figure 3C). A mitophagosome was identified near the presynaptic membrane and was surrounded by synaptic vesicles (an arrowhead in Figure 3C). A representative micrograph of a SOD1G93A NMJ shows a phagophore surrounding a degenerated mitochondrion with irregular cristae (arrowheads in Figure 3D). Degenerated mitochondria and synaptic vesicles are visible nearby. Therefore, the number of mitophagosome was analyzed in the presynaptic terminals of NMJs and motor neuron cell bodies. However, mitophagosome number in NMJ was not different between SOD1G93A mice and age- and sex-matched wild-type mice among all the stages analyzed, between P40–140 (Figure 3G; P40: SOD1G93A, 0.0098 ± 0.0047 mitophagosome / synapse profile size (μm), WT, 0.012 ± 0.0062; P57: SOD1G93A, 0.0044 ± 0.0044, WT, 0.0016 ± 0.0016; P85: SOD1G93A, 0.010 ± 0.0049, WT, 0.0097 ± 0.0047; P140: SOD1G93A, 0.015 ± 0.0066, WT, 0.0084 ± 0.0050). These results suggest insufficient function of mitophagy in the presynaptic terminals of ALS NMJs despite the accumulation of degenerated mitochondria. Meanwhile, in motor neuron cell bodies, the number of mitophagosomes was higher in SOD1G93A mice than in wild-type mice at P85 (Figure 3H; P57: SOD1G93A, 0.00037 ± 0.00016 mitophagosomes/μm2, WT, 0.00022 ± 0.000097; P85: SOD1G93A, 0.00090 ± 0.00022, WT, 0.00021 ± 0.000080; P140: SOD1G93A, 0.00091 ± 0.00026, WT, 0.00028 ± 0.000095). However, there were significantly fewer mitophagosomes than autophagosomes in motor neuron cell bodies of SOD1G93A mice (compare Figures 1F, 3H). In addition, the numbers of mitophagosomes increased more slowly than the increase in degenerated mitochondria in motor neuron cell bodies (compare Figures 3F,H). Together, these results suggest decreased function of mitophagy in SOD1G93A mice, especially at NMJs, and this may lead to the accumulation of degenerated mitochondria in the presynaptic terminals of NMJs.

Reduction in Mitophagy-Related Proteins in ALS Motor Neurons

p62/Sequestosome 1 (SQSTM1) is mutated in ALS patients (Fecto et al., 2011; Hirano et al., 2013; Teyssou et al., 2013). p62/SQSTM1 has a ubiquitin binding domain at the C-terminus and accumulates to depolarized and ubiquitinated mitochondria (Geisler et al., 2010; Okatsu et al., 2010). p62/SQSTM1 recruits LC3 to mitochondria to induce mitophagy (Geisler et al., 2010). Pink1/Parkin-mediated mitophagy is dependent on p62/SQSTM1 and VDAC1 (Geisler et al., 2010). Interestingly, a large number of p62 aggregated structure was observed among motor neurons and non-motor neuron cells in the gray matter of lumbar spinal cord of SOD1G93A mice at P85, which was hardly detected in wild-type age- and sex-matched control mice (Figure 4A). This feature was more prevalent in SOD1G93A mice at P140 compared to that of P85 (compare lower panels in Figures 4A,C).
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FIGURE 4. Aggregation of p62/SQSTM1 in a subpopulation of motor neurons despite lower p62 levels in SOD1G93A mice. (A–D) Aggregation of p62/SQSTM1 was observed in a greater percentage of motor neuron cell bodes of the lumbar spinal cord of SOD1G93A mice compared with age- and sex-matched wild-type controls. Representative confocal micrographs of immunohistochemistry for p62/SQSTM1, choline acetyltransferase (ChAT), and DAPI are shown for (A) P85 and (C) P140 mice. Quantification of the percentage of motor neuron cell bodies with p62/SQSTM1 aggregates is shown for (B) P85 and (C) P140 mice and includes 46–86 motor neurons at P85 and 45–101 motor neurons at P140 from n = three animals for each genotype. (E–H) Decreased intensity of p62/SQSTM1 was observed in motor neuron cell bodes of the lumbar spinal cord of SOD1G93A mice compared with age- and sex-matched wild-type controls. Representative confocal micrographs of immunohistochemistry for p62/SQSTM1, choline acetyltransferase (ChAT), and DAPI are shown for (E) P85 and (G) P140 mice. Quantification of average signal intensity shows decreased intensity of p62/SQSTM1 in motor neuron cell bodies for (F) P85 and for (H) P140 mice. Quantification for signal intensity are from n = three animals include 47–56 motor neurons for P85 (F) and 45–50 motor neurons for P140 (H) mice for each genotype. Graphs show mean ± SEM. Asterisks indicate significant differences as analyzed by un-paired t-test (*p < 0.05, ***p < 0.001) (B,D,F,H). Different confocal scanning conditions were used between the two ages; therefore, the signal intensity arbitrary units should not be compared between ages. Scale bar: 100 μm (A,C) and 10 μm (E,G).



First, we examined the number of motor neuron cell bodies of the lumbar spinal cord that displayed large p62/SQSTM1 aggregated structures. At P85, 20.5 ± 4.6% of motor neuron cell bodies of SOD1G93A mice contained p62/SQSTM1 aggregated structures compared to zero observed in wild-type control mice (Figures 4A,B). At P140, 10.4 ± 0.8% of motor neuron cell bodies in SOD1G93A mice displayed large p62/SQSTM1 aggregated structures compared to 0.5 ± 0.5% of that in wild-type control mice (Figures 4C,D).

Next, we used immunohistochemistry to quantify the expression level of p62/SQSTM1 specifically in motor neuron cell bodies without the contamination from other cells in the gray matter. Importantly, the expression level of p62/SQSTM1 in motor neuron cell bodies estimated by average signal intensity was 10.3% lower at P85 and 19.7% lower at P140 in the lumbar spinal cord of SOD1G93A mice compared to that of wild-type control mice (Figures 4E–H, P85: SOD1G93A, 4,936 ± 130; WT, 5,501 ± 133; P140: SOD1G93A, 4,415 ± 119; WT, 5,496 ± 185; arbitrary unit). The decreased protein level of p62/SQSTM1 suggested a reduction of autophagy and/or mitophagy function in SOD1G93A motor neurons.

To investigate whether mitophagy function is altered in motor neurons of SOD1G93A mice, expression levels of mitophagy-related proteins were analyzed using immunohistochemistry to specifically detect protein levels in motor neurons. Bnip3 (BCL2 and adenovirus E1B 19-kDa-interacting protein 3) forms a homodimer and is integrated into the mitochondrial outer membrane by C-terminal transmembrane domains. The LC3-interacting region in the N-terminal domain interacts with LC3-II at the phagophores to induce mitophagy (Springer and MacLeod, 2016). The expression level of Bnip3 in motor neuron cell bodies was 29% lower at P85 and 52% lower at P140 in lumbar spinal cords in SOD1G93A mice compared to that of age- and sex-matched wild-type control mice at P85 and P140 (Figure 5; P85: SOD1G93A, 4,343 ± 140; WT, 6,151 ± 124; P140: SOD1G93A, 2,335 ± 144; WT, 4,864 ± 301; arbitrary unit).
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FIGURE 5. Decreased expression of Bnip3 in motor neurons in SOD1G93A mice. Bnip3 protein expression levels were significantly reduced in motor neurons in lumbar spinal cords of SOD1G93A mice compared to age- and sex-matched wild-type controls. Representative confocal micrographs of immunohistochemistry for Bnip3, choline acetyltransferase (ChAT), and DAPI are shown for P85 and P140 mice (A). Quantification for signal intensity is shown for (B) P85 and (C) P140 mice. Quantification for signal intensity are from n = three animals include 42–56 motor neurons for P85 and 31–34 motor neurons for P140 mice for each genotype. Graphs show mean ± SEM. Asterisks indicate significant differences as analyzed by un-paired t-test (***p < 0.001). Different confocal scanning conditions were used between the two ages; therefore, the signal intensity arbitrary units should not be compared between ages. Scale bar: 10 μm.



Mitochondrial protein PTEN-induced putative kinase 1 (Pink1) is degraded rapidly in normal mitochondria, but is stabilized at the surface of depolarized mitochondria, where it recruits and activates Parkin (Matsuda et al., 2010; Narendra et al., 2010). Activated Parkin ubiquitinates mitochondrial outer membrane proteins, which recruit LC3 to initiate mitophagy (Geisler et al., 2010). Pink1 levels were significantly lower in motor neuron cell bodies of lumbar spinal cord of SOD1G93A mice at P85 and P140 (18 and 19% lower, respectively) compared to that of age- and sex-matched wild-type control mice (Figures 6A–D; P85: SOD1G93A, 10,013 ± 447; WT, 12,199 ± 407; P140: SOD1G93A, 9,241 ± 390; WT, 11,385± 395; arbitrary unit). Furthermore, Parkin signal intensity in motor neuron cell bodies was significantly lower in motor neuron cell bodies of lumbar spinal cords of SOD1G93A mice at P85 and P140 (14 and 7% lower, respectively) compared to wild-type control mice (Figures 6E–H; P85: SOD1G93A, 6,851 ± 171; WT, 7,988 ± 239; P140: SOD1G93A, 3,698 ± 76; WT, 4,004 ± 61; arbitrary unit). These protein-level analyses also suggested a reduction of mitophagy function in motor neurons of SOD1G93A mice.


[image: image]

FIGURE 6. Decreased expression of mitophagy-related proteins in motor neurons of SOD1G93A mice. Pink1 and Parkin protein expression levels were significantly reduced in motor neurons in lumbar spinal cords of SOD1G93A mice compared to age- and sex-matched wild-type controls. (A–D) Representative confocal micrographs of immunohistochemistry for Pink1, choline acetyltransferase (ChAT), and DAPI are shown for (A) P85 and (C) P140 mice. Quantification for signal intensity is shown for Pink1 at P85 (B) and P140 (D) mice. Quantification for signal intensity are from n = three animals include 37–43 motor neurons for P85 and 41–50 motor neurons for P140 mice for each genotype. (E–H) Representative confocal micrographs of immunohistochemistry for Parkin, choline acetyltransferase (ChAT), and DAPI are shown for (E) P85 and (G) P140 mice. Quantification for signal intensity is shown for Parkin at P85 (F) and P140 (H) mice. Quantification for signal intensity are from n = three animals include 32–38 motor neurons for P85 and 28–43 motor neurons for P140 for each genotype. Graphs show mean ± SEM. Asterisks indicate significant differences as analyzed by un-paired t-test (**p < 0.01, ***p < 0.001) (B,D,F,H). Different confocal scanning conditions were used between the two ages; therefore, the signal intensity arbitrary units should not be compared between ages. Scale bar: 10 μm.



Pink1/Parkin Double Knockout Mice Exhibit Severe Degeneration of NMJs in Young Adults

The potential reduction of mitophagy function may lead to accumulation of degenerated mitochondria at NMJs and dying-back neuropathy of ALS motor neurons in SOD1G93A mice. We have identified that the levels of p62/SQSTM1, Bnip3, Pink1, and Parkin are significantly reduced in motor neuron cell bodies of SOD1G93A mice (Figures 4–6). p62/SQSTM1 is necessary for Pink1/Parkin-mediated mitophagy (Geisler et al., 2010). Therefore, double knockout mice (DKO) mice for Pink1 (pink1) and Parkin (park2) were analyzed to investigate the role of mitophagy in NMJ maintenance.

The loss of Pink1 and Parkin caused significant degeneration of NMJs in young adult mice. Diaphragm NMJs were analyzed at ages between P85 and P110 using whole-mount immunohistochemistry to minimize potential damage to NMJs due to sectioning. We have not detected premature death of DKO mice for Pink1 and Parkin to the age of 3.5 months. Both presynaptic nerve terminals and postsynaptic specialization showed abnormalities. Axons adjacent to NMJs showed swelling at a significantly higher rate in the DKO mice (22.5 ± 4.5%) than in age matched wild-type mice (4.9 ± 1.7%, Figures 7A,B). Postsynaptic acetylcholine receptors are clustered in a pretzel-like morphology that are mostly connected to each other in the muscles of wild-type mice. However, NMJs in the DKO mice showed fragmentation of acetylcholine receptor clusters at a significantly higher rate (16.7 ± 1.8%) than in wild-type NMJs (4.9 ± 1.7%, Figures 7A,C). Importantly, the DKO mice had significantly lower numbers of fully innervated NMJs in diaphragm (55.6 ± 5.1%) than wild-type mice (93.7 ± 0.8%, Figure 7D). Denervated NMJs were significantly more common in the DKO mice (33.5 ± 5.5%) but were rarely detected in wild-type mice (2.8 ± 1.0%). Furthermore, the toe muscle of DKO mice showed similar NMJ innervation rate and had significantly lower numbers of fully innervated NMJs (58.9 ± 5.5%) than wild-type mice (88.0 ± 4.5%, Figure 7E). The increased NMJ denervation is less likely to be caused by muscle fiber degeneration and regeneration because the muscle fiber cross-sectional area was not significantly different between the DKO mice and wild-type control mice (DKO, 7,146 ± 309 μm2; WT 6,225 ± 369 μm2), and central nuclei was not observed in muscle fibers. These data demonstrate that mitophagy is essential for the maintenance of NMJ innervation.
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FIGURE 7. Pink1/Parkin DKO mice have denervated NMJs. (A) Representative confocal images of individual NMJs in diaphragms of age-matched wild-type control mouse (top row) and Pink1/Parkin DKO mouse (middle and bottom rows). DKO diaphragm showed significantly increased NMJ denervation (white asterisks). NMJs of DKO mice showed axon swelling (white arrows) and fragmentation of acetylcholine receptor cluster (white arrowheads) at ages between P85 and P110. NMJs of wild-type mice of the same age did not show these phenotypes. Quantifications of (B) NMJ with axon swelling and (C) fragmented NMJs are from n = four animals (3 male, 1 female) for each genotype, and (B) 45–161 NMJs and (C) 58–206 NMJs were counted for each animal. NMJ denervation rate of DKO mice was compared to wild-type mice in diaphragm (D) and toe (E) muscles. Quantification data are presented as a percent of NMJs that are either fully innervated, partially innervated, or denervated. Quantifications are from n = four animals for each genotype and (D) 175–407 NMJs and (E) 98–212 NMJs were counted for each animal. Graphs show mean ± SEM. Asterisks indicate significant differences as analyzed by un-paired t-test (C,D) and one-way ANOVA with Tukey's multiple comparison test (D,E) (*p < 0.05, **p < 0.01, ***p < 0.001). Scale bar: 10 μm.



Finally, we asked whether reduced mitophagy cause accumulation of mitochondria at motor nerve terminals. Immunohistochemical signal intensity of the ATP synthase β subunit was measured at NMJ presynaptic terminals. The ATP synthase signal intensity was significantly higher in the DKO mice than in wild-type mice (DKO, 729.3 ± 10.86; WT, 499.8 ± 12.54; arbitrary unit, Figure 8). These results suggest that a lack of one of the mitophagy pathways, here, Pink1 and Parkin, results in the accumulation of mitochondria at nerve terminals. The reduced mitophagy function and the accumulation of degenerated mitochondria is likely to cause NMJ denervation in ALS model SOD1G93A mice.
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FIGURE 8. Higher level of ATP synthase protein in presynaptic terminals of Pink1/Parkin DKO mice. (A) Representative confocal micrographs of immunohistochemistry for mitochondrial protein ATP synthase β subunit (ATP Syn) in presynaptic terminals (arrowheads) of tibialis anterior NMJs in the Pink1/Parkin DKO mice at ages between P85 and P110 compared to wild–type mice of the same age. Presynaptic terminals of NMJs were defined by anti-neurofilament and anti-synaptophysin staining pattern (NF + Synp). Postsynaptic acetylcholine receptors were labeled with Alexa 594-conjugated α-bungarotoxin (BTX). In these cross-section images of NMJs, presynaptic terminals are above the bungarotoxin signal, and postsynaptic myotubes are below the bungarotoxin signal. Scale bar: 10 μm. (B) Average signal intensity of ATP synthase β subunit is greater in presynaptic terminals of Pink1/Parkin DKO mice than in those of wild-type mice. Quantifications are from n = four animals and 97–101 NMJs for each genotype in confocal images. Graph shows mean ± SEM. Asterisks indicate significant differences as analyzed by un-paired t-test (*p < 0.05).



DISCUSSION

Ultrastructural analysis revealed clear examples of mitophagy in the presynaptic terminals of NMJs of wild-type mice and SOD1G93A mice (Figure 3). To our knowledge, this report is the first to show electron micrographs of mitophagosomes at mammalian NMJs. We identified significant increases in the number of autophagosomes and degenerated mitochondria in the NMJ presynaptic terminals of SOD1G93A mice compared to wild-type controls. The accumulation of degenerated mitochondria at NMJs is consistent with that observed at ALS patient NMJs (Siklos et al., 1996). However, mitophagosome number did not increase significantly, and the expression levels of mitophagy-related proteins, p62/SQSTM1, Bnip3, Pink1, and Parkin were significantly lower in SOD1G93A mice than in aged- and sex-matched wild-type controls. These results suggest a reduced function of mitophagy in the NMJ presynaptic terminals of SOD1G93A mice, which may lead to accumulation of degenerated mitochondria, NMJ denervation, and dying back neuropathy. Consistent with this hypothesis, Pink1 and Parkin DKO mice exhibited NMJ denervation at young adult ages and increased immunohistochemical signal intensity of the ATP synthase β subunit, which suggested an accumulation of mitochondria in the NMJ presynaptic terminals. To our knowledge, this study is the first report to test the effect of deleting both Pink1 and Parkin in the maintenance of NMJs. Overexpression of human wild-type SOD1 in mice has been reported to cause mitochondrial vacuolization and axonopathy around 1 year of age (Jaarsma et al., 2000). We have not analyzed the phenotype of the transgenic mouse overexpressing wild-type SOD1 to compare against that of SOD1G93A mice, which is a limitation of the current study.

We have detected both autophagosomes and mitophagosomes in the presynaptic terminals of wild-type NMJs by using electron microscopy. This observation is consistent with a previous report that describes mitophagy in the distal axons of hippocampal neurons (Ashrafi et al., 2014). These functions of autophagy and mitophagy at the distal end of axons allow local mechanisms to preserve the function of nerve terminals without relying on the mechanisms in the cell body, which is a long distance away. However, the mitophagy function seems to show defects in presynaptic terminals of ALS NMJs and is not capable of depleting the accumulation of degenerated mitochondria. This reduced mitophagy function may be related to the lysosomal deficits that have been identified in SOD1G93A mice (Xie et al., 2015).

As a potential mechanism of the mitophagy defect, we revealed the down regulation of p62 in motor neurons of SOD1G93A mice. However, a previous publication reported progressive accumulation of p62 in lumbar spinal cord of SOD1G93A mice at P125 (Gal et al., 2007). We also observed increased level of p62 aggregates in the lumbar spinal cords of SOD1G93A mice at P85 and P140, but the increased signal derived mostly from cells other than motor neurons (Figure 4). The discrepancy between the two studies seems to stem from the difference in the antibodies used to detect p62/SQSTM1 protein. The specificity of the anti-p62/SQSTM1 antibody used in our study was verified using knockout mouse tissue in our previously published study (Yang et al., 2016). The antibody used by Gal et al. (Santa Cruz, SQSTM1 antibody, sc-10117) has not been verified using knockout animals and recognizes a second non-specific band in the western blot analysis, based on the information on the manufacturer's website. This antibody has been discontinued; therefore, the two antibodies could not be compared at this time.

As dysregulation autophagy has been shown in spinal cords of ALS patients, autophagy modulation has been explored as a potential treatment for ALS motor neuron dysfunction. Results of studies stimulating autophagy have been somewhat conflicting. Enhancing autophagy using rapamycin to inhibit mammalian target of rapamycin (mTOR) was shown to worsen ALS related symptomology, decrease life span, and result in a more severe mitochondrial dysfunction, possibly activating apoptosis, in SOD1G93A mice (Zhang et al., 2011). While another study showed that rapamycin treatment of SOD1G93A mice had no effect on survival, but did increase survival of SOD1G93A mice devoid of mature lymphocytes, indicating a delicate interplay with the immune system (Staats et al., 2013). Rapamycin also worsens ALS symptomology in valosin-containing protein mutant mice (Ching and Weihl, 2013), and had no effect on SOD1 H46R/H48Q mutant mice (Bhattacharya et al., 2012), both separate mouse models of ALS. However, enhancing autophagy using trehalose, independent of mTOR, delayed disease onset in SOD1G93A mice, increased life span, reduced motor neuron loss in spinal cord, reduced NMJ denervation, and preserved mitochondrial function (Castillo et al., 2013; Zhang et al., 2014; Li et al., 2015). Furthermore, TAR DNA-binding protein 43 (TDP43) mutations have been identified in familial ALS patients, and animal and cell culture models have been studied. Enhancing autophagy increased cell survival in vitro of primary rat neurons transfected with TDP43(A315T)-GFP or human iPSC-derived motor neurons with TDP43 M337V mutation (Barmada et al., 2014). In addition, enhancing autophagy in mice overexpressing wild-type TDP43 alleviated the progression motor function loss (Wang et al., 2012). Taken together these results provide promise that modulating autophagy may be a treatment option for ALS.

This study has shown that the reduced mitophagy function and the accumulation of degenerated mitochondria are likely to contribute to the dying-back neuropathy of ALS NMJs. Further analyses are necessary to elucidate the mechanism by which mitophagy is down regulated in ALS motor neurons. Homeostatic feedback loop signals link the biogenesis of mitochondria and the level of mitophagy (Palikaras et al., 2015). Therefore, better understanding of the mitophagy defect can aid in the development of a novel intervention to ameliorate mitochondrial defects in ALS.
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The specialized structure of the neuron requires that homeostasis is sustained over the meter or more that may separate a cell body from its axonal terminus. Given this impressive distance and an axonal volume that is many times that of the cell body, how is such a compartment grown during development, re-grown after injury, and maintained throughout adulthood? While early answers to these questions focused on the local environment or the cell soma as supplying the needs of the axon, it is now well-established that the axon has some unique needs that can only be met from within. Decades of research have revealed local translation as an indispensable mechanism of axonal homeostasis during development and regeneration in both invertebrates and vertebrates. In contrast, the extent to which the adult, mammalian axonal proteome is maintained through local translation remains unclear and controversial. This mini-review aims to highlight important experiments that have helped to shape the field of axonal translation, to discuss conceptual arguments and recent evidence that supports local translation as important to the maintenance of adult axons, and to suggest experimental approaches that have the potential to further illuminate the role of axonal translation in neuronal homeostasis.
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SOMAL PROVISION OF THE AXONAL PROTEOME

In the early twentieth century popular opinion stated that the axon drew the majority of its nutrients from the local environment. Classic experiments by Weiss and Hiscoe challenged this idea by providing observable evidence for the directed movement of material from the neuronal soma to the axon terminal (Weiss and Hiscoe, 1948). Rat peripheral nerves were crushed, ligated, and allowed to regenerate. Within days, the axon segment just proximal to the ligation became swollen and enlarged. Upon removal of the ligation, the accumulated axoplasm moved from the soma to the axon, suggesting the presence of a dynamic communication system between the cell body and the axon and establishing the field of axonal transport.

Soon the idea that the neuronal soma supplied the axonal proteome prevailed. Radiolabeled amino acids systemically injected into rats were incorporated into new proteins in the soma and at the base of large dendrites within minutes of injection, but were observed in the axon hillock 1 day after injection, in the ventral root 2 days after injection, and 20 mm down the sciatic nerve 16 days after injection (Droz and Leblond, 1963). It was concluded that proteins are continuously synthesized in the cell body and at the base of large dendritic spines, and are subsequently transported into distal dendrites and axons. Although background from supporting cells would have made it difficult to observe low signals in axons, this evidence supported the idea that would dominate the field for the next several decades; translation does not occur in axons.

DENDRITIC TRANSLATION REVEALS THE POTENTIAL FOR LOCAL CONTROL OF THE PROTEOME IN NEURONS

The earliest electron microscopy studies of neurons established the soma as the primary site of protein synthesis, based on the presence of well-defined endoplasmic reticulum (ER) and a large number of polyribosomes (Palay and Palade, 1955). Thus, the observation of newly synthesized proteins at the base of large dendrites led to the search and eventual identification of additional components of translation machinery in this compartment. The presence of polyribosomes and specific mRNA species, including microtubule associated protein 2 (MAP2) and the alpha subunit of calcium/calmodulin-dependent protein kinase II (CAMKIIα) were soon identified (Steward and Levy, 1982; Steward, 1983; Caceres et al., 1988).

Decades after the first behavioral studies in mammals showed that memory is dependent upon new protein synthesis, Kang and Schuman assigned physiological significance to dendritic translation by showing it is a requirement for synaptic plasticity in the mammalian hippocampus (Flexner et al., 1963; Kang and Schuman, 1996). Aakalu et al. provided visual evidence of dendritic translation in mammalian neurons using a reporter in which the coding sequence of green fluorescence protein (GFP) was flanked by the 5′ and 3′ untranslated ends of CAMKIIα, resulting in dendritic mRNA localization (Aakalu et al., 2001). Stimulation of cultured rat hippocampal neurons with Brain-derived neurotrophic factor (BDNF) resulted in dendritic synthesis of the GFP reporter, which was abolished by treatment with protein synthesis inhibitors. Possible diffusion from the cell body was eliminated by transection of dendrites from the soma and by including a membrane tether to the reporter protein. This study supplied the evidence needed to acknowledge dendritic translation as a mechanism of neuronal homeostasis.

AXONS POSSESS TRANSLATION MACHINERY

While the field of dendritic translation advanced, the search for evidence of axonal translation despite the apparent absence of polyribosomes and rRNA in the axon continued (Lasek et al., 1973). A series of in vitro metabolic labeling studies in goldfish, squid, and rabbit established that proteins can be synthesized in invertebrate and vertebrate axons (Koenig, 1967; Giuditta et al., 1968; Edstrom and Sjostrand, 1969). Eventually, more sensitive techniques enabled the identification of rRNA, mRNA, and actively translating polysomes in squid giant axons (Giuditta et al., 1980, 1986, 1991). In mammalian axons, ribosomes were identified at embryonic stages both in culture and in vivo (Tennyson, 1970; Bunge, 1973; Bassell et al., 1998). Polyribosomes were observed by electron microscopy in the axonal initial segment of mature mammalian central nervous system (CNS) neurons, although not in myelinated sections. Polyribosomes were tightly associated with synapses, suggesting that axonal translation may occur during times of extensive synaptic growth, such as development (Steward and Ribak, 1986).

Electron microscopy failed to detect rough ER or golgi apparatus in vertebrate axons, raising the question of whether or not axons have the ability to process or secrete locally synthesized proteins (Tennyson, 1970; Bunge, 1973). However, the Twiss lab addressed this question using cultured rat sensory neurons. Their extensive studies have shown that (1) ER and golgi components needed for classical protein synthesis and secretion are present in the axon, (2) ER chaperone proteins can be axonally translated, and (3) axons can target locally synthesized proteins to the membrane (Willis et al., 2005; Merianda et al., 2009). This evidence strongly suggests that neurons can post-translationally modify and secrete axonally synthesized proteins, although the associated machinery may exist in very small quantities or adopt unique morphologies in the axon, perhaps explaining how the axon is able to maintain the energetic burden of translation machinery.

AXONAL TRANSLATION OCCURS DURING NERVOUS SYSTEM DEVELOPMENT

Given that axonal ribosomes are present in embryonic axons and preferentially associated with synapses, many of the earliest studies in the field of axonal translation were related to its role in neuronal development. Axonal mRNA localization was revealed as a general mechanism of protein sorting and proteome management in the developing axon (Jung et al., 2012). In growing neurons, mRNA is sorted to neuronal processes in granules that also contain ribosomal subunits and translation factors (Knowles et al., 1996; Olink-Coux and Hollenbeck, 1996). β-actin was among the first such mRNA species to be identified as enriched within growth cones and axonal processes of developing neurons, and the axonal synthesis of actin protein in embryonic neurons was established soon after (Bassell et al., 1998; Eng et al., 1999).

It is now known that axonal translation is important for many aspects of neuronal development. Some neurotrophins can induce growth cones to turn toward their source in an actin-dependent manner (Zheng et al., 1996; Ming et al., 1997). The finding that β-actin mRNA is translated in the axon made this mechanism a good candidate for how axons can quickly and independently modulate the cytoskeleton for growth cone turning during development. Confirming this hypothesis, stimulation of either embryonic or adult neurons with neutrotrophins increases the transport of β-actin mRNA into the axon (Zhang et al., 1999, 2001; Willis et al., 2005). A directional gradient of netrin-1 induces translation of β-actin that directly precedes attractive growth cone turning (Leung et al., 2006). Repulsion is just as important as attraction for axonal pathfinding during development, and axonal translation contributes to this phenomenon as well. The guidance cue Semaphorin 3A results in axonal translation of RhoA mRNA and subsequent collapse of the growth cone, preventing the axon from innervating incorrect targets (Wu et al., 2005). Overall neuronal growth and size-sensing is also dependent upon mRNA localization and axonal translation. In growing sensory neurons importin β1 mRNA is anterogradely transported to the axon, where it associates with ribosomes. Perturbation of this localization by 3′ UTR knockout or by sequestration of the importin β1-ribonucleoprotein complex to the cell body results in significantly longer axons (Perry et al., 2016). Finally, axonal protein synthesis is essential for localized BDNF-induced synaptic potentiation in developing neurons (Zhang and Poo, 2002). Thus, axonal translation is a mechanism by which growing neurons correctly pathfind, innervate target tissues, sense their own size, and modulate synaptic strength during development.

AXONAL TRANSLATION OCCURS DURING NERVOUS SYSTEM REGENERATION

Immunohistological studies eventually revealed that mature mammalian axons of the peripheral nervous system contain ribosomal proteins and rRNA, which are irregularly distributed and located close to the plasma membrane, possibly explaining the difficulty in identifying them (Koenig et al., 2000). The importance of axonal translation to neuronal growth during development and the identification of ribosomes in adult peripheral axons raised the possibility that axonal translation plays an additional role during peripheral nerve regeneration. Adult rat dorsal root ganglion (DRG) cells were shown to regenerate neuronal processes in vitro after in vivo axonal crush by regulating the translation of an existing pool of mRNAs (Twiss et al., 2000). Moreover, translation of these mRNAs within the axon itself is required for normal regeneration in vitro. In vivo, rat motor axons of the sciatic nerve isolated 7 days after a crush injury contain translation factors, ribosomal proteins, and rRNA (Zheng et al., 2001). Whether translation components originate from the neuron or from glial cells is still under question. Glia-to-axon transfer of proteins occurs in squid giant axons transected from their cell bodies (Lasek et al., 1977). In perfused squid axons cell-to-cell transfer of RNA occurs upon stimulation of glial receptors by axonal neurotransmitters, indicating that signaling from active or injured axons can induce glial cells to provide axonal translation components (Eyman et al., 2007). In mammals, the in vivo transfer of ribosomal components from Schwann cells to peripheral axons after injury suggests the presence of a dynamic collaboration between these cell types during regeneration (Court et al., 2008, 2011). Independent of the origin of translation machinery in uninjured axons, the glia-axon collaboration during injury conditions, along with increased aggregation of axonal ER components, suggests an increased capacity for axonal translation, processing, and secretion of newly synthesized proteins during regeneration (Merianda et al., 2009; Court et al., 2011).

CONCEPTUAL ARGUMENTS FOR AXONAL TRANSLATION IN NEURONAL HOMEOSTASIS

One of the most common conceptual arguments for the role of axonal translation in neuronal maintenance centers around efficiency. Mature mammalian neurons are the largest cells in the body and are highly compartmentalized. Transport of mRNA to distant locations within a neuron followed by local translation may be more efficient than transportation and storage of proteins. One mRNA molecule can be translated many times, allowing for communication with the use of fewer resources, fewer space restrictions, and less risk of aberrant protein accumulation. In addition, nascent proteins may provide opportunities for unique post-translational processing crucial to specific functions in the mature axonal compartment (Figures 1A,C; Jung et al., 2012; Perry and Fainzilber, 2014).
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FIGURE 1. Local translation may contribute to axonal efficiency and compartmentalization. mRNA is transcribed in the nucleus, packaged into mRNP granules, and transported by multiple molecular motors down the axon. Granules are transported into some synapses and mRNA is immediately translated into polypeptides (A,B). Nascent polypeptides may present the opportunity for unique post-translational modification, as in synapse (A) or may be used to fulfill specific activity-based needs of individual synapses, as in (B). Local translation of some mRNAs may be controlled at the synaptic level by the interaction of local extracellular signals, such as neurotrophins, with membrane receptors (A). Alternatively, mRNP granules can be transported into synapses and stored for later use (C), or excluded from other synapses (D). Local translation of mitochondrial proteins could help to maintain a healthy supply of axonal mitochondria (D). Axonal survival factors may also be translated locally. For example, NMNAT2 has a half-life of 4 h, and even if transported via fast axonal transport, would not make it to the most distance synapses before significant degradation.



Axonal translation could also confer molecular flexibility at individual synapses. This could be especially useful during periods of high synaptic activity, providing synapse-specific, “on demand” adaptations to the proteome. Replenishment of proteins used for neurotransmission may be needed at some synapses after intense use such as during motor activity or learning. An example of this is found in growing axons, in which the membrane-bound receptor DCC physically associates with translation machinery and mediates local protein synthesis upon stimulation with netrin (Tcherkezian et al., 2010). In this example, the availability of extracellular signals coupled with the expression of presynaptic membrane receptors provides translational control at the level of individual synapses (Figure 1B).

Local translation may help axons maintain a healthy supply of functional mitochondria. Mutations that affect either the function or transport of axonal mitochondria result in neurodegeneration (Schwarz, 2013; Pease and Segal, 2014). Nigrostriatal dopamine neurons have extensive axonal arbors, estimated to form up to 245,000 synapses (Matsuda et al., 2009; Bolam and Pissadaki, 2012). Given that mitochondria are enriched at synapses, the cell body may be unable to synthesize the complete nuclear mitochondrial proteome at a rate sufficient for an uninterrupted supply of axonal mitochondria (Court and Coleman, 2012; Schwarz, 2013). Proteins of the inner and outer mitochondrial membranes possess different turnover rates, thus, axonally translated mitochondrial proteins may also allow for finer control of mitochondrial replenishment (Beattie, 1969). In support of axonal synthesis of nuclear-encoded mitochondrial proteins, rat superior cervical ganglia (SCG) axons contain mRNA for several of these proteins and inhibition of axonal protein synthesis decreases mitochondrial membrane potential (Hillefors et al., 2007). SCG axons also contain the micro RNA (miR), miR-338, which is known to post-transcriptionally modulate the expression of cytochrome c oxidase IV (COXIV), a nuclear protein important to oxidative phosphorylation. Overexpression of miR-338 in the axon reduces COXIV protein levels, mitochondrial oxygen consumption, and axonal ATP levels (Figure 1D; Aschrafi et al., 2008).

Finally, axonal translation may provide a local supply of essential axon survival factors. Neurotrophins are important regulators of axonal survival that rely on both transported and locally translated proteins to exert their protective effects. For example, stimulation of axons by neurotrophins coordinates transcription of the antiapoptotic gene bcl-w with transport of bcl-w mRNA to the axon and subsequent local translation (Cosker et al., 2013). Because the inhibition of axonal protein synthesis with cycloheximide abolishes the protective effects of neurotrophins, local synthesis of other axonal survival proteins is likely (Pazyra-Murphy et al., 2009; Pease and Segal, 2014). A possible example is nicotinamide nucleotide adenylyltransferase 2 (NMNAT2), an essential axon survival factor with a half-life of only 4 h (Gilley and Coleman, 2010). Even if NMNAT2 were transported by fast axonal transport, estimated to move cargo at a speed of 400 mm/day, the protein would only travel ~67 mm before 50 percent degradation (Hirokawa et al., 2010). This would result in vanishingly low levels of NMNAT2 in the most distal axons in large mammals, including humans. Distinct neuronal types may require different balances of transported vs. locally translated NMNAT2 (Figure 1).

RECENT EVIDENCE FOR LOCAL TRANSLATION IN ADULT MAMMALIAN AXONS

Despite these arguments, the physiological significance of axonal translation in nervous system maintenance remains ambiguous. Asymmetrical mRNA localization is a commonly utilized communication strategy for many types of mature polarized cells. (Xing and Bassell, 2013). It is tempting to hypothesize that the longest axons in vivo, such as mature sensory and motor peripheral axons, may be the most reliant on mRNA transport and local translation for homeostasis. Mature sensory axons possess a complex repertoire of mRNA, and it is suspected that the microtubule stabilizing agent, Paclitaxel, causes sensory neuropathy at least in part by impairing axonal transport (Scripture et al., 2006; Gumy et al., 2011). More direct evidence of neurodegeneration as a result of dysregulation of mRNA transport is found with mutations in the RNA binding protein, SMN1, which cause the severe motor neuron disease, spinal muscular atrophy (Wang et al., 2016). Mutations in at least five members of the ubiquitously expressed family of proteins, tRNA synthetases, cause the specific degeneration of sensory and motor axons, supporting the idea that local translation of transported mRNA is crucial for axonal maintenance (Antonellis and Green, 2008).

A challenge in establishing axonal translation in mature mammalian neurons is studying axons in isolation from their cell bodies and other supporting cell types in vivo. The genetic method, translating ribosome affinity purification (TRAP), now allows for axonally-derived populations of ribosomes and their associated RNA to be analyzed without fear of contamination from other cell types. Shigeoka, et al. used the RiboTag knockin mouse line, in which Cre-mediated recombination results in expression of a triple HA-tagged ribosomal protein, RPL22 (Sanz et al., 2009; Shigeoka et al., 2016). Ribosome-bound mRNAs in retinal ganglion cell (RGC) axons were isolated from their CNS targets in developing and adult mice. Comparison of cell somas in the retina to axons in the brain revealed distinct populations of ribosome-associated mRNAs in axons. Axons at all ages were enriched for the gene ontology (GO) terms “cellular metabolism” and “mitochondrial respiratory chain,” suggesting that mitochondrial proteins are indeed locally translated in developing and adult axons. Analysis of developmental stages revealed that axonal translation is intimately associated with RGC circuit assembly. In contrast, adult axons are enriched for transcripts related to the maintenance of neurotransmission, including components of the trans-SNARE complex, glutamate receptors, and neurotrophin receptors. NMNAT2 transcript is associated with ribosomes in both developing and adult axons, but more highly enriched at the adult stage. Neurotrophin-induced survival signals, including components of the CREB and STAT3 pathways, are also enriched in the adult axon. This study provides key evidence that axonal translation in adult RGCs supports metabolic function, neurotransmission, axon survival, and many other aspects of axonal homeostasis.

APPROACHES TO ILLUMINATE THE ROLE OF AXONAL TRANSLATION IN NEURONAL HOMEOSTASIS

Additional studies are needed to provide a complete picture of the physiological relevance of translation in adult mammalian axons in vivo, and to definitively show when and where axonal translation is occurring. Visualization of nascent protein would provide the strongest evidence for axonal translation. Similar to the approach used by Aakalu et al. (2001) for the visualization of dendritic translation, Willis et al. used the 3′ UTR of rat β-actin mRNA to drive axonal localization of a GFP reporter protein containing a membrane tether. GFP protein was indeed locally synthesized in cultured axons of adult, rat DRGs and mRNA was transported to axons of adult central and peripheral neurons in vivo (Willis et al., 2007, 2011). Single molecule translation imaging (SMTI) was recently used to determine the temporal and spatial dynamics of β-actin translation in cultured Xenopus RGC axons (Strohl et al., 2017). The fast-folding, fast-bleaching fluorescent protein, Venus, was fused to the full-length β-actin sequence, and translation was visualized under baseline conditions and with Netrin-1 stimulation. Real-time visualization of axonally translated protein in vivo in a mammalian system is the next step. In vivo expression of a construct similar to that used by Strohl et al. could be driven in neurons and temporally and spatially analyzed using SMTI. TRAP studies could provide a list of axonally translated proteins in a given cell type with which to drive axonal localization of the reporter.

While the above experiment would unequivocally demonstrate axonal translation in vivo, it is limited in scope to demonstrating the synthesis of one protein at a time. New in vivo techniques for large-scale labeling of nascent proteins will be invaluable to the full characterization of the axonal proteome. Ultimately, a complete catalog of axonally translated proteins at developmental and adult stages of life in each neuronal cell type will be needed to understand the intricacies of axonal translation, its contribution to neuronal homeostasis, and how its disruption can lead to neurodegeneration.
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The vascular hypothesis of glaucoma proposes that retinal ganglion cell axons traversing the optic nerve head (ONH) undergo oxygen and nutrient insufficiency as a result of compromised local blood flow, ultimately leading to their degeneration. To date, evidence for the hypothesis is largely circumstantial. Herein, we made use of an induced rat model of glaucoma that features reproducible and widespread axonal transport disruption at the ONH following chronic elevation of intraocular pressure. If vascular insufficiency plays a role in the observed axonal transport failure, there should exist a physical signature at this time point. Using a range of immunohistochemical and molecular tools, we looked for cellular events indicative of vascular insufficiency, including the presence of hypoxia, upregulation of hypoxia-inducible, or antioxidant-response genes, alterations to antioxidant enzymes, increased formation of superoxide, and the presence of oxidative stress. Our data show that ocular hypertension caused selective hypoxia within the laminar ONH in 11/13 eyes graded as either medium or high for axonal transport disruption. Hypoxia was always present in areas featuring injured axons, and, the greater the abundance of axonal transport disruption, the greater the likelihood of a larger hypoxic region. Nevertheless, hypoxic regions were typically focal and were not necessarily evident in sections taken deeper within the same ONH, while disrupted axonal transport was frequently encountered without any discernible hypoxia. Ocular hypertension caused upregulation of heme oxygenase-1—an hypoxia-inducible and redox-sensitive enzyme—in ONH astrocytes. The distribution and abundance of heme oxygenase-1 closely matched that of axonal transport disruption, and encompassed hypoxic regions and their immediate penumbra. Ocular hypertension also caused upregulations in the iron-regulating protein ceruloplasmin, the anaerobic glycolytic enzyme lactate dehydrogenase, and the transcription factors cFos and p-cJun. Moreover, ocular hypertension increased the generation of superoxide radicals in the retina and ONH, as well as upregulating the active subunit of the superoxide-generating enzyme NADPH oxidase, and invoking modest alterations to antioxidant-response enzymes. The results of this study provide further indirect support for the hypothesis that reduced blood flow to the ONH contributes to axonal injury in glaucoma.

Keywords: glaucoma, optic nerve head, axonal transport, hypoxia, oxidative stress, astrocyte, retinal ganglion cell

INTRODUCTION

Glaucoma, the leading cause of irreversible blindness worldwide (Quigley and Broman, 2006), encompasses a family of neurodegenerative diseases, all of which feature a clinically characteristic optic neuropathy (Casson et al., 2012). Despite significant progress in recent decades, the pathogenesis of glaucoma remains poorly understood, while therapeutic options are restricted to reducing intraocular pressure (IOP), the foremost treatable risk factor for the disease. In rodent (Howell et al., 2007; Crish et al., 2010; Salinas-Navarro et al., 2010; Chidlow et al., 2011b; Dengler-Crish et al., 2014), as well as primate (Anderson and Hendrickson, 1974; Quigley and Anderson, 1976; Minckler et al., 1977), models of glaucoma, failure of orthograde axonal transport has emerged as the earliest detectable pathological event. While the primary site of axonal injury in glaucoma has not been unequivocally identified, data from clinical, as well as animal, studies have highlighted the crucial role played by the optic nerve head (ONH)—the location where retinal ganglion cell (RGC) axons converge to form the optic nerve and traverse the lamina—in this process. In simple terms, two theories have been proposed to account for axonal injury at the ONH in glaucoma: “the mechanical” and “the vascular” theories (Fechtner and Weinreb, 1994).

The vascular hypothesis proposes that RGC axons passing through the ONH undergo chronic or intermittent hypoxia, ischemia, and/or hypoglycemia as a result of compromised local blood flow (Flammer et al., 2002). The unmyelinated axons of the ONH are thought to be highly vulnerable to a decreased oxygen/nutrient supply owing to their prodigious energy requirements, which are served by a high local density of mitochondria (Barron et al., 2004). Deficits in nutrients or oxygen will not only result in RGC axons becoming bioenergetically compromised (Inman and Harun-Or-Rashid, 2017), but, importantly, will also dramatically increase production of reactive oxygen species (ROS), leading to oxidative stress (Chrysostomou et al., 2013). The relationship between ischemia-reperfusion and oxidative stress is well-known (Chen et al., 2011). It seems paradoxical that low oxygen availability per se would also result in an increase in ROS; however, numerous studies have reported that hypoxia increases generation of ROS within complex III of mitochondria (see Guzy and Schumacker, 2006). The rationale for this phenomenon is that during hypoxia, mitochondrial electron transport slows, augmenting the reduction state of electron carriers. This accumulation of reducing equivalents favors superoxide production at low oxygen concentrations. Thus, reperfusion is not essential for oxidative stress. Oxidative stress itself represents the failure of endogenous antioxidant defenses, which comprise both enzymatic and non-enzymatic components, to efficiently detoxify oxidative free radical species. Cumulative oxidative stress causes damage to DNA, proteins and lipids.

There is a wealth of physiological data supporting blood flow incompetence at the ONH in glaucoma individuals (Satilmis et al., 2003; Schmidl et al., 2011; Yanagi et al., 2011); however, direct evidence for the presence of ischemia/hypoxia within the ONH is predictably sparse. Nevertheless, there is an increasing body of indirect evidence for the vascular hypothesis, which includes reports of increases in oxidative stress markers in the serum, aqueous humor, and retina of glaucoma patients (Farkas et al., 2004; Aslan et al., 2013; Benoist d'Azy et al., 2016). These studies suggest a general compromise of antioxidant defenses in glaucoma. Interestingly, oxidative stress-related events have also been documented in ONH astrocyte and lamina cribrosa cell cultures from glaucoma patients (Malone and Hernandez, 2007; McElnea et al., 2011). In rodent models of glaucoma, convincing evidence exists for enhanced ROS levels and increased oxidative stress within the retina (see for example Moreno et al., 2004; Ko et al., 2005; Inman et al., 2013); somewhat surprisingly, however, the ONH itself has received scant attention.

In the current study, we made use of an induced rat model of glaucoma that features reproducible and widespread axonal transport disruption at the ONH by 24 h after chronic elevation of IOP (Salinas-Navarro et al., 2010; Chidlow et al., 2011b). It has been postulated that the model precipitates a crush-like injury to ON axons (Vidal-Sanz et al., 2011); however, if vascular insufficiency at the ONH—caused by ocular hypertension (OHT)—plays a role in the observed axonal transport failure, there should be a physical signature at this time point. Using a range of immunohistochemical and molecular tools, we looked for cellular events indicative of vascular insufficiency, including the presence of hypoxia, upregulation of hypoxia-inducible or antioxidant-response genes, alterations to antioxidant enzymes, increased formation of superoxide, upregulation in ROS-generating NADPH oxidase, and the presence of oxidative stress.

MATERIALS AND METHODS

Animals and Procedures

This study was approved by the South Australia Pathology/Central Health Network Animal Ethics committee and conforms with the Australian Code of Practice for the Care and Use of Animals for Scientific Purposes, 2013. All procedures were performed under anesthesia (100 mg/kg ketamine and 10 mg/kg xylazine), and all efforts were made to minimize suffering. All experiments also conformed to the ARVO Statement for the Use of Animals in Ophthalmic and Vision Research. Adult Sprague-Dawley rats (220–300 g) were housed in a temperature- and humidity-controlled environment with a 12-h light, 12-h dark cycle, and were provided with food and water ad libitum.

Ocular hypertension was induced in the right eye of each animal by laser photocoagulation of the trabecular meshwork, as previously described (Ebneter et al., 2010). IOPs were measured in both eyes using a rebound tonometer, factory calibrated for use in rats. All animals demonstrated an adequate IOP elevation (minimum increase in IOP of 10 mmHg). One animal was excluded as a result of death under anesthesia and 1 due to hyphema. The number of rats analyzed for immunohistochemistry was as follows: 1 d time point, n = 28; 3 d time point, n = 16. Of the total number of rats analyzed at 1 d, n = 16 received an injection of pimonidazole for localization of regions of hypoxia (see below), while n = 4 received an injection of dihydroethidium for localization of superoxide radicals (see below). Of the total number of rats analyzed at 3 d, n = 4 received an injection of dihydroethidium for localization of superoxide. In addition to animals used for immunohistochemistry, a further 14 (1 d time point) and 12 (3 d time point) rats were analyzed by qPCR/Western blotting. In all cases throughout the manuscript, “n” number refers to the number of animals analyzed.

Tissue Processing and Immunohistochemistry

For tissue harvesting of ONH for protein and RNA extraction, all rats were humanely killed by transcardial perfusion with physiological saline under terminal anesthesia. Eyes were immediately enucleated and ONH samples were prepared using the following method: the anterior portion and vitreous body from each eye were removed. The remaining eye-cup was subsequently dissected into a flattened whole-mount in the shape of a “maltese-cross.” A biopsy punch of 2 mm in diameter (Stiefel Laboratories, Brentford, United Kingdom, cat # BIOPSY-5918) was then utilized to separate the ONH area from the remainder of the ocular tissue. The initial 1 mm length of optic nerve was also included within each sample, as was the very central central portion of the retina. ONH samples were placed in 400 μl of TRI-reagent and then sonicated. Subsequently, both total protein and total RNA were extracted.

For tissue harvesting for paraffin embedding, all rats were killed by transcardial perfusion with physiological saline under terminal anesthesia. Eyes were immediately enucleated and immersion fixed in 10% (w/v) neutral buffered formalin or, in some cases, in Davidson's fixative [22% formalin (37–40%) solution, 33% ethanol (95%), 11.5% glacial acetic acid] for 24 h, followed by routine processing for paraffin embedding. Eyes were marked in a specific and recorded location to ensure correct orientation during embedding and 4 μm serial sections were cut using a rotary microtome.

Colorimetric immunohistochemistry was performed as previously described (Chidlow et al., 2011a). Briefly, tissue sections were deparaffinized and endogenous peroxidase activity was blocked with H2O2. Antigen retrieval was performed by microwaving sections in 10 mM citrate buffer (pH 6.0) and non-specific labeling blocked with PBS containing 3% normal horse serum. Sections were incubated overnight at room temperature in primary antibody (see Table 1), followed by consecutive incubations with biotinylated secondary antibody (Vector, Burlingame, CA) and streptavidin-peroxidase conjugate (Pierce, Rockford, IL). Color development was achieved using NovaRed substrate kit (Vector, Burlingame, CA) for 3 min. Sections were counterstained with hematoxylin, dehydrated, cleared in histolene, and mounted. Confirmation of the specificity of antibody labeling was judged by the morphology and distribution of the labeled cells, by the absence of signal when the primary antibody was replaced by isotype/serum controls, by comparison with the expected staining pattern based on our own, and other, previously published results, and, in some instances, by the detection within retinal samples of a protein at the expected molecular weight by Western blotting.


Table 1. Primary Antibodies used in the study.
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For double labeling fluorescent immunohistochemistry, visualization of one antigen was achieved using a 3-step procedure (primary antibody, biotinylated secondary antibody, streptavidin-conjugated AlexaFluor 488 or 594), while the second antigen was labeled by a 2-step procedure (primary antibody, secondary antibody conjugated to AlexaFluor 488 or 594). Sections were prepared as above, then incubated overnight at room temperature in the appropriate combination of primary antibodies. On the following day, sections were incubated with the appropriate biotinylated secondary antibody for the 3-step procedure plus the correct secondary antibody conjugated to AlexaFluor 488 or 594 for the 2-step procedure, followed by streptavidin-conjugated AlexaFluor 488 or 594. Sections were then mounted using anti-fade mounting medium and examined under a confocal fluorescence microscope.

Evaluation of Immunohistochemistry

All assessments were performed in a randomized, blinded manner. The presence or absence of a hypoxic region within each pimonidazole-injected rat was compared to the IOP of that rat and also to the magnitude of axonal transport disruption at the ONH. Disrupted axonal transport was assessed semi-quantitatively by immunolabeling either for interleukin-6 (IL-6) or β-Amyloid precursor protein (APP) accumulation throughout the ONH using a 4-point grading system (undetectable, low, medium, high; see Figure 1) as previously described (Chidlow et al., 2011b, 2012). Our previous data have shown that IL-6 and APP can be used interchangeably; they provide identical patterns of immunolabeling within the ONH at 24 h after IOP elevation and identical responses to tissue injury.
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FIGURE 1. Inter-animal variability in axonal transport disruption at the optic nerve head (ONH) 24 h after induction of ocular hypertension. (A) Overview of the anatomy of the rat ONH, as labeled with the nuclear dye DAPI. The location at which RGC axons become myelinated is demarcated by myelin basic protein (green). (B) In normal rats, minimal interleukin-6 is associated with RGC axons. (C–H) At 24 h after induction of chronic ocular hypertension, accumulation of interleukin-6 is evident within axons in the prelaminar (arrowhead) and laminar (arrow) ONH. The abundance of axonal transport disruption varies markedly between animals, ranging from a few to numerous immunopositive fibers, which can be classified, using a simple scoring system, as low, medium, or high; two examples are shown for each category. ON, optic nerve; ret, retina. Scale bar: 100 μm.



For assessment of the amount of heme oxygenase-1 (HO-1), lactate dehydrogenase-A (LDH-A), p-cJun, cFos, transferrin receptor, and NADPH oxidase immunoreactivities in treated and control animals, photomicrographs (350 × 260 μm) of the ONH (centered at ~0.4 mm from the scleral margin), and of the proximal myelinated ON (centered at ~1.4 mm from the scleral margin) were captured from each animal. The area of axonal tissue available for analysis within each ONH typically did not encompass the entire area of the photomicrograph, hence the image was cropped. The corresponding image from the ON of that animal was cropped identically, which permits direct comparison of the % area stained in the ONH vs. the ON. For HO-1, LDH-A, transferrin receptor, and NADPH oxidase, images underwent color deconvolution to eliminate haematoxylin staining. After manual thresholding, the area of positive immunolabeling was measured. Evaluations were performed using the ImageJ 1.42q software package platform (http://rsb.info.nih.gov/ij/) and data are presented as % area of immunolabeling ± SEM. For p-cJun and cFos, the number of cells with unambiguous positive nuclear staining were counted in each photomicrograph. The threshold for identification of positive labeling was performed manually and took into account comparison with template photomicrographs and inter-animal variability in background labeling. Data are presented as number of positive cells ± SEM. In addition, for HO-1, two photomicrographs (350 × 260 μm) of the central retina, taken at ~500 μm from the ONH, were also captured and analyzed for % area of immunolabeling, as outlined above. Statistical analysis (control group vs. OHT group) was carried out by Student's unpaired t-test where parametric assumptions were met or Mann–Whitney Rank Sum Test where they were not.

Localization of Hypoxia

To detect cellular hypoxia, 60 mg/kg bodyweight pimonidazole hydrochloride (HypoxyprobeTM-1 kit, Hypoxyprobe Inc, Burlington, Massachusetts) diluted in sterile PBS was administered by intraperitoneal injection 3 h prior to killing, as previously described (Gardiner et al., 2005; Mowat et al., 2010). Pimonidazole forms covalent adducts in cells that have an partial pressure of oxygen which is <10 mmHg (Arteel et al., 1995). The subsequent staining of tissue sections with an anti-pimonidazole antibody reveals the presence of hypoxic cells (Holcombe et al., 2008). Rats were killed by transcardial perfusion with physiological saline, following which they were immersion fixed in 10% neutral buffered formalin and processed for paraffin embedding and immunohistochemistry, as described above. In pimonidazole-injected animals, tissue sections from three levels of the ONH were typically evaluated for hypoxia.

Localization of Intracellular Superoxide

The spatial production of superoxide was investigated by in situ detection of the oxidation product of dihydroethidium (DHE, Molecular Probes, USA). DHE, which is cell permeant, is converted intracellularly to an ethidium derivative, in the presence of superoxide (but not by hydrogen peroxide, hydroxyl radical or peroxynitrite). This ethidium derivative exhibits peak fluorescence in the red spectrum and binds to DNA (Zanetti et al., 2005). Five microliters of DHE solution (stock solution of 5 mM in dimethyl sufoxide, diluted to 200 μM in PBS) was administrated by intravitreal injection to both eyes 3 h prior to humane killing. Assuming a volume of vitreous humor of 100 μl, this equated to a final DHE concentration of ~10 μM. Rats were killed by transcardial perfusion with physiological saline followed by 10% (w/v) neutral buffered formalin. After post-fixation overnight, also in 10% (w/v) neutral buffered formalin, 10 μm sagital sections were prepared on a cryostat, rinsed with PBS and then mounted in fluorescence-preserving mounting medium. Slides were photographed using a confocal fluorescence microscope with an excitation of 510–550 nm and an emission of >580 nm.

Real-Time RT-PCR

Real time PCR (qPCR) studies were carried out essentially as described previously (Chidlow et al., 2008). In brief, tissues were dissected, total RNA was isolated and first strand cDNA was synthesized from DNase-treated RNA samples. Real-time PCR reactions were carried out in 96-well optical reaction plates using the cDNA equivalent of 10 ng total RNA for each sample in a total volume of 20 μl containing 1 × SYBR Green or 1 × SSO Advanced PCR master mix (BioRad, Gladesville, Australia), forward and reverse primers. Thermal cycling conditions were 95°C for 3 min followed by 40 cycles of amplification comprising 95°C for 12 s, appropriate annealing temperature for 30 s and 72°C for 30 s. Primer pairs (Table 2) were designed from sequences contained in the Genbank database using the primer design software Primer 3 (http://bioinfo.ut.ee/primer3-0.4.0/primer3/) and were selected wherever possible to amplify sequences that spanned at least one intron. Primer sequences were analyzed for Tm (melting temperature), secondary structure and primer-dimer formation with NetPrimer analysis software (http://www.premierbiosoft.com/netprimer). PCR assays were performed using the CFX cycler (Bio-Rad) and all samples were run in duplicate. All mRNAs amplified with high efficiency and linearity during real-time PCR. Mean amplification efficiencies, as determined by plotting cycle threshold as a function of initial cDNA quantity, were in the range of 1.90–2.00. Results obtained from the qPCR experiments were, therefore, quantified using the comparative threshold cycle (CT) method (ΔΔCT) for relative quantitation of gene expression, with a minor correction for amplification efficiency (Pfaffl, 2001). The ONH tissue extracts prepared via biopsy punch contain relatively low, but variable, amounts of central retina. Consequently, investigation into whether certain mRNAs, for example LDH-A, are upregulated in ONH astrocytes following induction of ocular hypertension, is complicated by the fact that LDH-A, for example, is abundantly expressed in healthy photoreceptors and bipolar cells. To eliminate the influence of endogenous expression of mRNAs within the retina, all pPCR values were normalized to rhodopsin (which acts as a control for retinal content) and then expressed relative to controls. Statistical analysis was carried out by Student's unpaired t-test. The null hypothesis tested was that normalized CT differences of target genes would be the same in control and treated ONH samples.


Table 2. Primer sequences for mRNAs amplified by real-time RT-PCR.
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Western Immunoblotting

Electrophoresis/Western blotting was performed as previously described (Chidlow et al., 2010). In brief, ONH protein samples were prepared from TRI-reagent extracts as per the manufacturer's protocol. Extracted proteins were solubilized in homogenization buffer containing 1% SDS, diluted with an equal volume of sample buffer, and boiled for 3 min. Electrophoresis was performed using non-denaturing 10% polyacrylamide gels. After separation, proteins were transferred to polyvinylidine fluoride membranes for immunoprobing. Blocking of membranes was carried out in a solution of tris-buffered saline containing 0.1% (v/v) Tween-20 and 5% (w/v) non-fat dried skimmed milk. Membranes were then incubated consecutively with the appropriate primary antibody (Table 1), biotinylated secondary antibody and streptavidin-peroxidase conjugate; inter-step washes were carried out in tris-buffered saline (pH 7.4) containing 0.1% (v/v) Tween-20. Color development was achieved using 3-amino-9-ethylcarbazole. Images were captured and analyzed for densitometry using the program, Adobe PhotoShop CS2. Densitometry values were normalized for actin. Statistical analysis was carried out by Student's unpaired t-test (control group vs. OHT group). The null hypothesis tested was that densitometry measurements for target proteins (normalized for actin) would be the same in control and OHT samples.

RESULTS

Ocular Hypertension Causes a Variable Degree of Axonal Transport Disruption at the Optic Nerve Head

Previous studies, including our own, have shown that laser photocoagulation of the limbal tissues leads to a substantial and immediate elevation of IOP in the treated eye with the peak value occurring within the first 24 h (see Vidal-Sanz et al., 2011). Of the 16 rats injected with pimonidazole and detailed in Table 3, the mean baseline IOP was 12.1 ± 2.9 mm Hg (mean ± SD) and the mean IOP at time of death (24 h post-laser) was 36.7 ± 6.0 mm Hg. A similar magnitude of OHT was attained with all of the other rats analyzed in this study (data not shown).


Table 3. Characteristics of pimonidazole-injected rats.
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Following 24 h of OHT, a proportion of RGC fibers passing through the ONH feature disrupted orthograde axonal transport. This can be visualized using the neural tracer cholera toxin B subunit, or by immunolabeling with antibodies directed against amyloid precursor protein (APP), or interleukin-6 (Chidlow et al., 2011b, 2012). In the current study, we used both APP and interleukin-6 to visualize compromised axons. There can be marked inter-animal variability in the extent of axonal transport disruption after induction of OHT. Using a semi-quantitative scoring system, ONH sections can be categorized as low, medium or high (see Figure 1 for representative images). In general, rats with higher IOPs display greater axonal transport injury (Chidlow et al., 2011b). Categorization of the rats detailed in Table 3 highlights this correlation: mean IOP for animals having their level of damage categorized as low = 31.7 ± 5.9 mm Hg; medium = 35.8 ± 5.5 mm Hg; high = 41.2 ± 4.1 mm Hg. Nevertheless, on an individual basis, IOP (as determined by rebound tonometry) is not a reliable predictor of pathology. Moreover, due to the sectorial nature of RGC injury in glaucoma, variability in the amount of axonal transport disruption is even evident when comparing different levels within the same ONH. It is important to consider these issues when assessing whether OHT is associated with hypoxia.

Ocular Hypertension Leads to Selective Hypoxia at the Optic Nerve Head

To detect any cellular hypoxia, pimonidazole was infused systemically 3 h prior to rats being humanely killed. As detailed in the Materials and Methods Section, pimonidazole forms stable covalent adducts with cells that have an oxygen partial pressure of <10 mmHg (Arteel et al., 1995), which can then be localized immunohistochemically in tissue sections. No pimonidazole labeling was evident in the optic nerve, ONH or retina of any of the untreated eyes (data not shown). Of the 16 OHT eyes, positive staining was detected within the ONH of 11 of them (Table 3). The 11 eyes positive for pimonidazole had a mean IOP of 38.3 ± 5.7 mm Hg, while the 5 negative eyes had a mean IOP of 33.2 ± 5.6 mm Hg, a difference that did not reach statistical significance (P = 0.11 by Student's unpaired t-test). Subdivision of the eyes by axonal transport disruption category revealed the following: 0/3 graded low for axonal transport disruption were positive for pimonidazole; 6/8 graded medium were positive; 5/5 graded high were positive (Table 3). A number of points are worth making regarding pimonidazole staining in OHT eyes: (1) no two animals were alike as regards the area or position of hypoxia; (2) pimonidazole always labeled in areas of the ONH featuring injured axons; (3) the greater the abundance of axonal transport disruption, the greater the likelihood of a large hypoxic region; (4) pimonidazole staining was observed in glial cells as well as axons; (5) hypoxic regions were sometimes very focal and not evident in sections taken deeper within the same ONH; (6) disrupted axonal transport was frequently encountered without any pimonidazole labeling; (7) no pimonidazole staining was observed in the prelaminar ONH, even in animals with prominent axonal transport disruption at this location; (8) no pimonidazole staining was observed in the portion of the optic nerve distal to the ONH. Representative images of pimonidazole staining in OHT eyes are provided in Figures 2–4. The images shown illustrate the points made above. Overall, the experiments with pimonidazole show that oxygen availability to regions within the ONH is reduced to hypoxic levels in some OHT eyes. It is highly likely that oxygen availability is reduced to some degree throughout the ONH, just not to the extent needed to produce covalent adducts of pimonidazole.
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FIGURE 2. Localization of hypoxia within the optic nerve head (ONH) at 24 h following induction of ocular hypertension. (A–H) Double labeling immunofluorescence of interleukin-6 (red), to demarcate those axons with disrupted axonal transport, with pimonidazole (green), to highlight hypoxic regions (arrows), in four representative animals. (A–D) are low magnification images, while (E–H) show the same sections at higher magnification. In the examples presented, the rats with high axonal transport disruption feature larger hypoxic regions than the rats with medium axonal transport disruption. The position of the hypoxic region can be seen to vary markedly between animals. ON, optic nerve; ret, retina. Scale bars: (A–D) = 100 μm; (E–H) = 50 μm.



With regard to the retina, pimonidazole stained occassional RGCs in OHT eyes, typically in specimens categorized as high for axonal transport disruption. No unambiguous positive staining was observed in other classes of cells within the retina (Figure 3).
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FIGURE 3. Localization of hypoxia within the optic nerve head (ONH) and retina at 24 h following induction of ocular hypertension. (A–D) Hypoxic regions can be very focal, as shown by two images of pimonidazole (pimon) staining in the same rat ONH (B,D), each with an accompanying image of interleukin-6 (IL-6) to demarcate the number of axons with disrupted axonal transport (A,C): hypoxia is not detectable in (B, yellow arrow), but a small hypoxic region is apparent in (D; yellow arrow). It is notable that positive staining for pimonidazole is only observed in the portion of the ONH that displays greater axonal transport disruption (C vs. A). (E–H) Pimonidazole staining is not evident in the prelaminar ONH (F,H, white and black arrowheads), even in animals with prominent axonal transport disruption at this location (E,G) and featuring hypoxic regions within the laminar ONH (F,H, white and black arrows). (I–L) In the retina, very few cells stain positively for pimonidazole. In animals with high axonal transport disruption, occassional cells in the GCL are observed (white and yellow arrows). GCL, ganglion cell layer; INL, inner nuclear layer; ONL, outer nuclear layer. Scale bars: (A–D) = 100 μm; (E–H) = 50 μm; (I–L) = 25 μm.



Ocular Hypertension Induces Heme Oxygenase-1 Expression in Optic Nerve Head Astrocytes

Low tissue oxygen availability can lead to a multitude of gene transcription changes mediated primarily via stabilization of two key transcription factors: hypoxia-inducible factor-1a (HIF-1) and nuclear factor erythroid 2-related factor 2 (Nrf2). HIF-1α and Nrf2, respectively, bind to and activate genes that possess the hypoxia response element and the antioxidant response element. HRE target genes are classically involved in oxygen homeostasis and anaerobic energy metabolism (Guillemin and Krasnow, 1997), while ARE target genes are characteristically antioxidant and detoxification enzymes (Wasserman and Fahl, 1997). Heme oxygenase-1 (HO-1) is a gene target of both Nrf2 and HIF-1. If low oxygen availability and increased production of ROS are involved in axonal transport disruption following induction of OHT, then HO-1 would be expected to be induced by neighboring glial cells, as occurs in the brain (Schipper et al., 2009).

Initially, we investigated HO-1 protein expression in dissected ONH samples (see Section Materials and Methods) from rats subjected to 1 and 3 d of OHT. The data showed a robust, statistically significant (P < 0.001) upregulation of HO-1 in treated ONH extracts at both time points (Figure 4). Next, we performed immunolabeling of HO-1 in tissue sections. No consistent patterns of HO-1 immunolabeling were evident in the optic nerve, ONH or retina of any of the contralateral, untreated eyes (data not shown). After 1 d of OHT, HO-1 immunolabeling was upregulated within ONH astrocytes (Figure 5, Supplementary Figure 1, Table 3). All rats analyzed, including the 16 pimonidazole-injected rats, displayed positive staining by ONH astrocytes (Figure 5). In the pimonidazole-injected rats, HO-1 was upregulated in the hypoxic region and immediate penumbra (Figures 5A–C). HO-1 expression was also observed in ONH sections of pimonidazole rats that did not feature an overt hypoxic region, including ONHs categorized as low for axonal transport disruption (Figures 5D–G). The extent of HO-1 expression closely matched the abundance of axonal transport disruption (Figures 5H–K). At 1 d after induction of OHT, HO-1 was largely restricted to the ONH. Quantification of the area of HO-1 labeling in images taken from the central retina, ONH and myelinated optic nerve revealed a dramatic increase within the ONH, but only subtle changes in the retina and optic nerve (Figure 5O). In the retina, HO-1 was most commonly associated with astrocytes/Müller cell end feet in the prelaminar ONH. Occasional astrocytes, Müller cells, and microglia were HO-1-positive within the body of the retina (Figures 5L–N). After 3 d of OHT, the distribution of HO-1 immunolabeling was more widespread, encompassing retinal and ONH microglia, as well as astrocytes, patches of Müller cells and occassional RGCs (Supplementary Figure 1).
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FIGURE 4. Evaluation of heme oxygenase-1 (HO-1) expression in optic nerve head (ONH) extracts at 1 and 3 d after induction of ocular hypertension, as determined by Western immunoblotting. (A) Representative immunoblots from four animals at each time point are shown (C, control ONH; T, treated ONH). Single bands of the expected molecular weight are apparent. β-actin immunoblots for the same samples are also shown, as gel-loading controls. (B) Quantification of HO-1 protein data. Values (represented as mean ± SEM, where n = 12–14) are normalized for actin and expressed relative to controls. ***P < 0.001, by Student's unpaired t-test.
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FIGURE 5. Localization of heme oxygenase-1 (HO-1) immunolabeling within the optic nerve head (ONH) and retina at 24 h following induction of ocular hypertension. (A–C) Images of axonal transport disruption as delineated by interleukin-6 (IL-6), pimonidazole (pimon) staining to demarcate any hypoxia, and HO-1, all within the same plane of the ONH of rat 3. It can be seen that the distribution of HO-1 overlaps closely with those of axonal injury and hypoxia, but is somewhat more extensive than the latter (arrows). (D–G) Of note, HO-1 is upregulated by ONH glial cells in ocular hypertensive rats that do not feature an overt hypoxic region. (H–K) HO-1 is upregulated more robustly in rats that feature abundant axonal transport disruption. The distribution of HO-1 immunolabeling closely parallels that of IL-6 (see J,K: black arrows, low IL-6/HO-1 expression; yellow arrows, high IL-6/HO-1 expression). (L–N) In the retina, HO-1 immunolabeling is sparse at 24 h. Macroglial cells in the prelaminar ONH are often HO-1-positive (L). HO-1-labeled microglia located within the nerve fiber layer can sometimes also be observed (M). In the mid-central retina, Müller cell processes (black arrow) and microglia present within the inner plexiform layer (yellow arrow) occassionally express HO-1 (N). GCL, ganglion cell layer; INL, inner nuclear layer. Scale bars: (A–C) = 100 μm; (D–K) = 50 μm; (H–J) = 25 μm. (O) Quantification of HO-1 immunolabeling in the retina, optic nerve head (ONH) and myelinated optic nerve (ON). Values represent mean ± SEM, where n = 24. ***P < 0.001, by Student's unpaired t-test.



Ocular Hypertension Upregulates Lactate Dehydrogenase-A Expression in the Optic Nerve Head

Under conditions of reduced oxygen availability, metabolism of glucose to lactate via anaerobic glycolysis becomes the principal route by which cells generate ATP. Glycolytic genes have been repeatedly identified as inducible by hypoxia (Hu et al., 2003). To explore whether there is an alteration in glycolytic machinery within the ONH at 1 d after induction of OHT, we investigated expression of lactate dehydrogenase-A (LDH-A). qPCR analysis of dissected ONH samples revealed a statistically significant two-fold upregulation of LDH-A mRNA in the treated eye compared to the contralateral eye (P < 0.05; Figure 6A). Immunolabeling for LDH-A in control eyes revealed abundant expression within photoreceptors and bipolar cells in the retina, and weak labeling of axons and glial cells in the optic nerve (Figures 6C–E), in agreement with previous work (Casson et al., 2016). Following induction of elevated IOP, stronger expression of LDH-A was observed within the ONH, but never more distally in the optic nerve (Figures 6F–H). The upregulated expression within the ONH encompassed glial cells and possibly axons. Quantification of the area of LDH-A labeling in images taken from the ONH and myelinated optic nerve confirmed the observed increase within the ONH (P < 0.01), but not the optic nerve (Figure 6B).


[image: image]

FIGURE 6. Evaluation of lactate dehydrogenase-A (LDH-A) expression in the optic nerve head (ONH) at 1 d after induction of ocular hypertension. (A) Level of LDH-A mRNA in ONH samples from OHT eyes, as measured by qPCR. Data are normalized for rhodopsin and expressed relative to controls. Values represent mean ± SEM, where n = 14. *P < 0.05, by Student's unpaired t-test. (B) Quantification of LDH-A immunolabeling in the ONH and myelinated optic nerve (ON). Values represent mean ± SEM, where n = 14. **P < 0.01, by Student's unpaired t-test. (C–H) Representative images of LDH-A immunolabeling within the ONH and proximal portion of the myelinated optic nerve (ON) of a control eye and an eye analyzed at 24 h after induction of ocular hypertension. (C,F) are low magnification images, while (D,E,G,H) show the same sections at higher magnification. In control rats, LDH-A is weakly expressed throughout retinal ganglion cell axons and by glial cells of the ONH. In treated animals, LDH-A expression is markedly upregulated within the ONH, but not ON. Scale bar: (C,F) = 100 μm; (D,E,G,H) = 50 μm.



Ocular Hypertension Selectively Affects Iron-Regulating Proteins in the Optic Nerve Head

Iron is crucial to the transport of molecular oxygen to tissues and its depletion has the capacity to invoke or worsen hypoxia (Chepelev and Willmore, 2011). A number of iron homeostasis genes, including transferrin, transferrin receptor, ceruloplasmin, and HO-1, are transcriptionally upregulated by hypoxia in a HIF-dependent manner (Chepelev and Willmore, 2011), while ceruloplasmin has additionally been credited with possessing antioxidant properties. To explore whether there is an alteration in iron-regulating proteins within the ONH during OHT, we investigated expression of transferrin receptor and ceruloplasmin. qPCR analysis of dissected ONH samples revealed no alteration in transferrin receptor mRNA in the treated eye compared to the contralateral eye (P = 0.74; Figure 7C). Immunolabeling for transferrin receptor in controls showed punctate labeling of glial cells in the ONH and optic nerve (Figure 7A). In agreement with earlier work (Moos, 1996), capillary endothelial cells and columns of oligodendrocytes were clearly positive for transferrin receptor (Supplementary Figure 2). Following induction of elevated IOP, no discernible alteration to the distribution of transferrin receptor was evident (Figure 7B). Quantification of the area of immunolabeling in images taken from the ONH confirmed this observation (P = 0.22; Figure 7C).
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FIGURE 7. Evaluation of iron-regulating proteins transferrin receptor and ceruloplasmin in the optic nerve head (ONH) at 1 and 3 d after induction of ocular hypertension (A,B) Representative images of transferrin receptor (TR) immunolabeling within the ONH of a control eye and an eye analyzed at 24 h after induction of ocular hypertension. Scale bar: 50 μm. (C) Quantification of transferrin receptor mRNA expression in ONH extracts, as measured by qPCR, and transferrin receptor protein expression in tissue sections of the ONH. All values represent mean ± SEM, where n = 14. pPCR data are normalized for rhodopsin and expressed relative to controls. (D) Representative immunoblots from three animals at each time point are shown (C, control ONH; T, treated ONH). Single bands of the expected molecular weight are apparent. β-actin immunoblots for the same samples are also shown, as gel-loading controls. (E) Quantification of ceruloplasmin protein data. Values (represented as mean ± SEM, where n = 12–14) are normalized for actin and expressed relative to controls. **P < 0.01, by Student's unpaired t-test.



In contrast to transferrin receptor, ceruloplasmin protein levels in dissected ONH samples from rats subjected to both 1 or 3 d of OHT were found to be significantly higher than in controls (P < 0.01 for both) when analyzed by Western blotting (Figures 7D,E). Ceruloplasmin displays a pattern of immunolabeling within the control (Supplementary Figure 2) and treated (data not shown) ONH that is characteristic of astrocytes, suggesting that the increase in protein expression following ocular hypertension derives from upregulation by this cell type.

Ocular Hypertension Induces AP-1 Expression in the Optic Nerve Head

Activating protein-1 (AP-1), a pleiotropic transcription factor and member of the leucine zipper family, is a dimer composed of JUN/FOS or JUN/JUN subunits. AP-1 activation by transient and prolonged hypoxia is a well-described phenomenon (Cummins and Taylor, 2005). To explore whether AP-1 activation at the ONH corresponds temporally with axonal transport disruption, we quantified the number of nuclei expressing cFos and the active, phosphorylated form of cJun (p-cJun) at 1 d after induction of OHT in images taken from the ONH and myelinated optic nerve. In control eyes, very few cells in either the ONH or proximal optic nerve displayed nuclear expression of cFos or p-cJun (Figures 8B,C,J,K). In treated eyes, however, there was a striking increase in expression of both cFos (P < 0.001) and p-cJun (P < 0.001) at the ONH (Figures 8E,F,J,K). The inductions of cFos (P = 0.11) and p-cJun (P = 0.10) did not extend spatially into the optic nerve (Figures 8H–K). The spatial extent of cFos and p-cJun upregulations were comparable to that of HO-1 (Figures 8A,D,G). Moreover, double labeling with the glial marker S100 revealed that expression of both cFos and p-cJun was restricted to astrocytes (Supplementary Figure 3).


[image: image]

FIGURE 8. Evaluation of cFos and p-cJun expression in the optic nerve head (ONH) at 1 d after induction of ocular hypertension (OHT). (A–C) Representative images of heme oxygenase-1 (HO-1), cFos, and p-cJun immunolabeling within a control ONH. (D–I) Representative images of HO-1, cFos, and p-cJun immunolabeling within the ONH and proximal portion of the optic nerve (ON) of a rat analyzed at 24 h after induction of ocular hypertension. In the control ONH, few cell nuclei label positively for cFos or p-cJun. In contrast, at 24 h after induction of OHT, numerous nuclei within the ONH, but not the ON, are cFos- and p-cJun-positive. Heme oxygenase-1 (HO-1) immunolabeling from the same rat is shown for comparative purposes. Scale bar: 50 μm. (J,K) Quantification of cFos and p-cJun immunolabeling in the ONH and ON. Values represent mean ± SEM, where n = 24. ***P < 0.001, by Student's unpaired t-test.



Ocular Hypertension Induces Only Modest Alterations to Nrf2 and Nrf2-Driven Antioxidant Enzymes in the Optic Nerve Head

Oxidative stress, brought about by excessive production of ROS, is implicated in the pathogenesis of RGC loss during glaucoma (Tezel, 2006). Upon redox perturbation, the transcription factor Nrf2 controls the inducible expression of a multitude of genes involved in protection against oxidative stress (Tebay et al., 2015). We investigated expression of Nrf2 itself and some Nrf2-responsive genes at the ONH during OHT. qPCR data of dissected ONH samples revealed an increase in Nrf2 mRNA in the treated vs. the contralateral eye of approximately two-fold (P < 0.01) after 1 d of OHT (Figure 9A); however, by 3 d Nrf2 mRNA was no longer significantly elevated (P = 0.28). Examination of the levels of two key Nrf2 target genes, NQO1 and GCLM, failed to show any robust increases in expression at either time point (Figures 9B,C), although the former transcript almost reached significance at the 1 d time point (P = 0.06).
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FIGURE 9. Evaluation of antioxidant defenses in the optic nerve head (ONH) after induction of ocular hypertension (OHT). (A–C) Quantification of mRNAs encoding the antioxidant response element genes Nrf2, GCLM, and NQO1 in ONH extracts, as measured by qPCR. Data are normalized for rhodopsin and expressed relative to controls. Values represent mean ± SEM, where n = 12–14. **P < 0.01, by Student's unpaired t-test. (D–G) Expression of the antioxidant enzymes SOD-1, SOD-2, and Prdx6 in optic nerve head (ONH) extracts at 1 and 3 d after induction of ocular hypertension, as determined by Western immunoblotting. Representative immunoblots from three animals at each time point are shown (C, control ONH; T, treated ONH). Single bands of the expected molecular weight are apparent. β-actin immunoblots for the same samples are also shown, as gel-loading controls. Values (represented as mean ± SEM, where n = 12–14) are normalized for actin and expressed relative to controls. ***P < 0.001, by Student's unpaired t-test. (H) Quantification of Prdx6 mRNA expression in ONH extracts, as measured by qPCR. All values represent mean ± SEM, where n = 14. Data are normalized for rhodopsin and expressed relative to controls. (I,J) Representative images of Prdx6 immunolabeling in ONH tissue sections from control and OHT eyes. Prdx6 is associated with astrocytes, but appears unchanged following OHT. (K–M) Representative images of SOD-2 immunolabeling in ONH tissue sections from control and eyes subjected to 3 d of OHT. In controls optic nerves, SOD-2 expression is conspicuous within axon bundles. Following 3 d of OHT, injured axon bundles display robust, punctate SOD-2 immunolabeling (arrows). Scale bar: (I,J) = 100 μm; (K–M) = 50 μm.



Western blotting data (Figures 9D–G) of dissected ONH samples probed with antibodies directed against the cytoplasmic (SOD-1) and mitochondrial (SOD-2) isoforms of superoxide dismutase and the peroxide scavenging enzyme peroxiredoxin-6 (Prdx6) revealed no alterations in any of the three enzymes after 1 d of OHT (P = 0.50, P = 0.51, P = 0.80, respectively). By 3 d of OHT, SOD-1, and Prdx6 remained unchanged relative to normotensive eyes (P = 0.24, P = 0.30, respectively). Interestingly, SOD-2 was consistently elevated at this later time point (P < 0.001). We augmented these Western blotting results by performing qPCR on ONH extracts and immunolabeling for Prdx6 and SOD-2 in ONH tissue sections. The rationale for these experiments was simply that Prdx6 is the peroxiredoxin isoform expressed exclusively by astrocytes within the ONH (Chidlow et al., 2016) and hence is of obvious interest, whilst SOD-2 displayed an upregulated profile at the 3 d time point and the cellular origin of this increase is of relevance. As regards Prdx6, neither qPCR nor immunohistochemistry suggested an upregulation of this enzyme during the early stages of OHT (Figures 9H–J). In contrast, SOD-2 is present in all cells, but within the ONH is predominantly visible, as expected, within the unmyelinated axons (Figure 9K). After 3 d of OHT, more intense, punctate SOD-2 labeling of axons was evident in zones of axonal injury (Figures 9L,M); thus, it appears plausible that axons rather than astrocytes represent the source of the additional SOD-2 that was detected by Western blotting.

Ocular Hypertension Increases Generation of Superoxide in the Retina and Optic Nerve Head

Superoxide represents the primary ROS generated during oxidative stress. Analysis of superoxide formation, accordingly, represents a useful tool for identifying the likely sites of any oxidative stress. Notwithstanding the mitochondrial respiratory chain, the major cellular source of superoxide in disease scenario is thought to be the dedicated superoxide-generating enzyme NADPH oxidase (NOX), in particular the NOX-2 isoform (Bedard and Krause, 2007). To shed light on superoxide production during OHT, we performed in situ detection of the oxidation product of dihydroethidium, and investigated the levels and activity of NOX-2 by qPCR, Western blotting, and immunohistochemistry.

In control eyes, superoxide formation, as determined by oxidation of dihydroethidium, was barely detectable (Figures 10A,D). After 1 d of OHT, RGCs throughout the retina and glial cells at the prelaminar ONH were prominently stained, whilst some Müller cells and axonal bundles in the central nerve fiber layer displayed fainter staining (Figures 10B,E). After 3 d of OHT, a similar pattern of staining was observed, although by this later time point both Müller cell and axonal staining were stronger (Figures 10C,F). Confirmation that superoxide staining within the retinal inner nuclear layer principally reflected Müller cells was achieved by double labeling with CRALBP (Figures 10G–I). All four animals at each time point displayed analogous patterns of fluorescence. The protocol used for determination of superoxide detection entailed intravitreal injection of dihydroethidium. As such, penetration of the compound to the optic nerve was likely highly inadequate and the laminar region of the ONH stained only faintly. For this reason, and also owing to the low “n” numbers, quantification was not carried out.


[image: image]

FIGURE 10. Increased superoxide production in the retina and prelaminar optic nerve head (ONH) after induction of ocular hypertension (OHT). (A–F) Representative images of sections of the prelaminar ONH and retina incubated with dihydroethidium (DHE, red) from a control eye, and from eyes subjected to ocular hypertension for 1 and 3 days. Sections are counterstained with the nuclear dye DAPI. Negligible fluorescence is evident in sections from the control. In contrast, after 1 day of OHT, cells residing within the retinal ganglion cell layer (GCL, arrow), some cells within the inner nuclear layer (INL), and glial cells at the ONH display DHE fluorescence. After 3d of OHT, DHE staining is more prominent, notably by cells in the INL (arrowhead) and at the ONH. ONL, outer nuclear layer. (G–I) Double labeling immunofluorescence of DHE (red) with the Müller cell marker CRALBP (green) at 3 days after induction of OHT. Scale bar: 50 μm.



qPCR data of dissected ONH samples revealed increases in NOX-2 mRNA in the treated vs. the untreated, contralateral eye of ~1.5-fold at 1 d, and three-fold at 3 d, after induction of OHT (Figure 11A). This difference only reached statistical significance (P = 0.13 at 1 d; P < 0.05 at 3 d) at the latter time point. Western blotting analysis of the regulatory subunit of NOX-2, p67phox, revealed a similar trend: the protein was barely detectable in control ONH extracts, was unchanged at 1 d after induction of OHT, but was significantly elevated after 3 d of OHT (P < 0.01; Figures 11B,C). To provide a more informative spatial perspective, as well as insight into activity, we immunolabeled tissue sections with an antibody directed against the catalytic subunit of NOX-2, gp91phox. In control eyes, occasional gp91phox-positive cells were detected (data not shown). After 1 d of OHT, some ONH sections displayed numerous gp91phox-positive cells, others featured occasional faintly-labeled cells, while other ONHs had no discernible gp91phox immunolabeling (Figures 11E,G). Surprisingly, the expression of gp91phox did not reflect the abundance of axonal transport disruption (Figures 11D,F). Double labeling with the macrophage/microglial-specific marker iba1 indicated that expression of gp91phox was restricted to this cell type (data not shown). By 3 d of OHT, gp91phox-positive microglia were observed in all ONH sections and also within the inner retina (Figures 11H–K, Supplementary Figure 4), whilst gp91phox-positive macrophages were prominent at the site of laser trabeculoplasty, signifying inflammation at this location (Supplementary Figure 4). Quantification of the area of gp91phox immunolabeling in images taken from the ONH (Figure 11L) revealed a significant increase within this region at 3 d (P < 0.01), but not 1 d (P = 0.08).
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FIGURE 11. Evaluation of NADPH oxidase-2 (NOX-2) and 8-hydroxy-2′-deoxyguanosine in the optic nerve head (ONH) after induction of ocular hypertension (OHT). (A) Quantification of NOX-2 mRNA in ONH extracts, as measured by qPCR. Data are normalized for rhodopsin and expressed relative to controls. Values represent mean ± SEM, where n = 12–14. *P < 0.05, by Student's unpaired t-test. (B,C) Expression of the regulatory subunit for NOX-2, p67phox, in optic nerve head (ONH) extracts at 1 and 3 d after induction of ocular hypertension, as determined by Western immunoblotting. Representative immunoblots from three animals at each time point are shown (C, control ONH; T, treated ONH). Single bands of the expected molecular weight are apparent. β-actin immunoblots for the same samples are also shown, as gel-loading controls. Values (represented as mean ± SEM, where n = 12–14) are normalized for actin and expressed relative to controls. **P < 0.01, by Student's unpaired t-test. (D–K) Representative images of gp91phox (the catalytic subunit of NOX-2) immunolabeling in tissue sections from control and OHT eyes. (D–G) After 24 h of OHT, gp91phox-positive cells (G, arrows) are evident in ONHs from some OHT rats, but not in others (F). The presence of gp91phox expression appears not to be related to the exent of axonal transport disruption, shown alongside for comparative purposes (D,F). (H–K) After 3 d of OHT, all OHT eyes feature gp91phox-positive cells, throughout the prelaminar (H) and laminar ONH (I–K). Double labeling immunofluorescence of gp91phox (red) with iba1 (green) reveals an almost complete co-localization in microglia (I–K). (L) Quantification of gp91phox immunolabeling in the ONH. Values represent mean ± SEM, where n = 12–16. **P < 0.01, by Student's unpaired t-test. (M,N) Representative images of 8-hydroxy-2′-deoxyguanosine (8-hydroxy-2′-dG) immunolabeling in the retina following injection of the excitotoxic glutamatergic agonist, N-methyl-D-aspartate, and in the ONH (also shown in G) after 24 h of OHT. 8-Hydroxy-2′-dG-positive cells are numerous in the positive control specimen, but not within the ONH of OHT rats. Scale bar: (D–G,N) = 50 μm; (H–K,M) = 25 μm.



Ocular Hypertension Does Not Appear to be Associated with Oxidative DNA Damage in the Optic Nerve Head

Oxidative stress leads to DNA, protein and lipid damage. The guanine base in DNA or RNA is oxidized by ROS and changes to 8-hydroxy-2′-deoxyguanosine, which can be monitored immunohistochemically. 8-Hydroxy-2′-deoxyguanosine, thus, serves as a useful measure of oxidative stress. We analyzed ONH tissue sections from 1 and 3 d OHT eyes, but at neither of the time points did we detect any positive labeling for -hydroxy-2′-deoxyguanosine, even in ONH sections with numerous gp91phox-positive cells and axonal injury (Figure 11N). The validity of the assay was proven by positive staining in eyes injected with the excitotoxic glutamatergic agonist, N-methyl-D-aspartate (Figure 11M).

DISCUSSION

Failure of orthograde axonal transport at the ONH has been hitherto identified as the earliest pathological event following chronic elevation of IOP. Analogous results have been found in primates (Anderson and Hendrickson, 1974; Quigley and Anderson, 1976, 1977; Minckler et al., 1977) and pigs (Balaratnasingam et al., 2007), which possess a collagenous lamina cribrosa, as well as rodents (Howell et al., 2007; Salinas-Navarro et al., 2010; Chidlow et al., 2011b), which feature an astrocyte-rich glial lamina (Sun et al., 2009). The underlying cause of axonal injury at the ONH in response to OHT is unknown, but conceivably involves bioenergetic deficiency resulting from a decreased oxygen/nutrient supply (Inman and Harun-Or-Rashid, 2017). In the current study, we have employed a rat model of OHT that features reproducible and widespread axonal transport disruption at the ONH by 24 h after chronic elevation of IOP (Salinas-Navarro et al., 2010; Chidlow et al., 2011b). Using a range of immunohistochemical and molecular tools, we looked for cellular events that may be indicative of vascular insufficiency.

Initially, we examined whether OHT-induced axonal transport disruption is spatially and temporally associated with oxygen deprivation. The hypoxia marker pimonidazole binds cells with an oxygen tension of <10 mmHg (Arteel et al., 1995), and has been successfully employed to reveal hypoxia within the optic nerve in a rat model of anterior ischemic optic neuropathy (Danylkova et al., 2006), and, within the retina in a murine model of oxygen-induced retinopathy (Gardiner et al., 2005; Mowat et al., 2010) and in rats subjected to acute elevation of IOP (Holcombe et al., 2008). Our results revealed some hypoxic staining within the laminar ONH in 11/13 eyes graded as either medium or high for axonal transport disruption. Pimonidazole always labeled in areas of the ONH featuring injured axons, and, the greater the abundance of axonal transport disruption, the greater the likelihood of a larger hypoxic region. Nevertheless, hypoxic regions were typically focal and were not necessarily evident in sections taken deeper within the same ONH, while disrupted axonal transport was frequently encountered without any pimonidazole labeling, and, hypoxia was not evident in animals graded as low for axonal transport disruption. Overall, it can be concluded that there is a negative effect of moderate, chronic OHT upon ONH tissue oxygenation, coinciding with axonal transport failure, but that the deficit in oxygen is not uniform throughout the ONH. It is reasonable to postulate the existence of areas of non-, or low, perfusion in watershed zones in the ONH. In future, it may be worth analyzing serial sections through the entire ONH for hypoxia and constructing 3-dimensional models. It is a weakness of the current study that only three levels of each ONH were analyzed for the presence of hypoxia.

In the cat, oxygen tension within the prelaminar ONH has been reported to exist within the range of 10–32 mm Hg (Shonat et al., 1992; Ahmed et al., 1994). Acute elevation of IOP to ~40 mm Hg—a level very similar to that measured in our “high injury” cohort—yielded negligible impact upon oxygen tension within the prelaminar ONH or retina (Shonat et al., 1992; Ahmed et al., 1994), indicating a system with effective autoregulation. As such, we might not have expected to detect hypoxia at the ONH in the current study. A number of factors might account for the apparent dissimilarity: firstly, we only observed pimonidazole staining within the laminar, not the prelaminar, ONH. To knowledge, oxygen tension within the laminar ONH in response to elevation of IOP has not been reported and may differ from the prelaminar region; secondly, autoregulation may not function as efficiently during prolonged OHT as compared to acute OHT; thirdly, the ONH vasculature of the cat differs considerably from that of the rat. Despite the low oxygen tension present in the inner retina of the healthy rat eye (Yu and Cringle, 2001), chronic OHT did not give rise to noteworthy hypoxia in the retina, with staining limited to occasional pimonidazole-positive cells in the ganglion cell layer. These results essentially reflect those previously reported following acute elevation of IOP, where RGC hypoxia was not observed below an IOP of 70 mm Hg (Holcombe et al., 2008). Our results show that autoregulation maintains perfusion to the rat retina reasonably effectively even during OHT.

We did not assess vascular damage in the current study, as we considered it unlikely as such early time points prior to axon loss. In humans and monkeys with glaucoma, capillary drop out within the optic disc has been shown to occur in proportion to axon loss: as fibers atrophy, so do capillaries. Thus, capillaries are not disproportionately lost early in glaucoma (Quigley et al., 1984). Such results match those of Valiente-Soriano et al. (2015), who found no abnormalities in the inner retinal vasculature after 2 weeks of raised IOP that could account for the sectorial loss of RGCs. As regards microvascular function, it has been argued that raised IOP compresses capillaries, reducing blood supply to axons, without causing actual capillary loss. There is no strong evidence from fluorescein angiography that defects at the ONH substantially precede neuron loss, but the great difficulty, as noted by Quigley et al. (1984), is that the capillaries of greatest interest in glaucoma pathogenesis are hidden from clinical and angiographic view. In our study, hypoxia was not detected at the superficial ONH, only within the laminar region. As such, localized sub-optimal microvascular perfusion remains a likely explanation for the observed hypoxia. As a final point, rats in our study with a lower magnitude pressure rise tended not to have detectable ONH hypoxia; thus, it might be predicted that elevation of IOP for long periods of time may likewise not produce hypoxia; however, longer term moderate ocular hypertension may slowly damage ONH capillaries, eventually resulting in hypoxia. Moreover, rats in this study were young and ostensibly healthy; elevation of IOP in older humans may conceivably elicit hypoxia at lower pressures owing to a diminished abililty of capillaries to withstand any mechanical stress.

We next investigated expression of HO-1, the inducible, rate-limiting enzyme in heme catabolism. HO-1, a gene target of both HIF-1 and Nrf2, is one of the most studied genes in conditions of hypoxia and oxidative stress and is believed to play an important role in the endogenous response of tissues to oxidative injuries (Ryter et al., 2006; Jazwa and Cuadrado, 2010). Our results showed a robust and consistent induction of HO-1 by astrocytes within the ONH after 1 d of OHT. The distribution and abundance of HO-1 closely matched that of axonal transport disruption. HO-1 expression encompassed hypoxic regions and their immediate penumbra, but was also observed in ONH sections of pimonidazole rats that did not feature an overt hypoxic region, indicating that HO-1 is a sensitive and early glial-expressed marker of axonal injury during OHT. At present, it is unclear whether HO-1 within the ONH is upregulated in response to lower-than-normal oxygen tension or a higher-than-normal concentration of ROS. In cultured brain astrocytes, both hypoxia (Kuwabara et al., 1996; Imuta et al., 2007) and exogenously-applied oxidative stress (Lee et al., 2003) have been shown to induce HO-1 expression. Of particular relevance to glaucoma, oxidative stress also upregulates HO-1 expression in cultured ONH astrocytes (Yu et al., 2009; Noh et al., 2013) and cultured retinal astrocytes (Nahirnyj et al., 2013). Contrary to the unambiguous results of this study, HO-1 mRNA was not found to be upregulated in ONH extracts taken from rats with early or advanced optic nerve injury profiles in the hypertonic saline model of OHT (Johnson et al., 2011). An explanation for the differing results likely relates to the chronology of IOP elevation, axonal injury and HO-1 mRNA induction in the OHT model used. While neuronal injury can lead to a prolonged upregulation in HO-1 protein, the mRNA itself is typically upregulated for only a short time window.

In contrast to the ONH, HO-1 was not widely expressed by retinal glial cells until 3 d after induction of OHT, a time point coincident with a demonstrably increased signal for the superoxide-sensitive marker DHE. Interestingly, RGCs displayed strong labeling for DHE after just 1 d of OHT, but no HO-1 immunolabeling was evident in the GCL until 3 d after induction of OHT, and even then only in occasional cells. The results are consistent with those of brain studies, for example Dwyer et al. (1995), who compared HO-1 induction in cultured cortical neurons and forebrain astrocytes following an oxidative stress challenge and showed that in spite of increased generation of free radicals in neurons, the HO-1 protein level was relatively unchanged, whilst it was upregulated seven-fold within a few hours in the astrocyte cultures. The efficacy of astrocytes may be a factor in their own survival, and that of neighboring neurons, in the face of oxidative challenge. Indeed, the consensus reached from a wealth of studies is that acute induction of HO-1 by oxidative stress is an adaptive mechanism that controls the severity of neuronal damage. Over-expression or pharmacological induction of HO-1 is neuroprotective in numerous models of CNS injury (Schipper et al., 2009; Jazwa and Cuadrado, 2010), including retinal ischemia-reperfusion (Peng et al., 2008; Sun et al., 2010), optic nerve crush (Himori et al., 2014), and diabetic retinopathy (Fan et al., 2012). The products of HO-1 activity have potent antioxidant and anti-inflammatory properties that are thought to mediate the observed neuroprotection. Future studies should investigate whether overexpression of HO-1 is neuroprotective in experimental glaucoma.

HO-1 is one of many oxygen-regulated genes involved in the adaptative response of cells to hypoxia. Other iron metabolism genes, such as ceruloplasmin, transferrin receptor and transferrin, have also been implicated (Chepelev and Willmore, 2011), alongside genes encoding glucose transport and glycolytic enzymes (Wenger, 2002). We found increased levels of LDH-A and ceruloplasmin in the hypertensive ONH concurrent with axonal transport disruption, HO-1 expression and pimonidazole staining. The results are in agreement with previous work showing that brain astrocytes upregulate glycolytic genes, including LDH-A, in response to hypoxia (Marrif and Juurlink, 1999; Mense et al., 2006). As a note of caution, it should be acknowledged that analyzing LDH-A expression is less informative than studying enzyme activity or lactate levels in terms of demonstrating anaerobic glycolysis. Our finding of upregulated ceruloplasmin likewise corresponds with previous reports demonstrating increased expression of ceruloplasmin in murine, primate and human glaucomatous retinas (Farkas et al., 2004; Stasi et al., 2007).

Hypoxia-induced modification of gene expression is not solely mediated via HIF-1. Other transcription factors, notably AP-1—a dimer composed of JUN/FOS or JUN/JUN subunits—can also be activated by hypoxia (Cummins and Taylor, 2005). Dimerization between JUN/FOS subunits as well as phosphorylation of either JUN or FOS is required for DNA-binding and transcriptional activity of AP-1. In the current study, we observed a striking induction of both cFos and the phosphorylated form of cJun by astrocytes within the ONH after 1 d of OHT. An identical response was previously reported in monkeys with longer-term experimental glaucoma (Hashimoto et al., 2005). AP-1 is a redox-sensitive transcription factor, thus, increased ROS rather than hypoxia may be the stimulus for its activation; nevertheless, this finding underscores the rapid response of ONH astrocytes to perturbations in homeostasis.

Any hypoxia or nutrient deficiency in the ONH (resulting from vascular insufficiency) during OHT will likely result in impaired mitochondrial functioning, an increased production of ROS, and eventually, in oxidative stress-induced cell damage (Chrysostomou et al., 2013). In an attempt to safeguard homeostasis from oxidative stress, cells have evolved the means to upregulate antioxidant genes under the control of the redox-sensitive transcription factor Nrf2 (Tebay et al., 2015). Astrocytes in the ONH occupy up to one half of the tissue volume—a much greater percentage than in the myelinated optic nerve (Skoff et al., 1986)—and they likely have a significant influence upon the progression of glaucoma, whether supporting axonal survival or contributing to neuroinflammation (Soto and Howell, 2014; Williams et al., 2017). Recent studies using cultured ONH astrocytes have demonstrated that exogenously-administered oxidative stress fortifies their antioxidant defenses, resulting in elevated levels of Nrf2, SOD-2, HO-1, and Hsp27 (Malone and Hernandez, 2007; Yu et al., 2008, 2009; Noh et al., 2013). In the current study, we undertook preliminary analysis of ROS formation and antioxidant defenses at 1 d after induction of OHT when axonal transport disruption at the ONH is maximal, and, following 3 d of OHT when axonal degeneration has commenced. We found a significant upregulation of Nrf2—the master regulator of antioxidant defenses (Tebay et al., 2015)—in ONH extracts, but not of other well-described antioxidant enzymes, such as NQO1, GCLM, Prdx6, or SOD-1. Prdx6, which is expressed exclusively by astrocytes in the ONH (Chidlow et al., 2016), was of particular interest given the finding of increased expression in reactive astrocytes following ischemia-reperfusion in the hippocampus (Zhang et al., 2013). Moreover, we failed to detect any oxidative DNA damage to astrocytes at either time point. While these results are suggestive of a lack of detrimental oxidative stress within ONH astrocytes concurrent with axonal transport injury, it should be noted that only modest inductions of antioxidant genes were reported in primary cortical astrocyte cultures subjected to oxidative stress (Lee et al., 2003). Moreover, we did observe an increased level of superoxide in ONH astrocytes, as well as a consistent elevation of the mitochondrial isoform of superoxide dismutase (SOD-2) in ONH extracts. Since SOD-2 is present in all cells with mitochondria, and is abundant in non-myelinated axons in the ONH, it was not feasible to delineate whether the increased signal reflected any upregulation by astrocytes. Interestingly, RGC somas also displayed increased superoxide after 1 d of OHT. This finding matches the earlier work of Kanamori et al. (2010), who identified superoxide labeling of RGC somas at 1 d after optic nerve transection, and suggested that this represented an upstream signal for RGC apoptosis following axonal injury.

While the mitochondrial respiratory chain is the major contributor to excessive ROS, the dedicated superoxide-generating enzyme NADPH oxidase (NOX), in particular the phagocytic NOX-2 isoform, is increasingly being implicated as a source of detrimental ROS in acute and chronic neurodegenerative conditions (Ma et al., 2017). We postulated that ONH glia, chiefly microglia, triggered by elevation of IOP, upregulate NOX-2, and release a burst of superoxide, which contributes to axonal transport failure. In fact, our data show that there was no consistent pattern of NOX-2 expression after 1 d of OHT, concomitant with axonal transport disruption. It must be concluded that NOX-2 does not contribute significantly to initial axonal injury. Expression of NOX-2 by ONH microglia was, however, widespread after 3 d of OHT. Presumably, this response contributes to phagocytosis of injured axons. Future work should determine whether inhibition of NOX-2 augments axonal survival in glaucoma, as has been shown to be the case in numerous other neurodegenerative conditions.

The overall results of this study provide tentative support for the hypothesis that reduced blood flow to the ONH contributes to RGC axonal injury; however, the data cannot be viewed as providing direct evidence for a causative relationship between hypoxia—or cellular events downstream of hypoxia—and axonal transport failure. Future work needs to identify if reducing the existence, or even the extent, of hypoxia, or if augmenting energy availability and/or antioxidant defenses prevents the axonal transport failure that occurs during OHT.
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The pleotropic cytokine interleukin-6 (IL-6) is implicated in retinal ganglion cell (RGC) survival and degeneration, including that associated with glaucoma. IL-6 protects RGCs from pressure-induced apoptosis in vitro. However, it is unknown how IL-6 impacts glaucomatous degeneration in vivo. To study how IL-6 influences glaucomatous RGC axonopathy, accompanying glial reactivity, and resultant deficits in visual function, we performed neural tracing, histological, and neurobehavioral assessments in wildtype (B6;129SF2/J; WT) and IL-6 knock-out mice (B6;129S2-IL6tm1kopf/J; IL-6-/-) after 8 weeks of unilateral or bilateral microbead-induced glaucoma (microbead occlusion model). IOP increased by 20% following microbead injection in both genotypes (p < 0.05). However, deficits in wound healing at the site of corneal injection were noted. In WT mice, elevated IOP produced degenerating axon profiles and decreased axon density in the optic nerve by 15% (p < 0.01). In IL-6-/- mice, axon density in the optic nerve did not differ between microbead- and saline-injected mice (p > 0.05) and degenerating axon profiles were minimal. Preservation of RGC axons was reflected in visual function, where visual acuity decreased significantly in a time-dependent manner with microbead-induced IOP elevation in WT (p < 0.001), but not IL-6-/- mice (p > 0.05). Despite this preservation of RGC axons and visual acuity, both microbead-injected WT and IL-6-/- mice exhibited a 50% decrease in anterograde CTB transport to the superior colliculus, as compared to saline-injected controls (p < 0.01). Assessment of glial reactivity revealed no genotype- or IOP-dependent changes in retinal astrocytes. IOP elevation decreased microglia density and percent retinal area covered in WT mice (p < 0.05), while IL-6-/- mice exhibited only a decrease in density (p < 0.05). Together, our findings indicate that two defining features of RGC axonopathy—axon transport deficits and structural degeneration of axons—likely occur via independent mechanisms. Our data suggest that IL-6 is part of a mechanism that specifically leads to structural degeneration of axons. Furthermore, its absence is sufficient to prevent both structural degeneration of the optic nerve and vision loss. Overall, our work supports the proposition that functional deficits in axon transport represent a therapeutic window for RGC axonopathy and identify IL-6 signaling as a strong target for such a therapeutic.
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INTRODUCTION

The pleotropic cytokine interleukin-6 (IL-6) is involved in a variety of central nervous system (CNS) pathologies including injury, infection, and neurodegeneration (Erta et al., 2012). Its classification as either protective or destructive within the CNS continues to be highly contested. Pre-treatment with IL-6 prevents apoptosis in neural cells exposed to a number of physiological stressors in vitro, supporting the idea that IL-6 is neuro-protective (Yamada and Hatanaka, 1994; Sappington et al., 2006; Spittau et al., 2012; Fang et al., 2013; Chucair-Elliott et al., 2014). In animal models of CNS disease, loss of IL-6 leads to an overall reduction in the neuroinflammatory response, including reduced expression of other inflammatory cytokines and diminished glial reactivity (Penkowa et al., 1999, 2000, 2001; Clark et al., 2000; Cardenas and Bolin, 2003). Interestingly, the effect on neuronal health is variable, as studies suggest that IL-6 signaling promotes both viability (Yamada and Hatanaka, 1994; Loddick et al., 1998; Zhong et al., 1999; Clark et al., 2000; Cardenas and Bolin, 2003; Inomata et al., 2003; Penkowa et al., 2003; Sappington et al., 2006; Spittau et al., 2012; Fang et al., 2013; Leibinger et al., 2013; Chucair-Elliott et al., 2014) and dysfunction (Campbell et al., 1993; Bluthe et al., 2000; Sparkman et al., 2006; Mukaino et al., 2010; Burton et al., 2011, 2013; Burton and Johnson, 2012) depending on the model of CNS injury. IL-6 mRNA and protein are upregulated near retinal ganglion cells (RGCs) and their axons in rodent models of glaucoma (Sappington and Calkins, 2008; Chidlow et al., 2012; Sims et al., 2012; Wilson et al., 2015). Glaucoma is a neurodegenerative disease characterized by RGC axonopathy and associated with both advanced age and elevated intraocular pressure (IOP) (Calkins, 2012). Like elsewhere in the CNS, the role of IL-6 in RGC axonopathy is unclear. Application of recombinant IL-6 to RGCs in vitro prevents pressure-induced apoptosis (Sappington et al., 2006). Similarly, IL-6 appears to protect RGCs and enhance axon regeneration following optic nerve crush (Leibinger et al., 2013, 2016). In contrast, other studies indicate that IL-6 deficiency protects RGCs in models of glutamate excitotoxicity and optic nerve crush (Fisher et al., 2001).

To better elucidate the impact of IL-6 signaling on RGC axonopathy in glaucoma, we comprehensively examined and compared optic nerve morphology, visual acuity, active axonal transport, and retinal glial reactivity in IL-6 deficient (IL-6-/-) and wildtype (WT) mice with 8 weeks of unilateral or bilateral microbead-induced glaucoma (microbead occlusion model). Together, our data indicate that IL-6 deficiency mitigates glaucoma-induced deficits in visual function and optic nerve structure without improvement in axon transport or reduction in microglia reactivity. This suggests that IL-6 may play specific role in the progression of RGC axonopathy from functional deficits to structural degeneration.

MATERIALS AND METHODS

Animals

Seven to nine month old male and female IL-6-/- mice (B6;129S2-IL6tm1kopf/J) and respective genomic controls (B6;129SF2/J) were used for all experiments. IL-6-/- mice contain a neomycin selection cassette in exon 2 of the IL-6 gene preventing transcription of the mRNA product (Kopf et al., 1994). Founder mice were obtained from Jackson Laboratories (Bar Harbor, ME) and experimental mice were bred and genotyped in-house using the following primers provided by Jackson Labs: 5′-TTC-CAT-CCA-GTT-GCC-TTC-TTG-G-3′, 5′-TTC-TCA-TTT-CCA-CGA-TTT-CCC-AG-3′ and 5′-CCG-GAG-AAC-CTG-CGT-GCA-ATC-C-3′. Mice were housed in accordance with NIH guidelines and maintained on a 12 h light/dark cycle with ad libitum access to standard mouse chow and water. This study was carried out in accordance with the ARVO statement for the use of animals in ophthalmic and vision research and was approved by the IACUC of Vanderbilt University Medical Center.

Induction of Ocular Hypertension Using the Microbead Occlusion Model

Acute IOP elevation was induced in WT and IL-6-/- mice using the microbead occlusion model, as previously described (Sappington et al., 2010). For anterograde axonal transport, axon density measurements, and retinal gliosis, mice from both genotypes received a unilateral injection of 1.5 μl (1 × 106 microbeads/mL) of 15 μm polystyrene beads conjugated to an Alexa Fluor 488 chromophore. The contralateral eye served as a surgical control and was injected with an equal volume of saline. For experiments looking at visual acuity and corneal integrity, 7–11 mice from both genotypes received bilateral injections of 1.5 μl microbeads and a separate cohort of mice served as controls and received bilateral injections of an equivalent volume of saline. All mice received two microbead/saline injections 4 weeks apart to raise IOP for a total of 8 weeks. Following IOP elevation, mice were sacrificed by transcardial perfusion of 50 ml of 1X PBS followed by 100 ml of 4% paraformaldehyde. Eye and brain tissue were stored in 4% PFA at 4°C until use.

IOP Measurements

IOP was measured in awake, behaving mice, using a Tonolab rebound tonometer (TonoLab; Reichert, Depew, NY), as previously described (Echevarria et al., 2013; Formichella et al., 2014; Echevarria et al., 2016). Prior to initial injection, mean baseline IOP for each mouse was calculated from approximately 60 individual readings taken over a period of 6 days (10 measurements/day) within a 2 week timeline. Following microbead or saline injections, weekly IOP was determined as the mean of 20–30 measurements, taken over 2–3 days (10 measurements/day) each week for a total of 8 weeks. IOP measurements were taken at the same time of day to remove any effect of circadian rhythm on IOP measurements. To avoid corneal irritation and discomfort, 0.5% proparacaine anesthetic drops (Akorn Inc, Lake Forest, IL), and lubricating eye drops were applied to each eye before and after IOP measurements were taken respectively.

Immunohistochemistry

Immunohistochemistry of whole mount retinas was done as previously described (Sims et al., 2012; Echevarria et al., 2013, 2016). Primary antibodies against glial fibrillary acidic protein (GFAP, 1:500; Cat# Z033429-2; DAKO) to label astrocytes, ionized calcium-binding adapter molecule-1 (Iba-1, 1:250; Cat# 019-19741; WAKO) to label microglia, and β-Tubulin III (TUJ1, 1:500; Cat#845501; BioLegend) to label RGCs were used. Secondary antibodies were used at a concentration of 1:200 and consisted of donkey α-rabbit attached to either a Rhodamine Red-X (Cat# 711-295-152; Jackson Immuno Labs) or Alexa-647 (Cat# 711-605-152; Jackson Immuno Labs) fluorophore.

Fluorescent In-situ Hybridization

Generation of IL-6 probes and FISH in naïve WT and IL-6-/- whole mount retina were done as previously described (Crish et al., 2013). Probes were made against a nucleotide sequence encompassing exons 2–5 of IL-6 [nucleotides 107–651 of (NCBI Ref Seq: NM_031168.2)]. The transcript inserted into the pGEM-T Easy Vector (Promega, Madison WI) was generated by PCR using primers to IL-6 (forward 5′-ATCCAGTTGCCTTCTTGGGACTGA-3′ and reverse 5′TGGCTAAGGACCAAGACCATCCAA-3′). Following FISH, retinas underwent immunohistochemistry as described above to label RGCs.

Microscopy and Image Analysis

Imaging of whole mount retinas was done on an inverted confocal microscope (Olympus FV-1000; Center Valley, PA) through the Vanderbilt University Medical Center Cell Imaging Shared Resource Core. IL-6 and β-Tubulin III labeling was imaged at 100X, while GFAP and Iba-1 was imaged at 60X. For both groups, 7–9 pseudo-random z-stack images in the mid central/mid-peripheral areas through the ganglion cell (GCL) and nerve fiber layers (NFL) of the retina were acquired using a digital camera and image analysis software (FV-100 ASW; Olympus). GFAP and Iba-1 percent area was calculated using NIS elements AR software (Nikon Instruments, Melville, NY), as previously described (Formichella et al., 2014). The area (mm2) of the image containing above background signal intensity of Iba-1 or GFAP (See Figures 6A,B; red labeling) was calculated and reported as a percentage of the total area of the image. Total area of each image and background signal threshold was equal among all images. Microglia cell density was calculated by counting the number of Iba-1 positive cell somas and dividing the counts by the area of the image.

Anterograde Axon Transport Measurements

Anterograde axonal transport capabilities of RGCs were assessed with cholera toxin beta-subunit (CTB) conjugated to a 488 fluorophore, as previously described (Crish et al., 2010; Formichella et al., 2014; Ward et al., 2014; Bond et al., 2016). Briefly, mice were given a 1.5–2 μl intravitreal injection of CTB (10 μg/μl in sterile ddH2O; Cat# C-34775, Life Technologies) using a 33 gauge needle attached to a Hamilton syringe under 2.5% isoflurane anesthesia. Five days after CTB injection, mice were sacrificed by transcardial perfusion as described above. To quantify axon transport, whole brains were cryopreserved in 30% sucrose for 24–48 h at 4°C. Using a sliding microtome, 50 μm sections were obtained through the superior colliculus (SC). CTB signal in these sections was imaged en montage at 10X, using a Nikon Eclipse Ti inverted microscope (Nikon Instruments, Melville, NY). Anterograde axonal transport was quantified as previously described (Crish et al., 2010). Briefly, the SC from each image was outlined and CTB signal above background was divided by total pixel area to determine the volume of SC with CTB labeling. This value was used to create a colorimetric 2D retinotopic map of CTB transport ranging from 0% (blue) and 100% (red). Intact transport was defined as percent area with CTB signal >70% density (red/yellow).

Axon Density and Nerve Area

Axon density was measured in semi-thin sections of optic nerve as previously described (Sappington et al., 2010; Ward et al., 2014). Briefly, optic nerves were post fixed at least 48 h in 2.5% glutaraldehyde and embedded in epon. Semi-thin (700 nm) cross-sections of optic nerve near the chiasm were stained with 1% p-Phenylenediamine (PPD) and 1% toluidine blue to highlight myelin and glia, respectively. Optic nerve cross-sections were imaged en montage at 100X magnification on an upright Olympus Provis AX (Olympus, Melville, NY) microscope. To calculate axon density, a 50 × 50 μm grid mask was placed on the montaged image using NIS elements AR software. The number of axons was manually counted by a blind-observer in 8–10 squares of the grid. Each square counted was equal in area (0.0025 mm2). To measure nerve area, the circumference of the nerve was traced in montaged images of optic nerve cross-sections. Nerve area was calculated as the area (mm2) within this outline using NIS elements software.

Neurobehavioral Visual Testing Using Optomotry

The optokinetic response is a naturally occurring reflex that serves as a functional tool for quantitative analyses of visual system function in mice (Douglas et al., 2005). Briefly, each mouse was placed on a platform surrounded by four LCD computer monitors. A sinusoidal grating of alternating white and black bars rotating in either a clock-wise or counter clock-wise fashion was projected on the monitors. Mice able to perceive the moving stimulus produced a reflexive movement of the head in the direction of the stimulus. The visual acuity of each mouse was measured by changing the spatial frequency of the black and white bars. The visual acuity threshold was determined as the highest spatial frequency for which reflexive tracking was noted. The presence of the reflexive head movement was recorded by an observer using a camera mounted above the mouse. Mice were tested for baseline visual acuity threshold 1–2 weeks before microbead/saline injection and 4 and 8 weeks post-initial microbead/saline injection.

Corneal Imaging Using Spectral Domain Optical Coherence Tomography (SD-OCT)

Mice were anesthetized with a ketamine/xylazine cocktail (80/5 μg/gram of mouse), pupils were dilated with 0.5% Tropicamide, and eyes kept moist with lubricating eye drops. Live volumetric scans of the cornea were obtained using SD-OCT running the Bioptogen ultra-high resolution spectral domain OCT system with cornea bore (Bioptogen, Morrisville, NC). Quantification of injury area was performed using Image J software (National Institute of Health).

Statistical Analysis

Statistical analysis was conducted with SigmaPlot Version 11.1 (Systat Software Inc, San Jose, CA). For baseline and delta baseline IOP comparisons between WT and IL-6-/-, a Mann-Whitney Rank Sum test and a One-Way ANOVA with Holm-Sidak post-hoc correction was done respectively. For post injection IOP comparisons, a One-Way ANOVA on RANKS with Dunn's post-hoc correction was done. For corneal wound area measurements, a two-tailed t-test was done between WT and IL-6-/- mice at each time point. Differences in visual acuity throughout the 8 week experimental time course were assessed with a One-Way Repeated Measures ANOVA between baseline visual acuity, acuity at 4 weeks post initial injection, and 8 weeks post initial injection within each experimental group. Differences between all experimental groups at each time point were assessed with a One-Way ANOVA with Holm-Sidak post-hoc correction. Differences in percent baseline visual acuity at 8 weeks between all experimental groups were assessed with a One-Way ANOVA on RANKS with Dunn's post-hoc correction. All other comparisons were made with a One-Way ANOVA on RANKS with Dunn's post-hoc correction (percent glia coverage, microglia cell density) or a One-Way ANOVA with Holm-Sidak post-hoc correction (SC transport, axon density/nerve area). For all, p < 0.05 were considered statistically significant.

RESULTS

IL-6 Deficiency Does Not Affect Microbead-Induced Elevations in IOP

To confirm genetic ablation of IL-6, we conducted PCR to confirm the presence of the neomycin selection cassette in exon 2 of the IL-6 gene. In all IL-6-/- mice used in this study, PCR amplification of exon 2 revealed a 380 bp product in the IL-6-/- mouse compared to the 174 bp PCR product in the WT mouse (Figure 1A). Loss of IL-6 mRNA was corroborated using in situ hybridization. In a subset of WT and IL-6-/- whole mount retina co-immunolabeled with the RGC-specific marker β-Tubulin (TUJ1), labeling for IL-6 mRNA using an antisense fluorescent in situ hybridization (FISH) probe showed robust signal that co-localized to TUJ1+ positive RGCs in WT mice (Figure 1B; left). Conversely, anti-sense labeling for IL-6 mRNA was not detected in IL-6-/- mice (Figure 1C; left). Similarly, significant IL-6 mRNA labeling was not detected following incubation with the sense probe in either genotype (Figures 1B,C; right). To examine the impact of IL-6 deficiency on the progression of IOP-induced RGC neurodegeneration, we utilized the microbead occlusion model (Sappington et al., 2010) of glaucoma to elevate IOP for a total of 8 weeks in WT and IL-6-/- mice. Baseline IOP was 4% lower in IL-6-/- mice (16.4 +/− 0.79 mmHg), compared to WT mice (17.1 +/− 1.32 mmHg; p < 0.01; Figure 1D; left). Microbead injection increased IOP by ~ 20%, as compared to saline-injected controls for both genotypes (WT; p < 0.001, IL-6-/-; p < 0.001, Figure 1D; right and Figure 1E). In accordance with baseline IOP measurements, the mean IOP (mmHg) for both saline- (p < 0.05) and microbead-injected (p < 0.05) was lower in IL-6-/- mice than their WT counterparts (Figure 1E). However, with respect to baseline IOP, the magnitude of IOP elevation was similar (~2.5 mmHg) in microbead-injected WT and IL-6-/- mice (p > 0.05, Figure 1F).
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FIGURE 1. IL-6 deficiency does not affect magnitude and duration of microbead induced ocular hypertension. (A) Representative gel from a PCR confirming the IL-6-/- genotype. PCR amplification of exon 2 leads to a PCR product of 380 bp in IL-6-/- mice and a 174 bp PCR product in WT mice. No band present in negative control lane. Products were run along a 100 bp ladder. (B,C). Representative 100X confocal image of retinal whole mount from WT (B) and IL-6-/- mice (C) incubated with an anti-sense (AS; left) or sense probe (S; right) against IL-6 mRNA (right). Signal from AS probe (B, green) is found within β-Tubulin (TUJ1) positive RGCs (red) in WT mice (B). No significant signal was present in retinas from IL-6-/- mice (C; left) or during incubation with sense probe (B,C; right). Scale bars = 20 μm. (D; left) Boxplot of baseline IOP of WT (white) and IL-6-/- (gray) mice from all experimental cohorts prior to microbead/saline injection. Baseline IOP of IL-6-/- mice is decreased by 4% compared to baseline IOP of WT mice. (D; right) Line plot (mean ± SEM) showing baseline and weekly post saline (circle) or microbead (diamond) IOP in WT (white) or IL-6-/- (gray) eyes. Arrows indicate time of saline/microbead injections. Throughout the 8 week experiment, microbead injected eyes from both WT and IL-6-/- show a 15–20% increase in IOP compared to baseline measurements and saline injected eyes. (E) Bar graph of average IOPs (mean ± SEM) taken post initial microbead (gray) or saline (white) injection in both WT and IL-6-/- mice. A significant IOP increase in microbead- injected eyes vs. saline- injected eyes is seen in both genotypes. A genotype specific IOP reduction is seen in both saline- and microbead- injected IL-6-/- mice. (F) Boxplot showing magnitude of IOP difference in saline (white) and microbead (gray) injected WT and IL-6-/- mice compared to baseline measurements. A significant elevation in IOP is present in microbead- injected eyes compared to saline- injected eyes in both genotypes. However, no genotype specific differences in IOP seen. *p < 0.05. n = 26–34 eyes/genotype/condition. Dashed lines in box plot indicate median value.



IL-6 Deficiency Preserves Optic Nerve Structure Following IOP Elevation

In glaucoma, degeneration of the optic nerve starts at the distal end of the optic nerve and progresses in a distal to proximal fashion (Crish et al., 2010). Unlike the distal optic nerve of saline-injected WT mice (Figure 2A; top), the distal optic nerve of microbead-injected WT mice presented with signs of structural pathology, including increased glial infiltration and degenerating axon profiles (Figure 2A; bottom). This was accompanied by a slight enlargement in nerve area (Figure 2C; left) and a 15% decrease in axon density, as compared to saline-injected mice (p < 0.05, Figure 2D; left). In contrast, while distal optic nerves from microbead-injected IL-6-/- mice presented with some gliosis, no change in degenerating axon profiles were noted (Figure 2B). Similarly, there were no measurable changes either in nerve area (Figure 2C; right) or myelinated axon density (p > 0.05, Figure 2D; right), as compared to saline-injected IL-6-/- mice. However, independent of IOP, optic nerves from IL-6-/- mice contained approximately ~15% fewer myelinated RGC axons than those from WT mice (p < 0.05, Figure 2D).
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FIGURE 2. IL-6 deficiency mitigates axon degeneration caused by IOP elevation. (A,B) Representative 100X montaged optic nerve cross sections from WT (A) and IL-6-/- (B) optic nerves following saline (top) or microbead (bottom) injection. Black box in montaged image (left) corresponds to location of zoomed images highlighting axon and glia (right). IOP elevation results in increased glial infiltration (black arrows) and degenerative axon profiles (white arrow heads) in optic nerves from microbead injected WT, but not IL-6-/- mice. (C) Bar graph of average (mean ± STDEV) myelinated axon density measurements in WT and IL-6-/- mice following saline (white) or microbead (gray) injection. Saline- injected IL-6-/- mice show a genotype specific decrease in myelinated axon density compared to saline- injected WT mice. However, microbead- injected WT eyes show a significant 15% decrease in myelinated axon density compared to saline- injected WT eyes, while no difference is seen between microbead- and saline- injected IL-6-/- eyes. (D) Bar graph of average nerve area (mean ± STDEV) among groups shows no significant difference. *p < 0.05. n = 40–50 density measurements/genotype/group. Scale bars = 50 μm for 100X montaged optic nerves and 10 μm for zoomed images.



IL-6 Deficiency Does Not Prevent IOP-Induced Deficits in Anterograde Axon Transport

Previous reports indicate that functional deficits in anterograde axon transport along the optic projection precede structural degeneration of RGC axons in glaucoma (Crish et al., 2010, 2013). To measure active anterograde transport in RGC axons, we injected the active uptake, active transport tracer cholera toxin beta subunit (CTB) into the vitreous of IL-6-/- and WT mice 8 weeks after the initial microbead or saline injection. We measured anterograde transport of CTB from RGC soma in the retina to RGC terminals in the superior colliculus (SC) by quantifying CTB labeling in serial sections of SC and generating 2D reconstructions of CTB labeling in the SC (Figure 3A). In WT mice, 8 weeks of elevated IOP led to a ~50% decrease in CTB transport to the SC, as compared to saline-injected mice (p < 0.001, Figure 3A; top, Figure 3B; left). Interestingly, in IL-6-/- mice, IOP elevation also resulted in a ~50% decrease in CTB transport (p < 0.001, Figure 3A; bottom, Figure 3B; right). Similar to previously published studies (Crish et al., 2010; Lambert et al., 2011; Ward et al., 2014), these deficits occurred in a sectoral manner, extending from the periphery toward the optic disc in WT and IL-6-/- mice (Figure 3A). No differences in axon transport were noted between genotype in saline-injected animals (p > 0.05, Figure 3B).
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FIGURE 3. IL-6 deficiency does not alter IOP-dependent deficits in anterograde axon transport. (A) Representative coronal sections through the superior colliculus (SC) and respective retinotopic heat maps after 5 days of CTB transport in WT (top) and (bottom) IL-6-/- mice. Outlines in coronal sections indicate areas of transport deficits. Dashed lines in map indicate position of coronal section. Density of the CTB signal for heat maps range from 0% (blue) to 50% (green) to 70% (yellow) to 100% (red). Numbered, dashed lines in retinotopic maps indicate the location of respective coronal section and white circles indicate position of the optic disk (OD). Medial (M) and rostral (R) orientations are indicated. (B) Bar graph showing average percent intact transport (mean ± STDEV, >70% density of CTB signal; red/yellow areas) from SC following saline (white) or microbead (gray) injection in WT (left) and IL-6-/- (right) mice. SC from both microbead- injected WT and IL-6-/- mice show a ~50% deficit in intact axon transport compared to saline- injected mice. *p < 0.05. n = 5–6 SC/genotype/condition. Scale bars = 500 μm for all images.



IL-6 Deficiency Preserves Visual Acuity Following IOP Elevation

Loss of vision in glaucoma is irreversible and caused by degeneration of RGCs and their axons (Calkins, 2012). To ensure detection of any vision loss associated with microbead-induced glaucoma, we performed bilateral injections of microbeads in one cohort of WT and IL-6-/- mice. A second cohort received bilateral injections of saline. We measured visual acuity by optomotry every 4 weeks for the duration of the experiment. Over the course of 8 weeks, microbead-injected WT mice exhibited significant depreciation of visual acuity at each time point compared to baseline, resulting in an overall 22% decrease in visual acuity (p < 0.001 for all, Figure 4A; gray). However, in saline-injected WT mice, visual acuity did not significantly differ from baseline at either time point (p > 0.05, Figure 4A; white). Comparison of visual acuity between saline- and microbead-injected WT mice revealed a significant ~15% decrease in both raw visual acuity (p < 0.05, Figure 4C) and percent baseline visual acuity (p < 0.05, Figure 4D). In IL-6-/- mice, visual acuity dropped 8% with either saline (p < 0.01) or microbeads (p < 0.05), as compared to baseline acuity (Figure 4B). However, this initial reduction in visual acuity did not differ between saline- and microbead-injected IL-6-/- mice (p > 0.05, Figures 4C,D) and remained unchanged between 4 and 8 weeks for both groups (saline: p > 0.05; microbead: p > 0.05; Figure 4B). That this slight decrease in visual acuity was noted in both saline- and microbead-injected IL-6-/- mice and remained stable for the 8 week experiments suggest that it arises from an IOP-independent influence. No difference in visual acuity was noted between WT and IL-6-/- mice at any time point (p > 0.05, Figure 4C).
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FIGURE 4. IL-6-/- mice are resistant to IOP-induced deficits in visual acuity. (A) Bar graph showing average visual acuity threshold (mean ± SEM) of WT mice at baseline and 4 and 8 weeks post initial saline (white) or microbead (gray) injection. WT mice injected with microbeads show a significant decrease in visual acuity at both 4 weeks and 8 weeks post-injection compared to baseline. (B) Bar graph showing average visual acuity threshold (mean ± SEM) of IL-6-/- mice at baseline and 4 and 8 weeks post initial saline (white) or microbead (gray) injection. IL-6-/- mice injected with either saline or microbeads show a significant decrease in visual acuity at 8 weeks compared to baseline. (C) Line graph comparing visual acuity of WT saline (white circle), WT microbead (white diamond), IL-6-/- saline (gray circle) and IL-6-/- microbead (gray diamond) at each time point. Visual acuity decreases significantly in microbead-injected WT mice compared to saline-injected WT mice. Visual acuity does not differ between saline- and microbead- injected IL-6-/- or between genotypes. (D) Boxplot of the percent visual acuity remaining at 8 weeks compared to baseline measurements for WT and IL-6-/-. WT mice injected with microbeads show a significant decrease in the remaining visual acuity when compared to the saline- injected WT mice. IL-6-/- mice injected with microbeads show no difference in the remaining visual acuity when compared to the saline injected IL-6-/- cohort. *p < 0.05, **p < 0.001. n = 13–17/group. Dashed lines in boxplot indicate median value of data set.



IL-6-/- Mice Exhibit Deficits in Corneal Wound Healing

Previous studies indicate IL-6-/- mice exhibit deficits in wound healing (Lin et al., 2003; McFarland-Mancini et al., 2010). As the microbead/saline injections require puncturing of the cornea, we used spectral-domain optical coherence tomography (SD-OCT) imaging to examine whether perturbed healing of the cornea could underlie the reduction in visual acuity noted in both saline and microbead-injected IL-6-/- mice. Two weeks following intra-cameral injection of saline or microbeads in WT eyes, SD-OCT imaging revealed complete closure of the epithelial layer and approximately 2/3 closure of the stroma and endothelial layers at the injection site (Figure 5A). Quantification of the remaining corneal wound revealed no significant change over the remaining 6 weeks (p > 0.05; Figure 5C). In IL-6-/- mice, SD-OCT imaging revealed complete closure of the epithelial layer by 2 weeks. However, limited closure of the stroma and endothelial layers was noted (Figure 5B). This reduction in stroma and endothelial wound healing was noted throughout the 8 week experiment (Figure 5B). Quantification of corneal injury revealed that the area of corneal wound was 2-fold larger in IL-6-/- mice than in WT mice at all three time points (p < 0.05; Figure 5C). Like WT mice, the area of the corneal wound did not change over the 8 week experiment in IL-6-/- (p > 0.05; Figure 5C).
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FIGURE 5. IL-6-/- mice present with defects in corneal wound healing following microbead/saline injection.(A) Representative images of corneal wounds at 2, 4 and 8 weeks post initial injection in WT mice. Insert (A; far left) outlines layers of the cornea. 2 weeks after corneal puncture due to saline or microbead delivery, WT mice left display small gaps in the corneal stroma and endothelium (yellow dotted lines). The size of the injury persists after 4 (middle) and 8 (right) weeks after injury. (B) Representative images of corneal wounds at 2, 4, and 8 weeks post injection in IL-6-/- mice. IL-6-/- mice however, present with significantly larger gaps 2 weeks (left) in the corneal stroma after puncture that also persists at 4 (middle) and 8 (right) weeks after injury. (C) Bar graph showing quantification of corneal injury area (mean ± SEM). IL-6-/- mice have significantly larger corneal injuries at all time points. Size of the wound area did not change significantly over time in either WT or IL-6-/-. *p < 0.05. n = 9 eyes/genotype/group. Scale bars= 100 μm for all images.



IL-6 Deficiency Enlarges the Microglia Population in Retina

Recent studies suggest that changes in glial reactivity in the retina occur in response to IOP elevation, and impact RGC degeneration in both genomic and inducible models of glaucoma (Martin et al., 2003; Sappington and Calkins, 2006; Inman and Horner, 2007; Bosco et al., 2008; Johnson and Morrison, 2009; Johnson et al., 2011; Echevarria et al., 2013; Lye-Barthel et al., 2013; Formichella et al., 2014; Hines-Beard et al., 2016). To determine whether IL-6 deficiency alters glial reactivity associated with RGC axonopathy, we performed a morphological analysis of astrocyte and microglia reactivity in retina. We visualized astrocytes and microglia in whole-mount retina from saline- and microbead- injected WT and IL-6-/- mice with immunolabeling against the astrocyte- specific label glial fibrillary acidic protein (GFAP) and the microglia- specific marker ionized calcium binding adaptor molecule (Iba-1). While Iba-1 labels various types of myeloid cells, we selected this marker because (1) 100% of retinal microglia are Iba-1 positive (Bosco et al., 2011), (2) Iba-1 expression remains rather stable across activation states compared to other microglia/macrophage markers (Bosco et al., 2011) and (3) with the exception of amoeboid microglia, other myeloid cells and microglia can be readily distinguished by morphology. To account for changes in both glia density and hypertrophy/ramification, we quantified the percent of retinal area covered by GFAP+ astrocytes (Figure 6A) and Iba-1+ microglia (Figure 6B). Our previous work indicates that percent area coverage is a highly reliable measure of reactivity (Formichella et al., 2014). GFAP immunolabeling revealed no gross genotype- or IOP-dependent changes in astrocytic morphology (Figure 6C). Quantification of astrocyte coverage confirmed no significant change in astrocyte morphology with respect to either IOP or genotype (p > 0.05 for all; Figure 6E). In contrast, Iba-1 immunolabeling revealed qualitative changes in microglia that appeared to relate to both genotype and IOP (Figure 6D). Quantification revealed 32% more microglia coverage in saline-injected IL-6-/- mice vs. WT mice (p < 0.05; Figure 6F). IOP elevation decreased microglia coverage by 45% in WT retina (p < 0.05; Figure 6F), as compared to saline-injected controls (Figure 6F). While it appeared as if there was decreased microglial coverage in IL-6-/- retina following IOP elevation compared to saline-injected controls, it did not reach statistical significance (p > 0.05; Figure 6F). Additionally, microglia coverage remained higher in IL-6-/- mice than in WT mice following IOP elevation (p < 0.05, Figure 6F). Based on qualitative assessment, IOP-induced changes in percent area coverage appeared to arise from changes in microglia density (Figure 6D). To quantitatively test this observation, we measured the density of Iba-1+ microglia across all experimental groups. We found that microbead-induced IOP elevation decreased the density of microglia by 37% in WT retina (p < 0.05) and by 36% in IL-6-/- mice (p < 0.05), as compared to saline-injected controls (Figure 6G). There was no significant difference in the density of microglia between WT and IL-6-/- mice regardless of treatment (p > 0.05; Figure 6G).


[image: image]

FIGURE 6. IL-6 deficiency affects microglial coverage regardless of IOP. (A,B) Representative 60X confocal images depicting quantification of percent coverage of GFAP+ astrocytes (green; A, left) and Iba-1+ microglia (green; B, left). The area containing above background signal for GFAP and Iba-1 was highlighted in red (A,B; right) and divided against the total area of the image to obtain the percent coverage measurements. (C,D) Representative 60X confocal images depicting GFAP+ astrocyte (green; C) and Iba-1+ microglia (green; D) labeling in whole mount retina of microbead- and saline- injected WT and IL-6-/- eyes. (E) Boxplot of percent coverage of GFAP+ astrocytes in saline (white) and microbead (gray) injected WT (left) and IL-6-/- (right) eyes. No genotype or IOP dependent changes were calculated. (F) Boxplot of percent coverage of Iba-1+ microglia in saline- (white) and microbead- (gray) injected WT (left) and IL-6-/- (right) eyes. While an IL-6 dependent increase in percent coverage of microglia is seen in both saline and microbead- injected eyes, only an IOP dependent decrease is seen in microbead- injected WT eyes. (G) Boxplot of Iba-1+ microglia cell density (counts/mm2) in saline- (white) and microbead- (gray) injected WT (left) and IL-6-/- (right) eyes. IOP dependent decreases in microglia counts are evident in microbead- injected eyes are evident in both WT and IL-6-/- eyes. *p < 0.05. n = 6–8 images/eye/condition/genotype. Scale bars= 30 μm for all images. Dashed lines in boxplot indicate median value of data set.



DISCUSSION

The present work investigated the relevance of IL-6 signaling to RGC axonopathy following microbead-induced IOP elevation. By comparing functional and structural outcomes of RGC degeneration in IL-6-/- and WT mice, we were able to link IL-6 signaling with specific events in RGC axonopathy. These studies delineate a role for IL-6 in the progression from functional deficits to structural degeneration within the axonopathy continuum. Secondarily, our data also indicated a role for IL-6 in corneal wound healing and potentially, IOP regulation.

Glaucoma is associated with elevated IOP. Current therapies, directed toward lowering IOP, delay pathology (Calkins, 2012). Not surprisingly, animal models of glaucoma are generally characterized by elevated IOP and subsequent degeneration of RGCs. Despite modest differences in baseline IOP, the magnitude of IOP elevation achieved with microbead occlusion was identical in WT and IL-6-/- mice (Figure 1). This indicates that IL-6 deficiency does not impact efficacy of IOP elevation in this model. Intracameral injection of saline and microbeads requires a small diameter (approx. 100 μm) puncture in the cornea. OCT imaging revealed that IL-6 deficiency resulted in a larger corneal wound and impeded stitching and filling of the stromal and endothelial layers of the cornea, which was visible in WT mice within 2 weeks of puncture (Figure 5). Interestingly, the epithelial layer of the cornea in IL-6-/- mice was indistinguishable from WT mice (Figure 5). This suggests that IL-6 signaling plays a prominent role in healing of stromal and endothelial, but not epithelial, layers of cornea. That a deficit in corneal wound healing was noted in our studies is not surprising, as IL-6 is strongly associated with wound healing and tissue regeneration in other systems (Blindenbacher et al., 2003; Lin et al., 2003; Tiberio et al., 2008; McFarland-Mancini et al., 2010).

Structural degeneration of the optic nerve and vision loss are the two hallmarks of glaucoma. In our study, IL-6 deficiency preserved both the structure of RGC axons and visual acuity following 8 weeks of elevated IOP. Consistent with previous findings (Sappington et al., 2010; Lambert et al., 2011; Ward et al., 2014; Bond et al., 2016), microbead-induced IOP elevation decreased axon density, while increasing degenerative axon profiles and macrogliosis in WT optic nerves (Figure 2). This was accompanied by a significant and IOP-dependent decrease in visual acuity (Figure 4). In contrast, IL-6-/- mice exhibited no IOP-dependent changes in visual acuity (Figure 4) or optic nerve outcomes, including axon density, degenerative axon profiles or macrogliosis (Figure 2). However, visual acuity decreased modestly, but significantly (8%), in an IOP-independent manner following both saline and microbead injection in IL-6-/- mice (Figure 4). That this decrease was noted following both types of injection and did not change over time, it is highly likely that visual acuity was negatively impacted by the observed deficits in corneal wound healing (Figure 5). Together, these data indicate that IL-6 signaling impacts RGC axonopathy prior to the onset of both structural degeneration and decreased visual function.

Previous studies indicate that RGC axonopathy in glaucoma progresses in a distal to proximal fashion and that deficits in active, anterograde transport precede structural degeneration of the optic nerve (Crish et al., 2010, 2013). Consistent with previously published studies (Sappington et al., 2010; Lambert et al., 2011; Ward et al., 2014; Bond et al., 2016), microbead-induced IOP elevation in WT mice resulted in a 50% decrease in anterograde transport of CTB to the SC (Figure 3). Interestingly, IL-6-/- mice exhibited a similar decrease in anterograde transport (Figure 3). This suggests that IL-6 signaling does not play a significant role in the development of axon pathology that leads to deficits in axon transport. Together with the optic nerve and visual function analyses, these data delineate a temporal window in which IL-6 signaling contributes to RGC axonopathy. Specifically, this temporal window begins after the onset of axon transport deficits and prior to the onset of structural degeneration and decreased visual function. More generally, our data suggest that axon transport deficits and structural degeneration of axons occurs via, at least partially, independent mechanisms.

Given that IL-6 is typically associated with inflammatory functions, we assessed microglia and astrocyte reactivity in the GCL and NFL. Not surprisingly, our analysis revealed a strong association between IOP, IL-6, and microglia, the “resident” immune cell of the CNS. Elevated IOP decreased microglia coverage in the GCL/NFL of WT mice (Figure 6). This was attributable to a decrease in the density of microglia (Figure 6). Interestingly, elevated IOP also decreased the density of microglia in IL-6-/- mice, but did not sufficiently reduce microglia coverage to a statistically significant level (Figure 6). Microglia coverage was greater in IL-6-/- than in WT mice, regardless of IOP (Figure 6). This IL-6-dependent increase in microglia coverage was not attributable to changes in microglia density, suggesting that it likely arises from changes in size and extent of ramification. Based on previous literature, changes in microglia density likely arise from migration of microglia to other retinal layers, particularly the outer retina (Rojas et al., 2014). These findings suggest that IL-6 may be more relevant for microglia ramification/activation state than microglia migration or temporal onset of microglia reactivity in this model. Unlike microglia, astrocyte reactivity did not appear to associate with IOP elevation or IL-6 deficiency (Figure 6). The former is contrary to studies of astrocyte reactivity in other glaucoma models, where both retinal astrocyte hypertrophy and hypotrophy are associated with elevated IOP. Notably, most of these studies were conducted in either chronic models (Inman and Horner, 2007; Formichella et al., 2014) or inducible models with much higher IOP elevation (Wang et al., 2000; Gallego et al., 2012). Differences in the duration and magnitude of IOP elevation, as well as severity of RGC pathology, could account for our contradictory findings. Together, these data suggest that IL-6 signaling generally associates with microglia rather than astrocytes. This is supported by our previous work indicating that retinal microglia, but not retinal astrocytes, induce IL-6 expression in response to elevated pressure (Sappington and Calkins, 2006, 2008; Sappington et al., 2006).

While our findings support a role for IL-6 in the progression RGC degeneration in glaucoma, we utilized IL-6-/- mice that are generated from homozygous pairing. As such, these mice are deficient in IL-6 throughout development as well as in adulthood. In this case, we are unable to differentiate IL-6-dependent outcomes arising from IL-6 signaling during disease and those arising from developmental IL-6 signaling. Our findings indicate that there are at least two developmental ramifications pertinent to our investigation:

First, IL-6 deficiency modestly, but significantly, decreased baseline IOP by ~4% compared to WT (Figure 1). There is some indication that modulation of IL-6 signaling accompanies IOP elevations in human patients, including both primary open angle and angle closure glaucoma (Takai et al., 2012; Engel et al., 2014; Huang et al., 2014; Du et al., 2016). However, in a recent study of porcine anterior segment, IL-6 did not appear to alter outflow facility that determines IOP (Birke et al., 2011). Our data suggest that, at least in mice, IL-6 signaling may impact the IOP “set-point” either through modulation of aqueous dynamics or during development of the anterior chamber. That the relative increase in IOP achieved with microbeads was equivalent in WT and IL-6-/- mice indicates the latter may be more relevant. Most importantly, the magnitude of change in IOP, rather than absolute IOP, appears to be of greater import for disease etiology in both animal models and human patients. In humans, IOP fluctuations, defined as the difference between the highest and lowest IOP, is greater in glaucoma patients than non-glaucoma patients (Nouri-Mahdavi et al., 2004; Sihota et al., 2005; De Moraes et al., 2011; Tan et al., 2017; Tojo et al., 2017) and is predictive of glaucoma progression (Nouri-Mahdavi et al., 2004; Sihota et al., 2005). Likewise, the magnitude of peak IOP measurement predicts progression in glaucoma patients, even for those with IOP successfully lowered by conventional treatments (Nouri-Mahdavi et al., 2004). In animal models, IOP elevations are often presented as a change in cumulative IOP, which documents the change in IOP from control eyes or baseline over time. This measure is well-documented as a strong predictor of RGC pathology (Gao and Jakobs, 2016). Additional studies of strain differences indicate that absolute IOP does not necessarily correlate with RGC pathology (Cone et al., 2010, 2012). In these studies, some strains present with less severity despite higher IOP elevations on the order of several mmHg (Cone et al., 2010, 2012). In our studies, the strain background is controlled and thus, also is the potential for susceptibility defined by this background. As such, it is unlikely that differences in disease outcomes noted in our IL-6-/- mice are attributable to the 0.7 mmHg difference in absolute IOP and likely arise from other IL-6-dependent outcomes.

Second, baseline axon density in the optic nerve of IL-6-/- mice was approximately 15% lower than that of WT mice. Our assessment of axon density in PPD-stained semi-thin sections allows counting of only myelinated axons. Previous literature documents that IL-6 influences oligodendrocyte differentiation and gene expression associated with myelination in vitro (Valerio et al., 2002; Zhang et al., 2006, 2007). As such, it is probable that myelination of RGC axons is altered in our IL-6-/- mice. This may or may not have consequences beyond confounding axon density measurements. Further studies with conditional perturbation of IL-6 signaling will be needed to elucidate the source and impact of confounds arising from developmental deficiency of IL-6 signaling.

In conclusion, our findings indicate that IL-6 is part of a mechanism that specifically leads to structural degeneration of axons. Furthermore, its absence is sufficient to prevent both structural degeneration of the optic nerve and vision loss. That the functional and structural components of RGC axonopathy could be mechanistically separated has tremendous implications for therapeutic targeting, and our findings identify IL-6 as a potential candidate for such.
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Glaucoma is a group of optic neuropathies associated with aging and sensitivity to intraocular pressure (IOP). The disease is the leading cause of irreversible blindness worldwide. Early progression in glaucoma involves dysfunction of retinal ganglion cell (RGC) axons, which comprise the optic nerve. Deficits in anterograde transport along RGC axons to central visual structures precede outright degeneration, and preventing these deficits is efficacious at abating subsequent progression. HE3286 is a synthetic sterol derivative that has shown therapeutic promise in models of inflammatory disease and neurodegenerative disease. We examined the efficacy of HE3286 oral delivery in preventing loss of anterograde transport in an inducible model of glaucoma (microbead occlusion). Adult rats received HE3286 (20 or 100 mg/kg) or vehicle daily via oral gavage for 4 weeks. Microbead occlusion elevated IOP ~30% in all treatment groups, and elevation was not affected by HE3286 treatment. In the vehicle group, elevated IOP reduced anterograde axonal transport to the superior colliculus, the most distal site in the optic projection, by 43% (p = 0.003); HE3286 (100 mg/kg) prevented this reduction (p = 0.025). HE3286 increased brain-derived neurotrophic factor (BDNF) in the optic nerve head and retina, while decreasing inflammatory and pathogenic proteins associated with elevated IOP compared to vehicle treatment. Treatment with HE3286 also increased nuclear localization of the transcription factor NFκB in collicular and retinal neurons, but decreased NFκB in glial nuclei in the optic nerve head. Thus, HE3286 may have a neuroprotective influence in glaucoma, as well as other chronic neurodegenerations.

Keywords: glaucoma, neuroinflammation, neuroprotection, axonopathy, HE3286, NF kappa B, axonal transport, brain derived neurotrophic factor

INTRODUCTION

Glaucoma is the leading cause of irreversible blindness worldwide (Quigley and Broman, 2006). The disease selectively targets retinal ganglion cells (RGCs) and their axons through stress conveyed at the optic nerve head (Calkins, 2012; Nickells et al., 2012). Age is a major risk factor for developing glaucoma, but sensitivity to intraocular pressure (IOP) is the only modifiable risk factor and sole target for clinical intervention (Heijl et al., 2002). Decreasing IOP with drugs or surgery can slow disease progression, but for many patients does not prevent RGC degeneration and vision loss (Heijl et al., 2002). Given that by 2020 nearly 80 million people will have glaucoma, with an estimated 11.2 million with permanent vision loss (Quigley and Broman, 2006; Cheung et al., 2008; Schober et al., 2008), the identification of therapeutic agents that can protect RGCs independently of IOP is of paramount importance.

HE3286 (17α-Ethynyl-androst-5ene-3β, 7β, 17β-triol) is a synthetic derivative of androst-5-ene-3β,7β,17β-triol (AET), a non-glucocorticoid anti-inflammatory metabolite of the adrenal steroid, dehydroepiandrosterone (DHEA; Ahlem et al., 2011). DHEA and AET have shown therapeutic promise in rodent models of immune-mediated inflammatory disorders with varying results in clinical trials (Offner et al., 2002; Dillon, 2005; Ahlem et al., 2009). HE3286 shows better oral bioavailability in humans, has low potential for toxicity, does not bind to glucocorticoid receptor or any known nuclear hormone receptor, and is not immunosuppressive (Wang et al., 2010; Ahlem et al., 2011). Treatment with HE3286 improves outcome measures in models of autoimmune disease, lung inflammation, experimental optic neuritis and Parkinson's disease, and is currently being tested in clinical trials (Auci et al., 2007, 2010; Ahlem et al., 2009; Offner et al., 2009; Conrad et al., 2010; Lu et al., 2010; Kosiewicz et al., 2011; Nicoletti et al., 2012; Reading et al., 2013a,b; Khan et al., 2014). It is believed HE3286 may act via binding, regulation and/or activation of MAPK or ERK, or through modulation of NFκB (Lu et al., 2010; Ahlem et al., 2011; Nicoletti et al., 2012; Reading et al., 2012).

Neurodegeneration in glaucoma shows many similarities with other age-related neurodegenerative disorders, including early deficits in axon function that precede loss of neurons themselves (Crish and Calkins, 2011; Mckinnon, 2012; Ghiso et al., 2013; Jindal, 2013; Danesh-Meyer and Levin, 2015; Jain and Aref, 2015). In animal models of glaucoma, degradation of RGC anterograde transport to central brain targets occurs early and prior to outright loss of axons in the optic projection (Crish et al., 2010, 2013; Dengler-Crish et al., 2014). Experimental interventions that prevent transport deficits are efficacious at stopping subsequent degeneration of axons and cell bodies (Lambert et al., 2011; Dapper et al., 2013). Here, we tested whether HE3286 could rescue RGC axon transport and modulate markers for neuroinflammation in the optic projection using our inducible microbead occlusion model of glaucoma in rats (Crish et al., 2010; Sappington et al., 2010; Dapper et al., 2013). We found that while HE3286 had no effect on IOP, daily oral delivery for 4 weeks prevented deficits in anterograde transport to the superior colliculus (SC), the primary central projection for RGCs in rodents (Linden and Perry, 1983; Hofbauer and Drager, 1985). HE3286 also influenced the level of many proteins implicated in the pathogenesis of glaucoma and other neurodegenerative disorders throughout the optic projection. Finally, HE3286 increased activation of the transcription factor NFκB in colliculus and retina, while decreasing glial NFκB activation in the optic nerve head, which is a major pathogenic site of neuroinflammation in glaucoma (Soto and Howell, 2014; Russo et al., 2016). These data suggest HE3286 has therapeutic potential with regards to neurodegeneration in glaucoma by modulating common neuroinflammatory pathways.

MATERIALS AND METHODS

Animals

All experimental procedures were conducted in accordance with the guidelines of and approved by The Vanderbilt University Institutional Animal Care and Use Committee. Brown Norway rats (7–9 months old, male) were obtained from Charles River Laboratories (Wilmington, MA) and maintained in a 12-h light-dark cycle with standard rodent chow available ad libitum. Three cohorts of rats (n = 6 per cohort; 18 rats total) were randomly assigned to one of three treatment groups: vehicle, 20 mg/kg HE3286 or 100 mg/kg HE3286. We measured IOP bilaterally in awake rats using a TonoPen XL rebound tonometer (Medtronic Solan, Jacksonville, FL) as previously described (Sappington et al., 2010; Crish et al., 2013; Dapper et al., 2013). To avoid corneal irritation, hydrating eye drops were administered to each eye at the completion of IOP measurements. Prior to microbead occlusion (Sappington et al., 2010; Crish et al., 2013; Dapper et al., 2013), we monitored IOP for 2–3 days; these measurements were averaged to obtain a baseline value. We elevated IOP unilaterally (OS) by a single 5.0 μl injection of 15 μm polystyrene microbeads (Molecular Probes, Eugene, OR) into the anterior chamber. The fellow eye (OD) received an equivalent volume of saline to serve as an internal control. Beginning 24 h post-injection (day 1), we monitored IOP using tonometry at least three times weekly for the duration of the experiment (Sappington et al., 2010; Crish et al., 2013; Dapper et al., 2013). Beginning with the microbead injection (day 0), rats received 20 mg/kg or 100 mg/kg HE3286 (10 mg/mL HE3286 in an aqueous medium containing 1 mg/mL sodium carboxymethyl cellulose, 9 mg/mL sodium chloride, 20 mg/mL polysorbate-80, and 0.5 mg/mL phenol as abroad spectrum preservative, Harbor Therapeutics, San Diego, CA 92122) via oral gavage. For the vehicle group, half received 20 mg/kg vehicle and the other half 100 mg/kg vehicle (1 mg/mL sodium carboxymethyl cellulose, 9 mg/mL sodium chloride, 20 mg/mL polysorbate-80, and 0.5 mg/mL phenol in an aqueous medium, Harbor Therapeutics, San Diego, CA 92122). Rats received vehicle or HE3286 once daily via oral gavage for 28 days.

Anterograde Axonal Transport

Forty-eight hours prior to perfusion, rats were anesthetized with 2.5% isoflurane and injected intravitreally with 2 μl of 0.5 mg cholera toxin subunit B (CTB) conjugated to Alexa Fluor-488 (Molecular Probes, CA) as previously described (Crish et al., 2010; Dapper et al., 2013; Ward et al., 2014). Animals were transcardially perfused with phosphate buffered saline (PBS) followed with 4% paraformaldehyde in PBS. Brains were cryoprotected overnight in 30% sucrose/PBS and coronal midbrain sections (50 μm) cut on a freezing sliding microtome. Alternating sections of superior colliculus (SC) were imaged using a Nikon Ti Eclipse microscope (Nikon Instruments Inc., Melville, NY) and the intensity of CTB signal was quantified using a custom ImagePro macro (Media Cybernetics, Bethesda, MD) as previously described (Crish et al., 2010; Dapper et al., 2013; Ward et al., 2014). After normalizing to background, CTB signal intensity was calculated to reconstruct a retinotopic map of intact anterograde transport across the SC. Percent of intact transport for each map was defined as the region of the SC with intensity ≥70% of the maximum CTB signal for that tissue. CTB uptake by RGCs in the retina was verified using a Zeiss FV-1000 inverted confocal microscope through the Vanderbilt University Medical Center Cell Imaging Shared Resource.

Immunohistochemistry

Whole eyes were dissected from perfused animals, paraffin-embedded and vertically sectioned (6 μm). Immunohistochemistry of whole eyes and brain was performed as previously described and at identical conditions between cohorts (Sappington et al., 2009; Crish et al., 2010; Weitlauf et al., 2014). Primary antibodies used to immunolabel proteins of interest in the brain, optic nerve head, and retina are listed in Table 1. Sections were incubated with appropriate secondary antibodies (1:200; Jackson ImmunoResearch Laboratories, Inc., West Grove, PA) and then cover-slipped with DAPI Fluoromount G (Southern Biotech, Birmingham, AL). Sections were imaged using a Zeiss FV-1000 inverted confocal microscope through the Vanderbilt University Medical Center Cell Imaging Shared Resource. For retina, all images were collected within the mid-peripheral region for comparison across eyes and cohorts. Identical microscope settings were used to acquire images for signal quantification, which was performed by a naïve observer using a custom macro in ImagePro (Media Cybernetics; Bethesda, MD) that determines the percent area of the positive label (Crish et al., 2013). The microbead to saline ratio (microbead:saline) of label in a specific tissue was calculated for each animal; ratios were averaged and reported as label (microbead:saline). Nuclear localization of NFkB was analyzed using a custom macro in ImageJ (Carmona et al., 2007; Schneider et al., 2012) followed by signal quantification in ImagePro. For quantifying label, a tissue section serving each saline and microbead eye from at least five animals per cohort was used. Retinal and nuclear layer thickness were measured at five different retinal locations per image using the Measurement tool in ImagePro. For RGC counts, the number of CTB-positive and DAPI-positive cells within the ganglion cell layer were counted using the Count tool in Photoshop. At least eight images per animal were quantified to determine an average retinal thickness.


Table 1. Primary antibodies used for brain and whole eye immunohistochemistry.
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Statistical Analysis

All data are expressed as mean ± standard error unless indicated otherwise. The number of samples used in each experiment is provided in the appropriate methods description or figure legend. Statistical comparisons between two independent measurements were made using two-sided t-tests, following confirmation of normality for each using the Shapiro-Wilk normality test; samples for which normality failed were compared using the Mann-Whitney Rank Sum Test (SigmaPlot 12.5, Systat Software, Inc., Chicago, IL). Comparisons between multiple groups were made using one way analysis of variance (ANOVA) followed by the Holm-Sidak Pairwise Multiple Comparison test (SigmaPlot 11.1, Systat Software, Inc., Chicago, IL). Comparisons of a sample mean to a hypothesized or predicted value were made using a one-sided t-test. Actual p-values of significance are indicated where appropriate in the results section or figure legends. All comparisons for which significance is reported achieved or exceeded a post-hoc calculation of power of 0.80.

RESULTS

Two rats, one from each HE3286 group, were euthanized before completion of the study due to complications from oral gavage. Treatment with HE3286 for 28 days had few directly observable adverse effects, as rats were active, responsive and showed no overt signs of distress. HE3286 did result in weight loss in both the 20 and 100 mg/kg groups (Table 2). Weights on day 0 (first day of treatment) ranged from 283 to 430 g, and mean weights for the three treatment groups were not significantly different (p = 0.523). Weights on day 28 (last day of treatment) ranged from 290 to 440 g, with no significant difference in mean weight between the three treatment groups (p = 0.130). However, rats that received vehicle gained 14.3 g during the experimental period, while rats that received 20 mg/kg HE3286 lost 21.2 g and rats that received 100 mg/kg HE3286 lost 38.0 g. Comparing percent change in weight over the course of treatment for each animal showed that HE3286 decreased weight in both the 20 mg/kg group (p < 0.001, compared to vehicle) and 100 mg/kg group (p < 0.001, compared to vehicle; p = 0.042 compared to 20 mg/kg).


Table 2. Weight loss with HE3286 treatment following microbead injection.
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Oral Delivery of HE3286 Has no Effect on Ocular Pressure

Baseline IOP measurements ranged from 19.15 ± 0.50 to 20.29 ± 0.55 mm Hg and were similar for all treatment groups (p = 0.638). Microbead injection elevated IOP in all eyes for the full 28 day period regardless of treatment (Figure 1A). In vehicle-treated rats, elevation was 32.7% compared to saline-injected eyes: 26.69 ± 2.73 vs. 20.12 ± 2.69 mm Hg; p = 0.002 (Figure 1B). Similar increases of 29.6% and 30.0% were observed for the 20 mg/kg HE3286-treated group (26.39 ± 2.51 vs. 20.37 ± 2.68 mm Hg, p = 0.002) and for the 100 mg/kg HE3286-treated group (26.49 ± 2.52 vs. 20.39 ± 2.53 mm Hg, p = 0.002), respectively. Mean IOP of saline eyes did not significantly differ for any treatment group (p = 0.997); the same was true for microbead eyes (p = 0.997).
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FIGURE 1. HE3286 treatment does not lower ocular pressure following microbead occlusion. (A) Mean intraocular pressure (IOP) in rats before (day 0) and following (days ≥1) a single unilateral injection of polystyrene microbeads (5.0 μl) into the anterior chamber. The fellow eye was injected with an equivalent volume saline. (B) Microbead-injected eyes exhibited an increase in IOP following injection (mean ± SEM shown) compared to saline eyes, regardless of treatment. *p ≤ 0.002, n = 6 per treatment group.



HE3286 Rescues Anterograde Axonal Transport to the Superior Colliculus

Deficits in anterograde axonal transport from retina to SC are an early sign of pathogenesis in rodent models of glaucoma, including microbead occlusion (Crish et al., 2010; Lambert et al., 2011; Dapper et al., 2013; Ward et al., 2014). Figure 2 compares the level of intact transport of fluorescently labeled CTB to the SC of vehicle-, 20 mg/kg HE3286-, and 100 mg/kg HE3286-treated rats. Deficits in transport are readily apparent in the SC from microbead-injected eyes of vehicle rats (dotted lines, Figure 2A top row). These deficits tend to fill in complete retinotopic sectors when reconstructed from serial sections through the SC (Figure 2A bottom row), consistent with our previous studies (Lambert et al., 2011; Dapper et al., 2013). Variability in transport was low in SC from saline-injected eyes (Figure 2B), which had similarly intact transport for all groups: 89.2 ± 2.7% for vehicle, 85.8 ± 3.9% for 20 mg/kg HE3286, and 90.9 ± 3.7% for 100 mg/kg HE3286 (Figure 2C; p = 0.593). Elevated IOP due to microbead injection decreased intact transport to the SC in vehicle-treated rats to 57.4 ± 6.0% intact transport (Figure 2C; p = 0.003 compared to saline). Treatment with HE3286 attenuated transport deficits dramatically, as intact transport to the SC from microbead-injected eyes was 71.9 ± 9.8 and 83.0 ± 7.1% for the 20 and 100 mg/kg HE3286 treatment groups, respectively (Figure 2C); neither differed from intact transport from the saline eye (p ≥ 0.270). Compared to SC from microbead-injected eyes in the vehicle group, the improvement was significant for the 100 mg/kg HE3286 cohort (p = 0.025). No difference in SC volume was detected for any groups or any treatments (p = 0.082).
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FIGURE 2. HE3286 treatment rescues axonal transport following microbead occlusion. (A) Coronal sections (top row) through the superior colliculus following intravitreal injection of CTB (green) into saline- and microbead-injected eyes of vehicle- and HE3286-treated rats. Deficits in anterograde transport of CTB (dotted lines) due to microbead-induced elevations in IOP are most apparent in vehicle rats. Representation of the optic disc in the retina (OD) lacks transport due to absence of RGCs. Retinotopic maps (bottom row) reconstructed from serial sections of SC with optic disc indicated (circles). Density of the transported CTB signal ranges from 0% (blue) to 50% (green) to 100% (red). Medial (M) and rostral (R) orientations are indicated. Scale: 500 μm. (B) Intact transport for individual saline- and microbead-injected eyes per treatment group given as fraction of SC retinotopic map with CTB signal ≥70% of the maximum. Two SCs from saline-injected eyes of vehicle-treated rats and one SC from a saline-injected 20 mg/kg HE3286-treated rat were excluded from analysis due to lack of CTB uptake by RGC. (C) Mean level of intact transport in SC was reduced by elevated IOP in vehicle group compared to saline eye (*p = 0.003). Higher dose of HE3286 prevented this reduction (**p = 0.025). n = 4–6 animals per treatment group.



HE3286 Counters the Influence of Elevated IOP Throughout the Optic Projection

Brain-Derived Neurotrophic Factor (BDNF)

Deficits in anterograde transport to the SC of glaucomatous mice is accompanied by significant changes in local neurochemistry, including increased localization of BDNF (Crish et al., 2013). Within the SC of vehicle rats, BDNF also appeared to increase with microbead-induced elevated IOP (Figure 3A, left); treatment with HE3286 (20 mg/kg) appeared to blunt this increase (Figure 3A, right). In the optic nerve head (ONH; Figure 3B), which is a major site of stress in glaucoma (Hernandez, 2000), levels of BDNF appeared similar in saline- and microbead-injected eyes from vehicle treated rats. Treatment with HE3286 (20 mg/kg) appeared to increase BDNF in the ONH of microbead-injected eyes compared to saline. Finally, levels of BDNF in the retina decreased following microbead injection in vehicle-treated rats, with HE3286 again blunting this effect (Figure 3C).
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FIGURE 3. HE3286 treatment influences BDNF levels in optic projection. Confocal micrographs of saline- and microbead-eye tissue from vehicle and HE3286 rats show immunolabeling for BDNF in superior colliculus (SC, A), optic nerve head (ONH, B), and retina (Ret, C), which also shows RGCs labeled by CTB uptake. Dotted lines indicate region of retina where immunolabel was quantified. Scale: 50 μm (A,B) and 20 μm (C). (D) Bar graphs indicate quantification of levels of BDNF in superior colliculus (SC), optic nerve head (ONH), and retina expressed as the microbead:saline ratio for vehicle and HE3286 treatment groups. †Indicates significant departure from expected ratio of unity (p ≤ 0.02), which is indicated (dotted line). *indicates p ≤ 0.042 compared to ratio for vehicle group. n = 6 animals per vehicle treatment group, 5 animals per 20 mg/kg and 100 mg/kg HE3286 groups for SC; n = 3 animals per treatment group for ONH and retina analysis.



When quantified (Figure 3D), the ratio of BDNF in microbead to saline SC for vehicle rats was significantly greater than an expected ratio of unity: 2.34 ± 0.12 (p < 0.001). This ratio was diminished by 70% compared to vehicle in the 20 mg/kg HE3286 group (0.71 ± 0.09; p < 0.001) and by 43% in the 100 mg/kg group (1.34 ± 0.08; p < 0.001). In the ONH (Figure 3D, middle), the ratio of microbead to saline BDNF increased with 20 mg/kg HE3286 by 69%: 1.43 ± 0.20 vs. 0.84 ± 0.16 for vehicle (p = 0.042). The 34% increase in this ratio for the 100 mg/kg dose was not significant compared to vehicle (0.93 ± 0.12; p = 0.66). Finally, in the retina, treatment with HE3286 increased the microbead:saline ratio of BDNF by 282% in the 20 mg/kg group (0.64 ± 0.05) and by 501% in the 100 mg/kg group (1.00 ± 0.05) when compared to vehicle (0.17 ± 0.04; p < 0.002); the 100 mg/kg HE3286 ratio was significantly below an expected ratio of unity (p = 0.02). Thus, as microbead-induced elevations in IOP degrade anterograde transport in the optic projection, HE3286 treatment generally has the effect of opposing the change in BDNF levels induced by elevated IOP.

Note that for BDNF and all other immunolabeled proteins we quantified, the total SC area for saline (7.013 ± 0.006 mm2) and microbead (7.017 ± 0.003 mm2) eyes or vehicle (7.019 ± 0.002 mm2) and HE3286 groups (7.012 ± 0.005 mm2) did not vary (p ≥ 0.088). Similarly, total area quantified in the nerve head did not vary between saline (7.019 ± 0.002 mm2) and microbead (7.022 ± 0.002 mm2) eyes or between vehicle (7.018 ± 0.003 mm2) and HE3286 groups (7.022 ± 0.002 mm2; p > 0.279). Finally, total area quantified in the retina was similar between saline (2.756 ± 0.203 mm2) and microbead (2.712 ± 0.198 mm2) eyes or between vehicle (2.996 ± 0.204 mm2) and HE3286 (2.603 ± 0.199 mm2; p > 0.076) groups.

Microglia Activation

Given HE3286's proposed anti-inflammatory action and the contribution of microglia as neuroinflammatory mediators in glaucoma, we examined how treatment influences levels of ionized calcium-binding adapter molecule 1 (Iba1), a microglia-specific marker (Ito et al., 1998; Soto and Howell, 2014; Mac Nair and Nickells, 2015). In the SC, microbead-induced elevated IOP elicited a modest increase in Iba1 levels in vehicle animals, which was mitigated by HE3286 (Figure 4A). In the ONH, elevated IOP sharply increased Iba1, which again was prevented in the HE3286 group (Figure 4B). Iba1 appeared elevated in microbead retina from vehicle-treated rats, while treatment with HE3286 had the opposite effect (Figure 4C). The influence of HE3286 was significant in all three tissues (Figure 4D). Treatment with the 20 mg/kg dose of HE3286 reduced the ratio of Iba1 in microbead to saline SC by 63%: 0.84 ± 0.11 compared to 1.29 ± 0.19 for vehicle (p = 0.037). The 100 mg/kg dose had a similar influence (0.86 ± 0.17, p = 0.061). The microbead:saline ratio of Iba1 in ONH for vehicle rats was significantly greater than an expected ratio of unity: 1.56 ± 0.12 (p = 0.045). This ratio was diminished by 83% in the 20 mg/kg HE3286 group (0.27 ± 0.03; p = 0.005); 100 mg/kg HE3286 had far less effect (1.09 ± 0.27; p = 0.193). For vehicle retina, the Iba1 microbead to saline ratio was significantly more than 1 (1.42 ± 0.04; p = 0.007). Treatment with both 20 mg/kg and 100 mg/kg HE3286 decreased this ratio compared to vehicle: 1.09 ± 0.08 for the 20 mg/kg group (p = 0.018) and 0.99 ± 0.07 (p = 0.009) for the 100 mg/kg group.


[image: image]

FIGURE 4. HE3286 treatment influences Iba1-labeled microglia in optic projection. Confocal micrographs of saline- and microbead-injected tissue from vehicle and HE3286 rats show immunolabeling for the microglia marker Iba1 in superior colliculus (SC, A), optic nerve head (ONH, B), and retina (Ret, C), which also shows RGCs labeled by CTB uptake. Dotted lines indicate region of retina where immunolabel was quantified. Scale: 50 μm (A,B) and 20 μm (C). (D) Bar graphs indicate quantification of Iba1 in superior colliculus (SC), optic nerve head (ONH), and retina expressed as the microbead:saline ratio for vehicle and HE3286 treatment groups. † indicates significant departure from expected ratio of unity (p ≤ 0.045), which is indicated (dotted line). *Indicates p ≤ 0.037 compared to ratio for vehicle group. n = 6 animals per vehicle treatment group, 5 animals per 20 mg/kg and 100 mg/kg HE3286 groups for SC; n = 3 animals per treatment group for ONH and retina analysis.



Markers of Neuroinflammation or Neurodegeneration

Other significant markers implicated in neuroinflammation or neurodegeneration were also modulated in the optic projection by HE3286. Interleukin 6 (IL6) is a pro-inflammatory cytokine that can promote RGC survival (Matousek et al., 2012; Song et al., 2013). In the SC of vehicle rats, IL6 localization appeared to diminish with elevated IOP; this was reversed with HE3286 (Figure 5A). The p75 neurotrophin receptor is a member of the tumor necrosis factor receptor family and has diverse roles in neuronal activity, plasticity, and injury response (Meeker and Williams, 2015). We found that p75 levels increased within the ONH of microbead eyes from vehicle rats; treatment with 20 mg/kg HE3286 prevented this increase (Figure 5B). Finally, amyloid precursor protein (APP) is cleaved to form β-amyloid, a major component of amyloid plaques. Recent evidence suggests this protein and its cleaved products may be involved in the pathogenesis of glaucoma (Jain and Aref, 2015). HE3286 appeared to increase APP levels in saline-injected eyes (Figure 5D). We found that microbead-induced elevations in IOP increased APP in the optic nerve head (Figure 5C) and retina (Figure 5D) of vehicle rats. In both tissues, HE3286 prevented this increase.
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FIGURE 5. HE3286 treatment influences other degenerative markers in optic projection. Confocal micrographs of saline- and microbead-injected tissue from vehicle and HE3286 rats show immunolabeling for IL6 in superior colliculus (SC, A), p75 in optic nerve head (ONH, B), and APP in optic nerve head (ONH, C) and retina (Ret, D), which also shows RGCs labeled by CTB uptake. Dotted lines indicate region of retina where immunolabel was quantified. Scale: 50 μm (A–C) and 20 μm (D). Bar graphs (E–H) indicate quantification of each of these markers in the specified tissue expressed as the microbead:saline ratio for vehicle and HE3286 treatment groups. SC: superior colliculus; ONH: optic nerve head. †Indicates significant departure from expected ratio of unity (p ≤ 0.047), which is indicated (dotted line). *indicates p ≤ 0.027 compared to ratio for vehicle group. n = 6 animals per vehicle treatment group, 5 animals per 20 mg/kg and 100 mg/kg HE3286 groups for SC; n = 3 animals per treatment group for ONH and retina analysis.



When quantified (Figure 5E), the ratio of IL6 in microbead to saline SC was significantly less than an expected value of unity: 0.55 ± 0.08 (p = 0.005). This trend was reversed by 100 mg/kg HE3286, which increased the IL6 ratio by 219% compared to vehicle: 1.75 ± 0.51 (p = 0.047). In the ONH (Figure 5F), the microbead to saline ratio for p75 was also significantly higher than unity: 2.41 ± 0.15 (p = 0.011). Treatment with both 20 mg/kg and 100 mg/kg HE3286 prevented the increase with elevated IOP, reducing the ratio by 58% (1.02 ± 0.14; p = 0.002) and 66% (0.82 ± 0.14; p = 0.001), respectively, compared to vehicle. For APP in ONH (Figure 5G), treatment with 20 mg/kg HE3286 decreased the microbead to saline ratio by 53% compared to vehicle: 5.71 ± 1.15 vs. 12.13 ± 1.49 (p = 0.027). Similarly, 100 mg/kg HE3286 elicited a 54% decrease to 5.63 ± 0.84 (p = 0.019). In the retina (Figure 5H), elevated IOP significantly increased the microbead to saline ratio for APP well above an expected ratio of unity: 8.05 ± 0.81 (p = 0.013). Treatment with HE3286 significantly decreased the ratio by 97 and 94% for the 20 mg/kg and 100 mg/kg doses, respectively, compared to vehicle (p < 0.001). Both the ratio for 20 mg/kg HE3286 (0.25 ± 0.05) and 100 mg/kg HE3286 (0.48 ± 0.14) were significantly lower than unity (p ≤ 0.035).

As with BDNF (Figure 3) and Iba1 (Figure 4), in each of the cases illustrated in Figure 5, treatment with one or both doses of HE3286 tended to oppose the action of elevated IOP in the vehicle cohort, as indicated by the directionality of the change in the microbead:saline ratio for each. If the ratio >1 in vehicle tissue, HE3286 treatment pushed the ratio below unity; if the vehicle ratio <1, HE3286 increased the ratio above unity. This tendency held for other proteins we tested in SC, ONH, and retina and for which HE3286 elicited a significant change in expression level. These results are summarized in Table 3.


Table 3. Significant HE3286-induced changes in expression compared to vehicle.
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HE3286 Modulates Common Pathogenic Markers for Glaucoma in the Retina

Next we examined how HE3286 treatment influences localization of common markers for neurodegeneration in glaucomatous retina. Ceruloplasmin (Cp) is a positive acute phase protein upregulated during inflammation (Denko, 1979; Goldstein et al., 1979). In vehicle retina, Cp increased dramatically with microbead-induced elevated IOP; HE3286 prevented this increase (Figure 6A). Interleukin 1β (IL1β) is a pro-inflammatory cytokine that can promote neurodegeneration or protection depending on whether the injury is acute or chronic (Matousek et al., 2012; Song et al., 2013). In vehicle retina, IL1β decreased with elevated IOP (Figure 6B, left). While treatment with 20 mg/kg HE3286 further reduced expression (images not shown), 100 mg/kg HE3286 reversed this trend (Figure 6B, right). In vehicle retina, elevated IOP appeared to increase expression of C1q, an early component of the classical complement pathway, especially in CTB-labeled RGCs (Figure 6C, left). This too was prevented by 100 mg/kg HE3286 (Figure 6C, right). Finally, we also tested localization of choline acetyltransferase (ChAT), a marker for cholinergic amacrine cell neurons, to determine if HE3286 affects levels of common proteins not typically associated with glaucoma progression. Neither elevated IOP nor treatment appeared to influence localization levels (Figure 6D), which were consistent with other studies (Kang et al., 2004; Feng et al., 2006; Samuel et al., 2011).
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FIGURE 6. HE3286 treatment influences retinal expression of common pathogenic markers. Confocal micrographs of saline- and microbead-injected from vehicle and HE3286 rats show immunolabeling in retina (Ret) for ceruloplasmin (Cp, A), interleukin 1β (IL1β, B), and C1q, the first component of the classical complement pathway (C). Localization of amacrine cell neurons specific for ChAT (choline acetyltransferase) is shown for comparison (D). CTB-labeled RGCs are shown in each panel. Dotted lines indicate region of retina where immunolabel was quantified. Scale: 20 μm (A,B,D) or 10 μm (C). Bar graphs (E–H) indicate quantification of each of these markers expressed as the microbead:saline ratio for vehicle and HE3286 treatment groups. †Indicates significant departure from expected ratio of unity (p ≤ 0.037), which is indicated (dotted line). *indicates p ≤ 0.033 compared to ratio for vehicle group. n = 3 animals per treatment group.



When quantified, the ratio of Cp in microbead to saline retina in the vehicle group was well above an expected value of unity: 4.61 ± 0.49 (p = 0.018; Figure 6E). Treatment with HE3286 abated this increase by 80% compared to vehicle in the 20 mg/kg group (0.92 ± 0.29; p = 0.003) and by 96% in the 100 mg/kg group (0.18 ± 0.03; p < 0.001). For IL1β (Figure 6F), elevated IOP significantly reduced levels compared to saline retina in the vehicle group, yielding a ratio of 0.28 ± 0.02 (p = 0.001). Treatment with 20 mg/kg HE3286 further reduced IL1β by 76% (0.07 ± 0.04; p = 0.009). However, 100 mg/kg HE3286 had the opposite effect, increasing levels by 440% compared to vehicle (1.49 ± 0.14; p = 0.001). Elevated IOP in vehicle rats significantly increased levels of C1q compared to saline retina: 1.225 ± 0.061 (p = 0.033, Figure 6G). While 20 mg/kg HE3286 had little effect (1.430 ± 0.096), 100 mg/kg HE3286 significantly reduced the C1q microbead to saline ratio compared to vehicle: 0.037 ± 0.007 (p < 0.001). As expected, levels of ChAT were the same in saline and microbead retinas in all treatment groups (Figure 6H, p ≥ 0.461).

HE3286 Changes NFκB Localization in the Optic Projection

One proposed mechanism of action for HE3286 is to modulate the transcription factor NFκB, which translocates to the nucleus when activated (Offner et al., 2009). Using an antibody with proven efficacy in brain (Herkenham et al., 2011; Figure 7A), we examined and quantified the degree of nuclear localization of NFκB in SC, optic nerve head, and retina. In vehicle-treated rats, NFκB localized both within and external to nuclei in SC; microbead SC appeared to have less nuclear localization (Figure 7B). Treatment with HE3286 increased NFκB particularly in microbead SC. Within the ONH (Figure 7C), microbead-induced elevations in IOP increased NFκB in nuclei for the vehicle group; this was prevented with HE3286 treatment. In retinal sections (Figure 7D), elevated IOP had little effect on NFκB localization. However, HE3286 appeared to increase NFκB translocation, particularly in RGCs of microbead retina.
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FIGURE 7. HE3286 modulates NFκB nuclear localization in the optic projection. (A) Confocal micrograph of a coronal section through naïve rat SC shows localization of NFκB (green) both outside and within DAPI-labeled nuclei (blue). Lines indicate location of orthogonal rotations through nuclei. Scale: 10 μm. Representative images (single optical plane) of superior colliculus (SC, B), optic nerve head (ONH, C) and retina (Ret, D) from vehicle and HE3286 rats shows localization of NFκB (green) both within (arrows) and external to (arrowhead) DAPI-stained nuclei. INL: inner nuclear layer of retina; GCL: ganglion cell layer. Scale: 10 μm. Bar graphs show nuclear localization of NFκB in SC (E), optic nerve head (ONH, F), and retina (G) expressed as the ratio of microbead:saline in vehicle and HE3286 treated tissue; ratio of 1, or unity, indicated by dotted line. †Indicates significant departure from expected ratio of unity (p ≤ 0.026). *Indicates p ≤ 0.044 compared to ratio for vehicle group. n = 5 animals per treatment group.



Using an established algorithm (Carmona et al., 2007; Schneider et al., 2012), we quantified the degree of nuclear localization of NFκB as the ratio of levels in tissue from microbead to saline eyes (Figures 7E–G). For SC (Figure 7E), this ratio was significantly lower than an expected value of 1 for vehicle rats (p = 0.006), consistent with our qualitative observation (Figure 7B). Treatment with HE3286 reversed this trend as we found that the ratio of microbead to saline nuclear NFκB increased 77% (1.25 ± 0.09) in rats treated with 20 mg/kg HE3286 and by 39% (0.99 ± 0.09) in rats treated with 100 mg/kg HE3286; both changes were significant compared to vehicle (0.71 ± 0.5; p ≤ 0.031). In the ONH (Figure 7F), NFκB in nuclei increased significantly with microbead elevations in IOP for the vehicle group (1.50 ± 0.18; p = 0.047). Treatment with 100 mg/kg HE3286 decreased the ratio of microbead to saline levels by 35% (0.97 ± 0.12), which was significant compared to vehicle (p = 0.038). Treatment with 20 mg/kg HE3286 had little effect compared to vehicle (1.41 ± 0.22; p = 0.753). Similar to the SC, nuclear NFκB in the retina increased with IOP elevation for the HE3286 treatment groups (Figure 7G). Treatment with 100 mg/kg HE3286 caused a 62% increase (1.47 ± 0.14) compared to the microbead:saline ratio in vehicle (0.90 ± 0.25; p = 0.044); this was also significantly different from an expected ratio of 1 (p = 0.031). The 20 mg/kg HE3286 dose also increased NFκB nuclear labeling in microbead retina (1.368 ± 0.185), but the 51% increase was not significant both compared to vehicle (p = 0.087) and to an expected ratio of unity (p = 0.117).

NFκB activation can promote degeneration or survival depending on the cell type (e.g., glia vs. neurons; Mattson and Camandola, 2001). In SC from each treatment group, NFκB localized to nuclei of GFAP-labeled astrocytes (Figure 8A), Iba1-labeled microglia (Figure 4B), and neurons labeled by NeuN or pNFH (Figures 8C,D). Whether nuclear localization was glial or neuronal did not appear to be influenced by elevated IOP in the vehicle cohort, since SC from saline and microbead eyes showed both. NFκB localization in neuronal nuclei did appear to increase with elevated IOP in HE3286-treated rats, consistent with the overall increase in NFκB we observed earlier (Figures 7B,E).


[image: image]

FIGURE 8. NFκB localizes to both neuronal and glial nuclei in superior colliculus. Representative confocal images of NFκB in the superior colliculus (SC) of vehicle- and HE3286-treated rats with all nuclei indicated (DAPI). Sections were also labeled for astrocytes (A, GFAP), microglia (B, Iba1), or neurons using antibodies against either NeuN (C) or phosphorylated neurofilament heavy (pNFH; D). Representative nuclei from each cell class demonstrated NFκB localization (arrows). Insets (solid white, B) show region contained within dashed box with red channel removed to better visualize nuclear localization of NFκB. Scale: 10 μm.



Within the ONH, the majority of NFκB appeared to localize in the cytoplasm surrounding DAPI-labeled nuclei, though nuclei of some astrocytes (Figure 9A) and microglia (Figure 9B) contained NFκB. Consistent with the overall increase within the ONH (Figures 7C,F), microbead-induced elevated IOP appeared to increase glial NFκB nuclear localization in vehicle rats, which was attenuated by HE3286. In retina, nuclei of RGCs identified by CTB uptake and GFAP-labeled astrocytes also demonstrated NFκB localization (Figures 9C,D). Elevated IOP appeared to decrease nuclear NFκB in vehicle rats, with HE3286 treatment reversing this trend. Again, this finding is consistent with the overall trend of NFκB localization we quantified in retina (Figures 7D,G).
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FIGURE 9. NFκB localizes to glial nuclei in optic nerve head and to glial and neuronal nuclei in retina. Representative confocal images of NFκB (green) localization in DAPI-stained nuclei of astrocytes (A, GFAP) and microglia (B, Iba1) in optic nerve head (ONH) of vehicle- and HE3286-treated rats. Inset in (B) is region contained within dashed box with red channel removed to better visualize nuclear localization of NFκB. In retina (C,D), NFκB localizes to nuclei of RGCs with CTB uptake and GFAP-labeled astrocytes within the retina (Ret). Arrows indicate cells positively-identified by specific label. Scale: 10 μm.



HE3286 Decreased Retinal Thickness in Rats with Induced Ocular Hypertension

While examining vertical retinal sections following immunohistochemistry, we noted what appeared to be a decrease in retinal thickness within the mid-peripheral region of the retina in rats treated with HE3286 compared to vehicle (Figure 10A). To examine this further, we measured retinal thickness across groups and retinal locations. Comparing mean retinal thickness (Figure 10C) showed that for vehicle-treated and 20 mg/kg HE3286-treated rats, retinal thickness was decreased in microbead-injected eyes compared to saline-injected eyes, but this difference was not significant (vehicle: 132.51 ± 1.47 vs. 130.93 ± 1.99 μm, p = 0.557; 20 mg/kg dose: 116.35 ± 2.50 vs. 111.47 ± 2.11 μm, p = 0.21). In contrast, rats treated with 100 mg/kg HE3286 had significantly thinner retinas in saline-injected eyes (87.70 ± 0.59 μm) compared to microbead-injected eyes (96.91 ± 0.98 μm; p = 0.001). Comparing saline-injected eyes across the groups showed that treatment with HE3286 decreased retinal thickness 12–34% compared to treatment with vehicle (p < 0.005). Similarly, retinal thickness decreased 15–26% in microbead eyes treated with HE3286 compared to vehicle (p < 0.002). Retinal thinning was dependent on dosage, as a 13–25% decrease was observed in eyes that received 100 mg/kg HE3286 compared to 20 mg/kg (p < 0.003). To determine if retinal thinning involved neuronal loss, we counted RGCs that were positive for CTB uptake and DAPI nuclear labeling and measured the thickness of the inner nuclear and outer nuclear layers of the retinas (Figure 10D). Treatment with HE3286 did not reduce the number of RGCs in 20 mg/kg (3.14 × 10−4 ± 7.77 × 10−6 RGCs/μm2) or 100 mg/kg (3.16 × 10−4 ± 7.48 × 10−6 RGCs/μm2) HE3296-treated retinas compared to vehicle-treated retinas (3.14 × 10−4 ± 6.91 × 10−6 RGCs/μm2; p > 0.963). In contrast, HE3286 treatment reduced INL thickness 16% for the 20 mg/kg dose (14.1 ± 0.2 μm) and 21% for the 100 mg/kg dose (13.2 ± 0.1 μm) compared to vehicle (16.8 ± 0.3 mm; p < 0.001). This response was dose-dependent, as 100 mg/kg HE3286 reduced INL thickness a further 6% compared to 20 mg/kg (p = 0.029). A similar reduction in ONL thickness was observed at the higher dose of HE3286 (27.1 ± 0.2 μm) compared to vehicle (33.6 ± 0.4 μm) or the 20 mg/kg dose (33.4 ± 0.6 μm; p > 0.001)
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FIGURE 10. HE3286 treatment decreases retinal thickness. (A) Confocal images of vertical retinal sections from vehicle- and HE3286-treated rats showing CTB uptake (green), immunolabeling for APP (red), and DAPI-labeled nuclei (blue). All images were captured in the mid-peripheral region of the retina. Dotted lines show retinal thickness from nerve fiber layer (NFL) to the retinal pigmented epithelial layer (RPE). Scale bar: 30 μm. PRL: photoreceptor layer. (B) Higher magnification of retinal section with same markers demonstrating how total retinal thickness (RT), inner nuclear layer thickness (INLT) and outer nuclear layer thickness (ONLT) were measured. RGCs positive for CTB and DAPI (arrows) were counted. Scale bar: 20 μm. ILM: inner limiting membrane. (C) Bar graph showing HE3286 treatment decreased retinal thickness. *p < 0.005 compared to vehicle; †p < 0.003 compared to 20 mg/kg HE3286; **p = 0.0013; n = 8 images per animal, three animals per treatment group. (D) Bar graphs showing HE3286 did not reduce RGC number, but did result in thinning of INL and ONL. *p < 0.001 compared to vehicle; †p < 0.029 compared to 20 mg/kg HE3286 for INL thickness. *p < 0.001 compared to vehicle; †p < 0.001 compared to 20 mg/kg HE3286 for ONL thickness. n = 8 images per animal, three animals per treatment group.



DISCUSSION

In this study, we examined the therapeutic potential of a sterol derivative, HE3286, in an inducible model of glaucoma. Daily oral gavage with either 20 mg/kg or 100 mg/kg HE3286 did not affect IOP following microbead or saline injection. Even so, treatment with HE3286 did have tremendous influence on outcomes typically associated with IOP-related axonopathy. We found that HE3286 (1) preserved anterograde axonal transport of CTB from the retina to the superior colliculus in microbead-injected eyes, (2) countered the influence of elevated IOP throughout the optic projection with respect to levels of BDNF, Iba1 and other proteins associated with neuroinflammation and neurodegeneration, (3) modulated pathogenic markers of glaucoma within the retina, (4) increased NFκB localization to neuronal nuclei in the superior colliculus and retina, and (5) decreased NFκB localization to glial nuclei in the optic nerve head.

HE3286 treatment also resulted in weight loss and retinal thinning. In a safety and pharmacokinetic study, Ahlem et al. found that HE3286 had no adverse effects in chronic toxicity studies and was not immunosuppressive (Ahlem et al., 2011). Male rats that received daily oral gavage of 100 to 400 mg/kg HE3268 consumed less food and gained less weight than rats treated with vehicle, but showed no corresponding pathology or other effects on general health (Ahlem et al., 2011). We observed a similar weight loss (Table 2), with rats that received HE3286 losing ~6–10% of their body weight over the course of the study. We observed no adverse effects to general health (e.g., piloerection, hunched posture, decreased responsiveness, labored breathing, sudden lethargy, changes in muscle tone) other than weight loss. We did, however, note thinning of the retina and nuclear layers in rats that received HE3286 (Figure 10). Retinal thickness in vehicle treated rats (~130 μm) was similar to what has been previously reported (Cavallotti et al., 2001; Jiao et al., 2013). Regardless of microbead treatment, retinas from rats treated with HE3286 were 12–34% thinner than rats that received vehicle. This could be a side effect of sterol treatment, as Razali et. al. reported reduced retinal thickness in a model of steroid induced ocular hypertension in rats (Razali et al., 2015). However, HE3286 is not a glucocorticoid or glucocorticoid mimetic, nor does it bind the glucocorticoid nuclear hormone receptor (Ahlem et al., 2011), so this explanation is unlikely. Also, HE3286 treatment did not elevate IOP (Figure 1), which other steroids can do (Razeghinejad and Katz, 2012).

Loss of retinal neurons can lead to thinning of the retina and has been observed in many neurodegenerative disorders or their models, including glaucoma, Alzheimer's disease, multiple sclerosis, and Parkinson's disease (Lee et al., 2014; Vidal-Sanz et al., 2015; Gupta et al., 2016; Knier et al., 2016a). The retinal thinning seen following HE3286 treatment is unlikely to be due to RGC loss, as counts of CTB+/DAPI+ cells (RGCs) in the ganglion cell layer showed no significant differences between vehicle- and HE3286-treated retinas. This was not surprising as RGC soma loss occurs late in the progression of glaucoma (Buckingham et al., 2008; Calkins, 2012). We did see significant thinning of the INL and ONL with HE3286 treatment. This could be a sign of effective treatment. Interestingly, thickening of the INL has been noted in multiple sclerosis patients and correlates with inflammatory disease severity and disease progression (Saidha et al., 2015; Knier et al., 2016a). This increase in INL volume is thought to be due to retinal inflammation; reducing inflammation via immunomodulatory therapy results in thinning of the INL (Saidha et al., 2015; Knier et al., 2016a,b). HE3286 treatment decreased levels of inflammatory markers in this study (Figures 4–6, Table 3). Thinning of the INL and ONL by HE3286 (Figure 10) may reflect a lower inflammatory response in these tissues.

In addition to preserving anterograde axonal transport (Figure 2), HE3286 also mitigated other indicators of dysfunction. For example, treatment with HE3286 resulted in a lack of BDNF elevation in the SC (Figures 3A,D). In a previous study, we observed focal increases in BDNF in regions of the SC where anterograde transport was depleted due to elevated IOP (Crish et al., 2013). Upregulation of BDNF in glaucoma is likely to result from retinorecipient targets responding to glaucoma-relevant stress to improve RGC survival (Chen and Weber, 2004; Lebrun-Julien and Di Polo, 2008; Weber et al., 2010). HE3286's preservation of anterograde transport prevented the need to increase BDNF in the SC, implying that restoration of RGC function (i.e., axonal transport) arrests the complex downstream cascades of gliosis and neuroinflammation normally observed in this condition. Conversely, HE3286 treatment also increased BDNF in the ONH and retina (Figures 3B–D). Neurotrophic factor deprivation due to impaired neurotrophin transport from the brain to the retina is a longstanding hypothesis in the pathogenesis of RGC degeneration in glaucoma (Johnson et al., 2011). Increased BDNF in the optic nerve and retina with IOP elevations suggests that HE3286 acts on the neurotrophin system, either directly, or indirectly by increasing transport, to preserve RGCs (Crish et al., 2013). Whether HE3296 increases BDNF by affecting the trafficking of BDNF or by stimulating local production of BDNF in the retina and optic nerve remains to be determined (Johnson et al., 2011; Crish and Calkins, 2015).

Treatment with HE3286 modulated other proteins implicated in neuroinflammation or neurodegeneration within the optic projection (Figures 5, 6, Table 3). For certain proteins, one dose of HE3286 appeared more effective than the other; this has been observed previously for HE3286 (Ahlem et al., 2009). HE3286 may be more effective at regulating signaling pathways or maintaining homeostasis in a specific tissue at one dose versa another. Microglia become activated in response to injury and upregulate a variety of proteins, including Iba1 (Kreutzberg, 1996; Ito et al., 1998; Soto and Howell, 2014; Mac Nair and Nickells, 2015). Levels of Iba1 were elevated in the SC, ONH, and retina of vehicle-treated rats; this is not surprising since microglial activation has been observed in the optic projection in glaucoma (Wang et al., 2000; Yuan and Neufeld, 2001; Imamura et al., 2009; Ebneter et al., 2010; Shimazawa et al., 2012). HE3286 reduced Iba1 expression in all tissues examined, suggesting it abated microglia activation; a similar effect on microglia was observed in a model of optic neuritis (Khan et al., 2014). Treatment with HE3286 also reduced IL6 levels in the retina and levels of IL6Rαm and TNFα in ONH. Activated microglia produce these pro-inflammatory proteins during glaucoma pathogenesis (Tezel et al., 2001; Sappington and Calkins, 2008; Roh et al., 2012; Sims et al., 2012; Cueva Vargas et al., 2015; Wilson et al., 2015), so it's not unexpected that HE3286 would curb their expression in our model. Interestingly, HE3286 increased levels of IL6 within the SC and IL1β in the retina. While associated with neuroinflammation and implicated in neurodegeneration, both IL6 and IL1β have been shown to be neuroprotective under certain conditions (Sappington et al., 2006; Biber et al., 2008; Chidlow et al., 2012; Matousek et al., 2012; Noguchi et al., 2013; Song et al., 2013; Madeira et al., 2015; Wilson et al., 2015). HE3286 also increased APP levels in saline-injected eyes (Figure 5D). HE3286 is a synthetic derivative of a DHEA metabolite (Ahlem et al., 2011). DHEA levels have been linked to Alzheimer's disease, but the exact role of this neurosteroid in disease progression is currently under debate (Kim et al., 2003; Naylor et al., 2008; Aldred and Mecocci, 2010; Hampl and Bicikova, 2010; Rasmuson et al., 2011). DHEA treatment was neuroprotective in a rat model of AD, and in vitro DHEA increases the expression of APP and its cleavage to non-amyloidogenic fragments (Danenberg et al., 1996; Aly et al., 2011). It is possible the increase in APP levels observed in HE3286-treated saline-injected eyes is the result of DHEA-like APP processing. APP can be neuroprotective in some cases (Yankner et al., 1989; Schubert and Behl, 1993; Mucke et al., 1994; Allinquant et al., 1995; Zheng and Koo, 2011). Future studies could include elucidating the effects of HE3286 on APP and its processing in glaucoma and other neurodegenerative diseases. Finally, HE3286 decreased APP and p75 in the ONH and retina, and dramatically reduced ceruloplasmin and C1q expression in the retina of microbead-injected eyes. Each of these factors has been implicated in RGC death, or has been shown to be elevated in the retina and optic nerve in human glaucomatous tissue and/or in models of glaucoma (Stasi et al., 2006, 2007; Goldblum et al., 2007; Stevens et al., 2007; Wei et al., 2007; Lebrun-Julien et al., 2009; Kipfer-Kauer et al., 2010; Howell et al., 2011, 2014; Ding et al., 2012; Meeker and Williams, 2015). Taken as a whole, it appears HE3286 mitigates the neuroinflammatory response by dampening microglial activation.

The expression of TNFα, IL6, APP in neurons and glia, as well as the production of β-amyloid, and the activation of microglia can all be regulated by NFκB activation (Mattson and Camandola, 2001; Camandola and Mattson, 2007). A suggested mechanism of action for HE3286 is the regulation of NFκB activity (Auci et al., 2007; Ahlem et al., 2009, 2011; Offner et al., 2009). NFκB is a transcription factor activated by a wide range of stimuli that in turn regulates the expression of genes involved inflammation, immune response, cell survival and cell death (Gilmore, 2008; Hayden and Ghosh, 2008; Lawrence, 2009). Activated NFκB translocates to the nucleus, and we observed nuclear localization of NFκB in neurons and glia within the optic projection of vehicle- and HE3286-treated rats following IOP elevation (Figures 7–9). Similar activation of NFκB in the visual pathway has been observed following injury and in models of glaucoma (Choi et al., 1998; Agapova et al., 2006; Haenold et al., 2014). Treatment with HE3286 increased NFκB localization in neuronal nuclei within the SC and retina and decreased NFκB localization in ONH glial nuclei in microbead-injected eyes. This cell-specific NFκB activation may explain the beneficial outcomes observed in HE3286-treated rats; NFκB activation in glial cells promotes neuronal degeneration, while activation in neurons promotes survival (Mattson and Camandola, 2001; Camandola and Mattson, 2007). Activated NFκB can enhance mitochondrial bioenergetics and prevent peripheral neuropathy in rodent models of diabetes (Saleh et al., 2013). Increased NFκB localization to RGC nuclei in HE3286-treated microbead-injected eyes may protect these neurons metabolically (Kong et al., 2009; Baltan et al., 2010; Lee et al., 2011; Coughlin et al., 2015; Kleesattel et al., 2015; Fahy et al., 2016), such that axonal transport is preserved compared to vehicle-treated eyes (Figure 2). Whether or not HE3286 maintains RGC functionality could be assessed using outcomes such as visual evoked potentials, electroretinogram, or two-alternative forced-choice visual behavioral testing in this or other models of glaucoma.

HE3286 has produced therapeutic benefits in various models of inflammatory disease, in a model of Parkinson's and in clinical trials for diabetic complications (Auci et al., 2007, 2010; Ahlem et al., 2009; Offner et al., 2009; Conrad et al., 2010; Lu et al., 2010; Kosiewicz et al., 2011; Nicoletti et al., 2012; Reading et al., 2013a,b; Khan et al., 2014). HE3286 has been well tolerated and has presented no adverse effects in human trials (Reading et al., 2013a,b). We observed positive therapeutic outcomes in terms of anterograde axonal transport, the expression of proteins associated with neuroinflammation, neurodegeneration, and glaucoma pathogenesis, and NFκB activation. The results of this study suggest HE3286 provides neuroprotection to RGCs and their axons, which helps preserve function in these neurons following exposure to elevated ocular pressure. This neuroprotection could be due to caloric restriction (Table 2), as has been observed in a mouse model of glaucoma (Guo et al., 2016). However, HE3286's anti-inflammatory activity has been observed in vitro and in mice without weight loss compared to vehicle controls, and in humans without caloric restriction or weight loss (Wang et al., 2010; Reading et al., 2013b). A matched feeding experimental design would be needed to understand the potential contribution of reduced caloric intake in our glaucoma model, but prior evidence in other models suggest the current results are not predominately a result of caloric restriction. Glaucoma shares many common features with other neurodegenerative diseases (Crish and Calkins, 2011; Mckinnon, 2012; Ghiso et al., 2013; Jindal, 2013; Danesh-Meyer and Levin, 2015; Jain and Aref, 2015). Given the number of people currently with or likely to develop glaucoma in the near future, the commonalities between glaucoma and other age-related neurodegenerative diseases, and that HE3286 is already being tested in clinical trials, further studies on HE3286 and the mechanism of its action in the central nervous system is warranted.
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Neurodegeneration in glaucoma results in decline and loss of retinal ganglion cells (RGCs), and is associated with activation of myeloid cells such as microglia and macrophages. The chemokine fractalkine (FKN or Cx3cl1) mediates communication from neurons to myeloid cells. Signaling through its receptor Cx3cr1 has been implicated in multiple neurodegenerative diseases, but the effects on neuronal pathology are variable. Since it is unknown how FKN-mediated crosstalk influences RGC degeneration in glaucoma, we assessed this in a chronic mouse model, DBA/2J. We analyzed a DBA/2J substrain deficient in Cx3cr1, and compared compartmentalized RGC degeneration and myeloid cell responses to those in standard DBA/2J mice. We found that loss of FKN signaling exacerbates axon transport dysfunction, an early event in neurodegeneration, with a significant increase in RGCs with somal accumulation of the axonal protein phosphorylated neurofilament, and reduced retinal expression of genes involved in axon transport, Kif1b, and Atp8a2. There was no change in the loss of Brn3-positive RGCs, and no difference in the extent of damage to the proximal optic nerve, suggesting that the loss of fractalkine signaling primarily affects axon transport. Since Cx3cr1 is specifically expressed in myeloid cells, we assessed changes in retinal microglial number and activation, changes in gene expression, and the extent of macrophage infiltration. We found that loss of fractalkine signaling led to innate immune changes within the retina, including increased infiltration of peripheral macrophages and upregulated nitric oxide synthase-2 (Nos-2) expression in myeloid cells, which contributes to the production of NO and can promote axon transport deficits. In contrast, resident retinal microglia appeared unchanged either in number, morphology, or expression of the myeloid activation marker ionized calcium binding adaptor molecule 1 (Iba1). There was also no significant increase in the proinflammatory gene interleukin 1 beta (Il1β). We conclude that loss of fractalkine signaling causes a selective worsening of axon transport dysfunction in RGCs, which is linked to enhanced Nos-2 expression in myeloid cells. Our findings suggest that distinct mechanisms may contribute to different aspects of RGC decline in glaucoma, with axonal transport selectively altered after loss of Cx3cr1 in microglia and/or macrophages.
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INTRODUCTION

The myeloid innate immune system has long been of interest in the field of neurodegeneration, not only as a responder to neuronal stress and damage but also as a driver of neurodegeneration (Ilieva et al., 2009; Czeh et al., 2011). This is also the case for diverse neurodegenerative ocular diseases, including glaucoma (Karlstetter et al., 2015). In glaucoma, retinal ganglion cells (RGCs) progressively degenerate, with the different neuronal compartments (soma, axon, dendrites, and synapses) declining at different times and potentially by different mechanisms (Libby et al., 2005a; Whitmore et al., 2005; Conforti et al., 2007; Howell et al., 2007; Calkins, 2012; Fernandes et al., 2014). In addition, multiple studies in human and experimental glaucoma suggest a link between the progressive deterioration of RGCs and alterations of glial cell types (Yuan and Neufeld, 2001; Naskar et al., 2002; Neufeld and Liu, 2003; Nakazawa et al., 2006; Inman and Horner, 2007; Bosco et al., 2011, 2015b; Lye-Barthel et al., 2013; Chong and Martin, 2015). Microglia are the resident innate immune cells of the central nervous system, and in both glaucoma patients and in animal models of glaucoma, they display increased reactivity and cluster at the optic nerve head, which is a site of early damage (Bosco et al., 2011; Yuan and Neufeld, 2001; Roh et al., 2012; Soto and Howell, 2014). It has also been demonstrated that peripheral macrophages infiltrate the retina in animal models of glaucoma (Howell et al., 2012) suggesting that different myeloid cell types may participate in glaucoma progression. However, it remains unclear how microglia and macrophages affect RGC compartmentalized degeneration in glaucoma.

In order to address the role of myeloid cells in neurodegeneration, many studies have manipulated the fractalkine (FKN) signaling system, which serves as a major neuron-to-myeloid cell communication system (Hoarau et al., 2011; Limatola and Ransohoff, 2014). The FKN receptor, Cx3cr1, is specifically expressed by cells of the myeloid lineage, including microglia, while the FKN ligand, Cx3cl1, is highly expressed by neurons (Jung et al., 2000; Cook et al., 2001). Multiple studies have suggested that Cx3cl1/Cx3cr1 signaling functions to constrain microglial activation, and thus limit potentially neurotoxic effects (Cardona et al., 2006; Limatola and Ransohoff, 2014). However, it is now appreciated that diverse myeloid functions are regulated by FKN signaling, including cytokine secretion, microglial activation, phagocytosis, process dynamics, migration, survival of subsets of circulating monocytes, and infiltration of macrophages positive for chemokine C-C motif receptor 2 (Ccr2) (Cardona et al., 2006; Lee et al., 2008; Landsman et al., 2009; Liang et al., 2009; Sennlaub et al., 2013). Given these complex roles, it is not surprising that loss of FKN signaling has diverse and sometimes contradictory effects on neurodegeneration (Wolf et al., 2013). For example, loss of FKN signaling simultaneously reduces amyloid-β burden and increases tau pathology in the same mouse model of Alzheimer's disease (Lee et al., 2014). These findings suggest that myeloid cells may differentially influence distinct aspects of neurodegeneration. However, the role of these cells is still incompletely understood, particularly for progressive age-related neurodegeneration including glaucoma.

The DBA/2J mouse models key aspects of neurodegeneration in human glaucoma because the decline of RGCs occurs in an age-related and asynchronous manner with variable onset (John et al., 1998; Anderson et al., 2002; Jakobs et al., 2005; Libby et al., 2005a). Multiple quantitative readouts have been established demonstrating progressive compartmental degeneration of RGCs in the DBA/2J retina and optic nerve. These include early downregulation of RGC genes such as the transcription factor Brn3b, accumulation of axonal proteins such as phosphorylated neurofilament (pNF) within RGC somata as transport declines, and loss of axons with subsequent gliosis in the optic nerve (Libby et al., 2005a,b; Schlamp et al., 2006; Buckingham et al., 2008; Soto et al., 2008; Dengler-Crish et al., 2014; Bosco et al., 2015b; Cooper et al., 2016). Furthermore, alterations of both resident microglia and infiltrating macrophages have been documented in this model, although the impact of these cells on RGC degeneration remains poorly understood (Mo et al., 2003; Anderson et al., 2008; Bosco et al., 2011, 2015b; Howell et al., 2012).

To address this, we sought to manipulate microglia/macrophage function and assess the effects on RGC neurodegeneration. We therefore analyzed the retinas of 10–11 month-old DBA/2J mice lacking the FKN receptor, Cx3cr1, for neuroprotective, or deleterious effects in the retina and optic nerve. Thus, we measured the density of Brn3-positive nuclei and somal pNF-positive cells across whole retinas, and analyzed the respective optic nerves for the extent of glial coverage as a proxy for axon dropout. In these same samples, we assessed changes in myeloid cells in the retina by quantifying cell densities of myeloid cell populations and assessing microglial activation by Iba1 immunostaining. We then performed flow cytometry to assess infiltration of CCR2+ macrophages and measured gene expression changes by qRT-PCR. We show that loss of fractalkine signaling in myeloid cells increases infiltration of Ccr2+ macrophages into the DBA/2J retina, selectively worsens axon transport dysfunction in RGCs, and is associated with selective changes in the expression of genes related to axon transport deficits.

MATERIALS AND METHODS

Mice

Cx3cr1gfp/gfp DBA/2J mice were generated by breeding existing Cx3cr1gfp/+ DBA/2J mice to homozygosity (Bosco et al., 2015b). DBA/2J mice were obtained from Jackson Labs, bred in-house, and were refreshed with new breeders every 3–4 generations. Both male and female mice were used for analysis (n = 36 Cx3cr1gfp/gfp DBA/2J mice, 21 male, 15 female; n = 31 DBA/2J mice, 15 male, 16 female). Mice from both strains were aged to 10–11 months, when a majority of DBA/2J eyes typically show clear glaucoma pathology (Libby et al., 2005a). Although animals of mixed gender were used, we have excluded gender as a contributing factor, since our findings were confirmed by analysis of data from male animals alone (data not shown). Experiments and mouse care were performed in compliance with the ARVO Statement for the Use of Animals in Ophthalmic and Vision Research, and with the guidelines of the University of Utah Institutional Animal Care and Use Committee.

Tissue Collection

Perfusion and dissection of retinal tissue and optic nerves for both immunohistochemistry and RNA collection were performed as previously described (Bosco et al., 2011). Briefly, retinas were dissected fresh under RNAase-free conditions for RNA isolation, or dissected from transcardially perfused mice as whole mounts, which were stored in chilled 0.1 M phosphate-buffered saline (PBS) overnight at 4°C and utilized the next day for immunohistochemistry. Also, retinal eyecups were cryoprotected, cast in gelatin blocks that were stored at −80°C, and cryosectioned radially at 16 μm thickness for immunohistochemistry. Optic nerves were postfixed, embedded in resin and prepared as 1–2 μm-thick cross-sections for toluidine blue and paraphenylenediamine (PPD) staining (Bosco et al., 2015b).

Immunohistochemistry

Triple immunofluorescence staining was performed using established protocols and antibodies, as previously described in detail (Bosco et al., 2011). Retinal whole mount and cryosections were incubated with primary antibodies for 3 days at 4°C and incubated with secondary antibodies for 2 h. Primary antibodies used in this study included: goat anti-Brn3 (Santa Cruz sc-6026 at 1:50), mouse anti-phosphorylated neurofilament (pNF; including NFM and NFH; Dako M0762 at 1:100), rabbit anti-Iba1 (Wako at 1:1000), rat anti-CCR2 APC conjugated (R&D Systems FAB5538A at 1:10), and rabbit anti-cleaved caspase 3 (BD Biosciences BDB559565 at 1:500). pNF staining co-labeled with rabbit polyclonal neurofilament heavy antibody (Biolegend 801703) and in separate experiments was absent when primary antibody was omitted. All Alexa Fluor-conjugated (488, 568, or 647 nm) donkey secondary antibodies were used at 1:400 (Invitrogen); Alexa-Fluor 594-conjugated donkey anti rat secondary was used at 1:200 (Jackson ImmunoResearch Lab).

In situ Hybridization

Antisense and sense 3′UTR Dig labeled probes were generated from pCMV-SPORT6 Cx3cl1 (MGC 5859) obtained from ATCC. Probes were synthesized and hybridized using standard procedures as in Soto et al. (2008) without the use of proteinase K. Briefly, mice were perfused, eyes cast in gelatin, and 16 um radial cryosections were generated as described in their respective sections. Bound probes were detected using 1:300 Anti-Dig AP antibody (Sigma 11093274910) overnight at 4°C with 30 min color development using NBT/BCIP tablets (Sigma 11697471001).

Microscopy

All retinal samples were imaged on an inverted confocal microscope (Nikon A1 with NIS-Elements software 4.2) using a 20x objective and resonance scanning (Bosco et al., 2012). Entire retinas were imaged using a multipoint acquisition macro of the software, collecting 25 × 25 fields at 60x magnification (0.41 μm/pixel), each spanning 30–40 μm of the retinal inner surface through a step size of 0.8 μm. Maximum intensity projections of stitched, high-resolution images were then generated for each retina, and all images were identically and minimally adjusted for brightness and contrast for analysis. Optic nerves were imaged on a compound BX51 Olympus light microscope using a 60X objective and analyzed using cellSens software as 36 high-resolution multipoint images (Bosco et al., 2015b).

Quantification of Brn3+ Nuclei

Brn3+ nuclei, corresponding to RGCs expressing Brn3a and Brn3b (Bosco et al., 2011), were sampled within the central 1.77 μm2 of the retina by dividing a circle centered on the optic disk into eight parts (2 dorsal, 2 ventral, 2 nasal, and 2 temporal). A 250 × 250 μm box was placed in each of these areas with blood vessels used as landmarks. RGC degeneration in the DBA/2J model is sectorial (Jakobs et al., 2005; Howell et al., 2007), so to avoid bias, when two sectors were visible within an eighth of the retina being analyzed, two boxes were placed one in each sector. The total number of Brn3+ nuclei were tallied and normalized to the area sampled (~0.06 mm2 per box). To be counted, nuclei had to be spherical/elliptical in shape and >1.5x the intensity of the background. Debris was uniformly more intense than Brn3+ nuclei and was excluded from the quantification. Retinas were then sorted from highest to lowest Brn3+ nuclei density. The distribution of densities of Brn3+ nuclei was not normally distributed therefore a Wilcoxon rank sum test was used to assess significance.

Quantification of Somal pNF+ RGCs

Cell somas with accumulated phosphorylated neurofilament (pNF) were quantified in the central 1.77 μm2 of the retina, as described for Brn3. RGC somata were identified based on shape (reflecting either somatic or somato-dendritic accumulation), size being >10 μm in diameter and fluorescence intensity being >1.5x the background. Somal pNF positive RGCs were verified to be negative for Iba1. RGCs positive for both Brn3 and somal pNF or just somal pNF were quantified. Retinas were then sorted from lowest to highest somal pNF+ RGC density. The distribution of densities of pNF+ cells was not normally distributed therefore a Wilcoxon rank sum test was used to assess significance.

Quantification of Iba1+ Cells

Three categories of Iba1+ cell were determined based on morphology: branched Iba1+ cells with a small cell soma and more than two branches, perivascular Iba1+ cells having two main branches at polar opposite sides of the cell, and amoeboid Iba1+ cells having no branches. Branched Iba1+ and perivascular Iba1+ cells were quantified in the central 1.77 um2 of the retina, as described for Brn3, excluding the optic disk. Amoeboid Iba1+ cells, being fewer in number, were quantified in the entire retina, excluding the optic disk and the lumen of blood vessels. Retinas were then sorted from lowest to highest density of the respective Iba1+cell morphological class. The distribution of densities of perivascular and amoeboid Iba1+ cells was not normally distributed and was analyzed by Wilcoxon rank sum test. The distribution of branched Iba1+ cells was normally distributed and was analyzed by Student's t-test.

Optic Nerve Histopathology

Optic nerve cross-sections from the myelinated portion of the nerve, 1–1.5 mm proximal to the lamina, were embedded and 1 μm sections were cut on an ultramicrotome with a glass knife then transferred to slides. Sections were stained with PPD (Libby et al., 2005a) for 28 min using a modified protocol as previously described (Bosco et al., 2015a,b), and mounted under coverslips with Permount (Fisher).

Quantification of Non-axonal Area in the Proximal Optic Nerve

The relative area devoid of axons or dystrophic axons in individual optic nerve cross-sections was measured by segmentation of glial cells and/or glial scar and extracellular matrix from 8-bit stitched RGB images of PPD stained nerves, as previously described (Bosco et al., 2015a,b, 2016). The green channel of the RGB image provided the greatest contrast to segment glial area from non-glial elements including axons and blood vessels. Briefly, the green channel of RGB images minimally adjusted for contrast (0–10 on a scale to 0–100) and sharpness (Gauss Laplace between 1.0 and 1.1 on a scale of 0–2), were thresholded to generate a binary mask encompassing the total cross-sectional area of the optic nerve, excluding meninges and blood vessels. The axon-free nerve relative area was then calculated by determining the percent of the total optic nerve that is covered by non-axonal cells or matrix. Optic nerves were then sorted from lowest to highest percent non-axonal area. The distribution of percent optic nerve covered by non-axonal elements was not normally distributed and was analyzed by Wilcoxon rank sum test. To verify this analysis, a subset of 24 DBA/2J and 24 Cx3cr1gfp/gfp DBA/2J PPD-stained optic nerves were blindly scored using a three-category system as mild, moderate, or severe, as in Libby et al. (2005a). Mild degeneration consisted of nerves with no or very little loss of axons and no gliosis. Moderate degeneration consisted of little to no gliosis but a clear presence of dystrophic axons, while a majority remained healthy. Severe degeneration consisted of nerves with clear and frequently extensive gliosis and a majority of dystrophic axons with clear and significant loss of axons overall. No significant difference was found between the genotypes with a chi-squared value of 0.93.

Fluorescence-Activated Cell Sorting (FACS) and Flow Cytometry

Four female DBA/2J or three Cx3cr1gfp/gfp DBA/2J female mice at 12 months of age were perfused with saline. Retinas were dissociated in PBS, 50 mM HEPES, 0.05 mg/ml DNaseI (Sigma D4513), 0.025 mg/ml Liberase (Sigma 5401119001) for 35 min with intermediate trituration. Cells were passed through a 70 μm nylon cell strainer, washed with staining buffer (1X PBS, 2% BSA, 0.1% sodium azide, 0.05% EDTA), and red blood cells were lysed (eBioscience 00-4333-57). Cell counts were determined using a hemocytometer and Fc block (BD Biosciences 553142) was added 2 μl per 106 cells. Antibodies were applied for 30 min on ice (BV421-CD45 563890, PE-CD11b 553311, APC-Ccr2 FAB5538A100). Cells were washed, pelleted, and resuspended in 500 μl staining buffer. FACS was performed using a BD FACSAria cell sorter. CD11b+, CD45+, CCR2 ± were sorted directly into RLT buffer (Qiagen 79216) and stored at −20°C. RNA from sorted cells was purified using an RNeasy Plus Micro kit (Qiagen 74034) and reverse transcribed using SuperScript IV Reverse transcriptase (Invitrogen 18090019). 832,000–937,000 events were collected for flow analysis using BD FACSDiva software. CCR2+ populations were analyzed gating on live CD11b+ CD45+ cells. Unstained retinas and spleens stained for CD11b, CD45 and CCR2 from the same animals were used as negative and positive controls, respectively.

Quantitative RT-PCR

Sample preparation, cDNA synthesis, and quantitative reverse transcriptase polymerase chain reaction (qRT-PCR) were performed as previously described (Bosco et al., 2011). Briefly, whole retinas were aspirated through a 22-gage needle and RNA was isolated using a Qiagen RNeasy micro kit according to manufacturer's instructions. The mRNA quality was determined on an Agilent Bioanalyzer and samples with RNA integrity numbers <8 were discarded. First strand cDNA was synthesized using an Invitrogen Superscript III First Strand cDNA synthesis kit according to manufacturer's recommendations, and quantities determined on a Nano-drop spectrophotometer. qRT-PCR was performed on an Applied Biosystems 7900 HT instrument with QuantStudio 12 K Flex software using an Invitrogen Platinum Sybr Green qPCR supermix-UDG kit according to manufacturer's instructions. For analysis of whole retina samples (all genes except Nos-2 and interleukin 1β (Il1β)), a standard curve was generated based on five serial one-half dilutions of pooled cDNAs from a large number of 1–12-month DBA/2J retinas, and genes were analyzed in the linear range based on these curves. For Nos-2 and Il1β, we used the ΔΔCt method to calculate the relative fold change in gene expression (Livak and Schmittgen, 2001), and statistical analysis was performed using Student's t-test on all genes. Analyzed genes were normalized to glyceraldehyde 3-phosphate dehydrogenase (Gapdh). For statistical analysis, genes that did not amplify were set to 40 cycles, which is the limit of detection.

Primers used 5′–3′:

  GapdhF: TGCACCACCAACTGCTTAGC

  GapdhR: GGCATGGACTGTGGTCATGAG

     Iba1F: CCTGATTGGAGGTGGATGTCA

     Iba1R: GGCTCACGACTGTTTCTTTTTTCC

    Kif1bF: TTATTGATACATCCATGGGGTC

    Kif1bR: TCTCCTGAATACTGGTCACA

  Atp8a2F: CTTTGTGTTTTGTTTTCCCCGC

  Atp8a2R: CGCTGTACTTGGCCGTACTGA

    Mfge8F: GGATAATCAGGGCAAGATCA

    Mfge8R: TAGGACGCCACATACTGGAT

      Ccr2F: AAGGAGCCATACCTGTAAATGC

      Ccr2R: ATGCCGTGGATGAACTGAGG

       Ccl2F: CACTCACCTGCTGCTACTCA

      Ccl2R: GCTTGGTGACAAAAACTACAGC

   Nos-2F: TCTTGGAGCGAGTTGTGGATT

   Nos-2R: CAGCCTCTTGTCTTTGACCCA

       Il1βF: ACATCAGCACCTCACAAGCAGAG

       Il1βR: TGGGGAAGGCATTAGAAACAGTC

Intraocular Pressure (IOP)

IOP was determined as previously described (Bosco et al., 2011) with the exception of Isoflurane being used as anesthesia instead of Avertin. Briefly, mice were anesthetized using Isoflurane (2% delivered in 2 L/min oxygen) and IOP was measured using a Tonolab (Colonial Medical Supply) positioned to strike the center of the eye. Twelve measurements were collected per eye before noon, the top and bottom measurement discarded, and the remainder averaged with a SEM <0.7. By assessing mice at 3, 6, and 9 mo of age (n = 24, 14, and 28 eyes respectively), we confirmed that in Cx3cr1gfp/gfp DBA/2J mice there was no enhancement of the existent elevation in IOP documented in DBA/2J mice (Libby et al., 2005a) and iris atrophy was present (data not shown).

Statistics

Statistical analyses for each method are described in their respective sections. Normality of the data was examined both by histogram distribution and by percentage of data falling 1 and 2 standard deviations away from the mean. When data were not normally distributed, we created a macro in Excel to run a Wilcoxon rank sum test to determine whether the rank of the population means were significantly different. Kolmogorov-Smirnov test was performed by utilizing an online tool developed at St. John's University (retrieved from http://www.physics.csbsju.edu/stats/KS-test.html).

RESULTS

Loss of Cx3cr1 Exacerbates RGC Axon Dysfunction in the DBA/2J Retina

Since the FKN ligand is enriched in the ganglion cell layer of the retina in both humans and mice (Silverman et al., 2003; Zieger et al., 2014) including RGCs in the DBA/2J (Supplemental Figure 1), we reasoned that loss of FKN signaling may influence key aspects of RGC decline in glaucoma. Deficits in axonal transport progressively affect RGC axon and somal integrity in glaucoma (Soto et al., 2008; Crish et al., 2010; Dengler-Crish et al., 2014). One marker of disrupted axonal transport is the build-up of phosphorylated neurofilament (pNF; medium and heavy) proteins within the proximal axon segment, cell body, and dendrites of RGCs (Soto et al., 2008). Within the central retina of DBA/2J and Cx3cr1gfp/gfp DBA/2J mice at 10–11 months of age we found regions with both low and high numbers of somal pNF+ RGCs (Figures 1A–C), consistent with the variable levels of pathology in the DBA/2J model. We observed an overall increase in the density of somal pNF+ RGCs in Cx3cr1gfp/gfp DBA/2J vs. DBA/2J retinas (Figure 1D), with a significant shift in the distribution toward higher mean densities of somal pNF+ RGCs for Cx3cr1gfp/gfp DBA/2J mice than in standard DBA/2J retinas (p < 0.05 by Kolmogorov-Smirnov test). This resulted in a significantly increased population mean density of somal pNF+ RGCs in Cx3cr1gfp/gfp DBA/2J compared to the DBA/2J retinas (10.51 vs. 6.46 cells/mm2 respectively, Figure 1D; p < 0.05 by Wilcoxon rank sum test).
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FIGURE 1. More RGCs have somal accumulation of pNF and axonal transport genes are downregulated with loss of fractalkine signaling. (A) Confocal image of a Cx3cr1gfp/gfp DBA/2J retinal flat mount immunostained for phosphorylated-neurofilament (pNF), depicting the sampled central retinal area (1.77 mm2). This retina has few somal pNF+ RGCs and smooth, fasciculated axons. Yellow boxes indicate cells that show pNF accumulated within the cell soma. (B) Higher magnification view of an area in A (red box), depicting a cell with accumulated somal pNF. (C) Higher magnification of the central retinal area from a different Cx3cr1gfp/gfp DBA/2J retina (same dimensions as in B) with abundant somal pNF+ RGCs as well as beaded and defasciculated axons. (D) Distribution of the number of cells with somal pNF within the central retina in DBA/2J (blue; n = 31 retinas) and Cx3cr1gfp/gfp DBA/2J (red; n = 36 retinas) sorted in ascending order. There are significantly more somal pNF+ cells in Cx3cr1gfp/gfp retinas (*p < 0.05; Wilcoxon ranked sum test). Solid horizontal line indicates the population mean, dashed lines indicate 1 standard deviation above and below the mean. Error bars represent the SEM. (E) There is significantly less expression of axonal transport genes Kif1b and Atp8a2 in Cx3cr1gfp/gfp DBA/2J whole retina cDNA (25% and 15% less expression respectively, *p < 0.05; Student's t-test; error bars represent the SEM, n = 8 DBA/2J retinas and 9 Cx3cr1gfp/gfp DBA/2J retinas). Scale bars: 500 μm (A); 50 μm (B,C).



Since somal accumulation of pNF suggests deficits in axonal transport, we isolated whole retina mRNA and performed quantitative RT-PCR to determine whether there is altered expression of genes involved in axon transport. Previous work has shown reduced expression of the anterograde transport motor Kif1b within sectors of DBA/2J retinas depleted of Fluorogold positive RGCs (Panagis et al., 2010). Compared to DBA/2J, we found that expression of Kif1b was significantly reduced in Cx3cr1gfp/gfp DBA/2J retinas (25% reduction; n = 9 retinas Cx3cr1gfp/gfp DBA/2J, n = 8 DBA/2J; p < 0.05, Student's t-test, Figure 1E). Loss of the phosphatidyl-serine flippase, Atp8a2, also disrupts axonal transport with an increase in RGCs with somal pNF (Zhu et al., 2012). Expression of Atp8a2 by qRT-PCR was also significantly reduced in Cx3cr1gfp/gfp DBA/2J vs. DBA/2J retinas (15% reduction; n = 9 retinas Cx3cr1gfp/gfp DBA/2J, n = 8 DBA/2J; p < 0.05 Student's t-test, Figure 1E). Thus, we find multiple lines of evidence for increased axon transport dysfunction in the DBA/2J retina with loss of fractalkine signaling.

Loss of Cx3cr1 in DBA/2J Mice Increases the Number of Early Declining RGCs

Since loss of fractalkine signaling resulted in increased numbers of somal pNF+ RGCs, we reasoned that this could be due to increased numbers of affected RGCs, impaired clearance of degenerating RGCs, or both. To determine whether the increase in pNF RGCs was due to impaired clearance we identified RGCs in earlier and later stages of degeneration. Early declining RGCs downregulate the expression of characteristic genes such as members of the Brn3 transcription factor family in response to damage (Schlamp et al., 2001; Huang et al., 2006; Buckingham et al., 2008; Soto et al., 2008). In the DBA/2J retina Brn3 downregulation precedes the clearance of the RGC soma by several weeks (Soto et al., 2008). We quantified subsets of RGCs with somal buildup of pNF with or without nuclear Brn3 expression in DBA/2J and Cx3cr1gfp/gfp DBA/2J retinas. In both genotypes we identified three populations of RGCs at 10–11 months: healthy RGCs that express Brn3 and lack somal pNF (Brn3+/pNF-; Figure 2A); early declining RGCs that express Brn3 but accumulate somal/somatodendritic pNF (Brn3+/pNF+; Figure 2B); and RGCs in later stages of degeneration that lose Brn3 expression and retain somal/somatodendritic pNF (Brn3-/pNF+; Figure 2C) before ultimately being eliminated.
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FIGURE 2. Loss of fractalkine signaling results in increased numbers of RGCs in both early and late stages of decline. (A) Confocal image of retinal flat mount showing Brn3+ nuclei that lack accumulation of somal pNF. (B,C) Confocal image of cells with somal accumulation of pNF, and either expression (B) or absence (C) of Brn3. Orthogonal views in the x-y (bottom) and y-z (side) planes are shown. (D,E) Distribution of the density of cells that are Brn3+/somal pNF+ (D) or Brn3-/somal pNF+ (E) within the central retina in DBA/2J (blue n = 31 retinas) and Cx3cr1gfp/gfp DBA/2J (red n = 36 retinas) mice, sorted in ascending order. Cx3cr1gfp/gfp DBA/2J retinas contain significantly more Brn3+/somal pNF+ cells (D, * p < 0.05; Wilcoxon ranked sum test) and Brn3-/somal pNF+ cells (E, *p < 0.05; Wilcoxon ranked sum test) than DBA/2J retinas. Solid horizontal line indicates the population mean, dashed lines indicate 1 standard deviation above and below the mean. Error bars represent the SEM. Scale bars: 10 μm.



Quantification of the relative cell density for these three subsets of RGCs revealed a higher proportion of Cx3cr1gfp/gfp DBA/2J retinas that had Brn3+/pNF+ RGCs compared to age-matched DBA/2J mice and a significant increase in the mean density of Brn3+/pNF+ RGCs (1.47 vs. 1.03 cells/mm2 respectively, Figure 2D; p < 0.05 by Wilcoxon rank sum test), demonstrating an increase in early declining RGCs in the absence of fractalkine signaling. We also measured a significant increase in the mean number of Brn3-/pNF+ RGCs in late stages of degeneration, consistent with the overall increase in pNF+ RGCs (9.02 vs. 5.43 cells/mm2 respectively, Figure 2E; p < 0.05 by Wilcoxon rank sum test). Since there was not a selective increase in Brn3-/pNF+ RGCs, we conclude that the increased density of RGCs with somal pNF buildup is not simply a failure to clear RGCs in late stages of decline in Cx3cr1gfp/gfp DBA/2J retinas.

To further assess possible changes in clearance and cell death, we performed immunostaining for cleaved caspase 3, and found that none of the pNF+ cells were positive (0 out of 40 somal pNF+ RGCs, n = 2 retinas; Supplemental Figure 2). In addition, we observed that the nuclei of RGCs with somal pNF accumulation were not pyknotic (Supplemental Figure 3) suggesting they are not yet undergoing apoptosis. Since fractalkine has been shown to induce expression of the opsonin milk fat globule-EGF factor 8 (Mfge8), which stimulates myeloid cells to clear apoptotic neurons (Fuller and Van Eldik, 2008) we assessed levels of Mfge8 mRNA. However, we found no significant difference in Cx3cr1gfp/gfp DBA/2J (n = 3) vs. DBA/2J (n = 3) retinas (p > 0.05, Student's t-test; data not shown). Together, these findings suggest that loss of fractalkine signaling is amplifying the generation of dystrophic RGCs rather than impairing their clearance.

Loss of Cx3cr1 in the DBA/2J Mouse Does Not Alter Brn3-Positive RGC Numbers

To determine if loss of Cx3cr1 affected other retinal readouts of RGC compartmentalized degeneration we assessed whether loss of fractalkine signaling altered the density of cells expressing Brn3 within the ganglion cell layer (Figure 3A). We quantified the density of Brn3+ nuclei in eight sectors for each retina (Figure 3A), and found that regardless of genotype, there were regions with high and low numbers of Brn3+ nuclei (Figures 3B–E), consistent with sectorial downregulation of Brn3 expression in both DBA/2J and Cx3cr1gfp/gfp DBA/2J retinas. We then calculated average densities of Brn3+ nuclei for each retina (Figure 3F). There were similar maximum densities of Brn3+ nuclei in each genotype (2400/mm2 in DBA/2J and 2300/mm2 in Cx3cr1gfp/gfp DBA/2J Figure 3F), and similar distribution of retinas with varying levels of Brn3 depletion (Figure 3F), consistent with the range of disease severity typically observed in the DBA/2J model (Buckingham et al., 2008). Likewise, the population mean densities of Brn3+ nuclei for each genotype were not significantly different (867 and 846 cells per mm2 respectively, Figure 3F; p > 0.05 Wilcoxon rank sum test). To rule out sampling artifacts, we counted all Brn3+ nuclei within the central retina (1.77 mm2) for a subset of retinas (n = 6 DBA/2J and 7 Cx3cr1gfp/gfp DBA/2J with similar ranges of pathology), and obtained similar results (data not shown). Therefore, we conclude that at this timepoint, loss of fractalkine signaling did not affect the characteristic downregulation of Brn3 expression in RGCs that occurs in the DBA/2J retina with age.
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FIGURE 3. The density of Brn3+ nuclei does not change with loss of fractalkine signaling. (A) Confocal image of a representative Cx3cr1gfp/gfp DBA/2J retinal flat mount showing the Brn3 immunofluorescence in the central retinal area (1.77 mm2). Red boxes depict examples of 0.06 mm2 fields sampled across 8 sectors. (B–E) Higher magnification images of 0.06 mm2 fields (250 × 250 μm) in retinas from DBA/2J (B,D) or Cx3cr1gfp/gfp DBA/2J (C,E), representative of high (B,C), and low (D,E) Brn3+ nucleus density. (F) Distribution of Brn3+ nuclei densities per retina in DBA/2J (blue; n = 31 retinas) and Cx3cr1gfp/gfp DBA/2J (red; n = 36 retinas), sorted from high to low density. Solid horizontal lines indicate population means, dashed lines indicate 1 standard deviation above and below the mean. Error bars represent the SEM (n.s.: p > 0.05; Wilcoxon ranked sum test). Asterisk indicates optic nerve head. Scale bars: 500 μm (A); 50 μm (B–E).



Loss of Cx3cr1 in DBA/2J Mice Does Not Exacerbate Optic Nerve Degeneration

RGC degeneration in the DBA/2J model is well characterized within the optic nerve to include a progressive loss of RGC axons and a subsequent replacement by glia and extracellular matrix (John et al., 1998; Libby et al., 2005a; Schlamp et al., 2006; Lye-Barthel et al., 2013; Bosco et al., 2015a,b, 2016; Cooper et al., 2016). To determine if the potential impact on axonal transport by loss of Cx3cr1 affected optic nerve degeneration, we estimated the relative coverage of non-axonal area using segmentation of glia and extracellular matrix in nerve cross-sections (Bosco et al., 2015a,b, 2016). For both the DBA/2J and Cx3cr1gfp/gfp DBA/2J genotypes at 10–11 months, we observed a similar distribution of nerves with non-axonal area ranging from 10 to above 95% in individual nerves (Figures 4A–E). We did not observe a statistically significant difference in the mean non-axonal area for Cx3cr1gfp/gfp DBA/2J optic nerves as compared to DBA/2J (42 and 39% respectively; Figure 4E; p > 0.05 by Wilcoxon rank sum test). To confirm these findings, we used a qualitative scoring method (Libby et al., 2005a) on a subset of 24 nerves of each genotype, and did not find a significant difference in optic nerve degeneration between the genotypes (Chi-squared value of 0.93; data not shown). Therefore, we conclude that loss of fractalkine signaling did not alter proximal optic nerve degeneration on the DBA/2J background at this age.
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FIGURE 4. There is no difference in the amount of gliosis and scarring in the optic nerve with loss of fractalkine signaling. (A) Low magnification micrograph of a healthy optic nerve cross section with low gliosis and few dystrophic axonal profiles used for subsequent image analysis. (B) The same nerve in (A) after threshold-based segmentation of non-axonal area, including glia, and extracellular matrix but excluding blood vessels (binary mask in green). (C) Low magnification micrograph of a diseased optic nerve cross section with high gliosis and many dystrophic axonal profiles used for subsequent image analysis. (D) The same nerve in (C) after segmentation of the non-axonal areas, including gliotic and scar areas (binary mask in green). (E) Distribution of the non-axonal area percentages per optic nerve in DBA/2J (blue, n = 31) and Cx3cr1gfp/gfp null DBA/2J (red n = 36) sorted in ascending order. There is no significant difference between the genotypes (n.s. p > 0.05; Wilcoxon ranked sum test). Horizontal lines indicate the population mean, dashed lines indicate 1 standard deviation above and below the mean. Error bars represent the SEM. Scale bars: 50 μm.



Macrophage Infiltration is Increased in Cx3cr1gfp/Gfp DBA/2J Retinas

Given that fractalkine signaling regulates many myeloid cell responses, including microglial activation, as well as peripheral monocyte recruitment and distribution (Cardona et al., 2006; Sennlaub et al., 2013; Wolf et al., 2013; Limatola and Ransohoff, 2014), we examined how loss of the fractalkine receptor affected myeloid cells in terms of morphology, number, distribution, and levels of the activation-associated gene, Iba1 in 10–11 month-old Cx3cr1gfp/gfp DBA/2J vs. DBA/2J retinas. We observed three distinct morphological subtypes of Iba1+ cells within the retina: cells with a small soma and many processes (“branched”), cells with two main processes on polar opposite sides typically outlining blood vessels (“perivascular”), and spherical cells with no processes (“amoeboid”) (Figures 5A–C). We presume these Iba1+ cell subtypes to respectively represent resident parenchymal microglia, perivascular macrophages, and either infiltrating macrophages or highly activated resident microglia. We found no change in the density of branched Iba1+ cells (Figure 5E; p > 0.05 by Student's t-test) between Cx3cr1gfp/gfp DBA/2J retinas compared to DBA/2J retinas, suggesting no change in the resident microglia population. There was a trend toward an increase in the mean density of perivascular cells in Cx3cr1gfp/gfp DBA/2J retinas (Figure 5F, p < 0.1 by Wilcoxon rank sum test), and a significant 1.7-fold increase in the mean density of amoeboid Iba1+ cells (Figure 5G, p < 0.05 by Wilcoxon rank sum test).
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FIGURE 5. Loss of fractalkine signaling results in greater numbers of amoeboid shaped Iba1+ cells. (A) Low magnification view of an entire retinal flat mount that was sampled for Iba1+ cells. Blood vessels (traced) were excluded from analysis. (B) Low magnification image of the central retina (1.77 mm2) depicting the area sampled for branched and perivascular shaped Iba1+ cells excluding the optic nerve head (marked by an asterisk and traced by the red circle). (C) Higher magnification view of the area indicated in A demonstrating the 3 categories of shapes for Iba1+ cells, showing an amoeboid morphology (circle), complex branching (square), or perivascular distribution (rectangle). (D) There is no difference in the expression of Iba1 in Cx3CR1gfp/gfp DBA/2J retinas (n.s., *: p > 0.05; Student's t-test; error bars represent the SEM, 5 retinas per condition). (E–G): Distribution of the number of branched (E), perivascular (F), and amoeboid shaped Iba1+ cells (G) within the central retina in DBA/2J (blue, n = 31) and Cx3cr1gfp/gfp DBA/2J (red n = 36) sorted in ascending order. There are significantly more amoeboid Iba1+ cells (1.7-fold *p < 0.05; Wilcoxon ranked sum test) in Cx3cr1gfp/gfp retinas. There are no statistically significant changes in the numbers of branched or perivascular Iba1+ cells (n.s. p > 0.05; Student's t-test and Wilcoxon ranked sum test respectively). Horizontal lines indicate the population mean, dashed lines indicate 1 standard deviation above and below the mean. Error bars represent the SEM. Scale bars: 500 μm (A), 250 μm (B), 50 μm (C).



To determine whether the amoeboid Iba1+ cells were infiltrating macrophages, we first confirmed their exclusive localization to the nerve fiber layer by volumetric view of confocal image stacks (Figure 6A), a distribution previously reported for infiltrating macrophages in retinal injury paradigms (Garcia-Valenzuela and Sharma, 1999) and for macrophages that patrol the vitreous body (Vagaja et al., 2012). Furthermore, to positively identify these amoeboid Iba1+ cells as peripheral monocytes and not as microglia, we immunostained retinas for the peripheral macrophage marker CCR2 (Saederup et al., 2010). We determined that the amoeboid shaped Iba1+ cells stained positive for CCR2 in five whole mount DBA/2J retinas (Figure 6B) and in two whole mount Cx3cr1gfp/gfp DBA/2J retinas (Figure 6C), confirming their identity as peripherally derived macrophages. Consistent with this, qRT-PCR analysis showed a 3-fold increase in levels of Ccr2 expression in Cx3cr1gfp/gfp DBA/2J retinas (n = 5) vs. DBA/2J retinas (n = 5; p < 0.05; Student's t-test, Figure 6D). There was a concurrent 2-fold increase in levels of the ligand Ccl2 which can promote macrophage infiltration (n = 5 each; p < 0.05; Student's t-test, Figure 6D).
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FIGURE 6. Amoeboid Iba1+ cells are peripherally derived macrophages. (A) Amoeboid Iba1+ cells localize to the neurofibrillary layer. Volume view of a DBA/2J retinal whole mount stained for the axonal marker pNF (red) and the microglia/macrophage marker Iba1 (green). Orthogonal views shown below and to the right. Amoeboid Iba1+ cells showed non-specific reactivity with the donkey anti-mouse secondary antibody used to detect pNF (not shown). (B) Single z-plane (0.8 μm) from a control DBA/2J retinal whole mount immunostained for the peripheral macrophage marker Ccr2 (red) and Iba1 (white). The amoeboid shaped Iba1+ cells are positive for Ccr2 (arrows) while branched Iba1+ cells are negative. (C) Single z-plane (0.8 μm) from a Cx3cr1gfp/gfp DBA/2J retina immunostained for the peripheral macrophage marker Ccr2 (red) and Iba1 (white). As in (B) the amoeboid shaped Iba1+ cells are positive for Ccr2 (arrows) while branched Iba1+ cells are negative. (D) There is significantly more expression of Ccr2 and Ccl2 in Cx3cr1gfp/gfp DBA/2J whole retina cDNA (3 and 2-fold more expression respectively, *p < 0.05; Student's t-test; error bars represent the SEM, 5 retinas per condition). (E) Gating parameters were set by dissociated retinal cells not exposed to antibodies. 56,935 viable cells collected. (F) Left, representative plot of DBA/2J assessing CD45+ CD11b+ (gate shown) from 129,000 to 200,000 viable cells. Right, histograms and percent CCR2+ of gated CD45+CD11b+ population. (G) Left, representative plots of Cx3cr1gfp/gfp DBA/2J assessing CD45+ CD11b+ (gate shown) from 129,000 to 200,000 viable cells as in F. Right, histograms and percent CCR2+ of gated CD45+CD11b+ population. (H) Top, total number and percent of CCR2+ and CCR2− of all CD45+CD11b+ cells analyzed by flow cytometry in DBA/2J n = 8 pooled retinas (293,780 cells collected). Bottom, total number and percent of CCR2+ and CCR2− of all CD45+CD11b+ cells analyzed by flow cytometry in Cx3cr1gfp/gfp DBA/2J n = 6 pooled retinas (453,727 cells collected). (I): There is ~3-fold more expression of Nos2 but 33% less expression of IL1β in FACS sorted myeloid cells (n = 8 DBA/2J pooled retinas and n = 6 CX3CR1gfp/gfp DBA/2J pooled retinas). Scale bars: 50 μm (B,C) 10 μm (A).



To selectively sort for myeloid cell types present in the DBA/2J retina, and further confirm an increase in peripherally-derived macrophages in the absence of fractalkine signaling, we performed flow cytometry analysis on Cx3cr1gfp/gfp DBA/2J (n = 6) and DBA/2J (n = 8) retinas, evaluating CD11b+, CD45+, CCR2 ± cells (Figures 6E–G). CCR2+ cells account for approximately 15% of the CD11b+ CD45+ double positive myeloid population in 12 month-old DBA/2J retinas, while they represent about 33% in age-matched Cx3cr1gfp/gfp DBA/2J retinas (Figure 6H). Thus, the CCR2+ cells, which represent peripherally-derived macrophages, are more than doubled in Cx3cr1gfp/gfp DBA/2J retinas, which is consistent with the observed increase in amoeboid Iba1+ cells in the retinas lacking Cx3cr1 (Figure 5G).

Loss of FKN Signaling Results in Selective Changes in Myeloid Cell Gene Expression

To determine how loss of fractalkine signaling in myeloid cells might impact pathways involved in RGC degeneration, we assessed changes in expression of genes associated with myeloid cell activation between Cx3cr1gfp/gfp DBA/2J and DBA/2J retinas. qRT-PCR analysis of whole retina RNA detected equal levels of Iba1 mRNA between the genotypes (n = 5 each, Figure 5D), suggesting no significant changes in the overall levels of myeloid cell activation. We also assessed changes in expression of the proinflammatory gene Il1β in Cx3cr1gfp/gfp DBA/2J and DBA/2J retinas by qRT-PCR and found a 2.34-fold increase, but this was not significant (n = 6 each genotype; p = 0.1 by Student's t-test, data not shown). Since loss of Cx3cr1 has been shown to increase expression of Il1β [26, 57 we performed qRT-PCR on FACS-sorted CD11b+ CD45+ cells (Figures 6E–G). In contrast to whole retina mRNA levels, Il1β was reduced by 33% in myeloid cells from Cx3cr1gfp/gfp DBA/2J (n = 6) retinas vs. DBA/2J (n = 8) retinas, suggesting that this population is not contributing to increased expression of this gene in the DBA/2J retina.

Since reactive nitric oxide (NO) from activated microglia can induce axon transport deficits (Stagi et al., 2005), we performed qRT-PCR analysis to assess changes in the expression of Nos-2, which contributes to the production of NO. We found a 1.89-fold increase in Nos-2 expression in Cx3cr1gfp/gfp DBA/2J and DBA/2J whole retinas, which was not significant (n = 6 each genotype; p = 0.1 by Student's t-test, data not shown), but when we enriched for myeloid cells by FACS-sorting CD11b+ CD45+ cells (Figures 6D–F) we observed a 3-fold increase in Nos-2 in myeloid cells from Cx3cr1gfp/gfp DBA/2J (n = 6) retinas vs. DBA/2J (n = 8) retinas (Figure 6I). Thus, we find selective changes in the expression of genes in myeloid cells consistent with a role in disrupting axon transport.

DISCUSSION

Loss of Cx3cr1 Affects Compartmentalized RGC Degeneration

We found that loss of Cx3cr1 in the DBA/2J model of chronic glaucoma had a selective effect on somal accumulation of pNF in RGCs in 10–11 month-old mice, suggesting deficits in axonal transport. These effects were uncoupled from other RGC degenerative changes, including loss of Brn3 gene transcription or optic nerve histopathology. We also observed increased infiltration of CCR2+ peripheral macrophages, but no change in myeloid cell activation overall, since resident microglia were not altered in density, or morphology, and overall levels of Iba1 mRNA were unaffected. Our findings suggest that distinct mechanisms may contribute to different aspects of RGC decline in glaucoma, with axonal transport selectively altered after loss of Cx3cr1 in myeloid cells such as microglia and macrophages.

Loss of Cx3cr1 Enhances Axon Transport Deficits in RGC Neurodegeneration

We observed that loss of Cx3cr1 resulted in enhanced somal accumulation of pNF, as well as reduced expression of the anterograde transport motor Kif1b, consistent with exacerbation of axonal transport deficits. There is a correlate in humans where mutations in KIF1A affect axonal transport and can lead to progressive neurodegeneration, including optic atrophy (Okamoto et al., 2014). Decline in axonal transport is an early and prevalent feature of many forms of neurodegeneration, including glaucoma, generally preceding signs of structural axon degeneration (Pease et al., 2000; Quigley et al., 2000; De Vos et al., 2008; Soto et al., 2008; Crish et al., 2010, 2013; Chidlow et al., 2011; Millecamps and Julien, 2013; Dengler-Crish et al., 2014). Our findings are consistent with previous studies showing that neuroinflammation, including microglia activation and oxidative stress, is a contributing factor to early axon transport dysfunction (Takeuchi et al., 2005). In an animal model of multiple sclerosis, which is characterized by significant neuroinflammation, axon transport deficits were found to be an early state of axonal dysfunction. These deficits preceded structural changes to axons and could be reversed by anti-inflammatory as well as anti-oxidant treatment (Sorbara et al., 2014).

We observed increased expression of Nos-2 in retinal DBA/2J myeloid cells lacking Cx3cr1. Reactive nitric oxide (NO) from microglia can focally induce axon transport deficits in vitro (Stagi et al., 2005), and promote axonal damage in vivo (Nikic et al., 2011). Nos-2 is not required for RGC death and axon degeneration in DBA/2J mice (Libby et al., 2007), but effects on axon transport have not been assessed. Therefore, it is possible that there is a selective role for this pathway in this aspect of neuronal decline, consistent with our findings. Notably, alleviating oxidative stress in the DBA/2J model with alpha-lipoic acid treatment results in improved axonal transport (Inman et al., 2013).

Optic Nerve Degeneration and Brn3 Downregulation Are Not Affected by Loss of Cx3cr1

While we observed an increase in somal accumulation of pNF, there was no change in structural degeneration of the optic nerve in Cx3cr1gfp/gfp DBA/2J mice relative to DBA/2J mice. This may be due to the fact that structural decline of axons can lag changes in transport, as shown in a model of multiple sclerosis (Sorbara et al., 2014). Consistent with this, there is structural persistence in the optic pathway well after axon transport failure in an ocular hypertension model of glaucoma (Crish et al., 2010; Crish and Calkins, 2011). Notably, in glaucoma patients, functional decline of RGCs as measured by pattern electroretinography (PERG) significantly precedes structural changes, such as loss of nerve fiber layer thickness (Banitt et al., 2013), and in animal models reduced PERG amplitude can result from blockade of axon transport (Chou et al., 2013). Alternatively, structural degeneration of axons may be independently regulated, for example by calpain-dependent cleavage of cytoskeletal components (Crish and Calkins, 2011; Wang et al., 2012).

Interestingly, there are other instances of somal accumulation of pNF in RGCs being uncoupled from optic nerve degeneration. The wabbler-lethal mutant mouse has a loss of function mutation in the phosphatidyl-serine flippase, Atp8a2 that is involved in apoptosis and vesicle trafficking (Zhu et al., 2012; van der Mark et al., 2013). This mutant mouse shows disrupted axonal transport with an increase in RGCs with somal pNF, without observed increased damage to the optic nerve (Zhu et al., 2012). Since we found a significant reduction in expression of Atp8a2 in Cx3cr1gfp/gfp DBA/2J vs. DBA/2J retinas, it is possible that loss of this pathway may be in part responsible for mediating the reduced RGC axonal transport phenotype. These results raise the question of whether exoplasmic-facing phosphatidyl-serine signaling to receptors on microglia or macrophages affects RGC degeneration, or if a cell autonomous role in membrane fluidity affects axonal transport.

In our study, Brn3 downregulation was also similar in both Cx3cr1gfp/gfp DBA/2J and DBA/2J retinas. This suggests the density of RGCs was not significantly different with loss of Cx3cr1, and that Cx3cr1 signaling does not influence this early aspect of RGC degeneration. Thus, different aspects of RGC decline may occur at different rates or be regulated by distinct mechanisms. Consistent with this, deficiency in the dual leucine kinase (Dlk) signaling pathway alters somal but not axonal RGC degeneration (Fernandes et al., 2014). In contrast to our findings, significant reductions in beta tubulin III labeled RGCs were observed in a transient ocular hypertension model of glaucoma in Cx3cr1gfp/gfp C57Bl6/J mice (Wang et al., 2014). Thus, it is possible that Cx3cr1 signaling has different effects in an acute injury vs. chronic model of RGC degeneration. Overall, our findings suggest that loss of fractalkine signaling selectively affects axon transport, providing evidence that distinct pathways mediate specific aspects of compartmentalized neurodegeneration.

Loss of Cx3cr1 Does Not Alter Microglial Activation

FKN signaling has been found to be a brake on microglial activation in many models of neurodegeneration (Cardona et al., 2006; Wolf et al., 2013; Limatola and Ransohoff, 2014). However, we found that the activation of the presumed resident microglia (branched, parenchymal Iba1+ cells) remained unchanged in terms of morphology and Iba1 mRNA levels with loss of Cx3cr1. A similar lack of change in microglia activation in Cx3cr1 knockouts was also observed in other disease models, such as prion-infected mice (Striebel et al., 2016). Activated microglia can secrete pro-inflammatory cytokines like Il1β (Patterson, 2015), and loss of Cx3cr1 has been shown to elevate levels of the pro-inflammatory cytokine Il1β (Cardona et al., 2006) In diabetic retinopathy, only a few genes associated with inflammation are significantly upregulated in Cx3cr1 knockout retina, including Il1β (Cardona et al., 2015). However, while we found that Nos2 was upregulated, as discussed above, we did not observe a significant increase in Il1β with loss of Cx3cr1 in the DBA/2J retina or in sorted myeloid cells including microglia. Thus, we conclude that overall levels of myeloid cell activation were not altered by loss of Cx3cr1 in this model, but that specific genes and pathways may be affected.

Other aspects of microglia function may also be affected by loss of Cx3cr1. For example, Cx3cr1 null microglia have been noted to more slowly remodel their processes (Liang et al., 2009), suggesting functional impairment. Whether this occurs in our model remains unclear. We also observed a perivascular population of Iba1+ cells that frequently lined up along axons (Figure 6A) in a manner reminiscent of that seen by CD11c+ dendritic cells in the optic nerve crush model of axonal injury (Lehmann et al., 2010; Heuss et al., 2014). Whether these cells represent a second niche of dendritic cells in the retina (Heuss et al., 2014) or a subpopulation of microglia (Dando et al., 2016) is unclear, but the proximity to RGC axons and retinal vessels suggest these cells would be a fruitful target in glaucoma research.

Loss of Cx3cr1 Promotes Enhanced Macrophage Infiltration

While we did not observe obvious changes in microglia activation, loss of Cx3cr1 clearly resulted in enhanced Ccr2+ monocyte/macrophage infiltration. Consistent with this, we also found increased levels of expression of the ligand for Ccr2, Ccl2, which can promote infiltration (Sennlaub et al., 2013). Ccl2 was also found to be increased in brains from prion-infected Cx3cr1 knockout vs. wild type C57Bl6/J mice (Striebel et al., 2016). Increased CCR2+ macrophage infiltration on a Cx3cr1 null background is consistent with what has been observed in age and light damage models of subretinal inflammation that clearly showed a pathogenic role for these infiltrating macrophages (Sennlaub et al., 2013). However, since macrophages have been implicated in RGC regeneration (Cui et al., 2009; Yin et al., 2009), it is unclear whether their role in RGC compartmentalized degeneration is beneficial or detrimental. However, the increase in Ccr2+ macrophages in Cx3cr1gfp/gfp DBA/2J retinas makes them a candidate for impacting axonal transport in RGCs since the numbers of resident microglia and perivascular macrophages were unchanged between the genotypes. Since differences do exist between the DBA/2J and acute models of IOP elevation, such as microbead injection (Sappington et al., 2010) or injection of hypertonic saline into episcleral veins (Morrison et al., 2011; Johnson et al., 2014) it may prove fruitful to evaluate the role of microglia and macrophages in these models.

Overall, our findings indicate that loss of Cx3cr1 increased the infiltration of CCR2+ macrophages into the DBA/2J retina, and selectively increased axonal transport dysfunction in this mouse model of chronic glaucoma, potentially driven by increased Nos2 expression in Cx3cr1-null myeloid cells. Thus, alterations in myeloid function may contribute to the impaired axonal transport seen early in many neurodegenerative diseases (Millecamps and Julien, 2013).
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Axonal transport deficits precede structural loss in glaucoma and other neurodegenerations. Impairments in structural support, including modified cytoskeletal proteins, and microtubule-destabilizing elements, could be initiating factors in glaucoma pathogenesis. We investigated the time course of changes in protein levels and post-translational modifications in the DBA/2J mouse model of glaucoma. Using anterograde tract tracing of the retinal projection, we assessed major cytoskeletal and transported elements as a function of transport integrity in different stages of pathological progression. Using capillary-based electrophoresis, single- and multiplex immunosorbent assays, and immunofluorescence, we quantified hyperphosphorylated neurofilament-heavy chain, phosphorylated tau (ptau), calpain-mediated spectrin breakdown product (145/150 kDa), β–tubulin, and amyloid-β42 proteins based on age and transport outcome to the superior colliculus (SC; the main retinal target in mice). Phosphorylated neurofilament-heavy chain (pNF-H) was elevated within the optic nerve (ON) and SC of 8–10 month-old DBA/2J mice, but was not evident in the retina until 12–15 months, suggesting that cytoskeletal modifications first appear in the distal retinal projection. As expected, higher pNF-H levels in the SC and retina were correlated with axonal transport deficits. Elevations in hyperphosphorylated tau (ptau) occurred in ON and SC between 3 and 8 month of age while retinal ptau accumulations occurred at 12–15 months in DBA/2J mice. In vitro co-immunoprecipitation experiments suggested increased affinity of ptau for the retrograde motor complex protein dynactin. We observed a transport-related decrease of β-tubulin in ON of 10–12 month-old DBA/2J mice, suggesting destabilized microtubule array. Elevations in calpain-mediated spectrin breakdown product were seen in ON and SC at the earliest age examined, well before axonal transport loss is evident. Finally, transport-independent elevations of amyloid-β42, unlike pNF-H or ptau, occurred first in the retina of DBA/2J mice, and then progressed to SC. These data demonstrate distal-to-proximal progression of cytoskeletal modifications in the progression of glaucoma, with many of these changes occurring prior to complete loss of functional transport and axon degeneration. The earliest changes, such as elevated spectrin breakdown and amyloid-β levels, may make retinal ganglion cells susceptible to future stressors. As such, targeting modification of the axonal cytoskeleton in glaucoma may provide unique opportunities to slow disease progression.
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INTRODUCTION

Glaucoma is a major cause of irreversible blindness, predicted to afflict nearly 112 million people worldwide by the year 2020 (Tham et al., 2014). While age and sensitivity to elevated intraocular pressure (IOP) are two major risk factors, ultimately it is the dysfunction and degeneration of retinal ganglion cells and their axons that lead to permanent vision loss in glaucoma (Quigley, 1999; Almasieh et al., 2012). As in many other chronic neurodegenerations, axonopathy is a component of early glaucoma pathogenesis (Libby et al., 2005; McKinnon et al., 2009; Crish et al., 2010; Dengler-Crish et al., 2014; Cooper et al., 2016). Furthermore, axonopathy is compartmentalized, with axonal transport deficits, morphological changes, and eventual axon loss initially manifested in the distal segments of retinal ganglion cell (RGC) axons (Libby et al., 2005; Schlamp et al., 2006; Crish et al., 2010, 2013; Dengler-Crish et al., 2014; Cooper et al., 2016). Functional axonal transport deficits are observed before structural loss—wherein lies a therapeutic window separating the earliest elements of dysfunction in this disease from stages of irrevocable neural loss (Crish et al., 2010; Sunico et al., 2011; Dengler-Crish et al., 2014).

Axonal transport blockade has been linked to aberrant cytoskeletal organization or breakdown (Coleman, 2005; Shea and Chan, 2008), and cytoskeletal proteins have been historically used as pathological markers in glaucoma (Soto et al., 2011). Recent work has redirected attention to these elements as potential mechanisms for disease progression (Balaratnasingam et al., 2008; Kang et al., 2014; Cooper et al., 2016). In the DBA/2J mouse, a well-characterized model that develops progressive glaucomatous pathology as a function of age (John et al., 1998), optic nerves (ON) from pathologically-advanced mice show striking evidence of large swellings (spheroids) exhibiting accumulated cargo and disorganized, highly phosphorylated neurofilaments (Crish et al., 2010). However, the nature and time course of cytoskeletal abnormalities within the axon have not been clearly defined; these changes may explain the underlying mechanics of early axonal transport deficits characteristic of glaucoma.

The axonal cytoskeleton is dynamic, and arrangement of its components is tightly regulated to produce the proper organization essential for normal structure and function of the axon (Köpke et al., 1993; Nicolas et al., 2002; Ackerley et al., 2003; Jung et al., 2005; Song et al., 2013; Xu et al., 2013; Wortman et al., 2014). Axonopathy often begins with post-translational modifications of proteins involved in axon structure and function (Petzold et al., 2008). Aberrations in several cytoskeletal proteins, such as neurofilaments, spectrin, microtubules, and tau, have been implicated in the pathogenesis of neurodegenerative diseases, including glaucoma (Braak et al., 1994; Schultz et al., 1997; Ahlijanian et al., 2000; Fischer et al., 2004; Tahzib et al., 2004; Cuchillo-Ibanez et al., 2008; Petzold et al., 2008; Chidlow et al., 2011; Haines et al., 2011; Ito et al., 2012; Yan and Jeromin, 2012). Amyloid-β (Aβ) has been a biomarker of neurodegeneration most commonly associated with Alzheimer's disease (AD), but is present in other pathological conditions, including glaucoma (McKinnon, 2003). Although it is not directly involved in the structural maintenance of the cytoskeleton, Aβ may play an active role in axonal transport deficits. Elevations in Aβ protein fibrils and oligomers coincide with elevated intracellular calcium concentrations (Kawahara and Kuroda, 2000), and oligomeric Aβ has been associated with inhibition of fast axonal transport (Morfini et al., 2009). Evidence of Aβ in animal models of glaucoma as well as in human glaucomatous eyes (McKinnon, 2003; Ito et al., 2012) further asserts the necessity of considering the role of such AD pathophysiological elements in the context of glaucoma.

In the current study, we assessed the relationship between cytoskeletal changes, axonal transport deficits, and primary risk factors (i.e., age) in glaucoma. Using a combination of neuronal tract tracing, immunofluorescence, and advanced protein quantitation techniques, we examined levels of extremely hyperphosphorylated (i.e., superphosphorylated) neurofilament (pNF-H), phosphorylated tau (ptau-231), spectrin breakdown product (SBDP 145/150; cleaved αII-spectrin), β-tubulin, and Aβ42 throughout the retinal projection of DBA/2J mice as a function of age and extent of axonal transport deficits. Overall, our data support that initial cytoskeletal changes in the distal retinal projection occur before large-scale anterograde transport loss and subsequent axon degeneration, emphasizing the importance of these elements as potential targets for early intervention in the disease.

METHODS

DBA/2J Mouse Model of Glaucoma

Eighty-three mixed-sex (30 male, 53 female) DBA/2J and DBA/2J-Gpnmb+ mice of different ages were used for protein quantification and immunofluorescence studies. The DBA/2J mouse has two loss of function mutations that produce iris atrophy, resulting in age-related elevation of IOP and progressive degeneration of visual structures that mimic human glaucoma (John et al., 1998; Burroughs et al., 2011). DBA/2J-Gpnmb+ mice (D2G) have the same genetic background as DBA/2J mice; however, they express a functioning wild-type Gpnmb+ allele that prevents development of elevated IOP or glaucomatous pathology (Howell et al., 2007). For our experimental staging in the DBA/2J strain, we used 3–5 month old mice (D3-5) representing pre-glaucomatous ages, 8–10 month old mice (D8-10) representing early glaucomatous pathology where anterograde transport deficits and mild axonopathy are evident, and 12–15 month old mice (D12-15) representing increasing transport deficits, axonopathy, and RGC soma loss characteristic of late glaucomatous pathology. Staging of DBA/2J glaucomatous mice was consistent with previous work published by our lab as well as others and was based on anterograde and retrograde transport loss as well as eventual RGC loss in this model (John et al., 1998; Howell et al., 2007; Buckingham et al., 2008; Crish et al., 2010; Dengler-Crish et al., 2014; Wilson et al., 2015). For control comparisons, we used 3–5 and 12–15 month old D2G mice to represent ages targeted for pre-glaucomatous and late glaucomatous time points in the DBA/2J strain (G3-5 and G12-15 respectively). Table 1 describes experimental and control group nomenclature and provides specific sample sizes. All mice were originally obtained from The Jackson Laboratory (Bar Harbor, ME, USA) and were housed and aged under the same conditions in the Comparative Medicine Unit at Northeast Ohio Medical University. Mice were maintained on a 12-h light/dark cycle with standard rodent chow available ad libitum. All experimental procedures were conducted in accordance with the guidelines of the Northeast Ohio Medical University Institutional Animal Care and Use Committee (IACUC). All protocols for animal use were approved by this IACUC prior to initiation of the study.


Table 1. Group nomenclature.
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Anterograde Tracing

Anterograde tract tracing methods were used to assay anterograde transport integrity between each retina to the corresponding contralateral superior colliculus (Crish et al., 2010). Mice were anesthetized with 2.5% isoflurane and placed prone in a stereotaxic device (Stoelting, Wood Dale, IL). Cholera toxin B-subunit conjugated to Alexa Fluor 488 (CTB) was injected into the vitreous chamber of both eyes (1.5 μl of 0.1% CTB in sterile physiological saline per eye; Life Technologies: Grand Island, NY) using a 33-gage needle attached to a 25 μl Hamilton syringe. Mice were then allowed to recover and were returned to their home cages. Forty-eight hours later, mice were sacrificed by either transcardial perfusion with 4% paraformaldehyde for immunofluorescence assays or by decapitation under 5% isoflurane anesthesia to collect fresh tissue for protein quantitation procedures.

Tissue Collection

Eyes, brain, and ONs were harvested from mice perfused for immunofluorescence assays; brains were post-fixed overnight while eyes and ONs were post-fixed for 2 h. Tissue was transferred to 20% sucrose in phosphate buffered saline (PBS) prior to sectioning. Brains were sectioned coronally through the rostral-caudal extent of the SC at 50 μm on a freezing-sliding microtome; ONs were sliced longitudinally at 20 μm. Retinas were dissected from eyes.

In mice sacrificed for protein quantitation, retina, ONs, SC, and cerebellum (as a control structure) were collected and immediately frozen on dry ice, following the microdissection procedure previously described in Wilson et al. (2015). Whole-mount SC imaging was done with a Zeiss AxioZoom V16 epifluorescent microscope equipped with a digital high-resolution camera (AxioCam MRm Rev.3; Zeiss: Jena, Germany). Under 16.2x magnification, microdissection of the SC was performed to collect transport-intact (CTB-positive) and transport-absent (CTB-negative) regions which were analyzed separately in order to parse out the relationship between transport outcome and protein levels. Retinas were flattened and examined to determine success of the tracer injection as described in Dengler-Crish et al. (2014). Tissue was stored frozen at −80°C until use.

Sandwich ELISAs for pNF-H and Aβ42

Enzyme-linked immunosorbent assays (ELISA) were used to quantify pNF-H (ELISA-pNFH-V1: EnCor Biotechnology Inc.; Oxfordshire, UK) and Aβ42 (#KMB3441: Life Technologies, Carlsbad, CA). Frozen tissue samples were homogenized via sonication (Branson Digital Sonifier; 10% amplitude for two 2-s pulses) in buffer (for pNF-H: 4 M Urea, 1 mM EDTA, 1 mM EGTA, 0.2 mM PMSF, with 1X Halt protease and phosphatase inhibitors; for Aβ42: 5 M Guanidine-HCl in Dubellco's PBS, 0.2 mM PMSF, and 1X Halt protease inhibitor cocktail). Homogenate volume was approximately 100 μl buffer per mg of tissue. Homogenates were centrifuged at 15,200 × g and 4°C for 5 or 20 min, for pNF-H and Aβ42 samples, respectively. Supernatants were decanted into fresh Eppendorf tubes. Samples were diluted 1:50 with the EnCor protein block for pNF-H assays or 1:20 in PBS for Aβ42 assays and the assays were carried out according to the manufacturers' protocols. Protein standards were provided in each ELISA kit. Briefly, antibody-coated microplates were incubated with 100 μl of sample, standard, or background (assay buffer/diluent buffer) at room temperature (RT) for 2 h. Plates were washed three times with wash buffers provided in kits, then 100 μl of detection antibody was added to all wells and incubated for 1 h at RT. Plates were washed 3 times and 100 μl of HRP-conjugated secondary antibody was added to all wells and incubated for 1 h. After three washes, 100 μl of 3,3′,5,5′-tetramethylbenzidine (TMB) substrate was added to every well and incubated at RT for 25–30 min. Stop solution (2N H2SO4) was added and plates were read at 450 nm on a SpectraMax 340 PC plate reader (Molecular Devices, Sunnyvale, CA) using SoftMax Pro 5.2 analytical software. Mean absorbance values were recorded and calculated concentrations were based on the standard curve.

Tau Multiplex

Phosphorylated tau (ptau-231; phosphorylated at the threonine 231 site) and total tau proteins were measured using magnetic bead-based neurodegeneration multiplex plates for the Luminex platform (HND1Mag-39K; EMD Millipore, Billerica MA). Fresh tissue samples were homogenized via sonication in T-Per buffer supplemented with Halt protease and phosphatase inhibitors and centrifuged at 1000 × g for 10 min. Supernatants were collected for further analyses; pellets were re-suspended with 50–100 μl of additional T-Per buffer and were centrifuged a final time (1000 × g, 10 min, 4°C) with supernatants added to final sample volume. Multiplex analyses were conducted according to manufacturer's instructions. In brief, a solution containing antibody-coupled beads for total tau and ptau-231 were pipetted into a 96-well microplate (25 μl/well). Twenty-five microliters of assay diluent was then added, followed by 25 μl of sample or appropriate standard. Plates were light-protected and incubated for 16–18 h on an orbital shaker (500–600 rpm) at 4°C. Following incubation, plates were washed three times with manufacturer-provided detergent solution using a handheld magnet to keep beads in place. Twenty-five microliters of HRP-conjugated detection antibody was added to all wells and incubated at RT for 1 h (shaking at 500–600 rpm). Plates were washed three times as described and 25 μl of Streptavidin-RPE was added to wells. After a final wash, 100 μl of Magpix drive fluid was added to wells, plates were vigorously shaken for 3 min, and then plates were read on a Magpix Luminex 200. Xponent software was used to generate a standard curve for each analyte from which concentrations of unknown samples were calculated.

Automated Capillary-Based Western Blotting for SBDP and β-Tubulin

Analyses for SBDP and β-tubulin were performed using Wes, an automated capillary-based Western blotting platform (ProteinSimple, Santa Clara, CA). Brain samples used for Wes were selected from DBA/2J mice demonstrating either intact CTB transport (no visible deficit in the SC) or 0% transport (no detectable CTB label in the SC). T-Per buffer containing Halt protease and phosphatase inhibitors was added to samples (approximately 10 μl per 1 μg of tissue), tissue was then homogenized via sonication (20% amplitude for two, 2-s pulses), and brain homogenates were centrifuged at 14,000 rpm for 10 min at 4°C. Wes procedures were performed according to manufacturer protocol. Briefly, brain or ON homogenate was diluted to 0.1 μg/μl in 0.1X sample buffer and a fluorescent master mix (1 μl per 5 μl total volume) was added; the sample solutions and ladder were then placed in a thermocycler and heated to 95°C for 5 min and subsequently cooled to 25°C. The samples, blocking reagent, wash buffer, primary antibodies, HRP-conjugated secondary antibodies, chemiluminescent substrate, and separation/stacking matrices were dispensed into a pre-filled microplate (ProteinSimple, PS-PP03). After plate loading, immunodetection was fully automated using default instrument settings for size-based assays. Primary antibodies used were SBDP (mouse, 1:20; Santa Cruz, Dallas, TX) and β-tubulin (rabbit, 1:200: Covance/BioLegend, San Diego, CA). GAPDH (1:100: Sigma-Aldrich, St. Louis, MO) was used as a loading control. All antibodies were diluted with antibody diluent (ProteinSimple, 042-195). Resulting chemiluminescent signals were quantitated and analyzed with Compass software (ProteinSimple v2.5). Protein densitometry was calculated by dividing the area under the curve of each protein of interest by area under the curve of the loading control (GAPDH).

Bicinchoninic Acid Assay for Total Protein

Total protein content was assessed in tissue samples using the Pierce Bicinchoninic Acid (BCA) assay kit (Thermo Fisher; #23227) and individual protein levels were normalized to total protein content within tissue samples. Samples for pNF-H were diluted to a urea concentration compatible with the assay (<3 mM).

Calculating Percent Intact Transport

Whole-mount SC were imaged with the Zeiss AxioZoom microscope to capture the full extent of the dorsal surface of the SC. Captured images were imported into ImagePro Premier (Media Cybernetics; Rockville, MD) software where areas containing CTB signal were defined within the total SC area. To quantify percent intact transport of each SC, the area of intact CTB transport was divided by the total collicular area (Wilson et al., 2015).

Immunofluorescence

Sections from fixed retina, brain, and longitudinal ON were blocked with 5% normal donkey serum and 0.1% Triton-X 100 in PBS for 2 h and then incubated for 48 h at 4°C with the primary antibody cocktail (diluted in 3% serum, 0.1% Triton in PBS). Primary antibodies used consisted of the following: mouse anti-SMI-310 (superphosphorylated NF-H 1:1000; AbCam, Cambridge, MA), rabbit anti-tau p231 (1:400; Life Technologies), or rabbit anti-tubulin β-III (1:1000; BioLegend), and goat anti-Brn3a (1:400; Santa Cruz) for identification of retinal ganglion cell bodies. Staining for “superphosphorylated” NF is distinguished from the more typical “hyperphosphorylated” phosphoisoforms seen with other pNF antibodies (e.g., SMI-31, SMI-34, RT97) in that the former represents the highest level of phosphorylation of all the antibody-detected NF phosphoisoforms, and is typically only found in a subset of axons in normal tissue. Assessment of superphosphorylated NF allows us to identify pathological changes in the axon that might be masked by the relatively high expression of other NF phosphoisoforms in normal tissue. Following primary antibody incubation, tissue was washed in PBS and Alexa Fluor secondary antibodies (Jackson Immunoresearch Laboratories, West Grove, PA) against mouse, rabbit, and/or goat (diluted 1:250 in PBS containing 0.1% Triton X-100 and 1% normal donkey serum) were then added and sections were incubated for 2 h at room temperature. Tissue was then washed with PBS, mounted onto slides and cover-slipped with Fluoromount-G (Southern Biotech, Birmingham, AL) prior to visualization.

Semi-Thin Optic Nerve Embedding, Sectioning, and Immunofluorescence

Perfusion-fixed ONs were immediately placed in 1% glutaraldehyde for 3 h and were then washed in buffer (3.5% sucrose/50 mM glycine in 0.01 M PBS) for 10 min. Tissue was dehydrated using cold 70% ethanol followed by 95% ethanol, and 100% ethanol each for 5 min. Tissue was then placed in a (1:1) mixture of LR white resin (#62662; Sigma-Aldrich) and 100% ethanol for 5 min. After removal from mixture on day 2, tissue was placed in fresh LR white twice, for 5 min each, prior to overnight incubation in LR white, at 4°C. On day 3, tissue was added to gelatin capsules (#7114, Electron Microscopy Sciences, Hatfield, PA) filled with LR white, covered, and placed in an oven at 50°C for overnight infiltration.

Using a Leica UC6 ultramicrotome (Buffalo Grove, IL) equipped with a Diatome diamond knife (Ultra 45, 3.0 mm), 1 μm cross-sections were collected and mounted onto subbed glass slides. Tissue was blocked with 5% normal donkey serum and 0.1% Triton-X 100 in PBS for 2 h. Tissue incubated for 48 h at room temperature in primary antibody solution (3% serum, 0.1% Triton in PBS) consisting of anti-β-tubulin III (1:50; BioLegend) and anti-SMI310 (1:400; AbCam). Following primary antibody incubation, tissue was washed in PBS (10 min, x3) before secondary antibody incubation using Alexa Fluor secondary antibodies (Jackson Immunoresearch Laboratories) against mouse, rabbit, and/or goat (diluted 1:200 in PBS containing 0.1% Triton X-100 and 1% normal donkey serum) overnight at room temperature. Tissue was then washed with PBS before slides were cover slipped using Fluoromount-G mounting media.

Immunofluorescence Imagining

Immunofluorescence imaging of retina, SC, and cross-section ON was completed using a Zeiss Axio Imager M2 epifluorescent microscope outfitted with an Apotome.2 for obtaining optically sectioned images, digital high resolution camera (AxioCam MRm Rev.3), and motorized Z and X-Y stage (Zeiss, Jena, Germany). Longitudinal ON were imaged using the Zeiss AxioZoom V16 epifluorescent microscope.

Tau-Dynactin Co-immunoprecipitation

To test the effect of tau hyperphosphorylation on its affinity for the retrograde motor component, dynactin, we performed co-immunoprecipitation comparing native tau (that exhibits a low level of phosphorylation) and tau hyperphosphorylated by pretreatment with glycogen synthase kinase 3β (GSK-3β; a kinase that has tau as one of its major substrates). In a 1.5 ml Eppendorf tube, 30 μl of Dynabeads-G (ThermoFisher, #10003D) was bound with 10 μl of antibody against dynactin-2 (AbCam, #EPR5095), which was then allowed to bind 5 μg recombinant dynactin-2 (0.5 μg/μl; OriGene Technologies Inc., Rockville, MD; #TP314771). The tubes were rotated for 20 min at RT to ensure thorough mixing. Five micrograms of human tau-412 isoform (1 μg/μl; rPeptide, LLC, Bogart GA), was treated with either GSK-3β, lambda phosphatase, or PBS and incubated at RT for 30 min. The tau solutions were then mixed with dynactin-bound Dynabeads and allowed to rotate for 20 min. Fifty microliters of Laemmli buffer was added to each reaction and tubes were heated at 70°C for 10 min. Forty microliters of each solution was used to perform Western blots which were run on 4–15% Mini-Protean TGX precast gels (Bio-Rad, Hercules, CA; #4561083SEDU) and Immun-Blot PVDF membranes (Bio-Rad; #1620177). Membranes were probed with an antibody against pan-tau (anti-Tau-5; AbCam #ab80579) to determine relative amounts of total tau pulled out in each reaction context. Blots were stripped (Restore™ Western Blot Stripping Buffer; ThermoFisher; #21059) and probed with a phospho-specific antibody (phospho-(Ser/Thr) Phe Antibody; Cell Signaling, Anvers, MA; #9631) to confirm differences in phosphorylation state. Control blots were run using either Dynabeads-only (30 μl), pure dynactin, or native tau protein (1 μg).

Statistical Analyses

IBM SPSS Statistics 22 (IBM Corp: Armonk, NY, USA) was used for all statistical analyses. To justify pooling D2G results into a unitary control group, two-tailed, independent samples student t-tests were performed to confirm similarity of results between young (3–5 months.) and old (12–15 months.) D2G control animals. Assessments regarding whether pooling was applicable were made separately for each protein (pNF-H, ptau, total tau, and Aβ42) and tissue type (retina, ON, SC, and cerebellum). Independent samples t-tests were performed to determine any initial sex differences in protein quantification measurements within each strain/age group of mice prior to assessment of our overall hypotheses. To test our overall hypotheses, we conducted one-way analyses of variance (ANOVA) using protein concentration (pNF-H, ptau, total tau, and Aβ42) per anatomical region (retina, ON, SC and cerebellum control) as the dependent variable and strain/age group as the independent variable. Bonferroni-corrected post hoc comparisons were performed to elucidate specific group differences. For other analyses, we used transport outcome as our independent variable to determine whether proteins levels in each region differed in transport-intact (CTB-positive) vs. transport-deficient (CTB-negative) projections. Since the distribution of projections with intact transport was variable in the D8-10 DBA/2J group (53% intact) and skewed substantially toward loss in the D12-15 group (15% intact), we pooled data across these two age groups to have sufficient cases to support each level of our dichotomous transport-intact/deficient variable for analysis. In addition to this dichotomous transport variable, we also used a continuous variable of “percent intact transport” for our correlational analyses.

RESULTS

D2G Mice Show No Differences in Protein Concentrations Based on Age

To assess whether age-related differences in cytoskeletal components occur independent of strain, we compared pNF-H protein levels in retina, ON, SC, and cerebellum (control structure) between young (3–5 months.) and old (12–15 months.) D2G using independent samples t-tests. No significant differences in pNF-H levels were shown between young and old D2G for any structure (refer to Table 2). These results were recapitulated in analyses of Aβ and tau proteins as well. Therefore, young and old D2G were pooled into a single control group for all subsequent analyses. No significant sex differences were observed within either D2G age group.


Table 2. Young and aged D2G comparisons.
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pNF-H Levels in DBA/2J Mice are Elevated in an Age and Transport Dependent Manner

DBA/2J Mice Show Early pNF-H Elevations in SC and Late Increases in the Retina, with Transitional Changes Occurring in ON

Figure 1 depicts results for pNF-H analyses. As shown in Figure 1A, pNF-H protein concentration differed between strains in the retina [F (3, 55) = 3.116, p = 0.034], ON [F (3, 52) = 17.206, p <0.001], and SC [F (3, 50) = 3.653, p = 0.019] with no differences in cerebellar control tissue (Table 2). An approximate 5-fold increase in collicular pNF-H was seen in the 8–10 month DBA/2J group (p = 0.020) compared to controls. Retinal pNF-H levels did not significantly differ between groups until DBA/2J mice were 12–15 months of age, whereby pNF-H levels were increased by nearly 5-fold in 12–15 month DBA/2Js compared to controls (p = 0.033). pNF-H results in the ON showed a transitional pattern of results, with D8-10 mice displaying significantly higher pNF-H levels—more than double—in comparison to D2G controls and D3-5 (p = 0.003) and D12-15 (p <0.01) mice. Further, we saw elevations of pNF-H in the most superficial SC between groups (Figure 1A). Following the pattern of ON NF levels, we see an increase of pNF in D8-10 followed with a reduction in the oldest age group. Figure 1B shows immunofluorescent labeling of superphosphorylated NF-H (SMI-310) in retina and ON. Retinas show low levels of pNF and ptau in the control retina with the D8 retina showing greatly increased levels of pNF and ptau, with both proteins being aberrantly localized in the RGC somata (labeled with Brn3a), a sign of pathology. Immunofluorescence staining in our semithin cross-sections of ON is also consistent with results from the protein quantification. We found low levels of pNF-H in aged control mice with very robust staining evident in a D9 ON. This staining is greatly reduced in the D13 ON, likely due to axon loss, as evidenced by the massive reduction in β-tubulin seen in the same section. No sex differences were observed within retina, ON, or SC of any DBA/2J age group.
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FIGURE 1. Early elevations in pNF-H observed in distal RGC projection with effects of age and transport outcome. (A) Quantification of pNF-H by ELISA in retina, optic nerve (ON), and superior colliculus (SC). DBA/2J retinal pNF-H levels show trending increase with age peaking at 12–15 months at which point, is significantly elevated compared to the D2G controls. In the ON, pNF-H levels were highest at 8–10 months. in the DBA/2J mice but returned to levels similar to the D2G controls at 12–15 months. In the SC, pNF-H levels remained significantly elevated in the D8-10 group compared to controls. (B) (Top) Immunofluorescence of cytoskeletal markers, SMI-310 (specific for superphosphorylated, pNF-H) and the RGC marker Brn3a in the retina of an 8-mo. DBA/2J (D8) and D2G control. Micrographs show visibly increased pNF-H and somatic/axonal ptau-231 staining in the D8 retina. The D2G pNF-H labeling is typical of mature, non-pathological axons within the retina. (Bottom) Semithin (1 μm) cross-sections taken from 8-months. DBA/2J (D8), 13-months. DBA/2J (D13), and 17-months. D2G (G17) control ON immuno-stained for β-tubulin (β-TUB) and pNF-H. A significant increase in pNF-H is observed in the D8 ON compared to G17 control. In the D13, pNF-H in the ON is nearly absent corresponding to the prominent loss of axonal structure indicative by the reduction in β-TUB. Error bars depict SEM. Asterisk indicates significant statistical difference (p <0.05).



pNF-H Levels in Retina and SC Vary Based on Transport Outcome in DBA/2J Mice

Collicular tissue was microdissected to separate CTB+ from CTB- areas, each area was run separately. For retina, total CTB+ area of corresponding collicular lobe was used for classification. We contrasted pNF-H levels in retinal projections taken from mice with deficient (0–20%) anterograde transport (CTB-) in the SC with projections taken from SC displaying full tracer coverage (CTB+) and these data are presented in Figure 2. Only DBA/2J mice in the D8-10 and D12-15 groups displayed transport deficits (as anticipated based on the established trajectory of transport loss in this model) with only 15% of D12-15 colliculi exhibiting any detectable CTB label whatsoever. To maximize detection of differences in pNF-H levels as a function of transport outcome, we pooled data across the two pathologically-aged DBA/2J groups (D8-10 and D12-15). Significant elevations of pNF-H were indicated in both SC [F (1, 53) = 8.288, p = 0.006] and retina [F (1, 59) = 5.816, p = 0.019] of transport deficient (CTB-) projections compared to intact (CTB+) projections (Figure 1A). There were no differences in ON or cerebellum levels (not shown) of pNF-H as a function of transport outcome. For both SC and retina, the percent of intact transport was negatively correlated with pNF-H levels indicating that pNF-H levels increased as a function of transport deficit magnitude in these structures (SC: Pearson r2 = −0.358; retina: Pearson r2 = −0.317, p <0.05 in both cases). pNF-H levels in the ON did not show this same relationship to transport deficit magnitude. There were no observed differences in transport outcome to the SC based on mouse sex.
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FIGURE 2. Transport-dependent elevations in pNF-H observed in retina and SC of DBA/2J mice. (A) (Left) Photomicrograph from the dorsal surface of a whole-mount pathological SC in which the cortex has been removed and cholera toxin-B (CTB) labeling shows sectorial loss in the left (top) collicular lobe and complete loss in the right (bottom) lobe. Abbreviations: IC, inferior colliculus; PT, pre-tectum; LGN, lateral geniculate nucleus; SC, superior colliculus. The dotted lines demarcate areas absent of CTB indicating axonal transport deficit (CTB-). (Right) ELISA quantification of pNF-H in retina, optic nerve (ON), and SC. The transport status of retina and ON were determined by whether or not the SC was CTB+ (>90% CTB-label for partially transporting projections) or CTB- (<10% CTB-label for partially transporting projections). Levels of pNF-H were significantly elevated nearly 2-fold in both retina and SC of CTB- projections compared to CTB+ projections. Asterisks indicate significant statistical differences (p <0.05). Error bars depict SEM. (B) Top panel shows immunofluorescence of the SC, comparing 7-months. (D7), and 11-months. (D11) DBA/2J with and without CTB transport. Visibly increased pNF-H is shown in CTB- D11 SC. Bottom panel illustrates an age-dependent increase in pNF-H staining in the LGN (the visual thalamus) of 6, 11, and 14-month DBA/2J mice.



Phosphorylated Tau Shows Age-Dependent Changes in Retina and ON

Age-Dependent Elevations in Ptau in DBA/2J Mouse SC and Retina

Concentrations of ptau-231 differed as a function of DBA/2J age group in retina [F (3, 22) = 3.850, p = 0.026] and SC [F (3, 16) = 7.209, p = 0.004] but not in ON or control cerebellar tissue. Specifically, collicular ptau-231 was elevated by more than 4-fold in the youngest DBA/2J group (D3-5) compared to D2G controls (p = 0.007) and D12-15 mice (p = 0.011) (Figure 3). In contrast, retinal levels of ptau-231 were significantly increased about 3-fold in the D12-15 group compared to D2G controls (ptau-231; p = .022) and displayed a stepwise pattern of age-related increase among DBA/2J mice (Figure 3A). As shown in Figure 2B, there was a notable elevation in ptau-231 immunofluorescent labeling in the somata and axons of an 8-month old DBA/2J retina compared to retina from an 11-month old D2G control, despite no differences in the distribution of the RGC marker Brn3a between retina of these mice. Although differences in ptau-231 protein levels between groups were not detected in of ON homogenates, immunofluorescent ptau labeling in fixed longitudinal ON sections of 14-month old DBA/2J showed an intriguing distal-to-proximal distribution. Ptau-231 label was obvious in myelinated proximal ON but was sparse in the distal portion of the nerve (Figure 3C), and this pattern was observed in three cases of D14 ON and not in any other age groups. Relationships between transport deficits and ptau-231 protein levels could not be determined due to high variability in tau protein concentrations and small sample sizes of transport-intact mice in the oldest DBA/2J age groups. No sex differences were observed within retina or SC of any DBA/2J age group.
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FIGURE 3. Phosphorylated tau (ptau-231) is elevated early in the distal projection and is observed to translocate to the retina in pathologically-aged animals. (A) Multiplex quantification of ptau-231 in DBA/2J mice shows an age-dependent decrease of ptau in SC with an age-dependent increase in retinal ptau. In the SC, ptau-231 is significantly higher in the D3-5 group compared to D12-15 and D2G control group levels. In retina, however, D12-15 ptau-231 levels are significantly higher than D2G controls. Ptau levels in ON samples did not differ between groups. (B) Immunofluorescence for ptau-231 in 10-months. DBA/2J ON shows evidence of preferential accumulation of ptau-231 in the proximal portion compared to the distal portion of the nerve. (C) An example of co-immunoprecipitation data comparing native and hyperphosphorylated tau via reaction with GSK-3 suggests an increased affinity of phosphorylated tau for the retrograde motor component, dynactin-2. This is qualitatively illustrated by the increased optical density of Tau-5 (a marker for pan-tau) in the second lane representing hyperphosphorylated tau (GSK-3+Tau-412), compared to the first lane which contained only native tau. The tau band shown here corresponds to a molecular weight of approximately 43.5 kDa corresponding to the GSK-3 phosphorylation site, pS396/404. Asterisk indicates that groups are significantly different from bracketed comparison (p <0.05). Error bars depict SEM.



Tau-Dynactin Co-Immunoprecipitation

To further explore the age-related distal-to-proximal distribution of ptau in the DBA/2J retinal projection, we conducted a co-immunoprecipitation assay for differences in binding affinity of different tau phosphoisoforms with dynactin-2, the link between the retrograde molecular motor dynein and cytoskeletal elements. Results indicated that more tau protein was pulled down by the dynactin protein after GSK-3β-mediated phosphorylation compared to native conditions or phosphatase pre-treatment, as observed by Western blot (Figure 3C). Dynabead-only, tau, or dynactin alone conditions showed little if any non-specific binding. Blots were stripped and probed with a phospho-specific antibody to confirm differences in phosphorylation state (not shown).

Elevations in SBDP Observed Early in ON and SC of DBA/2J Mice

Comparisons of spectrin breakdown product (SBDP) protein levels were only performed between groups of D2G, D3-5, and D10-12 DBA/2J mice with this oldest group exhibiting a bimodal distribution in terms of transport outcome (CTB+/CTB-). SBDP levels varied significantly between these groups in the ON [F (3, 13) = 32.36, p <0.01] and SC [F (3, 13) = 4.718, p = 0.027]. Interestingly, D3-5 DBA/2J mice demonstrated significantly elevated SBDP in ON compared to all other groups (p <0.01 for all comparisons; Figure 4A), a difference of more than 10-fold. These young DBA/2J mice also expressed collicular levels of SBDP that were more than double the levels detected in D2G controls (p <0.05; Figure 4B). As expected based on this result, SBDP protein levels did not differ as a function of transport outcome in the D10-12 group exhibiting either fully intact or completely absent transport to individual SC. No sex differences were observed within ON or SC of any DBA/2J age group.


[image: image]

FIGURE 4. Spectrin breakdown product (SBDP) 145/150 is elevated in young DBA/2J ON and SC while β-tubulin is decreased in a transport-dependent manner in pathologically-aged ON. (A) Chemiluminescence-based quantification using ProteinSimple Wes technology illustrates significantly higher levels of SBDP(145/150) within ON of D3-5 mice compared to all other groups, with no differences seen in pathologically-aged (10–12 months.) DBA/2J mice regardless of transport outcome. Bar graph (top) shows SBDP145/150 and β-tubulin normalized to GAPDH (a housekeeping gene marker), while corresponding examples of automated western output are shown below for ON. Importantly, a significant decrease in β-tubulin was observed in pathologically-aged ON associated with zero anterograde transport to the corresponding SC compared to controls and D10-12 mice with intact transport. (B) A significant elevation in SBDP chemiluminescence was observed in D3-5 SC compared to D2G controls (B), with no differences in collicular β-tubulin elucidated. Bar graph (top) shows SBDP145/150 and β-tubulin normalized to GAPDH, while corresponding examples of automated western output are shown below for SC. (Refer back to Figure 1 to see β-tubulin loss using immunofluorescence.) Error bars depict SEM. Asterisk indicates that groups are significantly different from bracketed comparison (p <0.05)



Decreased β-Tubulin in Pathologically-Aged DBA/2J Mice with Disrupted Transport

To determine whether lower levels of SBDP observed in ON and SC of 10–12 month old DBA/2J mice were potentially due to an overall loss or disorganization of structure in aged projections, we quantified β-tubulin (a major structural component of microtubules) in these structures. In 10–12 months old DBA/2J mice, β-tubulin was significantly decreased within the ON of transport deficient (CTB-) projections relative to transport intact (CTB+) projections [F (1, 11) = 9.11, p = 0.01], and transport-deficient D10-12 projections also had lower levels of β-tubulin levels compared to D2G projections [F (3, 11) = 5.053, p = 0.030] (Figure 4A). Immunofluorescent staining in the ON also reflected decreased β-tubulin and CTB label in 11-month old DBA/2J tissue compared to 6-month old DBA/2J ON (Figure 1B). No significant differences in collicular β-tubulin levels were detected between any groups (Figure 4B); however, β-tubulin levels in this region showed trends similar to those observed in the ON. No sex differences were observed within ON or SC of any DBA/2J age group.

Elevations in Aβ42 Levels in DBA/2J

Retinal Aβ42 Levels Are Elevated in all DBA/2J Mice Regardless of Age, but Show Age-Dependent Increases at the Level of the SC

Retinal and collicular Aβ42 levels varied as a function of strain, age, and location [retina: F (3, 61) = 5.886, p <0.01; SC: F (3, 38) = 7.760, p <0.01]. Retinal Aβ42 was elevated in all age groups of DBA/2J mice, by three to four times, relative to D2G controls (p ≤ 0.010 in all analyses; Figure 5A, top). Collicular Aβ42 was significantly elevated in D8–10 and D12–15 mice by more than double control levels, but not in the young D3–5 group (p <0.05 in both cases; Figure 5B, top). In DBA/2J SC, Aβ42 was highest in the D8–10 group, although statistically these Aβ42 values only differed from the D3–5 group (p = 0.03). Aβ42 levels in cerebellar tissue did not differ by age or strain. No sex differences were observed within retina or SC of any DBA/2J age group.
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FIGURE 5. Amyloid-β42 elevations provide an early retinal marker of pathology and are later observed in the distal projection. (A) Retinal Aβ42 was elevated in all DBA/2J age groups compared to controls (left), with no transport-dependent effects observed (right). (B) However, collicular elevations appeared later, with 8–10 and 12–15 month DBA/2J SC having significantly elevated levels compared to controls; a significant difference was also observed between 3–5 and 8–10 month DBA/2Js (left). Levels of Aβ42 were significantly elevated in SC lacking intact transport (CTB-) compared to transport-intact (CTB+) SC (right). Error bars indicate SEM. Asterisk indicates that groups are significantly different from bracketed comparison (p <0.05).



Aβ42 Levels Are Elevated in DBA/2J SC as a Function of Transport Loss

As illustrated in Figure 5B (bottom), Aβ42levels were increased in SC of transport-deficient (CTB-) projections relative to transport-intact (CTB+) projections of DBA/2J mice (collapsed across D8–10 and D12–15 groups) [F (1, 41) = 8.044, p = 0.007]. No transport-related differences were found in retina (Figure 5A, bottom) or ON samples (not shown).

DISCUSSION

Pathological phosphorylation and cleavage of cytoskeletal elements are commonly implicated in chronic neurodegenerative conditions, including glaucoma (Lee et al., 2000; Colucci-D'Amato et al., 2003; Knobloch and Mansuy, 2008; Chidlow et al., 2011). Specifically, roles for pNF-H, ptau, spectrin, β-tubulin, and the pathological protein Aβ42 in the development, progression, and even classification and diagnosis of degenerative conditions have been prominent in both the clinical and basic research literature. However, the present experiments are the first to quantify this specific subset of proteins throughout the entire retinal projection of a glaucomatous mouse model; likewise, this study is the first to associate protein quantification with measures of axonal transport from the retina to its primary projection target in mouse, the SC. Our data (summarized in Figure 6) indicate that post-translational phosphorylation of neurofilament heavy-chain and tau occurs with age in DBA/2J mice. Spectrin breakdown in ON and SC precedes these effects, and early elevation of retinal Aβ42 was evident in the youngest, pre-pathological age group of DBA/2J mice studied. Consequently, elevations in these proteins occur prior to anterograde transport loss in this well-characterized glaucoma model. When the temporal context of these molecular change are considered, it is plausible that early spectrin cleavage and Aβ42 accumulation may perpetuate the sequence of degenerative events by facilitating aberrant cytoskeletal phosphorylation and thus, provoking disease progression (Dixit et al., 2008).
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FIGURE 6. Timeline summary of protein pathology within the DBA/2J retinal projection. A summary schematic of changes in protein levels over disease progression (pre-glaucomatous, early, and late glaucomatous ages), in the DBA/2J mouse model, for each tissue type analyzed (retina, ON, SC) is shown here. The x-axis corresponds to time while the y-axis corresponds to general protein levels. Each colored line corresponds to a specific protein: dark blue corresponds to pNF-H, red corresponds to Aβ42, light blue corresponds to SBDP, green corresponds to ptau-231, dotted purple corresponds to β-tubulin. Increased/decreased slope of each line indicates increased/decreased concentrations of each specific protein over time.



Microtubules are the substrate along which motor proteins carry cargo within axons. Therefore, disruption of microtubule organization inhibits axonal transport and, depending on the location and severity of the disruption, can trigger various destruction programs ranging from distal axonopathy to apoptosis (Cuchillo-Ibanez et al., 2008; Song et al., 2013; Zempel and Mandelkow, 2015). Relevant to our findings, abnormal microtubule distribution has been observed following laser coagulation-induced ocular hypertension in rats (Huang et al., 2011). Pharmacological disruption of microtubules with nocodazole treatment indicated that microtubule disruption is an early clinical event that occurs prior to decreased retinal nerve fiber thickness (Lim and Danias, 2012). Microtubules require a vast network of stabilizing, support, and adaptor proteins to maintain their functional and structured matrix (Ahlijanian et al., 2000; Roy et al., 2005). Neurofilaments, the most abundant component of the mature axonal cytoskeleton, aid in organization and stabilization of the microtubule matrix and other cytoskeletal elements. Phosphorylation of NF-H controls axon caliber (Petzold et al., 2008; Cooper et al., 2016), and hyper- or super-phosphorylation of neurofilament can slow its transport, leading it to accumulate and form aggregates that ultimately block transport (Nixon, 1994; Elder et al., 1998a,b; Julien and Mushynski, 1998; Jung and Shea, 1999, 2004), leading to eventual axon loss (Ackerley et al., 2003; Petzold et al., 2008; Lépinoux-Chambaud and Eyer, 2013). We showed that phosphorylated NF-H is significantly elevated in the SC of DBA/2J mice early (8–10 months) in the progression of glaucomatous pathology, decreasing only when glaucomatous pathology advances (12–15 months). Consequently, we also observed decreased β-tubulin in the ON (and to lesser extent in the SC) of transport-deficient 10–12 month DBA/2J projections compared to projections with intact transport—a finding that suggests loss of microtubule and cellular structure within the ON and SC as degeneration progresses (Schlamp et al., 2006; Crish et al., 2010; Adalbert and Coleman, 2012). Supporting this, our data showed increased pNF-H in the SC and retina of mice with transport deficits compared to mice with intact transport. Phosphorylation of neurofilaments decreases their affinity for tubulin, causing abnormal bundling and disorganization of the microtubule array (Buée et al., 2000; Jung et al., 2005; Zempel and Mandelkow, 2015). Therefore, elevation of pNF could be a driving force for transport loss.

Hyperphosphorylation of the microtubule-associated protein tau–a pathological hallmark of Alzheimer's disease (Iqbal et al., 2016)– promotes abnormal translocation and accumulation of tau in the soma and aberrant assembly of microtubules, driving axonal transport deficits and other neurodegenerative effects (Majid et al., 2014; Morfini et al., 2016). While tauopathy likely plays a mechanistic role in glaucoma, evidence of tau phosphorylation and translocation in a glaucoma model has only recently been uncovered (Chiasseu et al., 2016). The data from our study show: (1) an age-dependent increase in retinal ptau and (2) a large decrease in collicular ptau of glaucomatous DBA/2J animals. Supporting this, we found distal-to-proximal increases in ptau immunofluorescence in the ON of DBA/2J mice, indicating retrograde translocation of tau in glaucoma (Buée et al., 2000; Dixit et al., 2008). Additionally, we showed increased tau phosphorylation (at the threonine-231 residue) in the SC of our pre-pathological 3–5 months. DBA/2J mice—an early effect that preceded significant ptau accumulations in retina. These data suggest that tau translocation from the axon into the somatodendritic compartments occurs as tau becomes increasingly phosphorylated. While the mechanism of this translocation is unknown, it is possible that phosphorylation not only changes tau's affinity for microtubules (Johnson and Stoothoff, 2004) but also increases its affinity for the retrograde motor complex. Supporting this, we demonstrated that phosphorylation of tau increases its affinity for dynactin, a component of the retrograde motor complex that links the molecular motor dynein with its cargo (recall Figure 3C).

Calpain-mediated cleavage of α-II spectrin, has been implicated in secondary neurodegenerative processes (such as those resulting from traumatic brain injury; Yan and Jeromin, 2012) and serves as another indicator of axonal injury and pathology. Cleaved α-II spectrin has been found in varicosities and end bulb swellings (Uryu et al., 2007) and is shown to be upregulated in the retina of rodent glaucoma models with elevated IOP (Huang et al., 2010). Spectrin organizes the subaxolemmal actin scaffold that, among other functions, confers strength to axons (Xu et al., 2013), enabling it to resist mechanical stresses (Elson, 1988; Zhou et al., 1999; Jung et al., 2005; Xu et al., 2013). While we were unable to detect SBDP in any DBA/2J or control retina (in contrast to previous findings by Huang et al. (2010) who found elevated SBDP in an experimentally-induced ocular hypertension model), we did observe high levels of calpain-mediated spectrin breakdown product in the ON and SC of our pre-pathological, young DBA/2J mice. This result was somewhat unexpected, as elevated IOP, transport deficits, and axon loss are not typically present in DBA/2J at 3–5 months. Hence, pre-degenerative, post-translational modifications and breakdown of cytoskeletal elements in DBA/2J mice may make their RGC axons vulnerable to glaucomatous neurodegeneration once IOP increases at later ages (Inman et al., 2006).

Elevations in Aβ42 fragments often accompany elevated SBDP and the pathological phosphorylation of tau and NF-H in neurodegeneration (Johnson et al., 2016). Aβ42 protein is also implicated in axon transport deficits and axonopathy (Stokin et al., 2005; Chidlow et al., 2011), as well as in response to IOP elevation (Ito et al., 2012). We observed elevated levels of Aβ42 in the retina of our youngest DBA/2J mice, suggesting this increase occurs prior to IOP elevation. Levels of Aβ42 remained elevated in the retina throughout the stages of pathological progression in DBA/2J, and increased in the oldest DBA/2J age group SC. While Aβ42 is not a cytoskeletal protein, it activates kinases such as GSK-3β which phosphorylate NF-H and tau (Muyllaert et al., 2008; Martin et al., 2011a,b), potentially conferring susceptibility to axon pathology.

The interplay between early, proximal elevations in Aβ and post-translational modification of cytoskeletal spectrin and neurofilament proteins may be partly explained by the calcium hypothesis of neurodegeneration (Chidlow et al., 2011; Crish and Calkins, 2011). Elevated intracellular calcium, partially promoted by Aβ-mediated increases in Ca2+ conductance (Kawahara and Kuroda, 2000) modulates subsequent calpain activation. Ca2+-mediated calpain activation leads to specific cleavage of structural proteins such as neurofilament and spectrin (Crish and Calkins, 2011). This is supported by our observations of elevated calpain-mediated SBDP and Aβ42 in young, pre-glaucomatous DBA/2J mice. As these pre-pathological mice do not exhibit elevated IOP at this early stage, these findings suggest that factors other than IOP may cause individuals to be predisposed to developing glaucoma (e.g., subtle changes in kinase activity, excitotoxic stress, or Aβ42 load). Recent findings showing early increases in neuroinflammation and oxidative stress are germane here. Neuroinflammation is the earliest change reported in models of glaucoma, often occurring well before neurodegeneration (Wax and Tezel, 2009; Bosco et al., 2011; Howell et al., 2011; Wilson et al., 2015; Hines-Beard et al., 2016). Neuroinflammation can, directly or indirectly, increase the activity of a number of kinases responsible for the phosphorylation of NF and tau in chronic neurodegenerations (For example, CDK-5: Kitazawa et al., 2005; Weston and Davis, 2007; Noda et al., 2014). Oxidative stress is also seen in glaucoma and other neurodegenerations (Chrysostomou et al., 2013; Inman et al., 2013; Burté et al., 2014; Kim et al., 2015; Yang et al., 2016) and reactive oxygen species such as peroxynitrate activate kinases including GSK-3β and p38 that modify tau and other proteins (Zhang et al., 2006). In addition, accumulation of Aβ42 and tau have been shown to lead to mitochondrial dysfunction and generation of reactive oxygen species (Luque-Contreras et al., 2014), effectively perpetuating the cycle of pathological phosphorylation and diminished axonal stability and function.

Conclusions

In conclusion, data from the DBA/2J model of glaucoma demonstrate that increased phosphorylation of cytoskeletal proteins such as neurofilament-heavy and tau occurs with age and pathology within the RGC projection. However, the relationship is non-monotonic and overall loss of axonal structure with advanced pathology contributes to decreases in protein concentration at late glaucomatous ages. Although the presumptive, initial stressor (elevated IOP) occurs proximally at the optic nerve head, early manifestations of pathologies can occur distally, as previously reported (Conforti et al., 2007; Crish et al., 2010; Crish and Calkins, 2011) and are not isolated to the eye and retina (Parrish, 2003; Ito et al., 2012). Additionally, our data describing early, pre-degenerative elevations in Aβ42 and SBDP, have suggested that there are factors other than elevated IOP perpetuating glaucomatous neurodegeneration or predisposing RGC populations to respond adversely to high IOP later in life in the DBA/2J mouse.

These experiments provide new protein targets affected at pre- and early glaucomatous stages that may provide useful therapeutic tools for diagnosis or interventions that target more than IOP. Importantly, aberrant hyperphosphorylation of cytoskeletal elements, tau, and NF-H, occur prior to complete loss of anterograde transport and axon loss—supporting the idea that a therapeutic window exists in which subtle structural changes may be targeted to potentially prevent loss of function or structure. This also suggests that activity of GSK-3β and other kinases that lead to hyperphosphorylation and protein translocation/mislocation, along with calpain-induced spectrin breakdown, are early events with clear mechanisms for inhibition. Elucidating the timeline and efficacy of drugs affecting these pathways, therefore, is a promising avenue for future research aimed at slowing, stopping, or reversing early pathology and the ultimate neurodegeneration that produces vision loss in glaucoma.
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Glaucoma, one of the leading causes of blindness worldwide, affects primarily retinal ganglion cells (RGCs) and their axons. The pathophysiology of glaucoma is not fully understood, but it is currently believed that damage to RGC axons at the optic nerve head plays a major role. Rodent models to study glaucoma include those that mimic either ocular hypertension or optic nerve injury. Here we review the anatomical loss of the general population of RGCs (that express Brn3a; Brn3a+RGCs) and of the intrinsically photosensitive RGCs (that express melanopsin; m+RGCs) after chronic (LP-OHT) or acute (A-OHT) ocular hypertension and after complete intraorbital optic nerve transection (ONT) or crush (ONC). Our studies show that all of these insults trigger RGC death. Compared to Brn3a+RGCs, m+RGCs are more resilient to ONT, ONC, and A-OHT but not to LP-OHT. There are differences in the course of RGC loss both between these RGC types and among injuries. An important difference between the damage caused by ocular hypertension or optic nerve injury appears in the outer retina. Both axotomy and LP-OHT induce selective loss of RGCs but LP-OHT also induces a protracted loss of cone photoreceptors. This review outlines our current understanding of the anatomical changes occurring in rodent models of glaucoma and discusses the advantages of each one and their translational value.

Keywords: glaucoma, chronic ocular hypertension, acute ocular hypertension, axotomy, Brn3a retinal ganglion cells, melanopsin retinal ganglion cells, cone photoreceptors, retinal nerve fiber layer

INTRODUCTION

The mammalian retina is an extension of the central nervous system (CNS) specialized to capture environmental luminous information. Light is transduced into electrical signals by the photo pigments (opsins) expressed by rod and cone photoreceptors or by the intrinsically photosensitive retinal ganglion cells (ipRGCs). The rod and cone signals are further elaborated by intermediate neurons located in the outer and inner plexiform layers and reach their way out of the retina through the retinal ganglion cell (RGC) population. RGCs constitute approximately less than 3% of all retinal neurons but are the only ones whose axons exit the retina to convey luminous information to the retinorecipient target regions of the brain.

Luminous information serves three main purposes; allows a nocturnal perception of very dim lights, a colorful daylight perception of bright lights, and regulates a number of autonomous behaviors. The two first purposes are the basis of our conscious image-forming vision and this luminous information is carried out by the general population of RGCs, which express Brn3a. Light-triggered autonomous behaviors are carried out by the ipRGCs that express the photopigment melanopsin and are the basis for a number of non-image forming visual reflex behaviors (Hattar et al., 2002, 2003) such as the pupillary light reflex, the photoentrainment of circadian rhythms and photic suppression of melatonin (Lucas et al., 2014).

The retina has been a preferred extension of the adult mammalian CNS to study plasticity, regeneration and degeneration because of its accessibility for experimental manipulation and its well-known anatomy and physiology (Aguayo et al., 1987; Bray et al., 1987, 1991). The capacity of adult mammalian CNS neurons for axonal regeneration (Munz et al., 1985), re-innervation of their appropriate targets (Vidal-Sanz et al., 1991; Avilés-Trigueros et al., 2000), synapse formation (Vidal-Sanz et al., 1987, 1991; Keirstead et al., 1989) and recovery of simple visual behaviors (Sasaki et al., 1996; Whiteley et al., 1998; Vidal-Sanz et al., 2002) has been investigated in the adult rodent retina (Aguayo et al., 1987; Bray et al., 1987, 1991).

Rodent RGCs share their location in the innermost retinal layer of the retina with the displaced amacrine cells, a population that overlaps RGCs in soma size (Villegas-Pérez et al., 1988, 1993) and is even larger than the RGC population itself (Nadal-Nicolás et al., 2015a). This has obliged the utilization of specific labeling techniques to identify RGCs and distinguish them from the displaced amacrine cells (Vidal-Sanz et al., 2000), including the use of retrogradely transported neuronal tracers applied to their axons or targets (Thanos et al., 1987; Vidal-Sanz et al., 1987, 1988) and specific RGC markers. Morphological criteria such as soma and dendritic arborisation size and levels of stratification within the inner plexiform layer, as well as electrophysiological responses to light stimuli and target region of the brain, may render over 30 different types of RGCs in the healthy rodent retina (Sun et al., 2002a,b; Coombs et al., 2006; for review see: Sanes and Masland, 2015). Many of these attributes change after injury and thus cannot be used to identify damaged RGCs (for review see Tribble et al., 2014). Molecular markers for RGCs are scarce, most do not label the entire population of RGCs and are downregulated in response to retinal injury (Chidlow et al., 2005; Lönngren et al., 2006; Agudo et al., 2008), thus rendering their use unreliable to identify RGCs. At present, Brn3a and melanopsin are two well-known molecular markers that identify most of the adult rodent (rats and mice) RGCs that conduct respectively, information related to image-forming and nonimage-forming visual functions. We have recently described that in the rat Brn3a is expressed by approximately 96% of the RGCs while the remaining 4% which do not express Brn3a is composed of approximately one half of the ipsilaterally projecting RGCs (1.3%) and the melanopsin expressing RGCs (m+RGCs) (2.6%) (Nadal-Nicolás et al., 2012, 2014; Galindo-Romero et al., 2013a; Valiente-Soriano et al., 2014). The differential expression of these two proteins, Brn3a and melanopsin, by the two functional types of RGCs makes double immunodetection a great tool to study in the same retinas the fate of these two distinct RGC populations upon injury and/or neuroprotection (Vidal-Sanz et al., 2015a,b; Agudo-Barriuso et al., 2016).

A progressive loss of RGCs and associated visual field deficits are a classic hallmark of the glaucomatous optic neuropathies (GON), a group of diseases that are the second leading cause of blindness in developed countries (Resnikoff et al., 2004). More recently, a number of additional features have been associated with GON, namely; characteristic defects in the nerve fiber layer, the optic disc and the optic nerve head (Quigley, 2011; Chauhan et al., 2014; Weinreb et al., 2014), as well as defects in the main subcortical and cortical visual targets (Yücel et al., 2003; Nucci et al., 2013). Moreover, other non-visually related areas of the cortex may also become affected (Frezzotti et al., 2014). In addition to RGCs, a number of reports have suggested that other non-RGC neurons are also affected in experimental or human GON retinas. Several studies have shown molecular, functional and structural changes in outer retinal layers (outer nuclear and outer segments) in humans (Nork et al., 2000; Barboni et al., 2011; Werner et al., 2011), non-human primates (Nork et al., 2000; Liu et al., 2014) and rodent models of glaucoma or ocular hypertension (OHT) (Mittag et al., 2000; Calkins, 2012; Fuchs et al., 2012; Pérez de Lara et al., 2014). These changes range from a diminution in the expression of opsins by photoreceptors to the severe loss of rods and cones with time (Ortín-Martínez et al., 2015).

The pathophysiology of GON is not fully understood, but much attention has been focussed on some of the most important risk factors and possible mechanisms; these include ocular hypertension, ischemia and axonal compression of the RGC axons within the initial segment of the optic nerve. Among the experimental rodent models of glaucoma there are two popular models that employ as a primary insult axotomy of the optic nerve or ocular hypertension.

The responses of RGCs to optic nerve injury have been studied extensively (Vidal-Sanz et al., 2000, 2007; Lindqvist et al., 2004; Jehle et al., 2008; Parrilla-Reverter et al., 2009a,b). Indeed, complete intraorbital optic nerve crush (ONC) or transection (ONT) are clean and reproducible models with relatively little inter-animal variability (Vidal-Sanz et al., 1987; Peinado-Ramón et al., 1996; Sobrado-Calvo et al., 2007; Parrilla-Reverter et al., 2009a; Sánchez-Migallón et al., 2011, 2016; Nadal-Nicolás et al., 2015a; Rovere et al., 2016a). Ocular hypertension tries to mimic one of the main risk factors of glaucoma and involves an increase of the intraocular pressure, but is a more complex model than axotomy and not as clean or reproducible (Salinas-Navarro et al., 2009c, 2010; Cuenca et al., 2010; Chidlow et al., 2011; Soto et al., 2011; Ortín-Martínez et al., 2015; Valiente-Soriano et al., 2015a,b; Rovere et al., 2016a). Recent studies have shown that m+RGCs are particularly resistant to a number of acquired or induced retinal diseases (Cui et al., 2015; Vidal-Sanz et al., 2015b; Agudo-Barriuso et al., 2016; Rovere et al., 2016a); but their response to glaucoma or ocular hypertension-induced retinal degeneration has not yielded homogeneous results (Li et al., 2006; González-Fleitas et al., 2015; Valiente-Soriano et al., 2015a,b). However, a surmounting body of recent evidence points that m+RGCs are severely affected in human glaucomatous retinas (Obara et al., 2016) as well as in animal models of ocular hypertension (Valiente-Soriano et al., 2015a,b).

There are several ways to raise artificially the IOP in rodents (for review see, Morrison et al., 2011; Vidal-Sanz et al., 2012, 2015a). Here, we will focus on a chronic and an acute model of ocular hypertension; the laser photocoagulation of limbar and perilimbar tissues and the anterior chamber cannulation. The main difference between these two models resides on the net increase of the IOP and on its duration. The chronic model consists of laser photocauterizacion of the limbar and perilimbar tissues to induce ocular hypertension (LP-OHT) (Levkovitch-Verbin et al., 2002; WoldeMussie et al., 2002). In albino rats LP-OHT results in a significant increase of the IOP that is already evident by 12 h, peaks at 48 h and remains significantly elevated for the first week, declining slowly to reach normal values by 3 weeks (Schnebelen et al., 2009; Salinas-Navarro et al., 2010; Ortín-Martínez et al., 2015; Valiente-Soriano et al., 2015b). In albino and pigmented mice, IOP levels raise above control values during the first 5 days, returning to basal values by 7 days after LP (Salinas-Navarro et al., 2009c; Cuenca et al., 2010; Valiente-Soriano et al., 2015a). The acute model of ocular hypertension (A-OHT) consists of cannulation of the anterior chamber with a needle connected to a saline reservoir that is elevated to increase the IOP for a short period of time; for instance in our Lab we increased IOP to 76 ± 3 mm Hg for 75 min (Rovere et al., 2016a; Wang et al., 2017). The fellow (contralateral) eyes showed normal levels of IOP (9 ± 1 mm Hg) at all time intervals studied.

Here we review some recent studies in our Laboratory on rodent models of GON, namely intra-orbital optic nerve injury and acute or chronic induction of ocular hypertension. We have compared the effects of optic nerve injury or ocular hypertension on the innermost (RGCs and all cells in the RGC layer) and outer (L- and S-cones) retinal layers. We have used imaging and counting techniques developed in our Laboratory to identify, count, and map in the same entire retinal wholemounts: (i) the general population of RGCs (non-melanopsin expressing RGCs, identified with Brn3a, Brn3a+RGCs); (ii) the population of intrinsically photosensitive RGCs (melanopsin expressing RGCs; m+RGCs); (iii) the population of cells in the RGC layer (identified by DAPI nuclear counterstaining); (iv) the nerve fiber layer of the retina (identified with neurofibrillary antibodies), and; (v) the L- and S-cone photoreceptor populations (identified with L- and S-opsin antibodies).

RESULTS AND DISCUSSION

As we will see below, RGC damage in terms of quantitative and topographical loss differs between axotomy and OHT, as well as between Brn3a+ and melanopsin+RGCs. Furthermore, within each injury and RGC subtype, there are subtle differences among species and strain. Finally, neither insult causes the loss of non-RGC neurons in the ganglion cell layer (Ortín-Martínez et al., 2015; Nadal-Nicolás et al., 2015a) but ocular hypertension results in a secondary damage that reaches the outer retina (Ortín-Martínez et al., 2015).

Temporal Course of RGC Loss: Axotomy vs. OHT

To compare the time-course of RGC loss we gathered the results from our previously published work (Figure 1). We have estimated for each lesion, species and species strain the percentage of surviving Brn3a+− and melanopsin+RGCs at each time point, considering 100% the values in intact retinas (Figure 1A). All these values were obtained by quantifying the total number of RGCs identified in retinal whole-mounts. We performed an X,Y (time, survival) analysis using data in Figure 1A. We found that the loss of Brn3a+RGCs adjusts well to either a segmental linear or to a linear regression (Figure 1B), providing a mathematical model to compare more easily the damage caused by each lesion in each species and strain. These adjustments are useful as well to predict the percentage of survival (or loss) at a given time post-lesion, or vice versa, and thus, to design experiments within a possible window for therapeutic intervention.
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FIGURE 1. Temporal course of RGC loss after axotomy or ocular hypertension. (A) Graph showing the loss of Brn3a+RGCs (left) and melanopsin+RGCs (right) as percent of naive retinas vs. time post-lesion (days) after ONC, ONT, LP-OHT, or AOH in rats and mice. The open circles mark the time points of retinal analysis. Legend as in (B). (B) Graph showing the regression analysis of the loss of Brn3a+RGCs (percent of naive retinas, data in (A) vs. time post-lesion (days) after ONC, ONT, LP-OHT, or AOH in rats and mice. All courses adjust to either a segmental linear or to a linear regression. For ONT, ONC, and LP-OHT in rat the analysis was done with data points >45 days (see A) but the regression graph was cropped at 45 days for clarity. ONC, optic nerve crush at 0.5 mm from the optic head for mice, and 2 mm for rat. ONT: optic nerve transection at 0.5 mm from the optic nerve in both species. LP-OHT: ocular hypertension induced by laser-photocoagulation, in this model the increase of intra-ocular pressure lasts a week and rises on average up to 40 mmHg. AOH: acute ocular hypertension, induced by cannulating the anterior chamber, in this model the intra-ocular pressure was elevated to 76 mmHg for 75 min. X0 indicates the day when the first linear phase of RGC loss changes to a second, slower, one. m1 and m2 are the slopes of the first and second linear phases, respectively and show the daily loss of RGCs (in percent). Fifty percent survival is the time (days) when, according to the mathematical analysis, half of the RGCs are lost. R2 is the fitness of the regression. Albino mice: Swiss. Pigmented mice: C57/BL6. Albino rat: Sprague Dawley. These graphs were constructed using data from Salinas-Navarro et al. (2009c, 2010), Nadal-Nicolás et al. (2009, 2015a), Galindo-Romero et al. (2011, 2013b), Ortín-Martínez et al. (2015), Rovere et al. (2015, 2016a), Valiente-Soriano et al. (2015a,b), and Sánchez-Migallón et al. (2016).



Brn3a+RGCs: Axotomy vs. OHT

As shown in the regression analysis, axotomy triggers the linear loss of Brn3a+RGCs in two sequential phases. During the first one, RGC death is abrupt and quick and lasts 7–12 days depending on the species, strain and the type of injury (Figure 1B, X0 values, for example, the response is quicker in pigmented than in albino mice). In the albino rat, during the first phase approximately 80–95% of RGCs die, and this is followed by a second slower phase that lasts up to 450 (Nadal-Nicolás et al., 2015a) or 600 (Villegas-Pérez et al., 1993) days, the latest time points analyzed. During the second phase, there is a protracted loss of RGCs (Villegas-Pérez et al., 1993), so that by the latest time points analyzed after the lesion approximately 1–3% of RGCs survive (Villegas-Pérez et al., 1993; Nadal-Nicolás et al., 2015a).

LP-OHT resulted in progressive loss of RGCs as well as in a number of typical findings observed in a mouse model of inherited glaucoma, the DBA/2J mice (Schlamp et al., 2006; Crish et al., 2010; Calkins, 2012; Pérez de Lara et al., 2014). These include: loss of RGCs in pie-shaped sectors with their base toward the retinal periphery and their apex toward the optic disc; early damage to the RGC axons near the ON head, and survival of RGCs with their axonal transport altered (both orthograde and retrograde) (Salinas-Navarro et al., 2009c, 2010; Cuenca et al., 2010; Chidlow et al., 2011; Soto et al., 2011; Valiente-Soriano et al., 2015a,b). The course of RGC loss after LP-OHT or axotomy differs in two main points: (i) in albino rats and mice the first phase of RGC death is longer (X0, 15–24 days) and less steep, and; (ii) RGC survival after LP-OHT is higher than after axotomy at the same time points. The main differences between rats and mice are that after the first phase of RGC death, LP-OHT does not cause a further loss in rats but it does in mice. However, we cannot discard that in mice RGC loss after LP-OHT stabilizes later than 30 days, the longest time analyzed in this species.

The loss of Brn3a+RGCs after A-OHT in rat also occurs in two phases. The first phase, in contrast with axotomy or LP-OHT, is very quick so that by day 3 approximately 65% Brn3a+RGCs are lost (Rovere et al., 2016b). Thereafter RGC loss progressed further to 70% by 14 days and to 87% by 45 days, but, as it occurs after LP-OHT, their survival percentage is higher than after axotomy (e.g., 13% at 45 days vs. the 5% found after ONT).

Melanopsin+ RGCs vs. Brn3a+RGCs: Axotomy or A-OHT

When comparing the effects of axotomy or OHT on the survival of RGCs (Figure 1A) the first observation is a different survival ratio between Brn3a+RGCs and m+RGCs, both after axotomy or A-OHT. After axotomy, the number of Brn3a+RGCs in rats and mice diminishes linearly during the first 2 weeks, when less than 20–25% of the RGC population survive (Galindo-Romero et al., 2011, 2013b; Nadal-Nicolás et al., 2015a; Sánchez-Migallón et al., 2016; Rovere et al., 2016a). Thereafter their loss is slow and continuous, for example, 90 days after axotomy the survival of Brn3a+RGCs is approximately 5% (Nadal-Nicolás et al., 2015a). However, for rat m+RGCs the scenario is quite different: during the first days after injury their numbers diminish significantly, even more than those of Brn3a+RGCs, but later their survival is much higher (close to 40%) and moreover their numbers stabilize up to a year after axotomy (Nadal-Nicolás et al., 2015a). The lower number of rat m+RGCs identified early after the injury is caused by a transient down-regulation of melanopsin expression triggered by axotomy or retrograde Fluorogold tracing (Nadal-Nicolás et al., 2015b; Agudo-Barriuso et al., 2016) which impairs their immunoidentification. Later, melanopsin expression gradually recovers and it becomes clear that rat m+RGCs are more resilient than Brn3a+RGCs to axotomy or A-OHT (Nadal-Nicolás et al., 2015a; Rovere et al., 2016a). Retinal injury results in the modification of the expression of many RGC genes (Chidlow et al., 2005; Lönngren et al., 2006; Agudo et al., 2008, 2009; Agudo-Barriuso et al., 2013), including the transient downregulation of melanopsin (Nadal-Nicolás et al., 2015b), but RGCs have been shown to express both melanopsin and Brn3a long time after injury (Sánchez-Migallón et al., 2011, 2016; Galindo-Romero et al., 2013a; Nadal-Nicolás et al., 2015a). Thus, it is important to have in mind that in rats, melanopsin is not a good marker of viability in short-term experiments, and therefore long time experiments are required to assess accurately the survival of the population of ipRGCs.

Finally, in rats more Brn3a+RGCs survive after ONC than after ONT (Nadal-Nicolás et al., 2015a) probably because ONC is performed farther from the optic nerve head than ONT (Villegas-Pérez et al., 1993). However, the course of melanopsin down-regulation and m+RGC loss to these same lesions is comparable (Nadal-Nicolás et al., 2015a). This suggests that for m+RGCs, and in contrast to Brn3a+RGCs, neither the type of axotomy nor the distance from the optic nerve head at which the injury is inflicted have an influence in their response.

Melanopsin+RGCs vs. Brn3a+RGCs: LP-OHT

In rats and pigmented mice, Brn3a+RGCs and m+RGCs respond similarly to LP-OHT, and at the time points analyzed we have not observed neither a recovery of melanopsin expression nor a higher survival of m+RGCs than that of Brn3a+RGCs (Valiente-Soriano et al., 2015a,b). However, we have not carried out experiments at times longer than 15 days (rat) or 1 month (mice) and thus we do not know whether there is a recovery of melanopsin expression with longer survival intervals after LP-OHT.

Topography of RGC Loss

To visualize the distribution of RGCs in control and injured retinas we have used isodensity or neighbor maps generated from our quantitative data. Isodensity maps depict the density of a given cell population on the retina using a color scale (Salinas-Navarro et al., 2009a,b), and are useful to determine the topological distribution of highly abundant cells such as Brn3a+RGCs (Nadal-Nicolás et al., 2009, 2012) or cone photoreceptors (Ortín-Martínez et al., 2010, 2014). Neighbor maps illustrate the position of individual cells on the retina, the color assigned to each cell (dot) represents the number of cells around it (neighbors) in a given radius, and are useful to assess the topographic distribution of low abundance cells (i.e., m+RGCs, Galindo-Romero et al., 2013a; Nadal-Nicolás et al., 2014; Valiente-Soriano et al., 2014).

The distribution of RGCs in intact (healthy) retinas is shown in Figures 2A,B'. In both species, the distribution of Brn3a+RGC and m+RGCs is complementary; Brn3a+RGCs are more abundant in the medial-central retina and m+RGCs in the periphery (Galindo-Romero et al., 2013a; Valiente-Soriano et al., 2014). Upon axotomy, the loss of Brn3a+RGCs is diffuse (Figures 2C–F) and while m+RGCs are lost across the whole retina, their population decreases predominantly in the dorsal retina (Figures 2C'–F'). Interestingly in rat the recovery of melanopsin expression that follows injury-induced downregulation of melanopsin occurs mainly in this area (compare panels C' and E').
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FIGURE 2. Topography of RGC loss after axotomy or increased intraocular pressure. (A–J) isodensity maps showing the distribution of Brn3a+RGCs intact (A,B) or injured (C–J) retinas from rat (A–I) or mouse (B–J). (A'–J'): neighbor maps showing the distribution of melanopsin+RGCs in the same retinas as (A–J). (C–F'): axotomized retinas analyzed during the first phase of RGC death (C,D', 5 or 7 days) or long after the injury (E,F', 45 days or 6 months). In both species axotomy causes a diffuse loss of both functional types of RGCs. Importantly, the survival percent of m+RGCs is higher than that of Brn3a+RGCs. In rat, shortly after the lesion (C') there are fewer m+RGCs than at 6 months (E') due to the transient downregulation of melanopsin (Nadal-Nicolás et al., 2015b). (G–J'): retinas analyzed after ocular hypertension (OHT) induced by either an acute increase of the intraocular pressure (G,I, 7 days and 45 days) or by laser photocogulation of the epiescleral and perilimbar veins (H,J, 14 or 30 days). OHT causes a sectorial or patchy loss of Brn3a+RGCs and a diffuse loss of m+RGCs. As observed for axotomy, m+RGCs are more resilient than Brn3a+RGCs. Again, in rat melanopsin expression recovers partially with time post-AOH (G' vs. I'). Isodensity maps depict the density of RGCs with a color scale that goes from 0 RGCs/mm2 (purple) to ≥3,500 (rat) or ≥4,800 (mouse) RGCs/mm2 (red). In the neighbors maps each dot represents a m+RGC and its color the number of neighbors around it from purple (0–1 in mouse or 0–2 in rats) neighbors to red (≥11 rat, or ≥21 mouse) neighbors in a radius of 0.22 mm (rat) or 0.165 mm (mouse). Below each map is shown the total number of RGCs quantified in their corresponding retina. Bar scale for rat in (A) and for mouse in (B). N, nasal; T, temporal; S, superior; I, inferior; d, days; m, months; A–OHT, acute ocular hypertension; LP–OHT, laser photocoagulation induced ocular hypertension. These original isodensity maps were constructed using data from Salinas-Navarro et al. (2009c, 2010), Nadal-Nicolás et al. (2009, 2015a), Galindo-Romero et al. (2011, 2013b), Ortín-Martínez et al. (2015), Rovere et al. (2015, 2016a), Valiente-Soriano et al. (2015a,b), and Sánchez-Migallón et al. (2016).



Increasing the intraocular pressure, either by LP-OHT or A-OHT causes a sectorial or a patchy loss of Brn3a+RGCs (Figures 2G–J). This pattern of RGC loss differs between both models, after LP-OHT surviving Brn3a+RGCs are almost always found in pie-shaped sectors, with their widest part toward the retinal periphery and their vertex toward the optic disc, that are located predominantly in the ventral retina (Salinas-Navarro et al., 2009c, 2010; Valiente-Soriano et al., 2015a,b). A-OHT results in areas of low density of Brn3a+RGCs, with a much less reproducible geographical pattern (Rovere et al., 2016a), that is reminiscent of the pattern observed after transient ischemia of the retina induced by selective ligature of the ophthalmic vessels (Lafuente López-Herrera et al., 2002).

For their part, m+RGC loss after A-OHT or LP-OHT does not parallel the topography of Brn3a+RGC loss (Figures 2G'–J'). Indeed, m+RGCs loss is diffuse (Valiente-Soriano et al., 2015a,b; Rovere et al., 2016a) although more marked in the dorsal retina, as observed after axotomy. After A-OHT the recovery of melanopsin expression occurred, again, in the dorsal hemiretina (compare Figures 2G'–I').

It is tempting to speculate that the different topography of Brn3a+RGC loss reflects the nature of the injury itself (Vidal-Sanz et al., 2012, 2015a). Complete intraorbital ONC or ONT results in a diffuse loss throughout the retina with a marked absence of cells in areas or higher density, and this would be the result of lesioning the entire population of RGC axons within the ON head. Laser induced ocular hypertension results in a typical geographical pattern of pie-shaped sectors with their vertex toward the ON head (Salinas-Navarro et al., 2009c, 2010) that could be the result of damage to bundles of axons somewhere near the ON head, where they present their highest retinotopic arrangement (Guillery et al., 1995; Vidal-Sanz et al., 2012). Such a pattern of RGC loss is also observed for the very small proportion of Dogiel's RGCs that have their soma displaced to the inner nuclear layers (Nadal-Nicolás et al., 2015a). This particular pattern of retinal damage also appears reflected within the main retino-recipient areas of the brain. In rodents the vast majority of RGCs project to the contralateral superior colliculus (SC) (Salinas-Navarro et al., 2009a,b) and consequently ON axotomy results in complete SC denervation (Parrilla-Reverter et al., 2009a). LP-OHT results in a loss of synaptic terminals in concrete areas of the SC, reflecting their retinotopic distribution within the SC (Dekeyster et al., 2015; Valiente-Soriano et al., 2015a). AOH-induced RGC loss resulted in diffuse loss of Brn3a+RGCs with some areas showing fewer RGCs, but without a consistent pattern that could compare to that induced by axotomy or LP-OHT. As abovementioned, such pattern of RGC loss observed after A-OHT resembled the patchy RGC loss observed after transient ischemia of the retina induced by selective ligature of the ophthalmic vessels (see Figures 2, 3 in Lafuente López-Herrera et al., 2002), suggesting a possible predominant ischemic nature of the insult inflicted to these retinas.


[image: image]

FIGURE 3. Ocular hypertension but no optic nerve axotomy, causes the protracted loss of cone photoreceptors (A–C”) : isodensity maps showing the topography of Brn3a+RGCs (A–C), S-cones (A'–C') and L-cones (A”–C”) in the same retina within each group. (A–A”): intact, (B–B”): 6 months after axotomy, (C–C”): 6 months ocular hypertension induced by laser photocoagulation. Isodensity color scale is found in (C–C”) and goes from 0 cells/mm2 (purple) to ≥3,000 RGCs/mm2, ≥900 S-cones/mm2 or 7,000 L-cones/mm2 (red). N, nasal; T, temporal; S, superior; I, inferior; d, days; These original isodensity maps were constructed using data from Ortín-Martínez et al. (2015).



Retinal Nerve Fiber Layer

The progressive degeneration of the intra-retinal RGC axons (the retinal nerve fiber layer, RNFL) following optic nerve injury has been studied with classic (Leoz et al., 1914; Ramón y Cajal, 1914) and modern (Vidal-Sanz et al., 1987; Villegas-Pérez et al., 1988) neurofibrillary staining techniques. Studies in rodents, using quantitative and qualitative methods to identify RGCs and their intra-retinal axons, indicated that the loss of intra-retinal axons was only evident long after the vast majority of RGCs had already died; following ONT or ONC (Parrilla-Reverter et al., 2009b) and LP-OHT (Salinas-Navarro et al., 2009c, 2010). These results highlighted the problem of estimating RGC survival based on the appearance of the RNFL (Vidal-Sanz et al., 2012). More recently, we have examined and compared the in vivo and ex vivo appearance of the RNFL with the actual population of surviving RGCs and their topological distribution at different survival intervals ranging from 3 to 120 days after ONT. These studies showed a delayed disappearance of the intra-retinal RGC axons in relation to the loss of their RGC somata (Rovere et al., 2015). Such a disagreement between the time course of RGC loss and RFNL thinning (Chauhan et al., 2012; Choe et al., 2014; Munguba et al., 2014) may be clinically relevant because measurements of the RNFL thickness are often used as an indirect index of RGC survival in glaucoma. However, extrapolation of these data from rodent models to human diseases requires certain caution since optic nerve injury in rodents results in a very rapid loss of RGCs, while human's glaucomatous degeneration is a chronic long-term disease with a progressive but slow time-course progression. Such a slow rate of RGC death is important because clearance of RGC bodies and axons is performed by microglial cells, and it is possible that after an acute and massive insult, such as optic nerve crush or transection, the clearance of axonal debris by microglial cells is slower than the clearance of RGC somas. Moreover, in rodents, ON injury induces RFNL swelling (Abbott et al., 2014; Rovere et al., 2015) and this could mask the actual thickness of the RNFL. This RNFL swelling could be explained by an alteration of the axoplasmic transport (McKerracher et al., 1990; Pease et al., 2000), or by an inflammatory response that includes macro and microglial proliferation in the RNFL (Salvador-Silva et al., 2000; Sobrado-Calvo et al., 2007; Ramirez et al., 2010; De Hoz et al., 2013; Galindo-Romero et al., 2013b; Rojas et al., 2014). Indeed, a recent study has shown that administration of non-steroidal anti-inflammatory drugs results in a decrease of the RNFL swelling that follows ONT (Rovere et al., 2016b).

Responses of Non-RGC Neurons to Optic Nerve Axotomy or OHT

Ocular hypertension and ON injury induce primary damage to RGCs, this is a well-established observation documented by the decrease of RGCs that survive such injuries. Whether other neurons in the ganglion cell layer (GCL) are also affected by these injuries has been unknown for some time, with the idea in mind of a possible protracted transneuronal degeneration following massive RGC loss. Recently, it has been shown that complete intraorbital ONT or ONC does not affect the survival of displaced amacrine cells (Nadal-Nicolás et al., 2015a). Detailed examination of the GCL with RGC markers and displaced amacrine cell markers in retinas whose optic nerves had been completely crushed or cut showed no significant diminutions in the total numbers of displaced amacrine cells for up to 15 months after the lesion, whereas surviving RGCs amounted to approximately 1% of the original population (Nadal-Nicolás et al., 2015a). Similarly, the GCL was examined short and long periods of time after the induction of OHT in adult rats (Ortín-Martínez et al., 2015) and mice (Valiente-Soriano et al., 2015a) to determine whether OHT resulted in specific loss of RGCs and not of other non-RGC neurons such as displaced amacrine cells. Retinas were immunolabelled with Brn3a to identify surviving RGCs and stained with DAPI to identify all nuclei present in the GCL. A topographic analysis of the GCL showed the typical pie-shaped sectors lacking Brn3a+RGCs, but with normal numbers of DAPI+ nuclei (see Figure 6 of Valiente-Soriano et al., 2015a; See Figures 3, 4 of Ortín-Martínez et al., 2015). These results documented that displaced amacrine cells did not die by OHT, as previously suggested (Jakobs et al., 2005; Kielczewski et al., 2005; Moon et al., 2005; Cone et al., 2010).

An additional long-standing controversy has been the issue of whether LP-OHT also induces damage to other neurons in the outer retinal layer (ORL) of the retina (Panda and Jonas, 1992; Kendell et al., 1995). Several studies in humans (Lei et al., 2008; Kanis et al., 2010; Choi et al., 2011; Werner et al., 2011), non-human primates (Nork, 2000; Nork et al., 2000; Liu et al., 2014) and rodent models of Glaucoma (Mittag et al., 2000; Heiduschka et al., 2010; Calkins, 2012; Fuchs et al., 2012; Fernández-Sánchez et al., 2014; Georgiou et al., 2014) suggested morphological and functional alterations of the ORL. Previous studies from this Laboratory (Salinas-Navarro et al., 2009c; Cuenca et al., 2010; Vidal-Sanz et al., 2012) had also indicated alterations in the ORL. More recently, we have examined whether there was cone-photoreceptor loss in adult rats short and long time intervals after LP-OHT induction and after ONT (Ortín-Martínez et al., 2015; Vidal-Sanz et al., 2015a) using retrogradely transported tracers and molecular markers to identify surviving RGCs and specific opsin antibodies to identify L- and S-cone-photoreceptors. In agreement with the quantitative data shown earlier, by 6 months after ONT almost all Brn3a+RGC have died, while the populations of L- and S-cone photoreceptors appears intact. This is in contrast to the situation observed after LP-OHT, the LP-OHT retinas showed approximately 70% RGC loss that was already apparent by 15 days but did not progress beyond 1 month and adopted the typical geographical pattern of pie-shaped sectors. In these retinas, the loss of L- and S-cones was first apparent by 1 month (35 and 20% loss, respectively) and progressed up to 6 months (80 and 65% loss, respectively). Moreover, there was a progressive downregulation of the rod-, L- and S-opsins to 60% of their normal values by 15 days and further decreases to less than 20% by 3 months after LP-OHT (see Figure 7 in Ortín-Martínez et al., 2015). Morphometrical analysis of paraffin-embedded cross-sections showed a significant reduction of the mean thickness of the outer nuclear layer (ONL) to approximately 2/3 of their normal values, and also a lack of cell nuclei in some areas of the ONL. Thus, indicating that in addition to L- and S-cone photoreceptors, rods had also degenerated (see Figure 8 in Ortín-Martínez et al., 2015). Overall, these data indicate that LP-OHT results in protracted degeneration of the outer retinal layers. The diffuse and patchy geographical pattern of L- and S-cones loss did not match the triangular pattern of RGC loss (Ortín-Martínez et al., 2015 and Figure 3). Because the retinal distribution of L- or S-cone loss does not parallel the sectorial loss of Brn3a+RGCs, it is tempting to suggest that the mechanism(s) that trigger the protracted death of cones is not related with the death of RGCs, and thus it is unlikely that such a loss of L- or S-cone photoreceptors reflects trans-neuronal retrograde cell death. It is possible that LP-OHT causes an additional insult, probably related to choroid ischemia, responsible for the protracted loss of L- and S-cones. In summary, our studies indicate that following LP-OHT there is selective loss of RGCs in the ganglion cell layer, but with time there is also a protracted degeneration of the outer retinal layers that result in both S- and L-cone-photoreceptor loss (Ortín-Martínez et al., 2015; Vidal-Sanz et al., 2015a). Thus, photoreceptor loss may constitute and additional feature associated with ocular hypertension and this may have important implications for human GONs.

CONCLUDING REMARKS

Following ONC or ONT there is rapid loss of RGCs followed by a more protracted loss of RGCs (Villegas-Pérez et al., 1993; Nadal-Nicolás et al., 2015a). The minute proportion of surviving Brn3a+RGCs contrasts with the much greater proportion of m+RGCs that survives by 6 months after ONC or ONT (approximately 41 or 37%, respectively) or by 15 months after ONT (approximately 39%). Therefore two main different biological responses of m+RGCs and Brn3a+RGCs against optic nerve injury emerge: (i) m+RGCs show a marked resilience against optic nerve axotomy reflected by the much smaller in magnitude amount of m+RGCs loss. (ii) There is no protracted progression of m+RGC loss beyond 1 month after injury as the population of m+RGCs remains stable from 1 to 15 months after injury (Nadal-Nicolás et al., 2015a). Following A-OHT there is also progressive loss of RGCs; by 2 or 6 weeks, 25 or 13%, respectively, of the Brn3a+RGC population survives in the retina. This is in contrast with the survival of m+RGCs for the same periods (37 or 39%, respectively), indicating as well a special resilience of these neurons to A-OHT. Following LP-OHT there is also progressive loss of RGCs but the proportions of surviving m+RGCs and Brn3a+RGCs (at 12 or 14 days for the rat, and at 14 or 28 days for the mouse) were comparable suggesting that rat and mouse m+RGCs do not show a special resilience against LP-OHT (Valiente-Soriano et al., 2015a,b). These results are in agreement with previous studies showing m+RGC loss and non-image forming visual functional deficits in humans (Pérez-Rico et al., 2010; Kankipati et al., 2011; Nissen et al., 2014; Obara et al., 2016) as well as in animal models of glaucoma (Drouyer et al., 2008; De Zavalía et al., 2011; Zhang et al., 2013).

ONT or ONC results in diffuse RGC loss throughout the retinas with greater losses in areas of higher densities. LP-OHT resulted in characteristic pie-shaped sectors lacking RGCs, with a greater loss in the ventral retina. A-OHT results in rapid loss of RGCs and its topological distribution was reminiscent of the patchy loss observed after transient selective ligature of the ophthalmic vessels for 90 min (Lafuente López-Herrera et al., 2002), suggesting that A-OHT results in a predominant ischemic insult to these retinas (Rovere et al., 2016a).

LP-OHT or ONT result within the GCL of the retina, at the time intervals studied of 6 months after LP-OHT and 15 months after ONT, in selective loss of RGCs but not of other non-RGC neurons, such as displaced amacrine cells. However, long after LP-OHT there is progressive degeneration of the outer retinal layers as observed functionally (Cuenca et al., 2010) and structurally (Cuenca et al., 2010; Ortín-Martínez et al., 2015). It is possible that LP-OHT could inflict outer retinal damage, independent of the RGC-axonal damage that would evolve slowly with time into a progressive degeneration of the rod, L- and S-cone photoreceptor populations. Because in our LP-OHT studies, important elevations of the IOP were present during the first 2 weeks, it is possible that choroidal insufficiency could be a distinct pathological event in this model (Nork et al., 2014; Ortín-Martínez et al., 2015).

Finally, to study the progression of glaucomatous optic neuropathy, animal models of OHT resemble better the pathophysiology of human glaucoma; they mimic not only the optic nerve damage but also the possible choroid damage and/or ischemic insult which are thought to be the underlying insults of the disease. Indeed, chronic OHT models show the characteristic sectorial loss of RGCs and ON damage as well as the protracted degeneration of the outer retina observed in human patients (Nork, 2000; Choi et al., 2011; Werner et al., 2011). Acute OHT models mimic an acute angle-closure glaucoma and may result in retinal ischemia leading to ON damage and RGC loss. These animal models of OHT show however, a high inter-animal variability and a poor correlation between the levels of IOP and the resulting damage, something that needs to be further investigated. On the other hand, optic nerve injury (axotomy) models are quite consistent in terms of topological, chronological and quantitative loss of RGCs. Thus, optic nerve crush or transection are quick and highly reproducible models for proof of concept assays to decipher injure-related molecular pathways and to test neuroprotective therapies.
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Axclemma

Axoplasm
Compact myelin

gratio

Internode
Juxtaparanode
Node of Ranvier

Non-compact
myelin

Paranode
Septate junction
Spheroid

The axon's plasma membrane

The axon's cytoplasm

Concentric layers around the axon of double-layered oligodendroglil or Schwann cell plasma membrane, closely apposed at both intracellular and
extracellular surfaces. See Figures 1A,B.

A measure of myelin sheath thickness, defined as the ratio of the diameter of the fiber (axon plus myelin) to the diameter of the axon alone, which is
always smaller than 1. Itis calculated by measuring the circumference of each on nerve cross-sections, and converting areas to diameters,
‘assuming the Gircumferences are circular.

Refers to the myelinated segment of the axon; adjacent intemodes are separated by a node of Ranvier. Figure 1D

The intemodal region closest to the paranode, which harbors fast voltage-gated potassium channels. Figure 1D

Short non-myelinated axonal region that serves the generation of action potentials; morphologically a gap flanked by myelinated “internodes.”
Nodes are usually ~1 um in length and rich in voltage gated sodium channels. Figure 1D

The part of the myelinating cell process where membranes do not compact. Consists largely of tubing around the periphery of the process as well
s transient openings of previously compacted myelin in some CNS fibers, and Schmidt-Lanterman incisures in the PNS. See Figures 1, 3, 4. Also
referred to as “myelinic channels.”

The regions at either end of the internode whers the non-compacted, paranodal loops of the myelin sheath about the axon Figure 1D

Intercellular junctions found in invertebrate epithelial cells that appear ladder-Iike by electron microscopy.

An abnormal focal swelling of the axon; mainly observed in the CNS. Often the axonal cyloskeletal elements are disorganized and axonal organelies
are enriched, as observed by electron microscopy. Spheroids can also be visualized by light microscopy using respective antigen markers such as.
‘amyloid precursor protein (APP), when its transport along the axon is impaired.
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Protein Dilution used Catalog number Vendor

Alzheimer precursor protein (APP) 1:50 MAB348 1

p-amyloid (AB) 1200 #2454 2
Brain derived neurotrophic factor 1100 NBP2-42215 3
(BONF)

cD44 1150 NB600-1817 3
cla 11000 A301 4
Cenuloplasmin (Cp) 1500 #611488 5
Choline acetylransferase (ChAT) 1100 AB144P 1

Gl fibrillary acidic protein (GFAP) 1500 MABIGO 1

Interleukin 16 (L18) 1:50 AF-501-NA 6
Interleukin 6 (IL6) 1400 ab6672 7
IL6Re membrane bound (L6Ram) 1:50 56-600 8
lonized Ca?*-binding adapter 1400 ab107159 7
molecule 1 (Ibat)

NeuN 1600 NBP1-92603 3
NF-<B 1100 sc372 8
p75 neurotrophin receptor (p75) 1600 G328A 9
Phosphorylated neurofiament-H 11000 801601 10
(ONF-H)

Tumor necrosis factor  (TNFo) 1800 AF510-NA 6

1, EMD Milipore, Billerica, MA; 2, Cell Signaling Technology. Danvers, MA; 3, Novus
Biologicals, Littleton CO; 4, Quidel Com., San Diego, CA: 5, BD Transductions Labs,
San Jose, CA; 6, R and D Systems, Minneapolis, MN; 7, AbCam, Cambridge, MA; 8,
Santa Cruz Biotechnologios, Dalas, T: 9, Promega Corp., Madison, WI; 10, BioLegend,
San Diego, CA.
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Type of Example  Mechanisms of drug action  Type of

drug in treating cancer neuron
affected
Platinum Cisplatin ~ Bind to DNA, cell oycle arrest  Sensory
agents Oxaliplatin  and apoptosis
Taxane Pacitaxel  Inhibit microtubule Sensory
depolymerization, mitotic
arrest
Vinca Vincristine  Inhibit microtubule: Sensory, as
alkaloid polymerization, mitotic arrest  well as motor
and
autonomic
Proteasome  Bortezomib  Inhibit proteasome Sensory
inhibitor degradation, cycle arrest;

enhance microtubule
polymerization
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Disease

Evidence for axonal degeneration in NDs.

References

Alzheimer's disease Axonal pathology triggered by AB precedes cell body death Adalbert et al, 2009
Axonal leakage, swollen axons, and varicosities are associated with A plaques and Xiao et al, 2011
hyperphosphoryated tau in AD brains
Autophagic vesicles are linked with axonal pathology in transgenic AD mice Sanchez-Varo etal,, 2011
Microtubule-stabilizing agent Epothilone D reduuces axonal dysfunction un a mouse model of tau Zhang etal., 2012
Ap oligomers cause microtubule depolymerization leading to altered axonal trafficking Sadeir et al,, 2016

Parkinson's disease Alterations in axonal transport associated with a-synuclein mutations in vitro Saha, 2004
Degeneration of axons precedes loss of cell bodies in PD patients Orimo et al., 2005
Transgenic a-synuclein mouse model shows stratal dopaminergic axonal, but not cel body, disruption  Tofaris, 2006
a-synuclein s finked with axonal degeneration which iniciates at the distal axon and continues retrograde  Orimo et al., 2008
asynuclein rat model shows altered axonal transport Chung C. Y. et al., 2009
Transgenic LRRK2 mouse model shows dopaminergic axonal, but not cell body, disruption Lietal, 2009
Axonal pathology triggered by a-synuclein propagates later to the somais associated with neuronal Volpiceli-Daley et al,, 2011
dysfunction
Early decline in axonal transport associated with a-synuciein aggregation in PD patients Chuetal., 2012
Autophagy is involved in axonal pathology and associated with a-synuclein and LRRK2 proteins. Friedman et al,, 2012

Amyotrophic lateral sclerosis  Axonal pathology starts at the distal axon and continues in a “dying back” pattem in the innervated Fischer et al,, 2004

musdle fibers

SARM1 gene mutations are linked with ALS development

Defects in axonal transport constitute a typical feature in Drosophila models of ALS

Axonal degeneration is mediated by necroptosis and inflammation in ALS

Potassium channel abnormaliies are linked to axon degeneration in ALS mouse model

ALS-related mutations change the subcellular expression and localization of RNAS within neuronal axon

Fogh etal. 2014
Baldwin et al., 2016

Ito etal, 2016
Maglemose et al., 2017
Rotem et al., 2017
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Wu etal., 2016)

Impaired generation of neural precursor cells
(Hoglinger et al, 2004)

(Xu et al., 2009)

Adaptation to
stress

Role of DNA repair factor BRCAT (Suberbicle
etal, 2015)
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Altered DNA damage repair (Sepe et al., 2016)
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2016)
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Role of DNA hyroxymethylation (Zhao et al.,
2017)
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transcription coactivator 1 gene (Mendioroz,
2016)

DNA methylation near TREM2 (Smith et al.,
2016)

Glucose metabolism (Chiotis et al., 2017)
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(Jowaed et al, 2010)
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2014)
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Peripheral protein oxidation (Safto et al., 2009)
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(Lam et al., 2016)

Role for cytosine demethylation (Esanov et al.,
2016)
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2015)

Mitochondial bioenergetics (Ladd et al., 2017)
Astrocyte metabolism (Madji Hounoum et al.,
2017)

Mutations in transcription-associated DNA
damage repair proteins (Hil et al., 2016)
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§/-CAGTTCTTTTGGGTCATTGTG-3
5'-GCACTAAGCGGTCCCAAAAG-3'
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5/-GGCTCTGAAGAAGAAAGGATGG-3'
§/-GCTCCCCTGTGATGTCGTT-3
5'-CACCCTTTCACCCTGACCTCT-8
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§/-GTGGGCAACCTGGGAGTAG-3'
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NM_033441
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Clone V9

Species
Mouse
Mouse
Mouse

Rabbit
Rabbit

Mouse
Mouse
Rabbit

Goat

Rabbit

Goat

Rabbit
Mouse
Rabbit

Mouse
Mouse

Rabbit

Mouse
Mouse

Immunogen

8-Hydroxy-2'-deoxyguanosine conjugated
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expressed in £. Coli
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‘Gifted by C Masters, University of Melbourne.
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Human orthologs of C. elegans genes, as well as their mitochondrial pathway are listed.
Regrowth is reported as mean percentage of wid type (WT)  S.EM, n = number
of animals tested, and p-value from Student's t-test of mutant vs. same-day control,
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In Vivo imaging
observations
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FTOP-17 mutations (PET
and DTI)

White matter abnormalities
abserved in some athletes
after mild traumatic brain
injury (OT)

White matter loss
corresponding to disease
severity and symptomatic
presentation (DTI)

White matter loss
corresponding to clinical
presentations (DI and MRI)
Severe atrophy of cortical
white matter (VRI)





OPS/images/fnins-11-00263/fnins-11-00263-g002.gif





OPS/images/fnins-11-00263/fnins-11-00263-g001.gif





OPS/images/fnins-11-00451/inline_1.gif





OPS/images/fnins-11-00045/fnins-11-00045-g010.gif
C 150) D SawveEyo
S vicesstre

D 40y Dverce . o
1B 20mt0 -
a5]@ 1amsra ‘s . -
< w“ o
20 < LA *t
2 g
H 3.
0. o B






