

[image: image]




FRONTIERS COPYRIGHT STATEMENT

© Copyright 2007-2015 Frontiers Media SA. All rights reserved.

All content included on this site, such as text, graphics, logos, button icons, images, video/audio clips, downloads, data compilations and software, is the property of or is licensed to Frontiers Media SA (“Frontiers”) or its licensees and/or subcontractors. The copyright in the text of individual articles is the property of their respective authors, subject to a license granted to Frontiers.

The compilation of articles constituting this e-book, wherever published, as well as the compilation of all other content on this site, is the exclusive property of Frontiers. For the conditions for downloading and copying of e-books from Frontiers’ website, please see the Terms for Website Use. If purchasing Frontiers e-books from other websites or sources, the conditions of the website concerned apply.

Images and graphics not forming part of user-contributed materials may not be downloaded or copied without permission.

Individual articles may be downloaded and reproduced in accordance with the principles of the CC-BY licence subject to any copyright or other notices. They may not be re-sold as an e-book.

As author or other contributor you grant a CC-BY licence to others to reproduce your articles, including any graphics and third-party materials supplied by you, in accordance with the Conditions for Website Use and subject to any copyright notices which you include in connection with your articles and materials.

All copyright, and all rights therein, are protected by national and international copyright laws.

The above represents a summary only. For the full conditions see the Conditions for Authors and the Conditions for Website Use.



ISSN 1664-8714
ISBN 978-2-88919-412-4
DOI 10.3389/978-2-88919-412-4

About Frontiers

Frontiers is more than just an open-access publisher of scholarly articles: it is a pioneering approach to the world of academia, radically improving the way scholarly research is managed. The grand vision of Frontiers is a world where all people have an equal opportunity to seek, share and generate knowledge. Frontiers provides immediate and permanent online open access to all its publications, but this alone is not enough to realize our grand goals.

Frontiers Journal Series

The Frontiers Journal Series is a multi-tier and interdisciplinary set of open-access, online journals, promising a paradigm shift from the current review, selection and dissemination processes in academic publishing. 

All Frontiers journals are driven by researchers for researchers; therefore, they constitute a service to the scholarly community. At the same time, the Frontiers Journal Series operates on a revolutionary invention, the tiered publishing system, initially addressing specific communities of scholars, and gradually climbing up to broader public understanding, thus serving the interests of the lay society, too.

Dedication to Quality

Each Frontiers article is a landmark of the highest quality, thanks to genuinely collaborative interactions between authors and review editors, who include some of the world’s best academicians. Research must be certified by peers before entering a stream of knowledge that may eventually reach the public - and shape society; therefore, Frontiers only applies the most rigorous and unbiased reviews.

Frontiers revolutionizes research publishing by freely delivering the most outstanding research, evaluated with no bias from both the academic and social point of view.

By applying the most advanced information technologies, Frontiers is catapulting scholarly publishing into a new generation.

What are Frontiers RESEARCH Topics?

Frontiers Research Topics are very popular trademarks of the Frontiers Journals Series: they are collections of at least ten articles, all centered on a particular subject. With their unique mix of varied contributions from Original Research to Review Articles, Frontiers Research Topics unify the most influential researchers, the latest key findings and historical advances in a hot research area! 

Find out more on how to host your own Frontiers Research Topic or contribute to one as an author by contacting the Frontiers Editorial Office: researchtopics@frontiersin.org


The microbial nitrogen cycle

Topic Editors:

Bess B. Ward, Princeton University, USA

Marlene M. Jensen, Denmark Technical University, Denmark

[image: images]

Sunrise over the Eastern Tropical South Pacific, the site of one of the three major oxygen minimum zones in the world ocean. Subsurface OMZs are the sites of intense nitrogen cycling, including the loss processes denitrification and anammox, which control the fixed N inventory of the ocean. The OMZ off Chile and Peru is overlain by some of the world’s most productive waters. Incubators shown in the foreground of the photo are used in experiments to measure the rate of primary production and nitrogen fixation in surface waters. Photo credit: Qixing Ji

Nitrogen is an essential element in biological systems, and one that often limits production in both aquatic and terrestrial systems. Due to its requirement in biological macromolecules, its acquisition and cycling have the potential to structure microbial communities, as well as to control productivity on the ecosystem scale. In addition, its versatile redox chemistry is the basis of complex biogeochemical transformations that control the inventory of fixed nitrogen, both in local environments and over geological time. 

Although many of the pathways in the microbial nitrogen cycle were described more than a century ago, additional fundamental pathways have been discovered only recently. These findings imply that we still have much to learn about the microbial nitrogen cycle, the organisms responsible for it, and their interactions in natural and human environments. Progress in nitrogen cycle research has been facilitated by recent rapid technological advances, especially in genomics and isotopic approaches. In this Research Topic, we reviewed the leading edge of nitrogen cycle research based on these approaches, as well as by exploring microbial processes in modern ecosystems. 
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Nitrogen (N) is an essential element in biological systems and one that often limits production in both aquatic and terrestrial systems. Due to its requirement in biological macromolecules, its acquisition and cycling have the potential to structure microbial communities, as well as to control productivity on the ecosystem scale. In addition, its versatile redox chemistry is the basis of complex biogeochemical transformations that control the inventory of fixed (biologically available) N in local environments, on a global scale and over geological time.

Although many of the pathways in the microbial nitrogen cycle were described more than a century ago, additional fundamental pathways have been discovered only recently. These findings imply that we still have much to learn about the microbial nitrogen cycle, the organisms responsible for it and their interactions in natural and human environments. Progress in N cycle research has been facilitated by recent rapid technological advances, especially in genomics and isotopic approaches.

The papers in this issue reflect current research focus on N loss and input processes. The papers are ordered by topic beginning with N fixation, the only biological process that can increase the inventory of fixed N, Knapp (2012) reviewed the literature on the sensitivity of N fixation to dissolved inorganic N and found that neither cultured cyanobacteria nor natural assemblages are completely inhibited by the presence of inorganic N substrates. Knapp was cautious about recent reports of N fixation in subeuphotic mesopelagic waters but concluded that N fixation does occur in the presence of fixed N and in geographic ranges not usually associated with cyanobacteria, which may substantially change our understanding of the global marine N budget. Turk-Kubo et al. (2012) addressed another aspect of the regulation of N fixation and found that different types of N fixers respond differently and variably to Fe or P additions. Both N fixation rates and nifH gene expression indicate complex regional and taxonomic sensitivities to micronutrient limitation.

Next we include a series of papers about nitrification, a process which does not directly affect the fixed N inventory, but which links mineralization to the N loss processes by producing oxidized forms of N that can then be used as respiratory substrates. Nitrification has been the subject of increasing research interest since the discovery a decade ago that archaea were involved in ammonium oxidation. A large body of literature has since developed documenting the diversity, abundance and activity of ammonia oxidizing bacteria and archaea (AOB and AOA). For this collection, Casciotti and Buchwald (2012) reviewed knowledge about nitrification gained from the use of N and O isotopes. They found consistent support for the occurrence of nitrification in the euphotic zone, and strong evidence for nitrite reoxidation in suboxic waters. Beman et al. (2012) measured distributions of AOB and AOA in marine sediments and found evidence of their presence as well as active ammonium oxidation in sediments where oxygen was essentially undetectable. They suggest that bioturbation supplies sufficient oxygen intermittently to maintain nitrification even below the typical redox gradient in surficial sediments. Peng et al. (2013) investigated the composition of AOA assemblages in two oxygen minimum zone (OMZ) environments. Although AOA are found in abundance even in waters that contain essentially zero oxygen, active nitrification is not detected there, so Peng et al. (2013) hypothesized that AOA assemblages in oxic waters would differ from those in anoxic waters. Perhaps surprisingly, they found that AOA communities in the OMZ did not differ significantly from those in the overlying surface layer, but they found that biogeography was a significant factor in explaining community composition, as assemblages from the two OMZs (Arabian Sea and Eastern Tropical South Pacific) were significantly different. Bouskill et al. (2012) used trait based modeling to simulate and predict nitrifier community composition and nitrification rates. They found that the relatively simple metabolism of nitrifiers lends itself to such modeling, potentially allowing predictions of the response of nitrification to climate change as reflected in changing environmental parameters such as temperature, pH and substrate availability.

The next topic in the collection deals with the processes by which fixed N is lost from marine ecosystems. Low oxygen environments are of particular interest for nitrogen transformations because they are the sites of fixed N loss via denitrification and anammox. Francis et al. (2013) report on a large sequencing study in sediments of Chesapeake Bay. They found significant geographical patterns in the diversity and composition of denitrifying communities along the estuarine gradient and found that the most abundant types in the environment are only distantly related to anything in culture. Bowles et al. (2012) reported on processes controlling denitrification and the diversity of denitrifying bacteria in the sediments of Guaymas Basin. They found high rates of denitrification associated with Beggiatoa mats, but even higher rates in sediments without mats. The presence of sulfide reduced denitrification rates, even though the community contained large numbers of sequences associated with taxa that are capable of linking sulfide oxidation with nitrate reduction. Kirkpatrick et al. (2012) and Fuchsman et al. (2012) report on denitrification and anammox processes and the microbes involved in those transformations in the narrow suboxic zone of the Black Sea water column. Intrusions of oxygen appear to stimulate autotrophic (i.e., sulfide linked) denitrification in the Bosporus plume, while anammox was not detected under these conditions (Fuchsman et al., 2012). In the northeastern gyre of the Black Sea, Kirkpatrick et al. (2012) found that the distribution and level of expression of denitrification genes was more variable than those of anammox genes, although both processes were consistently detected. They suggest that dynamics in the denitrifier population in response to external factors may explain the apparent decoupling between anammox and denitrification in some environments. Sokoll et al. (2012) report on the same N loss processes in the sediments of the Arabian Sea. The two processes showed opposite patterns along the gradient from shallow to deeper sediments, with the relative importance of anammox increasing from 7 to 40% of the fixed N loss at shallow and deep stations, respectively. The sediments have not previously been quantified as a site for fixed N loss in the Arabian Sea but their contribution appears to be significant.

Finally, we include a single paper on the use of nitrogen by the phytoplankton in the surface ocean. Bertrand and Allen (2012) review the evidence for vitamin B deprivation to mediate N limitation in phytoplankton. Nitrogen limitation in phytoplankton may enhance their demand for Vitamins B12 and B1. Interactions between heterotrophic bacteria, cyanobacteria and eukaryotic phytoplankton around the production and demand for vitamins may influence the timing and structure of phytoplankton blooms, including those of harmful algae.
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Autotrophic denitrification was measured in the southwestern coastal Black Sea, where the Bosporus Plume injects oxidized chemical species (especially O2 and [image: yes]) into the oxic, suboxic, and anoxic layers. Prominent oxygen intrusions caused an overlap of [image: yes] and sulfide at the same station where autotrophic denitrification activity was detected with incubation experiments. Several bacteria that have been proposed to oxidize sulfide in other low oxygen environments were found in the Black Sea including SUP05, Sulfurimonas, Arcobacter, and BS-GSO2. Comparison of TRFLP profiles from this mixing zone station and the Western Gyre (a station not affected by the Bosporus Plume) indicate the greatest relative abundance of Sulfurimonas and Arcobacter at the appropriate depths at the mixing zone station. The autotrophic gammaproteobacterium BS-GSO2 correlated with ammonium fluxes rather than with sulfide fluxes and the maximum in SUP05 peak height was shallower than the depths where autotrophic denitrification was detected. Notably, anammox activity was not detected at the mixing zone station, though low levels of DNA from the anammox bacteria Candidatus Scalindua were present. These results provide evidence for a modified ecosystem with different N2 production pathways in the southwest coastal region compared to that found in the rest of the Black Sea. Moreover, the same Sulfurimonas phylotype (BS139) was previously detected on >30 μm particles in the suboxic zone of the Western Gyre along with DNA of potential sulfate reducers, so it is possible that particle-attached autotrophic denitrification may be an overlooked N2 production pathway in the central Black Sea as well.

Keywords: Black Sea, autotrophic denitrification, Sulfurimonas, Bosporus Plume, anammox

INTRODUCTION

Three processes are responsible for N2 production under low oxygen conditions: (1) heterotrophic denitrification, which converts nitrate to N2 using organic matter as a reductant; (2) anammox, an autotrophic process which reduces nitrite with ammonium to form N2; and (3) autotrophic denitrification, which converts nitrate to N2 using reduced sulfur species as a reductant. In both heterotrophic and autotrophic denitrification, nitrate is reduced using the same pathway with N2O as an intermediate product (Sievert et al., 2008). Autotrophic denitrification has been found to be an important N2 production pathway in anoxic water columns in the Baltic Sea (Hannig et al., 2007), the Benguela upwelling zone (Lavik et al., 2009), and Mariager Fjord, Denmark (Jensen et al., 2009).

The Black Sea is a permanently anoxic basin with a well-defined redox gradient. A 20- to 80-km wide rim current circulates around the perimeter of the Black Sea, enclosing two cyclonic gyres (Poulain et al., 2005). In most of the Black Sea, the Cold Intermediate Layer, with a characteristic core density of σθ ≈ 14.5, represents the lower boundary of direct communication with the surface. The suboxic zone lies between the oxic Cold Intermediate Layer and a 2000-m thick sulfidic zone. In the central Black Sea, autotrophic denitrification is generally not thought to be important. Anammox has been detected in the suboxic zone (Kuypers et al., 2003; Jensen et al., 2008), and nitrate does not co-exist with sulfide or elemental S (Luther et al., 1991; Konovalov et al., 2003; Çoban-Yildiz et al., 2006). However, the potential for S cycling in suboxic waters without the build up of sulfide has recently been demonstrated in the Chilean Oxygen Minimum Zone (Canfield et al., 2010), and DNA from potential sulfate reducers and sulfide oxidizers were found attached to large particulate matter in the Black Sea suboxic zone (Fuchsman et al., 2011).

In the southwestern Black Sea, water from the bottom layer outflow of the Bosporus Strait mixes with the overlying Cold Intermediate Layer forming the Bosporus Plume (Buessler et al., 1991; Murray et al., 1991; Ivanov and Samodurov, 2001). This plume enters the Black Sea as thin intrusions into the oxic, suboxic, and sulfidic layers (Oguz and Rozman, 1991; Konovalov et al., 2003). These intrusions inject oxygen, nitrate, and other oxidized species into the anoxic layers, where they are reduced. The rim current transports water affected by the Bosporus Plume along the coast to the east (Basturk et al., 1999; Konovalov et al., 2003; Poulain et al., 2005). From ratios of ammonium and sulfide, Konovalov and Murray (2001) calculate that 1.11 × 1012 mol of sulfide is missing from the Black Sea, and they attribute this loss to intrusions from the Bosporus Plume. They calculate that this approximates the re-oxidation of 50% of the sulfide production (Konovalov and Murray, 2001). Most of this sulfide oxidation is due to oxygen, but oxic intrusions also oxidize ammonium to nitrate/nitrite, which in turn can oxidize sulfide. Oxygen, nitrate, and nitrite intrusions were previously described at the mixing zone station in 2001 (Konovalov et al., 2003; Fuchsman et al., 2008). In this case, an intrusion of water from the Bosporus Plume created a second maximum in nitrate (up to 3.3 μM) at depths where sulfide is usually present (Fuchsman et al., 2008). The potential for autotrophic denitrification with sulfide is clearly present in the mixing zone of the Bosporus Plume in the Black Sea.

In this paper we provide evidence for autotrophic denitrification activity in the southwestern region of the Black Sea during an intrusion event of the Bosporus Plume, which caused overlap of [image: yes] and sulfide. We examine likely denitrifying bacteria by comparing depth profiles of normalized TRFLP peak height from the mixing zone with the western central gyre.

MATERIALS AND METHODS

SAMPLING

Samples were collected using a CTD-Rosette with 10 L Niskin bottles and Sea-Bird sensors on three separate cruises in the Western Gyre of the Black Sea: (1) May 2001 at station 6 Voyage 162 leg 16 of the R/V Knorr (42°31′ N, 30°43.5′ E), (2) April 2003 at station 19 on Voyage 172 leg 7 of the R/V Knorr (42°30′ N, 31°00′ E), and (3) late March 2005 at station 2 on cruise 403 of the R/V Endeavor (42°30′ N, 30°45′ E). Samples were also collected in the mixing zone where the Bosporus Plume enters the Black Sea (Figure 1) on two cruises: Station 20 in April 2003 (41°26′ N, 29°34′ E) and Station 5 in March 2005 (41°26′ N, 29°34′ E).


[image: image]

Figure 1. A map of the Black Sea indicating the stations sampled in this study. This map was made with Map-It (http://woodshole.er.usgs.gov/mapit).



NUTRIENT CONCENTRATIONS

Oxygen was measured with the classic Winkler method, and sulfide by iodometric titration (Cline, 1969). In both cases, reagents were bubbled with argon to avoid contamination by atmospheric oxygen. Nitrate, nitrite, and ammonium were analyzed shipboard using a Technicon Autoanalyzer II system (see Fuchsman et al., 2008). Nitrate was not analyzed when there was consensus that sulfide would be in the sample.

DNA

For DNA samples, 2 L were filtered onto 0.2 μm Millipore Sterivex filters. Samples were immediately frozen and stored at −80°C. The DNA extraction protocol was adapted from Vetriani et al. (2003) and includes 8–10 freeze thaw cycles between a dry ice/ethanol bath and a 55°C water bath followed by chemical lysis with lysozyme and proteinase K.

TRFLP

TRFLP profiles were obtained using universal bacterial primers 27F-FAM and 1517R (Vetriani et al., 2003). PCR products were amplified for 30 cycles with annealing temperature of 48°C using Fermentas PCR MasterMix. Purified PCR products (QiaQuick columns; Qiagen) were separately digested overnight with four restriction enzymes (HaeIII, Hpy1881, MspI, MnlI) and immediately ethanol precipitated (Fuchsman et al., 2011). TRFLP data from the Western Gyre in 2005 are previously published in Fuchsman et al. (2011).

Planctomycetes-specific TRFLP profiles were obtained using primers 58F-FAM and 926R (Wang et al., 2002). Planctomycetes PCR products were amplified for 30 cycles with annealing temperature of 60°C. Purified PCR products (QiaQuick columns; Qiagen) were separately digested overnight with restriction enzymes HaeIII, Hpy1881, and MspI and immediately ethanol precipitated (Fuchsman et al., 2012). Planctomycetes-specific TRFLP data for the Western Gyre in 2001, 2003, and 2005 are previously published in Fuchsman et al. (2012).

In both cases, analysis was performed on a MegaBACE 1000 apparatus (Molecular Dynamics) at the University of Washington Marine Molecular Biotechnology Laboratory. Electrophoretic profiles were visualized with Dax software (Van Mierlo Software Consultancy, Netherlands).

TRFLP profiles were normalized by total peak height. If the height of a peak was below 0.3% of the total peak height, the peak was removed from further statistical analyses. TRFLP peaks were binned using frame shifting (Hewson and Fuhrman, 2006) with four frames at 0.5 bp intervals, and for each enzyme, a resemblance matrix was obtained using the Whitaker index, which takes abundance (peak height) into account (Fuchsman et al., 2011). The maximum similarity of the four frames was used to calculate the hierarchical cluster analysis (using the group average) with the Primer 6 program. Error in the resemblance matrix and significance level of the cluster diagram was determined using a Monte Carlo simulation of 50 replicates. We used the average error for both normalized peak height [±46 relative fluorescence units (rfu) where total peak height is 18,000 rfu] and base pairs (±0.08 bp) as determined by 16 sets of duplicate TRFLP profiles. The lowest similarity between Monte Carlo simulated replicates was 77% (Fuchsman et al., 2011). The average error for the Planctomycetes was ±83 rfu, where total peak height was 15,000 rfu, and ±0.06 bp as determined by 14 sets of duplicate TRFLP profiles (Fuchsman et al., 2012).

Due to the replicability of the relative peak heights and the lack of cloning bias (Rainey et al., 1994), and because each PCR was run under the same conditions with similar extracts from the same amount of material, we were able to compare the relative abundance of the same restriction fragment (i.e., peak height) among multiple samples. However, due to PCR bias (Polz and Cavanaugh, 1998), comparison of heights among different restriction fragments was avoided. In other words, we only compare the relative abundance of a single taxon across samples and never compare the abundances of different taxa. More than one bacterial species can produce the same restriction fragment size; however, by ensuring that the shape of a fragment’s relative abundance profile with depth must be supported by multiple enzymes, and by using a small bin size, that risk was reduced. Arguments supporting the similar use of fragment peak height in data from the Southern California time series station can be found in Steele et al. (2011).

Both TRFLP and pyrosequencing of the V6 region of 16S rDNA were obtained from the Western Gyre in 2005 (Fuchsman et al., 2011). Both pyrosequencing and TRFLP avoid cloning biases (Rainey et al., 1994), but still contain PCR biases (Polz and Cavanaugh, 1998; Huse et al., 2008). Despite the use of different primers, conclusions from TRFLP data and V6 tag sequences compare well and we can identify many of the same OTUs using both techniques (Fuchsman et al., 2011). Not only are depth profiles of individual OTUs similar between techniques, but similarity indices are also similar when only V6 pyrosequences with >1% relative abundance were used (Fuchsman et al., 2011).

Predicted fragment lengths for the phylotypes discussed here are shown in Table 1. TRFLP OTUs can represent a variety of taxonomic levels depending on the variability in the restriction sites among related phylotypes. Most of the TRFLP OTUs presented here represent a unique sequence or small group of very similar sequences. However, with the restriction enzymes used here Arcobacter clone BS098 (GU145483) has the same restriction sites as a wide range of Arcobacter members including Arcobacter nitrofigilis (L14627) and Black Sea sediment enrichment cultures (AJ271653-4) though they are not particularly closely related. In this paper, TRFLP OTUs are named after the phylotype that was present in the V6 pyrosequence data from the Western Gyre in 2005 (Fuchsman et al., 2011). Full length clones representing these phylotypes were amplified with TRFLP primers and digested with the restriction enzymes (Fuchsman et al., 2011). The actual length of digested clones often differ slightly from the lengths predicted in silico. Identifying TRFLP peaks with a database of digested clones greatly improves the reliability of peak identification. Unfortunately, we do not have a digested full length clone representing Arcobacter and the in silico prediction deviates slightly from the observed peaks (Table 1).

Table 1. Taxonomy and predicted fragment lengths for the phylotypes discussed in this study.
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AUTOTROPHIC DENITRIFICATION ACTIVITY EXPERIMENTS

Samples for experiments were collected in 2005 at the mixing zone station at the shallowest depth where sulfide was detected (σθ = 16.4; 192 m), 5 m below that depth (σθ = 16.46; 197 m) and 20 m below (σθ = 16.52; 212 m) as well as from a depth where no sulfide was detected (σθ = 16.26; 178 m). Water was collected directly into 12.5 mL exetainers after overflowing with five times the volume of water. Vials were capped without the presence of bubbles. 15N-labeled [image: yes] was added (for final concentration of 27 μM) to duplicate samples from each depth. Samples and controls were incubated at 7°C for 48 h. Experiments were stopped by addition of HgCl2, and 6 mL of water was replaced by helium and equilibrated overnight. Samples were measured directly by a Finnegan Delta XL isotope ratio mass spectrometer using the Conflo system in the Stable Isotope Lab, School of Oceanography, University of Washington. After gases were measured, the remaining water was analyzed for nitrite and ammonium concentrations using the Technicon Autoanalyzer II.

RESULTS

Due to the strong stratification of the Black Sea by salinity, characteristic inflections in the water-column profiles (such as nitrate) are generally associated with specific density values regardless of when and where they were sampled, but depths vary (Murray et al., 1995). Therefore, results presented here are plotted against potential density (σθ) rather than depth (m). Densities occurred up to 75 m deeper at the mixing zone station than at the Western Gyre station and varied up to 15 m between years at the Western Gyre (Figure A1 in Appendix).

CHEMISTRY

A station where the Bosporus Plume enters and mixes with the Black Sea was occupied in late April 2003 and in March 2005 (Figure 1). Oxygen, sulfide, and nutrient data from this mixing station are compared to data from the Western Gyre in Figures 2 and 3. In 2003, the Western Gyre and Mixing Zone stations had similar oxygen profiles above σθ = 15.9, but there was an intrusion of oxygen at σθ = 16.15 at the mixing zone. In 2003, sulfide was first detected at σθ = 16.05 (81 m) in the Western Gyre, while in the mixing zone, sulfide became detectable above σθ = 16.4 (192 m; Figure 2). Nitrate maximum concentrations were similar between stations in 2003, and nitrite concentrations remained below 0.05 μM (Figure 3). In 2005, the oxygen concentrations in the mixing zone station were greatly elevated. Oxygen was measured down to σθ = 16.3 (7 μM, 180 m; Figure 2). Nitrate was 0.5 μM at σθ = 16.3 while nitrite had a maximum of 0.18 μM and was still elevated at σθ = 16.4 (192 m; Figure 3). Sulfide was not detected at 16.3 on the two casts at this station but was 12 μM just 6 m deeper on the cast not shown here. Given the detection limit for sulfide (3 μM), it is possible that nitrate and sulfide overlapped at this station. In any case, the flux of sulfide to σθ = 16.3 was 303 μmol m−2 day−1, so both nitrate and sulfide were available at this depth.
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Figure 2. A comparison between oxygen and sulfide in the Western Gyre and mixing zone stations in (A) 2003 and (B) 2005. Inset: oxygen from the Western Gyre in 2001 during an intrusion event.
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Figure 3. Comparison of nitrate (diamonds), nitrite (crosses), ammonium (triangles), and Scalindua normalized TRFLP peak height (gray circles) between the Western Central Gyre and Mixing zone site in (A) 2003 and (B) 2005. Shallowest detection of sulfide is indicated by dashed lines. Average error in normalized peak height is ±83 rfu.



In the Western Gyre, oxygen extended deeper in the water column in 2005 than in other years. The top of the suboxic zone, defined as <10 μM O2, was at σθ = 15.38 (72 m) in 2001, σθ = 15.6 (61 m) in 2003, and σθ = 15.65 (78 m) in 2005. Higher oxygen concentrations at the Western Gyre in 2005 are due to a transitory lens of colder, more highly oxygenated water that appeared in the σθ = 15.4–15.6 range. On March 29th and 30th, the lens of more oxygenated water increased to 22 μM oxygen at σθ = 15.6 and then decreased to 12 μM at σθ = 15.6. When microbial samples were collected in 2001, oxygen concentrations (Figure 2) decreased from the top of the suboxic zone to near the detection limit at σθ = 15.85 and then increased to 2–4 μM from σθ = 15.92–16.05.

Ammonium was consistently present in the lower suboxic zone at both stations and during all years. However ammonium fluxes at σθ = 16.0 (calculated with diffusion coefficients from Ivanov and Samodurov, 2001) varied between stations and years with the lowest fluxes (190 μmol m−2 day−1) at the mixing zone station in 2003 and the western gyre in 2001 and the highest fluxes (330 and 310 μmol m−2 day−1) from the mixing zone station in 2005 and from the western gyre in 2003. In 2005, the Western Gyre in 2005 had an intermediate flux (270 μmol m−2 day−1).

EVIDENCE FOR AUTOTROPHIC DENITRIFICATION

In incubation experiments at the mixing zone station in 2005, where 15N-labeled [image: yes] was added, enriched δ30N2, indicative of denitrification, was found in all sulfidic samples but δ30N2 was not enriched in the non-sulfidic sample [σθ = 16.26 (178 m; Figure 4)]. The amount of enriched N2 increased with depth from an enrichment of 590%° at σθ = 16.4 (192 m) to an enrichment of 9800% at σθ = 16.52 (212 m). In the 15N-nitrate enriched samples from the sulfidic zone, there was substantial build up of nitrite, up to 18 μM at σθ = 16.46 (197 m; Figure 4) while ammonium concentrations were not different from controls.
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Figure 4. Autotrophic denitrification activity at the mixing zone station in 2005 as indicated by 30N2 production (circles) during incubations with 15N-labeled nitrate. Nitrite was also formed during the incubation (diamonds). Error bars indicate duplicate measurements.



Formation of δ29N2 from [image: yes] enriched experiments is usually used to denote anammox activity. No enrichment in δ29N2 was detected in the non-sulfidic sample (σθ = 16.26), though ammonium was available from the ambient water, indicating that the anammox process was not occurring at that depth even though nitrite and ammonium were present. In the sulfidic zone, δ29N2 was enriched by 1%° compared to controls. The relative abundance of Candidatus Scalindua, the genus of anammox bacteria in the Black Sea (Kirkpatrick et al., 2006), was low but present at σθ = 16.4 (Figure 3). However, the enrichment in δ29N2 could also be from denitrification using small amounts of unspiked [image: yes] or N2O.

BACTERIAL COMMUNITY

A Spearman Rank correlation between environmental ([O2], [H2S], [[image: yes]], [[image: yes]], [[image: yes]], [PMn]) and biological (TRFLP) data indicated that a combination of nitrate, ammonium, and particulate manganese best explained all the bacterial data (R = 0.698). Oxygen was not found to be a significant factor, likely because samples with 82 and 5 μM oxygen have similar bacterial communities. However, if instead, the samples are binned into groups >4 μM oxygen, <4 μM oxygen, and sulfidic (see symbols in Figure 5), an ANOSIM analysis indicates that oxygen is a significant factor determining the differences in the bacterial communities (R = 0.460, p = 0.001). In a pairwise test, the >4 μM oxygen and <4 μM oxygen communities were different (R = 0.316, p = 0.001). The bacterial community does not seem to react linearly to oxygen, but instead to have a threshold.
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Figure 5. Hierarchical cluster of the bacterial community as determined by TRFLP data (MspI) from Western Gyre in 2001, 2003, and 2005 and Mixing Zone Site in 2003 and 2005. Samples are named by the sigma theta and year where they were obtained. M indicates mixing zone station. Symbols indicate oxygen concentrations: >4 μM O2 (circle), <4 μM O2 (diamond), sulfidic (square). Error was determined using a Monte Carlo simulation; nodes within the gray box are not significantly different (e.g., σθ = 15.5–15.75 from the 2003 mixing zone site).



The community at the mixing site and the central gyre were fundamentally similar. At some depths, the community at the mixing zone has >60% similarity with the Whittaker index to communities at the western central gyre (Figure 5). However, there are some significant differences, especially in the sulfidic samples. We directly compared mixing zone station samples from 2005 to the same density at the central gyre station at two depths using the MspI, MnlI, and HaeIII restriction enzymes with a cutoff of 3% total peak height to reduce noise (Figure 6). At σθ = 16.0, a density surface which contained no oxygen in the Western Gyre (97 m) and 47 μM oxygen at the mixing zone station in 2005 (166 m), the relative abundance of SAR11 clusters II phylotype BS007 was greater in the mixing zone station (Figure 6). The relative abundance of potential sulfur cycling bacteria Sulfurimonas phylotype BS139 and SUP05 BS077 phylotype along with unidentified MspI peak 498 was also greater at the mixing zone station. The HaeIII enzyme does not cut Sulfurimonas phylotypes, allowing Cytophaga phylotype BS040 to creep above the 3% total peak height threshold for that enzyme. At σθ = 16.4, a density surface which is in the sulfate reduction zone in the Western Gyre (141 m) but where autotrophic denitrification was detected at the mixing zone station (192 m), potential S oxidizers SUP05 BS077, Sulfurimonas BS139, Arcobacter BS098, and unidentified MspI peak 91/Mnl peak 254 pair had much higher normalized peak height in the mixing zone station compared to the Western Gyre (Figure 6). For the HaeIII enzyme, peak 206 representing the Black Sea WS3 group and unidentified peak 339 also had higher normalized peak height for the mixing station. The 206 cut site from HaeIII represents multiple WS3 phylotypes that are separate peaks when different restriction enzymes were used. Two WS3 phylotypes have been identified by TRFLP in the sulfidic zone of the Black Sea (Fuchsman et al., 2011, supplemental).
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Figure 6. A comparison of TRFLP chromatograms from (A) σθ = 16.0 and (B) σθ = 16.4 for three restriction enzymes at the Mixing Zone Station (black) and the Western Gyre (gray) where the x-axis displays different TRFLP peaks and the y-axis is the percent of peak height associated with each chromatogram. The black line at 50% indicates where the relative peak height is the same at each station. Only peaks with normalized peak height above 3% of the total peak height are shown.



When we look at all profiles over five stations instead of just the two depths in 2005, we see that the relative abundances of BS139 from the Sulfurimonas genus of epsilonproteobacteria, BS077 from the SUP05 group of gammaproteobacteria, BS098 from the Arcobacter genus of epsilonproteobacteria, and unidentified MspI peak 91/Mnl peak 254 pair are clearly greater in the mixing zone station (Figures 7 and 8). Peaks 91/254 are in fact only seen in the mixing zone station in 2005 (Figure 8). Contrastingly, both group WS3 and peak 339 (HaeIII) have maxima in the sulfidic zone in the Western gyre (Figure 8), implying that their presence at the mixing zone station is not due to the intrusions there.
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Figure 7. TRFLP peak height depth profiles of autotrophic denitrification candidates that are enriched at the mixing zone station in 2005, obtained using multiple restriction enzymes, for the five stations: (A) Black Sea SUP05 phylotype BS077, (B) Arcobacter phylotype BS098, (C) Black Sea Sulfurimonas phylotype BS139. The gray box indicates the range of autotrophic denitrification activity seen in the Mixing Zone station in 2005 (Figure 4).
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Figure 8. Examination of autotrophic denitrification candidates (A) TRFLP peak height depth profiles of BS-GSO2 phylotype BS129, (B) the inverse correlation of BS129 peak height with ammonium fluxes at σθ = 16.0 at all five stations with a comparison between restriction enzymes, (C) TRFLP peak height depth profiles of WS3, and (D) depth profiles of unidentified peak 91 from digestion with MspI and peak 254 from digestion with MnlI and peak 339 from digestion with HaeIII. Dashed line indicates a typical depth for the shallowest detection of sulfide in the Western Gyre. The gray box indicates the range of autotrophic denitrification activity seen in the Mixing Zone station in 2005 (Figure 4).



This dataset also allows us to examine variability in the bacterial community within the Western Gyre. Upper suboxic zone samples (σθ = 15.5–15.7) from the Western Gyre in 2003 are included in the Suboxic cluster while upper suboxic zone samples from 2001 and 2005 are included in the Hypoxic cluster (Figure 5), perhaps due to the influence of oxygen intrusions in 2001 and 2005. In the deep suboxic zone, samples from 2001 clustered in a separate subcluster from samples from 2003 and 2005 (Figure 5). There was an oxygen intrusion into the deep suboxic zone in 2001 (Figure 2) and the particulate manganese maximum was also deeper. The maximum in particulate manganese at the Western Gyre varied σθ = 16.05 in 2001 (Konovalov et al., 2003) to σθ = 15.8–15.85 in 2003 and 2005 (Trowborst et al., 2006; Fuchsman et al., 2011).

PLANCTOMYCETES COMMUNITY

The members of the Planctomycetes community at the mixing station were similar to those described in Fuchsman et al. (2012) with 60–70% community similarity to samples from the Western Gyre. MspI peak 263, representing WS3 bacteria, had high peak height in the sulfidic mixing zone samples from 2005, corroborating information from the bacterial primers. At the mixing zone station, Scalindua peak height increased with depth starting at σθ = 15.7 in 2003, while in 2005 Scalindua peak height had a maximum at σθ = 16.2 (Figure 3). At σθ = 16.0, in the mixing zone station, Scalindua normalized peak height was significantly lower in 2005 than in 2003 (Figure 3).

The chemical parameters that most strongly correlated with the Planctomycetes community similarity among samples (Spearman Rank correlation) were nitrate, ammonium, and sulfide (R = 0.730 when combined), but ammonium and nitrate without sulfide explained most of the data (R = 0.729). Oxygen concentration was not found to be an important variable. However, the bacterial communities generally cluster by the presence of >3 or <3 μM oxygen or sulfide (ANOSIM R = 0.386, p = 0.001) supporting the importance of an oxygen threshold.

DISCUSSION

In the southwestern coastal Black Sea, intrusions from the Bosporus Plume inject oxygen, nitrate, and other oxidized species into the sulfidic layer (Konovalov et al., 2003). In 2005, there was abundant evidence of intrusions at the mixing zone station. Oxygen, usually only measurable to around σθ = 15.8, was measured down to σθ = 16.3 (Figure 2). Nitrate and nitrite were also unusually elevated at σθ = 16.3 and nitrite concentrations were still elevated at σθ = 16.4 (Figure 3). Sulfide was not detected at 16.3 (detection limit 3 μM), but the flux of sulfide to σθ = 16.3 was 303 μmol m−2 day−1, so both nitrate and sulfide were available. In experiments at the mixing zone station in 2005, where 15N-labeled [image: yes] was added, enriched δ30N2 was found in all sulfidic samples but not in the non-sulfidic sample (σθ = 16.26; Figure 4). This implies autotrophic denitrification activity with sulfide as an electron donor. If we convert these enrichments to experimental rates, they range from 4 nM N day−1 at σθ = 16.4 to 10 nM N day−1 at σθ = 16.46 and 78 nM N day−1 at σθ = 16.52. These rates are an order of magnitude lower than experiments with comparable nitrate concentrations in Mariager Fjord (Jensen et al., 2009). These experimental rates do not represent in situ rates because nitrate additions (27 μM) were much higher than the largest values seen in situ (∼3 μM; Fuchsman et al., 2008). Additionally, the positive dependence of autotrophic denitrification on sulfide concentration and the large accumulation of nitrite in the experiments (18 μM) are both consistent with trends seen in Mariager Fjord, Denmark (Jensen et al., 2009) and may be due to sulfide limitation. The accumulation of nitrite could also be due to the slower kinetics of nitrite reduction compared to nitrate reduction (Jensen et al., 2009) or to bacteria that merely perform the first step of nitrate reduction (Zumft, 1997). However, the consumption of five moles of sulfide for every two moles of nitrate (Jensen et al., 2009) indicates that sulfide limitation was likely in all of the experiments, but would have been especially important in the σθ = 16.4 experiment (14 μM H2S). While not indicating in situ rates, these experiments do indicate the ability of the bacterial community in the sulfidic zone of the mixing station to reduce nitrate when it becomes available, likely through intrusions from the Bosporus Plume.

Though the highest denitrification activity was seen at σθ = 16.52 with the addition of nitrate (Figure 4), it seems more likely that in situ rates at the time of sampling were higher between σθ = 16.3 and 16.4 where in situ nitrate/nitrite were naturally present (Figure 3). We also have DNA samples from σθ = 16.4. The relative abundances of BS139 from the Sulfurimonas genus of epsilonproteobacteria, BS077 from the SUP05 group of gammaproteobacteria, BS098 from the Arcobacter genus of epsilonproteobacteria, and unidentified MspI peak 91/Mnl peak 254 pair are all clearly greater at σθ = 16.4 of the mixing zone station in 2005 compared to the Western Gyre (Figure 6). Members of the Candidatus genus Scalindua, known to mediate the anammox reaction but typically missed by universal bacterial primers, were also present at σθ = 16.4 at the mixing zone. Additionally, a labeled bicarbonate stable isotope probing experiment at the chemosynthesis maximum in the upper sulfidic zone of the central Black Sea in 2007, attributed autotrophic activity not only to members of the genus Sulfurimonas and the SUP05 (Glaubitz et al., 2010), found to be enriched in the mixing zone station in this study, but also to members of the BS-GSO2 group of gammaproteobacteria (Glaubitz et al., 2010). In the following section we examine these six bacteria to determine which was the most likely to mediate N2 production in the mixing zone site in 2005.

ANAMMOX

Sequences of potential anammox bacteria in the Black Sea are of the Candidatus Scalindua genus (Kirkpatrick et al., 2006). In the mixing zone station in 2005, Scalindua peak height had a maximum at σθ = 16.2 (Figure 3). This maximum was much reduced from the maximum at the same station in 2003 and from the Western Gyre in 2005 (Figure 3). Anammox activity was not detected at the mixing zone station in 2005, though only one depth was examined. However, that depth did correspond to the maximum in Scalindua peak height. Scalindua DNA at the mixing zone station may be remnants from previous activity, or Scalindua may be mediating Fe or Mn oxide reduction (van de Vossenberg et al., 2008).

SUP05

A metagenome of SUP05 bacteria from Saanich Inlet, a seasonally anoxic fjord on Vancouver Island, Canada indicated that the SUP05 group of gammaproteobacteria had the ability to autotrophically oxidize sulfur compounds and also contain genes for the production of N2O (Walsh et al., 2009). Subsequently, SUP05 phylotypes were shown to be autotrophic in the upper sulfidic zone of the central Black Sea (Glaubitz et al., 2010). Transcripts of sulfur oxidizing genes from the SUP05 group have also been detected in the Chilean Oxygen Minimum Zone (Stewart et al., 2012). Altogether, this evidence could suggest a potential for autotrophic denitrification. Normalized TRFLP peak height for BS077 (the dominant SUP05 phylotype in the Black Sea) was much greater in the mixing zone stations than in the Western Central Gyre stations. However, phylotype BS077 had a maximum peak height at σθ = 16.2 in the 2005 mixing zone station, which was shallower than the depths where autotrophic denitrification was detected (Figure 7).

BS-GSO2

A second group of uncultured gammaproteobacteria, BS-GSO2, was implicated in autotrophic activity in the upper sulfidic zone of both the Black and the Baltic Seas (Glaubitz et al., 2009, 2010) and linked to autotrophic denitrification in the Benguela upwelling zone (Lavik et al., 2009). Autotrophic activity in these sulfidic zones implies this group might be involved in sulfur oxidation (Glaubitz et al., 2009, 2010). BS129 (the dominant BS-GSO2 phylotype in the Black Sea) was identified in all years and stations but its relative abundance was greater in the Western Gyre than in the mixing zone station in 2005 (Figure 8). At the mixing station in 2005, BS129 had a maximum peak height at σθ = 16.2, and its relative peak height was greatly reduced at σθ = 16.4, where autotrophic denitrification activity was detected (Figure 8). In fact, the normalized peak height for BS129 at σθ = 16.0 appears to be anti-correlated with ammonium flux (Figure 8; p = 0.004 for MspI). Normalized TRFLP peak height was greatest at the mixing zone station in 2003 and the Western Gyre in 2001 where ammonium fluxes were lowest. BS129 peak height was lowest in the Western Gyre in 2003 and the mixing zone station in 2005, both of which had high ammonium fluxes. Interestingly, an unknown gammaproteobacterium was found to mediate ammonium oxidation in the lower suboxic zone (Lam et al., 2007). Therefore, considering its correlation with ammonium fluxes, depth profile (Figure 8), and ability to fix carbon (Glaubitz et al., 2010), BS129 seems a likely candidate for autotrophic ammonium oxidation, but not autotrophic denitrification.

ARCOBACTER

In the Benguela upwelling zone the epsilonproteobacteria Arcobacter were found at depths where autotrophic denitrification occurred (Lavik et al., 2009). Arcobacter sulfidicus has been found to autotrophically oxidize sulfide with oxygen forming elemental S mats (Wirsen et al., 2002; Sievert et al., 2007). Arcobacter phylotypes have been associated with such mats at sulfidic/oxic boundaries at hydrothermal vents, cold seeps, and the sediment water interface (Taylor and Wirsen, 1997; Moussard et al., 2006; Grunke et al., 2011). The Arcobacter depth profile in the Black Sea (Figure 7) would be consistent with either autotrophic denitrification or microaerophilic sulfide oxidation. The cultured representative, A. sulfidicus, which is closely related to BS098 found in the Black Sea (Figure 9), is microaerophilic and is incapable of oxidizing sulfide with nitrate (Wirsen et al., 2002). Some Arcobacter species can reduce nitrate heterotrophically (Heylen et al., 2006) but these isolates are not closely related to BS098 (Figure 9). Other Arcobacter enrichment cultures from sediments, such as Black Sea sediments (Thamdrup et al., 2000), have been found to reduce manganese oxides with acetate (Vandieken et al., 2012). The maximum in particulate manganese at the mixing zone station in 2005 is at σθ = 16.3 (B. Tebo, personal communication). The versatility of the Arcobacter genus makes predictions of the activity of the species at the mixing zone station particularly difficult.
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Figure 9. A bootstrapped (1000) neighbor joining phylogenetic tree of relevant members of the Arcobacter genus was created in arb after aligning to a master database using NAST (greengenes.lbl.gov). The Arcobacter sequence from the Black Sea suboxic zone is in bold.



SULFURIMONAS

Members of the Sulfurimonas genus of Epsilonproteobacteria have been associated with autotrophic denitrification in the marine environment; many known strains of Sulfurimonas from hydrothermal vents and marine sediments can carry out autotrophic denitrification (Gevertz et al., 2000; Takai et al., 2006), and environmental clones affiliated with the genus have been extracted from marine sediments and correlated with active autotrophic denitrification (Shao et al., 2009; Zhang et al., 2009). Sulfurimonas phylotype GD17 has been found to mediate autotrophic denitrification in the Baltic Sea (Brettar et al., 2006). Black Sea sequences are closely related to GD17 from the Baltic Sea as well as to Sulfurimonas denitrificans (Glaubitz et al., 2010; Fuchsman et al., 2011). The normalized TRFLP peak height of Sulfurimonas phylotype BS139 was up to 10 times greater in the mixing zone stations than in the Western Central Gyre stations (Figure 7). The phylotype BS139 had a maximum peak height from σθ = 16.2–16.4 in the 2005 mixing zone station and still had significant abundance at σθ = 16.6 (Figure 7). Thus the Sulfurimonas peak spanned the depths where autotrophic denitrification activity was detected (Figure 4) and remains the leading candidate for mediating autotrophic denitrification.

Sulfurimonas was also enriched at σθ = 16.2. The presence of Sulfurimonas DNA at the Western Gyre site in 2005, 2007, and 1988 (Vetriani et al., 2003; Glaubitz et al., 2010) also implies Sulfurimonas can live at depths where sulfide is not detectable. There are two possible explanations for this. First, the depth profile for thiosulfate, another potential electron source for autotrophic bacteria (Takai et al., 2006) is unknown in the Black Sea during this time period. Second, pyrosequences of the V6 variable region of 16S rRNA identical to Sulfurimonas phylotype BS139 were also present in the particulate fraction in the suboxic zone in Western Gyre of the Black Sea, along with a Desulfobacter phylotype BS105 (GU145490) and pyrosequences from potential sulfate reducers from the Desulfobulbaceae and Desulfuromonadales families (Figure 10; data from Fuchsman et al., 2011). Many but not all cultured members of these families are sulfate reducers (e.g., Finster et al., 1994; Hoeft et al., 2004; Tarpgaard et al., 2006; Vandieken et al., 2006). Arcobacter V6 pyrosequences were also found on the particulate material and BS098 was sequenced from the particulates (Fuchsman et al., 2011). If Sulfurimonas phylotype BS139 or Arcobacter phylotype BS098 are indeed responsible for autotrophic denitrification in the mixing zone station, their presence on large particles in the nitrate-rich suboxic zone of the Western Gyre indicates that autotrophic denitrification may be fed by sulfate reduction inside sinking aggregates. This form of denitrification could easily have been missed in experiments by Jensen et al. (2008) due to the patchy nature of sinking particulate matter and the hydrodynamics of Niskin bottles (Altabet et al., 1992).
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Figure 10. Examples of potential sulfate reducers (blue) or sulfide oxidizers (red) enriched in particulate sample (30 μm filter) from σθ = 15.8 in the Western Gyre in 2005 compared to a bulk sample from the same depth, as determined from V6 pyrosequences (data from Fuchsman et al., 2011, supplemental).



CONCLUSION

Chemical profiles indicate that nitrate and sulfide may have co-existed at the mixing zone station in 2005 (Figures 2 and 3). [image: yes] tracer experiments indicate autotrophic denitrification occurred in the sulfidic zone at this station (Figure 4). Though SUP05 and BS-GSO2 bacteria are autotrophic and have been found in sulfidic environments (Glaubitz et al., 2009, 2010; Lavik et al., 2009; Walsh et al., 2009), their depth profiles are not consistent with autotrophic denitrification at this station. Instead the depth profile for BS-GSO2 phylotype BS129 correlated with ammonium fluxes. In contrast, Sulfurimonas BS139, Arcobacter BS098, and unidentified MspI peak 91/Mnl peak 254 pair have their greatest relative abundance in the zone where autotrophic denitrification was detected (Figure 7). Out of these three bacteria, we consider the Black Sea Sulfurimonas to be the most likely candidate for this denitrification because many Sulfurimonas species have previously been found to mediate autotrophic denitrification (Gevertz et al., 2000; Brettar et al., 2006; Takai et al., 2006). Evidence for the involvement of Arcobacter and peak 91 is less clear.

For most of the Black Sea, both anammox (Kuypers et al., 2003; Jensen et al., 2008) and heterotrophic denitrification (Fuchsman et al., 2008) are the important nitrogen loss pathways. Biogeochemical modeling indicates that autotrophic denitrification from overlapping depth profiles of nitrate and sulfide may only contribute 1% to nitrogen loss in the central Black Sea (Konovalov et al., 2008). However, where the Bosporus enters the Black Sea, autotrophic denitrification appears to be more important, and autotrophic denitrification associated with sinking particles has not yet been quantified. Future work should investigate these possibilities in order to better constrain the role of autotrophic denitrification in the Black Sea’s nitrogen cycle.
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Figure A1. The density (sigma theta) of the top 200 m for each station discussed in this paper: the Western Gyre in 2001 (purple triangles), 2003 (blue squares), and 2005 (red diamonds) and at the mixing zone station in 2003 (black crosses) and 2005 (green circles).
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After the discovery of ANaerobic AMMonium OXidation (anammox) in the environment, the role of heterotrophic denitrification as the main marine pathway for fixed N loss has been questioned. A 3 part, 15 month time series investigating nitrite reductase (nirS) mRNA transcripts at a single location in the Black Sea was conducted in order to better understand the activity of anammox and denitrifying bacteria. Here we show that both of these groups were active, as well as being concurrent in the lower suboxic zone over this time span. Their distributions, however, differed in that only expression of denitrification-type nirS was seen in the upper suboxic zone, where geochemistry was variable. Depth profiles covering the suboxic zone showed that the four groups of anammox-type sequences were expressed consistently in the lower suboxic zone, and were consistent with anammox 16 S rDNA gene profiles. By contrast, denitrifier-type nirS sequence groups were mixed; some groups exhibited consistent expression in the lower suboxic zone, while others appeared less consistent. Co-occurrence of both anammox and denitrifier expression was common and ongoing. Both types of transcripts were also found in samples with low concentrations of sulfide (>2 μM). Six major groups of denitrifier-type nirS transcripts were identified, and several groups of denitrifier-type nirS transcripts were closely related to sequences from the Baltic Sea. An increase in denitrifier-type nirS transcript diversity and depth range in October 2007 corresponded to a small increase in mixed layer net community productivity (NCP) as measured by O2/Ar gas ratios, as well as to an increase in N2 concentrations in the suboxic zone. Taken together, the variations in expression patterns between anammox and denitrification provide one possible explanation as to how near instantaneous rate measurements, such as isotope spike experiments, may regularly detect anammox activity but underreport denitrification.

Keywords: anammox, denitrification, Black Sea, nirS, nitrogen, gene expression

INTRODUCTION

Fixed nitrogen loss from marine systems balances N fixation, thereby exerting a long-term control over primary productivity and therefore climate (Altabet et al., 1995, 1999; Ganeshram et al., 1995), as well as anthropogenic influences. Loss of fixed N occurs via two microbial pathways: denitrification and the more recently discovered anammox process (ANaerobic AMMonium OXidation). While both require nitrite ([image: yes]), heterotrophic denitrification is reliant on organic C while anammox requires ammonium ([image: yes]). Since the discovery of environmental anammox in marine sediments (Thamdrup and Dalsgaard, 2002) and the water column (Dalsgaard et al., 2003; Kuypers et al., 2003), many groups have debated the relative role of these two processes in the environment. Anammox organisms have now been documented in many water column marine oxygen minimum zones (OMZs), and isotope labeling experiments have even shown in some cases a complete lack of denitrification (Schmid et al., 2007; Jensen et al., 2008; Lam et al., 2009). Other labeling studies have pointed towards a dominant contribution from denitrifiers (Ward et al., 2009), while DNA-based methods have suggested the potential for considerable variation in levels of heterotrophic denitrification (Jayakumar et al., 2009a). Conclusions regarding the dominance of one pathway over the other have thus been varied and conflicting (Lam et al., 2007; Schmid et al., 2007; Fuchsman et al., 2008; Lam et al., 2009; Ward et al., 2009; Bulow et al., 2010; Jensen et al., 2011). It has also been shown that it is possible to construct an N cycle where the role of heterotrophic denitrification is entirely replaced by Dissimilatory Nitrite Reduction to Ammonium (DNRA) coupled with anammox (Lam et al., 2009; Jensen et al., 2011).

The Black Sea is well suited for investigations of these processes, as it is permanently anoxic at depth and contains a well-defined suboxic zone (O2 < 10 μM, no detectable H2S; Figure 1) sandwiched between shallow oxic and deeper sulfidic waters (Murray et al., 1995). Nonetheless, there has been no consensus there as to the relative contributions of anammox and denitrification to N2 production (Lam et al., 2007; Fuchsman et al., 2008; Jensen et al., 2008). Some incubation experiments with Black Sea water have shown the absence of denitrification activity (Lam et al., 2007). However, the presence of both denitrifying and anammox bacteria in the Black Sea's suboxic zone have also been documented (Kirkpatrick et al., 2006; Oakley et al., 2007). In order to better understand the in situ activity of these organisms and its variability, we investigated transcription of metabolic genes, as a proxy for bacterial activity, from three different cruises in different seasons.
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Figure 1. Comparative chemical profiles for the three different cruises. Markers indicate discrete samples. Plots are versus density as absolute depths are less consistent. For reference, July 2008 also includes absolute depth in m, but note this measure only applies to the right panel. From left to right, panels are for May 2007; October 2007; and July 2008. Horizontal dashed lines indicate the upper boundary of the suboxic zone (O2 = 10 μM).


MATERIALS AND METHODS

Field sampling was conducted in the northeastern Black Sea at 44° 25′ N, 37° 30′ E, onboard the R/V Akvanavt and R/V Ashamba (mean water depth >1000 m), for three time points: May 2007, October 2007, and July 2008. Data is graphed versus potential density (σθ, kg m−3), measured by SeaBird CTD package attached to the sampling rosette. Density was used to take into account spatial and temporal effects, which may alter the absolute depth of a feature in meters. For example, the oxycline may appear tens of meters shallower or deeper at different times and/or stations, but can be consistently found at the same density range (Murray et al., 1995). Samples were taken for the suboxic zone, roughly 15.6≤σθ≤16.1 (Figure 1; includes July 2008 depth comparison).

NUTRIENTS, DISSOLVED GASES, AND PRODUCTIVITY

Dissolved oxygen and hydrogen sulfide were measured onshore the night after daytime sampling, using standard techniques (Grasshoff et al., 1983). Nutrients were also measured ([image: yes], [image: yes], [image: yes]), with conventional chemical techniques and utilizing an autoanalyzer (Fuchsman et al., 2008). Dissolved gases were collected in evacuated 250 mL glass cylinders with HgCl2 pre-added, transported to the University of Washington, and measured by a Finnegan Delta XL isotope ratio mass spectrometer as per Fuchsman et al. (2008) and Emerson et al. (1999). A known amount of 36Ar was added to the samples (Nicholson et al., 2010). δ18O-O2 values were corrected for addition of 36Ar. δ18O-H2O was measured using an automated Micromass 903 mass spectrometer with CO2 equilibration system at the Quaternary Research Center, University of Washington. Net community productivity (NCP) calculations based on O2/Ar were calculated as per equation (2) of Stanley et al. (2010);
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where [O2]eq is O2 equilibrium concentration (calculated from CTD temperature and salinity data), ρ is the measured density from the CTD, and k is the gas transfer velocity. Gas exchange parameters were estimated via the parameterizations of Nightingale et al. (2000), using 14 day averaged QuikSCAT wind products. This calculation assumes a well-mixed layer, negligible impact from advection or cross-diapycnal mixing (upwelling), and a steady state system.

RNA SAMPLING AND ANALYSIS

Different versions of nitrite reductase (nirS) mRNA transcripts corresponding to denitrification and anammox organisms [specifically, “Candidatus Scalindua”-type (Lam et al., 2009)] were extracted, reverse transcribed, amplified and sequenced. Samples for RNA analysis were taken every 0.1 density level from σθ = 15.5 to 16.1, filtered directly from Niskin bottles onto 0.2 μm Millipore Sterivex™ filters, and fixed with RNALater® within 30 min of the start of filtration. October 2007 was unusual in that opportunistic RNA sampling extended deeper, to σθ = 16.3. Filters were incubated for ~1 h, frozen, shipped on dry ice to the University of Washington, and ultimately stored at −80°C. RNA extraction was conducted similar to Poretsky et al. (2005), and reverse-transcribed with random primers using the Fermentas Maxima® kit. Amplification of Scalindua-type nirS was performed with primers Scnir372F and Scnir845R (Lam et al., 2009). For conventional nirS several primer sets were tried (Braker et al., 1998; Michotey et al., 2000; Throbäck et al., 2004; see discussion). The primary results presented here are the nirS1F/6R primers of Braker et al. (1998) amplified as per Santoro et al. (2006) but using Fermentas DreamTaq™ 2x Mastermix with BSA added to 1x concentration, because it returned nirS type sequences for the largest number of samples. Attempts were also made to amplify different version of nitrite reductase (nirK) for all samples, but because amplification was at best erratic, and failed outright in the majority of cases, those results are not considered here. Scalindua-type products, uniformly single-banded, were cleaned with a Qiagen PCR Clean-up Kit, while other nirS products were commonly multi-banded and therefore gel-purified (Fermentas GeneJet™ Gel Purification Kit). Cloning was conducted with the StrataClone PCR Cloning Kit, and sequenced at the High-Throughput Genomics Unit (www.htseq.org). Sequences were hand-checked and amino acid translation was performed with Transeq (European Bioinformatics Institute), related protein sequences added for reference from GenBank (National Center for Biotechnology Information), and alignments performed with ClustalX. Bootstrapped data sets (Phylip's seqboot, 100 replicates) were analyzed for maximum likelihood phylogeny with Phylip (Felsenstein, 1989), and consensus tree branch lengths subsequently determined via protein maximum likelihood (JTT algorithm; Jones et al., 1992). Final tree visualization was accomplished using the program FigTree (http://tree.bio.ed.ac.uk/). Genbank accession numbers are JX102246—JX102470.

TRFLP

DNA was extracted using a combination of standard freeze-thaw and enzymatic lysis methods, followed by phenol-chloroform extraction and spin-column purification (Qiagen) (Fuchsman et al., 2012). Amplification was obtained using Planctomycetes primers 58F (labeled) and 926R (Wang et al., 2002). PCR products were amplified for 30 cycles at 60°C (Fuchsman et al., 2012). Column purified PCR products were digested separately overnight with restriction enzymes HaeIII, Hpy1881, MspI, and immediately precipitated with ethanol. Fragment analysis was performed on a MegaBACE 1000 apparatus (Molecular Dynamics) at the University of Washington Marine Molecular Biotechnology Laboratory. Electrophoretic profiles were visualized with Dax software (Van Mierlo Software Consultancy, The Netherlands). TRFLP profiles were normalized downward by total peak height. Scalindua was identified as peak 236 using HaeIII, peak 530 using HpyI881, and peak 260 using MspI.

RESULTS

Nutrients (O2, H2S, [image: yes], [image: yes]) are given in Figure 1. Oxygen penetration was deepest in May 2007 and shallowest in July 2008, affecting the apparent range of the suboxic zone (defined as O2 < 10 μM, H2S undetectable; appx. 15.7≤ σθ≤16.1). Nitrate concentrations were highest at the top of the suboxic zone (max between 4.5 and 7 μM), but nitrate was detectable until at least σθ = 16.0. Nitrite was below 0.1 μM for all seasons, with a small peak around in the suboxic zone and migrating slightly in a similar fashion to oxygen (Figure 2). Ammonium concentrations were highest in the sulfidic zone, but became negligible around σθ = 16.0 in October 2007 and July 2008 and at 15.8 in May 2007 (Figure 1). N2 supersaturation generally increased with depth and reached a broad maximum in the suboxic zone (Figure 2). N2 supersaturation was greatest in October 2007 with a maximum at σθ = 15.7–15.8.
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Figure 2. Left: [image: yes] concentrations, with a gray box indicating values at or below detection limit. Right: First, N2 supersaturation (from N2/Ar ratio compared to calculated values for saturation); N2 is produced in situ in the lower suboxic zone. To the right, detection of gene transcripts: “A” indicates amplification without sequencing confirmation, while “+” indicates amplification and sequencing confirmation. “−” indicates no amplification, while “(−)” indicates bands were apparent but sequencing resulted in non-specific sequences (generally, 23S ribosomal sequences).


Anammox and denitrifying mRNA transcripts were detected in all three sample sets (Figure 2). Note however, that deep RNA samples (σθ = 16.2 and 16.3), extending into the sulfidic zone, were only available for October 2007. Considering first anammox, Scalindua-type nirS appeared localized to the lower suboxic zone (σθ = 15.8), a distribution almost invariant for the time period sampled and coincident with a stable maxima in dissolved N2 (Figure 2). Four sequence groups were detected (Figure 3). Groups II and III were detected across a broad depth range (Figure 4), while group I was relatively shallow (15.8 ≤ σθ ≤ 16.0) and group IV was relatively deep (16.0 ≤ σθ ≤ 16.3). TRFLP of Scalindua 16S rDNA from May and October 2007 ranged from σθ = 15.8 to 16.2 with a maximum at σθ = 15.95 in May and σθ = 16.0 in October (Figure 5).
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Figure 3. Scalindua-type nirS expression, in bold, as detected with primers Scnir372F and Scnir845R (Lam et al., 2009). Numbers indicate density, followed by number of clones. References include cultured strains (in italics), and environmental clones. “Candidatus Scalindua” is from van de Vossenberg et al. (2012). Tree was constructed from amino acid sequences (~160 aa), bootstrapped (100 replicates; nodes present >50% noted) and analyzed for maximum likelihood phylogeny with Phylip (Felsenstein, 1989). Scale bar indicates branch length as calculated by protein maximum likelihood (Jones-Taylor-Thornton algorithm; Jones et al., 1992). Wedge and bar sizes are proportional to clone library composition.
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Figure 4. Depth breakdown of groups noted in Figure 3. Area of bubbles are proportional to percentage of clone library sequences for a given depth found in a given group.



[image: image]

Figure 5. Terminal restriction fragment length polymorphism (TRFLP) profile of “Candidatus Scalindua” 16S ribosomal DNA for May and October 2007. Products were amplified using Planctomycetes specific primers 58F and 926R, and peak identification obtained with enzymes HaeIII, Hpy1881, MspI. Profiles were normalized downward by total peak height.


Conventional nirS expression was also continually present in the lower suboxic zone and continued into the upper sulfidic zone (Figure 2). Six major groups, as well as a variety of singletons, were found using the nirS1F/6R primer set and are labeled in Figure 6 for ease of discussion. Groups I, IV, and VI were expressed in a consistent pattern similar to anammox (Figure 7). Other groups and singletons were more dynamic, with varying depth ranges and/or seasons in which they were detected. Unlike anammox, however, some expression was detected in the upper suboxic zone (σθ = 15.6, 15.7; Figures 2, 7). Groups I, V, and VI were related to Baltic Sea samples (Hannig et al., 2006). Groups II and IV contained no closely related database sequences, while Group III had an Arabian Sea analog (Jayakumar et al., 2009b). Finally, Marinobacter hydrocarbonoclasticus was the sole described species closely related to sequences from these clone libraries.
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Figure 6. nirS expression as detected with degenerate primers nirS1F/6R (Braker et al., 1998). Numbers indicate density, followed by number of clones. References include cultured strains (in italics), Baltic Sea environmental clones (Hannig et al., 2006), and DNA-based sequences previously obtained from the Black Sea (Oakley et al., 2007). Tree was constructed from amino acid sequences (~290 aa) as per Figure 3.
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Figure 7. Depth breakdown of groups noted in Figure 6. Areas of bubbles are proportional to percentage of clone library sequences for a given depth found in a given group.


Amplification with a second primer set for conventional nirS expression, cd3aF/R3cd (Throbäck et al., 2004), was only detected in the lower suboxic zone (σθ ≥ 15.9). Groups I, III, and VI from the nirS1F/6R primer set results were also found with cd3aF/R3cd (Figure 8).
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Figure 8. Clone library comparison tree for two different primer pairs: nirS1F/6R, indicated by filled circles, and cd3aF/R3cd, in empty circles. All are from October 2007, σθ = 16.0 or 16.2. References, in gray, include cultured strains (in italics), Baltic Sea environmental clones (Hannig et al., 2006), and DNA-based sequences previously obtained from the Black Sea (Oakley et al., 2007). Tree was constructed from amino acid sequences (~140 aa, necessarily shorter than other alignments) as per Figure 3.


We used dissolved gases to estimate NCP in the surface mixed layer. NCP, effectively oxygen production in excess of consumption, was calculated from O2/Ar (Stanley et al., 2010; Figure 9A). NCP for the three cruises showed small but significant difference, with May 2007 and July 2008 having lower values (28 and 26 mmol O2 m−2 d−1) and October 2007 showing slightly elevated NCP (31 mmol O2 m−2 d−1). δ18O-O2 was also measured, which can show negative deviations if photosynthetic production is great enough to drive the below equilibrium levels (Quay et al., 1993). Unlike May 2007 and July 2008, October 2007 exhibited a large negative deviation in δ18O-O2 immediately below the mixed layer, concordant with a 52% supersaturation of O2 relative to Ar (Ar used to normalize for physical processes; Figure 10).
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Figure 9. (A) For the surface mixed layer, net community productivity calculated with O2/Ar measurements. Error bars for NCP were calculated from averages of mixed layer O2/Ar (n = 4). (B) Suboxic zone (15.6 ≤ σθ ≤ 16.0) clone library diversity, as calculated with the Shannon-Wiener index.
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Figure 10. Left: O2/Ar supersaturation versus depth in the upper 50 m for May 2007, October 2007, and July 2008. Right: δ18O-O2 versus depth. Gray box indicates average mixed layer depths.


DISCUSSION

ANAMMOX-TYPE EXPRESSION

Anammox-type nirS was first used as a process-specific sequence type in the Peruvian OMZ (Lam et al., 2009). All of the sequences amplified in this Black Sea study were monophyletic with Peruvian OMZ sequences, in turn closely allied to the environmental anammox clade, “Candidatus Scalindua” (Lam et al., 2009; van de Vossenberg et al., 2012) (Figure 3). For comparison, anammox-type 16S rDNA was also analyzed (Figure 5). The observed distribution of this anammox-type nirS was consistent with this ribosomal DNA based distribution, as well as previous data sets (Kuypers et al., 2003; Kirkpatrick et al., 2006; Fuchsman et al., 2012). The presence of anammox bacteria in the lower suboxic zone may be due to the flux of ammonium from the sulfide zone that affects these depths. Although amplification of sequence types not involved in the anammox process cannot be ruled out, both the sequence data and depth distribution similarity lend credence to the applicability of these products as process specific markers.

Phylogenetically, expressed anammox-type nirS sequences fell into four highly similar groups (Figure 3). Distance between these Black Sea groups was less than between sequences from the Peruvian OMZ. It may be that a relatively small subset of marine anammox bacteria are adapted to the brackish waters of the Black Sea (suboxic zone salinity ~20–21) as compared to the Peruvian OMZ; this is consistent with previous 16S-based approaches (Schmid et al., 2007).

There appeared to be little difference between time points for the anammox-type nirS data, suggesting that these organisms were consistently transcribing this nirS-type gene. The single exception was July 2008, the only time that amplification could be detected as shallow as σθ = 15.8, though only a few sequences could be retrieved (Figure 2). This was also the time of shallowest oxygen penetration (Figure 1). Between groups, the only variation appeared to be associated with differences in depth. Group I expression was only detected for 15.8 ≥ σθ ≥ 16.0 and Group IV was found for 16.0 ≥ σθ ≥ 16.3; Groups II and III were found variously across the whole range (Figure 4). Interestingly, for the one sample set which extended into the sulfidic zone (October 2007) anammox activity could still be detected as deep as σθ = 16.3, where H2S ≥ 10 μM. Evidence for the presence of anammox bacteria coincident with low levels of sulfide has been previously found in the Black Sea (Wakeham et al., 2007; Fuchsman et al., 2012). This suggests some sulfide tolerance for Groups II, III, and IV. Theoretically, these groups could be actively involved in S-linked processes (Kalyuzhnyi et al., 2006), provided that a flux of [image: yes] or [image: yes] penetrates down to these density surfaces. While this is speculative, it is known that [image: yes] levels for σθ ≥ 16.2 were below the detection limit for October 2007, when deep activity was sampled (Figure 2). Other explanations for anammox activity require a supply of nitrite such as horizontal advection (Stunzhas and Yakushev, 2006) or in situ production with sparse oxidants such as trace levels of MnOx; a fast sinking mechanism to import active cells and their mRNA; or perhaps the utilization of abundant sulfate as the ultimate electron acceptor (Liu et al., 2008). While the specific adaptations of the four different anammox types are speculative, it is nonetheless apparent that there are some micro-heterogenities in this population.

DENITRIFICATION AND RELATION TO ENVIRONMENTAL FACTORS

Expression patterns of denitrification appeared more complex than anammox. October 2007 stands out in this data set due several factors, including deeper samples that were not available for the other two timepoints. Even excluding these samples, however, several “intermittent” groups were detected in October 2007 that were not found other times. Denitrifiers in the upper suboxic zone (σθ = 15.6) were not only active, unlike other seasons, but included Marinobacter and Group V phylotypes not found at other times (Figures 6, 7). Group V contains sequences up to 100% similar to a sequence known from the Baltic Sea's upper, oxic waters (AAY87380; Hannig et al., 2006), suggesting a tolerance for relatively oxidizing conditions. The Marinobacter-type sequences were distinct from strains previously isolated from the Black Sea (bootstrap support 98%) (Oakley et al., 2007). July 2008 also had transcripts at a relatively shallow density surface (σθ = 15.7), but unlike the varied phylogeny of October 2007, the shallower July expression was only an extension of consistent, deeper Group I activity. This was perhaps in response to the shoaling of the oxycline (Figure 1).

Interestingly, October 2007 surface waters exhibited relatively high biological productivity (Figure 9A). October 2007 also had a large dissolved oxygen minimum below the mixed layer (Figure 10), suggestive of enhanced productivity, though assessing a rate to this deeper production is problematic. Although the linkage is indirect, if either mixed layer or deeper productivity resulted in sinking organic matter, this could have impacted heterotrophic denitrification. October 2007 was also unusual in the detection of elevated N2 supersaturation levels, indicative of biological N2 production, in both the upper suboxic zone (15.6 ≤ σθ ≤ 15.8) and the upper sulfidic layer (16.1 ≤ σθ ≤ 16.25) (Figure 2). Part of this N2 build-up was potentially a result of these intermittently detected denitrifiers, particularly in the upper suboxic zone (σθ < 15.8) where anammox type nirS expression was not found for our three time points. The deeper N2 peak (σθ = 16.1–16.2) was found at the transition from suboxic to sulfidic zones, and nutrient profiles (Figure 1) are suggestive of deeper H2S consumption in October; it is possible that autotrophic denitrification could also have been enhanced at this time.

Looking at the diversity of denitrifiers, the Shannon-Wiener index for the suboxic zone also peaked in October (Figure 9B; H′May = 1.4, H′Oct = 1.9, H′Jul = 0.6). This is excluding the deep samples unique to the October cruise. In October, when the N2 build-up had both a shallow and a deep peak (Figure 2), σθ = 15.6 in the upper suboxic zone had some nirS expression not seen other times (Figure 7), in addition to the consistent deep expression. This multiplicity of apparent niches was one of the drivers of diversity in October. If in fact greater productivity led to C export which stimulated denitrification at depth, this would be consistent with other studies that have linked organic C input to changes in denitrification activity (Engström et al., 2005; Fuchsman et al., 2008; Ward et al., 2008, 2009).

Many denitrifier groups, on the other hand, seem more similar to the detected anammox expression in that their expression was detected regularly between seasons and in the lower suboxic zone. These “consistent” denitrifiers include an unknown type (Group IV), a Group that was previously known from Black Sea clone libraries as the “dominant” type (Oakley et al., 2007)—here, Group VI—and a third type (Group I) identical to a different Baltic Sea clone, this one from suboxic waters (AAY87345; Hannig et al., 2006). Transcripts of this Baltic Sea type were found into the sulfidic layer. Whether this represents autotrophic or heterotrophic denitrification is unknown. While there were some sequences shared with Baltic Sea studies, it is notable that the consistent expression pattern typical of Black Sea groups I, IV, and VI discussed here are different from the temporal changes documented in the Baltic Sea (Hannig et al., 2007). Denitrification was indicated in the Baltic mainly in instances where the suboxic zone was compressed or absent and nitrate and sulfide overlapped, with the establishment of a stable suboxic zone favoring anammox (Hannig et al., 2007). Measurable levels of nitrate and sulfide do not commonly overlap in the Black Sea (Murray et al., 1995), though as noted above and in Figure 1 some variability was observed in this study. Several lines of published evidence point toward autotrophic metabolism by ε- and γ-proteobacteria in the sulfidic zone, including the autotrophic denitrifier Sulfurimonas (Grote et al., 2008; Glaubitz et al., 2010). In the case of Sulfurimonas, primer mismatch could have prevented detection of mRNA transcripts by our methods; see primer bias considerations, below.

CONCURRENT DENITRIFICATION AND ANAMMOX ACTIVITY

Both denitrification and anammox type nirS expression were consistently detected at the same density surfaces in the lower suboxic zone. This occurs despite the fact that they have different metabolic requirements, and in spite of the restricted, relatively stable environment formed by the redox gradient; this seems to indicate that conditions are conducive for both processes to persist simultaneously. As both require nitrite, a competitive playoff between the two processes is often assumed (e.g., Hannig et al., 2007; Bulow et al., 2010; Lam et al., 2011). Our data set suggests that this may not be the case, with the ongoing activity of both processes more similar to the balanced activity seen in Skagerrak sediments (Thamdrup and Dalsgaard, 2002) or the waters of Golfo Dulce (Dalsgaard et al., 2003).

PRIMER BIAS CONSIDERATIONS

Regarding primer sets, it should be noted that the nirS primer set used here (nirS1F/nirS6R), while degenerate, is not considered universal (Throbäck et al., 2004). Nitrite reductase genes, here focusing on nirS, are fairly diverse and exhibit significant sequence divergence, making whole-community analysis difficult and subject to bias. A fairly comprehensive analysis of different primer sets was conducted in 2004 for cultured organisms and soil samples (Throbäck et al., 2004). Studies of ocean OMZs have commonly relied on nirS1F/6R (Braker et al., 1998) or cd3aF/R3cd (Michotey et al., 2000; Throbäck et al., 2004). In order to assess possible primer pair bias in our data sets, products of both primer sets were analyzed. It must be noted that while we could compare between primer sets and samples, it is difficult to infer what other potential sequences were missed entirely. There could have been a large number of organisms contributing to the mRNA pool that remained undetected due to primer mismatches, including Sulfurimonas, which has previously been detected in the Black Sea (Grote et al., 2008). Compared to the Braker primers (Braker et al., 1998), we found Sulfurimonas denitrificans DSM1 to have 6 mismatches and one deletion over the 18 bp of nirS1F and 10 mismatches over the 16 bp of nirS6R. Regardless of what was missed, given the data at hand it was possible to compare data produced by these two primer sets in an effort to understand what relative biases may have been present.

While nirS1F/6R amplified sequences throughout the suboxic zone, albeit intermittently for the upper suboxic zone (Figure 2), cd3aF/R3cd amplification was only successful in the lower suboxic zone (σθ ≥ 15.9). This suggests that the upper suboxic zone community may be “missed” not only because of changes in activity but also due to poor amplification if analyzed with a different primer set. This was further indicated by analyzing the entire nirS1F/6R data set (all depths) for mismatches to the cd3aF/R3cd priming site, both of which are internal to the amplicon produced by nirS1F/6R. 73% of nirS1F/6R clones mismatched the cd3aF primer, and 99% mismatched R3cd. The same analysis for nirS1F or 6R binding sites is not possible, as both sites are outside of the amplicons produced by cd3aF/R3cd.

In order to check for systematic discrimination of specific phyla by the different primer sets, sequences of both for October samples σθ = 16.0 and 16.2 were obtained (Figure 8). It is important to note that ribosomal contamination was intermittently found in both data sets. This contamination, typically found in the absence of nirS template, was detected when sequences contained multiple stop codons and could not be aligned; it was confirmed with BLAST searches to the Genbank database. For nirS1F/6R this only happened in the upper suboxic zone. This was true even when bands of the proper size were excised and purified from the agarose gel and even when, additionally, mRNA purification of the RNA extract (MICROBExpress©, Ambion) was conducted before reverse transcription. This suggests that qPCR methods cannot be easily applied to these primer sets. Considering phylogeny, groups I, II, and V were present in both data sets, suggesting fairly good overlap between primer products (Figure 8). While it is not easy to make conclusions about groups that were not present, due to sampling depth, overall diversity of the two different data sets is similar (Shannon-Wiener index of 1.6 for 1F/6R, 1.8 for cd3aF/R3cd). In summary, while no clade-specific bias appeared when comparing sequences from successfully amplified PCR products of both primer sets for the same depths, for other depths nirS1F/6R was the only primer set that produced any nirS-type sequences at all. This suggests that, for some marine environments such as OMZs, cd3aF/R3cd may undersample diversity.

CONCLUSIONS

Our results, based on analysis of dissimilatory nitrite reductase (nirS) expression over three sampling seasons, revealed that both denitrification and anammox were consistently found in the lower suboxic zone, for three sample sets spanning15 months. Consistent nirS-expression was localized to the lower suboxic zone, and included both anammox and conventional denitrification type genes. Intermittent nirS expression was detected in the upper suboxic zone (σθ ≤ 15.7) and varied between sampling times, perhaps in response to environmental variables such as oxygen and organic C input. This connection is inferred, and not proven; other studies are required to directly investigate this linkage. The fluctuating response of some denitrifiers appears not just the opportunistic response of phylotypes otherwise routinely active at other depths, but characteristic of several groups that were not found to be active at other times, within the acknowledged limitations of sampling and sequencing for this study. This underscores the problematic nature of making global N budgets based on instantaneous measurements of rate or activity, and points toward the necessity of time-integrated approaches in order to resolve conflicting estimates. Further work is needed to directly examine the interplay between surface productivity and deeper denitrification, resolve inconsistencies between methods based on in situ parameters versus incubations, and to understand the ongoing activity and interplay of anammox, heterotrophic denitrification, and autotrophic denitrification.
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A pronounced deficit of nitrogen (N) in the oxygen minimum zone (OMZ) of the Arabian Sea suggests the occurrence of heavy N-loss that is commonly attributed to pelagic processes. However, the OMZ water is in direct contact with sediments on three sides of the basin. Contribution from benthic N-loss to the total N-loss in the Arabian Sea remains largely unassessed. In October 2007, we sampled the water column and surface sediments along a transect cross-cutting the Arabian Sea OMZ at the Pakistan continental margin, covering a range of station depths from 360 to 1430 m. Benthic denitrification and anammox rates were determined by using 15N-stable isotope pairing experiments. Intact core incubations showed declining rates of total benthic N-loss with water depth from 0.55 to 0.18 mmol N m−2 day−1. While denitrification rates measured in slurry incubations decreased from 2.73 to 1.46 mmol N m−2 day−1 with water depth, anammox rates increased from 0.21 to 0.89 mmol N m−2 day−1. Hence, the contribution from anammox to total benthic N-loss increased from 7% at 360 m to 40% at 1430 m. This trend is further supported by the quantification of cd1-containing nitrite reductase (nirS), the biomarker functional gene encoding for cytochrome cd1-Nir of microorganisms involved in both N-loss processes. Anammox-like nirS genes within the sediments increased in proportion to total nirS gene copies with water depth. Moreover, phylogenetic analyses of NirS revealed different communities of both denitrifying and anammox bacteria between shallow and deep stations. Together, rate measurement and nirS analyses showed that anammox, determined for the first time in the Arabian Sea sediments, is an important benthic N-loss process at the continental margin off Pakistan, especially in the sediments at deeper water depths. Extrapolation from the measured benthic N-loss to all shelf sediments within the basin suggests that benthic N-loss may be responsible for about half of the overall N-loss in the Arabian Sea.
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INTRODUCTION

The Arabian Sea is the semi-enclosed, north-western part of the Indian Ocean. Connected with the Red Sea and the Persian Gulf, it also receives discharge from some of the largest rivers in the world and is fringed by amongst the densest human populations. Although covering only 1% of the ocean surface, the Arabian Sea accounts for ∼5% of the global phytoplankton production, which has characteristic seasonal variability driven by two monsoons each year (Marra and Barber, 2005; Wiggert et al., 2005). Owing to the high seasonal surface production, high respiration in subsurface waters along with slow ventilation produces a pronounced oxygen minimum zone (OMZ) at depths between ∼100 and 1000 m. This OMZ is associated with a high nitrogen deficit (Codispoti et al., 2001; Deutsch et al., 2001) and a strong secondary nitrite maximum found at similar depths, which have been attributed to high pelagic N-loss activities therein (Naqvi, 1994; Naqvi et al., 2006; Ward et al., 2009). Due to its size, the Arabian Sea OMZ is assumed to be one of the biggest pelagic N-sinks, with annual estimated rates varying between ∼30 and 60 Tg N year−1 (Bange et al., 2000; Codispoti et al., 2001; Devol et al., 2006).

On the other hand, N-loss processes also occur in marine sediments. In fact, benthic N-loss is believed to contribute ∼50–70% of global oceanic N-loss (Codispoti et al., 2001; Galloway et al., 2004; Gruber, 2004). Because of the geographical configuration of the Arabian Sea, OMZ waters therein impinge on the sediments along the continental margins off the coasts of India, Pakistan as well as Oman. Consequently, any in situ N-transformations within the OMZ waters would undoubtedly affect the N-budget of the sediments, and vice versa. Nevertheless, despite the obvious importance of benthic N-loss in the Arabian Sea, benthic N-loss activities have hardly been assessed, and thus estimates of the benthic contribution to the N-deficit and overall N-loss in the Arabian Sea remain poorly constrained. Based on depth-integrated primary production rates (Seitzinger and Giblin, 1996), Bange et al. (2000) estimated that shelf and margin sediments may account for 17% of the N-loss in the Arabian Sea; or up to 26% estimated by Schwartz et al. (2009) from the changes in N2:Ar and nitrate consumption rates in Arabian Sea sediments. No direct measurements have been made, however, to distinguish the benthic N-loss pathways, nor have the potential interactions with overlying OMZ waters been much considered.

In general, two processes are known to remove nitrogen from marine systems: the N2O and N2 production via canonical denitrification [image: image] and the N2 production by anaerobic ammonium oxidation (anammox, [image: image]). In marine environments, anammox activities were first detected in sediments (Dalsgaard and Thamdrup, 2002; Thamdrup and Dalsgaard, 2002), and later in the suboxic water columns of the Black Sea (Kuypers et al., 2003) and Golfo Dulce, Costa Rica (Dalsgaard et al., 2003). Since then anammox bacteria have been found in marine habitats ranging from the Arctic sea ice (Rysgaard et al., 2004) to deep sea hydrothermal vents (Byrne et al., 2009). In sediments, anammox has been shown to contribute up to 80% to the N2 production (Dalsgaard et al., 2005), but anammox rates measured by 15N stable isotope pairing experiments in sediments underlying a major OMZ to our knowledge have never been made before.

The reduction of nitrite to nitric oxide is an essential step in both anammox and denitrification, and is mediated by specific nitrite reductases (Nir; Schalk et al., 2000; Strous et al., 2006; Kartal et al., 2011). In general, two different types of nitrite reductases are known to occur, the copper-(NirK), and the cd1-containing nitrite reductase (NirS), but organisms harbor either of the reductases. The nirK genes are not only present in denitrifiers, but also known to occur in nitrifiers and therefore not suitable for the quantification of denitrifiers. Hence, genes encoding for the (nirS) are more commonly used as biomarkers for denitrifiers (Jayakumar et al., 2004; Castro-Gonzalez et al., 2005; Tiquia et al., 2006; Dang et al., 2009) and found to be more abundant in general and in an estuary system (Abell et al., 2010). Meanwhile, anammox bacteria also use a NirS, which is phylogenetically distinct from denitrifier NirS. Thus, nirS can be a useful biomarker to distinguish between denitrifiers and anammox bacteria, as evidenced by studies in the Peruvian and Arabian Sea pelagic OMZs (Lam et al., 2009).

In this study, we determined N-loss rates of denitrification and anammox in surface sediments at the continental margin off Pakistan via 15N-stable isotope experiments in intact core and slurry incubations. The relative abundances of denitrifying and anammox bacteria in the sediment were quantified based on their respective nirS genes and their phylogenies were further evaluated to characterize the benthic microbial communities at various station depths. In order to explore the potential interaction between benthic and OMZ N-loss rates, stations with water depths between 360 and 1430 m were sampled. Accordingly, sediments at one station lay below the OMZ, while the others were within OMZ waters.

MATERIALS AND METHODS

SAMPLING PROCEDURES AND CHEMICAL ANALYSES

Sampling was conducted during the R/V Meteor cruise M74/2, on 7th to 28th October 2007, in the Arabian Sea over the Pakistan shelf (Makran region, Figure 1). Four stations ranging from 360 to 1430 m were selected for detailed sampling and sediment incubations. (Please note, that original station names have been shortened for simplicity, from, e.g. GeoB12204 to station 04). Dissolved oxygen and temperature of the water column were measured with a conductivity-temperature-depth (CTD) probe, equipped with an oxygen sensor (Sea Bird Electronics). The oxygen concentration was calibrated against Winkler titration. Water samples were taken with a CTD-rosette. On ship board, concentrations of ammonium and nitrite were measured fluorometrically (Holmes et al., 1999) and photometrically (Grasshoff and Johannsen, 1972), respectively. Additional subsamples were stored at −20°C for later analyses for ammonium, nitrate, nitrite, and phosphate in a shore based laboratory using an autoanalyzer (TRAACS 800, Bran & Luebbe).


[image: image]

Figure 1. Sampling area of the R/V Meteor cruise M74/2 in October 2007, in the Makran region at the Pakistan continental margin. Color scale on the right denotes water depth.



Sediment cores were taken with a multicorer (MUC) equipped with eight acrylic liners (10 cm diameter). Subsamples for molecular analyses were taken directly from MUC cores at 2 cm intervals from the surface down to 8 cm. DNA samples were stored at −80°C, shipped on dry ice and kept at −80°C until DNA extraction. Pore water extraction was conducted on board, sediment cores were sliced in a resolution of 0.5 cm (sediment depth 0–1 cm), 1 cm (sediment depth 2–5 cm), and 4 cm (sediment depth 5–0 cm), and pore water was squeezed out of the sediment slices with a pore water press (Schlüter, 1990). Pore water samples for nitrate and nitrite were kept frozen until measurement with a chemiluminescence NOx analyzer (Thermo Environmental Instruments, Inc; Braman and Hendrix, 2002) in a shore based laboratory. For analyses of dissolved iron and sulfide, sediment cores were sampled on board with rhizomes at 1 cm (sediment depth 0–5 cm) and 2 cm intervals (sediment depth 5–30 cm). Subsequently the obtained pore water was analyzed for Fe2+ and HS− on board according to Grasshoff et al. (1999) and Cline (1969). Concentrations of organic carbon and nitrogen were determined by combustion/gas chromatography (Carlo Erba NA-1500 CNS analyzer) of dried sediment samples after acidification with 3 mol l−1 phosphoric acid in a shore based laboratory.

INCUBATION EXPERIMENTS

Benthic denitrification and anammox rates were determined from N2 production of 15N-labeled slurry and intact core incubations. Rates from slurry incubations were used to calculate the contribution of anammox and denitrification to the total N-loss. Furthermore, volumetric rates from slurry incubations were integrated over the nitrate penetration depth to derive areal N-loss rates. Areal rates were also estimated from intact core incubations according to the revised isotope pairing technique (rIPT) detailed in Risgaard-Petersen et al. (2003).

Intact core incubations

Sediment cores (10 cm diameter) were subsampled with 3.6 cm diameter liners and the overlying water was adjusted to a height of 12.5 cm above sediment surface. [image: yes] (Campro Scientific GmbH) was added to a final concentration of 50 μmol l−1 in the overlying water, which was constantly mixed with magnetic stirrers. After pre-incubation for 8–12 h, the cores were sealed with rubber stoppers and incubated without gas phase in the dark at in situ temperature (6–16°C). Five time points were taken at ∼0, 2, 6, 10, and 15 h after the cores have been sealed. At each time point, three cores were randomly selected and sacrificed by first removing the rubber stopper and injecting 1 ml of 50% (w/v) zinc chloride to the overlying water to precipitate any free sulfide. Then the first 6 cm of the sediment were mixed with the overlying water. A subsample of the slurry was transferred into 12 ml gas tight sterile glass vials (Exetainer®, Labco), poisoned with 100 μl of saturated HgCl2 solution to stop biological activity and kept at room temperature in the dark until further processing.

Slurry incubations

Vertical distributions of denitrification and anammox rates within the sediment were estimated from slurry incubation experiments in gas tight bags made of plastic-laminated aluminum-foil (Gao et al., 2009). Briefly, MUC sediment cores were sliced in 2 cm intervals between 0 and 8 cm depth. Each slice (volume of ∼160 cm3) was transferred into a gas tight bag that was subsequently heat-sealed from all sides. To prepare the slurry, 200 ml of degassed bottom water, taken from the overlying water in the MUC cores, was injected through a gas tight port into the bag. The residual air was removed from the bag and the slurry was thoroughly mixed. After pre-incubating the bags for 2 h, to remove potential air-contamination introduced by the sub-sampling, 15N-labeled substrates were injected into the bags and the slurries were again thoroughly mixed. Incubations were performed in the dark at in situ temperatures. In Experiment 1, [image: yes] and [image: yes] were added to the slurries to final concentrations of 200 and 100 μmol l−1, respectively. Furthermore, allylthiourea (ATU) was added to a final concentration of 86 μmol l−1 (Ginestet et al., 1998) to inhibit possible bacterial ammonia oxidation. In Experiment 2, [image: yes] was added to the slurries to a final concentration of 200 μmol l−1. For both experiments, a subsample of 6 ml was drawn from the bags immediately after tracer addition, transferred into sterile gas tight glass vials (Exetainer®, Labco) and fixed with 100 μl of saturated HgCl2 solution. Between five and seven subsamples were drawn from the bags during the subsequent 26–28 h. The exetainers containing the subsamples were kept and shipped upside down in the dark at room temperature.

In the laboratory, a 2 ml helium headspace was introduced into the 12 ml exetainer of the whole core incubations while a headspace of 1 ml was used for the 6 ml exetainer of the slurries. The exetainers were shaken vigorously to allow N2 to equilibrate between the headspace and the liquid phase. The N2 isotope ratio (28N2, 29N2, and 30N2) of the headspace was determined by gas chromatography-isotopic ratio mass spectrometry (VG Optima, Micromass) by direct injections from the headspace according to Kuypers et al. (2005). Concentrations of 30N2 and 29N2 were normalized to 28N2 and calculated as excess relative to air according to Holtappels et al. (2011). N2 production rates were calculated from the 29N2 and 30N2 increase over time. Only production with a significant linear slope (p < 0.05) over time without delay was used for further calculations.

Calculation of N-loss in the sediment slurries

In Experiment 1, the anammox pathway 
([image: yes] + [image: yes]→ N2) combines either [image: yes] or [image: yes] with [image: yes] to form 28N2 and 29N2. Anammox activity was indicated when the production of 29N2 (p29N2) was measured without any production of 30N2 (p30N2). The production of 30N2 was not detected in our samples, only a small amount of 30N2 production was measured at station 16, depth 2–4 cm. The total N2 production via anammox in Experiment 1 [A(Ex1)] was calculated from:

[image: image]

where [image: yes] is the labeling percentage of the 15N-substrate [image: yes] For Experiment 1, [image: yes] was calculated from the measured [image: yes]-concentrations in bottom waters and pore waters and the known addition of [image: yes].

In Experiment 2, the addition of [image: yes] to background concentrations of [image: yes] and [image: yes] would produce 28N2 and 29N2 via anammox and 28N2, 29N2, and 30N2 via denitrification. Thus, the production of 30N2 (p30N2) indicates active denitrification. The total N2 production by denitrification in Experiment 2 [D(Ex2)] was calculated according to Thamdrup and Dalsgaard (2002) from p30N2:

[image: image]

where [image: image] is the labeling percentage of nitrate [image: image]. In Experiment 2, both, anammox and denitrification produce 29N2. To calculate anammox from Experiment 2, Eq. 1 is modified to: [image: image], where p29N2(Den) is the 29N2 production via denitrification. With [image: image] (Thamdrup and Dalsgaard, 2002), we derive:

[image: image]

Results from slurry incubations indicated the presence of [image: image]-storing organisms releasing intracellular [image: image] in the course of the experiment (for further details, see discussion). An estimate of [image: image] on the basis of measured [image: image] bottom water and pore water concentrations was therefore not possible. Instead, we calculated [image: image] from Eq. 3 by inserting the measured p29N2 and p30N2 and by assuming A(Ex1) = A(Ex2). The derived [image: image] value, in the following referred to as [image: image], was then used to estimate denitrification according to Eq. 2. For sediments without the release of stored nitrate we expected [image: image] equals [image: image], whereas [image: image] indicated an additional source of [image: image], which was not dissolved initially in the pore water. We denoted the additional nitrate as excess [image: image] that was calculated from [image: image], [image: image] and the known concentration of [image: image] in the slurry:

[image: image]

Calculation of N-loss in intact sediment cores

From the slurry incubation, the contribution of anammox to the total N-loss was estimated as ra = A(Ex1)/[A(Ex1) + D(Ex2)]. The total N-loss due to denitrification and anammox was calculated according to Risgaard-Petersen et al. (2003) from ra and the production of 30N2 and 29N2 in the core incubations:

[image: image]

where R29 is the ratio between the 29N2 and 30N2 production.

DETECTION AND PHYLOGENETIC ANALYSES OF DENITRIFIER AND ANAMMOX nirS GENES

The biomarker functional gene nirS, encoding the cd1-containing nitrite reductase, for both denitrifiers and marine anammox bacteria were targeted using qualitative and quantitative analyses. Nucleic acids were extracted from the sediment layers corresponding to those used for rate measurements (0–2, 2–4, 4–6, and 6–8 cm, respectively), by applying the UltraClean™ Soil DNA Isolation Kit (MO BIO Labratories, Inc.) according to the manufacturer’s instructions. Triplicate DNA extractions were made for each sample to reduce bias through the extraction procedure and pooled together through purification with the Wizard® Genomic DNA Purification Kit (Promega GmbH). DNA was stored in 10 mM Tris-HCl at −80°C until further analyses. The concentrations of the DNA in the samples were measured spectrophotometrically with a NanoDrop instrument (Thermo Fisher Scientific Inc.).

Denitrifier nirS gene fragments were PCR amplified with the primers cd3aF/R3cd (5′-GTSAACGTSAAGGARACSGG-3′ (Michotey et al., 2000)/5′-GASTTCGGRTGSGTCTTGA-3′; Throback et al., 2004). The primers Scnir372F/Scnir845R (5′-TGTAGCCAGCATTGTAGCGT-3′/5′-TCAAGCCAGACCCATTTGCT-3′; Lam et al., 2009) were used to target the specific nirS for marine anammox bacteria, so far believed to all fall into the Candidatus Scalindua clade. PCR reactions were performed with the Master Taq Kit (5 Prime) on a thermal cycler (Eppendorf AG) and were examined with gel electrophoresis on 1% LE agarose gels (Biozym Scientific GmbH).

Subsequently, clone libraries were constructed from PCR amplicons of correct sizes. The PCR products were purified with the QIAquick PCR Purification Kit (QIAGEN) and the cloning reactions were performed with the TOPO TA Cloning® Kit for sequencing (pCR4 vector) with One Shot® TOP10 chemically competent E. coli cells (Invitrogen GmbH). Clones were screened for correct inserts by performing PCR with the primers M13F/M13R (5′-GTAAAACGACGGCCAG-3′/5′-CAGGAAACAGCTATGAC-3′), the number of non-nirS sequences was ≤2 per library. PCR products of the correct size were sequenced using the dye terminator sequencing method (Sanger et al., 1977) with the BigDye® Terminator v3.1 Cycle Sequencing Kit (Applied Biosystems, Inc.) and the T7 primer (5′-TAATACGACTCACTATAGGG-3′). Sequencing was performed on an ABI3730 capillary sequencer system (ABI) according to the manufacturer’s protocol. For the primers cd3aF/R3cd, sequence length used for phylogenetic analyses was ∼400 bp, while for primers Scnir372F/Scnir845R sequences had a minimum length of 440 bp.

Sequences were initially processed using BioEdit (Hall, 1999), aligned with ClustalW (Thompson et al., 1994) and screened for NirS encoding genes in the GenBank using the BLAST searches (Altschul et al., 1997). Mothur (Schloss et al., 2009) was used to calculate a similarity cut-off for operational taxonomic units (OTUs) based on nucleic acids of ≥95% and rarefaction curves. The screened sequences were imported into the ARB software package for phylogenetic analyses (Ludwig et al., 2004). Phylogenetic analyses were performed according to the amino acid sequences translated from the obtained sequences, together with some related sequences retrieved from GenBank. Phylogenetic trees were calculated based on the algorithms of maximum likelihood and maximum parsimony. Bootstrapped analyses of 100 resamplings were conducted. The sequences were deposited in GenBank under the accession numbers KC111208 to KC111421.

QUANTITATIVE PCR

Both denitrifier- and Scalindua-specific nirS genes were further quantified with real-time PCR, using the primers cd3aF/R3cd (Michotey et al., 2000) and Scnir372F/Scnir845R (Lam et al., 2009), which result in amplicons of 425 and 473 bp, respectively. The reactions were performed on an iQ5 cycler (Bio-Rad Laboratories GmbH) with the PowerSYBR® Green Master Mix (Applied Biosystems Inc.), as previously described (Lam et al., 2009; Jensen et al., 2011). All samples and non-template controls were analyzed as triplicate and the standards were analyzed in every qPCR run. The specificities of PCR amplicons were checked with subsequent melt curve analyses, as well as with 2% agarose gel electrophoresis.

RESULTS

HYDRO- AND GEOCHEMISTRY

The compiled oxygen concentration profiles of the four investigated stations revealed an OMZ with a vertical expanse of ∼900 m (Figure 2). Within the oxycline (50–100 m), oxygen concentrations decreased from ∼200 to ∼5 μmol O2 l−1. From 200 to 300 m, an intrusion of Persian Gulf Water, identified by higher salinity (Shetye et al., 1994), led to increased oxygen concentrations of up to 16 μmol O2 l−1. At 300 m, oxygen concentrations dropped below the detection limit (∼1 μmol O2 l−1) and increased again below ∼900 m water depth. Bottom water oxygen concentrations of 23 μmol O2 l−1 were measured at the deepest station (1430 m), whereas no oxygen was detectable in the bottom water of the three shallower stations. Concentrations of ammonium were low throughout the water column ([image: image], data not shown). Nitrite concentrations were close to the detection limit of [image: image] but peaked at distinct depths to maximum concentrations of 0.7 μ mol [image: yes] l−1  at 30 m depth and 0.33 μmol l−1 between 400 and 600 m (Figure 2). Nitrate was depleted in the surface waters but increased below the oxycline (Figure 2) so that bottom water concentrations increased from 22 μ mol [image: yes] l−1  at the shallowest station to 39 μ mol [image: yes] l−1 at the deepest station. The nitrogen deficit, calculated according to Gruber and Sarmiento (1997) as [image: yes]., was zero in surface waters (Figure 2), then decreased to −11 μmol N l−1 between 300 and 600 m depth and rose slightly to −7 μmol N l−1 below 800 m depth.


[image: image]

Figure 2. Concentrations of dissolved oxygen, N*, nitrate and nitrite, in the water column of the Pakistan continental margin in the Arabian Sea, with data compiled from all four sampling stations. N* was calculated according to Gruber and Sarmiento (1997). The shaded region depicts the extent of the oxygen minimum zone, while the different symbols denote the data points from different sampled stations.



Within the sediments, the pore water was analyzed for the upper ∼30 cm (Figure 3). Nitrate concentrations in the first 0.5 cm of the sediment ranged from 7 to 31 μ mol [image: yes] l−1  and dropped sharply to < 3 μ mol [image: yes] l−1 below. Similar to nitrate, nitrite generally declined within the upper centimeters from ~ 0.5 μ mol [image: yes] l−1 at the surface to 0.2 μ mol [image: yes] l−1 below 2 cm. Significant subsurface maxima of nitrate (19 μ mol [image: yes] l−1 at 17.5 cm, station 04) and nitrite (up to 0.9 μ mol [image: yes] l−1, stations 10 and 04) were sometimes found at the shallower stations. Concentrations of dissolved Fe2+ increased from 0.2 μmol l−1 at the surface to maximum concentrations ranging from 55 to 133 μmol l−1 at 5–9 cm depth and decreased within the layers below (Figure 3). Sulfide was detected only at the shallowest station 10 below 23 cm sediment depth where it increased with depth to a maximum of ∼400 μmol HS− l−1 at the lowermost sampled layer (31 cm, Figure 3).


[image: image]

Figure 3. Pore water profiles for nitrate, nitrite, iron, and sulfide for the investigated stations. The gray zone indicates the layers sampled for slurry incubations and DNA extraction, while the zone immediately above in the first panel represents the water column or bottom water. Samples for nitrate concentrations in the bottom water were retrieved from the bottom-most CTD sample. Sulfide was only measurable at and thus shown for station 10.



Organic carbon and nitrogen contents were measured in the sediment layers corresponding to the slurry incubations (Table 1). Within the OMZ, the organic carbon content (% of dry weight) in the surface sediment layer increased from 1.6% at 360 m to 2.4% at 970 m, but decreased again to 1.7% below the OMZ at 1430 m. Although organic carbon and nitrogen contents decreased within sediment depth at all stations, there was no clear trend for C:N ratios with sediment depth. However, the C:N ratios were slightly enhanced with station depth within the OMZ (C:N = 8–9 at 680 and 970 m), compared to the shallowest and deepest stations (C:N = 7–8).

Table 1. Organic carbon and nitrogen, C:N ratios, N-loss rates, and gene copy numbers of the investigated sediment layers.

[image: image]

BENTHIC N-LOSS RATES

Benthic N-loss activity was detected in both sediment slurries and intact sediment cores. In the intact core incubations, total benthic N-loss rates increased within the OMZ waters from 0.39 mmol N m−2 day−1 at 360 m to a maximum of 0.52 mmol N m−2 day−1 at 680 m (Figure 5A). At the lower boundary of the OMZ, rates decreased to 0.22 mmol N m−2 day−1 (970 m) and were the lowest at 1430 m (0.18 mmol N m−2 day−1). The relative contribution of denitrification and anammox to the total N-loss was estimated from slurry incubations. Denitrification rates in intact sediment cores ranged between 0.11 and 0.46 mmol N m−2 day−1, while anammox rates increased from 0.03 mmol N m−2 day−1 at the shallowest station to 0.07 mmol N m−2 day−1 at the deepest station (Figure 5A).

There were strong indications of the release of intracellular [image: yes] during the slurry incubations. The release of stored [image: yes] was most apparent in the [image: yes] measurements in the HgCl2-fixed subsamples from the initial time point (T0). [image: yes]
-concentrations at T0 were significantly above the total sum of [image: yes] in the bottom water, pore water, and 15N-amendment combined, thus indicating an excess of [image: yes] in the slurry. Unfortunately, the true labeling percentage ([image: yes]) during the slurry incubation could not be determined from these subsamples, since any residual intracellular nitrate would have been released after poisoning with HgCl2. For this reason, [image: yes] was calculated from Eq. 3 (see Materials and Methods) and subsequently the excess concentrations of [image: yes] were calculated according to Eq. 4. Excess nitrate was calculated for all depths with denitrification rates (Table 1) and generally decreased with sediment depth. Excess nitrate ranged between 222 nmol N (cm3 sediment)−1 in the surface at station 16 and 3.1 nmol N (cm3 sediment)−1 in 4–6 cm at station 04.

In slurry incubations, both denitrification and anammox rates generally decreased with increasing sediment depth (Figures 4A,B). Due to insignificant 29N2 and 30N2 production, denitrification rates could not be obtained for 6–8 cm at all stations and 4–6 cm at stations 16 and 08. Denitrification rates at the sediment surface (0–2 cm layer) decreased with increasing water depth, from 136 nmol N cm−3 day−1 at 360 m to 73 nmol N cm−3 day−1 at 1430 m (Figure 4A). Anammox rates in surface sediments were lower than denitrification rates. However, in contrast to denitrification rates, anammox rates increased with water depth from 10 nmol N cm−3 day−1 at 360 m to 45 nmol N cm−3 day−1 at 1430 m (Figure 4B). Anammox and denitrification rates from slurry incubations were integrated down to the nitrate penetration depth of 2 cm (Figure 5B), which represents a rather conservative estimate, given that nitrate was found deeper in the sediment at some stations. Integrated denitrification rates decreased from 2.7 (±0.07) mmol m−2 day−1 at 360 m to 1.5 (±0.17) mmol m−2 day−1 at 1430 m. Anammox rates on the other hand increased with water depth from 0.21 (±0.03) mmol m−2 day−1 at 360 m to 0.89 (±0.04) mmol m−2 day−1 at the deepest station. As a result, the relative contribution of anammox to total N-loss increased with water depth from 7% at the shallowest station to 38% at the deepest station (Figure 5C).


[image: image]

Figure 4. Denitrification (A) and anammox (B) rates determined from slurry incubation experiments, along with the corresponding gene copy numbers of denitrifier nirS (A) and anammox nirS (B) quantified by real-time qPCR in the sediments. The asterisks mark the incubations that showed insignificant 15N–N2 production. Abbreviations: “n.d.” refers to non-detectable anammox nirS gene copy numbers.
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Figure 5. (A) Anammox and denitrification rates measured in intact core incubation experiments, using the rIPT method described by Risgaard-Petersen et al. (2003). (B) Areal depth-integrated rates of anammox and denitrification measured in slurry incubations for the uppermost 2 cm of the sediment. (C) Contribution of anammox to the total benthic N-loss of the slurry incubations and the ratio of anammox nirS gene copy numbers to total nirS gene copy numbers in the surface layer (0–2 cm) of the sediment.



DETECTION OF nirS GENES FROM DENITRIFIERS AND ANAMMOX BACTERIA

The presence of microorganisms mediating the denitrification and anammox processes was verified by the detection of their respective biomarker functional genes nirS. Altogether, 225 denitrifier nirS sequences were obtained, and they formed 114 OTUs that could be grouped into seven clusters (Figure 6; Table A1 in Appendix). The nirS sequences from the Pakistan continental margin are diverse, and show clustering pattern that seems to be depth-related: certain clusters are dominated by sequences from the two shallow stations (10 and 04), while others are dominated by sequences from the two deeper stations (16 and 08). The majority of the sequences derived from stations 10 and 04 are found in clusters D2 (33 sequences) and D3 (49 sequences), to which the contributions from the deep stations (08 and 16) are considerably lower (only 13 sequences for D2 and 6 for D3). Meanwhile, clusters D1, D4, D5, and D6 seemed to be dominated by sequences from the deeper stations (08 and 16), with 41, 29, 6, and 9 sequences, respectively. Although the cd3aF–R3cd primer pair amplified predominantly denitrifier nirS genes, two sequences (OTU 04nir375) obtained from station 04 (680 m) were found to be more closely affiliated with the freshwater anammox bacterium Candidatus “Kuenenia stuttgartiensis” in cluster D7, with a similarity of 73% based on amino acid sequence. It should be noted that cluster D7 also includes cultured species like Halomonas campisalis and Methylomirabilis oxyfera, which share up to 59 and 69% amino acid sequence similarity, respectively, to the Arabian Sea D7 sequences obtained in this study.
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Figure 6. Phylogenetic reconstruction of the denitrifier NirS based on amino acids sequences translated from gene sequences. Sequences were retrieved from clone libraries constructed for sediments of all stations based on maximum likelihood and maximum parsimony algorithms. Bootstrapped values of >50% are shown for maximum likelihood/maximum parsimony. Indicated in black are the related reference sequences obtained from GenBank. Labeling of sequences: station = 04, 08, 10, or 16, “nir” = amplicons from primers cd3aF/R3cd, or “sc” = amplicons from primers Scnir372F/Scnir845R, followed by unique sequence number. Numbers in parentheses are the numbers of sequences represented by the same OTU with ≥95% nucleic acids sequence similarity. OTUs from the shallow stations are in orange red, while OTUs from deep stations are in purple. D1–D7 indicate the different clusters identified in this study, while the ratio below gives the ratio of sequences from shallow stations (10 and 04) to the deeper stations (08 and 16).



A total of 109 OTUs from 241 anammox nirS sequences were retrieved from the Pakistani margin sediments (Figure 7), and they formed three clusters that might also carry some water-depth-related pattern, though not as obvious as for the denitrifier nirS sequences. Cluster S1 and S3, closely related to OTUs from the Arabian Sea water column, were dominated by sequences from deep stations (16 and 08) with 33 sequences compared to 17 and 22 sequences from the shallow stations (10 and 04). In contrast, cluster S2 affiliated with OTUs from the Peruvian water column seemed to have similar contributions from both shallow and deep stations.
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Figure 7. Phylogenetic reconstruction of the anammox (Scalindua) NirS based on amino acids sequences. In blue are the OTUs from the deep stations (08 and 16), while the green sequences were obtained from the shallow stations (10 and 04). Please refer to Figure 6 for additional information regarding the sequence labels in tree.



QUANTIFICATION OF DENITRIFIER- AND ANAMMOX-nirS GENES

Consistent with benthic N-loss rate measurements, the anammox nirS genes were generally less abundant than denitrifier nirS genes (Figures 4A,B). Both nirS gene copy numbers showed a decreasing trend with sediment depth. Amongst all stations, the highest denitrifier nirS gene abundance of 7245 ± 813 gene copies (mg dry sediment)−1 was detected in the surface sediment layer at station 16 (970 m), whereas the lowest denitrifier nirS abundance of 439 (±90) gene copies (mg dry sediment)−1 was detected in the uppermost 2 cm at the deepest station 08.

The abundance of anammox nirS genes was usually an order of magnitude lower than that of the denitrifier nirS (Figure 4B), and was often found to be close to the detection limit. Similar to the denitrifier nirS genes, the highest numbers of anammox nirS genes were also detected at station 16, ranging from 1728 ± 198 gene copies (mg dry sediment)−1 in the surface to undetectable at 6–8 cm. Although the highest rates of anammox were measured in the slurry incubation experiment at station 08, only low gene copy numbers of anammox nirS, in the range of 93 ± 44 to 203 ± 44 gene copies (mg dry sediment)−1, were detected.

The relative contribution of the anammox nirS to the total nirS gene copy numbers in the uppermost 2 cm increased with water depth from 1% at 360 m to 19% at station 16 (Figure 5C). These results are consistent with depth-integrated rates, which show an increase of anammox contribution to total N-loss with increasing water depth.

DISCUSSION

BENTHIC N-LOSS DUE TO DENITRIFICATION

Consistent with previous benthic N-loss studies from other continental slopes, e.g., the North Atlantic (Trimmer and Nicholls, 2009), denitrification along the Pakistan margin was shown to be the primary N2 production process, as measured in slurry incubation experiments and further corroborated by the abundance of the biomarker functional gene nirS. Measurements of benthic N-loss rates in the Arabian Sea are rare and so far estimates from direct sediment incubations using 15N labeled substrates have not been reported. Schwartz et al. (2009) estimated benthic denitrification rates across the Pakistan continental margin to be 0.40–3.78 mmol N m−2 day−1. However, these estimates were based on nitrate uptake measurements that would have included the nitrate uptake by nitrate-storing organisms (e.g., sulfur bacteria, foraminifera) as well as the dissimilatory nitrate reduction to ammonium (DNRA). In contrast, N2 production rates (determined as the N2/Ar ratio) from the same study were lower (0.05–0.13 mmol N m−2 day−1) than the total N-loss rates we measured with the intact core incubation experiments (0.18–0.52 mmol N m−2 day−1).

Denitrification rates have been determined for the continental shelf sediments off central Chile, where seasonal hypoxia develops each year (Farías et al., 2004). The measured benthic denitrification rates of 0.6–2.9 mmol N m−2 day−1 are similar in magnitude to those estimated for the sediments underlying the Peruvian OMZ (0.2–2 mmol N m−2 day−1) based on modeled pore water fluxes (Bohlen et al., 2011). In comparison, the denitrification rates measured in our intact core incubations for the Pakistan margin (0.11–0.46 mmol N m−2 day−1) were at the lower end of those estimates for the Chilean and Peruvian sediments, while the integrated rates based on slurry incubations (1.46–2.73 mmol N m−2 day−1) lay within the upper range. The actual in situ N-loss rates on the Pakistan margin are likely somewhere between these two sets of obtained rates – as the amended substrates in the slurry incubations could have stimulated additional N-loss activity, while intact cores might have underestimated N-loss activity due to insufficient diffusion of the 15N-labeled substrates into deeper sediment layers. Moreover, intact core incubations could not account for any potential denitrification by nitrate-storing organisms (e.g., foraminifera) as would be discussed below. Therefore, rates derived from slurry incubations may be closer to reality than those from intact core incubations.

Several lines of observations collectively indicate the likely presence of nitrate-storing organisms in the sediments of the Pakistani margin. Firstly, high production of 29N2 relative to 30N2 was measured in the [image: yes] incubations, which did not agree with the calculated labeling percentage and the measured anammox rates. Secondly, nitrate concentrations in the T0 subsamples of the slurry incubations exceeded the sum of bottom water, pore water and 15N-nitrate. Thirdly, subsurface maxima of pore water nitrate/nitrite, similar to those previously observed at the Pakistani margin (Woulds et al., 2009), were found during this study. These various findings combined suggest that intracellular [image: yes] had been released during the pore water squeezing and during the mixing of sediment slurries.

Nitrate-storing sulfur bacteria, such as Thioploca spp. and Beggiotoa spp., have been associated with high pore water nitrate concentrations (Fossing et al., 1995). However, despite the lack of detailed microscopic or molecular analyses to confirm their absence, these mat-forming sulfur bacteria were not visible to naked eyes in the collected samples. Besides, sulfide was only detectable at the shallowest station (station 10) and only below 23 cm, while there were high concentrations of Fe2+ at all other stations that indicated the absence of free sulfide. Given such low availability (or lack) of electron donor for their energy production, it was thus unlikely for these sulfur bacteria to thrive in the sediments examined. On the other hand, nitrate storage of up to 80% of the total benthic nitrate pool has been described for foraminifera in sediments (Risgaard-Petersen et al., 2006; Glud et al., 2009), including the Peruvian OMZ (Piña-Ochoa et al., 2010). Indeed, living foraminifera had been found particularly in the first cm of sediments underlying the OMZ at the Pakistan margin (Schumacher et al., 2007), which agrees well with the enhanced excess nitrate concentrations calculated for the uppermost sediment layer in our samples. The mean excess nitrate concentration in our study was ∼135 nmol (cm3 sediment)−1, equivalent to twice as much as that reported in the anoxic zone of Gullmar Fjord, Sweden [∼60 nmol (cm3 sediment)−1; Risgaard-Petersen et al., 2006].

Denitrification from the stored [image: yes] by foraminifera would lead to false denitrification estimates if the intracellular labeling percentage ([image: yes]) was not known. However, the increased [image: yes] concentrations in the slurry subsamples at T0 suggest that the stored [image: yes] was released into the pore water when the slurry was mixed at the start of the experiment. Thus, a subsequent uptake of [image: yes] from the pore water would lead to an intracellular [image: yes] that is close to the pore water [image: yes]. Furthermore, the linear increase of 29N2 and 30N2 with time indicates that either intracellular [image: yes] did not change over time or that the N2 production by foraminifera was minor, as was also observed in other regions (Glud et al., 2009). Nonetheless, nitrate-storing foraminifera would potentially lead to an underestimation of N-loss by intact core incubations, since the unlabeled intracellular nitrate was not accounted for. In order to fully explain the source of excess nitrate observed, additional sample collection and analyses, including some shipboard microscopic examination of live cells, would be necessary to especially target the nitrate-storing sulfur bacteria and foraminifera at the point of sampling. These were unfortunately unavailable in our current study and should be further investigated.

The dominance of denitrification in benthic N-loss in the Pakistan margin sediments is strongly supported by the high abundance of denitrifier nirS genes. Moreover, the gene copy numbers generally followed similar decreasing trends as the rates measured in slurry incubation within the sediments (Figure 4). Exceptions were noted particularly in the topmost layer(s) at the deepest station (station 8), and these could potentially be due to nucleic acid extraction efficiency or biases, and/or the presence of PCR inhibitors. In addition, the primers used only target nirS, while any occurrence of the nirK genes would not have been accounted for. Although there are also primers designed for nirK, those currently available may also target those of nitrifiers. Consequently, quantification of nirK in addition to that of nirS would likely overestimate denitrifier abundance instead. Future refinement of primer designs, or the assessment of multiple biomarker genes in parallel, may help shed light on the true quantitative distribution of denitrifiers in the environment. Compared to previous studies in various sediments, most of which also focused on denitrifier nirS and found gene copy numbers ranging from ca. 0.6 × 103 copies (mg sediment)−1 at the mouth of the Colne estuary (Smith et al., 2007) to 27.2 × 103 copies (mg sediment)−1 at the mouth of the Rhône River (Michotey et al., 2000), denitrifier nirS abundance at the Pakistan margin [0.2–6.9 × 103 copies (mg sediment)−1] lay within the same range.

In agreement with studies addressing nirS genes in the water column of the Arabian Sea (Jayakumar et al., 2004; Bulow et al., 2008), the denitrifier nirS community seems to be very diverse (Chao1 richness estimate = 327). However, diversity seems to vary amongst the stations (Chao1 richness estimates of 48–239 were calculated), though the rarefaction analyses indicate that the sequences obtained from the two deeper stations may not be sufficient to represent the full denitrifier diversity therein (Figures A1A,B in Appendix). Phylogenetic analyses revealed some apparent differences in the shallow versus deep denitrifying communities, with certain clusters dominated by sequences from shallow stations, while others by sequences from the deeper stations (Figure 5). As suggested in other studies (Liu et al., 2003; Dang et al., 2009), such a clustering pattern could result from the adaptation of specific denitrifying communities to different environmental conditions that vary with water depth, such as oxygen, carbon, and nitrate availabilities.

It is particularly interesting to find an OTU amplified with the primers targeting denitrifier nirS genes, to be related to the Ca. “K. stuttgartiensis” (73% similarity, Figure 6). Ca. “K. stuttgartiensis” is an anammox bacterium known to occur in freshwater (Jetten et al., 2003), though capable of adapting to higher salinity (Kartal et al., 2006), it has never been found in marine environments thus far. In the same cluster (D7), between the Scalindua cluster and a cluster (D6) affiliated with a sequence from the Arabian Sea water column (Jayakumar et al., 2004), sequences from the deep stations are most closely affiliated with the halophilic bacteria H. campisalis (Mormile et al., 1999) and M. oxyfera, a freshwater methanotroph that denitrifies via an alternative pathway (Ettwig et al., 2010). The interesting NirS phylogeny of the cluster D7 may indicate that these organisms were no ordinary denitrifiers, yet their exact metabolic pathways remain to be determined. Recent studies from a hydrothermal vent system (Byrne et al., 2009) and an estuary (Dang et al., 2010) report the presence of anammox bacteria, other than Candidatus “Scalindua.” These results together with the finding of the OTU related to Ca. “K. stuttgartiensis” in this study may hint toward a different type of anammox bacteria, although the abundance seems to be very low. Further studies need to be conducted to verify the occurrence of anammox bacteria, other than Candidatus “Scalindua” in the marine environment.

BENTHIC N-LOSS VIA ANAMMOX

This study provides the first direct measurement of anammox activity in the sediments of the Arabian Sea, or any OMZs. The very recent study by Bohlen et al. (2011) in the Peruvian OMZ estimated benthic anammox rates based on modeled pore water fluxes of up to 0.43 mmol N m−1 day−1 for an anoxic station at 376 m, with lower rates at deeper as well as shallower stations. In general, anammox rates according to intact core incubations at the Pakistan continental margin are much lower (0.003–0.007 mmol N m−1 day−1) than the estimates from the Peruvian OMZ. The integrated anammox rates based on slurry incubations, on the other hand, are comparable (0.21 mmol N m−1 day−1) on the Pakistan margin at a similar water depth (360 m) and reached as high as 0.89 mmol N m−1 day−1 at the deepest sampled station (1430 m). In congruence with the rate measurements, anammox Scalindua-like nirS genes could be detected at all stations and are in lower abundance than the denitrifier nirS genes. The anammox nirS gene abundance [undetectable to 1.7 × 103 copies (mg sediment)−1] detected at the Pakistan margin were an order of magnitude lower than those detected in deep sea sediments of South China Sea [up to 44.1(±3.3) × 103 copies (mg sediment)−1; Li et al., 2011] in which the same primers were used as in the current study.

Because the nirS gene is present as a single copy in anammox bacteria, according to the sequenced genomes of both the freshwater Ca. “K. stuttgartiensis” (Strous et al., 2006) and marine Candidatus “Scalindua profunda” (van de Vossenberg et al., 2008), potential cell specific activity may be calculated from the anammox rates measured in slurry incubations and the anammox nirS gene copies quantified. Taking station 16 that lay within the OMZ as an example, cell specific anammox rates were calculated to be 10–24 fmol N cell−1day−1, which was highly similar to those estimated for the Arabian Sea OMZ waters (1.6–25 fmol N day−1 cell−1) over the Omani Shelf (Jensen et al., 2011). However, likely lower DNA extraction efficiency in sediments has probably led to underestimated anammox nirS gene copy numbers particularly for the deepest station, which in turn would result in overestimated cell specific rates, and so are not presented here. In addition, a recent study reported the occurrence of nirK instead of nirS gene in a freshwater anammox bacterium from a bioreactor (Hira et al., 2012). Although nirK-containing anammox bacteria have not been found in the marine environment to date, such possibility cannot be eliminated and the quantification of nirS genes alone might have underestimated the anammox bacterial abundance. In future studies, the recently discovered gene hzsA, encoding hydrazine synthase (Harhangi et al., 2012), might be a reasonable alternative or additional biomarker gene for the quantification of anammox bacteria, since it is also present as a single copy in the genomes analyzed until now.

According to the phylogenetic reconstruction of Scalindua NirS (Figure 6), three different clusters could be identified and the diversity of the community (Chao1 richness estimate = 275), though lower than the diversity of the denitrifier NirS (Figures A1A,C in Appendix), seems to be higher compared to those found in the water column OMZ of the Arabian Sea (Chao1 richness estimate = 8; Jensen et al., 2011) and Peru (Chao1 richness estimate = 43; Lam et al., 2009). The higher diversity could have been caused by more distinct segregation of the organisms in the sediments compared to the water column. Similar to the denitrifier NirS tree, sequences from the deep stations appeared to predominate in two clusters, presumably due to their different adaptations to environmental conditions as mentioned earlier for the denitrifiers.

ANAMMOX CONTRIBUTION INCREASED WITH WATER DEPTH

In agreement with other studies (Engström et al., 2009; Trimmer and Nicholls, 2009; Bohlen et al., 2011), we found an increasing contribution of anammox to the total benthic N-loss with increasing water depth. At a water depth of 1430 m, the contribution of anammox was the highest (38%) and similar to the mean anammox contribution of 37% measured by Glud et al. (2009) at comparable water depths (1450 m) in a basin with low oxygen concentrations (∼60 μmol O2 l−2) off Japan (Sagami Bay). Even at the Washington margin with water depths >2700 m, the contribution of anammox to total N-loss was found to be 40% on average (Engström et al., 2009). These studies, all based on 15N incubation experiments, suggest a consistent contribution of ∼40% of anammox to the benthic N-loss at sites with water depths >1400 m in different regions across global oceans. Earlier studies, as summarized by Trimmer and Engström (2011), observed a decrease in both denitrification and anammox rates with increasing water depth, such that the overall increase in anammox contribution to total N-loss with water depth was attributed to less decrease in anammox activity relative to denitrification. In contrast, this study shows an increase of potential anammox activity in the slurry incubation experiments from 0.21 to 0.89 mmol N m−2 day−1 with station depth, while denitrification rates decreased from 2.7 to 1.5 mmol N m−2 day−1. This trend was further corroborated by the relative increase in anammox nirS gene copy abundance with the water depth (Figure 7).

Although anammox rates and cell abundance increase with water depth, it is unlikely that water depth or rather pressure itself is a direct regulating factor for the anammox contribution, since bacterial communities and denitrifiers in particular are able to cope with high pressure very well (Tamegai et al., 1997). More likely than pressure are factors that correlate with depth, such as temperature, organic carbon content, and nitrate concentration. Trimmer and Nicholls (2009) attributed the increase of anammox contribution to total N-loss, amongst other factors, to the bottom water temperature. Experiments with different incubation temperatures suggested, that anammox might be more compatible with lower temperatures (Dalsgaard and Thamdrup, 2002). This could also be the case here as the measured bottom water temperature at the Pakistan margin decreased with the water depth from 15.7°C at the shallowest station to 6.1°C at the deep station. On the other hand, it is generally believed that temperature and metabolic rates correlate (Gillooly et al., 2001, 2002; Savage et al., 2004) such that temperature is unlikely the responsible factor for the increase in anammox rates with depth at the Pakistan margin.

Organic carbon concentrations usually decrease with water depth and therefore it is hypothesized in some studies (Nicholls and Trimmer, 2009) that a decrease in benthic carbon content favors the chemolithoautotrophic anammox process. In the meantime, denitrifiers seem to proliferate particularly in reactive sediments where the lability as well as content of organic matter are higher (Engström et al., 2005), due to their possibly stronger competition for nitrite as electron acceptor when the electron donors (i.e., organic matter) are abundant. However, at the Pakistan margin, benthic organic carbon content of surface sediments did not show a decreasing trend with water depth, but increased within the core OMZ. It has been suggested that downslope redistribution of shelf sediments and increased preservation of organic carbon under anoxic conditions have caused the high organic carbon content in the core OMZ (Schott et al., 1970). Indeed, the highest organic carbon content was found along with the highest C:N ratio at the bottom of the OMZ (station 16), which hints toward the assumption that the organic matter is more refractory. Unlike the dependence of heterotrophic denitrifiers on the availability of labile organic carbon, anammox bacteria can fix their own organic carbon and therefore likely have an advantage at the deeper stations, where the supply of organic carbon from the surface is lower due to probably reduced primary production with distance to the coast and/or greater extent remineralization in the water column reaching those depths.

Anammox activity depends on sufficient supplies of [image: yes] (Dalsgaard and Thamdrup, 2002), which acts as the electron acceptor for the anammox reaction. The highest anammox rates were measured at the deepest station, where nitrate concentration was almost twice as high (∼39 μmol l−1) as at the shallow station in the upper OMZ (∼22 μmol l−1). Moreover, oxygen was present which could have stimulated nitrification and thus could enhance the availability of [image: yes] in the sediments. The high nitrate concentrations and to a lesser extent the more refractory organic carbon at the deeper stations could have led to incomplete denitrification (i.e., nitrate reduction to nitrite) and an overall increased availability of [image: yes] for anammox (Dalsgaard et al., 2005). This would be particularly important for deeper sediment layers, where [image: yes] availability is usually low. This postulation would be in good agreement with the high rates measured in deeper layers at station 08 (Figure 4B), the deepest station with the highest nitrate concentration and oxic overlying bottom water.

CONTRIBUTION OF BENTHIC N-LOSS TO THE N-DEFICIT IN THE ARABIAN SEA

In general, the water column of the central Arabian Sea is believed to be an important sink for fixed nitrogen in global oceans as indicated by a prominent N-deficit (Naqvi, 1994; Naqvi et al., 2006; Ward et al., 2009). Recent studies on the water column N-loss in the Arabian Sea OMZ could not agree on the dominant pathway, denitrification or anammox, responsible for the N-loss therein, and much variability has been found in the measured rates (Ward et al., 2009; Jensen et al., 2011; Lam et al., 2011). Ward et al. (2009) measured pelagic denitrification of up 25.4 nmol N2 l−1 day−1 in the central Arabian Sea. In contrast, pelagic N-loss rates measured during the cruise for this study at the same stations on the Pakistan margin (data not shown here) as well as in the central Arabian Sea (Jensen et al., 2011) immediately before this study were very low (0–0.04 nmol N l−1 day−1). These direct rate measurements together may suggest that the Arabian Sea harbors distinct regions of seasonally high N-loss (Lam et al., 2011), rather than being an area of uniformly and persistently high N-loss activity throughout the year. While the water column seems to be subject to seasonal variations in N-loss due to the supply of substrates from the surface and removal by sinking particles, benthic N-loss is likely less seasonally dependant, since organic carbon concentrations integrate over a longer period of time. Hence, consistently high benthic N-loss may have contributed significantly to the N-deficit signals in the water column where the OMZ water impinges on the Pakistani margin.

Naqvi et al. (2006) calculated that an area of 1.15 m × 1012 m of seafloor in the Arabian Sea is affected by oxygen concentrations of <22 μmol O2 l−1. Since we measured N-loss at four stations across the OMZ with bottom water O2 concentrations of 0–23 μmol l−1, an extrapolation of average fluxes to the area estimated by Naqvi et al. appears reasonable. The mean rates measured in the slurry incubations in this study would result in an annual N removal as high as 14.7 Tg N year−1 (range between 12.3 and 17.0 Tg N year−1). Similar rates via denitrification of 1.1–10.5 Tg N year−1 were estimated for the continental shelves of the Arabian Sea by Schwartz et al. (2009). Based on primary production rates, Bange et al. (2000) estimated the N-loss from shelf sediments (0–200 m) to be 6.8 Tg N year−1 and as much as 33 Tg N year−1 were attributed to pelagic denitrification. Accordingly, shelf sediments would account for only 17% to the total N-loss in the Arabian Sea. Nonetheless, these estimates did not include sediments at water depths deeper than 200 m, which also contribute to the N-loss in the Arabian Sea. Therefore, sediments likely contribute more to the total N-loss in the Arabian Sea than previously assumed.

Furthermore, N-loss rates measured in the central Arabian Sea of 0.3–0.6 mmol N m−2 day−1 (Jensen et al., 2011) are comparable to benthic N-loss rates measured in this study. An extrapolation of these rates to the area of the Arabian Sea to the north of 6°N (4.93 × 1012 m2; Bange et al., 2000) would result in an annual pelagic N-loss of 7.6–15 Tg N year−1, which is similar to a recently published estimate for pelagic N-loss in the Arabian Sea of 12–16 Tg N year−1 (DeVries et al., 2012). Compared to the mean benthic N-loss calculated from our data (14.7 Tg N year−1) with only the shelf sediments included, water column and the sediments might contribute more or less equally to the N-loss in the Arabian Sea.

CONCLUSION

Benthic N-loss due to anammox increased with water depth on the Pakistan margin and the contribution of anammox to total N-loss seemed to co-vary with temperature and nitrate concentrations in the bottom water. Compared to shallow sediments, anammox bacteria seem to be more successful in deeper sediments, as anammox accounted for almost 40% to the total benthic N-loss at 1430 m water depth. The shift from a denitrifier-dominated heterotrophic system in shallow sediments, to a system in which the autotrophic anammox process plays a more important role in sediments at deeper water depths, could also be coupled to the availability of labile organic carbon. Owing to their chemolithoautotrophic lifestyle, anammox bacteria could have a competitive advantage over denitrifiers in deeper sediments due to their lesser dependence on the often seasonally fluctuating primary production in surface waters for sources of electron donor and carbon. Extrapolation from our data suggests that benthic N-loss could account for up to half of the total N-loss in the Arabian Sea as a whole, and may thus have contributed to the N-deficits in the water column, though further investigations during different seasons are necessary to fully evaluate the role of sediments in the annual marine N-loss. Since human populations and anthropogenic atmospheric N deposition (Duce et al., 2008) have been increasing in the Arabian Sea, primary production therein would likely be enhanced further in the near future, possibly resulting in higher oxygen consumption and thus an expansion of the OMZ. What additional positive and negative feedbacks may ensue, and how the overall nitrogen as well as the intimately linked carbon cycles might respond in this key region of global biogeochemical cycling, cannot be fully evaluated without taking the interacting benthic and pelagic fluxes into due consideration.
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APPENDIX

Table A1. Range of similarities (%) between the different clusters identified in the NirS phylogenetic trees, based on amino acid sequences.
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Figure A1. Rarefaction curves for denitrifier and anammox (Scalindua) nirS sequences based on 95% and 90% nucleotide sequences cut offs. (A) Shows rarefaction curves over all sampled stations, (B) shows the denitrifier nirS rarefaction curves separately for each sampled station, and (C) the corresponding curves for anammox (Scalindua) nirS.
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We measured potential nitrate removal and denitrification rates in hydrothermally altered sediments inhabited by Beggiatoa mats and adjacent brown oil stained sediments from the Guaymas Basin, Gulf of California. Sediments with Beggiatoa maintained slightly higher rates of potential denitrification than did brown sediments at 31.2 ± 12.1 versus 21.9 ± 1.4 µM N day−1, respectively. In contrast, the nitrate removal rates in brown sediments were higher than those observed in mat-hosting sediments at 418 ± 145 versus 174 ± 74 µM N day−1, respectively. Additional experiments were conducted to assess the responses of denitrifying communities to environmental factors [i.e., nitrate, sulfide, and dissolved organic carbon (DOC) concentration)]. The denitrifying community had a high affinity for nitrate (Km = 137 ± 91 µM [image: yes]), in comparison to other environmental communities of denitrifiers, and was capable of high maximum rates of denitrification (Vmax = 1164 ± 153 µM N day−1). The presence of sulfide resulted in significantly lower denitrification rates. Microorganisms with the potential to perform denitrification were assessed in these sediments using the bacterial 16S rRNA gene and nitrous oxide reductase (nosZ) functional gene libraries. The bacterial 16S rRNA gene clone library was dominated by Epsilonproteobacteria (38%), some of which (e.g., Sulfurimonas sp.) have a potential for sulfide-dependent denitrification. The nosZ clone library did not contain clones similar to pure culture denitrifiers; these clones were most closely associated with environmental clones.

Keywords: denitrification, nitrogen cycle, Beggiatoa

INTRODUCTION

In anoxic environments, nitrate serves as an energy-rich electron acceptor for microbial terminal metabolism and its complete reduction generates either dinitrogen or ammonium. In the hydrothermally altered surficial sediments of Guaymas Basin, nitrate is abundant (highest 40 µM; McHatton et al., 1996 and references therein) and nitrate-concentrating Beggiatoa mats cover vast areas of sediment surface. Mat-hosting sediments are sites of rigorous coupled nitrogen–carbon–sulfur cycling (Teske and Nelson, 2006 and references therein). Dissimilatory processes, such as sulfate reduction and anaerobic methane oxidation, have been studied frequently in Guaymas Basin sediments, including mat-hosting sites (Elsgard et al., 1994; Weber and Jø, 2002; Kallmeyer and Boetius, 2004; Holler et al., 2011; Biddle et al., 2012). However, nitrate dynamics and dissimilatory pathways of nitrate reduction, such as denitrification, have not been explored.

Environmental conditions are postulated to control the dominant dissimilatory nitrate reduction pathways expressed in sediments and therefore which product(s) accumulate (Brunet and Garcia-Gil, 1996; Burgin and Hamilton, 2007; Porubsky et al., 2009). In Guaymas Basin, abundant stocks of thermally-derived organic carbon and reduced substrates, including sulfide, can influence nitrate reduction pathways. Complex organic carbon can support heterotrophic dissimilatory denitrification (DNF) and fermentative dissimilatory nitrate reduction to ammonium (DNRA; Burgin and Hamilton, 2007; Widdel and Rabus, 2001). Sulfide can have a stimulatory or inhibitory effect on nitrate reduction – depending on the pathway employed – and hence may affect the products of nitrate reduction (Joye, 2002). Sulfide can also fuel the activity of some autotrophic denitrifiers (e.g., Sulfurimonas denitrificans) and some nitrate reducers capable of DNRA use sulfide as an electron donor. Sulfide inhibition can reduce denitrification rates and stimulate nitrous oxide production because nitrous oxide reductase, the enzyme catalyzing the reduction of nitrous oxide to dinitrogen, is sensitive to sulfide (Brunet and Garcia-Gil, 1996; Joye, 2002; Porubsky et al., 2009). The absence of the nitrous oxide reductase gene could also result in N2O production in the environment. The abundance of reduced carbon substrates and sulfide are not considered conducive for anaerobic ammonium oxidation (ANAMMOX; Burgin and Hamilton, 2007), so this pathway was not examined in this study.

Microorganisms capable of complete or incomplete DNF exist across the microbial tree of life. Previous studies of the molecular ecology of Guaymas Basin sediments focused on general prokaryotic, sulfate reducing, or methane cycling populations (Teske et al., 2002; Dhillon et al., 2003; Dhillon et al., 2005; Biddle et al., 2012). In Guaymas bacterial clone libraries, potential nitrogen cycling members of Gammaproteobacteria related to bacterial mat species (e.g., Beggiatoa) and of Epsilonproteobacteria (Teske et al., 2002; Dhillon et al., 2003) were observed. These groups of nitrate-utilizing bacteria can use sulfide as an electron donor, and are thought to produce dinitrogen as the end product of their metabolism (Sievert et al., 2003; Sweerts et al., 1990). However, some members of Gammaproteobacteria reduce nitrate to ammonium (Høgslund et al., 2009; Otte et al., 1999). The functional gene responsible for the final step of DNF (nosZ) reflects the dinitrogen producers present.

Working under the assumption that DNF and nitrate removal were active in Guaymas Basin sediments, we tested the impact of varying nitrate, sulfide, and dissolved organic carbon concentrations on [image: yes] cycling processes, and describe the diversity of the nosZ functional genes in Guaymas sediments. First, we describe and compare potential nitrate removal and DNF rates in Beggiatoa mat hosting sediments versus adjacent brown sediments lacking Beggiatoa mat biomass. Then, from similar Beggiatoa mat hosting sediments, we report how denitrifying bacteria responded to changes in nitrate, sulfide, and dissolved organic carbon (DOC) concentration. Finally, we describe the microbial communities performing nitrous oxide reduction using specific functional genes for this step (nosZ), complemented by bacterial 16S rRNA gene surveys.

MATERIALS AND METHODS

SAMPLE COLLECTION AND TREATMENT

Sediments were collected from Guaymas Basin, Gulf of California, by the manned submersible DSV Alvin during research cruises in 2008 and 2009. From the 2008 expedition, cores were collected from a dense Beggiatoa mat and surrounding sediments, within the area named “Megamat” (DSV Alvin-Dives 4490 and 4492; 27°0.459N, 111°24.526W; December 14 and 16, 2008). During the 2009 expedition, several sediment cores within a dense Beggiatoa mat were collected (DSV Alvin- Dive 4572; December 3, 2009). All sediments were collected at approximately 2000 meters below sea level with upper sediment horizons near 4°C, but typically temperatures increased to >80°C by 20 cm below the sediment water interface. Sediment cores were stored at 4°C until use in laboratory experiments (within 2 weeks).

For sediments sampled in 2008, experiments were conducted on cores either hosting Beggiatoa mat (hereafter, mat) at the surface or brown sediment lacking visible mat (hereafter, brown). The brown sediment was sulfidic within millimeters of the sediment surface and was oil-stained over its entire depth. Rates of potential DNF and nitrate removal were measured as described by Bowles and Joye (2011). Briefly, sediment was collected from the 0–6 cm horizon and mixed with an Ar purged artificial porewater mixture [APW (mM): NaCl, 491, MgCl2*6H2O, 24, CaCl2*2H2O, 1.6, KH2PO4, 0.03, KCl, 11, NaHCO3, 5] in a 2:1 ratio. The APW and sediment mixture was then centrifuged. The supernatant APW was poured off, fresh APW was added to reconstitute the initial volume, then the sample was gently mixed. This process was repeated three times to obtain a known amount of dissolved constituents in the porewater prior to starting the rate experiments. Before dispensing the slurry into individual culture tubes, the slurry was bubbled with 0.09% Ar and a balance of He for 1 h. Individual culture tubes containing 15 mL of slurry were sealed with butyl rubber stoppers without a headspace (Orcutt et al., 2005). All samples were next injected with 100 µL of concentrated DOC with equimolar carbon from lactate and acetate to achieve a final concentration of 2 mM DOC. Then samples were injected with enriched nitrate (K15NO3, 99% Cambridge Isotope Laboratories®) to a final concentration of 100 µM. Samples were constantly shaken (75 rpm) and incubated at 40°C, a temperature representing the approximate average for the upper 6 cm. Prior to injection with [image: yes] and DOC, samples were pre-incubated at 40°C for 48 h to reacclimatize microorganisms to quasi in situ temperatures. Incubations were terminated (for triplicate sub-samples) at each time point (0, 5, 13, and 26 h) by centrifugation at 500 rpm for 15 minutes, after which porewater was sampled immediately for dissolved gases (i.e., dinitrogen as 29N2 and 30N2). Briefly, dinitrogen was sampled on a membrane inlet mass spectrometer (MIMS) with minimum detection limit <5 nM and precision of standard measurement of <0.5% (Kana et al., 1998). After gas sampling, the remaining porewater was filtered (0.2 µm), and samples for determination of dissolved components nitrate ([image: yes]), and nitrite ([image: yes]), were collected and subsequently measured. The preservation and analytical methods used for dissolved constituents were described previously (Bowles and Joye, 2011). Briefly, samples for dissolved constituents were refrigerated (4°C) until measurement on an Antek 7050 with chemiluminescence detection (NOx) and on a spectrophotometer ([image: yes]; Joye et al., 2004). The detection limit for NOx was approximately 150 nM and precision was <5%, while the [image: yes] detection limit was 50 nM and the precision was 2%.

NITRATE, SULFIDE, AND DOC EXPERIMENTS

To investigate the response of nitrogen cycle dynamics to environmental factors, we used cores collected from a site occupied by dense Beggiatoa mat. Prior to these experiments, the mat was gently removed from the sediment surface to reduce background nitrate levels because Guaymas Beggiatoa vacuoles often contain 50–100 mM [image: yes] (McKay et al., 2012). For this sampling the upper 3 cm of the sediment from three sediment cores was collected and a slurry was generated, as described above. We used three separate treatments to analyze the physiological response of the mixed community of nitrate reducers: (1) nitrate, (2) sulfide, and (3) DOC treatments at concentrations of 0, 100, 500, 1000, 5000 µM. The sediment slurry was mixed with APW, purged, and rinsed as described previously for potential DNF rate assays. All treatments were run in triplicate. For the individual treatments, 100 µL of the concentrated respective component was added to achieve the target concentration. In the nitrate treatment, samples were injected with 100 µL of a DOC solution (equimolar C from lactate, acetate, and glucose) to yield 1 mM DOC. After purging the nitrate (K15NO3, 99% Cambridge Isotope Laboratories®) with 0.09% Ar and a balance of He, an aliquot was injected into samples so that the target concentration was reached. The pH of the sulfide treatment was adjusted by addition of an equimolar amount of He purged hydrochloric acid applied directly to sulfide solution, and subsequently the sample was tested to ensure that the desired pH was maintained (Teske and Nelson, 2006). For the DOC treatment, carbon was added as equimolar C from lactate, acetate, and glucose. In sulfide and DOC treatments, 100 µL of nitrate (15N) was injected to equal the final concentration of 1 mM. Immediately following the injection, samples were placed on a shaker table at 75 rpm at 4°C and allowed to incubate for 5 h. A lower temperature was used on these experiments because the temperature of the surficial sediments used was comparable to the ambient bottom seawater.

After the incubation, tubes were centrifuged and sampled as described above. Immediately after the incubation subsamples for dissolved gases were collected (30N2, 29N2, and N2O). Measurement of N2O was conducted for the nitrate and DOC treatments; the N2O samples from the sulfide treatment were unfortunately contaminated. The concentration of N2O was measured with a gas chromatograph equipped with an electron capture detector with a detection limit of around 20 ppb in the headspace analysis, which gave a detection limit of ~9 nM at 5% precision (Porubsky et al., 2009). Briefly, 1 mL of media sample was collected after centrifugation and injected into a He purged headspace vial closed with a butyl rubber stopper and containing a pellet of NaOH. After gas sampling, the artificial porewater was filtered (0.2 µm) and a sample was collected for NOx and [image: yes] concentration determination. Methods used to preserve and analyze the dissolved constituents were described previously.

MOLECULAR ANALYSIS

DNA extraction, primer design, and polymerase chain reaction

Approximately 0.5 g of wet sediment was used for DNA extraction with the MOBIO® (Carlsbad, CA) Ultrapure Soil DNA extraction kit following the manufacturer’s protocol. The PCR master mix consisted of (25 µL): 2µL of template DNA, 0.25 µL of forward, and reverse primers (100 µmol L−1), 0.75 µL of bovine serum albumin (10 mg/mL), 0.12 µL of GoTaq Taq polymerase (PromegaTM), and the balance of the volume as sterile H2O. The PCR cycle for 16S rRNA bacterial gene region began with an initial denaturation of 10 min at 94°C followed by 30 cycles of 1.5 min of denaturation at 94°C, 30 s of annealing at 55°C, 30 s of elongation at 72°C, ending with 7 min of elongation at 72°C. The 16S rRNA gene region of bacteria was amplified using the primer B27f (AGAGTTTGATCCTGGCTCAG) and UNI1392r (ACGGGCGGTGTGTRCA; Orphan et al., 2001a,b).

The gene catalyzing the reduction of N2O to N2, nitrous oxide reductase, nosZ is highly diverse (Scala and Kerkhof, 1999). Primers nosZ661f (CGGCTGGGGGCTGACCAA) and nosZ1773r (ATRTCGATCARCTGBTCGTT) were used to amplify the region 661–1773, with positions relative to Pseudomonas stutzeri (Scala and Kerkhof, 1999). For PCR amplification of the ~1,100 base pair nosZ gene, a denaturation of 5 min at 94°C was used and followed by 35 cycles of 30 s of denaturation at 94°C, 1.5 min of annealing at 56°C, 2 min of elongation at 72°C, ending with 7 min of elongation at 72°C (Scala and Kerkhof, 1999).

Cloning

All PCR products were verified to contain the gene of interest based on the size of the amplicon, and subsequently purified using a Qiagen Gel Extraction Kit, as specified by the manufacturer. The PCR products were then ligated into a pCR4 vector (Invitrogen) and transformed into Escherichia coli according to manufacturer’s specifications. All colonies were screened for ampicillin resistance and lacZ expression. Sequencing was commenced at the M13F primer within the pCR4 vector.

Phylogenetic analysis

The 16S rRNA gene sequences were screened first using blastn (NCBI), and next were aligned using the Silva Incremental Aligner (SINA; Pruesse et al., 2007). For nosZ gene analysis, sequences were converted to amino acids and verified to be on the correct reading frame using the open reading frame (ORF) finder (NCBI). The nosZ functional gene was aligned using Clustal W and the alignment (196 amino acids) was then manually edited (Larkin et al., 2007). After alignment, all 16S rRNA gene clones (600 nucleotides) were tested for chimeras using Bellerophon (Huber et al., 2004). Following the chimera check, sequences were imported to ARB and the quality of the alignment was verified and manually adjusted in ARB_EDIT (Ludwig et al., 2004). Mega5 was used to create 16S rRNA gene and nosZ phylogenetic trees (Tamura et al., 2011). Phylogenetic trees for 16S rRNA were made by neighbor joining, with a Jukes–Cantor model for distance correction, and the tree was verified by bootstrap analysis (n = 1000). The nosZ tree was created using amino acid translations (197 amino acids) using minimum evolution with complete deletion and verification by bootstrap analysis (n = 1000). The cutoff for operational taxonomic units (OTUs) for bacterial 16S rRNA genes was 97%, and since divergence and hence OTUs are not established for nosZ, sequences are shown with identical sequences removed. All bacterial 16S rRNA gene OTUs were established using mothur (Schloss et al., 2009).

RESULTS

POTENTIAL DENITRIFICATION RATES IN MAT AND BROWN SEDIMENTS

Over the course of a 26-h incubation, mat and brown sediments consumed all added [image: yes] (110 ± 33 µM at time zero and <1 µM at 26 h); nitrite was not detected at any time point (Figure 1A). In brown sediments without mat, nitrate concentrations at the start of the incubation were 108 (±29) µM and the amended nitrate was exhausted (<1 µM) after only 13 h (Figure 1B). Potential denitrification, tracked as accumulation of 30N2 and 29N2, was observed in as little as 5 h in both types of sediment. The majority of [image: yes] was converted to 30N2, with only a minor fraction (<2 µM) ending up as 29N2. In mat sediments, 16.2 (±6.4) µM 30N2 accumulated by 13 h. Relatively more 30N2, 22.4 (±1.4) µM, accumulated in brown sediments after 26 h.


[image: image]

Figure 1. Time series incubations of mat (A) and brown (B) sediments with the substrate ([image: yes], µM) and products (29N2 and 30N2, µM) plotted against time (h).



Potential denitrification is defined as the sum of 30N2 and 29N2 formation rates. Linear portions of nitrate consumption and 30N2 and 29N2 formation curves were used to estimate nitrate removal rates and potential denitrification rates, respectively. In mat sediments, over the first 13 h of the incubation, the rate of nitrate removal was 174 (±74) µM N day−1. In brown sediments, the first 5 h were used to estimate a nitrate removal rate of 418 (±145) µM N day−1. Integrated areal rates of nitrate removal were 435 and 1045 µmol m−2 h−1 in mat and brown sediments, respectively. Potential denitrification accounted for only a small fraction of nitrate removal in both mat and brown sediments. In mat sediments, potential denitrification rates were estimated over the first 13 h to be 31.2 (±12.1) µM N day−1. Potential denitrification rates were slightly lower in brown sediments at 21.9 (±1.4) µM N day−1, but this difference was not statistically significant. Integrated areal rates of potential denitrification were 78 and 54 µmol m−2 h−1 in mat and brown sediments, respectively.

DENITRIFICATION KINETICS AND INFLUENCES OF SULFIDE AND DOC

Nitrate, sulfide, and DOC amendment generated different responses of the nitrate utilizing populations in Guaymas Basin sediments. The [image: yes] consumption levels were the highest in the nitrate treatment of 5000 µM at 675 µM [image: yes] consumed (∆ [image: yes]; Figure 2A). In the nitrate treatment at 1000 µM and at all DOC concentration treatments, the nitrate removal levels were roughly ~300 µM [image: yes] (Figures 2A,C). With respect to increases in concentrations of nitrate, sulfide, and DOC, nitrate consumption levels increased, decreased, or did not change, respectively (Figure 2).


[image: image]

Figure 2. Environmental influences of nitrate (A), sulfide (B), and DOC (C) on denitrification and nitrogen species end products.



The proportion of [image: yes] converted to 30N2 and 29N2 was summed to generate the µM N as N2 and is presented as the potential denitrification rate (Figure 2). In the nitrate treatment, maximum denitrification was observed at 500 µM with 243 (±6.1) µM N converted to dinitrogen, corresponding to a DNF rate of 1166 µM N d−1. A Michaelis–Menten equation was fit to the data (r2 = 0.91) from the nitrate treatments resulting in a maximum denitrification rate (Vmax) of 1164 (±153) µM N day−1 and half-saturation constant (Km) of 137 (±91) µM [image: yes] for the endogenous denitrifying community (Figure 2A). In the sulfide amended samples, much less N2 formation was observed relative to the nitrate or DOC treatments. The most N2 formed in the sulfide treatment was at the concentration of 100 µM, at 61 (±1) µM N as N2. Denitrification slowed as sulfide concentration rose above 100 µM H2S. In the DOC treatment, rates of denitrification to N2 varied little, from 178 (±10) to 238 (±24) µM N day−1, with no observable trends in response versus DOC concentration.

In the nitrate and DOC treatments, N2O was measured to determine if there was N2O accumulation in response to the specific treatments. In the nitrate and DOC treatments, N2O accumulation was high relative to typical environmental levels (range of 0.2–0.4 µM N as N2O; Figures 2A,C). The exception was the nitrate treatment with no nitrate added and with 100 µM nitrate wherein N2O was not detected.

In order to assess the pathways or fates of nitrate in Guaymas Basin sediments, percentages of total nitrate consumption converted to N2 or N2O relative to nitrate removed (e.g., assimilation, storage, or other processes DNRA and anaerobic ammonium oxidation, ANAMMOX) were determined. The fraction of nitrate converted to N2 represents the sum of 30N2 and 29N2 and the proportion classified as nitrate removed is the balance of nitrate consumption not occurring as N2 or N2O (where N2O data was available). In general, as nitrate concentrations increased, the fraction of nitrate converted to N2 decreased, from ~75 to 32% (Table 1). Systematic changes in the fraction of N2 formation observed were not influenced by sulfide or DOC treatments; note that gaseous N formation in the sulfide treatment does not include N2O. In the DOC treatment the fraction of nitrate converted to N2O appeared to decrease slightly with respect to DOC concentration from 0.14 to 0.11% (Table 1).

Table 1. Percent of end products observed in samples amended with nitrate, sulfide, and DOC for all concentration levels.

[image: image]

MOLECULAR CENSUS OF BACTERIA AND POSSIBLE DENITRIFIERS

Bacterial 16S rRNA gene and nosZ functional genes

Cloning and sequencing of PCR-amplified 16S rRNA and nosZ genes from sediments used in the nitrate, sulfide, and DOC experiments suggested that the sediments maintained a microbiological capacity for denitrification. The 16S rRNA bacterial gene clone library (n = 77 clones total) was dominated by Epsilonproteobacteria (38%), Bacteroidetes (21%), Deltaproteobacteria (8%), and Gammaproteobacteria (7%). Within the Epsilonproteobacteria most clones were affiliated with the genus Sulfurovum (27%) or Sulfurimonas (6%; percentages are relative to the entire 16S library). Many of the clones were highly similar to Epsilonproteobacteria clones previously detected in Guaymas Basin sediments (Figure 3). In addition to the occurrence of 16S rRNA gene clones potentially relevant to denitrification, we also characterized the nitrous oxide reductase functional gene from these sediments. A total of 20 nosZ functional genes were retrieved. Of these, two sequences reflected multiple identical clones, leaving 10 unique sequences (Figure 4). The Guaymas Basin sequences were dissimilar from all pure culture nosZ, and similar to nosZ functional genes extracted from continental margin sediments (Scala and Kerkhof, 1999).


[image: image]

Figure 3. 16S rRNA bacterial gene phylogeny of Guaymas Basin environmental clones relative to pure culture and other environmental clones. Environmental clones from this work appear as bold text, pure cultures are italicized, and environmental clones from other environments appear as normal text. Neighbor joining method was used to generate a tree with a Jukes–Cantor correction of evolutionary distance. Bootstrap values for branches occurring for >50% of 1000 iterations are reported. Scaling of the phylogenetic tree is based on an evolutionary distance of 0.03.




[image: image]

Figure 4. nosZ phylogeny of Guaymas Basin environmental clones relative to environmental clones from continental margin sediments and pure culture data. Minimum evolution method was used to generate the phylogeny, with a Poisson correction of evolutionary distance. Bootstrap values for branches occurring for >50% of 1000 iterations are reported. Scaling of the phylogenetic tree is based on an evolutionary distance of 0.10.



DISCUSSION

BACTERIAL MATS AS NITROGEN CYCLE HOT SPOTS

Bacterial mats are considered areas of intensified nitrogen cycling (Teske and Nelson, 2006; Bourbonnais et al., 2012). Significant accumulations of thick (~3 cm) bacterial mats (Beggiatoa sp.) thrive at the surface of Guaymas Basin hydrothermal sediments and these mats concentrate up to mM levels of nitrate inside their vacuoles (Jannasch et al., 1989; McHatton et al., 1996; McKay et al., 2012). Given the high concentration of nitrate in mat-forming vacuolate sulfur bacteria and their abundance along surficial sediments in the Guaymas Basin, we postulated that nitrate cycling processes like nitrate reduction would be stimulated in mat-hosting sediments. Surprisingly, denitrification and nitrate removal rates were high in both Guaymas Basin mat-hosting sediments and brown sediments that lacked mats. Rates of potential denitrification were somewhat higher in sediments that hosted bacterial mats, versus the brown sediments adjacent to mats. However, nitrate removal rates were faster in brown sediments relative to mat sediments. Collectively these data suggest that while denitrifying communities might be more prominent in mat sediments, other nitrate removal processes are predominant in brown sediments. Other nitrate removal processes in brown sediments could include DNRA, ANAMMOX, and assimilation by endogenous prokaryotes. The lack of any nitrite or 29N2 accumulation, which would be the reactant and product of ANAMMOX, respectively, suggests that its occurrence is limited in these sediments, assuming of course that there was no stored nitrate or nitrite present in Beggiatoa during experiments. Furthermore, available evidence suggests that in sulfidic sediments, DNRA rather than ANAMMOX is the favored process (Burgin and Hamilton, 2007). Nitrogen assimilation can be performed by numerous heterotrophic and autotrophic organisms and might also contribute to nitrate removal (Allen et al., 2001). Therefore we postulate that DNRA and possibly assimilation are most likely the leading nitrate removal processes in brown sediments.

Few measurements of rates of nitrogen related processes exist in deep-sea sediments (Zopfi et al., 2001; Preisler et al., 2007; Høgslund et al., 2009; Bowles and Joye, 2011). In mat-hosting Gulf of Mexico cold seep sediments, potential denitrification rates were 32 µM N day−1; virtually the same rate as observed in Guaymas Basin mat sediments. Deeper (>6 cm) cold seep sediments not directly associated with mat material had a lower rate that was similar to brown sediments from Guaymas Basin. However, nitrate removal from Guaymas Basin sediments were an order magnitude faster than those measured in Gulf of Mexico cold seep sediments (Bowles and Joye, 2011). Integrated areal rates of potential denitrification (78 and 54 µmol m−2 h−1) in Guaymas Basin sediments were similar to rates measured in coastal and eutrophic environments (range: 3.5–1067 µmol m−2 h−1; Seitzinger, 1988). The areal integrated rate of nitrate removal in Guaymas Basin of 1045 µmol m−2 h−1 was very high and similar to the highest reported denitrification rate from sediments in the Tejo estuary (1067 µmol m−2 h−1; Seitzinger, 1988). In highly eutrophic Eckernförde Bay on the German Baltic coast, Preisler et al. (2007) performed a stable isotopic tracer rate ([image: yes]) analyses and found Beggiatoa-associated nitrate removal was only about 6.5 µmol m−2 h−1, which amounts to a minor fraction of the rates observed in sediments of Guaymas Basin. Collectively these data suggest that in addition to the activity of Beggiatoa, other sediment microorganisms rigorously metabolize nitrate in organic carbon rich sediments.

ENVIRONMENTAL FACTORS: NITRATE, SULFIDE, AND DOC

Nitrate, sulfide, and DOC concentrations influenced the rates and end products of nitrate reduction (Figure 2; Table 1). Nitrate utilizing communities in Guaymas Basin sediments reduced nitrate rapidly (high Vmax) to N2, with a high affinity for nitrate (relatively low Km), in comparison to other endogenous communities in other environments (Vmax = 422 µM N2-N cm−3 day−1, Km = 344 µM; Oren and Blackburn, 1979). Sulfide clearly influenced the production of dinitrogen; N2 production rates plummeted and may have resulted in the production of substantial amounts of N2O (Figure 2B). But, we were unfortunately unable to measure N2O in the sulfide treatments. Finally, microbial communities displayed a limited response to the availability of labile DOC, as observed in consistent potential DNF rates and N2O accumulation over a range of DOC concentrations.

DENITRIFICATION KINETICS AND NITRATE CONCENTRATION EFFECTS

Data from kinetic experiments on mixed environmental sediment populations performing denitrification are not common (e.g., Oren and Blackburn, 1979; Garcia-Ruiz et al., 1998). In the most relevant dataset from Kysing Fjord (Denmark) sediments, the community Km was 344 µM nitrate and Vmax was 422 µM N day−1 (Oren and Blackburn, 1979). The microorganisms within Guaymas Basin sediments maintained a higher affinity for nitrate and were able to perform denitrification at a higher maximum rate. This feature may be related to the presence of autotrophic, or sulfide-dependent denitrifiers and heterotrophic populations that utilize endogenous particulate organic carbon. For example, low Km values (3–161 µM) for nitrate in sulfidic bioreactors have been observed (Zeng and Zhang, 2005). In enrichments for sulfide oxidizing communities of denitrifiers, Shao et al. (2011) observed Vmax values up to 700 µM h−1. Molecular results also support our findings, as Guaymas sediments contained functional genes associated with heterotrophic denitrification (nosZ) as well as some Epsilonproteobacteria typically associated with sulfide dependent denitrification within 16S clone libraries.

Another environmental ramification of enhanced nitrate availability is the potential for a higher proportion of N2O production relative to N2 during denitrification (Tiedje, 1988). Increasing amounts of nitrous oxide production as a function of nitrate concentrations have been observed in environmental samples and in pure cultures (Sacks and Barker, 1952; Blackmer and Bremner, 1978; Joye, 2002). However Shao et al. (2011) recently observed no relationship between extremely high levels of nitrate (80 mM) and N2O production. We did not observe substantial increases in the proportion of N2O formed in Guaymas Basin sediments up to 5000 µM [image: yes].

SULFIDE AND DENITRIFICATION

Nitrogen related processes are often subject to substantial influences from sulfides; nitrogen fixation (e.g., Marino et al., 2003), denitrification (e.g., Joye, 2002), and nitrification (Joye and Hollibaugh, 1995) are all influenced by sulfide concentration. Denitrification to N2 often slows substantially or ceases at relatively low sulfide concentrations, and sulfide might be a contributing factor to the observed accumulation of N2O in anoxic marine sediments (Sørensen et al., 1978; Joye, 2002). In Guaymas Basin sediments we observed low rates of potential denitrification in the presence of sulfide. The production of dinitrogen is limited by the sulfide-induced inhibition of nitrous oxide reductase (nosZ; Sørensen et al., 1980) or by limitation of denitrifiers by sulfide in general (Joye, 2002). Some pure culture data (Aeromonas sp., Vibrio sp., and Pseudomonas fluorescens) and environmental assays suggest that nitrous oxide reductase is already significantly inhibited at low sulfide concentrations of 100–300 µM (Sørensen et al., 1980; Senga et al., 2006). In contrast to relatively low inhibitory concentrations of sulfide observed in pure cultures, some environmental studies have reported evidence of nitrous oxide reductase inhibition (nitrous oxide accumulation) at much higher sulfide concentrations of 1–2.5 mM (Brunet and Garcia-Gil, 1996; Senga et al., 2006).

A paradoxical feature of denitrification in sulfidic sediments is that some microorganisms are able to use sulfide as an electron donor for denitrification. Perhaps it is the rigorous activity of sulfide utilizing denitrifying microorganisms that supports denitrification at high sulfide concentrations (2.5 mM) in some environments, such as Lake Shinji (Japan; Senga et al., 2006). The Guaymas sediments investigated here and previously investigated sediments from the same site hosted Epsilonproteobacteria (here ~38%; Teske et al., 2002; Dhillon et al., 2003) and cultured representatives of this group can likely use sulfide as an electron donor (Takai et al., 2003). Considering the high environmental concentrations of sulfide and nitrate, it is surprising that the endogenous denitrifier community in Guaymas Basin sediments was not more tolerant of sulfide.

DISSOLVED ORGANIC CARBON ADDITION

The addition of labile DOC is thought to support high denitrification rates and might also support production of N2O (Tiedje, 1988). Though functional gene analysis of nosZ suggests the activity of heterotrophic denitrifying communities, we did not observe any stimulation of denitrification rates in response to increases in labile carbon concentration (DOC). These data suggest that heterotrophic metabolism to N2 was important, though other denitrification pathways (autotrophic) must also contribute substantially to the total observed rate. Another distinct possibility is that these communities are adapted to high DOC levels in the natural environment and the addition here was insufficient to stimulate potential denitrification rates. In soils, additions of glucose decreased N2O production (Weier et al., 1993). In Guaymas sediments, despite large additions of DOC, N2O accumulation did not systematically change.

COMPLEX NITROGEN CYCLING COMMUNITIES

Molecular microbiological data are indicative of autotrophic and heterotrophic denitrification (Figures 3 and 4). Though not quantitative, the domination of clone libraries by Epsilonproteobacteria related to Sulfurovum and Sulfurimonas implies the presence and activity of an autotrophic denitrifying population in Guaymas sediments (Shao et al., 2010). The Epsilonproteobacteria clones outnumbered Deltaproteobacteria, which are largely sulfate reducers. Though elevated rates of sulfate reduction are often measured in this environment, the quantitative and qualitative data presented here (e.g., measured rates of denitrification and nitrate removal and molecular data) underscore the importance of nitrogen related processes (Elsgard et al., 1994; Figure 3) in this habitat as well.

The amino acid composition of nosZ within sulfide utilizing microorganisms is dissimilar to that of other organisms, corresponding to the outgroup in Figure 4. Traditional primers used for nosZ do not capture the Epsilonproteobacteria nosZ functional genes (see Sievert et al., 2003 and discussion therein). However utilizing the traditional nosZ primers (Scala and Kerkhof, 1999), we observed an outgroup of environmental samples similar to nosZ isolated from continental margin sediments (Scala and Kerkhof, 1999; Figure 4). The relationship of Guaymas nosZ clones with continental margins could be because the primers developed by Scala and Kerkhof (1999) target specific types of denitrifiers or because the recovered sequences reflect microorganisms that are general heterotrophic denitrifiers.

NITRATE REMOVAL

An observation similar between Guaymas and cold seep sediments (Bowles and Joye, 2011) is that a great fraction of [image: yes] added is not recovered or accounted for. Though termed nitrate removal we speculate that this component is largely composed of DNRA and assimilation. Detecting both processes can be difficult and made more complex by the fact that DNRA and assimilation can be related. Ammonium generated by DNRA can be directly assimilated into biomass representing an interconnected series of pathways, from nitrate to biomass. Measuring DNRA in Guaymas Basin sediments was complicated by high background levels of ammonium (100s µM to >10 mM; Simoneit et al., 1992). Though sediments were rinsed prior to the experiments, ammonium levels during these incubations were still 100s of µM owing to high initial concentrations and potentially ammonium absorption to sediment particles (data not shown). In high activity sediments such as Guaymas Basin sediments we speculate that assimilation alone could also play a large role in nitrate removal. Carbon assimilation has been directly measured in Guaymas Basin sediments and these rates are substantial at about 4000 µM C day−1 (Joye and Samarkin, unpublished results). If we assume stoichiometric uptake of nitrogen by prokaryotes (C:N ~1:0.24; Whitman et al., 1998), then the demand for nitrogen comes to approximately 960 µM N day−1. This estimate from previous measurements of C assimilation shows that nitrate assimilation is the correct order of magnitude to account for all of the nitrate that was not recovered. In addition, this estimate would only include nitrogen incorporation from autotrophic microorganisms, and has to be regarded as conservative since it does not include heterotrophic nitrogen assimilation processes in carbon rich environments (Allen et al., 2001).

CONCLUSION

Denitrification is carried out by the endogenous prokaryotic communities in Guaymas Basin sediments. Denitrification rates are high in comparison to those observed in other environments and rates and endpoints are influenced by environmental factors, most notably sulfide. In molecular surveys of denitrifying bacteria from Guaymas Basin the potential for both heterotrophic and autotrophic, sulfide based, denitrification was observed. Future studies should further document the presence of nitrate in these environments, contained within Beggiatoa and free nitrate, in order to understand the importance of denitrification in this type of environment, relative to other processes. Additionally, quantification of heterotrophic and autotrophic gene transcripts should be performed to better constrain carbon and sulfur interrelations in these complex settings.
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Chesapeake Bay, the largest estuary in North America, can be characterized as having steep and opposing gradients in salinity and dissolved inorganic nitrogen along the main axis of the Bay. In this study, the diversity of nirS gene fragments (encoding cytochrome cd1-type nitrite reductase), physical/chemical parameters, and benthic N2-fluxes were analyzed in order to determine how denitrifier communities and biogeochemical activity vary along the estuary salinity gradient. The nirS gene fragments were PCR-amplified, cloned, and sequenced from sediment cores collected at five stations. Sequence analysis of 96–123 nirS clones from each station revealed extensive overall diversity in this estuary, as well as distinct spatial structure in the nirS sequence distributions. Both nirS-based richness and community composition varied among stations, with the most dramatic shifts occurring between low-salinity (oligohaline) and moderate-salinity (mesohaline) sites. For four samples collected in April, the nirS-based richness, nitrate concentrations, and N2-fluxes all decreased in parallel along the salinity gradient from the oligohaline northernmost station to the highest salinity (polyhaline) station near the mouth of the Bay. The vast majority of the 550 nirS sequences were distinct from cultivated denitrifiers, although many were closely related to environmental clones from other coastal and estuarine systems. Interestingly, 8 of the 172 OTUs identified accounted for 42% of the total nirS clones, implying the presence of a few dominant and many rare genotypes, which were distributed in a non-random manner along the salinity gradient of Chesapeake Bay. These data, comprising the largest dataset to investigate nirS clone sequence diversity from an estuarine environment, also provided information that was required for the development of nirS microarrays to investigate the interaction of microbial diversity, environmental gradients, and biogeochemical activity.
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INTRODUCTION

Denitrification, the dissimilatory reduction of nitrate and nitrite to gaseous products (NO, N2O, N2) under suboxic conditions, is a major biological loss term for fixed nitrogen from terrestrial and aquatic ecosystems to the atmosphere (Devol, 2008). In estuarine sediments, denitrification is capable of removing significant quantities (>50%) of nitrate from the water column, providing a sink for nitrogen, and thereby playing an important role in ameliorating the degree of eutrophication in waters subjected to external (agricultural or urban) N inputs (Seitzinger et al., 2006; reviewed by Boynton and Kemp, 2008). The anaerobic oxidation of ammonium to nitrogen gas (anammox) also contributes to the loss of fixed nitrogen in aquatic systems, particularly in suboxic water columns (Dalsgaard et al., 2003; Kuypers et al., 2003, 2005; Francis et al., 2007; Lam et al., 2009; Ward et al., 2009), but anammox is thought to be less quantitatively significant in estuaries (Risgaard-Petersen et al., 2004; Trimmer et al., 2005), including the Chesapeake Bay (Rich et al., 2008). Sedimentary denitrification is supported both by nitrate diffusing from the overlying water and by nitrate produced by nitrification within the sediment (Kemp et al., 1990; Jensen et al., 1993, 1994). These coupled processes are quantitatively important in the nitrogen budgets of estuarine and continental shelf sediments (Christensen et al., 1987; Cornwell et al., 1999). Considering the tremendous importance of denitrification in estuarine systems, it is critical to understand the distribution, diversity, and biogeochemical activity of the underlying denitrifier communities within estuaries.

Because the metabolic potential for denitrification is widespread among many phylogenetically unrelated groups, including over 50 different genera, a 16S rRNA-based approach is not generally appropriate for characterizing complex denitrifying communities. Instead, the functional genes encoding key metalloenzymes in the denitrification pathway have proven to be useful molecular markers for denitrifying organisms. In particular, nitrite reductase (NiR) catalyzes the first committed step to a gaseous product (Zumft, 1997), distinguishing true (gas-producing) denitrifiers from nitrate-respiring microbes (including those that perform dissimilatory nitrate or nitrite reduction to ammonium; DNRA). NiR occurs in two distinct forms that are structurally different but apparently functionally equivalent: NirS, containing iron (cytochrome-cd1); and NirK, containing copper (spectroscopic types I and II). Due to the critical role of nitrite reductase in the dentrification pathway, the nirK and nirS genes have been most frequently targeted for molecular diversity studies in many environments, including soils (Prieme et al., 2002; Rösch et al., 2002; Sharma et al., 2005; Smith and Ogram, 2008); groundwater (Yan et al., 2003); wastewater (Yoshie et al., 2004); suboxic water columns (Jayakumar et al., 2004, 2009; Castro-González et al., 2005; Oakley et al., 2007); and coastal and marine sediments (Braker et al., 2000, 2001; Liu et al., 2003; Santoro et al., 2006). To date, however, the molecular diversity of estuarine nitrite reductase genes has only been explored in detail within a few systems (Nogales et al., 2002; Hannig et al., 2006; Dang et al., 2009; Abell et al., 2010; Mosier and Francis, 2010). Recent studies of bacterial ammonia monooxygenase subunit A (amoA) genes have revealed a pattern of ammonia oxidizer diversity correlated with salinity, as well as distinct communities in freshwater and high salinity estuarine environments (Francis et al., 2003; Bernhard et al., 2005; Ward et al., 2007; Mosier and Francis, 2008). While similar patterns might be expected for the distribution of denitrification genes along the estuary, denitrifier diversity might also be related to the distribution of suboxic environments and denitrification rates, which in turn depend on the availability of key factors like organic carbon, oxygen, and nitrate.

In the present study, we explore the distribution and diversity of cytochrome cd1-type nitrite reductase (nirS) sequences in sediments of the Chesapeake Bay. This is the largest estuary in North America, and denitrification is a critical component of the N cycle, which is dominated by sediment N transformations. We have previously examined ammonia-oxidizing (AO) communties in these sediments (Francis et al., 2003), and the abundance and expression of key nirS-type genotypes at three sites in this estuary (Bulow et al., 2008). Here the fine-scale diversity, community composition, and phylogeny of nirS sequences at five stations were analyzed, along with in situ benthic N2-flux rates, in order to explore spatial variability in estuarine denitrifier diversity and function. The data described in this study are also significant because it represents the largest clone library-based survey of nirS sequence diversity in an estuary and the dataset has been used to develop a nirS microarray that can more efficiently investigate the interaction of microbial diversity, environmental factors, and biogeochemical activity.

MATERIALS AND METHODS

SITE DESCRIPTION

The Chesapeake Bay drains a watershed of 166,000 km2 and fills a dendritic river valley system consisting of a main channel and 7 main rivers, including the Choptank River, a subestuary that contributes roughly 1% of the total freshwater to the bay. Five stations (Figure 1) were chosen to represent the range of salinity and environmental conditions encountered along the estuarine gradient, from nearly freshwater (oligohaline; CB1, CT1) to mesohaline (CB2, CT2) to polyhaline (CB3).
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Figure 1. Map of the Chesapeake Bay sampling stations.


COLLECTION AND N2-FLUX ANALYSIS OF INTACT SEDIMENT CORES

Sediments were collected from upper (CT1) and lower Choptank River (CT2) stations, as well as mainstem Chesapeake Bay stations (CB1, CB2, CB3; Figure 1) using a box core sampling device deployed from either a small boat or a research vessel in April 2001 (Francis et al., 2003). Sediment samples collected in July 2000 from the upper Choptank River (CT1) were also analyzed in this study, to provide some basis for comparison with the other stations, because a subsample for molecular analysis from CT1 in April 2001 was not available. As reported previously (Francis et al., 2003), bottom water conditions measured at each sampling site are displayed in Table 1. Bottom water temperature, salinity and dissolved O2 were determined with a Sea-Bird CTD or a YSI 600 sonde equipped with an oxygen electrode. Nutrient concentrations were determined on using an automated analyzer (Parsons et al., 1984) on samples collected from Niskin bottles (CB1, CB2, CB3) or using a diaphragm pump (CT1, CT2).

Table 1. Bottom water environmental parameters and N2-flux rates for Chesapeake Bay samples analyzed in this study.
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Benthic N2-fluxes were measured in subcores collected from the box cores as described previously (Kana et al., 2006). For each site, three subcores in 6.35 cm i.d. acrylic core liners (~15 cm of sediment and 15 cm of overlying water) were submersed in an incubator bath of oxic bottom water from the core sampling site, and held overnight with continual aeration and circulation of the overlying water with bath water. Sediment cores and a water-only control core were capped with O-ring fitted stirring tops and incubated in the dark at in situ (±2°C) temperatures (see Table 1). When samples were withdrawn at various times during the incubation, replacement bottom water was supplied through a port in the stirring top, using gravity head pressure to fill vials and syringes. Solute samples were filtered using 25 mm diameter, 0.45 μm cellulose acetate syringe filters. Water for dissolved gas analysis was collected in ~7 ml ground glass test tubes that were filled through a small tube placed in the bottom of the vial to minimize gas exchange. Samples were preserved with 10 ml 50% saturated HgCl2 and stored at near ambient bottom water temperature until analysis.

Incubations were sampled for solutes and gases four times over a time course of 4–8 h, depending on the degree of oxygen depletion. Oxygen concentrations were occasionally monitored using an oxygen electrode early in the incubation, to determine incubation time intervals such that oxygen did not fall below 50% of air saturation by the final time point.

A quadrupole mass spectrometer with a silicone membrane inlet (Kana et al., 1994, 1998) was used for the analysis of N2 and O2 in flux samples. The N2:Ar ratios were corrected for any changes due to decreasing O2 concentrations (Kana and Weiss, 2004). Nitrate was analyzed via segmented flow analysis after Cd reduction, and ammonium was manually analyzed using the phenol hypochlorite colorimetric method (Parsons et al., 1984). Benthic N2 fluxes were calculated from the linear regression of the rate of change of N2 concentrations. At the end of the flux measurements, the cores were subsampled using cut-off 5-cc syringes. The sediment was frozen immediately in liquid nitrogen and stored on dry ice or at −80°C until DNA extraction.

Pcr AMPLIFICATION AND CLONING OF nirS GENE FRAGMENTS

DNA was extracted from replicate ~0.25 g sediment subsamples (0–0.5 cm depth interval) using the FastDNA SPIN kit for soil (MP Biomedicals), as described in Francis et al. (2003). nirS gene fragments (~840–890 bp) were amplified from pooled sediment DNA extracts using the PCR primers (nirS1F and nirS6R) and conditions described by Braker et al. (1998). Products were visualized by electrophoresis in 1.2% agarose gels stained with ethidium bromide. Triplicate PCR reactions were pooled, gel-purified using the QIAquick gel extraction kit (Qiagen), and cloned into the pCR2.1 vector using the TOPO-TA cloning kit (Invitrogen). Insert-containing transformants were transferred to 96-well plates containing LB broth (with 50 μg/ml kanamycin) and grown overnight at 37°C. Clones were screened directly for the presence of inserts by PCR using T7 and M13R vector primers. Sediment DNA extracts were also screened multiple times using two different nirK primer sets, nirK1F/nirK5R (Braker et al., 1998) as well as Cunir3/Cunir4 (Casciotti and Ward, 2001), but no consistent amplification was observed (except for the positive control DNA templates).

SEQUENCING, RICHNESS AND PHYLOGENETIC ANALYSIS OF nirS SEQUENCES

Sequencing of both strands of T7/M13 PCR products was performed using ABI 310 and 3100 capillary sequencers (PE Applied Biosystems). Nucleotide sequences were assembled, edited, and aligned using Sequencher™ v.4.2 (GeneCodes Corp.), and translated using MacClade (Maddison and Maddison, 2003). Two different types of phylogenetic analysis were performed, based on nucleotide and amino acid alignments, respectively. The nirS nucleotide alignment (of 550 sequences) was used to define operational taxonomic units (OTUs) on the basis of DNA sequence identity. Distance matrices based on this nucleotide alignment were generated using the PAUP software package. To compare the relative nirS richness within each clone library, rarefaction analysis was performed. For this analysis, OTUs were defined as nirS sequence groups in which sequences differed by ≤5% using the furthest neighbor method in the MOTHUR program (Schloss et al., 2009).

Deduced amino acid sequences of 550 nirS PCR products (after removal of the primer sequences) from the Chesapeake Bay were aligned with representative database sequences (as of July 2012) using ClustalX (Thompson et al., 1997), edited in MacClade, and subjected to phylogenetic analysis. A total of 280 amino acid positions were used in the phylogenetic analysis (shorter database sequences were not included). Neighbor-joining and parsimony trees were constructed based on amino acid alignments using the PAUP software package. Bootstrap analysis was used to estimate the reliability of phylogenetic reconstructions (1000 replicates).

STATISTICAL ANALYSES

Correlation analysis of environmental variables (e.g., [image: yes], NO−3, and salinity) was performed in JMP (SAS Institute, 2002). Extrapolated richness [Abundance-based Coverage Estimators (ACE) and Chao1] and classical diversity (Shannon and Simpson's index) estimates were computed using MOTHUR (Schloss et al., 2009). PC-ORD software version 4.01 (McCune and Medford, 1999) was used for multivariate analyses of OTU and environmental data. OTU data were normalized for each site by dividing the number of clones per OTU by the total number of clones sequenced from the site. Environmental data were normalized by dividing the value for each variable at each site by the maximum observed value across sites. Cluster analyses (McCune and Grace, 2002), based on Sorenson distances, were performed for both OTU and environmental matrices. A Mantel Test (Smouse et al., 1986) was used to compare the significance of the observed cluster structure to the structure determined from 1000 randomizations of the matrices.

NUCLEOTIDE SEQUENCE ACCESSION NUMBERS

The GenBank accession numbers of the nirS sequences from cultivated denitrifiers and environmental clones used for comparison are displayed in Figure 2. The 550 nirS sequences reported in this study have been deposited in GenBank under accession numbers DQ675693 to DQ676242.
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Figure 2. Neighbor-joining phylogenetic tree of deduced NirS amino acid sequences (280 positions considered) from Chesapeake Bay sediments. Bootstrap values (≥60%) are shown at the branch points. Sequences from the present study are shown in color by station (CB1, red; CB2, yellow; CB3, green; CT1, blue; CT2, aqua). Database sequences are shown in black along with the corresponding GenBank accession numbers. The number of clones identical at the amino acid level is indicated in parentheses (only for those sequences occurring >2 times within a clone library). Roman numerals refer to the ten clusters discussed in the text, all of which were also present in the parsimony tree (not shown). Clusters of NirS sequences corresponding to the 8 major nucleotide-based OTUs (defined according to 5% nucleotide sequence difference using the farthest neighbor method) are also indicated.


RESULTS AND DISCUSSION

ENVIRONMENTAL GRADIENTS ALONG THE ESTUARY

The five Chesapeake Bay stations have been described previously in general terms (Francis et al., 2003) and the specific bottom water conditions at the time of sampling for this study are detailed in Table 1. Along the longitudinal transect from the North Bay (CB1) to South Bay (CB3) station in April 2001 (Figure 1), the salinity increased from 4.4 to 23.6 psu (Table 1). While [image: yes] concentration decreased gradually from 10 to 4 μM, concentrations of [image: yes]—the primary electron acceptor for denitrification and generally an indicator of agricultural or urban runoff in estuarine systems—exhibited a much steeper gradient along this same transect, decreasing from 83 to 3 μM. Similar opposing gradients of salinity and inorganic nitrogen were observed from the oligohaline upper station of the Choptank River (CT1) to the mesohaline lower Choptank station (CT2) (Table 1). The overall physical/chemical conditions at the two mesohaline stations, CT2 and CB2, were quite similar, with identical levels of [image: yes] and [image: yes] and salinities of 14.5 and 18.7 respectively. Key differences between the environmental conditions at CT1 in July 2000 and April 2001 were temperature (27°C and 7°C, respectively) and [image: yes] concentration (44 μM and 188 μM, respectively). Oxic conditions were present in the bottom waters of all stations at the time of sediment sampling. Nitrate concentration and salinity were negatively correlated (Spearman ρ = −0.93; p = 0.008). Cluster analysis of the sites based on normalized values of salinity, nitrate, and ammonium resulted in the formation of two distinct groups (Figure 3). The first group was comprised of CB1 and CT1 and the second group comprised of CB2, CT2, and CB3. The two most similar sites were CB2 and CT2.
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Figure 3. Cluster analyses of five Chesapeake Bay sites based on relativized data using Sorenson distances. (A) ammonium, nitrate and salinity data, (B) OTU distribution data, defined according to 5% nucleotide sequence difference using the farthest neighbor method.


BENTHIC N2 FLUXES

The N2-fluxes measured in sediment cores collected from five stations in April 2001 were negatively correlated to salinity (Spearman ρ = −0.90; p = 0.037), ranging from a high of 172 μmol N m−2h−1 at CB1 to a low of 8 μmol N m−2h−1 at CB3 (Table 1). Although this trend also generally paralleled the nitrate gradient along the Bay, the benthic N2-fluxes at the two mesohaline sites were quite different (CT2 rates were 5-fold greater than at CB2), despite identical (22 μM) bottom water nitrate concentrations. This difference could be due to greater coupling to nitrification at CT2, where the sediments do not experience seasonal anoxia. In contrast, the sediments at the much deeper CB2 station (18-m vs. 7-m depth at CT2) are exposed to seasonally anoxic conditions and have higher levels of pore water hydrogen sulfide (Cornwell and Sampou, 1995), which can inhibit both nitrification and denitrification (Joye and Hollibaugh, 1995). Interestingly, benthic N2-fluxes were undetectable at the upper Choptank River station, CT1, during July 2000, but were quite high in April 2001 (Table 1). These spatial differences, plus seasonal differences illustrated by a wide range of rates at a single site (CT1), highlight the extensive variability often associated with microbial nitrogen transformations in estuarine systems (Cowan and Boynton, 1996; Boynton and Kemp, 2008). The benthic N2 fluxes reported here represent the sum of both conventional denitrification and anammox. However, anammox has been shown to account for only 10-20% of the total benthic N2 flux at stations CB1, CT1, and CT2, (Rich et al., 2008), and was undetectable at the low-nitrate station CB3. These findings are consistent with previous studies of anammox in other estuarine systems (Risgaard-Petersen et al., 2004; Trimmer et al., 2005), and suggest that denitrification is the dominant N-removal process within Chesapeake Bay sediments.

ANALYSIS OF nirS RICHNESS IN CHESAPEAKE BAY SEDIMENTS

PCR amplification of nirS gene fragments was obtained from sediment DNA extracts from all five stations. Clone libraries were subsequently generated for each station, and 96 to 123 clones per library were completely sequenced (~840–890 bp), resulting in an overall database of 550 nirS sequences from the Chesapeake Bay estuary. This represents the most extensive clone library-based sequencing effort, to date, of nirS sequences from any system, let alone an estuary. Since nirK could not be reliably amplified (i.e., PCR results ranged from faint, non-specific, or multiple bands to no amplification) from all five of these sediment DNA extracts using several primer combinations (Braker et al., 1998; Casciotti and Ward, 2001), and nirK has been shown to be far less abundant than nirS in other estuarine systems (Abell et al., 2010; Mosier and Francis, 2010), we focused our efforts here on nirS diversity.

To compare the relative nirS-based denitrifier richness between stations, rarefaction analysis was performed on the nirS sequences from using a 5% cutoff at the DNA level to define an OTU (Figure 4). Rarefaction analysis indicated the greatest nirS richness in the low-salinity upper Choptank River (CT1) and North Bay (CB1) libraries, and the lack of significant curvature after >95 clones suggests that that the diversity of distinct nirS sequences is not yet saturated in these two libraries. By far the lowest richness was observed in the South Bay (CB3) library, while intermediate levels were observed at the two mesohaline stations, CT2 and CB2. Overall, the rarefaction curves illustrate a rather striking trend among these sites spanning the estuarine salinity gradient, in which nirS richness decreased as salinity increased along the estuary (Figure 4 and Table 2). This trend is consistent with a previous study reporting that nirS diversity was inversely correlated with salinity in a wastewater treatment plant (Yoshie et al., 2004). Interestingly, no clear trends in nirS richness across estuarine salinity gradients were observed in Huntington Beach (Santoro et al., 2006) or San Francisco Bay (SFB; Mosier and Francis, 2010); however, both nirS abundance and denitrification potential activity were correlated with salinity in SFB, further highlighting the significance of this environmental factor in large North American estuaries.
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Figure 4. Rarefaction curves displaying observed OTU richness versus the number of nirS clones sequenced from each of five Chesapeake Bay sediment samples. OTUs were defined according to 5% nucleotide sequence difference using the furthest neighbor method.


Table 2. Richness and diversity statistics for nirS clone libraries from five Chesapeake Bay sediment samples.
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The freshwater/oligohaline stations (CT1 and CB1) had the greatest total number of OTUs that were found exclusively at one site (Table 2). Interestingly, using the same OTU definition (5% cutoff), betaproteobacterial amoA richness was also greatest in the North Bay (CB1) but the lowest and essentially identical levels of richness were detected at the two mesohaline stations, CT2 and CB2, and intermediate levels at CT1 and CB3 (Francis et al., 2003). Thus, the relative richness/diversity of denitrifying and AO communities (based on functional genes) may be influenced differently by physical/chemical parameters, such as salinity and oxygen. It is clear that salinity has a direct, if imperfectly understood, effect on ammonia oxidizer diversity and activity (De Bie et al., 2001; Caffrey et al., 2003; Francis et al., 2003; Bernhard et al., 2005, 2007; Ward et al., 2007; Mosier and Francis, 2008); however, it is worth noting that some studies have found other factors (e.g., pH) to be important in structuring estuarine AO communities (Dang et al., 2010). Nitrate, which covaries with salinity in this system, and organic matter flux may be more important for denitrifiers. Given the limited number of samples (5) in this study, we are not able to untangle the potentially complex influence of these factors with our data; nevertheless, the pattern of changing nirS diversity along the salinity gradient is striking.

Although rarefaction analysis is useful for comparing the relative observed richness among clone libraries, it is not intended to predict the actual community richness (i.e., total number of OTUs) within the original samples (Hughes et al., 2001). Therefore, we also utilized several non-parametric richness estimators and diversity indices to analyze the nirS clone library data (Table 2). The extrapolated richness estimates (Chao1 and ACE) were generally much higher (~2–3-fold) than the observed richness within a given library. For example, the total number of observed nirS OTUs within our dataset (172 OTUs) represented only 37 to 48% of the number of OTUs predicted by ACE and Chao1, respectively. Overall, the predicted nirS richness values basically exhibited the same trend from high to low richness along the estuarine gradient that was revealed through rarefaction analysis. The classical ecological diversity indices (Shannon and Simpson's) also supported this trend.

ANALYSIS OF OTU DISTRIBUTIONS

The number of OTUs shared between sites represents one measure of site similarity (Table 3). CT1 and CB1 had the greatest number of site-specific OTUs, while CB2 and CB3 had the greatest degree of overlap in OTU occurrence. A second measure of site similarity is the frequency of shared OTUs among sites. OTUs representing a large portion of the sequenced clones (i.e., the most abundant sequences within the clone libraries) have a large impact on this second measure of site similarity. Eight of the 172 nirS OTUs detected in the Chesapeake Bay accounted for 232 (42%) of the total sequences (Figure 5). Of these eight abundant OTUs, only two were unique to a particular site (OTUs 7 and 8 from CB1), while the remaining six each included sequences from two or more sites, as well as sequences from a mesohaline site. All 8 major OTUs corresponded to distinct phylogenetic clusters in the NirS amino acid tree in Figure 2. OTU1 contained the greatest number of sequences, including 71 CB3 and 20 CB2 sequences (Figure 5). The other 164 OTUs were mostly rare, 101 of which were represented by only a single nirS sequence (i.e., singletons).

Table 3. Shared nirS OTUs from five Chesapeake Bay sediment samples.
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Figure 5. Histogram of the eight most common OTUs from the five Chesapeake Bay nirS clone libraries. OTUs were considered common if the total abundance of an OTU was ≥2% of the total number of nirS clones analyzed (550). The x-axis lists the OTU designation (8 of 172 OTUs are displayed), as well as the percentage of total sequences that each OTU comprises.


In order to quantify the distribution of OTUs across sites, including information from both the number of shared OTUs and the relative frequency of OTUs, a cluster analysis based on normalized OTU distribution was performed. This analysis revealed the same two station groups that had been identified in the cluster analysis of environmental data above (Figure 3). The first group was comprised of CB1 and CT1 and the second group contained CB2, CT2, and CB3 (Figure 3). The mesohaline sites, CB2 and CT2, were most similar in terms of both OTUs and environmental characteristics. A Mantel test indicated that the correspondence of OTU distribution and environmental variables was significant (p = 0.006). The observed clustering of environmental variables and sampling sites suggests a relationship between environmental factors and OTU distribution. However, the rather limited number of samples (5) ultimately limits our statistical power to definitively determine the impact of particular factors on the distribution of nirS-type denitrifier populations. While it is not always feasible (or desirable) to generate massive PCR clone libraries for the extensive number of samples necessary to perform more robust statistical approaches (e.g., non-metric multidimensional scaling), the extensive nirS dataset described in this study allowed the development of a microarray (Bulow et al., 2008) that can now be used to easily screen a much larger number of samples (e.g., Jayakumar et al., in press).

PHYLOGENETIC ANALYSIS OF CHESAPEAKE BAY nirS SEQUENCES

In addition to comparing the relative richness and OTU distribution of nirS sequences, we examined the phylogenetic relationships of these sequences (Figure 2). The deduced amino acid sequences of the 550 nirS clones from Chesapeake Bay sediments showed only 35–85% identity to sequences of cultivated denitrifying strains. Instead, the majority of the sequences fell into phylogenetic clusters comprised primarily of Chesapeake Bay sequences and, in some cases, closely related marine and estuarine environmental clones (Figure 2).

For the purposes of this discussion, we have grouped the sequences into 10 broadly defined clusters/regions of the tree. As suggested by the extensive richness of nirS OTUs associated with the two oligohaline stations, CT1 and CB1, the sequences from these sites were distributed among numerous branches throughout the tree (Figure 2). However, even the less abundant sequences and OTUs exhibited substantial overlap between CB1 and CT1, as might be expected from the similarity in physical/chemical characteristics of CB1 and CT1. In fact, many sequences from these stations fell into similar regions or clusters of the phylogenetic tree, including two large clusters (II and IV) in the upper region of the tree (Figure 2) comprised almost exclusively of CT1 and CB1 sequences. Interestingly, all but one of the mRNA nirS clones recovered from the low-salinity, hyper-nutrified (1 mM nitrate) Hythe site, located at the head of the River Colne estuary (Nogales et al., 2002), also fell into these clusters, several of which were >95% identical to these Chesapeake sequences. The similar salinity regimes at these two geographically-distinct upper estuarine sites, despite considerably higher nitrate concentrations in the Colne estuary, support the importance of salinity (or an environmental factor that co-varies with salinity) as a key determinant in structuring denitrifying communities. Furthermore, the nirS sequences in Clusters II and IV apparently correspond to “low-salinity” groups of estuarine denitrifiers.

In addition to the “low-salinity” sequence types, the remaining CT1 and CB1 sequences were dispersed throughout the tree, either in discrete site-specific clusters or within clusters of sequences from other CB sites, possibly corresponding to denitrifiers that have a wide salinity tolerance. In addition to those CT1 and CB1 sequences that fell broadly into similar clusters, 13-19% of the sequences in each library were essentially identical (>99% amino acid identity) to sequences from the other site. In the absence of clone library analysis from CT1 in April 2001, comparisons between CB1 and CT1 unavoidably combine temporal and spatial variation. Even less overlap was observed in the amoA sequence types recovered from these two sites (Francis et al., 2003), perhaps reflecting differences in how salinity influences the composition of AO and denitrifying communities. Despite similar conditions, these upper bay and river sites experience quite different allochthonous inputs (urban vs. agricultural, respectively), which likely include microbes as well as nutrients, and these factors may interact with the physiological response to salinity.

While only three CT2 sequences fell into the two “low-salinity” clusters (II and IV), more than half (59 of 111 sequences) of the CT2 sequences fell into three distinct but closely related subclusters within cluster X (corresponding largely to OTU2, 4, and 5 from Figure 5). Cluster X contains a small number of CT1 and CB1 sequences, but is clearly dominated by sequences from mesohaline and polyhaline sites. Interestingly, there was considerable overlap between sequences from CT2 and CB2, as well as CB2 and CB3, but virtually no overlap between CT2 and CB3 (Figure 2) (also demonstrated in Figure 5 and Table 3).

The mesohaline CB2 station represents the transition zone between the North and South Bay sites, as well as the junction between the mainstem of the Bay and the Choptank River. Like the transition from CT1 to CT2, a shift in both denitrifier richness (Figure 4 and Table 2) and community composition (Figure 2) occurred between CB1 and CB2. Although the “true” (e.g., 16S rRNA-based) phylogenetic affiliations of denitrifiers cannot usually be determined based on nirS functional gene sequences alone, it is tempting to speculate that the shift in nirS sequence types from CB1 to CB2 in part reflects a major overall compositional shift in the sedimentary microbial communities between the oligohaline stations and mesohaline stations. Indeed, the transition from oligohaline to mesohaline conditions in estuarine systems is often accompanied by dramatic shifts in microbial community structure (De Bie et al., 2001), and the Chesapeake Bay estuary is no exception. Using 16S rRNA probes to enumerate the main groups of Proteobacteria by fluorescence in situ hybridization (FISH), Bouvier and Del Giorgio (2002) found consistent community shifts between the upper and lower Choptank River (CT) regions. Betaproteobacteria were abundant in the freshwater stations, but were rare in the lower river and the opposite pattern was observed for Alphaproteobacteria. The switch occurred at approximately the location of our station CT2, suggesting that a shift in the community structure of proteobacterial denitrifiers might also be expected between the two river stations, CT1 and CT2 (Taroncher-Oldenburg et al., 2003), and possibly CB1 and CB2.

Perhaps the most striking feature of the phylogenetic tree (Figure 2) is the large cluster of 83 closely-related CB3 sequences (and 23 CB2 sequences) within cluster X (corresponding to OTU1 and OTU3 in Figure 5), which share 95–100% amino acid identity to sequences of RT-PCR and PCR clones recovered from meso- to poly-haline sites within the River Colne estuary (Nogales et al., 2002) and Puget Sound (Braker et al., 2000), respectively. Within the OTU1 subcluster, 47 CB3 clones (represented by CB3-S-1) and 17 CB2 clones (represented by CB2-S-17) were 100% identical. Interestingly, these sequences also shared >99% identity with mRNA clones obtained from Narragansett Bay sediment mesocosms (Fulweiler et al., 2013). The remarkable similarity between these dominant mid- and South Chesapeake Bay sequences and sequences from multiple geographically-distinct estuaries suggests that these nirS genotypes may be ubiquitous in mesohaline to polyhaline (15–30 psu) sedimentary environments. Furthermore, using a nirS microarray, developed using sequences from this study, Bulow et al. (2008) demonstrated that sequences corresponding to the dominant CB3 nirS genotypes (OTU1) as well as the major CT2/CB2 sequence type (OTU2) within Cluster X were the most abundant (DNA) and most actively expressed (mRNA) within both CB2 and CB3 sediments. It is worth highlighting that 5 of the 8 most abundant nucleotide-based OTUs identified in the present study (Figure 5) correspond to well-defined clusters of NirS amino acid sequences within Cluster X (Figure 2), all of which are distinct from known cultivated denitrifiers. The microarray format used by Bulow et al. (2008) is capable of distinguishing nirS sequences that differ by 13–15% sequence identity (Taroncher-Oldenburg et al., 2003). Thus it is likely that 70-mer probes based on OTU1 and OTU2 sequences (defined based on a 5% identity cutoff) would collectively detect sequences corresponding to all 5 major OTUs within Cluster X. The microarray results verify that not only are these Cluster X sequences most abundant in Chesapeake Bay, but they also represent the most active groups.

Although the vast majority of sequences from the Chesapeake Bay were either site-specific or clustered with sequences from sites with similar physical/chemical characteristics, 5–10% of the cloned sequences from all five sites fell into one large well-supported phylogenetic cluster (IX). This cluster also included 10 clones from a number of different environments, including sediments from the River Colne estuary, Puget Sound, and Washington continental margin, as well as water column depths within the Baltic Sea and the coastal Arabian Sea oxygen minimum zone. The only cultivated member of this cluster is Azoarcus tolulyticus, a nitrogen-fixing betaproteobacterium that can degrade toluene under denitrifying conditions (Zhou et al., 1995; Song and Ward, 2002). This cluster is thus not only widely distributed geographically, but also among several different kinds of estuarine and marine environments.

The most divergent nitrite reductase sequences obtained in this study, sharing only 35–40% amino acid identity with the nearest cultivated denitrifier sequence, fell into Cluster I along with related sequences from several other marine and sedimentary environments. These distinct sequences represented 2% of the total 550 nirS sequences in this study, comprising 6% of the CT1 clones, and 1–2% of three other libraries, but were not found in the CB1 library. Although Cluster I sequences are quite distinct from most known NirS sequences, there appears to be conservation of key amino acid residues known to be critical for function. For example, Histidine 352 (P. aeruginosa numbering), which serves as a heme-d1 ligand in the active site of cytochrome-cd1 nitrite reductase enzymes, was conserved among Cluster I and all other sequences in this study.

CONCLUSIONS

This study has revealed extensive and unprecedented nirS diversity within Chesapeake Bay estuarine sediments, with the vast majority of 550 sequences falling into numerous novel phylogenetic clusters, lineages, and OTUs, many of which may represent estuarine-specific sequence types. Both the benthic N2 fluxes and nirS gene sequences were non-randomly distributed in relation to the physical/chemical parameters observed across the five estuarine sites. While salinity was most obviously related to the benthic N2 fluxes and observed diversity patterns, covariation of key parameters and the limited number of sampling sites makes it difficult to definitively determine the importance of individual environmental factors in this study. A clear shift in nirS phylogeny and richness occurred between the freshwater and mesohaline stations, where the steepest environmental gradients were also observed. In contrast, the transition from the mesohaline mid-Bay station to the polyhaline South Bay station was less pronounced, with considerable overlap observed in nirS sequence types and fairly comparable richness. Sequences were not evenly distributed among the stations, however, and some dominant nirS genotypes (within clone libraries) were identified, especially at CB3, the most “marine” site. The eight most abundant OTUs accounted for 42% of the total sequences, consistent with the idea that nirS-type denitrifiers exhibit a typical “species” abundance curve, with a few very common types and many rare ones. The dominant nirS genotypes identified here are not obviously affiliated with known denitrifying strains, which implies that we know very little about a group of organisms that are numerically-dominant (and active in gene expression) in this system and ubiquitous in estuarine systems in general. Recent advances in high-throughput sequencing technology will undoubtedly allow future studies to more thoroughly survey the diversity of nirS sequences, and microarray technologies will allow a larger number of samples to be investigated so that interactions with complex environmental factors can be better understood. However, further cultivation and/or metagenomic investigations will ultimately be required to determine the phylogenetic and physiological nature of these estuarine denitrifier groups.
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The Tropical North Atlantic (TNAtl) plays a critical role in the marine nitrogen cycle, as it supports high rates of biological nitrogen (N2) fixation, yet it is unclear whether this process is limited by the availability of iron (Fe), phosphate (P) or is co-limited by both. In order to investigate the impact of nutrient limitation on the N2-fixing microorganisms (diazotrophs) in the TNAtl, trace metal clean nutrient amendment experiments were conducted, and the expression of nitrogenase (nifH) in cyanobacterial diazotrophs in response to the addition of Fe, P, or Fe+P was measured using quantitative PCR. To provide context, N2 fixation rates associated with the <10 μm community and diel nifH expression in natural cyanobacterial populations were measured. In the western TNAtl, nifH expression in Crocosphaera, Trichodesmium, and Richelia was stimulated by Fe and Fe+P additions, but not by P, implying that diazotrophs may be Fe-limited in this region. In the eastern TNAtl, nifH expression in unicellular cyanobacteria UCYN-A and Crocosphaera was stimulated by P, implying P-limitation. In equatorial waters, nifH expression in Trichodesmium was highest in Fe+P treatments, implying co-limitation in this region. Nutrient additions did not measurably stimulate N2 fixation rates in the <10 μm fraction in most of the experiments, even when upregulation of nifH expression was evident. These results demonstrate the utility of using gene expression to investigate the physiological state of natural populations of microorganisms, while underscoring the complexity of nutrient limitation on diazotrophy, and providing evidence that diazotroph populations are slow to respond to the addition of limiting nutrients and may be limited by different nutrients on basin-wide spatial scales. This has important implications for our current understanding of controls on N2 fixation in the TNAtl and may partially explain why it appears to be intermittently limited by Fe, P, or both.
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INTRODUCTION

Nitrogen (N2) fixation is an important component of the marine N2 cycle, as it serves as a source for biologically available N2 and can relieve N-limitation experienced by microbial communities living in oligotrophic regimes, in turn supporting a significant percentage of new production (Gruber and Galloway, 2008). High rates of biological N2 fixation (BNF) have been reported in the oligotrophic Tropical North Atlantic (TNAtl; Voss et al., 2004), and some estimates indicate that N2 fixation may support a large percentage of the export production in this region (Gruber and Sarmiento, 1997). Evidence indicates that these high BNF rates are influenced by Saharan dust deposition to surface waters in the TNAtl, which delivers dissolved iron (Fe) and to a lesser extent phosphorus (P; Mills et al., 2004), nutrients which are essential for the growth and activity microorganisms with the metabolic capability of N2 fixation, termed diazotrophs.

It remains unclear whether BNF in the TNAtl is ultimately limited by the availability of Fe, P or is co-limited by both. Several studies have argued that high fluxes of Fe-rich Saharan dust in to the TNAtl drive P-limitation of diazotrophy (Sanudo-Wilhelmy et al., 2001). More recently, Moore et al. (2009) correlate the different magnitudes of N2 fixation in the North and South Atlantic to Fe inputs rather than P availability, and ultimately argues that on large spatial scales, N2 fixation is limited by Fe in the Atlantic Ocean. However, direct experimental measurements of the response of N2 fixation to P or Fe additions in the TNAtl is limited to a study conducted by Mills et al. (2004), in which N2 fixation was only stimulated by the addition of both Fe and P, or by Saharan dust (presumed to have both) in the easternmost part of the basin.

A diverse community of diazotrophs has been described in this ocean basin that includes Trichodesmium, unicellular cyanobacteria (UCYN-A and Crocosphaera, also referred to as UCYN-B), and the heterocystous symbiont Richelia associated with diatoms Rhizosolenia clevi (sometimes abbreviated as Het-1, but will be referred to as RR herein) and Hemiaulus hauckii (Het-2, HR herein; Langlois et al., 2008; Foster et al., 2009; Goebel et al., 2010). Goebel et al. (2010) reported on the spatial and depth distribution of these cyanobacterial phylotypes across the TNAtl, determined using quantitative polymerase chain reaction (qPCR) assays targeting a gene in the nitrogenase operon, nifH, and used a subset of this nifH-based abundance data in a diagnostic model to predict contributions of several phylotypes to N2 fixation in these waters. Trichodesmium was the dominant diazotroph at most of the stations surveyed, and the resulting model suggests that it is also responsible for a majority of the N2 fixed in these waters. However, in the easternmost stations around the Cape Verde Islands, abundances of the uncultivated unicellular cyanobacteria, UCYN-A, exceeded those of Trichodesmium, suggesting that UCYN-A may be the most important contributor to N2 fixation rates in this region. A separate study in the vicinity of the Cape Verde Islands, reported that nifH expression in UCYN-A was consistently higher (per L of seawater) than in other diazotrophs, including Trichodesmium (Turk et al., 2011). Together with the studies of Langlois et al. (2008) there is an emerging pattern of distinct spatial variability of the dominant diazotrophs in the TNAtl. However, there is a paucity of data on the expression of nifH in these phylotypes throughout this basin, and more importantly, there have been no direct measurements of how additions of Fe and P to natural populations of diazotrophs in the TNAtl impact the expression of nifH in individual cyanobacterial phylotypes (which can be considered a proxy for active N2-fixing activity).

The biological reduction of N2 to biologically available N is energetically expensive and has high Fe requirements, due to the use of Fe as a cofactor in the nitrogenase enzyme. Furthermore, the efficiency of microorganisms in utilizing Fe appears to be strain-specific (Berman-Frank et al., 2007). Recent advances in metagenomic techniques have provided insight into the metabolic potential of several cultivated diazotrophs. For example, the recently sequenced genomes of Trichodesmium erythraeum IMS101 and Crocosphaera watsonii WH8501 indicate that these diazotrophs have significant differences in their capabilities to acquire and use different species of dissolved organic P (DOP) (Dyhrman and Haley, 2006; Dyhrman et al., 2006). It follows that in natural populations of diazotrophs, the availability of Fe and P will have different impacts on N2 fixation based on the diazotrophic taxa present.

This study extends the findings of Goebel et al. (2010) by investigating the spatial variability of nifH expression associated with the same natural populations of cyanobacterial diazotrophs using reverse transcription (RT)-qPCR assays. BNF rates associated with the small size-fraction (<10 μm) of these natural populations were also measured using 15N2 tracer assays (Montoya et al., 1996). To investigate the nutrient limitations of diazotrophy in this ocean basin, five trace-metal clean bottle incubations were conducted over 36–48 h periods, with additions of Fe, inorganic phosphorus, and a combination of both (Fe+P). Both qPCR and RT-qPCR assays were used to determine changes in nifH-based abundances and nifH expression in five cyanobacterial phylotypes in response to these experimental conditions, and BNF rates for the small size-fraction were also measured. This study is one of the first attempts to use targeted functional gene expression to investigate the response to nutrient additions in natural assemblages of marine microorganisms.

MATERIALS AND METHODS

CRUISE TRACK, CTD AND DIEL SAMPLING

Samples were collected during a 2006 Trans-Atlantic cruise aboard the R/V Seward Johnson (Figure 1). The eastbound leg of the cruise began in Barbados, and transited southeast into Amazon plume-influenced waters, then east to the Cape Verde Islands. The westbound leg of the cruise transited southwest from the Cape Verde Islands to the Equator, then transited northwest through Amazon plume-influenced waters again, back to Barbados. Samples were collected for the quantification of daytime and nighttime nifH expression in natural cyanobacterial populations, and for the corresponding N2 fixation rates, using Niskin bottles mounted in a rosette coupled to a conductivity temperature depth (CTD) instrument from the surface (between 5–15 m), the deep chlorophyll max (DCM; between 65–125 m depth), and depth of the oxygen minimum (between 150–200 m). Seawater from Niskin bottles was collected into HCl-cleaned polycarbonate bottles with HCl-cleaned tubing. If the CTD was deployed within 2 h of local noon or midnight, samples were collected directly from the Niskin bottles, and immediately filtered and frozen (as described below). In some cases, this was not possible, and the water was collected into 4 L bottles and incubated at surface seawater temperatures with shading to approximate the appropriate light intensity until harvested at local noon/midnight. All samples for molecular analyses were filtered using a Masterflex peristaltic pump (Cole Parmer, Vernon Hills, IL) and size-fractionated onto a 25 mm diameter 10 μm pore-size polyester filter (GE Osmotics, Minnetonka, MN) and a 25 mm 0.2 μm Supor filter (Paul Corp., Port Washington, NY), held in parallel swinnex filter holders (Millipore, Billarica, MA). Filters for RNA samples were transferred into microcentrifuge tubes containing 0.1 and 0.5 mm diameter glass beads (BioSpec Products, Bartsville, OK) and 400 μL RLT buffer (Qiagen, Germantown, MD, USA) with 1% (v/v) betamercaptoethanol (BME), immediately frozen in liquid N2, and kept at −80°C until extraction. Filters for DNA samples were also flash frozen in liquid N2 after being transferred in to microcentrifuge tubes containing 500 μL TE buffer and glass beads and stored at −80°C. Samples were also taken and analyzed for inorganic nutrient concentrations (nitrate+nitrite, phosphate, and silicate) and chlorophyll a, and the methods used for sampling and analysis along with the resulting data was reported in Goebel et al. (2010).
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Figure 1. Cruise track of SJ0609 aboard R/V Seward Johnson in September 2006. Diel nifH expression is reported from stations italicized in bold. MEGA nutrient addition experiments were performed at stations designated with arrows.


NUTRIENT ENRICHMENT (MEGA) EXPERIMENTAL SET-UPS

At stations 6, 9, 14, 17, and 21, large volumes of surface water were collected for nutrient enrichment experiments (called the “MEGA” experiments). These MEGA experiments were conducted using trace metal clean techniques throughout the entire sampling process. The seawater, pumped from approximately 10 m using acid-washed tubing, was collected directly into large acid-washed mixing carboys within a laminar-flow trace metal clean working area. For each of the five MEGA experiments, the seawater was subsequently dispensed into 4-L acid-washed polycarbonate bottles. The 4 L bottles were designated for sampling at various time intervals (0, 12, 24, 36, and 48 hours) and with different nutrient amendments (control, Fe, P, and Fe+P). For MEGA experiments 1–4, Fe bottles were amended with FeCl3 (dissolved in 0.01 N HCl) for a final concentration of 10 nM of added Fe and P bottles were amended with KH2PO4 (stock solution previously eluted through a Chelex-100 column to remove trace metals) for a final concentration of 200 nM of added PO4. As the Amazon River plume influenced nutrient levels at Station 21, final concentrations of Fe and P were increased to 50 nM and 2 μM, respectively, in MEGA5. Time zero bottles were sampled immediately. The remaining bottles were placed in spectrally corrected blue deck-board incubators that were continuously flushed with surface seawater to maintain the proper temperature until ready for sample processing. Samples for RNA extraction and 15N2 rate measurements were collected from duplicate bottles at each time point and for each type of nutrient enrichment; samples for DNA extraction were collected from triplicate bottles. DNA and RNA samples were filtered (500–2000 mL depending on time point) as described above. RNA samples were collected at every time point whereas DNA samples were only collected at 0, 24, and 48 h.

15N2 RATE MEASUREMENTS

Rates of N2 fixation were measured using tracer additions of 15N2 gas following the general protocol of Montoya et al. (1996). In brief, incubation bottles were filled to the point of overflowing, while carefully excluding bubbles, then 2 mL of 15N2 gas at 1 atm pressure was added using a gas-tight syringe. The bottles were incubated under simulated in situ conditions in a flowing seawater incubator on deck for 12, 24, 36, or 48 h, and were terminated by gentle pressure filtration through a 10 μm Nitex screen and a precombusted GF/F filter (small size fraction material). Material collected on the 10 μm screens (large size fraction material) was rinsed off and transferred to a precombusted GF/C filter. Filters were dried at 60°C on board the ship then stored over desiccant for analysis ashore.

All isotope measurements were carried out by continuous-flow isotope ratio mass spectrometry using a Micromass Optima interfaced to a CE Instruments NC2500 elemental analyzer for online combustion and purification of organic N2. All isotope abundances were corrected for instrument and blank effects as described in Montoya (2008), and rates were calculated using the mass balance approach of Montoya et al. (1996).

NUCLEIC ACID EXTRACTIONS AND cDNA GENERATION

DNA from bottle incubations was extracted using the modified DNeasy Plant kit (Qiagen) method described in Moisander et al. (2008) with the following modifications: the glass beads were added to autoclaved bead-beating tubes prior to sampling; freeze-thaw cycles used liquid N2 rather than an ethanol/dry ice slurry; and the final elution volume was 50 μL. DNA extracts were stored at −20°C. This is the same protocol used to process the complementary samples presented in Goebel et al. (2010), which are used to provide context for this study. DNA extracts were quantified using the Quant-iT™ PicoGreen® kit assay kit (Invitrogen, Carlsbad, CA, USA) and measured using a SpectraMax M2e spectrophotometer (Molecular Devices, Sunnyvale, CA, USA).

RNA extractions were performed using a modified RNeasy Plant Mini kit (Qiagen) protocol. To ensure that extractions were carried out in an RNase-free environment all surfaces and pipettors were cleaned with RNase Zap solution (Invitrogen). Prior to extractions, a DNAse I working solution was made from an RNase-free DNAse I stock (RNase-free DNase set; Qiagen), by adding 10 μL of the stock (2.73 units μL−1) to 70 μL Buffer RDD for each sample. Bead-beating tubes containing filters frozen RLT/BME were thawed on ice and agitated in a bead-beater twice for 2 min each, cooling on ice between bead-beatings (Mini-Beadbeater-96; Biospec Inc., Bartlesville, OK, USA). Filters were removed using sterile needles and discarded. Samples were then centrifuged for 2 min, and the supernatant was transferred into a new sterile 2-mL microfuge tube. 250 μL of 100% ethanol was added to the supernatant, and then samples were gently mixed by inversion and transferred onto RNeasy Mini spin columns. Spin columns were centrifuged for 15 s, and the flow through was discarded. 350 μL of RW1 buffer was then added to each spin column, and after another centrifugation step for 15 s the flow through was discarded. DNA was removed using an on-column DNase digestion step where 80 μL of the DNAse I working solution was added directly to the spin column and incubated at room temperature for 1 h. After DNase digestion, an additional 350 μL of buffer RWI was added to the spin column, followed by another centrifugation step for 15 s. RNA retained on the column was cleaned with two consecutive additions of 500 μL RPE buffer and centrifugation for 15 s followed by an additional 2-min centrifugation to dry columns. RNA was eluted into sterile 1.5 mL microfuge tubes by adding 50 μL RNase-free water to the column, letting sit at room temperature for 1 min and then centrifuging for 2 min. All centrifugation steps were carried out at 8000 × g. RNA extracts were quantified using the Quant-it™ RiboGreen® RNA assay kit (Invitrogen), according to manufacturer's guidelines. RNA extracts were stored at −80°C. Complementary DNA (cDNA) was generated from RNA extracts via RT using the SuperScript™ III First Strand Synthesis System for RT-qPCR (Invitrogen) as described for RT-qPCR reactions in Turk et al. (2011).

QUANTITATIVE PCR ASSAYS FOR ABUNDANCE (qPCR) AND EXPRESSION (RT-qPCR)

Quantitative PCR (qPCR) and RT quantitative PCR (RT-qPCR) were used to quantify nifH gene copies and nifH transcripts, respectively, from five different cyanobacterial phylotypes that have been detected in the TNAtl (Langlois et al., 2008; Goebel et al., 2010; Turk et al., 2011) described in Table 1.

Table 1. Cyanobacterial nifH qPCR and RT-qPCR targets.
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All qPCR reactions used reaction conditions, plate set-up, instrumentation, thermocycling parameters, and approach to calculating nifH transcripts/gene copies L−1 according to methods described in Goebel et al. (2010).

Taking into consideration the dilutions made during the RT reactions, the volume of nucleic acid extractions, and the volume of seawater filtered, the limit of detection (LOD) and limit of quantitation (LOQ) for the RT-qPCR reactions in this study were between 32–63 and 250–500 nifH transcripts L−1 seawater, respectively. The LODs and LOQs were slightly lower (13–25 and 100–200 nifH copies L−1) in the qPCR analysis of DNA extracts. For both qPCR and RT-qPCR analyses, samples were designated as “detected not quantified” (DNQ) where the detected signal was greater than the LOD, but fell below the LOQ.

For cDNA samples, each RT and no-RT sample was screened for inhibition using the UCYN-A primer/probe set by spiking the reaction with a 105 standard and determining the percent efficiency. No inhibition was observed. For a majority of the samples, no-RTs did not amplify, indicating that the DNase step successfully removed all DNA present. In the several samples where amplification was observed in the no-RTs, the nifH transcripts reaction−1 were always in the range of DNQs, and were subtracted from the nifH transcripts reaction−1 calculated for the RT amplification.

In order to discuss nifH expression per N2-fixing cell in natural diazotrophic populations, the following assumptions were made: DNQs were estimated to be 100 nifH copies L−1 for DNA and 250 nifH copies L−1 for RNA; UCYN-A, -B, and Trichodesmium were assumed to have one gene per N2-fixing cell; and the RR phylotype was assumed to have four vegetative cells per heterocyst, and the HR phylotype was assumed to have three vegetative cells per heterocyst (Foster and Zehr, 2006).

Where possible, a Student's t-test (homoscedastic, 2-tailed) was used to determine the statistical significance of differences between control and treatment incubations (p < 0.05) in both abundance (qPCR) and expression (RT-qPCR) data from the MEGA experiments. It is important to note, however, conditions of normality cannot be verified with replicates, and that in many cases, expression and/or abundance data in control incubations were either UD or DNQ, which represents real information that cannot be included in a t-test.

RESULTS

NITROGENASE GENE EXPRESSION IN NATURAL POPULATIONS OF CYANOBACTERIA IN THE TROPICAL NORTH ATLANTIC

In order to investigate the diel nifH expression in natural populations of cyanobacterial diazotrophs in the TNAtl, we used a combination of direct sampling from the CTD and shipboard incubations at eight stations along the SJ0609 transit (Figure 1). These stations spanned a range of environmental conditions (Table 2), from waters with low salinities (<35 ppt) resulting from the Amazon River plume (Stations 20, 22, and 23), to the oligotrophic waters surrounding the Cape Verde Islands (Stations 10 and 13), and equatorial waters with detectable NO3+NO2 and PO4 at the surface, characteristic of equatorial upwelling (Station 17). Diel nifH expression was determined for UCYN-A, UCYN-B, Trichodesmium, HR and RR using RT-qPCR assays. In addition to considering the absolute nifH transcripts L−1 for each phylotype at three depths in the photic zone (Figure 2), daytime and nighttime expression data was also normalized to represent the number of transcripts associated with each N2-fixing cell (Figure 3), which had been used as a proxy for which diazotrophs are most actively expressing nifH (Zehr et al., 2007). This required dividing the nifH transcript copies L−1 by the nifH gene copies L−1 reported by Goebel et al. (2010), which were determined from complementary sampling efforts at these stations, and the assumptions outlined in the method section for the ratio of vegetative and heterocystous cells in the HR and RR. In general, the highest nifH expression for the unicellular cyanobacterial phylotypes UCYN-A and UCYN-B was measured in the eastern part of the basin (Stations 9, 10, and 13), and highest nifH expression for the heterocystous cyanobacterial symbionts was measured along the southern cruise track in the western part of the basin (Station 22). Trichodesmium nifH expression was measured at all eight stations (Figure 2).

Table 2. SJ0609 station information, environmental and experimental parameters for all stations and depths sampled for both diel investigations and MEGA experiments.
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Figure 2. Daytime and nighttime nifH expression and BNF rates associated with the <10 μm size-fraction in natural populations of diazotrophs. No BNF rates were measured at Station 22. Note the different scales on the x-axis of nifH expression data, and the y-axis for BNF rate depths. Abbreviations: UCYN-A, uncultivated unicellular cyanobacteria group A; UCYN-B, uncultivated unicellular cyanobacteria group B; Tricho, Trichodesmium; RR, Richelia in Rhizosolenia (Het-1); HR, Richelia in Hemiaulus (Het-2); and Σ, sum of all nifH transcripts L−1 for both size-fractions quantified at each station and depth.
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Figure 3. Diel nifH expression normalized to the abundance of each phylotype. Expression data across all stations was pooled, and transcript numbers were normalized to each N2-fixing cell using nifH-based abundances at each station reported in Goebel et al. (2010), and assumptions outlined in the methods section. DNQs for DNA and RNA were changed to 100 and 250 nifH copies/transcripts L−1 for these calculations, respectively.


UCYN-A was found to be actively expressing nifH around mid-day at a depth of 15 m at Station 10, with 39 nifH transcripts N2-fixing cell−1, and also had elevated levels of expression at night at this station and depth (Figure 2). Although UCYN-B was detected in DNA samples in surface waters at Station 10 (Goebel et al., 2010), expression of nifH from UCYN-A accounted for all of the characterized transcripts in both the daytime and nighttime samples. The observation of nifH expression during the day is consistent with what we now know about the photoheterotrophic metabolism of UCYN-A (Zehr et al., 2008; Tripp et al., 2010). However, measuring high transcript numbers during the night is contrary to diel observations made at station ALOHA, where nifH expression was not observed in the dark (Zehr et al., 2007).

UCYN-B nifH expression was observed exclusively at night in surface waters at Station 9 (5 m) and at the DCM at Station 13 (65 m). This supports previous observations, in both cultures and in the environment, that UCYN-B temporally separates N2 fixation to protect the nitrogenase from oxygen evolved during oxygenic photosynthesis (Church et al., 2005; Zehr et al., 2007; Shi et al., 8501). Although nifH-based abundances are generally considered a proxy for the dominant diazotrophs in a given sample, such assumptions can be incorrect when comparing nifH-based abundance data with nifH transcript data. This is evident in surface samples from Station 9, where no UCYN-B was detected using nifH-based abundances (implying UCYN-B abundance was <63 nifH copies L−1, the LOD for this qPCR assay; Goebel et al., 2010), yet nifH transcripts from UCYN-B were the predominant contributor to the overall nifH pool characterized at 5 m (Figure 2), even representing the highest normalized nifH transcripts N2-fixing cell−1 among all the samples and diazotrophs characterized in this study (Figure 3).

Trichodesmium was the most abundant phylotype across this ocean basin (Goebel et al., 2010) and nifH transcripts were consistently high, with the notable exception of having low copy numbers and expression in surface waters at Station 10. However, when transcripts were normalized to nifH gene copies (reported from complementary samples in Goebel et al. (2010)), normalized transcripts from Trichodesmium were consistently low (Figure 3), less than 10 nifH transcripts N2-fixing cell−1. The highest normalized nifH expression measurements were found midday at Station 10 (125 m), Station 13 (5 m), and Station 17 (5 m). At station ALOHA, normalized gene expression for Trichodesmium has been measured to be an order of magnitude greater (~100 transcripts gene−1; Zehr et al., 2007).

As described for UCYN-B, nifH-based abundances (from DNA samples) do not always predict Trichodesmium nitrogenase activity. For example, at Station 13, it appeared that UCYN-A was the dominant diazotroph in surface waters using nifH-based abundances (4.6 × 104 nifH copies L−1; Goebel et al., 2010). However, it appears that Trichodesmium may be the most active N2-fixing organism, as a majority of the nifH transcripts quantified from these surface waters were from Trichodesmium (2.4 × 104 Trichodesmium nifH transcripts L−1, compared to 4.8 × 103 UCYN-A nifH transcripts L−1; Figure 2).

RR nifH expression was highest at midday in surface waters at Station 20 at 3.6 × 103 nifH transcripts L−1. Despite being two-orders of magnitude lower than Trichodesmium nifH transcripts, normalized nifH transcripts N2-fixing cell−1 in this sample were the highest measured in this study for non-unicellular cyanobacterial diazotrophs (24 nifH transcripts N2-fixing cell−1; Figure 3). This indicates that although RR may be less abundant than Trichodesmium, its contribution to the fixed N pool in this region may be just as important, if not more important, than Trichodesmium. RR and Trichodesmium were the only two phylotypes with detectable expression in the warm equatorial waters at Station 17 (4.2 × 102 and 4.3 × 105 nifH transcripts L−1, respectively). RR was either not detected or had low abundances at all other stations and depths. However, it should be noted that RR abundances and expressions were not measured for Stations 22 and 23, a region of the Atlantic basin heavily influenced by the Amazon plume where abundant RR and HR have previously been documented (Foster et al., 2007).

HR nifH transcripts were detected in both daytime and nighttime surface samples at Stations 9 and 20 and in the daytime surface sample at Station 22. At Stations 9 and 20, the normalized transcript abundance was low, at <4 nifH transcripts N2-fixing cell−1. At Station 9, nifH transcripts from HR accounted for a majority of the transcript pool for the daytime sample (Figure 2), despite being lower in abundance than UCYN-A (1.5 × 103 and 5.6 × 103 nifH copies L−1 for HR and UYCN-A respectively; Goebel et al., 2010). It is important to note that the highest measured nifH transcripts for HR were in surface waters at Station 22 (1.1 × 105 nifH transcripts L−1), but no DNA was analyzed for this sample, so the normalized expression cannot be determined. Both RR and HR nifH expression are positively correlated with temperature (r2 = 0.27, p = 0.01 and r2 = 0.20, p = 0.03, respectively), and negatively correlated with salinity (r2 = 0.18, p = 0.04 and r2 = 0.26, p = 0.01, respectively), but these correlations, though significant, are weak. In the case of RR, these results contradict those reported in Foster et al. (2009) from a region farther south (the eastern equatorial Atlantic), where the correlation between RR and temperature was negative.

BIOLOGICAL NITROGEN FIXATION RATES IN THE TROPICAL NORTH ATLANTIC

BNF rates associated with the small size-fraction were generally highest in surface waters at the oligotrophic stations and reached their highest rates at the easternmost Stations 10 and 13, at 34.3 ± 5.0 pmol L−1 h−1 (15 m), and 32.3 ± 5.0 pmol L−1 h−1 (5 m), respectively. They were also comparably high at Station 23 (26.7 ± 5.3 pmol L−1 h−1; 30 m) where no nifH expression from UCYN-A or UCYN-B was quantified (Figure 2). BNF rates were lowest throughout the photic zone at the equatorial Station 17 (between 0.6 and 5.7 pmol L−1 h−1). At most stations, the biomass collected in the large size fraction (>10 μm) was too small to provide a robust measurement of isotope content and N2-fixation activity, therefore, only the small-size fraction data is reported here.

The overall UCYN-A nifH expression does show a significant positive correlation with integrated BNF rates associated with the small size-fraction (r2 = 0.33, p = 0.0005). However, HR nifH expression showed the strongest correlation with integrated BNF rates (r2 = 0.40 and p = 0.002), across all the stations sampled. This correlation between a diatom-diazotroph association (DDA) and integrated BNF rates assumed to be associated with much smaller cells is surprising and difficult to interpret given that the nifH expression was quantified from the 10 μm filter, and was not measured on the 0.2 μm filter, which is a common practice for these DDAs. There have been several reports of free-living planktonic heterocystous cyanobacteria (e.g., Gómez et al., 2005) that might contribute to BNF rates in this size-fraction, but it is assumed that the Richelia phylotype targeted by this qPCR assay lives within the host diatom frustule. This correlation might also result from either the physical disruption of the HR association during filtration, or the rapid incorporation and excretion of 15N by HR in the 10 μm size fraction, followed up by assimilation into particulate N of smaller microorganisms, an effect which has been reported for Trichodesmium (Mulholland et al., 2006). Due to the technical approaches used to measure BNF rates in this and other studies, discussed in detail below, the values reported here are likely underestimates.

NITROGENASE GENE EXPRESSION IN RESPONSE TO NUTRIENT AMENDMENT EXPERIMENTS

Sets of five trace-metal clean bottle incubations, called the “MEGA” experiments, were conducted at select stations (Figure 1) to investigate nutrient limitations of diazotrophy in major cyanobacterial phylotypes across the TNAtl Ocean basin. Three experiments were conducted on diazotrophic communities in oligotrophic waters (MEGA1—Station 6; MEGA2—Station 9; and MEGA3—Station 14), one in equatorial water with evidence of upwelling (MEGA4—Station 17) and one from the lower salinity, higher-nutrient Amazon-plume influenced waters (MEGA5—Station 21).

Results from each experiment will be discussed in detail below; however, some general findings were consistent across all experiments. Enhanced nifH expression in cyanobacteria associated with the small size-fraction (UCYN-A and UCYN-B) rarely correlated with a stimulation of BNF rates in these experiments, which were carried out over a relatively short time period (between 36–48 h), as the intent was to capture the first order changes evident in gene expression. Despite this lack in response, BNF rates measured in controls from MEGA experiments were almost always higher than those measured for the in situ communities discussed above. It is also important to note that an increase in population size for any given diazotroph throughout the duration of these experiments (as inferred from an increase in nifH gene copies L−1 in DNA extracts) was rare, even in cases where stimulation of nifH expression with respect to the control was measured. Finally, diazotroph nifH-based abundances from time zero samples correlate well with those reported at the same station in Goebel et al. (2010).

MEGA1

Conducted at Station 6, where the low salinity lens from the Amazon River plume is no longer detected, the diazotrophic community in MEGA1 was dominated by Trichodesmium and HR based on the nifH-based abundances in time zero samples, and UCYN-B, Trichodesmium and HR were all showing signs of active regulation of the nif operon based on the detectable expression of nifH in time zero samples. UCYN-A was determined to be present at low abundances in time zero samples (Figure 5), but there was no detection of nifH expression at any point in the experiment, and based on the decrease in nifH abundances by t = 48 h, it appears that this small population of UCYN-A dwindled to below detection limits, or crashed all together. UCYN-B nifH expression appeared to be stimulated in the Fe treatment at t = 48 h, despite being present at low abundances in this treatment, which is somewhat surprising as t = 48 h was taken during the day (Figure 4), and without sampling at the peak of nifH nighttime expression it is difficult to interpret these results. Furthermore, UCYN-B nifH-based abundances increased in the Fe+P treatment, but it is impossible to determine if there were different factors driving UCYN-B growth and N2-fixing activity in this experiment. Trichodesmium was present at high abundances in the control and all three treatments (~105 cells L−1; Figure 5) and was actively transcribing nifH at the onset of the experiment; however, none of the nutrient additions appeared to stimulate nifH expression (Figure 4). Although RR was not expressing nifH at the beginning of this experiment, elevated nifH expression, with respect to the t = 48 h control was measured in the Fe treatment alone, which implies that during the course of the experiment, RR began to regulate the nif operon in the presence of Fe. No BNF rates were available from this experiment.
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Figure 4. Expression of nifH in response to nutrient additions in the MEGA experiments. Quantified nifH transcripts L−1 in time zero samples in each experiment for each phylotype is marked with a dotted line. UCYN-A and UCYN-B nifH transcripts L−1 were quantified from 0.2 μm filters; Tricho, RR, and HR nifH transcripts L−1 were quantified from 10 μm filters. Error bars indicate the standard error, where possible. Significant differences between control and treatment (Student's t-test, p < 0.05) are marked with a grey triangle. Missing data is marked with an asterisk (*). Note the different scales used for the y-axis. Abbreviations: UD, undetected; DNQ, detected not quantified.
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Figure 5. Changes in nifH-based abundances in response to nutrient additions in the MEGA experiments between time zero and t = 48 h samplings. Quantified nifH copies L−1 in time zero samples in each experiment for each phylotype is marked with a dotted line. UCYN-A and UCYN-B nifH copies L−1 were quantified from 0.2 μm filters; Tricho, RR, and HR nifH copies L−1 were quantified from 10 μm filters. Error bars indicate the standard error, where possible. Significant differences between control and treatment (Student's t-test, p < 0.05) are marked with a grey triangle. Missing data is marked with an asterisk (*). Note the different scales used for the y-axis. Abbreviations: UD, undetected; DNQ, detected not quantified.


MEGA2

In MEGA 2, conducted at Station 9, the diazotrophic community was comprised predominantly of UCYN-A, Trichodesmium, and HR (Figure 5; Goebel et al., 2010). Although RR was not detected in time zero samples, nifH-based abundances in t = 48 h samples indicate that they were present in low abundances in the P and Fe treatments as well as the control. UCYN-B was also detected at low abundances in time zero samples, but the Fe+P treatment stimulated a measurable increase in nifH-based abundances by t = 48 h, from 6.7 × 102 nifH copies L−1 to 1.5 × 104 nifH copies L−1. As with MEGA1, the sampling time at the end of the experiment occurred during the daytime, so no information about the stimulation of nifH expression in UCYN-B was obtained in this experiment. Expression of nifH in UCYN-A, Trichodesmium, HR and RR was stimulated in the P treatment, increasing by 103–104 nifH transcripts L−1 with respect to the control expression (which was UD or DNQ for all phylotypes; Figure 4). There was also an increase in nifH expression in the Fe treatments for Trichodesmium, HR and RR, but it was consistently about an order of magnitude less than the P response. BNF rates at t = 12 h did not show any measurable response to any of the three treatments, and rates associated with the t = 48 h samples were unavailable (Figure 6). As discussed in detail below, it is possible that a lack of measureable response in the first 12 h results from incomplete dissolution of the 15N2 tracer gas which was injected into BNF rate incubations during the daytime (Table 2).
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Figure 6. Biological N2 fixation rates associated with the <10 μm size-fraction in response to nutrient additions in the MEGA experiments. BNF rates were measured using the 15N2 tracer method. Error bars indicate the standard deviation for two replicates, where possible. Missing data is marked with an asterisk (*). Note the different scales used for the y-axis.


MEGA3

In the easternmost region of the TNAtl, near the Cape Verde Islands, the prevalence of UCYN-A and UCYN-B has been reported (Langlois et al., 2008; Goebel et al., 2010; Turk et al., 2011), and it is hypothesized that these unicellular diazotrophs may contribute to a significant portion of the fixed N in this area. At Station 14, the source waters for the MEGA3 experiment, the most abundant diazotroph in time zero waters was UCYN-A at 4.0 × 104 nifH gene copies L−1. UCYN-B was present below detection limits of the qPCR assay at time zero. RR was the second most abundant diazotroph at 1.2 × 103 nifH copes L−1, which is in contrast to nifH-based abundances reported in Goebel et al. (2010), where RR was not detected at this station. Trichodesmium and HR were both present at approximately 102 nifH copies, L−1. Only UCYN-A and Trichodesmium had detectable nifH expression in time zero samples. The nifH expression from unicellular diazotrophs was stimulated in P treatments in the t = 24 h daytime sampling (UCYN-A) and the t = 36 h nighttime sampling (UCYN-B). At the t = 48 h sampling however, very low numbers of nifH transcripts associated with UCYN-A were quantified, and no response to the treatments was observed. The opposite is true for Trichodesmium; no nifH expression response was quantified in the t = 24 h sampling, but in the t = 48 h sampling, a significant response in nifH expression was seen in all treatments (Figure 4, Fe, p = 0.04; P, p = 0.003, and Fe+P, p = 0.0002). This was accompanied by a decrease in UCYN-A nifH-based abundances in all treatments, and an increase in Trichodesmium nifH-based abundances in both the Fe+P and P treatments between time zero and t = 48 h samples. These results indicate that UCYN-A was able to respond more quickly to P additions than the other diazotrophs, and that in P-replete conditions, UCYN-A nifH transcription was stimulated more quickly than in Trichodesmium, HR and RR. BNF rates for MEGA3 were determined for t = 12 h (except P), t = 24 h, t = 36 h and t = 48 h (Figure 6). For a majority of the samples, no measurable difference in BNF was measured between the control and treatments. The only measurable stimulation in BNF rate was seen in the t = 36 h sample for the P treatment, which corresponds with the increased response in nifH transcription by UCYN-A and UCYN-B in the first 36 h of this experiment.

MEGA4

In the equatorial waters at Station 17, the diazotrophic community was composed almost entirely of Trichodesmium (Figure 5 and Goebel et al., 2010), although RR was also detected at low abundances in time zero samples (2.2 × 102 nifH copies L−1). Neither Trichodesmium nor RR had detectable nifH expression at time zero, but this is likely due to the nighttime sampling, therefore it is not possible to determine whether these populations were actively regulating the nif operon at the onset of MEGA4. It is reasonable to assume, however, that the Trichodesmium was active, as nifH expression was measured in the natural population (Figure 2) at this station. Both the P and Fe additions stimulated small increases in Trichodesmium nifH transcripts L−1, but a much larger increase in nifH expression was seen in the Fe+P treatment (Figure 4), implying that N2 fixation by Trichodesmium in this region may be co-limited by both Fe and P. However, by the end of the incubation, Trichodesmium abundances were significantly higher in Fe treatments (p = 0.02; Figure 5). Even though unicellular diazotrophs were not detected at this station, BNF rates associated with the <10 μm fraction in MEGA4 were comparable, and in some cases higher, than the rates measured in MEGA3. Furthermore, there was a measurable stimulation of BNF rates associated with the Fe treatment in t = 36 h samples (Figure 6). There are several potential explanations for the measurement of these rates in the small size fraction, including the presence of unicellular cyanobacterial phylotypes or heterotrophic diazotrophs not targeted by these qPCR assays, or the incorporation of 15N by organisms in the small size fraction that was originally fixed then released as reduced N by Trichodesmium, which has been shown to occur on very short time scales (<12 h) in the Gulf of Mexico (Mulholland et al., 2006). It is also possible that measured rates in the small size fraction result from the disruption of Trichodesmium filaments during filtering and size fractionation. Previous studies have visually documented the breakage of Trichodesmium filaments in the filtration process (Letelier and Karl, 1996), an observation consistent with the reported detection of Trichodesmium nifH in the small size fraction using qPCR-based approaches (Zehr et al., 2007; Moisander et al., 2008). Goebel et al. (2010) conducted qPCR analysis of both size fractions on the natural population of Trichodesmium along this cruise track, and reported abundances as the combined total of both size fractions. In surface waters (5 m) at Station 17, 11% of the total nifH copies L−1 were found in the small size-fraction (5.4 × 103 out of a total of 4.8 × 104 nifH copies L−1; Table 3). If the detection of Trichodesmium nifH in the 0.2–10 μm fraction results from disrupted colonies that were fixing N at previously reported cell-specific rates (20 fmol N cell−1 h−1; Capone, 2001), and that the same disruption effect occurred in the filtration for rate measurements, it follows that the cells captured in this size fraction would appear to have incorporated 15N2 at a rate of approximately 100 pmol L−1 h−1, which could account for the measured rates (Table 3), despite this N actually being fixed in the >10 μm community.

Table 3. Size-fractionated Trichodesmium nifH qPCR results from natural populations along this cruise track from 5 m DNA samples reported in (Goebel et al., 2010), and estimated BNF fixation rates associated with disrupted Trichodesmium colonies measured as part of the small size fraction.
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MEGA5

MEGA5 was the only nutrient amendment experiment conducted in Amazon Plume-influenced waters (Station 21). Trichodesmium dominated the diazotrophic community in this experiment (8.2 × 106 nifH copies L−1), although UCYN-B, RR and HR were also present in abundances on the order of 103 nifH copies L−1 (Figure 5). UCYN-A was not detected in qPCR assays at time zero, but was present in the Fe treatment at t = 48 h, however, no UCYN-A nifH transcripts were detected in this experiment. Both UCYN-B and Trichodesmium nifH expression was stimulated with respect to control treatments in Fe+P and Fe treatments (Figure 4). Nutrient amendments did not appear to stimulate nifH expression in RR or HR. Although stimulation of UCYN-B nifH expression in Fe and Fe+P treatments was not reflected in the BNF rates, it is notable that the highest BNF rates in this study were measured from this experiment, reaching as high as 400 pmol L−1 h−1 (Figure 6). As described above for MEGA4, based on the high abundances of Trichodesmium in time zero samples, the most likely explanation is that colonies or single Trichodesmium filaments were disrupted during filtration and captured on the GF/F filter as part of the small size fraction. Estimated BNF rates based on the Trichodesmium nifH qPCR analysis of the small size-fraction in the natural population of Trichodesmium (Goebel et al., 2010), using assumptions described above and in Table 3, support this hypothesis.

DISCUSSION

DIEL nifH GENE EXPRESSION AND BNF RATES IN NATURAL POPULATIONS OF CYANOBACTERIA

This is the first study to quantify daytime and nighttime nifH expression of key cyanobacterial phylotypes in the natural populations of diazotrophs in the TNAtl. This builds upon, and is complementary to, the nifH gene-based abundances for these same phylotypes reported by Goebel et al. (2010). Gene expression provides information on the activity or physiological status of cells, since detection of transcripts implies active gene transcription. Although the expression of nifH cannot be directly linked to N-limitation or active N2 fixation, transcripts are not long-lived, thus detection of nifH transcripts indicates the organisms are alive, and that they are regulating expression of the nitrogenase operon.

Trichodesmium nifH transcripts comprised a majority of the total nifH transcript pool quantified in this study, and were the most abundant transcript (by many orders of magnitude) measured at five out of the eight stations (Figure 2). This study provides further evidence that Trichodesmium is the most widespread diazotroph in this ocean basin. However, another important outcome of this study is that nifH gene-based abundances do not always predict which diazotroph is actively transcribing nifH (and presumably fixing N2), as discussed above.

Trichodesmium consistently had low normalized nifH transcripts (<10 nifH transcripts N2-fixing cell−1; Figure 3), and it is unclear whether this reflects the TNAtl Trichodesmium population, or is an artifact of sampling times or extraction techniques. The ratio of Trichodesmium nifH transcripts to nifH gene-based abundances was also generally low in a study conducted south of this study site in the East Equatorial Atlantic (Foster et al., 2007), which utilized similar DNA/RNA extraction, cDNA generation and RT-qPCR techniques. In contrast, in two studies from the North Pacific Subtropical Gyre, normalized nifH transcripts were measured as high as 102–103 nifH transcripts per nifH gene copy (Church et al., 2005; Zehr et al., 2007). These two studies used a different DNA extraction technique, making direct comparisons to this study difficult. More importantly, however, the diel sampling resolution in Church et al. (2005) was much greater, and it is clear that in the North Pacific Subtropical Gyre, normalized nifH transcripts are >10 nifH cDNA copies gene copy−1 roughly between 04:00 and noon (local time), and vary over a 72-h period. A more high-resolution diel sampling scheme with TNAtl populations is ultimately needed to inform our interpretations, but it is reasonable to assume that that the peak of nifH transcription in Trichodesmium occurred in the early morning and was missed due to the sampling scheme.

BNF rates associated with the <10 μm size-fraction are not commonly measured. Using complementary methods in the South Pacific, Moisander et al. (2010) reported maximum BNF rates associated with environmental samples dominated by UCYN-A and UCYN-B of 4500 pmol L−1 h−1, and 26 pmol L−1 h−1, respectively. Kitajima et al. (2009) also measured significantly higher rates associated with the small size-fraction in the Western North Pacific (between 42–541 pmol L−1 h−1), but these numbers were acquired using the acetylene reduction assay, thus are considered gross N2 fixation rates, rather than net N2 fixation rates, like those measured by the 15N2 gas tracer method.

There are two important sources of underestimation in the BNF measurements reported in this and other studies. First, the amount of 15N incorporated into particulate N in the small size fraction was determined using the material captured on a GF/F filter, after being prefiltered using a 10 μm filter. Therefore the BNF rates reported are associated with organisms between 0.7 μm and 10 μm, while the nifH abundance and expression data includes microorganisms as small as 0.2 μm. Our best estimates for the diameter of a UCYN-A cell is 0.62 ± 0.17 μm (Thompson et al., 2012) and there is no reason to assume that the UCYN-A present in this study remained attached to it's recently identified picoeukaryote host (see “discussion” below), therefore it is likely that some of the 15N-labeled particluate N fixed by UCYN-A passed through the GF/F filter. Despite this discrepency, using GF/F filters remains a standard technique in this field, even in studies that endeavor to compare these measurements to the abundance of unicellular diazotrophs (e.g., Bonnet et al., 2009; Sohm et al., 2011; Großkopf et al., 2012; Halm et al., 2012).

The second source of underestimation is evidenced in a series of recent studies that report a significant and variable underestimation of BNF rates measured using the 15N2 gas tracer method resulting from the slow dissolution of gaseous 15N2 into the water phase (Mohr et al., 2010; Großkopf et al., 2012; Wilson et al., 2012). According to Mohr et al. (2010), based on results from experiments using Crocosphaera cultures, the most extreme underestimation of BNF rates using the 15N2 gas tracer technique occurs if the spike of 15N2 gas is initiated just as an organism is beginning to fix N2. Thus, 15N2 gas introduction in the early morning may most egregiously underestimate BNF rates associated with Trichodesmium, UCYN-A, HR, and RR which fix N2 during daylight hours while BNF rates associated with UCYN-B will be most compromised by 15N2 gas introduction in the late evening. Furthermore, there is some evidence that in natural communities where unicellular cyanobacteria or heterotrophs are the most abundant diazotrophs, the degree of underestimation of BNF rates is far greater than when Trichodesmium is the most abundant diazotroph, possibly as a result of different buoyancies (Großkopf et al., 2012).

The current study was conducted prior to the findings of Mohr et al. (2010), and without performing parallel bubble and dissolved seawater incubations, such as those in Wilson et al. (2012) and Großkopf et al., (2012), it is impossible to address the degree to which the BNF rates reported in this study are underestimated. However, it is reasonable to assume that BNF rates measured at Stations 9 and 10, where unicellular cyanobacterial transcripts dominated the nifH expression (Figure 2), are most heavily underestimated. At Stations 9 and 10, 15N2 gas introduction in the rate incubations occurred at 14:50 and 04:30, respectively (Table 2). Therefore, at both stations the timing of the gas introduction likely resulted in a significant underestimate of the BNF rate associated with UCYN-B (Station 9) and UCYN-A (Station 10), which may have impacted the overall BNF rate, presented here as an hourly average over a 24 h period.

MEGA EXPERIMENTS INDICATE THAT FE AND P LIMITATIONS ON DIAZOTROPHY ARE SPATIALLY HETEROGENEOUS AND PHYLOTYPE-SPECIFIC

The MEGA experiments are among the first to investigate the response of a natural assemblage of marine microorganisms to the addition of limiting nutrients by quantifying changes in functional gene expression (using RT-qPCR). Similar experiments have been conducted to study the response of diazotrophs to inorganic P additions in the oligotrophic North Pacific (Zehr et al., 2007) and the Great Barrier Reef (Hewson et al., 2007), but this is the first study to focus on nifH expression in the diazotrophic population in the TNAtl, and to use trace-metal clean techniques so that Fe responses could be investigated. Although there are several recent examples of using high throughput sequencing or microarray techniques to analyze the (meta)transcriptional responses of communities of marine microorganisms to experimental manipulations (e.g., Smith et al., 2010; Shi et al., 2011), these approaches are currently limited in the qualitative nature of their data.

It is important to note that one underlying assumption of the MEGA experiments is that the diazotrophs were actively regulating the nif operon—an assumption that is supported by the measurement of nifH transcripts in the natural diazotroph assemblage (discussed above) and in time zero samples. Although 48 h incubations may not be long enough to regularly see shifts in diazotroph abundances (via qPCR) or stimulation of BNF rates, it is assumed that the changes in nifH expression (via RT-qPCR) that might result from P, Fe, or Fe+P additions are possible because the community is N-limited overall and that diazotrophs are active but might be experiencing either P- or Fe-stress. Conversely, measuring no response in nifH expression during the course of a treatment might ultimately mean that the phylotype was not N-limited at the time, in addition to not being P- and/or Fe-limited.

The MEGA experiments revealed a distinct spatial pattern of nifH expression response to Fe, P, and Fe+P amendments, with Fe limitation of nifH expression in the western basin of the TNAtl, and P limitation of the unicellular diazotrophs in the eastern basin. This appears to contradict the findings of Sohm et al. (2008), who reported the quickest turnover of the P pool in the western part of the basin, which is considered a proxy for P-limitation. This contradiction may be reflective of the differences between nutrient limitation for the microbial community as a whole and that of a specific taxonomic group, like the diazotrophs. In addition to this spatial trend, there appear to be phylotype-specific responses, which strongly suggests that P and Fe (co-)limitation of diazotrophy is extremely heterogeneous on short time scales. Furthermore, over the time scale of these experiments, stimulation of BNF rates associated with the <10 μm size fraction and increases in diazotroph abundances were rarely measured, implying that diazotroph abundances are slow to respond to changing nutrient conditions. It is important to note however, that the above discussion of underestimation in these rate measurements due to the use of GF/F filters and the 15N2 gas tracer method, are applicable to the MEGA experiments as well. A summary of the MEGA experimental results can be found in Table 4.

Table 4. Synthesis of MEGA experimental results, indicating the nutrient stress conditions that can be inferred.
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nifH expression responses to Fe/P additions in unicellular diazotrophs UCYN-A and UCYN-B

One of the most unexpected results of these nutrient amendment experiments is that increases of nifH expression in UCYN-A were observed only in P treatments. Fe additions did not stimulate the expression of nifH in UCYN-A, despite having stimulatory effects for other diazotrophs in the same samples (e.g., Trichodesmium in MEGA2 and MEGA3; Figure 4). There were detectable (0.74 ± 0.01 nM) concentrations of Fe in surface waters at nearby Station 13 at the time of MEGA3 (Goebel et al., 2010), and it is reasonable to assume that UCYN-A was able to fulfill its Fe demands with this ambient Fe in the first 24 h. Nonetheless, these findings raise interesting questions about the specific Fe demands and acquisition strategies of UCYN-A, especially given that Trichodesmium appears to be co-limited by Fe and P in this experiment (see “discussion” below). The two experiments where UCYN-A nifH expression response to P treatments (MEGA2 and MEGA3) were conducted in waters where concentrations of soluble reactive P (SRP) were low (<25 nM), while DOP was much higher (>200 nM) (Sohm et al., 2008), which may play a role in the apparent P-limitation of UCYN-A N2 fixation in these waters. Analysis of the recently sequenced genome of UCYN-A (Tripp et al., 2010) revealed that UCYN-A lacks important genes required for the hydrolysis of organic phosphates (compounds with a C-O-P bond) and utilization of phosphonates (compounds with a C-P bond), such as alkaline phosphatase (phoA), and genes in the phosphonate lyase pathway (phnC-P), therefore, based on our current understanding of this organism, it appears unlikely that UCYN-A is able to directly utilize components of the DOP pool. However, there is now evidence that UCYN-A forms a mutualistic association with a unicellular picoeukaryote prymnesiophyte (Thompson et al., 2012), and it is now unclear whether UCYN-A has a free-living state, thus the potential relevance of UCYN-As metabolic strategies (or lack there-of) is complicated by the paucity of information about the nature of this association, and the Fe and P acquisition strategies and requirements of its prymnesiophyte partner. In spite of these unknowns, observations from MEGA3 support the possibility that the UCYN-A/prymnesiophyte symbiosis, may have a competitive advantage in low SRP water, and may be able to outcompete Trichodesmium, RR and HR for inputs of inorganic P in the short term.

In MEGA1 and MEGA5, both conducted in the western part of the TNAtl basin, there was no indication that P availability had an impact on nitrogenase activity in UCYN-B. In contrast, UCYN-B nifH expression appeared to be responsive solely to the addition of Fe (Figure 4). At Station 21 (MEGA5), due to the influence of the Amazon River plume, the concentration of SRP was ~60 nM, which was among the highest measured concentrations by Sohm et al. (2008) during this cruise. It therefore seems likely that high SRP concentrations in surface waters were fulfilling the P demands of UCYN-B, driving N2 fixation in UCYN-B to Fe-limitation (despite concentrations of Fe in surface waters of 1.89 ± 0.03 nM; Goebel et al., 2010), which was relieved upon the addition of Fe.

It is less evident what factors might play a role in the stimulation of UCYN-B nifH expression by Fe at Station 6 (MEGA1), but Sohm et al. (2008) did report high concentrations of DOP along the northern leg of this cruise track, including Station 6. Although little is known about the exact chemical composition of the DOP pool, it is likely comprised partially of phosphomonoesters. Based on observations made from the genome analysis of a cultivated strain of UCYN-B, Crocosphaera watsonii WH8501, it is clear that at least some strains of UCYN-B have the genetic capability to utilize these compounds as a P source (Dyhrman and Haley, 2006), which may explain why nifH expression in UCYN-B responded to Fe, not P additions in MEGA1. It is important to note that this Fe stimulation was seen in samples taken during the daytime, and UCYN-B is known transcribe nifH at highest rates during the night.

However, like UCYN-A, nifH expression in UCYN-B is stimulated by the addition of P, and not Fe, in the easternmost experiment (MEGA3), despite comparable concentrations of DOP in these waters. This stimulation of nifH expression in UCYN-A and UCYN-B is reflected in the BNF rates measured in the small size-fraction, where a small increase time-averaged over the first 36 h is measured (Figure 6). It is possible that the differences in UCYN-B response between Station 6 and Station 14 are a result of different DOP pool compositions, or even strain differences in UCYN-B across the ocean basin not detected using the nifH qPCR assay, which broadly targets cultivated Crocosphaera strains and many environmental phylotypes characterized using degenerate nifH PCRs, but may not capture all phylotypes.

Although it was rare to observe nifH-based abundances of these diazotrophs increase throughout the duration of these experiments, UCYN-B increased in population size between time zero and t = 36/48 h samplings in all of the MEGA experiments in which it was detected (MEGA1–3 and MEGA5; Figure 5). In some experiments, growth was seen in different treatments than those where nifH expression was stimulated (e.g., MEGA5, Figures 4, 5) or where no nifH expression was observed at all (e.g., MEGA2, Figures 4, 5). The observation of decoupled growth and nifH expression might be explained by UCYN-B preferentially growing on other N sources, and/or natural grazing of UCYN-B being suppressed with respect to the other diazotrophs.

nifH expression responses to Fe/P additions in trichodesmium

Like UCYN-B, nifH expression in Trichodesmium exhibited distinct spatial patterns in response to Fe, P, and Fe+P additions. In the Amazon River plume influenced experiment, MEGA5, nifH expression was stimulated in Fe and Fe+P treatments, while at Station 9 (MEGA2) the most prominent response in nifH expression was seen in the P treatments. Furthermore, Trichodemsium exhibited potential co-limitation of N2 fixation in the eastern (MEGA3) and in equatorial waters (MEGA4).

This is the first study that directly documents the Fe-limitation of N2 fixation activity in natural populations of Trichodesmium in the Amazon River plume using molecular techniques to our knowledge. Work by Webb et al. (2007) in the western Atlantic, showed stimulation of N2 fixation by the addition of dissolved inorganic P, not Fe. Together with the lack of evidence of extreme Fe deficiency (as evidenced by the production of an Fe deficiency protein, IdiA), they concluded that P-limitation of diazotrophy was in effect in this region. However, this study also documented heterogeneity in Trichodemsium P-stress responses, potentially explained by observations that P-stress was rarely observed in colonies with “tuft” morphologies.

As discussed above, results from MEGA3 indicate that there was a delay in Trichodesmium nifH expression response to the input of inorganic P, as nifH expression at the t = 24 h sampling was lower in the three treatments than in the control. In the t = 48 h sampling, however, response was seen in all three treatments, with the greatest response in the Fe+P treatment (Figure 4). This may be, in part, a function of the ability of Trichodesmium colonies to physically acquire P, which have a much larger cell to volume ratio and diffusive boundary layer thickness than UCYN-A/prymnesiophyte symbiont cells, which may drive diffusion limitation of nutrient acquisition, an effect that has been demonstrated to be an underlying factor in phytoplankton size distributions in the oligotrophic ocean (Chisholm, 1992).

Trichodesmium was the dominant diazotroph in the only equatorial upwelling waters sampled (Station 17); it was present at relatively high abundances at time zero samples in MEGA4 (1.7 × 105 nifH copies L−1), and active diel expression was measured in corresponding samples (Figure 3). However, Trichodesmium nifH expression showed a significant response to all treatments (Fe, p = 0.002; P, p = 0.004, and Fe+P, p = 0.001), and appeared to be co-limited by P and Fe at this station as well (Figure 4). Inorganic P concentrations were high in surface waters at Station 17 (Table 2; and Sohm et al., 2008) due to upwelling, so the fact that Trichodesmium nifH expression was stimulated in the P and Fe+P treatment is unexpected, although it is important to note that the nifH-based abundances imply that growth was limited by Fe availability (Figure 5).

nifH expression responses to Fe/P additions in RR and HR

Despite the presence of RR in four of the five MEGA experiments (as determined via nifH qPCR at time zero; Figure 5), the data available indicate that it was not actively regulating the nif operon at the onset of most of these experiments. MEGA1 is the only experiment where no inferences can be made about the starting condition of the RR population, as time zero samples were taken at night, and no complementary data is available for the diel nifH expression of RR at this station. Over the course of these experiments, however, the expression of nifH was often measured in some or all of the treatments, indicating that RR began to transcribe the nif operon in the bottles. In Amazon Plume influenced waters (MEGA5), the RR population begins to express nifH in some of the treatments, but did not appear to be limited by Fe or P. In MEGA1, this onset of nifH expression was coupled to Fe-stress, and to P-stress in MEGA2. Like Trichodesmium, there is some indication that RR might be experiencing co-limitation of Fe+P in MEGA 3, as Fe and P additions alone did not result in an increase in nifH expression. In contrast, the natural population of HR was more likely to actively transcribing nifH than RR, as evidenced by detection of nifH samples in time zero samples, and in the natural diazotoph assemblage at Station 9 and Station 22 (Figures 4 and 2).

There is very little known about the Fe and P acquisition strategies and requirements of Richelia strains associated with either R. clevi or H. hauckii, and though these experiments provide some insight into the nutrient-stressed state of these populations in the TNAtl, further research is required to understand the metabolic potential of Richelia to use P-compounds, its Fe requirements, and the extent to which its diatom host impacts these requirements.

CONCLUSIONS

This study is the first to report the daytime and nighttime nifH expression in natural populations of diazotrophs in the TNAtl, and for the most part, the dominant diazotrophs characterized by Goebel et al. (2010) were predictive of which organisms were actively regulating the nif operon at each of the stations measured. However, it is important to note that there were exceptions, and in those cases, DNA-based approaches alone would have not predicted which phylotypes were actively expressing nifH, thus likely fixing N2.

This is also one of the first studies to quantify the expression of a target gene in response to nutrient amendments within complex microbial assemblages in the marine environment. These findings indicate that gene expression can be used as a measure of changes in the activity of a community, especially over short time-scales where changes in biomass are not expected. In the TNAtl, the MEGA experiments not only revealed that cyanobacterial diazotrophs within a single community can sometimes respond differently to the same nutrient amendment, which emphasizes the importance of the metabolic capabilities of the individual organisms, but also that diazotrophs in the western region of the TNAtl responded primarily to Fe additions, while responding primarily to P additions in eastern waters. Further research is required to understand whether this phenomena exists year round, or whether it is heavily influenced by the seasonality of the Amazon River flow, to what extent these diazotrophs are actually experiencing P or Fe limitation and/or starvation, and to what extent the availability of Fe and different P compounds drive the diazotrophic community structure in the TNAtl. However, these findings underscore the importance of understanding the diazotroph community structure when considering whether a region is Fe or P limited.

ACKNOWLEDGMENTS

The authors would like to acknowledge the captain and crew of the R/V Seward Johnson for their support during SJ0609, Dr. Mak Saito and his research group for providing support with trace metal clean procedures and supplies, and members of the Zehr Lab including Amanda Morrison, Ryan Paerl, Katie London, Irina Shilova (formerly Ilichyan), and Mary Hogan for their valuable support in collecting samples and discussions during the writing of this manuscript. We also thank Jason Landrum, Samantha Allen, Julie Gonzalez, Bibiana Garcia, and other members of the Montoya Lab for their assistance with the nutrient and N2-fixation assays. This study was supported by the Gordon and Betty Moore Foundation Marine Microbiology Initiative and by award OCE0425363 (Jonathan P. Zehr) and OCE0425583 (Joseph P. Montoya) from the National Science Foundation.

REFERENCES

Berman-Frank, I., Quigg, A., Finkel, Z. V., Irwin, A. J., and Haramaty, L. (2007). Nitrogen-fixation strategies and Fe requirements in cyanobacteria. Limnol. Oceanogr. 52, 2260–2269.

Bonnet, S., Biegala, I. C., Dutrieux, P., Slemons, L. O., and Capone, D. G. (2009). Nitrogen fixation in the western equatorial Pacific: rates, diazotrophic cyanobacterial size class distribution, and biogeological significance. Global Biogeochem. Cycles 23, GB3012.

Capone, D. G. (2001). Marine nitrogen fixation: what's the fuss? Curr. Opin. Microbiol. 4, 341–348.

Chisholm, P. (1992). “Phytoplankton size,” in Primary Productivity and Biogeochemical Cycles in the Sea, eds P. G. Falkowski and A. D. Woodhead (New York, NY: Plenum Press), 213–237.

Church, M. J., Jenkins, B. D., Karl, D. M., and Zehr, J. P. (2005). Vertical distributions of nitrogen-fixing phylotypes at Stn ALOHA in the oligotrophic North Pacific Ocean. Aquat. Microb. Ecol. 38, 3–14.

Church, M. J., Short, C. M., Jenkins, B. D., Karl, D. M., and Zehr, J. P. (2005). Temporal patterns of nitrogenase gene (nifH) expression in the oligotrophic North Pacific Ocean. Appl. Environ. Microbiol. 71, 5362–5370.

Dyhrman, S. T., Chappell, P. D., Haley, S. T., Moffett, J. W., Orchard, E. D., Waterbury, J. B., et al. (2006). Phosphonate utilization by the globally important marine diazotroph Trichodesmium. Nature 439, 68–71.

Dyhrman, S. T., and Haley, S. T. (2006). Phosphorus scavenging in the unicellular marine diazotroph Crocosphaera watsonii. Appl. Environ. Microbiol. 72, 1452–1458.

Dyhrman, S. T., Haley, S. T., Birkeland, S. R., Wurch, L. L., Cipriano, M. J., and McArthur, A. G. (2006). Long serial analysis of gene expression for gene discovery and transcriptome profiling in the widespread marine coccolithophore Emiliania huxleyi. Appl. Environ. Microbiol. 72, 252–260.

Foster, R. A., Subramaniam, A., Mahaffey, C., Carpenter, E. J., Capone, D. G., and Zehr, J. P. (2007). Influence of the Amazon River plume on distributions of free-living and symbiotic cyanobacteria in the western tropical north Atlantic Ocean. Limnol. Oceanogr. 52, 517–532.

Foster, R. A., Subramaniam, A., and Zehr, J. P. (2009). Distribution and activity of diazotrophs in the Eastern Equatorial Atlantic. Environ. Microbiol. 11, 741–750.

Foster, R. A., and Zehr, J. P. (2006). Characterization of diatom-cyanobacteria symbioses on the basis of nifH, hetR, and 16S rRNA sequences. Environ. Microbiol. 8, 1913–1925.

Goebel, N. L., Turk, K. A., Achilles, K. M., Paerl, R., Hewson, I., and Morrison, A. E. (2010). Abundance and distribution of major groups of diazotrophic cyanobacteria and their potential contribution to N2 fixation in the tropical Atlantic Ocean. Environ. Microbiol. 12, 3272–3289.

Gómez, F., Furuya, K., and Takeda, S. (2005). Distribution of the cyanobacterium Richelia intracellularis as an epiphyte of the diatom Chaetoceros compressus in the western Pacific Ocean. J. Plankton Res. 27, 323–330.

Großkopf, T., Mohr, W., Baustiam, T., Schunck, H., Gill, D., and Kuypers, M. M. M. (2012). Doubling of marine dinitrogen-fixation rates based on direct measurements. Nature 488, 361–364.

Gruber, N., and Galloway, J. N. (2008). An Earth-system perspective of the global nitrogen cycle. Nature 451, 293–296.

Gruber, N., and Sarmiento, J. L. (1997). Global patterns of marine nitrogen fixation and denitrification. Global Biogeochem. Cycles 11, 235–266.

Halm, H., Lam, P., Ferdelman, T. G., Lavik, G., Dittmar, T., and LaRoche, J. (2012). Heterotrophic organisms dominate nitrogen fixation in the South Pacific Grye. ISME J. 6, 1238–1249.

Hewson, I., Moisander, P. H., Morrison, A. E., and Zehr, J. P. (2007). Diazotrophic bacterioplankton in a coral reef lagoon: phylogeny, diel nitrogenase expression and response to phosphate enrichment. ISME J. 1, 78–91.

Kitajima, S., Furuya, K., Hashihama, F., Takeda, S., and Kanda, J. (2009). Latitudinal distribution of diazotrophs and their nitrogen fixation in the tropical and subtropical western North Pacific. Limnol. Oceanogr. 54, 537–547.

Langlois, R. J., Hummer, D., and LaRoche, J. (2008). Abundances and distributions of the dominant nifH phylotypes in the Northern Atlantic Ocean. Appl. Environ. Microbiol. 74, 1922–1931.

Letelier, R. M., and Karl, D. M. (1996). Role of Trichodesmium spp. in the productivity of the subtropical North Pacific Ocean. Mar. Ecol. Prog. Ser. 133, 263–273.

Mills, M. M., Ridame, C., Davey, M., La Roche, J., and Geider, R. J. (2004). Iron and phosphorus co-limit nitrogen fixation in the eastern tropical North Atlantic. Nature 429, 292–294.

Mohr, W., Grosskopf, T., Wallace, D. W. R., and LaRoche, J. (2010). Methodological underestimation of oceanic nitrogen fixation rates. PLoS ONE 5:pe12583. doi: 10.1371/journal.pone.0012583

Moisander, P. H., Beinart, R. A., Hewson, I., White, A. E., Johnson, K. S., and Carlson, C. A. (2010). Unicellular cyanobacterial distributions broaden the oceanic N2 fixation domain. Science 327, 1512–1514.

Moisander, P. H., Beinart, R. A., Voss, M., and Zehr, J. P. (2008). Diversity and abundance of diazotrophic microorganisms in the South China Sea during intermonsoon. ISME J. 2, 954–967.

Montoya, J. P. (2008). “Nitrogen stable isotopes in marine environments,” in Nitrogen in the Marine Environment, 2nd Edn. eds D. Capone, E. Carpernter, and M. Mulholland (Burlington, MA: Academic Press), 1277–1302.

Montoya, J. P., Voss, M., Kahle, P., and Capone, D. G. (1996). A simple, high-precision, high-sensitivity tracer assay for N2 fixation. Appl. Environ. Microbiol. 62, 986–993.

Moore, C. M., Mills, M. M., Achterberg, E. P., Geider, R. J., LaRoche, J., and Lucas, M. I. (2009). Large-scale distribution of Atlantic nitrogen fixation controlled by iron availability. Nat. Geosci. 2, 867–871.

Mulholland, M. R., Bernhardt, P. W., Heil, C. A., Bronk, D. A., and O'Neil, J. M. (2006). Nitrogen fixation and release of fixed nitrogen by Trichodesmium spp. in the Gulf of Mexico. Limnol. Oceanogr. 51, 1762–1776.

Sanudo-Wilhelmy, S. A., Kustka, A. B., Gobler, C. J., Hutchins, D. A., Yang, M., and Lwiza, K. (2001). Phosphorus limitation of nitrogen fixation by Trichodesmium in the central Atlantic Ocean. Nature 411, 66–69.

Shi, T., Ilikchyan, I. N., Rabouille, S., and Zehr, J. P. (2010). Genome-wide analysis of diel gene expression in the unicellular N2-fixing cyanobacterium Crocosphaera watsonii WH 8501. ISME J. 4, 621–632.

Shi, Y., Tyson, G. W., Eppley, J. M., and DeLong, E. F. (2011). Integrated metatranscriptomic and metagenomic analyses of stratified microbial assemblages in the open ocean. ISME J. 5, 999–1013.

Smith, M. W., Herfort, L., Tyrol, K., Suciu, D., Campbell, V., and Crump, B. C. (2010). Seasonal changes in bacterial and archaeal gene expression patterns across salinity gradients in the Columbia River coastal margin. PLoS ONE 5:e13312. doi: 10.1371/journal.pone.0013312

Sohm, J. A., Hilton, J. A., Noble, A. E., Zehr, J. P., Saito, M. A., and Webb, E. A. (2011). Nitrogen fixation in the South Atlantic Gyre and the Benguela Upwelling System. Geophys. Res. Lett. 38, L16608.

Sohm, J. A., Mahaffey, C., and Capone, D. G. (2008). Assessment of relative phosphorus limitation of Trichodesmium spp. in the North Pacific, North Atlantic, and the north coast of Australia. Limnol. Oceanogr. 53, 2495–2502.

Thompson, A. W., Foster, R. A., Krupke, A., Carter, B. J., Musat, N., and Vaulot, D. (2012). Unicellular cyanobacterium symbiotic with a single-celled Eukaryotic alga. Science 337, 1546–1550.

Tripp, H. J., Bench, S. R., Turk, K. A., Foster, R. A., Desany, B. A., and Niazi, F. (2010). Metabolic streamlining in an open ocean nitrogen-fixing cyanobacterium. Nature 464, 90–94.

Turk, K. A., Rees, A. P., Zehr, J. P., Pereira, N., Swift, P., and Shelley, R. (2011). Nitrogen fixation and nitrogenase (nifH) expression in tropical waters of the eastern North Atlantic. ISME J. 5, 1201–1212.

Voss, M., Croot, P., Lochte, K., Mills, M., and Peeken, I. (2004). Patterns of nitrogen fixation along 10N in the tropical Atlantic. Geophys. Res. Lett. 31, L23S09.

Webb, E. A., Jakuba, R. W., Moffett, J. W., and Dyhrman, S. T. (2007). Molecular assessment of phosphorus and iron physiology in Trichodesmium populations from the western Central and western South Atlantic. Limnol. Oceanogr. 52, 2221–2232.

Wilson, S. T., Böttjer, D., Church, M. J., and Karl, D. M. (2012). Comparative assessment of nitrogen fixation methodologies, conducted in the oligotrophic North Pacific Ocean. Appl. Environ. Microbiol. 78, 6516–6523.

Zehr, J. P., Bench, S. R., Carter, B. J., Hewson, I., Niazi, F., and Shi, T. (2008). Globally distributed uncultivated oceanic N2-fixing cyanobacteria lack oxygenic photosystem II. Science 322, 1110–1112.

Zehr, J. P., Montoya, J. P., Jenkins, B. D., Hewson, I., Mondragon, E., and Short, C. M. (2007). Experiments linking nitrogenase gene expression to nitrogen fixation in the North Pacific subtropical gyre. Limnol. Oceanogr. 52, 169–183.

Conflict of Interest Statement: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Received: 11 April 2012; Accepted: 17 October 2012; Published online: 02 November 2012.

Citation: Turk-Kubo KA, Achilles KM, Serros TRC, Ochiai M, Montoya JP and Zehr JP (2012) Nitrogenase (nifH) gene expression in diazotrophic cyanobacteria in the Tropical North Atlantic in response to nutrient amendments. Front. Microbio. 3:386. doi: 10.3389/fmicb.2012.00386

This article was submitted to Frontiers in Aquatic Microbiology, a specialty of Frontiers in Microbiology.

Copyright © 2012 Turk-Kubo, Achilles, Serros, Ochiai, Montoya and Zehr. This is an open-access article distributed under the terms of the Creative Commons Attribution License, which permits use, distribution and reproduction in other forums, provided the original authors and source are credited and subject to any copyright notices concerning any third-party graphics etc.








	 
	REVIEW ARTICLE
published: 19 October 2012
doi:10.3389/fmicb.2012.00374
	[image: image1]





The sensitivity of marine N2 fixation to dissolved inorganic nitrogen

Angela N. Knapp*

Rosenstiel School of Marine and Atmospheric Sciences, University of Miami, Miami, FL, USA

*Correspondence:

Angela N. Knapp, Rosenstiel School of Marine and Atmospheric Science, University of Miami, 4600 Rickenbacker Cswy, Miami, FL 33149, USA. e-mail: aknapp@rsmas.miami.edu

Edited by:
 Bess B. Ward, Princeton University, USA

Reviewed by:
 Scott D. Wankel, Harvard University, USA
 Shawn R. Campagna, University of Tennessee, Knoxville, USA

The dominant process adding nitrogen (N) to the ocean, di-nitrogen (N2) fixation, is mediated by prokaryotes (diazotrophs) sensitive to a variety of environmental factors. In particular, it is often assumed that consequential rates of marine N2 fixation do not occur where concentrations of nitrate ([image: yes]) and/or ammonium ([image: yes]) exceed 1μM because of the additional energetic cost associated with assimilating N2 gas relative to [image: yes] or [image: yes]. However, an examination of culturing studies and in situ N2 fixation rate measurements from marine euphotic, mesopelagic, and benthic environments indicates that while elevated concentrations of [image: yes] and/or [image: yes] can depress N2 fixation rates, the process can continue at substantial rates in the presence of as much as 30μM [image: yes] and/or 200μM [image: yes]. These findings challenge expectations of the degree to which inorganic N inhibits this process. The high rates of N2 fixation measured in some benthic environments suggest that certain benthic diazotrophs may be less sensitive to prolonged exposure to [image: yes] and/or [image: yes] than cyanobacterial diazotrophs. Additionally, recent work indicates that cyanobacterial diazotrophs may have mechanisms for mitigating [image: yes] inhibition of N2 fixation. In particular, it has been recently shown that increasing phosphorus (P) availability increases diazotroph abundance, thus compensating for lower per-cell rates of N2 fixation that result from [image: yes] inhibition. Consequently, low ambient surface ocean N:P ratios such as those generated by the increasing rates of N loss thought to occur during the last glacial to interglacial transition may create conditions favorable for N2 fixation and thus help to stabilize the marine N inventory on relevant time scales. These findings suggest that restricting measurements of marine N2 fixation to oligotrophic surface waters may underestimate global rates of this process and contribute to uncertainties in the marine N budget.
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INTRODUCTION

Phytoplankton growing in the sunlit surface ocean (euphotic zone) produce organic matter via photosynthesis at a rate of ~50PgC year−1 (Westberry et al., 2008), and thus play an important role in the global carbon (C) cycle. However, phytoplankton growth in the euphotic zone is commonly limited by the availability of nutrients such as nitrogen (N); consequently, the processes that add and remove N to and from the ocean, respectively, influence the C cycle and thus climate. Unlike the physical processes that supply other biologically necessary elements like phosphorus (P) and iron (Fe) to the ocean (such as atmospheric deposition and fluvial inputs), the dominant process adding N to the ocean, di-nitrogen (N2) fixation, is unique in that it is biologically mediated. While N2 gas is unavailable to most organisms, certain groups of prokaryotes known as diazotrophs have the enzymatic ability to reduce dissolved N2 to ammonium ([image: yes]) and assimilate it into their biomass. The ultimate fate of N in diazotrophic biomass is to be cycled into more bio-available forms, including nitrate ([image: yes]), that serve as the primary source of assimilative N for non-diazotrophic phytoplankton and bacteria in the ocean. In spite of the fundamental importance of N2 fixation in the global C cycle and in supporting the base of the food web, the locations and rates of N2 fixation in the ocean are poorly known.

Uncertainty in the rates of marine N2 fixation contributes to ambiguity as to whether the modern marine N budget is balanced. Some estimates suggest that rates of N fluxes to the ocean only compensate for one third to one half of the fluxes of N out of the ocean (Codispoti et al., 2001; Codispoti, 2007), while constraints from paleoceanographic and modeling studies indicate that the marine N budget has been balanced to within ~10% over at least the Holocene (Brandes and Devol, 2002; Deutsch et al., 2004). Assuming that the marine N budget is essentially balanced, the discrepancy in N flux estimates requires that rates of marine N2 fixation are underestimated and/or that rates of N loss are overestimated. The constraint of an approximately balanced marine N budget also implies that there are feedback mechanisms allowing N2 fixation and denitrification, the dominant pathway by which N is lost from the ocean, to respond to each other on relatively short (i.e., ≤1000 years) timescales. Currently, both the size of the fluxes of N to and from the ocean, as well as the nature of potential feedback mechanisms that maintain a balanced marine N budget, remain ill-defined.

While improved knowledge of the marine N cycle requires a multifaceted approach, characterizing the physical and chemical sensitivities of marine diazotrophs to various environmental conditions provides constraints on regions of the ocean that may support diazotrophy. A better understanding of the sensitivities of marine diazotrophs may also reveal mechanisms by which marine N2 fixation can respond to changes in rates of marine denitrification. However, our ability to describe the sensitivities of N2 fixation depends on the degree to which we understand and have characterized the diversity of marine diazotrophs, an understanding presently limited by the small number of marine diazotrophs isolated for manipulative culture-based experiments.

The majority of marine N2 fixation has historically been attributed to the filamentous, non-heterocystous cyanobacteria Trichodesmium spp. resident in the warm, stratified, and nutrient-depleted regions of the surface ocean (Carpenter, 1983; Capone et al., 1997, 2005). However, the past decade has seen a number of challenges to the paradigm that N2 fixation by Trichodesmium spp., especially in the tropical North Atlantic, is the primary source of N to the global ocean. For example, molecular tools have identified novel diazotrophs present in environments with physical and/or chemical characteristics different from their more well-studied counterparts in tropical and subtropical seas (Zehr et al., 2001, 2008; Montoya et al., 2004; Langlois et al., 2008; Moisander et al., 2010; Fernandez et al., 2011). Additionally, indirect evidence such as remote sensing (Westberry et al., 2005; Westberry and Siegel, 2006) and geochemical modeling (Deutsch et al., 2007) describes geographic distributions of N2 fixers, including Trichodesmium spp., that differs from our expectation of oligotrophic dominance. Finally, a number of both in situ and culture-based studies challenge some long-held notions of diazotrophic sensitivities to nutrients, including the degree to which inorganic N inhibits N2 fixation. All of these findings raise the possibility that the geographic distribution and sensitivities of marine diazotrophs may be different than previously thought. As recognition of both the breadth of oceanic conditions supportive of diazotrophy and the diversity of marine diazotrophs increases, so too does the possibility that considerable rates of N2 fixation occur in environments beyond the surface waters of the oligotrophic gyres. If so, global marine N2 fixation rates may be greater than previously estimated.

In spite of an incomplete knowledge of marine diazotroph diversity, environmental and culture-based observations can establish criteria consistent with diazotrophic success. Environmental factors that are known to regulate marine diazotrophy include light (Carpenter et al., 1993; Milligan et al., 2007; Breitbarth et al., 2008), temperature (Chen et al., 1998; Breitbarth et al., 2007; Stal, 2009), oxygen (Robson and Postgate, 1980; Capone and Budin, 1982; Stal and Heyer, 1987), and metal availability (Rueter et al., 1990; Berman-Frank et al., 2001; Kustka et al., 2003; Chappell and Webb, 2010; Saito et al., 2011). Here, the sensitivity of marine diazotrophs to dissolved inorganic N (DIN), in particular [image: yes] and [image: yes], is evaluated, and evidence for the inhibition of N2 fixation by DIN in (1) the euphotic zone, (2) the sub-euphotic zone, and (3) benthic marine environments, is reviewed. In particular, the question of whether significant rates of N2 fixation can occur when ambient DIN concentrations are significant, i.e., ≥1μM, is examined. The findings of this review are that: (1) reports of substantial rates of N2 fixation in euphotic and benthic environments with ≥1μM DIN indicate that elevated DIN does not necessarily preclude large N2 fixation fluxes; (2) certain benthic marine diazotrophs may be less sensitive to chronic exposure to elevated concentrations of DIN than diazotrophs in the euphotic zone; (3) while benthic N2 fixation is widespread and can occur at significant rates, global estimates are poorly known, likely contributing significant uncertainty to global estimates of marine N2 fixation fluxes, and, (4) euphotic zone diazotrophs may respond to changes in ambient N:P ratios, providing a potential mechanism for diazotrophs to respond to changes in denitrification rates and thus to stabilize the marine N inventory. These findings are investigated below.

NUTRIENT INHIBITION OF EUPHOTIC ZONE N2 FIXATION

There are three primary lines of evidence for the inhibition of marine N2 fixation by inorganic N. The first results from circumstances associated with the origins of marine diazotrophic research. Before molecular tools became widely available, our understanding of marine diazotrophs was largely limited to the study of macroscopic cyanobacteria that could be readily identified and manipulated in field and culture-based studies. The most conspicuous and well-studied marine diazotroph, Trichodesmium spp., has predominantly been observed in warm, nutrient depleted regions of the surface ocean (Carpenter, 1983; Capone et al., 1997, 2005). The association of Trichodesmium spp. with these environmental characteristics, and the strong bias of studies of marine diazotrophs towards Trichodesmium spp., has perhaps unintentionally lead to the expectation that other marine diazotrophs will share the same environmental preferences. The second line of evidence for DIN inhibition of N2 fixation comes from calculations showing that it requires ~25% more energy to reduce N2 (87 kcal) than [image: yes] (69 kcal) to [image: yes] (Falkowski, 1983). Together with the majority of field observations of diazotrophs from nutrient-depleted tropical surface waters, this additional energetic cost has lead to the assumption that significant rates of N2 fixation do not occur in marine environments with ≥1μM DIN.

The third line of evidence for the inhibition of N2 fixation by DIN comes from culture studies of marine diazotrophs that test the effects of short-term and/or chronic exposure to [image: yes] and [image: yes] (e.g., Ohki et al., 1991; Mulholland and Capone, 1999; Mulholland et al., 2001; Fu and Bell, 2003; Holl and Montoya, 2005) (Table 1) (the numerous studies of DIN inhibition of fresh water diazotrophs are not reviewed here). These studies have demonstrated that [image: yes] is more effective at inhibiting N2 fixation than [image: yes] (Ohki and Fujita, 1982; Ohki et al., 1991; Mulholland et al., 2001), presumably because of the larger energetic cost associated with assimilating N2 vs. [image: yes] than with assimilating N2 vs. [image: yes]. Additionally, these studies have shown that chronic exposure to both [image: yes] and [image: yes] more strongly inhibits N2 fixation than does short-term (i.e., less than 24 h) exposure (Ohki et al., 1991; Mulholland et al., 2001; Fu and Bell, 2003; Milligan et al., 2007; Dekaezemacker and Bonnet, 2011; Sandh et al., 2011; Knapp et al., 2012) (Table 1). Supporting these observations of depressed N2 fixation rates, physiological changes in Trichodesmium have also been documented when cultures are grown with [image: yes] as a source of assimilative N instead of dissolved N2 gas. After chronic exposure of Trichodesmium cultures to 100 μM [image: yes] (Milligan et al., 2007) demonstrated a down-regulation of Mehler activity relative to cultures grown on N2 gas, while (Sandh et al., 2011) found an inhibition of nitrogenase expression and diazocyte development. These effects of [image: yes] on diazotroph physiology suggest that chronic exposure to DIN has a greater impact on N2 fixation rates than does short-term exposure.

Table 1. Reports of the inhibition of N2 fixation by combined N for marine diazotrophs.
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The relatively small impact on N2 fixation rates by short-term exposure to [image: yes] (Table 1) has implications for proposed mechanisms for diazotrophs to acquire limiting nutrients such as P. For example, short-term exposure to DIN could take place during the vertical migration of Trichodesmium spp. (Capone et al., 1990) showed that nitrogenase in Trichodesmium spp. is synthesized each morning prior to the initiation of nitrogenase activity. Consequently, the downward migration of Trichodesmium spp. at night (Villareal and Carpenter, 1990) to acquire P (Villareal and Carpenter, 2003) at the top of the nutricline (where [image: yes] is also present) might not strongly depress peak daytime N2 fixation rates in Trichodesmium spp. if exposure to [image: yes] is brief and occurs at night before new nitrogenase is synthesized. While studies of the effects of DIN inhibition on marine diazotrophs have largely been restricted to Trichodesmium spp., recent culturing work suggests that Crocosphaera has similar sensitivities to short-term vs. chronic [image: yes] exposure (Dekaezemacker and Bonnet, 2011; Knapp et al., 2012). Given the similarity in response of Trichodesmium and Crocosphaera spp. and the limited genetic divergence in nitrogenase amino acid sequences in marine diazotrophic cyanobacteria (Zehr, 2011), the smaller effect of short-term vs. long-term DIN exposure on N2 fixation rates may be common among other diazotrophic cyanobacteria as well.

Culturing studies clearly show that DIN can inhibit N2 fixation; however most inhibition studies have been performed with concentrations of N and/or P in the culture media that exceed those typically found in the euphotic zone (Table 1). This discrepancy between nutrient concentrations in the environment and in cultures leaves open the possibility that culturing studies overestimate the degree to which DIN inhibits N2 fixation in the environment. Recent culturing work using concentrations of [image: yes] and [image: yes] typically found in the euphotic zone show that chronic exposure of Trichodesmium and Crocosphaera to 5 to 16 μM [image: yes] depresses N2 fixation rates relative to cultures grown with no [image: yes], but that N2 fixation did not stop even in cultures amended with as much as 16 μM [image: yes] (Knapp et al., 2012). Moreover, the same work showed that higher concentrations of [image: yes] can offset [image: yes] inhibition of per-cell N2 fixation rates by increasing diazotroph abundance. Consequently, the volume-integrated rate of N2 fixation in treatments grown with 5.0 μM [image: yes] and 1.0 μM [image: yes] was comparable to the volume-integrated rate of N2 fixation in treatments not amended with [image: yes] and grown with 0.5 μM [image: yes] (Knapp et al., 2012).

The finding of increased diazotroph abundance as a function of increasing P availability is consistent with the well-recognized role that P availability plays in regulating the biomass of microbes [e.g., (Elser et al., 2007; Loladze and Elser, 2011; Scott et al., 2012)]. Investigations into variability in phytoplankton biomass N:P ratios indicate that P is preferentially used to create new biomass (e.g., in DNA) whereas N is required both for the production of new biomass as well as for the production of proteins, especially associated with resource acquisition (Klausmeier et al., 2004; Loladze and Elser, 2011). Consequently, the results of (Knapp et al., 2012) documenting a two- to three-fold greater abundance of both the diazotrophs Crocosphaera watsonii and Trichodesmium erythraeum in batch cultures grown with 1.0 vs. 0.5 μM [image: yes] are perhaps unsurprising. What is surprising is that the increase in diazotrophic biomass was sufficient to offset the lower per-trichome rates of N2 fixation resulting from inhibition by 5.0 μM [image: yes]. This work shows that [image: yes] present at typical surface ocean concentrations does not necessarily preclude N2 fixation fluxes comparable to those observed in [image: yes]-depleted environments, and suggests that field and numerical modeling investigations of marine N2 fixation that exclude surface ocean environments with ≥1μM [image: yes] may overlook potentially significant regions of N2 fixation.

Additionally, the work of (Knapp et al., 2012) identifies a potential mechanism for euphotic zone diazotrophs to respond to changes in surface ocean concentrations of [image: yes] and [image: yes]. Specifically, while it has been assumed that low ambient N:P ratios (a condition created by denitrification occurring below the euphotic zone) would stimulate higher rates of N2 fixation (Haug et al., 1998; Deutsch et al., 2004), no mechanism has been proposed for how a diazotroph would sense and respond favorably to lower N:P ratios. The results of Knapp et al. (2012) describe how the separate physiological effects of relatively high concentrations of P (i.e., increased diazotroph abundance) and relatively low concentrations of N (i.e., lessened [image: yes] inhibition of N2 fixation) together can create conditions that can support significant N2 fixation fluxes. While relatively low N and high P concentrations have distinct effects on diazotrophs, combining these effects results in a perceived advantage for diazotrophs growing in environments with low ambient N:P ratios and may provide a feedback mechanism for diazotrophs to respond to increases in denitrification and thus help stabilize the marine N inventory. This finding also has implications for diazotroph biogeography, and suggests that significant abundances and/or N2 fixation fluxes may not be restricted to oligotrophic surface waters such as the North Atlantic, but may occur in more nutrient-replete regions of the surface ocean such as the surface waters overlying ODZs where rates of N loss are high.

Indeed, these culture-based results are consistent with recent field observations by (Fernandez et al., 2011; Sohm et al., 2011) who document N2 fixation rates of 0.1–7.5 nmol N L−1 d−1 in surface ocean waters with 5–20 μM [image: yes] (Table 2), although molecular analyses indicate that this fixation was carried out by diazotrophs other than Trichodesmium or Crocospahera spp. These rates of N2 fixation in [image: yes]-replete coastal waters are comparable to the range in N2 fixation rates measured at Station ALOHA in the North Pacific gyre of 0.5–11 nmol N L−1 d−1 (Church et al., 2009) and where surface [image: yes] concentrations are consistently ≤100 nM (Fujieki et al., 2011). Similarly, (Halm et al., 2012) found higher euphotic zone rates of N2 fixation in regions of the South Pacific gyre with higher concentrations of [image: yes] (as well as [image: yes]) compared to more oligotrophic regions of the gyre, i.e., average N2 fixation rates of 1.5 ± 0.3 nmol N L−1 d−1 vs. 0.4 ± 0.3 nmol N L−1 d−1, respectively. These N2 fixation rate measurements are supported by numerous other field observations documenting significant abundances of and/or N2 fixation by diazotrophs including Trichodesmium spp. in other near-shore locations (Lenes et al., 2001; White et al., 2007; Rodier and Le Borgne, 2008; Grosse et al., 2010; Rodier and Le Borgne, 2010; Bombar et al., 2011) (Table 2).

Table 2. Reported rates of N2 fixation in euphotic, mesopelagic, and benthic marine environments with significant (i.e., ≥ 1 μM) ambient concentrations of [image: yes] and/or [image: yes].
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These reports of substantial rates of N2 fixation in [image: yes]-bearing surface waters, especially in upwelling and coastal regions, underscore the potential bias of prior field campaigns documenting N2 fixation predominantly in the nutrient-depleted oligotrophic gyres, and suggest that N2 fixation may have a broader geographic distribution in marine euphotic waters that episodically and/or chronically have significant DIN concentrations. Indeed, the strains of Trichodesmium erythraeum commonly used in culture studies, i.e., NIBB1067 and IMS101, were collected from the coastal waters of Japan and North Carolina, respectively (Ohki and Fujita, 1982; Prufert-Bebout et al., 1993), where surface water DIN concentrations are at least episodically elevated. That Trichodesmium spp. are frequently found in coastal waters that can have relatively high DIN concentrations is relevant considering that recent remote sensing (Westberry and Siegel, 2006) and geochemical modeling (Deutsch et al., 2007) studies have predicted high abundances of diazotrophs and/or rates of N2 fixation in regions of the surface ocean with [image: yes] concentrations consistently ≥5 μM (Garcia et al., 2010). The results reviewed here suggest that [image: yes] is not as inhibitive of N2 fixation by euphotic-zone diazotrophs as previously thought, especially if P and the necessary trace metals are abundant, and have implications for field studies documenting marine N2 fixation fluxes as well as for the parameterization of N2 fixation in models.

NUTRIENT INHIBITION OF MESOPELAGIC N2 FIXATION

While there are only a handful of reports of N2 fixation occurring in the mesopelagic (i.e., sub-euphotic) water column, advances in molecular techniques capable of identifying diazotrophs and the improved sensitivity of mass spectrometers for detecting the incorporation of labeled 15N2 into suspended particulate organic N (PNsusp) have improved our ability to evaluate N2 fixation in this environment. It is expected that N2 fixation in this portion of the water column would be carried out by diazotrophs that have substantially different physiologies than those living in the euphotic zone: mesopelagic diazotrophs require a different energy source than their photosynthetic counterparts, they need to tolerate lower temperatures, and due to the higher concentrations of [image: yes] below the base of the euphotic zone, they would also presumably be less inhibited by [image: yes]. Perhaps unsurprisingly then, diazotrophs collected from meso- and bathypelagic waters contain nifH sequences distinct from euphotic zone diazotrophs. In samples collected from the deep North Pacific (Mehta et al., 2003, 2005) identified a number of nifH sequences associated with methanogens and anaerobic sulfate reducers from hydrothermal vent systems, and was able to document growth and N2 fixation in a culture of thermophilic archeal methanogens (Mehta and Baross, 2006). (Hewson et al., 2007) identified nifH genes in samples collected throughout the water column of the Sargasso Sea and detected nifH in meso- and abyssopelagic samples more consistently than in euphotic zone samples, suggesting the potential for diazotrophy below the euphotic zone. However, (Hewson et al., 2007) recovered nifH sequences of the cyanobacterial diazotrophs Trichodesmium thiebautii and Crocosphaera watsonii at 250 and 1000 m, respectively, demonstrating that the nifH associated with diazotrophs active in other environments persists upon transport to the deep ocean in a reasonably robust form, as has been recently reported for RuBisCO (Orellana and Hansell, 2012). However, (Hewson et al., 2007) also detected nifH expression in some mesopelagic samples, indicating some diazotrophs may be active in this [image: yes]-rich environment. Similarly, (Jayakumar et al., 2012) found both nifH DNA and cDNA sequences associated with strictly anaerobic proteobacteria in samples collected from the oxygen minimum zone of the Arabian Sea, also indicating potential activity of diazotrophs in sub-euphotic zone waters.

In addition to the molecular studies described above, two recent reports document relatively low rates of N2 fixation in mesopelagic samples collected from coastal environments. In the [image: yes]-rich coastal waters of the Eastern Tropical South Pacific (ETSP), (Fernandez et al., 2011) measured N2 fixation both in the euphotic zone and in mesopelagic waters, including in the core of the local oxygen deficient zone (ODZ) where they reported rates of 1.3 nmol N L−1 d−1 (Table 2). While (Fernandez et al., 2011) recovered numerous nifH sequences, they amplified no cyanobacterial phylotypes in surface or subsurface waters; instead most of the nifH sequences aligned with Cluster I, and to a lesser extent, Cluster III nifH genes, including representatives of anaerobic sulfate reducers. In mesopelagic samples collected in the California Borderland Basins (i.e., San Pedro and Santa Monica Basins) (Hamersley et al., 2011) report similar N2 fixation rates of 0.07 μmol N m−3 d−1 (Table 2). The most common nifH phylotype recovered by (Hamersley et al., 2011) was from the UCYN-A group found both in surface and mesopelagic samples. Additionally, (Hamersley et al., 2011) recovered heterotrophic nifH sequences in mesopelagic samples from Cluster I as well as a number of Cluster III sequences that correspond to strict anaerobes, including alpha- and gamma-proteobacteria, as well as sulfate reducing bacteria (SRB). While both (Fernandez et al., 2011; Hamersley et al., 2011) suggest that diazotrophy in these mesopelagic environments may be associated with oxygen deficiency, the similarity of some mesopelagic nifH sequences to those of diazotrophs found both in surface waters and in benthic environments (see below) raises the possibility that some of the diazotrophs recovered in these near-shore mesopelagic samples are introduced via sinking particles (from the euphotic zone) or via nepheloid layer from sediments to the water column further offshore. Given that a number of the phylotypes collected by (Hamersley et al., 2011) are similar to sequences from microbial mats and/or to cultivated strains of strict anaerobes, a condition not met in the water column of the San Pedro Basin where ambient oxygen concentrations are ~11μM, it raises the possibility that sedimentary microbes are resuspended and then detected in mesopelagic waters.

The determination of N2 fixation rates in mesopelagic waters presents unique analytical challenges as it depends on the incorporation of 15N2 by living, active diazotrophs into particulate organic matter that can then be analyzed by combustion on an isotope ratio mass spectrometer (Montoya et al., 1996). Even with increasingly sensitive instrumentation, the concentration of PNsusp in mesopelagic waters is extremely low. Thus, even with “large volume,” i.e., 4 L, incubations and given a typical detection limit of ~1.4 μmol N for GC-MS systems commonly used to analyze these samples (e.g., http://stableisotopefacility.ucdavis.edu/), a PNsusp concentration of ~0.35 μM is required to generate a signal above typical analytical detection limits. Since most open-ocean PNsusp concentrations are only this high within the euphotic zone, and then decrease sharply in the mesopelagic (i.e., PNsusp concentrations at 300 m at BATS and HOT are 0.05 μM) (Michaels and Knap, 1996; Fujieki et al., 2011), even larger volume incubations and/or more sensitive analytical approaches are required to reliably to detect N2 fixation rates in these waters. While PNsusp concentrations in mesopelagic waters of near-shore environments are higher than those in the oligotrophic ocean, e.g., (Hamersley et al., 2011) report PNsusp of 0.23 and 0.25 μM for their samples collected at 500 and 850 m, respectively, ensuring that mesopelagic samples have sufficient PNsusp to generate a signal above detection limits remains a significant challenge for documenting mesopelagic N2 fixation rates. Moreover, it is not clear that improving incubation techniques to increase 15N2 gas solubility (Mohr et al., 2010) will improve the ability to measure mesopelagic N2 fixation rates, as this modification does not increase the initial quantity of PNsusp in a mesopelagic sample. Given the very low PNsusp concentration in mesopelagic waters, great care must be taken to quantify blanks for these incubations and to demonstrate that N2 fixation rates generated by these methods contain a sufficient quantity of N to exceed analytical detection limits. Consequently, it may be warranted to view the water-column integrated mesopelagic N2 fixation rates of 55 μmol N m−2 d−1 in the California Borderland Basins (Hamersley et al., 2011) and 5.4 ± 2.4 μmol N m−2 d−1 in the ETSP (Fernandez et al., 2011), and their potential to help resolve global marine N budget imbalances, as provisional estimates until supporting measurements confirm the activity of N2 fixation in mesopelagic environments. If these early reports of relatively low N2 fixation rates in sub-euphotic zone waters (Table 2) are broadly characteristic of mesopelagic environments, they may be the consequence of [image: yes] inhibition. A better understanding of the capacity of mesopelagic environments to support diazotrophy will benefit from methodological and analytical improvements of in situ N2 fixation rate measurements, as well as successful culturing of microbes recovered from these environments.

NUTRIENT INHIBITION OF BENTHIC MARINE N2 FIXATION

From intertidal cyanobacterial mats to dark muds, and from low to high latitudes, numerous reports from diverse marine ecosystems demonstrate that benthic diazotrophy is widespread (Capone, 1983 and references therein). N2 fixation in marine sediments has received renewed attention based on evidence that the net flux of N2 gas in certain coastal sediments may have changed from efflux, via denitrification, to influx, via N2 fixation, potentially forced by climate change (Fulweiler et al., 2007). Due to the high concentrations of [image: yes] and/or [image: yes] that can accumulate as a result of organic matter degradation, N2 fixation in benthic environments presents perhaps the greatest challenge to the expectation for DIN to inhibit diazotrophy. Table 2 includes the small subset of all studies documenting benthic marine N2 fixation that reported both N2 fixation rates as well as concentrations of ambient [image: yes] and/or [image: yes] that exceeded 1μM. While the culture-based studies described above indicate that [image: yes] significantly depresses N2 fixation rates in Trichodesmium and Crocosphaera spp., rates of 7–521μMol N m−2 d−1 have been documented in seagrass-bearing, [image: yes]-rich (190 μM) sediments on the French coast (Welsh et al., 1996). Similar rates have been reported in other [image: yes]-rich benthic environments, including mangrove sediments (Lee and Joye, 2006) and in coastal sediments from Alaska (Haines et al., 1981) to California (Bertics et al., 2010) to Florida (Brooks et al., 1971), indicating that benthic N2 fixation can occur at considerable rates in spite of high ambient [image: yes] concentrations.

Given that the highest rates of N loss in the ocean occur in marine sediments (Brandes and Devol, 2002), it is perplexing that both N2 fixation and denitrification have frequently been observed in the same sediments (Haines et al., 1981; Slater and Capone, 1984; Joye and Paerl, 1993; Currin et al., 1996; An and Joye, 2001; Gardner et al., 2006; Lee and Joye, 2006; Fulweiler et al., 2007; McCarthy et al., 2008; Bertics et al., 2012; Rao and Charette, 2012). Indeed, Azospirillum, a bacteria associated with seagrasses (Patriquin, 1978) is thought to carry out both denitrification and N2 fixation (Bothe et al., 1981). These observations raise the question: if N2 fixation is an energetically costly process whose role is to provide a source of assimilatory N to the ecosystem, and if diazotrophs are inhibited by DIN, why does N2 fixation happen at significant rates in benthic environments rich in DIN and that also support denitrification?

Benthic diazotrophy has been investigated with a variety of biological and geochemical tools that together indicate that benthic N2 fixation is carried out by a diverse suite of microbes at environmentally significant rates (Table 2). Many benthic N2 fixation rates have been measured using acetylene reduction, and concerns have been raised regarding its use in these environments because of the capacity for acetylene to inhibit other microbial processes including denitrification, methanogenesis, methane oxidation, sulfate reduction, nitrification, and even N2 fixation [(Capone, 1983) and references therein]. In spite of these and other more general concerns regarding the limitation of methods to measure absolute rates of benthic microbial processes, including the high degree of spatial heterogeneity due to microsites and steep geochemical gradients on millimeter spatial scales, benthic diazotrophy has been validated using 15N2 assimilation (Patriquin and Knowles, 1972; Burris, 1976; Carpenter et al., 1978; Capone and Budin, 1982; Dekas et al., 2009) and net N2 gas flux measurements made using membrane inlet mass spectrometry (MIMS) (An and Joye, 2001; Gardner et al., 2006; Fulweiler et al., 2007; McCarthy et al., 2008; Rao and Charette, 2012). Based on visual identification of diazotrophs and differences in N2 fixation rates between light and dark incubations, cyanobacteria are thought to contribute to N2 fixation fluxes in intertidal microbial mat consortia (Joye and Paerl, 1993; Currin et al., 1996; An et al., 2001; Lee and Joye, 2006). Additionally, a number of benthic studies have used molybdate amendment experiments to inhibit sulfate reduction and have simultaneously inhibited N2 fixation in the same sediments; such experiments have been used to attribute N2 fixation in certain benthic marine environments to SRB (Gandy and Yoch, 1988; Welsh et al., 1996; Nielsen et al., 2001; Burns et al., 2002; Steppe and Paerl, 2002; Bertics et al., 2010). Molecular tools have also verified the presence of nif genes, and thus the metabolic potential for N2 fixation, in various benthic marine microbes including in SRB (Burns et al., 2002; Steppe and Paerl, 2002, 2005; Dekas et al., 2009; Bertics et al., 2010, 2012), anaerobic methane-oxidizing archaea (Dekas et al., 2009), and benthic cyanobacteria (Steppe and Paerl, 2005; Bertics et al., 2010).

Previous studies provide some insight into the role of DIN in regulating N2 fixation and denitrification in some benthic environments. Specifically, (Joye and Paerl, 1993, 1994) established seasonality in patterns of N2 fixation and denitrification in Tomales Bay, CA sediments that are consistent with studies documenting DIN inhibition of N2 fixation. (Joye and Paerl, 1993, 1994) observed that when ambient benthic DIN concentrations were relatively low, N2 fixation rates were high and denitrification rates were low, but when runoff or other sources introduced [image: yes] to sediments, denitrification rates increased and N2 fixation rates decreased. These observations from Tomales Bay indicate both that denitrification is [image: yes] limited and that N2 fixation is inhibited by [image: yes]. The sensitivity of benthic N2 fixation and denitrification rates to changes in ambient DIN concentration in Tomales Bay has been replicated in manipulated core studies and observed in other benthic N cycling studies. For example, in the estuarine sands of Waquoit Bay, MA (Rao and Charette, 2012) documented net N2 fixation, and suggested that denitrification occurring elsewhere in the estuary removes DIN, permitting N2 fixation to proceed downstream. Similarly, in a study of N2 fixation rates associated with seagrass roots in a French estuary (Welsh et al., 1996) observed peak N2 fixation rates when ambient [image: yes] concentrations reached their annual minima of 190 μM, relative to the peak concentration of 290 μM.

Many of these studies also document complex interactions between oxygen, DIN, and/or organic carbon, and their relationship with N2 fixation and/or denitrification rates in benthic environments. For example, (Fulweiler et al., 2007) attributed a change from net denitrification to net N2 fixation in Narragansett Bay, RI sediments to a decrease in the organic matter flux to the sediments due to diminished winter-spring blooms in the Bay. (Fulweiler et al., 2007) tested this hypothesis, observing a change from net N2 fixation to net denitrification after adding organic matter to incubated sediment cores that had previously shown net N2 fixation. In the past, benthic remineralization of winter-spring bloom material in Narragansett Bay provided a source of DIN to the sediment and overlying water column, which is nutrient-poor in summers; presumably the reduction in the magnitude of the organic matter flux to Narragansett Bay sediments corresponds to a reduced DIN flux to the sediments, and is proposed by Fulweiler et al. (2007) to be the cause of the switch to net N2 fixation from net denitrification.

Observations of decreased rates of benthic N2 fixation when ambient DIN concentrations increase, either because of runoff or remineralization, are generally consistent with the observations described above that show that DIN inhibits, but does not stop, pelagic diazotrophy. However, the observations of decreased benthic N2 fixation rates when DIN concentrations increase are not consistent with other observations of high rates of benthic N2 fixation in dark, [image: yes]-rich environments [e.g., (Haines et al., 1981; Capone, 1982; Welsh et al., 1996; Bertics et al., 2010)]. Some previous studies of benthic N2 fixation have suggested that oxygen and organic carbon availability also play a role in mitigating DIN inhibition (Yoch and Whiting, 1986; McGlathery et al., 1998). Another explanation for why N2 fixation may occur at considerable rates in DIN-rich benthic environments invokes a role for N2 fixation that is entirely different from providing a source of assimilatory N to the ecosystem. Specifically, there is evidence that in the presence of high concentrations of [image: yes] benthic N2 fixation can serve as a sink for excess electrons to help bacteria achieve redox balance, especially in the absence of a viable Calvin–Benson–Bassham pathway (Joshi and Tabita, 1996; Tichi and Tabita, 2000). Ultimately, sensitivity studies of benthic diazotrophs to these parameters are limited by the lack of isolated diazotrophs for manipulative culture studies.

A better understanding of the sensitivities of the diverse suite of benthic diazotrophs to oxygen, organic carbon and DIN is critical for refining models of benthic N cycling, and in particular determining whether marine sediments are a net source or sink of fixed N to the marine environment. While marine sediments are normally considered a net sink for fixed N (Seitzinger, 1988), a variety of reports show that some benthic environments can be a net source of bioavailable N at least on seasonal timescales, if not annually, as well (Currin et al., 1996; Lee and Joye, 2006; Fulweiler et al., 2007; McCarthy et al., 2008). Moreover, if environmental conditions change to favor diazotrophy (e.g., Fulweiler et al., 2007), it is plausible that even if marine sediments do not overwhelmingly become a source of fixed N, they might at least not be as large of a sink as previously thought. Benthic N2 fixation deserves more attention as it is a poorly constrained term in the global marine N budget; the process is not always included in marine N budget estimates, although (Capone, 1983) estimated it may contribute 15 Tg N year−1, which would increase some estimates of N fluxes to the marine environment by 10–15% (Brandes and Devol, 2002).

CONCLUSIONS

Rates of the dominant fluxes of N to and from the ocean are highly uncertain, leaving open the question of whether the modern marine N budget is balanced. Some estimates suggest that rates of N fluxes to the ocean only compensate for one-third to one-half of the fluxes of N out of the ocean (Codispoti et al., 2001; Codispoti, 2007), while paleoceanographic and modeling studies require a balanced N budget, implying that either rates of N2 fixation are underestimated, and/or that rates of N loss are overestimated (Brandes and Devol, 2002; Deutsch et al., 2004). One potential liability in previous estimates of N fluxes to the ocean is the assumption that the highest rates of marine N2 fixation occur in the warm, nutrient-depleted regions of the surface ocean. However, culture and field evidence reviewed here indicates that low concentrations of [image: yes] and/or [image: yes] (≤1μM) are not a strict requirement for high rates of marine N2 fixation, and that numerical models using this as a criteria for significant diazotroph abundance and/or N2 fixation fluxes may not accurately represent diazotroph sensitivities to DIN. Generally, the best-studied cyanobacterial diazotrophs show little inhibition by short-term exposure to inorganic N. Instead, depressed rates of N2 fixation occur after long-term exposure of diazotrophs to elevated concentrations of DIN, although long-term exposure does not necessarily stop N2 fixation. Recent field and culturing work has shown that [image: yes] concentrations commonly found in marine surface waters, i.e., up to 20 μM, do not preclude rates of N2 fixation comparable to those measured in the [image: yes]-depleted surface waters of the North Pacific gyre (Fernandez et al., 2011; Sohm et al., 2011). Moreover, field and culture evidence suggests that well-studied cyanobacterial diazotrophs such as Trichodesmium spp. are more tolerant of [image: yes] than previously assumed, especially when P is relatively abundant. Together with molecular evidence documenting novel diazotrophs in cooler euphotic zone waters [e.g., (Needoba et al., 2007; Moisander et al., 2010)], these observations imply that surface waters other than those in the warm, nutrient-poor oligotrophic gyres may support substantial rates of N2 fixation, and that overlooking these potential diazotrophic contributions may compound uncertainties in the marine N budget, as well as modeled estimates of global marine diazotroph distributions and rates of N2 fixation.

While the nascent case for significant N2 fixation fluxes by mesopelagic diazotrophs is ambiguous, it is clear that N2 fixation occurs in diverse benthic environments at significant rates in the presence of DIN concentrations in excess of 100 μM. Benthic N2 fixation is peculiar in that it presents the strongest challenge to DIN inhibition of N2 fixation, and because it often occurs in environments that also support high rates of N loss via denitrification and/or anammox. While traditionally it has been thought that benthic environments represent a net loss of bioavailable N from the marine ecosystem, previous work has shown that the net flux of N2 gas to or from the sediments varies seasonally, and may be sensitive to environmental perturbations that may accelerate due to anthropogenic activities. These observations underscore the importance of developing and testing models of what controls benthic N2 fixation (and denitrification) to generate more robust estimates of benthic N fluxes.

Our current understanding of the sensitivity of even the most well studied marine diazotrophs is incomplete, and we have considerably more to learn about diazotrophs that have only recently been identified using molecular tools. These are critical uncertainties to resolve if we are to understand how the marine N inventory can remain balanced on 100–1000 year time scales. Better constraints of diazotroph sensitivities will help us understand N cycle changes in the past, and to predict future changes as atmospheric carbon dioxide concentrations and temperatures increase and potentially stimulate N2 fixation by Trichodesmium (Breitbarth et al., 2007; Hutchins et al., 2007; Levitan et al., 2007; Ramos et al., 2007; Levitan et al., 2010), if not other diazotrophs as well.
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Microbial communities present in marine sediments play a central role in nitrogen biogeochemistry at local to global scales. Along the oxidation–reduction gradients present in sediment profiles, multiple nitrogen cycling processes (such as nitrification, denitrification, nitrogen fixation, and anaerobic ammonium oxidation) are active and actively coupled to one another – yet the microbial communities responsible for these transformations and the rates at which they occur are still poorly understood. We report pore water geochemical (O2, [image: yes], and [image: yes]) profiles, quantitative profiles of archaeal and bacterial amoA genes, and ammonia oxidation rate measurements, from bioturbated marine sediments of Catalina Island, California. Across triplicate sediment cores collected offshore at Bird Rock (BR) and within Catalina Harbor (CH), oxygen penetration (0.24–0.5 cm depth) and the abundance of amoA genes (up to 9.30 × 107 genes g–1) varied with depth and between cores. Bacterial amoA genes were consistently present at depths of up to 10 cm, and archaeal amoA was readily detected in BR cores, and CH cores from 2008, but not 2007. Although detection of DNA is not necessarily indicative of active growth and metabolism, ammonia oxidation rate measurements made in 2008 (using isotope tracer) demonstrated the production of oxidized nitrogen at depths where amoA was present. Rates varied with depth and between cores, but indicate that active ammonia oxidation occurs at up to 10 cm depth in bioturbated CH sediments, where it may be carried out by either or both ammonia-oxidizing archaea and bacteria.
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INTRODUCTION

Marine sediments are Earth’s largest microbial habitat, harboring an estimated 1031 microbial cells with a total biomass rivaling that of all plants (Whitman et al., 1998). Sedimentary microbial communities play a substantial role in global biogeochemical cycles of carbon (C), nitrogen (N), and sulfur (S) – nearly 50% of N removal from the ocean, for instance, occurs in sediments (Codispoti et al., 2001; Deutsch et al., 2011). Coastal sediments are particularly significant sites for N cycling due to human influence on the global N cycle: agricultural fertilizer use and fossil fuel combustion have more than doubled the amount of N flowing through terrestrial ecosystems, yet over 50% of this N is removed in aquatic and coastal ecosystems before it reaches the sea (Seitzinger et al., 2006; Gruber and Galloway, 2008). The overall size of the N sink in sediments (where N is converted by anaerobic microbial processes into gaseous forms that may flux out of the system) is nonetheless poorly constrained, leading to debate about whether the oceanic N cycle is currently in balance (e.g., Codispoti et al., 2001; Gruber and Galloway, 2008; Deutsch et al., 2011). In order for these outputs to occur via denitrification–which is thought to dominate N loss in sediments at water depths <100 m (Kuypers et al., 2006; Francis et al., 2007) – N must be present in oxidized forms such as nitrite ([image: yes]) or nitrate ([image: yes]). This is also the case for N loss via anaerobic ammonium oxidation (anammox), as anammox uses [image: yes] as an electron acceptor (Strous et al., 2006). Dissolved ammonium ([image: yes]) must therefore first be oxidized, or reduced N present within organic material must be regenerated and subsequently oxidized, before N can be removed anaerobically.

The oxidation of reduced N occurs via the two-step process of nitrification: ammonia-oxidizing archaea (AOA) and bacteria (AOB) oxidize reduced [image: yes] to [image: yes] , and nitrite-oxidizing bacteria (NOB) oxidize nitrite to [image: yes] (Francis et al., 2007; Erguder et al., 2009). Given the importance of nitrification to sedimentary and global N cycling, AOA and AOB have been studied extensively in estuarine and coastal sediments (Freitag and Prosser, 2003; Mortimer et al., 2004; Bernhard et al., 2005; Francis et al., 2005; Beman and Francis, 2006; Bernhard et al., 2007; Mosier and Francis, 2008; Abell et al., 2010; Wankel et al., 2011) using 16S rRNA or the ammonia monooxygenase subunit A gene (amoA) as molecular markers. Most of these studies have targeted surface sediments, and few have examined variability in nitrifier distributions and activity with depth. Surprisingly, Freitag and Prosser (2003) and Mortimer et al. (2004) detected AOB 16S rRNA at depths of up to 40 cm in sediments from Loch Duich in Scotland; based on this observation and detectable rates of nitrification down to 8 cm depth, Mortimer et al. (2004) argue that this is evidence of “anoxic nitrification,” possibly coupled to manganese reduction. Dollhopf et al. (2005) also showed that sediment bioturbation supplies oxygen to AOB present at 6 cm depth in salt marsh sediments.

In contrast to AOB, however, the depth distribution of the recently discovered AOA in sediments is largely unknown. Sulfide inhibits sedimentary nitrification (Joye and Hollibaugh, 1995), but Erguder et al. (2009) argue that AOA tolerate higher concentrations of sulfide than AOB based in part on their presence in sulfidic sediments (Caffrey et al., 2007). In an underground coastal aquifer, Santoro et al. (2008) found that AOA and AOB appear to shift in relative dominance based on salinity and ammonium concentrations (Santoro et al., 2008). Based on pyrosequencing of 16S rRNA, AOA comprised 35% of archaeal sequences in an oxic coral reef sediment sample, but formed a smaller proportion (<10%) of the archaeal community in an anoxic sample (Gaidos et al., 2011). Few other data are available from sediments. Quantifying the distribution of AOA relative to AOB and in relation to nitrification rates may therefore enhance our understanding of sedimentary N biogeochemistry, as no study has collected sediment depth profiles of AOA, AOB, and ammonia oxidation rates in parallel.

The purpose of this study was consequently to quantify AOA, AOB, and ammonia oxidation rates in sediment cores from Catalina Island, California, USA (Figure 1). In a previous study of Catalina Island sediments, Bertics and Ziebis (2009) detected increases in pore water nitrate where decreases in pore water ammonium concentrations were also observed; canonical correspondence analysis revealed that changes in the microbial community with sediment depth were correlated to changes in ammonium concentrations – indicating that ammonium is a key factor influencing microbial communities in Catalina Island sediments. In the present study, AOA and AOB amoA genes were quantified in sectioned, triplicate cores collected at two locations, and cores were collected during two sampling periods at one of these locations. Coupled biogeochemical measurements included microsensor oxygen profiles, measurements of dissolved nitrogen in pore waters, and nitrification rate measurements using 15N isotopically labeled ammonium. Measurable rates of nitrification were found throughout two cores, and both AOA and AOB amoA genes were present at depths of up to 10 cm.
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Figure 1. Location of Catalina Island along the coast of California (B), and of Catalina Harbor and Bird Rock sampling locations (A). Catalina Harbor sediment sampling location is shown in (C) with scale bar at lower left, and collection of Bird Rock sediments is shown in (D). Burrow density at Catalina Harbor in 2008 was ~120 burrow opening per square meter.



MATERIALS AND METHODS

SITE DESCRIPTION

Samples were collected from two locations on or near Catalina Island, California, USA. The first site, “Catalina Harbor” (CH; 33° 27.080′N, 118° 29.293′W), was a shallow (<2 m) intertidal lagoon in CH on the western side of the island (Figure 1). The lagoon was a low energy, highly bioturbated area consisting of muddy sand with the majority of grains being <500 μm (Bertics et al., 2010). The two most abundant burrowing macrofauna were the bay ghost shrimp Neotrypaea californiensis, Dana, 1854 (Crustacea: Decapoda: Thalassinidea) and the Mexican fiddler crab Uca crenulata, Lockington, 1877 (Crustacea: Decapoda: Ocypodoidea). N. californiensis inhabits intertidal areas stretching from Alaska to Baja California, and is known to build complex branching burrows that extend to ~76 cm depth and have several openings to the surface (MacGinitie, 1934; Brenchley, 1981; Swinbanks and Murray, 1981). U. crenulata is found from Santa Barbara, California to Central Mexico and typically maintains simple J-shaped burrows with a single entrance and that extend to a depth of ~20 cm; U. crenulata frequently leaves these burrows during low tide to forage on algae, bacteria, and detritus on the sediment surface (Zeil et al., 2006).

The second site, “Bird Rock” (BR; 33° 25.788′N, 118° 30.314′W), was located 1.5 km off the eastern shore the island in ca. 20 m of water. This site consisted of regions with boulders lying on top of more permeable sandy and gravel sediment (Nelson and Vance, 1979), and regions of rocky outcrops – the largest of which extends out of the water and forms a small island named BR. The sandy region where sampling occurred supported dense patches of the giant kelp Macrocystis pyrifera and other brown algae, along with associated meio- and macrofaunal communities. Typical water velocities in the area range from 1 to 7 m s–1 and the swell surrounding BR ranges from 1 to 3 m in height (Morrow and Carpenter, 2008), making this site an area of high tidal activity in contrast to CH.

SAMPLE COLLECTION

In 2007, sediment samples from CH were collected on 19 November during high tide, as a minimum of 10 cm of water above the sediment was required to allow for coring, while samples from BR were collected on 21 November below the sea surface via SCUBA in an area near a large rock formation. At both sites, sediment samples were collected using 5 cm diameter, 39 cm length acrylic cores; three intact sediment cores of 5–25 cm sediment depth were collected at each site, and cores were placed in an ice chest at ambient temperature for transport back to the laboratory. In 2008, six sediment cores were collected in approximately the same location in CH as was sampled in 2007, with three parallel cores collected for 15N measurements on 14 April, and three parallel cores collected for nutrient measurement, oxygen measurements, and DNA sampling on 15 April.

Following oxygen analyses (see below), each of the nine cores was sub-sampled for ammonium and nitrate concentration analyses and DNA extraction. One-centimeter slices were taken from each core starting at the surface down to 10 cm for the CH cores (CH1–CH6) and 5 cm for the BR cores (BR1–BR3). BR cores extended to a depth of only 5 cm owing to the difficulty in obtaining longer cores from porous sediments via SCUBA. Pore water was collected from each 1-cm slice by centrifugation (10 min at 5000 × g) using 50 ml Macrosep® Centrifugal Devices (Pall Corporation, Life Sciences) flushed with nitrogen gas. The recovered pore water (~3 ml) was immediately frozen at -20°C for later determination of dissolved nitrogen compounds.

PORE WATER AMMONIUM AND NITRATE ANALYSES AND MICROSENSOR OXYGEN PROFILES

Pore water ammonium concentrations were determined by flow injection analysis modified for small sample volumes (Hall and Aller, 1992); 50 μl of pore water was injected for each sediment slice in triplicate. The sum of nitrate and nitrite was determined spectrophotometrically after reduction of samples with spongy cadmium (Jones, 1984). One milliliter of pore water from the respective core slices was used for the colorimetric analysis of nitrite concentrations, and nitrite + nitrate concentrations(after reduction) on a spectrophotometer (Strickland and Parsons, 1972).

Each of the nine intact cores was analyzed for oxygen content on the vertical axis using a Unisense oxygen microsensor – a miniaturized amperometric sensor with a guard electrode (Revsbech and Jørgensen, 1986; Unisense© 2007). For each core, three high-resolution microprofiles of oxygen were measured in vertical intervals of 200–250 μm using Clark-type amperometric oxygen sensors (Revsbech and Jørgensen, 1986; Revsbech, 1989; Unisense©, Aarhus, Denmark) following a two-point calibration. Sensors were attached to computer-controlled motorized micromanipulators (Märzhäuser, Wetzlar, Germany) and driven vertically into the sediment in micrometer steps. Signals were amplified and transformed to millivolt (mV) by a two-channel picoammeter (PA 2000; Unisense©) and directly recorded on a computer using the software Profix® (Unisense©).

DNA EXTRACTION AND QUANTIFICATION AND QUANTITATIVE PCR ANALYSES

For DNA extraction, ca. 500 mg of sediment from each 1 cm depth interval was stored at -80°C, and DNA was extracted from 200 to 700 mg of sediment using the ZR Soil Microbe DNA Kit (Zymo Research, Irvine, CA, USA; 2007 samples) or the MP Biomedicals FastDNA Spin Kit for Soil (MP Biomedicals, Solon, OH, USA; 2008 samples). DNA was quantified using the PicoGreen assay and the manufacturer’s protocol (Life Technologies Corporation, Carlsbad, CA, USA).

Quantitative PCR (qPCR) analyses were identical to those used by Beman et al. (2012). Archaeal amoA qPCR assays used the following reaction chemistry: 12.5 μL SYBR Premix F (Epicentre Biotechnologies, Madison, WI, USA), 2 mM MgCl2, 0.4 μM of each primer, 1.25 units AmpliTaq polymerase (Life Technologies Corporation, Carlsbad, CA, USA), 40 ng μL–1 BSA (Life Technologies Corporation, Carlsbad, CA, USA), and 1 ng DNA in a final volume of 25 μL. β-AOB were quantified using the same reaction chemistry but without additional MgCl2. Primers (and relevant references for primer sequences), cycling conditions, qPCR standards, standard curve correlation coefficients, and PCR efficiencies are listed in Table 1. All qPCR assays were performed on a Stratagene MX3005P qPCR system (Agilent Technologies, La Jolla, CA, USA).

Table 1. Primers (and relevant references for primer sequences) cycling conditions used for qPCR, qPCR standards and standard curve correlation coefficients, and qPCR efficiencies.
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15NH4+ OXIDATION RATE MEASUREMENTS

Ammonia oxidation rates were measured by injecting 99 atom percent (at%) [image: yes] solution to a concentration of 33 μmolL–1 through small silicone-sealed holes drilled into the acrylic core cylinder. The accumulation of 15N label in the oxidized [image: yes] + [image: yes] pool was measured after incubation for ~24 h. The δ15N value of N2O produced from [image: yes] + [image: yes] using the “denitrifier method” (Sigman et al., 2001) was measured using methods described in Popp et al. (1995) and Dore et al. (1998): N2O produced from [image: yes] + [image: yes] was transferred from the reaction vial, cryofocused, separated from other gases using a 0.32 mm i.d. × 25 m PoraPLOT-Q capillary column at room temperature, and introduced into ion source MAT252 mass spectrometer through a modified GC-C I interface. Isotopic reference materials (USGS-32, NIST-3, and UH NaNO3) bracketed every 12–16 samples and δ15N values measured on-line were linearly correlated (r2 = 0.996–0.999) with accepted reference material δ15N values.

Initial at% enrichment of the substrate at the beginning of the experiment ([image: yes], see Eq. 1) was calculated by isotope mass balance based on [image: yes] concentrations assuming that the 15N activity of unlabeled [image: yes] was 0.3663 at% 15N. Rates of ammonia oxidation (15Rox) were calculated using an equation modified from Ward et al. (1989):

[image: image]

where nt is the at% 15N in the [image: yes] + [image: yes] pool measured at time t, [image: yes] is the measured at% 15N of unlabeled [image: yes] + [image: yes], [image: yes] is the initial at% enrichment of [image: yes] at the beginning of the experiment, [image: yes] is at% 15N of [image: yes], and [[image: yes] + [image: yes]] is the concentration of the [image: yes] pool. All statistical analyses were conducted in MATLAB.

RESULTS

MICROSENSOR OXYGEN PROFILES AND PORE WATER DISSOLVED NITROGEN CONCENTRATIONS

Oxygen concentrations in overlying water were similar in both CH and BR sediments in 2007 (typically 150–210 μM), but oxygen concentrations declined to 0 μM at a depth of 2400 μm in CH cores (Figure 2), whereas more permeable BR sediments contained >114 μM O2 at 2400 μm, and oxygen was detectable down to a depth of 5000 μm (0.5 cm; Figures 2A–C). In CH cores collected in 2008, oxygen penetrated up to 3000 μm, consistent with what was observed in 2007. There was substantial variation among measurements made in individual cores, however, and among many of the cores. For example, triplicate measurements in BR core 1 (Figure 2A), CH core 1 (Figure 2D), and CH core 6 (Figure 2I) exhibit high variation, and measured oxygen profiles differed across cores collected at the same time in the same sampling location.
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Figure 2. Microsensor profiles of oxygen in sediment cores. Data from Bird Rock cores from (A–C), and Catalina Harbor cores from 2007 (D–F) and 2008 (G–I) are shown; vertical axis depicts depth in sediment (0 μm depth represents the sediment surface and negative values represent overlying water) and the horizontal axis displays oxygen concentrations in micromolar. Error bars denote one standard deviation of triplicate microsensor profiles taken for each core.



Dissolved nitrogen in pore water also differed between the two sampling locations, but displayed consistent patterns between sampling periods in CH (Figure 3). In BR pore water, ammonium ([image: yes]) was maximal at 1 cm and declined from 28 to 9.9 μM moving into the sediments. Combined nitrate and nitrite ([image: yes] + [image: yes]) concentrations exhibited moderate variation with depth in BR cores, ranging from 23 to 33 μM. CH sediments differed from BR in absolute values and observed trends of dissolved nitrogen with depth: in 2007, [image: yes] increased with depth, from 23 to >100 μM; [image: yes] + [image: yes] was typically low in CH pore water and reached a maximum value of 14 μM at 1 cm, plateaued at 10–12 μM from 4 to 6 cm, and was below 3.5 μM from 2 to 3 and 7 to 10 cm. The same overall pattern was observed in CH sediments in 2008: [image: yes] increased from 6.6 to 76 μM with depth whereas [image: yes] + [image: yes] concentrations were always less than 10 μM, and exceeded 5 μM only at 2, 5, and 6 cm depth in the cores. On average, concentrations of both [image: yes] and [image: yes] + [image: yes] were lower in 2008 compared with 2007, but these differences were not significant owing to variability between replicate cores. Inter-core variability was generally much higher for [image: yes] + [image: yes] than [image: yes] in both 2007 and 2008: [image: yes] + [image: yes] varied from 3.3 to 33 μM at 6 cm depth in 2007, and from 2.6 to 15 μM at 5 cm depth in 2008.
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Figure 3. Sediment profiles of dissolved inorganic nitrogen and ammonia oxidizers. Average pore water [[image: yes]] is shown for Bird Rock in 2007 (A), Catalina Harbor in 2007 (E), and Catalina Harbor in 2008 (I), and pore water [[image: yes] + [image: yes]] is shown for Bird Rock (B), Catalina Harbor in 2007 (F), and Catalina Harbor in 2008 (J). Archaeal amoA genes (g-sediment–1) are shown for individual cores collected at Bird Rock (C), Catalina Harbor in 2007 (G), and Catalina Harbor in 2008 (K). Bacterial amoA genes (g-sediment–1) are shown for individual cores collected at Bird Rock (D), Catalina Harbor in 2007 (H), and Catalina Harbor in 2008 (L). In (C–L), dashed lines denote depths were data values are omitted due to qPCR inhibition of samples, and color shading denotes different cores. Light green/light blue denotes BR1 (C,D), CH1 (G,H), and CH4 (K,L); “mid” green/“mid” blue denotes BR2 (C,D), CH2 (G,H), and CH5 (K,L); dark green/dark blue denotes BR3 (C,D), CH3 (G,H), and CH6 (K,L). In (G), archaeal amoA was only detectable in one core.



QUANTIFICATION OF AOA AND AOB

To examine whether ammonia oxidizers were present in these sediments, we extracted DNA and quantified the abundance of AOA and AOB based on amoA genes. AOA amoA genes, AOB amoA genes, or both, were present in all samples from all depths, sampling locations, and time points (Figure 3). AOB amoA genes were quantified in every sample collected in 2007 at CH and BR, whereas AOA were undetectable in two of three CH cores collected in 2007, and were present at lower abundance in two of three BR cores. Both AOB and AOA amoA genes varied with depth in BR and CH cores: AOA amoA genes ranged from 4.01 × 106 to 1.22 × 107 genes g–1 in BR core 3 and 2.03 × 104 to 1.73 × 105 genes g–1 in cores 1 and 2 (Figure 3), while AOB amoA genes ranged from 6.55×104 to 3.26×107 genes g–1 in the BR cores. AOA and AOB amoA genes were highly variable across the replicate cores, however, and this pattern held for CH cores from both 2007 and 2008: for most sediment depths, the coefficient of variation among replicate cores was >1. This is clearly indicative of heterogeneity and patchiness in amoA genes in these sediments, and most striking is that fact that AOA amoA genes were undetected in two sediment cores collected at CH in 2007, but were detected in the third replicate separated by <50cm. Another possibility is that the amoA primers did not successfully amplify the archaeal amoA sequence types present in these samples; if so, this indicates that entirely different AOA communities inhabit these cores, and is consistent with heterogeneity and patchiness of amoA genes in Catalina sediments.

When AOA amoA genes were quantified in the CH3 core collected in 2007, they were correlated with amoA genes from AOB (r2 = 0.936, P<0.001) with an AOB:AOA slope of 7.78 (Figure 3). It is unlikely that this correlation is an artifact of different DNA extraction efficiencies for different depths, as DNA was extracted from 0.15 to 0.25 g of sediment at each core depth and yielded 316–741 ng of DNA, while both AOA and AOB amoA genes varied by more than an order of magnitude. In 2008, AOA and AOB amoA genes were more weakly related (r2 = 0.49–0.55, P<0.05) in two of the cores, and uncorrelated in the third (r2 = 0.03, P>0.05). As these relationships indicate, we observed relatively little variability in AOB amoA:AOA amoA ratios with core depth in BR and CH sediments, yet there were obvious differences between cores, sampling locations, and sampling periods in the relative dominance of AOB and AOA amoA genes. With a lone exception, AOB amoA was 1.9–46 times more abundant than AOA amoA in all BR samples (at 1 cm depth in BR core 3 AOA amoA was more numerous), while the ratio of AOB to AOA amoA ranged from 0.24 (5 cm depth) to 8.6 (4 cm depth) in the CH3 core collected in 2007. AOA amoA was not amplifiable in CH cores 1 and 2 from 2007 and AOB amoA was therefore present in substantial greater amounts. In contrast, AOA amoA genes were more abundant than AOB in the 2008 CH cores, with AOA amoA:AOB amoA ratios ranging from 0.86 to 2.9 in CH core 4, 0.77 to 2.9 in CH core 5, and 0.5 to 5.1 in CH core 6.

δ15N AND NITRIFICATION RATE PROFILES

δ15N of [image: yes] + [image: yes] in pore water was measured following a 24 h incubation of intact cores collected in 2008 to calculate [image: yes] oxidation rates. δ15N of [image: yes] + [image: yes] in CH core 5 exhibited only modest enrichment, ranging from 13.8‰ at the surface to 54.0‰ at 10 cm depth (Figure 4B). This pattern is typical for sediments (e.g., Lehmann et al., 2007) where denitrification at depth preferentially removes isotopically light N, enriching the remaining [image: yes] + [image: yes] pool in 15N. Because the values we observed are in the range expected for sedimentary denitrification, this suggests that little or no ammonia oxidation occurred in this core (we enriched the [image: yes] pool to 76.7 at%). Instead, the measured values effectively represent in situ δ15N of [image: yes] + [image: yes], and these values were used to calculate [image: yes] oxidation rates in the other cores. (Two exceptions were the lower δ15N values measured at 7 and 9 cm depth, where we instead linearly interpolated the in situ δ15N values.) In contrast to the δ15N values observed in CH core 5, δ15N of [image: yes] + [image: yes] in pore water exceeded 330‰ in CH cores 4 and 6 (Figures 4A,C). Pore water δ15N was highly variable throughout each core, and between both cores, and spiked at several depth intervals – indicating that labeled [image: yes] was being oxidized relatively deep within the CH4 and CH6 cores (Figures 4D,E). [image: yes] oxidation rate profiles showed maxima at 6 cm in CH4, and at 3 cm in CH6, where rates were also elevated at 5 and 7 cm (Figure 4). In both cores, [image: yes] oxidation rates were readily detectable at 9 cm depth. Rates ranged from 0 to 7.15 nmol L–1 day–1 in CH4 and 0 to 18.3 nmol L–1 day–1 in CH6.
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Figure 4.  Measured δ15N of pore water [image: yes] + [image: yes] following incubation with added [image: yes] label (A–C), and [image: yes] oxidation rates (D,E) in Catalina Harbor in 2008. Note differences in scales in (A–C); oxidation rates were not calculated in Catalina Harbor core 5 owing to the lack of clear isotopic enrichment.



DISCUSSION

GEOCHEMISTRY OF CATALINA SEDIMENTS

Oxygen typically penetrates only a few millimeters into coastal sediments owing to rapid consumption during organic matter degradation, or chemical re-oxidation of reduced compounds (Revsbech et al., 1980; Gundersen and Jørgensen, 1990). However, the depth of oxygen penetration can be increased via bioturbation/bioirrigation (Aller, 1982; Ziebis et al., 1996a; Bertics and Ziebis, 2009), sediment permeability and increased bottom water flow velocity, and/or increased wave action (Booij et al., 1991; Precht et al., 2004). Sediment topography features that generate pressure differences can also lead to advective transport of oxygenated water into the sediment (Ziebis et al., 1996b). At BR, sediments contained >114 μM O2 at 2400 μm and oxygen was detectable down to a depth of 5000 μm (0.5 cm; Figures 2A–C). This is consistent with oxygen transport via advective processes several centimeters into the sediment, especially given the porous nature of these coarse BR sediments. In contrast, in CH sediments, oxygen was not detected below 2400 μm in 2007 (Figures 2D–F) and 3000 μm in 2008 (Figures 2G–I) – suggesting that oxygen diffuses to a consistent depth at CH. An important caveat to this is the fact that macrofauna can transport oxygen more than 50 cm deep (Ziebis et al., 1996a) and bioturbation has been shown to transfer oxygen multiple centimeters deep into CH sediments (Bertics and Ziebis, 2009). The presence of bioturbation is therefore a likely explanation for the variation within and among many of the CH cores – e.g., CH core 1 (Figure 2D) and CH core 6 (Figure 2I).

[image: yes] + [image: yes] profiles also differed between BR and CH sediments, in that high concentrations (>20 μM) were seen throughout BR cores while concentrations reached a maximum value of 14 μM at 1 cm in CH cores from 2007 and were always less than 10 μM in cores from 2008. However, several subsurface peaks of [image: yes] + [image: yes] occurred in CH in both 2007 and 2008, and may reflect either (1) transport of oxidized compounds into the sediment via bioturbation, or (2) production of [image: yes] + [image: yes] in the sediment via the activity of nitrifying bacteria and archaea (i.e., in situ nitrification). CH cores displayed the typical increase in [image: yes] that is expected with increasing sediment depth due to microbial remineralization of organic material. Concentrations of both [image: yes] and were on average lower in 2008 when compared with 2007 – although these differences were not significant owing to variability between replicate cores. A decrease in recruitment of shrimp and a decrease in microbial mat formation was previously observed in these sediments from 2007 to 2008 (Bertics et al., 2010) and may explain this shift in sediment geochemistry. Hence interannual variability in geochemical conditions and microbial activity can occur in CH, but it occurs against a backdrop of substantial spatial variability.

ABUNDANCE OF AOA AND AOB IN CATALINA SEDIMENTS

Ammonia-oxidizing archaea and AOB were also highly variable in Catalina Island sediments based on the abundance of amoA genes. DNA extracted from sediments may not be derived from active or viable microorganisms – indeed, it is possible to recover ancient DNA from sediment cores (Coolen and Overmann, 1998) – yet the presence of, and variability in, oxidized nitrogen at 4–6 cm depth in CH cores is indicative of active production. We assessed this using direct biogeochemical measurements (see below) rather than extraction of RNA, yielding quantitative rates rather than relative levels of gene expression. Our DNA data are nevertheless consistent with other studies profiling AOB in sediments:AOB DNA has been detected at 40 cm depth in Loch Duich sediments (Freitag and Prosser, 2003; Mortimer et al., 2004), 6 cm depth in salt marsh sediments (Dollhopf et al., 2005), and at least 2 cm depth in estuarine sediments from Plum Island Sound (Bernhard et al., 2007), where potential nitrification was measured at up to 4 cm. In these studies, AOB typically ranged from 104 to 107 amoA genes g–1, and our data are similar (3.6×104 to 9.3 ×107 amoA genes g–1). However, in addition to AOB, we report amoA genes from AOA at up to 5 cm depth in BR sediment cores, and 10 cm depth in CH sediment cores, where they ranged from 7.2× 104 to 1.3 × 107 genes g–1.

Previous studies have shown that although AOA and AOB are presumably functionally equivalent, their relative dominance varies across gradients of salinity present in sediments (Caffrey et al., 2007; Mosier and Francis, 2008; Santoro et al., 2008). Studies in soils suggest that pH (Nicol et al., 2008) and [image: yes] concentrations (reviewed by Erguder et al., 2009) also alter the relative abundance of AOA and AOB – more specifically, an exceptionally high affinity for ammonia benefits AOA when [image: yes] concentrations are low (Martens-Habbena et al., 2009). While we observed relatively little variability in AOB amoA:AOAamoA ratios with depth in BR and CH sediments, AOB amoA genes were more abundant in BR sediments and CH sediments from 2007, while AOA amoA genes were more abundant than AOB in the 2008 CH cores. Different DNA extraction kits were used for CH sediments collected in 2007 and 2008, and it is possible that the MP Biomedicals kit (used in 2008) is less effective in extracting bacterial DNA and so explains the differences observed between the two sampling periods. When comparing measured values, however, 2008 values lie within the range of AOB and AOA amoA gene abundances observed across both sites in 2007; this argues against extraction bias, as one would expect much lower or higher numbers for one or both of the genes. In any case, the evidence for interannual variability in ammonia oxidizer populations is mixed, given that: (1) measured [image: yes] values are still far in excess of Km value (123 nM) for the lone cultured marine AOA, Nitrosopumilus maritimus (Martens-Habbena et al., 2009), while Km values for some AOB are as low as 10 μM (Casciotti et al., 2003 and references therein), and (2) high spatial variation within these sediments might obscure temporal trends. Put another way, our data do not conclusively indicate whether AOA or AOB are more dominant in these sediments, but are indicative of substantial spatial variation and possibly temporal variation as well. This parallels our geochemical results, but there was little correspondence between AOA and AOB and nutrient and rate data: no significant correlations were observed in the 2007 data (all P>0.05), whereas AOA were negatively correlated with [image: yes] – and positively correlated with [image: yes] – in 2008 (Table 2).

Table 2. Correlation coefficients (r 2) for comparisons between qPCR data, nutrient concentrations, and [image: yes] oxidation rates averaged across triplicate cores collected in Catalina Harbor in 2008.

[image: image]

NITRIFICATION IN CATALINA SEDIMENTS

Ammonia oxidation rate measurements indicated that AOA and AOB were actively nitrifying throughout two of the three collected cores in 2008. Modest enrichment in the CH5 core suggests that although we recovered amoA genes, either this DNA was not derived from living organisms, or these organisms were inactive during our incubation. Evidence for the later includes the relatively low δ15N values measured at 7 and 9 cm depth, as in a previous study conducted in the same location in 2008, Bertics et al. (2010) found the highest rates of nitrogen fixation at depth of 7 and 9 cm in the most bioturbated location they sampled. Hence one possible explanation for the “light” δ15N of [image: yes] + [image: yes] at these depths is the oxidation of recently fixed nitrogen, i.e., while ammonia oxidation appeared inactive at the time of our sampling, it may have been previously active within or near these sediment layers. Another explanation for these local minima in the pore water profile is that this represents [image: yes] and/or [image: yes] of differing δ15N that is present in groundwater.

In the CH4 and CH6 cores, [image: yes] oxidation rates were readily detectable at most depths up 9 cm in both cores, and up to 10 cm depth in the CH6 core. Relatively few 15N-based rate measurements have been conducted within sediments (Ward, 2008), but our experimental approach was similar to that used by Mortimer et al. (2004) and our measured rates (0–18.3 nmolL–1 day–1) were similar to values of 4.86–89.6 nmolL–1 day–1 measured at 2–6 and 10–12 cm depth in Loch Duich (Mortimer et al., 2004). However, our measurements were much lower than the maximum rates measured at 0–2 cm in Loch Duich (1.6 × 106 nmolL–1 day–1) and most other measurements in the literature (Ward, 2008). These results therefore capture active [image: yes] oxidation at depths of up to 10 cm in Catalina Island sediments, but also indicate that rates are generally low and variable with depth and between replicate cores.

One possible explanation for measurable ammonia oxidation at depth is the periodic supply of oxygen to aerobic nitrifiers: previous work has shown that alteration of sediment by macrofauna can alter redox chemistry and microbial communities in CH sediments (Bertics and Ziebis, 2009, 2010; Bertics et al., 2010), and burrows were present in the majority of the cores we collected. Previous work by Dollhopf et al. (2005) in fact showed that nitrification rates and AOB abundance were related to burrow abundance. Abiotic “anoxic nitrification” (Mortimer et al., 2004) may also explain oxidation of ammonia at up to 9 cm depth – however, AOB have been detected at greater depths in other sedimentary environments, and amoA genes from both AOB and AOA were readily quantified where active ammonia oxidation was also measured. As a result, our findings are consistent with previous work indicating that bioturbation sustains nitrification by providing periodic intrusions of oxygen (Dollhopf et al., 2005; Ward, 2008, and references therein).

Hydrogen sulfide is a confounding issue for nitrification in sediments because it can completely inhibit nitrification (e.g., Joye and Hollibaugh, 1995); yet in spite of relatively high sulfate reduction rates occurring in CH sediments (Bertics and Ziebis, 2010), pore water hydrogen sulfide was not previously detected (Bertics and Ziebis, 2009), possibly because dissolved sulfide reacts with the high levels of iron (Bertics and Ziebis, 2009), leading to the precipitation of iron sulfides (Berner, 1970). Hydrogen sulfide may also be oxidized by sulfide oxidizers present in nearby sediments (Meyers et al., 1987) – in fact, hydrogen sulfide is oxidized by organisms using nitrate as an electron acceptor in oceanic oxygen minimum zones (Canfield et al., 2010). Some combination of these processes likely explains the lack of sulfide inhibition of ammonia oxidation in cores CH4 and CH6.

However, the variation in [image: yes] oxidation rates that we observed (e.g., between cores and with depth) may stem from production of hydrogen sulfide: similar to the rate measurements reported here, sulfate reduction rates are heterogeneous in CH bioturbated sediments, with areas having sulfate reduction rates of 790 nmol [image: yes] separated by only 3–5 cm from areas displaying rates of <5 nmol [image: yes] cm–3 day–1 (Bertics and Ziebis, 2010). It is therefore possible that in some patches of CH sediment, high sulfate reduction rates inhibit nitrification, while in other areas, low sulfate reduction rates allow for the presence of nitrification – thereby explaining the high levels of variation in nitrification rates seen between replicate cores in CH. This hypothesis is supported by Gilbert et al. (1998), in which the authors found that bioturbation led to the close presence of oxic and anoxic microenvironments, which in turn strengthened the proximity and exchanges between nitrification and denitrification in sediments.

Our results are consistent with ammonia oxidation being broadly but patchily distributed in marine sediments, where this key process may be coupled to anaerobic N cycling and loss. The high degree of heterogeneity observed for substrates, products, genes, and biogeochemical activity – laterally, with depth, and through time – demonstrates that sedimentary N cycling is extraordinarily complex. Understanding this complexity and variability will be critical for balancing the N cycle in an era of global change (Gruber and Galloway, 2008; Beman et al., 2011).
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Trait-based microbial models show clear promise as tools to represent the diversity and activity of microorganisms across ecosystem gradients. These models parameterize specific traits that determine the relative fitness of an “organism” in a given environment, and represent the complexity of biological systems across temporal and spatial scales. In this study we introduce a microbial community trait-based modeling framework (MicroTrait) focused on nitrification (MicroTrait-N) that represents the ammonia-oxidizing bacteria (AOB) and ammonia-oxidizing archaea (AOA) and nitrite-oxidizing bacteria (NOB) using traits related to enzyme kinetics and physiological properties. We used this model to predict nitrifier diversity, ammonia (NH3) oxidation rates, and nitrous oxide (N2O) production across pH, temperature, and substrate gradients. Predicted nitrifier diversity was predominantly determined by temperature and substrate availability, the latter was strongly influenced by pH. The model predicted that transient N2O production rates are maximized by a decoupling of the AOB and NOB communities, resulting in an accumulation and detoxification of nitrite to N2O by AOB. However, cumulative N2O production (over 6 month simulations) is maximized in a system where the relationship between AOB and NOB is maintained. When the reactions uncouple, the AOB become unstable and biomass declines rapidly, resulting in decreased NH3 oxidation and N2O production. We evaluated this model against site level chemical datasets from the interior of Alaska and accurately simulated NH3 oxidation rates and the relative ratio of AOA:AOB biomass. The predicted community structure and activity indicate (a) parameterization of a small number of traits may be sufficient to broadly characterize nitrifying community structure and (b) changing decadal trends in climate and edaphic conditions could impact nitrification rates in ways that are not captured by extant biogeochemical models.
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INTRODUCTION

Understanding the interaction between ecology and biogeochemistry is an important frontier in environmental microbiology. Temporal separation between cellular activity and trace gas flux measurement has hampered efforts to connect, in field studies, the composition, structure, and activity of microbial communities to the biogeochemical processes they catalyze. Given the importance of prokaryotic diversity for ecosystem function (Kassen et al., 2000), a greater understanding of how microbial communities assemble, interact with the changing environment over time is clearly required.

The application of next generation sequencing technology is continually improving our understanding of the spatial and temporal distribution of microorganisms (Caporaso et al., 2012), while metabolomics and proteomics can help contextualize biological interactions with the environment and clarify relationships within and between microbial functional groups (Kujawinski, 2011; Schneider et al., 2012). In contrast, theoretical approaches in microbial ecology have lagged significantly behind these methodological developments (Prosser et al., 2007). Unlike macrofaunal ecology (Webb et al., 2010), mathematical relationships are not routinely applied to explore the implications behind experimental observations. The theoretical background to expand numerical approaches in environmental microbiology could well follow the trait-based approach implemented in models of marine autotrophic phytoplankton (Litchman and Klausmeier, 2008; Follows and Dutkiewicz, 2011). These models have been shown to be valuable tools for understanding how communities assemble (Follows et al., 2007; Litchman et al., 2007), how they change over time (Litchman and Klausmeier, 2006), and the interdependencies between community dynamics and biogeochemistry (Dutkiewicz et al., 2009).

In the current study we expand the trait-based approach to study a critical component of the nitrogen cycle, nitrification. Nitrification, the oxidation of ammonia to nitrite and then nitrate, is a rate-limiting step in the microbially mediated N cycle (Ward, 2008). Nitrification alters the distribution of inorganic N in soil and bridges the input of NH3 from N-fixation or organic matter (OM) decomposition to its loss as N2O or N2 gas via denitrification. In addition, nitrification is closely linked to the carbon cycle as nitrifier activity determines the relative concentration of two major plant and microbial nitrogen sources: ammonia and nitrate. The availability of these two nutrients in turn affects N mineralization rates, soil OM decomposition, denitrification, plant-productivity, and N-loss through leaching or gas efflux.

The initial step of nitrification (NH3 → NO2) is catalyzed by a phylogenetically restricted group of beta- and gammaproteobacteria (Kowalchuk and Stephen, 2001) and members of the thaumarchaea (Brochier-Armanet et al., 2008). The distribution and abundance of ammonia-oxidizing bacteria (AOB) and ammonia-oxidizing archaea (AOA) in soils and sediments show broad patterns related to substrate (i.e., NH3) concentration (Erguder et al., 2009; Wertz et al., 2011), pH (He et al., 2007); (Nicol et al., 2008), OM concentrations (Könneke et al., 2005), dissolved oxygen (Bouskill et al., 2012), and temperature (Avrahami and Bohannan, 2007; Tourna et al., 2008). In addition, while studies of the ecology and biogeochemical importance of the AOA are still nascent, certain ecological trends are evident, such as the ability to nitrify at low pH and grow under oligotrophic substrate concentrations (Erguder et al., 2009; Nicol et al., 2011).

The nitrite-oxidizing bacteria (NOB) belonging to five genera (Nitrobacter, Nitrospira, Nitrococcus, Nitrospina, and Nitrotoga) catalyze the second major step of nitrification (NO2 → NO3). Few NOB have been isolated from soil and the extent of ecophysiological kinetic data for NOB significantly lags that of AOB. Additionally, PCR primers targeting the functional gene involved in nitrite oxidation (nitrite oxidoreductase) have only recently become available (Vanparys et al., 2007), which has hindered studies of NOB ecology and environmental distribution. Spatial coupling of the two reactions (NH3 and NO2 oxidation) is well known (Okabe et al., 1999; Schramm et al., 1999) and reduces the likelihood that toxic NO2 will accumulate in soils. However, these two oxidative processes can, and often do, become spatially or temporally uncoupled by fluctuating redox or low NO2 concentrations selecting against NOB activity, resulting in NO2 accumulation. In the following section, we briefly introduce the concept of disaggregating microbial functional groups by specific traits and discuss previous attempts to apply these ideas to microbial ecosystems.

TRAIT-BASED MICROBIAL MODELS

Ecosystem activity is closely aligned to the structure and function of endemic microbial communities. These communities catalyze the bulk of biogeochemical reactions related to OM decomposition and nutrient transformations. Although the majority of ecosystem models acknowledge the contribution of prokaryotes in determining the rate of C and N cycling, these models have mainly focused their mechanistic representation on the role physical processes play in regulating biogeochemical cycles. Microbial transformations are often implicitly represented (e.g., Manzoni and Porporato, 2009, and references therein; Parton et al., 1987; Jenkinson and Coleman, 2008) using a specified turnover time for various pools of soil OM (e.g., slow, intermediate, and fast turnover pools). To our knowledge, no modeling frameworks applied at regional or larger scales attempt to represent how the dynamic nature of microbial diversity and activity affects biogeochemical cycling of C, N, or other compounds.

A deterrent to the explicit representation of microbial community dynamics is a lack of understanding of how microbial communities assemble and respond to changing environmental conditions. Microbial communities are extraordinarily diverse, with thousands of different taxa seemingly inhabiting the same environment (Gans et al., 2005; Delong et al., 2006). This diversity can be attributed to a small subset of microorganisms being selected for by the prevailing environmental conditions (Hutchinson, 1961). Selection can be due to a combination of genomic and physiological traits that elevate the fitness of some organisms over their competitors. Therefore, functional diversity is a transient ecosystem property, and as environmental conditions change over time so can microbially mediated reaction rates (e.g., Carney et al., 2007). These changes can have important implications for ecosystem model structure and parameterization.

Trait-based modeling approaches have been reviewed elsewhere (McGill et al., 2006; Green et al., 2008; Webb et al., 2010) and previously applied in ecology (Laughlin, 2011). In microbiology, these models have been used to depict communities of functionally important groups (Allison, 2012) and address questions that field and laboratory experiments are unable to sufficiently answer (Monteiro et al., 2011). These trait-based approaches have attempted to numerically characterize key physiological parameters that contribute toward an ecological strategy.

Nitrifiers are ideal candidates for building and refining trait-based models. They are autotrophic with a simple metabolism largely defined by central physiological processes, such as substrate acquisition (NH3 and NO2) and substrate use efficiency (number of moles of substrate required to fix one mole of CO2). Several decades of ecophysiological studies using different nitrifiers have produced a wealth of data that can be used to mathematically characterize different nitrifier guilds. While heterotrophic organisms can also carry out nitrification (Schimel et al., 1984), at the present time, too little is understood about the distribution, importance and physiology of these organisms (De Boer and Kowalchuk, 2001). Therefore, in this manuscript we describe the development of a microbial community trait-based modeling framework (MicroTrait) to simulate the physiology and ecology of autotrophic nitrifiers (MicroTrait-N), including an explicit representation of the rates of NH3 and NO2 oxidation, N2O production, and nitrogen pool transformations. We apply MicroTrait-N to examine predicted patterns in nitrifier community diversity and activity across several geochemical gradients.

MATERIALS AND METHODS

EMERGENT COMMUNITY ECOSYSTEM MODEL DESCRIPTION (MICROTRAIT-N)

MicroTrait-N resolves intra-functional group diversity of the nitrifier populations (AOB, AOA, NOB) by parameterizing multiple guilds spanning a range in the trait-space (Figure 1). Although this nitrifier model will be integrated in an ecosystem model that allows for a wide range of interactions (Tang et al., submitted), we focus here on resolving nitrifier diversity in a competitive environment across a range of conditions, including pH, O2, substrate type (NH3 or urea), and temperature. Our approach is general enough that it can be applied to nitrifier populations in freshwater and aquatic environments and flexible enough to be used within soil pores. The model is written in Matlab (Matlab R2011b, Natick, MA, USA).
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Figure 1. Schematic representation of the model. Model abbreviations. DOM, dissolved organic matter; DON, dissolved organic nitrogen; AOB/AOA, ammonia-oxidizing bacteria/archaea; NOB, nitrite-oxidizing bacteria.



Our guild approach simulates seven lineages of Betaproteobacterial AOB as individual guilds, three NOB guilds, and one AOA guild. The smaller number of NOB and AOA guilds reflects the lack of relevant ecophysiological studies of these groups. Intra-guild diversity is parameterized by allowing a range of values for each trait (Table 1), based on previous ecophysiology studies (Loveless and Painter, 1968; Suzuki, 1974; Suzuki et al., 1974; Drozd, 1976; Belser, 1979; Belser and Schmidt, 1979; Glover, 1985; Keen and Prosser, 1987; Prosser, 1989; Nishio and Fujimoto, 1990; Verhagen and Laanbroek, 1991; Laanbroek and Gerards, 1993; Jiang and Bakken, 1999; Schramm et al., 1999; Gieseke et al., 2001; Koops and Pommerening Röser, 2001; Cébron et al., 2003; Martens-Habbena et al., 2009; Schreiber et al., 2009). Further information concerning the derivation of trait values is given in the supplemental material. Given the paucity of within-guild information, we assumed a uniform probability density of trait values across each trait range. We can increase the number of guilds as more information becomes available to distinguish intra-guild diversity. We performed several types of simulations investigating the role of pH, temperature, decoupling nitrite, and ammonia oxidation, and pulsed NH3 inputs, by: (1) using the mean value of each trait; (2) performing Monte Carlo (MC) simulations to account for intra-guild diversity; and (3) running the model in equilibrium and dynamic steady state cycle modes to characterize the impact of temporal forcing variation on predicted emergent microbial community structure.

Table 1. Trait values across the different guilds.
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REPRESENTING AUTOTROPHY

In the model, the biomass of each nitrifier guild is represented with five variables: (1) total cell biomass (denoted BT, which may represent the ammonia-oxidizing organism (AOO, i.e., AOB + AOA) as BTA or the NOB, BTN); (2) carbon biomass (BC); (3) nitrogen biomass (BN); (4) Cellular quotas for carbon (QC); and (5) cellular quotas for nitrogen (QN). The latter two are defined relative to total biomass (i.e., QC = BC/BT; QN = BN/BT). Carbon biomass increases by fixing CO2 through the ribulose-bisphosphate enzyme using energy produced during the oxidation of either NH3 or NO2 (Figure 1). Cell division of the AOO and NOB is governed by Droop kinetics (Droop, 1973):
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where [image: yes] represents the biomass quota (i.e., QC or QN) of the ith guild for the jth element. Here j represents either C or N. The minimum quota for carbon is 1 and for nitrogen is 1/13.2 (according to the Redfield Ratio). The carbon and nitrogen constraints are then applied to regulate the cell division rate (DB) with Liebig’s law of the minimum (van der Ploeg, 1999):
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where [image: yes] is the nitrifier maximum specific growth rate (Table 1). Ammonia oxidation in AOO is modeled with Briggs–Haldane kinetics (Koper et al., 2010):
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Here, [image: yes] is the maximum substrate (NH3) uptake rate, KM is the half saturation constant for NH3 or O2 (μM; Table 1), and [image: yes] is the NH3 inhibition constant for AOB (μM; Table 1). Substrate concentrations are in M (mol L−1). CO2 uptake follows Michaelis–Menten kinetics:
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where [image: yes] is guild-specific and depends on energy yielded by ammonia oxidation and the efficiency of CO2 fixed relative to NH3 oxidized:
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where [image: yes] (unitless) is the guild-specific substrate use efficiency (number of moles of NH3 oxidized per mole of CO2 fixed, Table 1) and represents the C:N ratio (i.e., the Redfield ratio; Redfield, 1958) of each nitrifier guild and [image: yes] and [image: yes], which are use to reflect the autotrophic nature of the nitrifiers.

Growth of the ith AOB biomass over time is calculated as:
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Here, Δ (s−1) is the first order microbial mortality rate and DA is biomass loss (M s−1) attributable to the detoxification of NO2 following the uncoupling of AOB and NOB mediated reactions (see below). Total biomass loss is the sum of that required to convert NO2 → NO and NO → N2O, and the 1/4 represents the stoichiometric relationship between biomass and NO2 detoxification (i.e., 4NO2 + CH2O → 4NO + CO2 + 3H2O; 8NO + 2CH2O → 4N2O + 2CO2 + 2H2O).

The NOB gains energy to fix CO2 to biomass via the oxidation of NO2 → NO3. NO2 uptake rate is modeled by:
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where the different terms in Eq. 7 are analogous to those in Eq. 3. The uptake of CO2 occurs via the same pathway as for AOO (Eqs 4 and 5) and the biomass of the ith NOB guild varies as:
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NITROUS OXIDE PRODUCTION

N2O is produced by AOO via two distinct pathways: (1) decomposition of the hydroxylamine intermediate and (2) the likely more significant mechanism of NO2 detoxification (Figure A1 in Appendix; Frame and Casciotti, 2010; Kool et al., 2011; Stein and Klotz, 2011). Under the first pathway, N2O production is modeled as a linearly related fraction of hydroxylamine decomposition (Frame and Casciotti, 2010). The second pathway simulates the detoxification of accumulated NO2 as the two steps of nitrification become uncoupled. This decoupling can occur because NOB have a lower affinity for O2 than the AOB; therefore as O2 is consumed during nitrification (or in low O2 environments), the two reactions may become spatially or temporally uncoupled. NO2 toxicity stimulates a detoxification pathway converting NO2 to N2O via NO. This detoxification pathway is potentially the more significant mechanism by which AOB produce N2O. AOA have recently been shown to produce N2O (Santoro et al., 2011), although the mechanism has not yet been elucidated. Therefore, in the present version of the model we predict AOA N2O production using the same relationships as for AOB.

As NO2 concentrations become toxic to AOO, their growth and NH3 uptake decline. We represent these transitions by modifying an organism’s affinity for NH3 as a function of NO2, NO, and O2 concentrations:
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where [image: yes] is the base NH3 affinity, [image: yes] is the affinity constant for NO2 or NO during detoxification, and [C] represents the concentration (M) of either NO2 or NO. Energy for detoxification is assumed to come from the degradation of microbial biomass resulting in the output of CO2.

NUTRIENT POOL TRANSFORMATIONS

The dynamic aqueous NH3 concentration ([NH3] (M) depends on a balance between losses from oxidation [image: yes] uptake into biomass of AOO [image: yes] and NOB [image: yes] and inputs resulting from biomass breakdown during detoxification summed across the total number of AOO guilds (nA) and NOB guilds (nN):
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where the 1/4 represents the stoichiometry of the detoxification reaction using biomass for energy. The dynamic NO2 concentration depends on uptake by NOB to generate energy and losses via detoxification by AOB:
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MODEL EVALUATION

Resolution of nitrifier diversity across geochemical gradients

We tested MicroTrait-N by examining how nitrifier diversity varies across geochemical gradients in pH, substrate concentration [i.e., (NH3)], and temperature and compared predictions of this diversity against published studies. Accuracy of modeled communities was gaged by relating the steady state modeled nitrifier diversity to its likely phylogeny based on literature sources of the derived trait values. In addition, an evenness statistic (Ji) is ascribed to each community;
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where represents the relative proportion of the ith species, and S is the species richness (Mulder et al., 2008). The evenness statistic varies between 0 and 1, with 1 indicating an equal contribution of each guild to the total biomass. The model also predicts rates of NH3 oxidation and N2O production that we report as 30 days running averages.

Physicochemical impacts on nitrifier diversity and activity

We applied a step-wise approach to analyze the impacts of geochemical variables, temporal dynamics of substrate inputs, and combinations of these variables on nitrifier diversity and activity. The five groups of modeling scenarios include sensitivity analyses of the impacts of (i) pH; (ii) temperature; (iii) decoupling during NO2 detoxification; and (iv) dynamic substrate inputs. For the fifth modeling scenario, (v) we computed predicted community structure with a limited set of available observations.

pH impacts. pH is a determinant of nitrifier diversity, in part, due to its regulation of NH3 concentrations. The NH4:NH3 ratio increases as pH decreases (Li et al., 2012), possibly selecting for nitrifiers adapted to low substrate concentrations. We performed model simulations across pH gradients spanning neutral to slightly acidic conditions (7.8–4.5). For each guild, the model was run with an integration time of 6 months, which allowed the community biomass to come to a steady state. Simulations were initialized with 1 × 10−5 M NH3 and non-limiting concentrations of O2 and CO2 (both 1 M × 10−3 M). Two further substrate pulses (of 1 × 10−6 NH3) following 2 and 4 months were necessary to prevent the communities becoming substrate limited and maintain them at steady state.

Temperature impacts. Temperature has also been shown to play an important role in determining the diversity of ammonia-oxidizing communities in terrestrial and aquatic ecosystems (Erguder et al., 2009; Prosser, 2011). We applied in the model a temperature-activity relationship based on previously published data (Ratkowsky et al., 2005; Follows et al., 2007) that accounts for a different temperature optima across the guilds (Table 1). We simulated a temperature range of 5 to 30°C in 5°C increments under initial conditions of NH3 = 5 × 10−5 M and pH = 7.8.

Decoupling nitrification reactions. We simulated the forced reduction of NO2 to N2O during AOO detoxification by initializing the model to steady state over 6 months under initial conditions of 1 × 10−5 M NH3, pH = 7.8 and temperature = 20°C. At steady state, the NOB activity was turned off and then simulations were run for a further 6 months. A simultaneous control experiment extended the steady state for a further 6 months maintaining NOB activity.

Pulsed substrate inputs. NH3 availability is considered to be a major determinant of AOO diversity (Bouskill et al., 2011; Prosser, 2011) and the rate of N2O efflux (Elberling et al., 2010). Nitrifiers show wide physiological breadth with respect to enzyme kinetics (Vmax and Km) and different communities dominate based on the magnitude of substrate inputs (Mahmood et al., 2006). We tested the impact of NH3 availability by simulating community diversity and activity in response to pulsed NH3 input events. Under a constant pH (7.8) and temperature (25°C), NH3 was initially input at a concentration of 1 × 10−6 M and increased on 2-month cycles to 5 × 10−5 M.

Comparisons with observed data. We tested the baseline MicroTrait-N predictions by comparing against published data from five Alaskan ecosystems (Petersen et al., 2012). That dataset combines nitrification rate measurements with a quantification of the different nitrifier groups (AOB and AOA) facilitating a direct comparison with the output of our model. Petersen et al. (2012) also report a comprehensive list of chemical data, which satisfy the input requirements of the simulation’s initial conditions. Furthermore, in contrast to our earlier simulations evaluating community composition at a fixed substrate concentration and low pH (down to 4.5), this dataset represents low pH soils (4.8–4.3) with high substrate concentrations. For these simulations initial conditions are given in Table A1 in Appendix with temperature = 15°C and simulations were run for 6 months. The model was initialized with mean trait values and then simulations were replicated using the MC approach and five analogs per guild (with each analog representing a stochastically chosen set of trait values across the uniform probability distribution. For comparison, data from two of the sites are replicated using an MC code with a normal distribution. Using the normalized distribution of traits produces little effect on the model output. See appendix).

RESULTS

PHYSICOCHEMICAL IMPACTS ON NITRIFIER DIVERSITY AND ACTIVITY

In this subsection we describe results from our modeling scenarios and comparison of predicted data with observations.

pH impacts

We simulated a pH gradient from approximately neutral (pH = 7.8) to acidic (pH = 4.5) conditions and recorded diversity and activity (NH3 oxidation rate and N2O production). During the hydrolysis reaction of NH3, the ratio NH4:NH3 increased hyperbolically as pH decreased. Thus, at pH < 5, the extremely low [NH3] encouraged the growth of oligotrophic ammonia oxidizers. Both baseline (i.e., fixed trait values, Figures 2A,B) and MC (Figures 2C,D) approaches showed a decline in AOB community evenness with decreasing pH. The highest evenness values are predicted around neutral values where AOB guilds 7 [AOB(7)] and 4 [AOB(4)] dominate. As pH decreases, community diversity declines until the AOA guild dominates. Although both simulations had similar trends in diversity, the multiple analog experiments (Figures 2C,D) predicted more variability in community diversity, as evidenced by more variable evenness values. Predicted nitrifier activity (as indicated by NH3 oxidation rates and N2O production) also declined with decreasing pH from a maximum NH3 oxidation rate of 1.9 M N day−1 to less than 0.1 M N day−1. Predicted N2O production was linearly related to NH3 oxidation (data not shown, r = 0.98, p = 0.001, slope = 0.94) indicating the AOB and NOB reactions were coupled regardless of the pH and N2O was primarily by hydroxylamine decomposition.


[image: image]

Figure 2. Simulations of AOO diversity and activity across a pH gradient. Community evenness values are given above the stacked bars. (A) Community diversity (proportion of total biomass) predictions using mean trait values. (B) Simulated nitrifier activity (NH3 oxidation, NO2 production, N2O production) using mean trait values. (C) Community diversity (proportion of total biomass) predictions using Monte Carlo simulations of multiple AOO analogs (n = 5 analogs per guild). (D) Simulated nitrifier activity (NH3 oxidation, NO2 production, N2O production) using Monte Carlo simulations of multiple AOB analogs (n = 5 analogs per guild).



Temperature impacts

Maximal rates of ammonia oxidation were simulated at 25°C (Figure 3B). Maximal oxidation rates coincided with the highest community evenness. At low temperature, AOO communities were dominated by the cold-adapted AOB(6) guild (Table 1, Figure 3A), which represents Nitrosmonas cryotolerans. The AOA guild was also important at this temperature (Figure 3A). With increasing temperatures up to 25°C, the AOB(3) and AOB(7) guilds became more competitive and began to dominate the community. When the temperature reached 30°C, the AOB(1) guild dominated. N2O production mirrored that of NH3 oxidation indicating that N2O production resulted from hydroxylamine decomposition under these conditions.
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Figure 3. Mean trait-value AOO community diversity and activity across a temperature gradient. (A) Stacked bar chart depicts community diversity as a proportional contribution to the total community biomass. The evenness value is given above the plot. (B) Rates of NH3 oxidation (bar chart) and gross N2O production (line graph). Error bars are the result of multiple simulations (n = 3).



Decoupling nitrification reactions

We simulated N2O production through two pathways described above (Figure A1 in Appendix). After running the simulations to steady state biomass, the NOB were removed allowing rapid accumulation of NO2 and invoking a detoxification response in the AOO. NO2 was rapidly converted to N2O, via NO, using cellular biomass as an energy source. This conversion resulted in a transient N2O production rate significantly higher than in the scenarios with a steady state community and when the NOB were present (ANOVA, p < 0.05; Figure 4A). Despite a higher N2O production rate in the absence of NOB, cumulative production of N2O over 6 months was significantly (ANOVA, p < 0.05) lower than when NOB were present (Figure 4B) due to the creation of an unstable half reaction (lacking NO2 oxidation) resulting in a rapid crash in AOO community biomass (data not shown).
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Figure 4. N2O production under a coupled AOB-NOB nitrification reaction and also as the AOB-NOB reaction becomes uncoupled and the detoxification reaction is activated. (A) Maximal rate of N2O production (B) Cumulative N2O production over the 6-month simulation. Error bars are the result of three simulations per temperature.



Pulsed substrate input

We simulated the response of our imposed simple community (seven AOB guilds; one AOA guild; and three NOB guilds) to pulsed input of substrate over a 9-month period (Figure 5). Over time, and with evenly spaced pulsed events, the evenness of the community declines slightly from 0.76 to 0.58 as one guild, AOB(7), begins to dominate. Pulses of NH3 are drawn down more quickly as the biomass of AOB increases. However, the second pulse of NH3 results in its most rapid drawdown due to a high cumulative biomass and greater diversity of AOO (Figures 5A,B). As NOB biomass increases, NO2 demand increases, and the NO2 is oxidized as rapidly as it is produced (Figure 5C). In the present simulation we did not allow for diffusion, and this resulted in an accumulation of N2O (Figure 5D), nevertheless, the rate at which it is produced reflects the pulses of NH3 into the system. The initial pulse elevates NH3 concentrations from 1 × 10−7 to 5 × 10−6 and results in a five-fold increase in the biomass of AOB(7), a four-fold increase in AOB(5), and a small response in AOB(1). As NH3 is drawn down to lower concentrations (<1 × 10−6 M) AOA briefly become the dominant nitrifiers. While AOA biomass peak when substrate concentrations are low, they are inhibited by subsequent substrate pulses.
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Figure 5. Community response to pulsed substrate input. (A) Changes in AOO biomass over time. (B) Substrate concentration (M). (C) Nitrite dynamics over time. (D) Production of N2O over time.



Comparison with environmental data

The dataset presented by Petersen et al. (2012) examined AOO community diversity across five-plant community types characteristic of the interior of Alaska. These soils were characterized by high substrate concentrations (range = 7.3 × 10−3 to 0.1 M NH3) and low pH (4.3–4.8). These observations therefore provide a comparison to our earlier examination of a pH gradient with a fixed substrate concentration. The model predicted that, in contrast to our previous predictions at low pH and NH3 substrate levels (Figure 2), bacteria dominated the AOO community at these sites (Figure 6A). Using mean values for traits, the Black Spruce and Bog Birch sites were dominated by AOB(7) and AOB(3) in the case of the Bog Birch site. The Tussock Grassland, Emergent Fen, and Rich Fen also showed lower evenness and were generally dominated by one guild [AOB(1)] accounting for approximately 90% of the total AOB biomass. The AOA guild was never a significant component of the community diversity under these conditions (data not shown). Within-guild diversity was represented using MC simulations that stochastically assigned traits to multiple analogs of each guild. The community composition that emerged when using this approach was different than when traits were represented by their mean values. For example, the AOA became more prominent in the MC simulations, although they were still only a relatively small proportion (2–4%) of the Fen communities and Tussock grassland (Figure 6A).
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Figure 6. Simulations of the activity and diversity of AOB communities in high-latitude ecosystems. (A) Monte Carlo simulations of multiple AOB analogs (n = 5 analogs per guild) across the different sites. Each guild is represented by a distinct color. Subtle differences in the shade of that color demarcate the different analogs/guild. A box outlines the boundaries of each guild’s biomass. Evenness statistic given above the bar plots. (B) NH3 oxidation rates from just simulated and observed data. (C) Predicted rates of N2O production and measured NH3 concentrations. Error bars are the result of multiple simulations (n = 3). BS, Black Spruce; BB, Bog Birch; RF, Rich Fen; EF, Emergent Fen; TG, Tussock Grassland.



Predicted trends in NH3 oxidation rates (Figure 6B) correlated with the observed data (Figure 6B; r = 0.96, p = 0.007). The highest oxidation rates were associated with the highest NH3 concentrations at the Emergent Fen site (4.9 × 10−4 M N day−1) and with the lowest rates at the Black Spruce and Bog Birch sites (9 × 10−5 and 9 × 10−6 M N day−1 respectively). MicroTrait-N predictions of N2O production also correlated with NH3 concentrations and oxidation rates (Figure 6C), albeit not significantly (r = 0.69, p = 0.19), and were 85 times higher at the Emergent Fen site (3.6 × 10−6 M N day−1) than the Black Spruce (4.3 × 10−8 M N day−1).

DISCUSSION

Oxidation of NH3 to NO3 is an important process that couples N-inputs and losses via denitrification and influences the availability of N in terrestrial and marine environments (Ward, 2008; Prosser, 2011) with important implications for carbon cycling (Doney et al., 2007). A better understanding of the ecological factors that determine the activity and diversity of the chemoautotrophic nitrifiers will therefore improve our understanding of N-transformations and N-emissions. To that end we describe here a model simulating nitrifier community development as a function of environmental conditions, allowing both community diversity and the rate of nitrification to change across environmental gradients.

GUILD CHARACTERIZATION

MicroTrait-N simulates nitrifier diversity using a guild model loosely based on phylogenetic affiliations (Koops and Pommerening Röser, 2001), with differences in key ecophysiological characteristics (e.g., DON usage, KM values). Several of the results across gradients showed plausible representation of the dominant nitrifiers guilds emerging on the basis of environmental conditions (discussed below). Our guild characterization recognizes several guilds of the Nitrosomonas [AOB(1-6)], one guild of the Nitrosospira [AOB(7)] and the AOA, and three guilds of the NOB. The guilds resolve broadly into oligotrophic and copiotrophic groups (Kassen et al., 2000; Lauro et al., 2009). For example, the AOB(5) and AOB(7) guilds have copiotrophic-like characteristics, responding rapidly to substrate pulses (Figure 5A), while the AOA guild is only competitive as substrate is either drawn down to concentrations ≤1 μM (Figure 5A) or when pH reduces NH3 availability (Figure 2).

The MicroTrait-N model structure is currently weighted in favor of guilds with cultured members and likely under-represents the importance of the AOA. The AOA are known to be in high abundance in both oceanic (Bouskill et al., 2012) and terrestrial (Leininger et al., 2006) environments. However, while it is likely that marine AOA are chemoautotrophic organisms and play an important role in marine nitrification, AOA possibly span a more complicated functional space in terrestrial systems. Attempts to draw correlations between the abundance of terrestrial AOA and NH3 oxidation rates have produced mixed results (Di et al., 2009); (Jia and Conrad, 2009). In MicroTrait-N, parameterization of AOA kinetics is extrapolated from a few published cultures (Martens-Habbena et al., 2009; Lehtovirta-Morley et al., 2011). The model consequentially represents the AOA as oligotrophs, dominating nitrifying conditions under low NH3 concentrations, and becoming outcompeted or possibly inhibited under higher NH3. The AOA:AOB relationship provides some support for the idea that AOA are oligotrophic, with ratios increasing as substrate concentrations decrease (Mosier and Francis, 2008; Bouskill et al., 2012), while AOA have generally been reported in low abundance within engineered systems of high NH3 concentrations (Wells et al., 2009). However, the AOA are also abundant in terrestrial ecosystems with high NH3 concentrations (Verhamme et al., 2011). This diversity might suggest that the physiological breadth of the AOA has yet to be fully uncovered, and that the notion of the AOA as oligotrophic K-strategists might be challenged through isolation of organisms from high NH3 environments. On the other hand, several studies have demonstrated metabolic diversity of the terrestrial AOA (i.e., mixotrophy; Mußmann et al., 2011), and have proposed that although the abundance of the AOA is high, their contribution to ammonia oxidation is perhaps minimal. Currently, MicroTrait-N is only capable of representing organisms growing autotrophically, and does not represent the abundance of organisms with alternative metabolisms. Therefore, if an appreciable proportion of the AOA community at neutral pH is not actively oxidizing ammonia, they will not be predicted in the current model structure. Further studies into the physiology of the AOA will likely yield data that should help to constrain the models.

GEOCHEMICAL GRADIENT SIMULATIONS

MicroTrait-N attempts to predict trends in community diversity across gradients in substrate concentration, pH, and temperature.

pH impacts

Few studies offer an experimental analog to the simulations presented here, however, Nicol et al. (2008) examined AOA and AOB dynamics along a pH gradient (7.5–4.9) in an agricultural soil. The results of that study did not necessarily support predictions from our simulations (e.g., the AOA were observed to be the numerically dominant nitrifiers across neutral to acidic conditions), however several similarities occurred. Quantification of transcript abundance found the AOA:AOB ratio decreased with increasing pH, suggesting that the relative importance of the AOB to ammonia oxidation increases with increasing pH. Furthermore, Nicol et al. (2008) also noted the taxonomic diversity of AOB to decrease with decreasing pH. This relationship was mainly attributable to the loss of most of the Nitrosomonas species and several of the Nitrosospira clusters. Additionally, at pH ≤ 5.0 the Nitrosospira were the dominant bacterial nitrifying group. Our simulations reproduced some of these observations, including a drop in bacterial diversity and an increasing prominence of the AOB(7) guild (for which kinetic parameters were derived from the Nitrosospira) with decreasing pH.

The dominance of the AOA guild at low pH is supported by several studies (Nicol et al., 2008; Gubry-Rangin et al., 2010). However, there is also evidence of the AOA dominating nitrifier groups across a range of pH (from 8.7 to 3.5; Gubry-Rangin et al., 2011). It is not clear if this dominance is due to a physiological adaptation to low pH or to substrate availability. Nitrification rates have previously been shown to be high at low pH where rates of mineralization (and hence substrate availability) are high (Booth et al., 2005), however, (Gubry-Rangin et al., 2011) did not explicitly measure substrate concentrations in their study.

Temperature impacts

MicroTrait-N also simulates the relationship between temperature and the kinetics of the ammonia-monoxygenase enzyme, which purportedly has a stronger effect on the ammonia oxidation rate than substrate availability (Groeneweg et al., 1994). The MicroTrait-N relationship between temperature and activity (ammonia oxidation) was based on a previously published square-root relationship for the growth rate of bacteria (Ratkowsky et al., 1983, 2005). In the present model, nitrifier diversity and activity was highest at 25°C while the rate of N2O production tracked the rate of ammonia oxidation. Several laboratory and field experiments have recorded a significant positive relationship between temperature and the activity of nitrifiers (Stark, 1996; Jiang and Bakken, 1999; Avrahami and Bohannan, 2007; Bouskill et al., 2011) with a few studies noting that the relationship continues up to and above 30°C (Stark and Firestone, 1996). Understanding the relationship between temperature and nitrification is crucial to predicting future N2O effluxes (Avrahami and Bohannan, 2009) and future simulations should account for complex interactions between temperature, substrate, and soil moisture, all of which play a significant role in N2O fluxes (Avrahami and Bohannan, 2009).

Decoupling nitrification reactions

N2O is a long-lived greenhouse gas and stratospheric ozone depleting substance (Bange, 2008). The atmospheric mixing ratio of N2O has increased 20% since 1750 (MacFarling Meure et al., 2006) with terrestrial ecosystems the principle sources of N2O emissions (Pérez et al., 2001). The annual contribution of nitrification to the global N2O budget is currently unknown, however, in previous models the ratio of N2O formed to NH3 oxidized is generally about 0.1% (Frame and Casciotti, 2010). This relationship does not account for differences in the pathways of N2O production via nitrification (Frame and Casciotti, 2010).

In the current model, we simulated N2O production via NO2 detoxification and hydroxylamine decomposition. The maximal rate of N2O production was recorded under NO2 detoxification, and was approximately 150 times higher than it had been directly before NOB removal and seven times higher than the N2O production rate when NO2 did not accumulate (i.e., NOB were present and N2O was produced by hydroxylamine decomposition). This result might suggest that NO2 detoxification substantially increased N2O production by ammonia oxidizers upon uncoupling of the nitrification reactions. However, the toxic effect of NO2 reduces AOO biomass to the point where the populations crash and NH3 oxidation declines. This biomass change is reflected in the cumulative N2O production data over the 6 month simulation, which is approximately 5 times lower than that formed during full nitrification (i.e., hydroxylamine decomposition).

These model predictions are supported by previous experimental work. For example, Graham et al. (2007) observed evidence of chaotic instability in the AOB-NOB relationship resulting in significant accumulation of NO2 in a chemostat experiment. Furthermore, Frame and Casciotti (2010) examined pathways of N2O production in the marine ammonia oxidizer, Nitrosomonas marina. They found that the presence of excess NO2 in the growth medium increased N2O yields by an average of 70–87%, while stable isotope and 15N-site preference measurements determined that nitrifier-denitrification (analogous to our detoxification pathway) was responsible for the majority of N2O production at low oxygen (Frame and Casciotti, 2010).

Comparison with environmental data

We also tested our model against site-collected data from a recent study in a high-latitude site (Petersen et al., 2012). Petersen et al. (2012) sampled five-plant communities characteristic of interior Alaska, and measured the abundance of functional genes affiliated with nitrification (i.e., bacterial and archaeal ammonia monooxygenase) and potential nitrification rates. The sites were characterized by high ammonium concentrations (0.2–2.9 g m−2) and low pH (4.8–4.3). These sites therefore present a contrast to the earlier pH gradient analysis under a lower substrate concentration. In our pH gradient simulation the AOA dominated the low pH possibly due to low substrate availability. Conversely, at higher substrate concentrations Petersen et al. (2012) found AOB to be the dominant nitrifier in these Alaskan soil plots and the AOB amoA gene abundance best explained observed nitrification rates. The AOA were only minor components of the AOO communities. Recreating the initial conditions from data collected in Alaska (Carney et al., 2007; Petersen et al., 2012), we resolved plausible trends in both relative community composition (i.e., AOB biomass was higher than that of the AOA) and NH3 oxidation rates. Predicted NH3 oxidation rates correlated with NH3 concentrations. That the AOB dominated these communities over the AOA supports the earlier data suggesting AOO community composition is largely determined by substrate concentrations. N2O production generally tracked NH3 oxidation, indicating that N2O was predominantly produced via hydroxylamine decomposition. The exception was at the Bog Birch site where predicted N2O production was higher than a rate consistent with hydroxylamine decomposition. This result is significant given predictions of higher N2O production in high-latitude ecosystems dependent on N-availability (Elberling et al., 2010) and further work is warranted to understand these MicroTrait-N predictions.

In addition to replicating field studies, a major objective of any modeling approach is to test existing hypotheses. For example, our mechanistic model may be used to test existing ecological theory of the controls on ecosystem processes (in this case nitrification). At the present time, two competing hypotheses describe the relationship between community structure and ecosystem processes: The “diversity” hypothesis and the “mass-ratio” hypothesis (Grime, 1998; Green et al., 2008; Laughlin, 2011).

The “diversity hypothesis” postulates that the richness of functional groups determines the rate of ecosystem processes by a complementary association between different functional groups (e.g., Tilman et al., 1996; Laughlin, 2011). On the other hand, the “mass-ratio” hypothesis proposes that ecosystem processes are controlled by the relative abundance of different functional groups.

Our results show that these two hypotheses are both valid but at different stages of the evolving nitrifier ecosystem. Organisms achieving maximal fitness under the initial conditions can rapidly increase their biomass to dominate the nitrification process. Other guilds decline sometimes to extinction. These dynamics seemingly lend support to the “mass-ratio” hypothesis. However, as conditions change (i.e., as substrate concentrations fall), the diversity of the community becomes more important, as guilds more suited to the new conditions become numerically prominent and dominate nitrification. At the present time, we are unaware of any field studies in microbial ecology that exclusively test these theories in situ. The functional diversity of microbial communities, and redundancy in those communities, in addition to limitations in current methods limitations, make it difficult to attribute activity to specific groups. These limitations might be overcome in future through continued development of isotope labeling and spectroscopy methods (Hall et al., 2010) and transcriptomics (Moran et al., 2012).

CONCLUSION

Trait-based microbial ecology can potentially link the observations of experimental environmental microbiology, theoretical energy, and mass exchange considerations, and quantitative modeling with an emphasis on depicting microbial diversity across spatial and temporal scales. Previous applications of the microbial trait-based approach have been successful in predicting rates of primary productivity (Follows et al., 2007), heterotrophic activity (Hall et al., 2008), and litter decomposition (Allison, 2012). We demonstrate here that trait-based representation of nitrifiers can be used to connect community diversity with activity, improve understanding of environmental controls on NH3 oxidation, and test hypotheses centered around the ecology of NH3-oxidizers and N2O production, issues that temporal and financial restrictions on field studies are often unable to address. An important avenue for future research is to focus on whether the integration of these microbiological diversity modules into ecosystem models can improve site, regional and global predictions of carbon and nutrient cycling.
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APPENDIX

MATERIALS AND METHODS

Derivation of trait values

Numerical values for five different traits [KM(NH3), KM(O2), VMAX(NH3), μmax, RC:N] were taken from ecophysiological studies following an extensive literature review (Loveless and Painter, 1968; Suzuki, 1974; Suzuki et al., 1974; Drozd, 1976; Glover, 1985; Belser and Schmidt, 1979; Keen and Prosser, 1987; Prosser, 1989; Nishio and Fujimoto, 1990; Verhagen and Laanbroek, 1991; Laanbroek and Gerards, 1993; Jiang and Bakken, 1999; Schramm et al., 1999; Gieseke et al., 2001; Koops and Pommerening Röser, 2001; Cébron et al., 2003; Martens-Habbena et al., 2009; Schreiber et al., 2009). Where possible the traits were derived from the same study, however, efforts were made to ensure that the similar methodologies were used to calculate trait values (e.g., under similar pH and temperature). The different ecophysiological traits were measured in batch cultures of strains of Nitrosomonas, Nitrosospira, Nitrosopumilus, Nitrososphaera and Nitrosotalea.

– KM(NH3)/KM(O2)/VMAX: Enzyme kinetics (e.g., affinity constant and uptake) were calculated under substrate saturation conditions (see: Loveless and Painter, 1968; Suzuki et al., 1974; Drozd, 1976; Martens-Habbena et al., 2009). Affinity constants have previously been measured in whole cells as well as cell extracts and oxygen concentrations measured using oxygen electrodes (Suzuki et al., 1974). Enzyme uptake can be calculated using ammonia microprofiles and fitting to the Michaelis–Menton equation (e.g., Schramm et al., 1999). In the case of the AOA, Nitrosopumilus maritimus, affinity constants were derived using oxygen microsensors (Martens-Habbena et al., 2009), from multiple oxygen traces. Maximum uptake rate was also calculated under substrate saturation. In general, media with defined ammonia concentrations were sub-sampled over time and substrate concentrations determined fluorometrically. Uptake rates were calculated from oxygen profiles and fitted to a Michaelis Menton equation (Martens-Habbena et al., 2009).

– μmax: Maximum specific growth rate was generally estimated by measuring the evolution of NO2 as a proxy for growth (e.g., Loveless and Painter, 1968; Keen and Prosser, 1987). NO2 increases exponentially during growth and the slope of a semi-logarithmic plot of product evolution against substrate concentration is equivalent to specific growth rate.

– RC:N: The carbon yield from nitrification was determined in continuous or chemostat cultures (e.g., Belser, 1979; Belser and Schmidt, 1979; Glover, 1985; Keen and Prosser, 1987) by measuring cell number (e.g., using a spectrometric bacterial counter) and the production (AOB), or draw down (NOB), of NO2.

Table A1. Initial inputs for model simulation of the Petersen dataset.

[image: image]


[image: image]

Figure A1. Relative magnitude of guild parameters.
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Figure A2. Pathways of nitrous oxide production during nitrification. See text for detailed explanation.
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Figure A3. Explicit relationship between trait parameters KM and μmax.
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Figure A4. Simulations of the activity and diversity of AOB communities in high-latitude ecosystems. (A) Simulations of multiple AOB analogs (n = 5 analogs per guild) across the different sites. These simulations are based on a normalized distribution of trait values. Each guild is represented by a distinct color. Subtle differences in the shade of that color demarcate the different analogs/guild. A box outlines the boundaries of each guild’s biomass. Evenness statistic given above the bar plots. (B) Experimental observations reproduced from Petersen et al. (2012), showing the trends in potential nitrification rates under a normal distribution, a uniform distribution, and the observed NH3 oxidation rates.
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The microbial nitrogen (N) cycle involves a variety of redox processes that control the availability and speciation of N in the environment and that are involved with the production of nitrous oxide (N2O), a climatically important greenhouse gas. Isotopic measurements of ammonium ([image: yes]), nitrite ([image: yes]), nitrate ([image: yes]), and N2O can now be used to track the cycling of these compounds and to infer their sources and sinks, which has lead to new and exciting discoveries. For example, dual isotope measurements of [image: yes] and [image: yes] have shown that there is [image: yes] regeneration in the ocean's euphotic zone, as well as in and around oxygen deficient zones (ODZs), indicating that nitrification may play more roles in the ocean's N cycle than generally thought. Likewise, the inverse isotope effect associated with [image: yes] oxidation yields unique information about the role of this process in [image: yes] cycling in the primary and secondary [image: yes] maxima. Finally, isotopic measurements of N2O in the ocean are indicative of an important role for nitrification in its production. These interpretations rely on knowledge of the isotope effects for the underlying microbial processes, in particular ammonia oxidation and nitrite oxidation. Here we review the isotope effects involved with the nitrification process and the insights provided by this information, then provide a prospectus for future work in this area.
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NITRIFICATION IN THE OCEAN—ROLES IN NO–3 SUPPLY AND N2O PRODUCTION

Nitrification comprises a key link in the marine nitrogen (N) cycle converting the most reduced form of N (ammonia, NH3) to the most oxidized (nitrate, [image: yes]). Although sunlight appears to partly inhibit nitrification (Olson, 1981a; Guerrero and Jones, 1996; Merbt et al., 2012), there are many indications that nitrification occurs in the euphotic zone (Ward, 1985, 2005; Wankel et al., 2007; Yool et al., 2007; Clark et al., 2008). Therefore, when reduced organic N is released into solution through cell lysis, grazing and digestion, it can be either reassimilated or oxidized back to [image: yes] in the sunlit surface waters. Also, when particulate organic matter (in the form of detritus, fecal pellets, or marine snow) sinks out of the euphotic zone, it is gradually broken down into its component parts and remineralized into its inorganic forms: CO2, [image: yes], and PO3−4. In oxic water columns, the [image: yes] released from organic matter remineralization below the euphotic zone is rapidly oxidized to [image: yes]. The distribution of nitrification rates in the ocean is therefore expected to follow the distribution of [image: yes] supply from organic matter remineralization, which decreases exponentially with depth (Ward and Zafiriou, 1988).

Nitrification is carried out through the combination of two microbial processes: ammonia oxidation to [image: yes] and nitrite oxidation to [image: yes]. Ammonia oxidation is a chemoautotrophic process carried out by ammonia-oxidizing bacteria (AOB) and ammonia-oxidizing archaea (AOA). These organisms use NH3 as their source of reducing power for CO2 fixation and energy production. Nitrite oxidation is also a chemoautotrophic process and is carried out by nitrite-oxidizing bacteria (NOB). These bacteria use nitrite ([image: yes]) as their source of reducing power for CO2 fixation and energy production (Watson, 1965; Bock et al., 1989). Most ammonia and nitrite oxidizers are obligate chemoautotrophs (Watson and Waterbury, 1971), although a few are able to grow mixotrophically (Watson et al., 1986).

Although [image: yes] is an intermediate in the nitrification process, it rarely accumulates in the ocean. [image: yes] can be found at the base of the euphotic zone in a feature termed the primary nitrite maximum (PNM; Wada and Hattori, 1971). The processes contributing to [image: yes] accumulation in the PNM are still debated, but most likely include a combination of ammonia oxidation and nitrite oxidation, as well as assimilatory nitrate and nitrite reduction by phytoplankton (Ward et al., 1982, 1989; Dore and Karl, 1996; Lomas and Lipschultz, 2006; Mackey et al., 2011). The relative contributions of these processes to [image: yes] cycling have different implications for N biogeochemistry and the links between C and N cycling. Net production of [image: yes] through nitrification (decoupling of ammonia and nitrite oxidation) can also have implications for the production of nitrous oxide (N2O), a climatically important greenhouse gas. It is therefore important to know how the processes contributing to the production and maintenance of the PNM vary in space and time.

[image: yes] also accumulates in oxygen deficient regions of the water column in a feature termed the secondary nitrite maximum (SNM; Brandhorst, 1959). The SNM is generally assumed to reflect active denitrification in oxygen deficient zones (ODZs), as SNM features are only found in the absence of dissolved oxygen (Brandhorst, 1959; Cline and Richards, 1972; Codispoti and Christensen, 1985). However, recent studies have shown that the presence of a SNM feature may not coincide with the most intense [image: yes] cycling, as active [image: yes] reduction occurs in the Omani upwelling region in the absence of [image: yes] accumulation (Jensen et al., 2011; Lam et al., 2011). [image: yes] consumption in the SNM may occur through many processes, including denitrification (reduction of [image: yes] to N2), anaerobic ammonia oxidation (reduction of [image: yes] to N2 and oxidation to [image: yes]), and nitrite oxidation (oxidation of [image: yes] to [image: yes]). Recent studies using natural abundance isotopes (Casciotti, 2009), profile modeling (Lam et al., 2011), isotope tracers (Lipschultz et al., 1990; Füssel et al., 2012), and gene markers (Füssel et al., 2012) suggest that a significant fraction of [image: yes] produced within the SNM may be consumed through oxidation to [image: yes].

Several questions remain about the roles of AOB and AOA in marine nitrification, the controls on their distribution and activity, and the rates of these processes. These questions relate to the cycling of [image: yes], [image: yes], and [image: yes] in the water column, and the production of N2O linked to nitrification. These questions can be addressed with a variety of complementary approaches, including molecular community analysis and quantification, instantaneous rate measurements, natural abundance stable isotope measurements, and geochemical modeling.

Examples of applications involving the use of natural abundance stable isotopes to study nitrification include: (1) the role of euphotic zone nitrification in supplying [image: yes] for photosynthetic growth (Wankel et al., 2007; DiFiore et al., 2009), (2) the contributions of nitrification and nitrate reduction to [image: yes] accumulation in the PNM (Buchwald and Casciotti, unpublished), (3) the role of nitrification in near-surface N2O production (Dore et al., 1998; Santoro et al., 2010, 2011), and (4) the role of nitrite oxidation in recycling [image: yes] in and around ODZs (Sigman et al., 2005; Casciotti and McIlvin, 2007; Casciotti, 2009). Understanding the isotopic systematics for nitrification is also important for tracking the balance of high-latitude and low-latitude productivity and N budget processes (N fixation and denitrification) through [image: yes] isotope distributions in the deep ocean (Sigman et al., 2009). In order to understand these applications we first review the N and O isotopic systematics of the nitrification process, including both ammonia and nitrite oxidation.

ISOTOPE SYSTEMATICS FOR AMMONIA OXIDATION

The δ18O value of [image: yes] produced during ammonia oxidation (δ18ONO2,nit = (18O/16ONO2 ÷ 18O/16OVSMOW − 1) × 1000) is dependent on the δ18O values of the oxygen atom sources (O2 and H2O), isotopic fractionation during their incorporation (18εk,O2 and 18εk,H2O,1, respectively), as well as any exchange of oxygen atoms between nitrite and water (xAO) and the corresponding equilibrium isotope effect (18εeq) (Equation 1; Casciotti et al., 2011). Throughout this review, kinetic isotope fractionation factors are defined by αk = kl/kh where kl is the first order rate constant for reaction of the light isotope and kh is that for reaction of the heavy isotope. Equilibrium fractionation factors are defined as αeq = R1/R2 where R1 and R2 are the isotope ratios of two species in equilibrium. Kinetic and equilibrium isotope effects are defined by ε = (α − 1) × 1000.

[image: image]

Even though oxygen is incorporated enzymatically from O2 to H2O in a 1:1 ratio during ammonia oxidation (Andersson and Hooper, 1983), early studies of AOB found that a large amount of oxygen atom exchange with water could be associated with ammonia oxidation (Dua et al., 1979; Andersson et al., 1982; Andersson and Hooper, 1983). The conditions favoring oxygen atom exchange included high cell densities and high [image: yes] concentrations. These findings, as well as the low variation of deep ocean δ18ONO3 (Casciotti et al., 2002; Sigman et al., 2009) led researchers to assume that the O atoms in oceanic [image: yes] derive primarily from H2O with little residual signal from dissolved O2. In more recent studies, however, the amount of biologically-catalyzed exchange has been determined under lower cell densities and substrate concentrations and found to be much lower for marine AOB (Casciotti et al., 2010; Buchwald et al., 2012) and AOA (Santoro et al., 2011). Exchange levels were particularly low (5%) when [image: yes] concentrations were held near 1 μm by co-cultivation with NOB (Buchwald et al., 2012). These results suggested that oxygen isotope exchange during nitrification may be quite low where ammonia and nitrite oxidation are tightly coupled, but may play a role when ammonia and nitrite oxidation become decoupled, such as in the PNM.

Given low amounts of biologically-catalyzed oxygen atom exchange with H2O, the low δ18O values of [image: yes] in seawater may be surprising given the high δ18O values of dissolved O2 (Kroopnick and Craig, 1976). However, oxygen atom incorporation from O2 and/or H2O during ammonia oxidation is associated with isotopic fractionation, such that the 18O:16O of oxygen atoms incorporated into [image: yes] is significantly lower than the ambient pools of O2 and H2O (Casciotti et al., 2010; Santoro et al., 2011). This leads to production of [image: yes] from ammonia oxidation with δ18O values between −3‰ and 5‰ rather than near 12‰, which would be expected from average δ18OH2O and δ18OO2 values (Casciotti et al., 2010). Furthermore, since oxygen atom exchange occurs with an equilibrium isotope effect (18εeq) of 11–14‰ (Casciotti et al., 2007; Buchwald and Casciotti, unpublished), this equilibration would tend to raise the δ18O value of [image: yes] relative to the initial δ18ONO2 produced by ammonia oxidation.

Nitrogen isotopic fractionation during ammonia oxidation ranges from 14‰ to 38‰ for AOB (Mariotti et al., 1981; Yoshida, 1988; Casciotti et al., 2003) and 20–22‰ for AOA (Santoro and Casciotti, 2011). These values represent the isotope effect expressed under non-limiting concentrations of [image: yes]. In the ocean [image: yes] consumption generally goes to completion, so the isotope effect for ammonia oxidation may not be expressed. It may, however, be expressed at the branch point between ammonia assimilation and oxidation in the euphotic zone (Wankel et al., 2007; DiFiore et al., 2009) or in the production of N2O by ammonia oxidizers (Yoshida, 1988; Frame and Casciotti, 2010).

ISOTOPE SYSTEMATICS FOR N2O PRODUCTION

Production of N2O by AOB occurs through two separate pathways: hydroxylamine decomposition and nitrite reduction, so-called “nitrifier denitrification” (Figure 1; Poth and Focht, 1985; Hooper et al., 1990). The isotopic compositions (δ15Nbulk, δ18O, δ15Nα, δ15Nβ, and site preference (SP) = δ15Nα − δ15Nβ) of the N2O produced through these pathways may provide insight into the mechanisms of N2O production under different growth conditions (Frame and Casciotti, 2010; Sutka et al., 2003, 2004). For example, N2O production through nitrifier denitrification (enhanced by high cell densities, high [image: yes] concentrations, and low O2 concentrations; Frame and Casciotti, 2010) has low δ15Nbulk and low SPs relative to that produced by hydroxylamine decomposition (Figure 2). This is most likely due to the additional steps involved with the production of N2O from [image: yes] and accumulation of the main product, [image: yes], which enables fractionation associated with [image: yes] reduction to be expressed.


[image: image]

Figure 1. Isotopic systematics for nitrification. A schematic of the isotopic systematics for ammonia oxidation and nitrite oxidation during nitrification. The kinetic isotope effects for ammonia oxidation (15εk,NH3) and nitrite oxidation (15εk,NXR and 18εk,NXR) characterize the isotopic fractionation for the main N transformation processes while isotopic fractionation during oxygen atom incorporation (18εk,O2, 18εk,H2O,1, and 18εk,H2O,2) controls the oxygen isotopes incorporated by the central pathway. Oxygen isotope exchange during ammonia oxidation and/or post-production abiotic exchange (x) may also play a role through the equilibrium fractionation (18εeq) associated with it. N2O production occurs with N and O fractionation through decomposition of hydroxylamine (NH2OH) and nitrifier-denitrification (ND).
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Figure 2. Isotopic signatures for nitrous oxide sources and sinks. Isotope-isotope plots for N2O sources from ammonia-oxidizing archaea (AOA; Santoro et al., 2011), nitrification and nitrifier-denitrification by ammonia-oxidizing bacteria (AOB; Frame and Casciotti, 2010), and production by denitrification of [image: yes] or [image: yes] (Barford et al., 1999; Casciotti et al., 2007). Also shown are average tropospheric air (Kim and Craig, 1990; Yoshida and Toyoda, 2000; Croteau et al., 2010) and the estimated near-surface source at Station ALOHA in the North Pacific Subtropical Gyre (Popp et al., 2002). The isotopic trends for N2O consumption by denitrification are based on the Arabian Sea data (McIlvin and Casciotti, 2010), ETNP data (Yamagishi et al., 2007), and culture studies (Ostrom et al., 2007). Sources and sinks are distinguished by their effects on d18O-N2O vs. SP (A), d18O-N2O vs. d15Nbulk-N2O (B), and SP vs. d15Nbulk-N2O (C).


Oxygen isotopes have been underutilized in determining N2O sources, primarily because the isotopic systematics are less well understood, but knowledge of the O isotope systematics is increasing (Frame and Casciotti, 2010; Snider et al., 2012). The N2O produced via nitrifier denitrification has a slightly lower δ18O value than that produced from hydroxylamine decomposition (Figure 2; Frame and Casciotti, 2010). This is most likely because H2O is incorporated into [image: yes], leading to lower δ18O values in [image: yes] relative to NH2OH. However, going from either NH2OH or [image: yes] to N2O involves the loss of O atoms, which can occur with fractionation. This fractionation leads to preferential loss of 16O and retention of 18O in the residual N oxides transferred to N2O. The net isotopic fractionation for oxygen isotopes in the hydroxylamine decomposition pathway (18εNH2OH), including both incorporation of O2 into NH2OH and production of N2O from NH2OH, was 2.9 ± 0.8‰ indicating that N2O produced from this pathway had a lower 18O:16O than the ambient O2 (Frame and Casciotti, 2010). The net isotope effect for N2O production from [image: yes] via nitrifier denitrification (18εND) was −8.4 ± 1.4‰ (Frame and Casciotti, 2010). The negative value indicates that the N2O produced from [image: yes] is enriched in 18O relative to [image: yes], consistent with branching of O atoms and preferential loss of 16O during this reaction (Casciotti et al., 2007).

The N2O site preference (SP) is determined mainly by the enzymatic mechanism, rather than the substrate δ15N value (Toyoda and Yoshida, 1999; Yoshida and Toyoda, 2000; Schmidt et al., 2004). The SP of N2O produced during nitrification is +30‰ to +38‰ (Figure 2; Sutka et al., 2003, 2004; Frame and Casciotti, 2010), while N2O produced from denitrification and nitrifier denitrification has a SP of −10‰ to +5‰ (Sutka et al., 2003, 2004; Toyoda et al., 2005; Frame and Casciotti, 2010). The large difference between the SP values of these two primary mechanisms for N2O production provides a large signal with which to distinguish their contributions. The interpretation of SP values is therefore somewhat simplified relative to bulk δ15N and δ18O values that reflect both mechanism and substrate isotope ratios, which change over time. This seemingly simple distinction is complicated, however, by the fact that N2O consumption during denitrification increases SP (Ostrom et al., 2007; Yamagishi et al., 2007; Koba et al., 2009). Therefore, a high SP value may arise through production of N2O via nitrification or net N2O consumption during denitrification. However, the δ18O signature of these two scenarios is quite different and can enable the scenarios to be distinguished (Figure 2).

Recently, the isotopic compositions of N2O produced by AOA were found to be distinct from AOB (Santoro et al., 2011). In particular, N2O produced by AOA is enriched in 15N and 18O relative to that produced by AOB, which may explain some of the elevated δ15N and δ18O values observed in oceanic N2O (Santoro et al., 2011). The reasons for the isotopic distinction between AOA and AOB is not known, but may involve a different mechanism of N2O production involving a unique intermediate or enzymatic pathway. However, the SP of N2O produced by AOA is similar to that of N2O produced by hydroxylamine decomposition by AOB (Santoro et al., 2011; Loescher et al., 2012). While it is not yet clear whether N2O production (or nitrification in general) by AOA involves hydroxylamine, isotopic evidence to date shows that the N2O produced aerobically by AOA does not have a SP consistent with denitrification or nitrifier-denitrification. δ18O data also show that the N2O produced by AOA incorporates O primarily from O2, rather than from H2O, which supports production by decomposition of an intermediate, rather than from [image: yes] under the conditions tested (Santoro et al., 2011). It is still unknown whether AOA are able to produce N2O through a second pathway similar to nitrifier denitrification and thus produce N2O with a lower SP. Genetic analyses currently suggest that nitrification in AOA may proceed via a NO or HNO intermediate (Walker et al., 2010), which could potentially be converted to N2O. Further work is required to determine the pathway and intermediates of nitrification and N2O production by AOA, and to further study its isotope systematics under a variety of growth conditions.

ISOTOPE SYSTEMATICS FOR NITRITE OXIDATION

The isotopic systematics for nitrite oxidation to nitrate have also been studied recently, and were found to occur with extremely unique inverse kinetic isotope effects for N (Casciotti, 2009) and O isotopes (Buchwald and Casciotti, 2010). Because of these inverse isotope effects, when nitrite oxidation is active, the δ15NNO2 and δ18ONO2 values are expected to be lower than the [image: yes] initially produced by ammonia oxidation or nitrate reduction. As discussed below, this appears to occur in both primary and secondary nitrite maxima (Casciotti, 2009; Buchwald and Casciotti, unpublished). In most parts of the ocean, however, [image: yes] does not accumulate and the isotope effects associated with nitrite oxidation can only be expressed through a branch point (Figure 3). Isotopic separation can occur at a branch point because there is more than one fate for [image: yes] (e.g., [image: yes] is either oxidized to [image: yes] or assimilated into particulate N, PN) and the heavy isotope can be preferentially shunted in one direction vs. the other. This is analogous to the branch point that has been described during the oxidation or assimilation of ammonium (Sigman et al., 2005; Wankel et al., 2007; DiFiore et al., 2009). The equations that describe the steady state N isotopic partitioning between [image: yes] and [image: yes] when nitrite oxidation and assimilation occur concurrently are:
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Figure 3. Schematic of euphotic zone nitrite branch point. A schematic of the fluxes and isotope effects involved with [image: yes] consumption in the euphotic zone. [image: yes] is produced (Fprod, δ15Nprod) from ammonia oxidation and/or nitrate reduction, the mixture of which sets the incoming flux and δ15N value. [image: yes] consumption can occur through nitrite oxidation (FNXR, 15εk,NXR) or nitrite assimilation by phytoplankton (FNA, 15εk,NA). The relative rates of uptake vs. oxidation dictate the partitioning between [image: yes] and [image: yes] relative to the source(s) of [image: yes].


where fNA and fNXR are the fractions of [image: yes] consumed by assimilation and oxidation, respectively, and 15εk,NA and 15εk,NXR are the respective isotope effects. In general, nitrite oxidation will transfer [image: yes] with an elevated 15N:14N ratio to the [image: yes] pool, while nitrite assimilation transfers the residual [image: yes] with a lower 15N:14N ratio into the PN pool. If 15εk,NA is 1‰ (Waser et al., 1998), 15εk,NXR is −15‰ (Buchwald and Casciotti, 2010), δ15NNO2 at steady state will be lower than the source of [image: yes], unless nitrite assimilation is >95% of the [image: yes] sink. This has the opposite sense of the ammonia oxidation/assimilation branching where ammonia oxidation transfers low 15N:14N material into the [image: yes] and [image: yes] pools and higher 15N:14N material into the PN pool.

When nitrite oxidation is tightly coupled to ammonia oxidation and [image: yes] does not accumulate, the δ18O value of the [image: yes] produced primarily reflects the δ18O values of the O atom sources (H2O and O2; Kumar et al., 1983) and the incorporation isotope effects for ammonia and nitrite oxidation (Buchwald et al., 2012). The oxygen isotope systematics of nitrite oxidation can be described by Equation 4, while the full oxygen isotope systematics of nitrification starting from [image: yes], assuming no biologically-catalyzed oxygen atom exchange during nitrite oxidation (xNO = 0; DiSpirito and Hooper, 1986; Friedman et al., 1986; Buchwald and Casciotti, 2010), is described by Equation 5.
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Equation 5 indicates that the δ18ONO3 produced by tightly-coupled ammonia and nitrite oxidation should reflect variations in both δ18OO2 and δ18OH2O in a ratio of 1 to 2, with slight modification of this stoichiometry by biologically-catalyzed oxygen atom exchange during ammonia oxidation (Casciotti et al., 2010; Buchwald et al., 2012). As discussed below, when ammonia and nitrite oxidation are not tightly coupled, abiotic equilibration can affect δ18ONO2 and the final δ18ONO3 produced. Regardless of whether [image: yes] accumulates, isotopic fractionation during oxygen atom incorporation should lead to an isotopic offset between the substrates (O2 and H2O) and the produced [image: yes]. The expected δ18ONO3 value produced in oxygenated seawater with little exchange is −1‰ to +1‰ (similar to δ18OH2O), resulting from a complex series of fractionation factors rather than the unfractionated incorporation of and exchange with H2O (Buchwald et al., 2012).

ABIOTIC EQUILIBRATION OF OXYGEN ATOMS IN NITRITE

As introduced above, abiotic equilibration of oxygen atoms between [image: yes] and H2O is likely to play a role in setting δ18ONO2 and δ18ONO3 values observed in the ocean. This process does not change the concentration of [image: yes] nor it's δ15N value, only its δ18O value. Oxygen atom equilibration shifts a δ18ONO2 value from its biological starting point or “end member,” set by the isotopic systematics for biological production and consumption, toward the equilibrated δ18ONO2 value, dictated by ambient δ18OH2O and the equilibrium isotope effect for the exchange (18εeq), which is dependent on temperature (McIlvin and Casciotti, 2006; Buchwald and Casciotti, unpublished). The relevance of abiotic exchange depends on the rates of biological turnover of nitrite relative to the rate of oxygen atom exchange with water. Where nitrite turns over quickly and does not accumulate, there is little opportunity for abiotic exchange to occur. Where nitrite turns over more slowly (several weeks-months), abiotic exchange can play an important role in δ18ONO2 and δ18ONO3 (Buchwald et al., 2012).

The tendency of [image: yes] to exchange oxygen atoms abiotically with H2O at typical seawater pH and temperature conditions suggests a utility of [image: yes] oxygen isotopes as a tracer for determining the rate of biological turnover of [image: yes] (Buchwald and Casciotti, unpublished). This provides a unique approach to determining rates of biological processes based on static isotope measurements, without bottle incubation and associated perturbations of the system. Applications such as this move us from laboratory studies of isotope effects to a deeper understanding of the cycling of N in the environment. There are many additional examples of how knowledge of the isotope effects for nitrification has enabled advances in our understanding of the marine N cycle, and we highlight a few below.

IMPLICATIONS FOR UNDERSTANDING N CYCLING IN OXYGEN DEFICIENT ZONES

As mentioned above, processes that occur in ODZs are important for the marine N budget. Both denitrification and anammox can occur in these regions, producing N2 gas from dissolved inorganic nitrogen (DIN) compounds thereby removing them from the nutrient inventory. The magnitudes of these fluxes have been estimated in many different ways: through isotope tracer experiments (Kuypers et al., 2005; Thamdrup et al., 2006; Hamersley et al., 2007; Lam et al., 2009; Ward et al., 2009; Bulow et al., 2010; Jensen et al., 2011), as well as geochemical techniques based on [image: yes] deficit calculations (Cline and Richards, 1972; Naqvi et al., 1982; Codispoti and Christensen, 1985; Naqvi and Sen Gupta, 1985; Gruber and Sarmiento, 1997; Deutsch et al., 2001) and biogenic N2 production (Devol et al., 2006; Chang et al., 2010). The 15N experiments in particular showcase a complex series of interacting processes cycling N in and around ODZs that can vary sporadically in space and time. What controls the overall rate of N2 production is not known with certainty, although it is most likely tied directly or indirectly to organic carbon supply (Ward et al., 2008). Natural abundance stable isotopes provide an integrative longer-term view of the average rates of the major fluxes of N that can be used to complement short-term incubation studies. For example, natural abundance δ15NNO3 and δ18ONO3 measurements have been used to estimate the relative rates of N cycle processes such as N fixation and denitrification (Brandes et al., 1998; Sigman et al., 2005).

Another aspect of N cycling in ODZs that is of great interest is the fate of [image: yes] that is produced in ODZs. Once produced, [image: yes] can be consumed through oxidation, regenerating [image: yes], or reduction to N2 and loss from the nutrient inventory. Since nitrite oxidation is believed to be an oxygen requiring process, the fate of [image: yes] in the oxygen deficient zone has generally been assumed to be through nitrite reduction. However, it has been shown though a variety of approaches that [image: yes] can also be oxidized to [image: yes] in and around ODZs. For example, early 1-D modeling studies suggested that a large fraction of [image: yes] produced by nitrate reduction is reoxidized to [image: yes], likely on the fringes of the oxygen deficient zone (Anderson et al., 1982). More recent nutrient profile modeling suggests that [image: yes] could be oxidized to [image: yes] within the oxygen deficient zone itself (Lam et al., 2011). Furthermore, direct evidence for [image: yes] oxidation to [image: yes] within the ODZ comes from short-term 15N incubation experiments (Lipschultz et al., 1990; Füssel et al., 2012).

The importance of nitrite oxidation as a sink of [image: yes] in and around ODZs is supported by natural abundance isotope measurements of [image: yes] and [image: yes], which integrate over longer periods. Sigman et al. (2005) and Casciotti and McIlvin (2007) found that nitrite oxidation could be an important sink for [image: yes] at the top of the SNM based on δ15NNO3 and δ18ONO3 measurements. Casciotti (2009) also showed the need for nitrite oxidation to explain the large δ15N differences between [image: yes] and [image: yes] (Δδ15N = δ15NNO3 − δ15NNO2) observed within ODZs (Casciotti and McIlvin, 2007). Although the isotope effect for [image: yes] reduction to [image: yes] is approximately 25‰ (Brandes et al., 1998; Voss et al., 2001), Δδ15N values within the SNM ranged from 25‰ to 40‰ (Casciotti and McIlvin, 2007). At steady state, Δδ15N is given by equation 6:

[image: image]

where FNAR, FNXR, and FNIR are the fluxes from nitrate reduction, nitrite oxidation, and nitrite reduction, respectively, and 15εk,NAR, 15εk,NXR, and 15εk,NIR are the respective N isotope effects. At steady state, the large Δδ15N values cannot be explained by reductive processes alone since nitrite reduction would be expected to increase δ15NNO2, thereby decreasing Δδ15N below 25‰. The only known mechanism for increasing Δδ15N above 25‰ is through [image: yes] consumption with an inverse kinetic isotope effect, such as observed in nitrite oxidation (Casciotti, 2009; Buchwald and Casciotti, 2010). If all [image: yes] consumption occurs through oxidation (FNXR/FNAR = 1) with a kinetic isotope effect of −15‰, then Δδ15N at steady state should approach 40‰. If all [image: yes] consumption occurs through nitrite reduction (FNXR/FNAR = 0) with a kinetic isotope effect of +15‰, then Δδ15N would be expected to approach 10‰ at steady state. The δ15N difference between [image: yes] and [image: yes] may therefore be diagnostic of [image: yes] sinks in ODZs (Casciotti, 2009).

While nitrite oxidation is generally considered to be an oxygen requiring process, O2 is not required as an enzymatic substrate for nitrite oxidation. Rather, O2 is used as an electron acceptor to support the oxidation of [image: yes] to [image: yes]. Therefore, if an alternative electron acceptor could be substituted, nitrite oxidation may proceed in the absence of O2. The alternate electron acceptors that can be used by NOB for nitrite oxidation remain to be determined, but oxidation of [image: yes] by species such as iodate (IO−3), Fe(III), and Mn(IV) would be thermodynamically feasible. Moreover, as mentioned above, there is independent evidence based on 15N incubations for nitrite oxidation occurring within the ODZs in the ETSP (Lipschultz et al., 1990) and Namibian upwelling (Füssel et al., 2012). The presence of nitrite oxidizing bacteria from the genera Nitrospina and Nitrococcus comprising up to 9% of the microbial community in the Namibian upwelling (Füssel et al., 2012) also gives strong support to their success even in low oxygen environments.

Of course, even if nitrite oxidation is occurring in ODZs, more than one process may contribute, as both bacterial nitrite oxidizers and anammox bacteria can oxidize [image: yes] to [image: yes]. The contribution of anammox to nitrite oxidation can be estimated by comparison of FNXR/FNIR required to explain the isotopic data with that observed during anammox (0.26:1.06; Strous et al., 2006). This ratio places an upper limit on the amount of nitrite oxidation that could be catalyzed by anammox. If the ratio of nitrite oxidation to nitrite reduction necessary to explain observed Δδ15N values is greater than this, then contributions from bacterial nitrite oxidation would be inferred (Casciotti, 2009). If the ratio of nitrite oxidation to nitrite reduction required to explain the isotopic data is less than this, then nitrite oxidation could potentially all be catalyzed by anammox, although denitrification may be required to explain the additional nitrite reduction. This analysis thus provides a new constraint on the relative rates of anammox and denitrification, integrated over long time periods. However, it assumes that the isotope effects for anammox are similar to denitrification for nitrite reduction and similar to nitrite oxidation for that step. Thus, the approach can be refined with additional information about the isotopic systematics of anammox.

IMPLICATIONS FOR UNDERSTANDING NO–3 CYCLING AND BUDGETS: Δ(15, 18) REVISITED

Knowing the isotopic systematics of nitrification is critical for interpreting δ18ONO3, δ18ONO2, and δ18ON2O measurements from the ocean. The culture studies described above have advanced our understanding of the oxygen isotope systematics of nitrification; however, there are also constraints from field data (Casciotti et al., 2002; Sigman et al., 2009). Casciotti et al. (2002) used the nitrate δ18O data to put the first constraints on the δ18O value of [image: yes] produced in the ocean. These estimates showed that [image: yes] is most likely produced with δ18O values close to those of seawater (0‰) and were used by Sigman et al. (2005) to constrain the rates of N2 fixation and nitrite reoxidation from δ15NNO3 to δ18ONO3 data. In order to do this, Sigman et al. (2005) introduced a [image: yes] isotope anomaly based on expected enrichments of δ15NNO3 and δ18ONO3 due to nitrate assimilation or nitrate reduction during denitrification:

[image: image]

where δ15NNO3 and δ18ONO3 are the measured isotopic values of the sample, δ15NNO3,deep and δ18ONO3,deep are the isotopic values of unaltered deep seawater, which define the starting point for fractionation. 18εk,NAR and 15εk,NAR are the isotope effects for O and N isotopes, respectively, during nitrate reduction. While there is a wide range in the absolute values of 18εk,NAR and 15εk,NAR, their ratio is very close to 1 (Granger et al., 2004, 2008, 2010). Therefore, [image: yes] consuming processes generally lead to δ15NNO3 and δ18ONO3 values that fall along a 1:1 line and produce samples with Δ(15, 18) = 0‰ (Figure 4). Non-zero Δ(15, 18) values correspond to an enrichment of δ18ONO3 relative to δ15NNO3, or a depletion in δ15NNO3 relative to δ18ONO3, generally arising from production of [image: yes] with anomalous isotopic signatures. The most likely cause for depletion in δ15N, especially in the nitracline of oligogrophic ocean provinces, is through remineralization of newly fixed N with a δ15N value near −1‰ (Capone et al., 1997; Karl et al., 1997; Meador et al., 2007). The particulate organic N produced by N fixation is remineralized to [image: yes] in the subsurface, gaining O atoms from nitrification, the same process that sets the oxygen isotopic signature of [image: yes] produced from other N sources. In scenario, the magnitude of Δ(15, 18) would be proportional to the N fixation flux (Sigman et al., 2005).


[image: image]

Figure 4. Δ(15, 18) as originally devised. A schematic showing the effects of nitrate reduction, assimilation, and input of [image: yes] from nitrogen fixation linked to nitrification on δ15NNO3, δ18ONO3, and the nitrate isotope anomaly, Δ(15, 18) (black arrow). Deep ocean nitrate (dark blue circle) starts with δ15NNO3 of 5‰ and δ18ONO3 of 2‰. Nitrate assimilation and denitrification increase δ15N and δ18O in a 1:1 ratio ((Granger et al., 2004, 2008, 2010); green line). Remineralization of newly fixed N is assumed to add [image: yes] with δ15NNO3 of −1‰ and δ18ONO3 of 0‰ (light blue circle, blue mixing lines). Nitrite reoxidation is expected to generally increase δ18ONO3 relative to δ15NNO3 because of the oxygen isotope systematics of nitrate reduction and nitrite oxidation (purple arrow). Data from station ALOHA (Casciotti et al., 2008), California Current (Santoro et al., 2010) and ETNP (Casciotti and McIlvin, 2007) are shown for comparison.


A relative enrichment in 18O, especially in the vicinity of oceanic ODZs, could represent the cycling of [image: yes] through the reduction/reoxidation cycle, where the [image: yes] consumed by denitrification has a similar δ15NNO3 but a lower δ18ONO3 value than that returned to the [image: yes] pool from nitrite oxidation (Sigman et al., 2005). This formulation was successful at simulating data from regions of the ETNP where [image: yes] did not accumulate (Sigman et al., 2005) and where [image: yes] goes to zero at the top of the SNM (Casciotti and McIlvin, 2007). However, where [image: yes] accumulates, its isotopic composition can vary dramatically within the oxygen deficient zone itself (Casciotti and McIlvin, 2007), and an interpretation including [image: yes] isotope constraints is needed. The relationship between 18O enrichment in [image: yes] and the magnitude of the nitrite reoxidation flux depends critically on the N and O isotope systematics of nitrite oxidation, which we reviewed above. Here we revisit the implications of this new knowledge for interpretations of Δ(15, 18) in euphotic zone and oxygen deficient zones.

Using a simple time-dependent 1-box model of the ODZ N cycle, we have reevaluated the impact of nitrite reoxdiation on δ15NNO3 and δ18ONO3 in a hypothetical ODZ (Figure 5) and show that nitrite oxidation can either raise or lower Δ(15, 18), depending on the relative δ15N and δ18O values of [image: yes] and [image: yes]. Our model focuses on determining the relative rates of [image: yes] reoxidation to [image: yes] (FNXR) and reduction (to NO or [image: yes]; FNIR) from [image: yes] and [image: yes] isotopic data. The oxidative flux is assumed to have the N and O isotopic systematics of bacterial nitrite oxidation (Buchwald and Casciotti, 2010; Table 1), regardless of whether it is carried out by bacterial nitrite oxidizers or anammox bacteria, or some mixture of the two. The reductive processes are assumed to have 15ε = 18ε = 15‰ (Table 1) regardless of whether [image: yes] is reduced to N2 (via anammox or denitrification) or [image: yes] [via denitrification to ammonium (DNRA)]. Unfortunately, very little information is currently available on the N isotope effects for nitrite reduction by these processes (Bryan et al., 1983) and no information is available for the O isotope effects. In the absence of more specific information, we make the simplifying assumption that the different nitrite reductase enzymes have similar N and O isotope effects. Clearly, this is an important area of future research.
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Figure 5. Schematic of ODZ box model. A schematic of the fluxes included in the time-dependent 1-box ODZ model. [image: yes] is reduced to [image: yes] through nitrate reduction (FNAR). [image: yes] can be consumed either through dissimilatory nitrite reduction (FNIR) or nitrite oxidation (FNXR). The rates of these processes are assumed to be first order in [image: yes] or [image: yes], respectively, and isotope effects control the relative reaction of heavy and light isotopes. Table 1 gives the values of the parameters used in the model.


Table 1. Parameters used in oxygen deficient zone box model.

[image: image]

In our model, the processes are all represented as first order, and the rate constants (k's) are given in units of day−1 to match measured rates of nitrate reduction, nitrite reduction, and nitrite oxidation in ODZs (Table 1). The isotope effects taken from the literature are also given in Table 1. We vary the relative rates of nitrite oxidation and nitrite reduction (FNXR/FNIR) between 0 and 3 (FNXR representing 0–75% of [image: yes] consumption) and the rate constant for exchange (kEXCH) between 0 and 1 day−1 to evaluate the effects of changes in these parameters on simulated δ15NNO3 and δ18ONO3 (Figure 6). Maximum rate constants of exchange between [image: yes] and H2O of 1 day−1 appear reasonable based on recent laboratory studies (Casciotti et al., 2007; Buchwald and Casciotti, unpublished). As FNXR/FNIR increases from 0 to 3, the amount of [image: yes] retained in the system increases despite an unchanging rate constant for nitrate reduction. In fact, because the reaction is taken as first order, the higher concentrations of [image: yes] brought about by higher levels of FNXR lead to higher overall rates of nitrate reduction. However, it is clear from the mass balances in the different scenarios that nitrite reoxidation helps buffer against excessive loss of [image: yes], accumulation of [image: yes], and production of N2 (Figures 6A–D), and may help explain why [image: yes] is never fully removed in oceanic ODZs.
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Figure 6. Results of ODZ model for varying ratios of nitrite oxidation to nitrite reduction and rates of exchange. Results from the ODZ box model at different relative rates of nitrite oxidation and nitrite reduction (FNXR/FNIR), ranging from 0 to 3. Mass balance is maintained in the model between [image: yes], [image: yes] and excess N2-N with FNXR/FNIR = 0 (panel A), 1 (panel B), 2 (panel C) and 3 (panel D). [image: yes] accumulation and N2 production decrease as FNXR increases. The ODZ box model shows that [image: yes] cycling can generate both positive and negative Δ(15, 18) values, depending on the extent of [image: yes] consumption (increasing δ15N, δ18O values), the relative rates of nitrite oxidation and reduction (FNXR/FNIR), and the rate of oxygen atom exchange between [image: yes] and H2O (kEXCH). In each case the slope of δ18ONO3 vs. δ15NNO3 is equal to 1 when FNXR = 0. As FNXR/FNIR increases, the magnitude of the Δ(15, 18) anomaly increases at a given δ15N value. As [image: yes]/H2O exchange increases (=0 in panel E, 0.5 in panel F, and 1.0 in panel G), the non-zero levels of nitrite oxidation generate positive Δ(15, 18) values, most likely due to the relative δ18O values of [image: yes] produced and consumed under these scenarios. All parameters used in the model are reported in Table 1.


The magnitude of nitrite oxidation also affects the δ15NNO3 and δ18ONO3 patterns. When FNXR/FNIR = 0, the δ15NNO3 and δ18ONO3 data fall along the 1:1 line prescribed by the isotope effects for nitrate reduction (Figures 6E–G). As FNXR/FNIR increases, increasingly negative Δ(15, 18) values are produced. The strength of this effect is also dependent on the rate of abiotic [image: yes]/H2O exchange, with higher exchange rates partly diluting this effect and actually leading to positive Δ(15, 18) values at high extents of [image: yes] consumption (the highest δ15NNO3 values; Figure 6). This interesting phenomenon is most likely due to reversal of the impact of nitrite reoxidation on δ18ONO3 at high δ18ONO3 values, with nitrite oxidation returning [image: yes] with a lower δ18ONO3 value than that removed by nitrite reduction. This would be exacerbated at high rates of exchange, which helps to maintain δ18ONO2 values at a constant level regardless of δ18ONO3. Tuning the model to match observed δ18ONO2 data requires a high rate of exchange relative to biological fluxes, and therefore most closely follows the kEXCH = 1 scenario.

Larger ratios of FNXR/FNIR could be imagined, but the model results from such simulations produce unrealistic Δ(15, 18) anomalies at a given δ15NNO3 value. Furthermore, because excess N2 does accumulate in ODZs, we know that some [image: yes] is ultimately reduced to N2. Indeed, we could potentially use the stoichiometry of N2 production in ODZs to interrogate the importance of nitrite oxidation. If nitrite oxidation is not important, the standard stoichiometry (Richards, 1965; Devol et al., 2006) of 106 CO2: 55.2 N2 would be expected, whereas higher amounts of CO2 would be expected if a significant fraction of the produced [image: yes] is reoxidized to [image: yes]. This may seem counterintuitive because autotrophic nitrite oxidation should fix CO2 back into organic matter, but the excess [image: yes] reduction required to supply the [image: yes] in the first place should far outweigh the CO2 fixed by nitrite oxidation.

It is interesting to note that the two scenarios for producing negative Δ(15, 18) values (N2 fixation and nitrite reoxidation) are each more effective at different points in [image: yes] isotope space (Figure 7). N2 fixation is most effective at generating negative Δ(15, 18) signals at δ15NNO3 and δ18ONO3 values less than 10‰, near the base of the euphotic zone. In contrast, nitrite reoxidation is most effective at generating negative Δ(15, 18) signals at intermediate δ15NNO3 and δ18ONO3 values and extents of [image: yes] consumption by denitrification, where N2 fixation has relatively little effect on the Δ(15, 18). Therefore, we may be able to distinguish between the processes responsible for Δ(15, 18) generation by where the anomaly lies in δ15NNO3 vs. δ18ONO3 space, as well as from other water column indicators. For example, using a steady state model, Casciotti and McIlvin (2007) showed that the [image: yes] isotope anomaly at the top of the SNM could not be generated by N2 fixation alone and was consistent with oxidation of [image: yes] leaking out of the top of the SNM. However, they suggested that a combination of N2 fixation and nitrite reoxidation may best fit the observations. This conclusion is echoed here where it is difficult to generate large Δ(15, 18) signals at these δ15NNO3 and δ18ONO3 values through either N2 fixation or nitrite reoxidation alone (Figure 7).
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Figure 7. Results from ODZ model compared against published data. Nitrogen fixation (blue circle and blue lines) is efficient at generating negative Δ(15, 18) values at the lower range of δ15NNO3 and δ18ONO3 values, while nitrite reoxidation (red line) has a stronger effect at higher δ15NNO3 and δ18ONO3 values. The nitrite reoxidation curve shown here was generated from the box model with kEXCH = 0.5 and FNXR/FNIR = 2 (Figure 6F, dashed line). Data from station ALOHA (Casciotti et al., 2008) in the north Pacific subtropical gyre is well explained by an input from N2 fixation. Data from the California Current (Santoro et al., 2010) falls close to the 1:1 line suggesting little influence of nitrogen fixation or nitrite oxidation in the euphotic zone. Most of the data from the ETNP (Casciotti and McIlvin, 2007) could be explained by either nitrite reoxiation or nitrogen fixation, but two points (which fall in the shallow oxycline at the top of the SNM) require inputs from both nitrite reoxidation and nitrogen fixation.


In addition to oxygen deficient zone and near-surface processes, [image: yes] isotopes have also been used to examine the global ocean cycle and budget of [image: yes] in the ocean interior (Sigman et al., 2009). This was done using an 18-box model of the global ocean where the implications of different assumptions about the oxygen isotopic systematics of nitrification could be tested. Their model was also used to constrain the relative rates of the internal N cycle ([image: yes] uptake, export, and nitrification) and N budget processes (N2 fixation and denitrification) and the ratio of low latitude productivity, where nutrient consumption goes to completion, to high latitude productivity, where nutrient uptake is incomplete. By comparing model results to δ15NNO3 and δ18ONO3 data from a variety of oceanographic profiles representing the major ocean basins, the impacts of partial [image: yes] assimilation in polar regions on the N and O isotopes of [image: yes] in the ocean interior, and of low latitude productivity on the 18O enrichment in preformed [image: yes] was diagnosed. N budget processes (N2 fixation and denitrification) led to variations in subsurface δ15NNO3 and δ18ONO3, but in their absence, the large scale steady state δ18O value of subsurface [image: yes] was set by nitrate assimilation in polar regions. Nitrate uptake in the southern ocean leads to heavy isotope enrichment in preformed [image: yes], while nitrate assimilation in low latitudes removes the δ18O signal of the preformed [image: yes] and replaces it with the nitrification signal (Sigman et al., 2009). Overall, when only internal processes were active in the model, the mean ocean δ18ONO3 value was 1.1‰ higher than the nitrification source. When the N budget was added to the model, the mean ocean δ18ONO3 value was 2.4‰ higher than the nitrification source value. This analysis provides additional constraints on the δ18O value of newly produced [image: yes] in the ocean to fall between −1‰ and +1‰ (Sigman et al., 2009), which is consistent with culture studies that illustrate how these values are controlled biochemically (Buchwald et al., 2012).

NITROGEN CYCLING IN THE EUPHOTIC ZONE

Several studies have now used N and O isotope ratio measurements to study the relative rates of N cycling in the euphotic zone. In particular, knowledge of the isotopic systematics of nitrate uptake (Granger et al., 2004, 2010) and nitrification (Buchwald and Casciotti, 2010; Casciotti et al., 2010, 2011; Buchwald et al., 2012) enables the assessment of the relative rates of nitrification and nitrate uptake from euphotic zone [image: yes] isotope data.

Wankel et al. (2007) used a steady-state box model to interpret the amount of nitrification contributing to nitrate uptake by phytoplankton in Monterey Bay, CA using δ15NNO3 and δ18ONO3 variations. Assuming that nitrate assimilation leads to equivalent fractionation of N and O isotopes (Granger et al., 2004), and that δ18Ontr = 2.9‰, they estimated that nitrification could supply up to 30% of [image: yes] assimilated by phytoplankton in Monterey Bay, consistent with intensive isotope tracer incubation studies (Ward, 2005). Because δ18Ontr was uncertain at that time, they performed sensitivity studies to address the impact of different δ18Ontr values on their interpretation. We now believe that δ18Ontr is between −1‰ and +1‰ (Buchwald et al., 2012), and applying this to the model from Wankel et al. (2007), leads to a smaller increase in δ18ONO3 for the same amount of nitrification. Thus, to achieve the same δ18ONO3 enrichment in their model requires more nitrification than originally estimated.

DiFiore and colleagues (2009) estimated the amount of nitrification contributing to nitrate uptake in the euphotic zone of the Polar Antarctic Zone using a time-dependent 1-box model. Like Wankel et al. (2007), they assumed that 18εNR = 15εNR for nitrate uptake and allowed branching of [image: yes] (and [image: yes]) between nitrification and assimilation to partition isotopes between the [image: yes] and particulate N pools. One important difference from the Wankel et al. (2007) model is that they assumed δ18Ontr = +1.1‰ based on more recent constraints on this value (Sigman et al., 2009). They inferred that δ15NNO3 should be lowered slightly due to nitrification (offsetting the isotopic fractionation during uptake) and δ18ONO3 should be raised (because the δ18O of newly produced [image: yes] was higher than that removed). Both of these factors should lead to negative Δ(15, 18) values, as discussed above, but they found that nitrification had a relatively small impact on δ15NNO3 and δ18ONO3 values in the Polar Antarctic Zone. They concluded that in the Polar Antarctic Zone less than 1% of [image: yes] assimilated by phytoplankton is likely to have been produced by nitrification in the euphotic zone (DiFiore et al., 2009). This is consistent with other estimates from the southern ocean (Olson, 1981b; Bianchi et al., 1997; Law and Ling, 2001) and quite a bit lower than other regions (Yool et al., 2007; Wankel et al., 2007; Clark et al., 2008). This elegant study provides an excellent example of how [image: yes] isotopes can be used to constrain N cycle processes in an appropriate model framework.

[image: yes] and [image: yes] isotopes have also been used to understand the sources and cycling of [image: yes] in the PNM at the base of the euphotic zone. Mackey et al. (2011) used natural abundance [image: yes] + [image: yes] isotope data and isotope tracer experiments to determine the sources of [image: yes] to the PNM in the Gulf of Aqaba. They found active nutrient regeneration and nitrification throughout the water column. In the transition from well mixed to stratified conditions, [image: yes] was generated by incomplete [image: yes] reduction by light-limited phytoplankton creating a broad band of [image: yes]. After stratification was established, [image: yes] generation by ammonia oxidation contributed to maintenance of the PNM. In both cases, [image: yes] was consumed by nitrite oxidation below the PNM. Once again, nitrification was interpreted to play an important role in [image: yes] isotope dynamics in the upper water column where increases in δ18ONO3 were much higher than increases in δ15NNO3.

In another recent study of PNM dynamics, natural abundance δ18ONO2 and δ15NNO2 values were used to infer the sources and average age of [image: yes] in the PNM of the Arabian Sea (Buchwald and Casciotti, unpublished). Because the δ15NNO2 and δ18ONO2 values produced from ammonia oxidation and nitrate reduction are distinct, the sources can be readily distinguished. Based on natural abundance δ15NNO2 and δ18ONO2 data, ammonia oxidation was inferred to be the main source of [image: yes] to the PNM in the Arabian Sea.

IMPLICATIONS FOR INTERPRETING N2O SOURCES

Uncertainty in the isotopic composition of N2O produced during ammonia oxidation has hampered the interpretation of near-surface N2O production rates and fluxes using two-component end member models (Dore et al., 1998; Popp et al., 2002; Santoro et al., 2010). Better understanding of the oxygen isotopic systematics of nitrification can provide further insight into outstanding questions in N2O oxygen isotope variations, such as why δ18ON2O in seawater is so high (Ostrom et al., 2000; Popp et al., 2002), what mechanisms of N2O production operate in oxyclines surrounding oceanic ODZs (Codispoti and Christensen, 1985), and what the mechanisms and controls on N2O production are in the near-surface ocean (Dore et al., 1998; Popp et al., 2002; Santoro et al., 2011).

For example, N2O production in the near-surface ocean is largely believed to be the result of nitrification. However, the isotopic composition of N2O in the near surface and the inferred near surface source (Dore et al., 1998) have higher δ15N and δ18O values than are characterized by bacterial ammonia oxidation (Yoshida, 1988; Frame and Casciotti, 2010). Recent evidence suggests that AOA are important for nitrification in such environments (Wuchter et al., 2006; Beman et al., 2008; Mincer et al., 2007; Church et al., 2010; Santoro et al., 2010) and that they produce N2O with bulk δ15N and δ18O values similar to the near-surface source (Santoro et al., 2011). These data support a role for them in near-surface N2O production. As discussed above, the mechanisms of N2O production by AOA are currently unknown, and more work is needed to characterize the N2O production and isotopic composition of marine AOA under a variety of growth conditions. For example, the SP of N2O produced by AOB varies widely with dissolved oxygen levels (Frame and Casciotti, 2010) but so far the isotopic composition of N2O produced by AOA has only been examined under aerobic growth conditions (Santoro et al., 2011; Loescher et al., 2012). Therefore, we do not know whether they are capable of producing N2O with a SP similar to near surface N2O (Popp et al., 2002).

CONCLUDING REMARKS

Understanding the nitrogen and oxygen isotopic systematics of nitrification can contribute greatly to our understanding of nitrogen cycling in the ocean, as nitrification is involved with transformations between the major pools of DIN ([image: yes], [image: yes], [image: yes], and N2O). Both ammonia and nitrite oxidation are involved with large and distinctive isotope effects, leading to predictable patterns in the isotope ratios of compounds that they transform. The discovery of AOA and their importance in ocean biogeochemistry necessitates renewed study of the isotopic systematics of nitrification. In preliminary studies, the isotopic systematics of AOA appear similar to AOB for N isotope fractionation and O atom incorporation into [image: yes] (Santoro and Casciotti, 2011; Santoro et al., 2011). However, the production of N2O and the isotopic systematics of this process need to be further investigated.
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Ammonia-oxidizing archaea (AOA) have been reported at high abundance in much of the global ocean, even in environments, such as pelagic oxygen minimum zones (OMZs), where conditions seem unlikely to support aerobic ammonium oxidation. Due to the lack of information on any potential alternative metabolism of AOA, the AOA community composition might be expected to differ between oxic and anoxic environments. This hypothesis was tested by evaluating AOA community composition using a functional gene microarray that targets the ammonia monooxygenase gene subunit A (amoA). The relationship between environmental parameters and the biogeography of the Arabian Sea and the Eastern Tropical South Pacific (ETSP) AOA assemblages was investigated using principal component analysis (PCA) and redundancy analysis (RDA). In both the Arabian Sea and the ETSP, AOA communities within the core of the OMZ were not significantly different from those inhabiting the oxygenated surface waters above the OMZ. The AOA communities in the Arabian Sea were significantly different from those in the ETSP. In both oceans, the abundance of archaeal amoA gene in the core of the OMZ was higher than that in the surface waters. Our results indicate that AOA communities are distinguished by their geographic origin. RDA suggested that temperature (higher in the Arabian Sea than in the ETSP) was the main factor that correlated with the differences between the AOA communities. Physicochemical properties that characterized the different environments of the OMZ and surface waters played a less important role, than did geography, in shaping the AOA community composition.

Keywords: ammonia-oxidizing archaea, oxygen minimum zone, Arabian sea, Eastern Tropical South Pacific, community composition, QPCR

INTRODUCTION

Nitrification plays a critical role in the marine nitrogen (N) cycle because it links the major sources (nitrogen fixation) and sinks (denitrification) of fixed reactive N by transforming ammonium to nitrite and subsequently nitrate. The importance of nitrification is also highlighted by its production of regenerated nitrate, which is taken up by phytoplankton, and which has implications for the estimate of export production from the euphotic zone of the ocean (Eppley and Peterson, 1979; Yool et al., 2007). Nitrification consists of two major steps, ammonia oxidation and nitrite oxidation, with ammonia oxidation considered to be the rate-limiting step (Kendall, 1998). Both steps are microbially mediated, although until recently, ammonia oxidation was thought to be accomplished only by ammonia-oxidizing bacteria (AOB). The discovery of the functional gene for ammonia oxidation, ammonia monooxygenase (amo), in archaea (Venter et al., 2004; Könneke et al., 2005; Treusch et al., 2005) led to the recognition that ammonia-oxidizing archaea (AOA) are ubiquitous in terrestrial and marine environments (Francis et al., 2005).

In several regions of the ocean, abundance of archaeal ammonia monooxygenase genes subunit A (amoA) was one to three orders of magnitude higher than the bacterial amoA gene abundance, enumerated by quantitative polymerase chain reaction (QPCR) (Wuchter et al., 2006a; Mincer et al., 2007; Agogue et al., 2008; Beman et al., 2008). Although the number of amoA gene copies per cell is reported to vary in the environment (Wuchter et al., 2006a; Agogue et al., 2008), the correlation between Thaumarchaeotal amoA and 16S rRNA gene abundances in the Arabian Sea indicates that most of the Thaumarchaeota are AOA (Pitcher et al., 2011). The sheer number of AOA relative to AOB suggests that they might be responsible for most of the ammonia-oxidation in the open ocean. The dominant role of AOA in ammonia-oxidation in the ocean is supported by a positive correlation between their abundance (implied from abundance of amoA or 16S rRNA genes) and ammonia-oxidation rates, observed in the Gulf of California (Beman et al., 2008), the North Sea (Wuchter et al., 2006a), and the coastal eastern Pacific (Santoro et al., 2010). Furthermore, there is evidence from the Southern California Bight (Ward, 1987), and the Gulf of California (Beman et al., 2008) that the abundance of AOB is decoupled from nitrification rates in the ocean.

However, a correlation between AOA abundance and ammonia oxidation rate is not always observed. In the Arabian Sea oxygen minimum zone (OMZ), Newell et al. (2011) found high abundances of AOA (>104 copies ml−1) both within the oxygen deficient waters and below them (≥900 m depth), where ammonia oxidation rates were barely detectable. At an offshore Eastern Tropical South Pacific (ETSP) station, a local maximum of archaeal amoA gene abundance (>104 copies ml−1) was found at 200 m in the OMZ where ammonia oxidation was not detected (Lam et al., 2009). In the Central California Current, AOA maintained high abundances at depths far below the bottom of the photic zone (on the order of 104 amoA copies ml−1 down to 500 m), where ammonia oxidation rates were very low (10 nM day−1) (Santoro et al., 2010). This is intriguing because all known AOA (and AOB) are obligate aerobes. It is unknown what metabolism might support their growth in the Arabian Sea OMZ where neither oxygen nor ammonium is detectable, or in the deep water below the OMZ where ammonium supply and concentrations are very low, as are the measured ammonium oxidation rates.

Although there is no known alternative metabolism that might allow AOA to thrive in anoxic waters, AOA survival in OMZs could depend on unknown physiological capabilities. Such physiological differences might be reflected by differences in the composition of AOA communities in the anoxic depths of the OMZ relative to oxic waters. In order to assess whether the AOA community compositions within the OMZ differed from those above the OMZ, microarray analysis targeting the amoA gene was performed on DNA samples from both the Arabian Sea and the ETSP. Environmental parameters such as temperature and nutrient concentrations at these sites were also investigated using redundancy analysis (RDA) to determine their roles in shaping the AOA habitats. In addition, the abundance of archaeal amoA genes was quantified using QPCR.

Besides the environmental effects, the role of geographic separation on determining the community composition of AOA was also considered. A growing body of research has shown that microorganisms vary in community composition and abundance on different spatial scales, such as those summarized by Martiny et al. (2006). A phylogenetic study on AOA has shown that geography has a strong effect on their diversity (Pester et al., 2012). We hypothesized that the community composition of AOA from the Arabian Sea should differ from that from the ETSP, and tested the hypothesis with the microarray data.

MATERIALS AND METHODS

SITE DESCRIPTION

Samples from the Arabian Sea were collected as described by Newell et al. (2011) (Table 1). Briefly, in September 2007 on leg KNOX08 aboard the R/V Roger Revelle, samples were collected from above and within the anoxic depths at Stations 1, 2, and 3 in the open ocean OMZ. Stations 1 and 2 were within the permanent OMZ while Station 3 was on the periphery (Figure 1A; Newell et al., 2011). Samples from the ETSP were collected as described by Ward et al. (2009), in October 2005 aboard the R/V Knorr. Samples from above and within the anoxic core of the OMZ at six stations (12, 14, 19, 20, 24 and 26) off the coast of Peru were analyzed (Figure 1B, Table 1). Nutrient data for these sites has been reported previously (Ward et al., 2009; Bouskill et al., 2012).

Table 1. Physicochemical data at the Arabian Sea and Eastern Tropical South Pacific stations.
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Figure 1. Stations in the Arabian Sea (A) and the Eastern Tropical south Pacific (B). Maps were made using Ocean Data View (Schlitzer, 2012).


MICROARRAY HYBRIDIZATION AND QPCR

Seawater samples (up to 13 L) were filtered onto 0.2 μm pore size Sterivex filters (Millipore, Billerica, MA) using a peristaltic pump, and filters were flash frozen in liquid nitrogen and stored at −80°C. Total DNA was extracted from Sterivex filters using either the Puregene DNA kit (Gentra, Minneapolis, MN) or the AllPrep DNA/RNA Mini Kit (Qiagen Sciences, Maryland, USA) with slight modifications (as in Ward, 2008) to the manufacturer's instructions. The extraction procedures were performed twice on each Sterivex filter in order to maximize the DNA yield.

The archetype array approach used in this study has been published previously (Bulow et al., 2008; Ward and Bouskill, 2011). Using an established algorithm (Bulow et al., 2008), 31 different archetypes were identified representing 1329 archaeal amoA sequences from GenBank at the time of probe design (November 2008). Each 90-mer oligonucleotide probe consisted of a 70-mer archetype sequence combined with a 20-mer reference oligo as an internal standard. Targets for microarray hybridization were prepared according to Ward and Bouskill (2011), hybridized in duplicate on a microarray slide and washed as described previously (Ward and Bouskill, 2011). Washed slides were scanned using a laser scanner 4200 (Agilent Technologies, Palo Alto, CA) and analyzed with GenePix Pro 6.0 (Molecular Devices, Sunnyvale, CA). All of the original array files are available at NCBI (National Center for Biotechnology Information) GEO (Gene Expression Omnibus; http://www.ncbi.nlm.nih.gov/geo/) database, accession GSE46851.

Archaeal amoA abundances were quantified using primers Arch-amoAF (5′-STAATGGTCTGGCTTAGACG-3′) and Arch-amoAR (5′-GCGGCCATCCATCTGTATGT-3′) (Francis et al., 2005). A plasmid containing an archaeal amoA fragment was constructed by TOPO TA Cloning (Invitrogen, Grand Island, NY). To make a standard curve, eight serial dilutions of the plasmid DNA were made and quantified using Quant-iT PicoGreen (Invitrogen, Grand Island, NY). Assays in triplicates were performed in a Stratagene Mx3000P QPCR system (Agilent Technologies, La Jolla, CA). Each 25-μ l reaction included 12.5 μ l of GoTaq qPCR Master Mix (Promega, Madison, WI), 0.4 μ M of each primer, 2 mM of MgCl2, and 2 ng of DNA template. The following thermal cycle was used to amplify archaeal amoA genes: 5 min of initial denaturation at 95°C, followed by 40 cycles of 94°C for 45 s, 53°C for 45 s, and 72°C for 1 min, and ending with 1 min at 95°C and a final elongation at 72°C for 15 min. All of the reactions were performed in a single 96-well plate. Dissociation curves of the QPCR products were checked to ensure the purity of the products. Cycle thresholds were determined automatically using MxPro QPCR Software (Agilent Technologies, La Jolla, CA). After calculating the number of archaeal amoA copies in each reaction, the final result was normalized to copies per milliliter of seawater (necessarily assuming 100% recovery) as:
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DATA ANALYSIS

Quantification of hybridization signals was performed as described previously (Ward and Bouskill, 2011) with the following modifications. For each channel [532 nm (Cy3) and 635 nm (Cy5)], the average background fluorescence was recalculated after excluding background fluorescence values greater than the upper whisker of all the background fluorescence values. The upper whisker was defined as the 75th percentile plus 1.5 times the difference between the 25th and 75th percentiles. Such a filtering process was applied within each block on a microarray to account for variability in background fluorescence between blocks within an array. Another filter was applied to remove anomalous values of Cy3:Cy5 ratios among the triplicate features. This filter excluded any feature with a test statistic Z greater than 1.9 (CI = 80%) where Z is calculated as:
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where ri represents the ratio of Cy3 to Cy5, s the standard deviation of the three Cy3:Cy5 ratios. The raw microarray image was checked to ensure that the eliminated features actually exhibited anomalous hybridization signals. Then a normalized fluorescence ratio (FRn) for each archetype was calculated by dividing the fluorescence signal of the archetype by the highest fluorescence signal within the same array. The FRn of each archetype from the duplicate arrays were averaged. The relative fluorescence ratio (RFR) of each archetype was calculated as the contribution of FRn of the archetype to the sum of FRn of all AOA archetypes on the array. All of the data analyses above were performed using Microsoft Excel, and the following multivariate analyses on the array data were performed using R (R Core Team, 2012).

To explore the relationship between AOA communities from different stations and depths, a principal component analysis (PCA) was performed after the community composition data were transformed for chord distance (Legendre and Gallagher, 2001). Redundancy analysis (RDA) was performed using the FRn of each AOA archetype (after chord transformation) as the response variables, and temperature, dissolved oxygen (DO), nitrate and nitrite concentrations, and archaeal amoA abundance as explanatory variables. After a square root transformation, all explanatory variables were centered (divided by the standard deviation after the mean of each variable was subtracted). Depth and salinity were not included in the RDA because they had high linear dependence on temperature and dissolved oxygen. Linear dependencies between the environmental variables were examined by calculating variance inflation factors (VIF), and including one or both of these two variables in the RDA largely inflated VIFs of temperature and dissolved oxygen (>16) (Borcard et al., 2011). The VIFs of the five explanatory variables chosen for the RDA were reasonably low (from 2.4 to 4.2). Excluding depth and salinity from the RDA sacrificed a minimal amount of the variance captured by the first two axis of the RDA (<2%).

The hypothesis that the AOA community composition differed between surface depths and OMZ depths, in the Arabian Sea and in the ETSP respectively, was tested using Multi-response Permutation Procedure (MRPP) for its relaxed requirements on the data distribution and the convenience to relate the analysis visually to the biplots from PCA (Zimmerman et al., 1985). MRPP was also used to test the null hypothesis that the AOA community composition in the Arabian Sea was the same as that in the ETSP. A significance level of 5% was chosen.

RESULTS

PHYSICOCHEMICAL PROPERTIES

There was a large temperature gradient (~10°C) between the surface and the core of the OMZ in the Arabian Sea, while the temperature difference was smaller in the ETSP (Table 1). The temperatures at sampled depths in the Arabian Sea were significantly higher than those in the ETSP (P < 0.001). The variability in salinity between different depths was small in both the Arabian Sea and the ETSP, but the salinities in the Arabian Sea were significantly higher than those in the ETSP (P < 0.001). Dissolved oxygen concentrations were below detection in the core of the OMZ where an accumulation of nitrite (up to 6.4 μ M) was observed in both the Arabian Sea and the ETSP.

ARCHAEAL AMOA GENE ABUNDANCE

Archaeal amoA gene abundances were lower in the surface (from just over 500 to just under 10,000 copies mL−1) than in the anoxic core of the OMZ (over 10,000 copies mL−1 in most samples) at all stations except at Station 1 in the Arabian Sea (Figure 2). At Station 1 in the Arabian Sea, archaeal amoA gene abundance was the lowest in the chlorophyll maximum (479 copies mL−1), and the highest at the bottom of the oxycline right above the anoxic depths (36,537 copies mL−1, Figure 2A). At Stations 2 and 3 in the Arabian Sea, the archaeal amoA gene abundance at the oxycline was much higher than that in the surface, reaching >10,000 copies mL−1. At both surface and the anoxic depths of the OMZ, the archaeal amoA gene abundances were comparable between the Arabian Sea and the ETSP (Figure 2).


[image: image]

Figure 2. Archaeal amoA abundance in copies mL-1 at different depths in the Arabian Sea (A) and the Eastern Tropical South Pacific (B). Error bars represent standard deviations of the triplicates in the QPCR run. In some cases the error bars were shorter than the width of the symbol and hence not visible. Different depths were sampled at different stations, so missing bars do not imply zero abundance, rather that samples were not analyzed at those depths.


COMMUNITY COMPOSITION ANALYSIS

In the Arabian Sea, three OMZ AOA assemblages clustered closely (AS1.175 m, AS2.200 m, and AS3.150 m). Nevertheless, the four communities from the anoxic core of the OMZ taken together were not significantly different from the surface communities (Table 2) because one OMZ community (AS1.150 m) was very dissimilar from the rest of the OMZ communities (Figure 3). AOA assemblages from the oxycline differed significantly from the OMZ assemblages in the Arabian Sea (P < 0.05, Table 2), even though the measured physicochemical properties in the oxycline were more similar to those in the OMZ than to those in the surface (Table 1). The AOA community from the chlorophyll maximum (AS1.60 m) was separated from most of the other AOA communities in the Arabian Sea, and it was ordinated closely to some of the AOA communities in the ETSP such as E24.20 m (Figure 3). One surface assemblage in the Arabian Sea (AS2.10 m) was the most similar to ETSP AOA communities (Figure 3).

Table 2. Summary of p values of Multi-Response Permutation Procedure comparing different AOA communities pairwise.
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Figure 3. Distance biplot of principal component analysis (PCA) on AOA community composition from the Arabian Sea and the ETSP using chord distance. Each AOA archetype is shown as a red cross. AOA archetypes that had a relatively high contribution to the two principal components plotted were highlighted by labeling them with “A archetype number,” and drawing the vector between the origin and the AOA archetype. Circles represent samples from the ETSP (E), and squares represent samples from the Arabian Sea (AS). Hollow symbols represent samples from oxygenated surface waters; filled symbols represent samples from anoxic waters. Squares filled with a vertical cross represent samples from the oxycline, and the square filled with a rotated cross represents the sample from the chlorophyll maximum at Station 1 in the Arabian Sea. Distances among AOA communities are approximations of their Euclidean distance in the multidimensional space (Borcard et al., 2011).


In the ETSP, there was no significant separation between the AOA communities from the core of the OMZ and those from the surface (Figure 3, Table 2). Most AOA assemblages in the ETSP were characterized by positive values along the first principal component (PC1) (Figure 3). The AOA communities in the ETSP OMZ were significantly different from those in the Arabian Sea OMZ, oxycline, and surface, respectively (Table 2). Overall, AOA communities in the Arabian Sea were significantly different from those in the ETSP (P < 0.001), as evident in the PCA biplot (Figure 3). The first two components of PCA, which do not include any environmental variables, captured 76.2% of the variation of the AOA community structure (Figure 3).

About a third (11 out of 30) of the AOA archetypes contributed strongly (labeled vectors) to the first two principal components (Figure 3). In fact, these 11 AOA archetypes contributed over 70% of the total community RFR in most of the samples (Figure 4). Six of them (AOA -4, -10, -17, -19, -21, and -22) contributed to a relatively larger percentage of the total community RFR in the Arabian Sea than in the ETSP (Figures 3 and 4). The other five of the 11 important archetypes (AOA -9, -12, -15, -23, and -26) were relatively more abundant in the ETSP than in the Arabian Sea.
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Figure 4. Relative fluorescence ratios (RFR) of archaeal amoA archetypes from samples collected in the Arabian Sea and the ETSP. Numbers in the legend represent the AOA archetype identification number. The AOA archetypes that were important constituents of the Arabian Sea communities were shown in blue, while the AOA archetypes that were important constituents of the ETSP communities were shown in orange. The rest of the AOA archetypes were grouped and shown in black. Samples from the anoxic depths were highlighted in bold and with an asterisk.


The redundancy analysis (RDA) showed that temperature played an important role in the dispersion of the sites along the first axis (RDA1), which captured 43.2% of the variation of the dataset (Figure 5). Most AOA communities in the Arabian Sea were associated with higher temperature compared to AOA communities in the ETSP. The relative abundances of the group of AOA archetypes that were more abundant in the ETSP than in the Arabian Sea (AOA -9, -12, -15, -23, and -26) were positively correlated with dissolved oxygen and nitrate concentration. The group of AOA archetypes with higher RFR in the Arabian Sea than in the ETSP (AOA -4, -10, -17, -19, -21, and -22) were characterized by high temperature. When the number of archaeal amoA gene copies was high, archetypes AOA -17 and -22 made up a greater proportion of the AOA community than when the number of archaeal amoA gene copies was low. The opposite is true for archetypes AOA -9 and -26 (Figure 5).
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Figure 5. Distance triplot of redundancy analysis (RDA) on AOA community composition from the Arabian Sea and the ETSP, using temperature, dissolved oxygen (DO), archaeal amoA abundance, nitrite concentration (NO−2), and nitrate concentration (NO−3) as explanatory variables. Symbols used here for AOA archetypes and sample stations are the same as described in Figure 3. The blue arrows are the vectors of the explanatory variables. Distances among AOA communities are approximation of their Euclidean distance in the multidimensional space. The length of the projection of any sample onto an archetype approximates the RFR of the archetype in that sample. The angles between an environmental variable and an archetype reflect their correlations (Borcard et al., 2011).


DISCUSSION

Microarrays offer high throughput compared to other molecular methods such as building clone libraries (Ward and Bouskill, 2011) and therefore facilitate greater sample coverage and replication (Bouskill et al., 2012). In the archetype approach used here, each probe represents all sequences within 87 ± 3% of its 70-mer sequence (Taroncher-Oldenburg et al., 2003). Our knowledge of the ranges of environments that each AOA archetype represents has expanded since the development of the microarray used in this study due to rapid growth of the sequence database (Biller et al., 2012; Pester et al., 2012). The thousands of new AOA amoA sequences, which have been reported since the time of the array design, make it clear that the current array cannot represent the entire AOA diversity. Although most of the additional diversity has been reported from soils, there are many archetypes detected in marine samples that are not represented on the array. Therefore, the patterns we observed, based on the limited sequence database available in GenBank in 2009, can still provide valuable insight on AOA community composition and its variation in space and time, but cannot be extrapolated to unrepresented members of the AOA assemblage.

SIMILARITY IN AOA COMMUNITY COMPOSITION BETWEEN THE OXIC AND THE ANOXIC DEPTHS OF THE OMZ

Contrary to our hypothesis, AOA communities from oxic and anoxic depths of OMZs were not significantly different. The oxygen level at the OMZ core depth (260 m) in the ETSP has recently shown to be truly anoxic by highly sensitive STOX oxygen sensors with a detection limit of 10 nM (Thamdrup et al., 2012). Because molecular oxygen is required for aerobic ammonia oxidation, it was unlikely that the AOA communities found in anoxic depths were oxidizing ammonia aerobically. They might be simply inactive at a low energy state, or they might be capable of other metabolisms, which allow them to exist under oxygen-limiting conditions. For example, Candidatus Nitrosoarchaeum limnia, an AOA enriched from low salinity environments had a minimum oxygen requirement for growth between 29 and 59 μM (Mosier et al., 2012). The half-saturation concentration (Km) for oxygen of the only pure marine AOA isolate, Nitrosopumilus maritimus, was 3.9 μM (Martens-Habbena et al., 2009). A marine sedimentary AOA in coculture with sulfur-oxidizing bacteria was reported to have a similar Km, 2.0 μM (Park et al., 2010). Dalsgaard et al. (2013) reported an extremely low Km (330 nM) for oxygen in a water sample from the anoxic depth in the ETSP. Despite their small genome and apparently restricted metabolic repertoire, AOA might be capable of multiple lifestyles across ecologically significant environmental variation. A recent study on the global distribution of AOA using over 6200 archaeal amoA gene sequences found no difference between the AOA in oxic and oxygen-limiting environments (Cao et al., 2013).

On the other hand, it is worth noting that differences in microbial diversity have been attributed to selective pressure from physical/chemical conditions at different depths of the water column in the OMZ by other authors. For example, a significant difference between the bacterial community structure of the surface and the anoxic core of the ETSP OMZ was revealed using 16S rRNA clone libraries at the class level (Stevens and Ulloa, 2008). The microarray data suggest that these same selective pressures are not sufficient to differentiate among AOA at the archetype level, which is defined by the most variable 70 bp region of all archaeal amoA sequences at the time of the array development. A phylogenetic study on the archaeal amoA sequences from the ETSP OMZ showed that although some AOA operational taxonomic units (OTUs) were present in both the well-oxygenated depths and the anoxic depths, a distinct cluster of AOA OTUs were found only in the anoxic depths of the permanent and seasonal OMZ (Molina et al., 2010).

Another possible explanation for the lack of difference between surface and deeper AOA communities is that there was some type of vertical exchange of AOA. Mixing is unlikely due to the strong stratification of the water column in the Arabian Sea and the ETSP (Rao et al., 1989; Fiedler and Talley, 2006). Autonomous movement by AOA is improbable, since most AOA strains reported so far do not exhibit motility (Könneke et al., 2005; Santoro and Casciotti, 2011; Tourna et al., 2011). The only strain reported to have the potential for motility was from low-salinity marine sediments (Mosier et al., 2012). In any case, individual cells simply cannot autonomously travel a distance on the scale of tens or hundreds of meters. There might be particle flux that could bring surface communities down into the OMZ. In the Eastern Tropical North Pacific, another major oceanic OMZ, downward flux of particle-associated bacterial nitrifiers was reported (Karl et al., 1984). It is possible that AOA investigated in this study were also associated with downward particle flux in the OMZs. If this was true, then the samples from the anoxic depths should have included AOA communities from the surface, which would lessen any potential difference in community composition between the oxic and the anoxic depths. In the Arabian Sea glycerol dialkyl glycerol tetraether (GDGT), a lipid produced by marine Crenarchaea, was associated with downward particle flux (Wuchter et al., 2006b). On the other hand, enumeration of AOA with catalyzed reporter deposition fluorescence in situ hybridization (CARD-FISH) showed that most of the marine Crenarchaea were free-living (Woebken et al., 2007). It seems likely that preferential association with particles would not be adaptive for the lifestyle of tiny autotrophic microbes, which is selective for the planktonic state. Thus the importance of vertical transport remains questionable.

ARCHAEAL AMOA ABUNDANCE

Although no difference in AOA community structure was found between the surface and the anoxic core of the OMZ, there was a large difference in the abundance of archaeal amoA genes between these depths at most stations (Figure 2). The low abundance of archaeal amoA genes at surface depths was expected because AOA are inhibited by light (Merbt et al., 2012) and ammonia oxidation rates in the upper euphotic zone are usually very low. It is likely that our sampling missed the highest abundances of AOA because we did not sample the depth of the primary nitrite maximum, where local abundance maxima in numbers and rates are often reported (e.g., Beman et al., 2008; Coolen et al., 2007; Newell et al., 2011).

The high abundance of archaeal amoA gene in the anoxic core of the OMZs was enigmatic, but consistent with numerous previous reports in OMZs (e.g. Beman et al., 2008; Newell et al., 2011; Pitcher et al., 2011; Bouskill et al., 2012). On the other hand, rates of ammonia oxidation (Newell et al., 2011) at the same stations (different depths) showed the characteristic distribution of highest rates in the oxic layer and low to negligible rates within and below the OMZ. The rate maximum was generally deeper than the depth from which the array sample was collected so no direct comparisons can be made between rates and community composition. Still it is striking that the arrays detected essentially the same community composition across depths that likely varied a great deal in ammonia oxidation rates. The archaeal amoA gene abundances in the ETSP measured in this study were consistent with previously reported values in the same region. For example, Station 26 in the ETSP in this study was close to Station 7 from Lam et al. (2009), and the archaeal amoA gene abundances in the surface and the core of the OMZ reported in this study were very similar to those from Lam et al. (2009). The archaeal amoA gene abundances in the Arabian Sea measured in this study, although similar to those in the ETSP, were generally an order of magnitude lower compared to previous studies (Newell et al., 2011; Pitcher et al., 2011; Bouskill et al., 2012).

BIOGEOGRAPHY

AOA communities differed significantly between the Arabian Sea and the ETSP, suggesting that geographical variation exerts a strong control over the community structure of AOA. Among the four physicochemical variables investigated, temperature was the most important factor that distinguished the AOA communities in the Arabian Sea from those in the ETSP (Figure 5). This regional pattern is consistent with the findings of Pester et al. (2012) who analyzed AOA amoA genes in soil from Namibia, Costa Rica, Austria, and Greenland. They found that AOA community composition was different among these four locations, and geographic location on the continental scale had a strong effect on the presence or absence of different AOA taxa in individual soils. Pester et al. (2012) identified total nitrogen concentration, organic carbon content, and pH as major driving forces for AOA community structure in soils. However, in a biogeographic study on AOB in soils, temperature was most strongly correlated with AOB community structure among the suite of environmental variables measured (Fierer et al., 2009). Both this study and the study by Pester et al. (2012) lend support to the hypothesis that marine microplankton display biogeographic patterns. In a study that surveyed bacterioplankton communities using clone libraries in nine geographically distinct regions of the world ocean, 69% of the operational taxonomic units were endemic (Pommier et al., 2007).

Biller et al. (2012) investigated the factors correlated with global genotype distribution of AOA amoA based on over 8000 amoA sequences from literature and public databases. They found that, on the first level, habitat type accounted for the greatest variability in the dataset, separating AOA into 13 groups. On a second level, temperature, latitude, water depth, and salinity were significantly associated with AOA community composition, although the correlation was weak to moderate in the case of temperature and latitude. Their conclusions are consistent with the biogeographic separation between the AOA communities from the two different oceans in our study. All of our samples fell into the “ocean water column” habitat type on the first level, as defined by Biller et al. (2012). On the second level, temperature had the most pronounced influence on the distinction between the AOA communities analyzed in our study. Different types of AOA might each have a temperature optimum for growth, and this could lead to difference in community composition if the temperature optima for different AOA have little overlap. Due to the lack of direct investigation on the effect of temperature on the AOA community composition, it remains unclear how temperature determines the distribution of AOA. Since both sites in this study were in low latitudes (<23.4°, Table 1), the geographic distinction in the AOA communities found between the Arabian Sea and the ETSP indicates that variables other than latitude are important in determining AOA community composition.

A CLOSER LOOK AT COMMUNITY COMPOSITION PATTERNS AT THE ARCHETYPE LEVEL

We found it intriguing that in the Arabian Sea, the AOA communities in the oxycline differed significantly from those in the OMZ, and that AOA communities in the OMZ were more closely related to surface AOA communities (Figure 3), even though the oxycline is characterized by physicochemical properties much more similar to the OMZ compared to the surface (Table 1). The community composition difference is largely attributable to high RFRs of AOA-4 and -10 but low RFRs of AOA-17, -19, and -22 in the oxycline AOA communities (Figure 3). Highest ammonium oxidation rates were reported previously from the oxycline region (Newell et al., 2011), suggesting that archetypes AOA-4 and AOA-10 might represent the most active groups.

The same collection of AOA archetype probes and microarray approach were used to assess AOA diversity in a wide range of marine environments including the Chesapeake Bay, Sargasso Sea, the North Atlantic, as well as the Arabian Sea and the ETSP (Bouskill et al., 2012). Geographic location was also the major factor that distinguished different AOA assemblages in their study. The AOA communities in the Arabian Sea were different from those in the ETSP in their study, but the AOA archetypes that characterized these two geographic locations (AOA-3, -11, -16, -20, -22, -25, -29, and -31 for the Arabian Sea; AOA-1, -2, -8, -10, -21, -23, -28, -30 for the ETSP) were mostly different from the important archetypes in our study. This might be explained by the fact that environmental variables were included in the unconstrained ordination (PCA) in Bouskill et al. (2012), which is not the case in our study where environmental variables were only included in the constrained ordination (RDA) (Legendre and Gallagher, 2001). Nevertheless, the AOA archetypes with the highest RFRs (AOA-9, -12, -4, -26, and -17) found by Bouskill et al. (2012) were also important in defining the community structure of AOA assemblages in the present study (Figures 3 and 4).

It is worth noting that archetype AOA-1, which represents the largest number of AOA sequences in GenBank at the time of the microarray development, contributed only minimally to all of the AOA communities in our study. Archetype AOA-1 represents the cultivated marine strain N. maritimus and a large number of sequences retrieved with primers designed using N. maritimus sequence (e.g., Francis et al., 2005; Beman and Francis, 2006; Santoro et al., 2008; Zhang et al., 2008). The underrepresentation of AOA-1 in our samples suggests that N. maritimus is not necessarily representative of the AOA assemblages in the global ocean. This is consistent with the finding that AOA clone libraries constructed with seawater samples from the Gulf of California did not recover any N. maritimus-like sequences (Beman et al., 2008). Therefore it is critical to isolate other AOA strains that are typical of marine environments, in order to better understand their physiology and factors that determine their ecology.

The PCR primers used here for quantification of AOA amoA were the same ones used by many investigators to build clone libraries, which are often dominated by N. maritimus-like sequences. The array targets, however, were prepared from whole DNA, i.e., without PCR amplification. Thus the two assays are apparently detecting different subsets of the overall assemblage.

BEYOND ABIOTIC CONDITIONS

The first two axes of RDA together captured just over half (51.7%) of the variation of AOA community composition. This indicated that factors not included in our ordination should be important in controlling the AOA diversity. Strom (2008) pointed out the inadequacy of explanations of microbial diversity based on “resource availability and abiotic conditions,” and she proposed that community interactions such as mortality, allelopathy, and symbiosis warranted more consideration because they have “strong selective pressure on marine microbes.” In our study, archaeal amoA gene abundance could be regarded as an index for community interaction among AOA. In other words, the interaction among AOA in a community with high AOA abundance should presumably be different than that in a community with low AOA abundance. From our model, we can see that archetypes AOA -17 and -22 were positively correlated with AOA abundance (Figure 5). In three samples from the anoxic core of the Arabian Sea with high archaeal amoA abundance (175 m at Station 1, 200 m at Station 2, and 150 m at Station 3), archetypes AOA -17 and -22 made up over a third of the total AOA community (Figure 4), suggesting that AOA represented by these two archetypes should be important when AOA abundance is high.

A recent study has provided direct evidence for cooperation of AOA with anaerobic ammonia-oxidizing (anammox) bacteria by provision of nitrite and consumption of oxygen (Yan et al., 2012). Lam et al. (2009) argued that a significant portion of the nitrite for anammox in the ETSP OMZ was produced by ammonia oxidizers, implying community interactions between AOA and anammox bacteria, despite the fact that the known nitrite-producing metabolism of AOA is not possible in the extremely low oxygen conditions of the OMZ. On the other hand, a study on the depth distribution of AOA and anammox bacteria in the Arabian Sea OMZ suggested their niches were vertically segregated (Pitcher et al., 2011), so the chance of interaction between AOA and anammox bacteria there was low. Therefore, it is possible that those archetypes (AOA -9, -12, -15, -23 and -26) that had higher RFR in the ETSP than in the Arabian Sea represented AOA that had interactions with anammox bacteria. Conversely, those archetypes (AOA -4, -10, -17, -19, -21 and -22) that had higher RFR in the Arabian Sea than in the ETSP represented AOA that were independent of anammox bacteria. Understandably, these potential interactions between microbial communities were not reflected by the physicochemical data. However, such interactions in situ remain speculative and require experimental verification.
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While nitrogen availability is known to limit primary production in large parts of the ocean, vitamin starvation amongst eukaryotic phytoplankton is becoming increasingly recognized as an oceanographically relevant phenomenon. Cobalamin (B12) and thiamine (B1) auxotrophy are widespread throughout eukaryotic phytoplankton, with over 50% of cultured isolates requiring B12 and 20% requiring B1. The frequency of vitamin auxotrophy in harmful algal bloom species is even higher. Instances of colimitation between nitrogen and B vitamins have been observed in marine environments, and interactions between these nutrients have been shown to impact phytoplankton species composition. This review surveys available data, including relevant gene expression patterns, to evaluate the potential for interactive effects of nitrogen and vitamin B12 and B1 starvation in eukaryotic phytoplankton. B12 plays essential roles in amino acid and one-carbon metabolism, while B1 is important for primary carbohydrate and amino acid metabolism and likely useful as an anti-oxidant. Here we will focus on three potential metabolic interconnections between vitamin, nitrogen, and sulfur metabolism that may have ramifications for the role of vitamin and nitrogen scarcities in driving ocean productivity and species composition. These include: (1) B12, B1, and N starvation impacts on osmolyte and antioxidant production, (2) B12 and B1 starvation impacts on polyamine biosynthesis, and (3) influence of B12 and B1 starvation on the diatom urea cycle and amino acid recycling through impacts on the citric acid cycle. We evaluate evidence for these interconnections and identify oceanographic contexts in which each may impact rates of primary production and phytoplankton community composition. Major implications include that B12 and B1 deprivation may impair the ability of phytoplankton to recover from nitrogen starvation and that changes in vitamin and nitrogen availability may synergistically impact harmful algal bloom formation.
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INTRODUCTION

The rate, magnitude, and species composition of marine primary production has a profound influence of global carbon cycling and therefore climate. As a result, factors controlling the growth of marine primary producers are of considerable interest. While nitrogen and iron availability are often considered the primary bottom-up controls on short-term marine primary productivity, the importance of organic growth factors received considerable early attention (Cowey, 1956; Droop, 1957, 1962; Menzel and Spaeth, 1962; Provasoli, 1963; Gold, 1968; Carlucci and Silbernagel, 1969; Carlucci and Bowes, 1970; Swift and Taylor, 1972; Swift, 1981) and is the subject of renewed interest (e.g., Sañudo-Wilhelmy et al., 2012).

Recent developments in analytical techniques (Okbamichael and Sañudo-Wilhelmy, 2004; Sañudo-Wilhelmy et al., 2012), application of trace metal clean bioassay experiments (Panzeca et al., 2006; Sañudo-Wilhelmy et al., 2006; Bertrand et al., 2007; Gobler et al., 2007; Koch et al., 2011), and culture-based surveys of vitamin requirements (Croft et al., 2005; Tang et al., 2010) have identified B12 (cobalamin) and B1 (thiamine) as highly important growth factors for eukaryotic phytoplankton and suggest that these micronutrients have the potential to broadly influence marine productivity and species composition. Due to the fact that B12 and B1 both play numerous essential roles in cellular biochemistry, starvation for these nutrients has the potential to impact phytoplankton cellular metabolism through a range of mechanisms. The increase in available genome and transcriptome data for relevant organisms has opened doors for new modes of inquiry into the role of these micronutrients in phytoplankton metabolism as well as their potential for interaction with additional states of nutrient deprivation (Croft et al., 2006; Helliwell et al., 2011; Bertrand et al., 2012). Here we review available data to examine potential interactions between B12, B1, and nitrogen deprivation and sulfur metabolism in eukaryotic phytoplankton communities and provide insight into the potential implications of these interactions for phytoplankton evolutionary trajectories and biogeochemical cycling.

COBALAMIN AND THIAMINE

PRODUCTION, DEMAND, AND BIOCHEMICAL FUNCTION

Cobalamin, B12, is a cobalt-containing organometallic micronutrient that conducts elegant chemistry facilitated by the controlled reactivity of the axial Co-C bond in methyl and adenosylcobalamin (Schrauzer and Deutsch, 1969; Lexa and Savant, 1983; Drennan et al., 1994). The resulting reactivity provides the biochemical capacity for methylation and rearrangement reactions, where a hydrogen atom on one carbon constituent is exchanged for another functional group, typically a methyl, amine, or alcohol group. Cobalamin is believed to be produced only by select bacteria and archaea (Roth et al., 1996; Martens et al., 2002) and is required by humans and other metazoans, by an estimated half of all eukaryotic phytoplankton (Tang et al., 2010) and by some bacteria that are not able to synthesize it (Rodionov et al., 2003; Zhang et al., 2009). Vitamin B12 biosynthesis requires over 30 enzymatic steps and significant consumption of cellular energy, carbon, nitrogen, cobalt, zinc, and in some cases iron (Roth et al., 1996; Raux et al., 2000).

Vitamin B12 demand by eukaryotic phytoplankton is thought to arise from its role as a cofactor in the enzyme methionine synthase, which catalyzes the conversion of homocysteine and methyl-tetrahydrofolate to tetrahydrofolate and methionine (Table 1). The active form of B12 in methionine synthase is methylcobalamin. Algae that require B12 absolutely posses only the B12-dependant version of this enzyme (MetH), while those that do not have an absolute requirement have the ability to use an alternative B12 independent version (MetE) (Croft et al., 2005). Phylogenetic analysis of metE and metH coding sequences support a complex evolutionary history of metE gene gain and loss within eukaryotic organisms. In contrast, the phylogeny of metH is well resolved and apparently monophyletic in eukaryotes (Helliwell et al., 2011). These analyses suggest that absolute B12 requirements in eukaryotic algae have likely arisen as a result of multiple independent loses and acquisitions of metE from eukaryotic genomes. Indeed, under high B12 concentrations, metH is continually expressed by algal strains, whereas metE, if present, is repressed until B12 is depleted (Croft et al., 2005; Helliwell et al., 2011; Bertrand et al., 2012). These results suggest that B12 auxotrophy in eukaryotic algae arose as a function of variable B12 availability in the environment. This is supported by observations that the distribution of metE in eukaryotic phytoplankton does not follow phylogenetic lines. Importantly, there is strain level variability in whether or not phytoplankton exhibit an absolute requirement for B12 (Tang et al., 2010). In addition, B12 is a cofactor in the enzyme methylmalonyl coA mutase (mmcM), which is encoded in some but not all B12-requiring phytoplankton genomes (Table 1). mmcM's function in eukaryotic phytoplankton remains somewhat unclear, though it likely plays a role in the citric acid cycle as well as fatty acid and propionate metabolism. However, the presence of mmcM genes in phytoplankton genomes does not confer a B12 requirement under typical laboratory growth conditions (Croft et al., 2006).

Table 1. Vitamin B12-related genes in sequenced marine eukaryotic phytoplankton genomes and select marine prokaryotic genomes.
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Thiamine, B1, is a cofactor required by all organisms and produced by many prokaryotes as well as by fungi, plants, and some eukaryotic phytoplankton (Webb et al., 2007). It is a sulfur-containing compound, produced though joining of a pyrimidine and a thiazole moiety, and is phosphorylated in its coenzyme form (thiamine diphosphate). In bacterial biosynthetic pathways, thiazole biosynthesis requires six distinct enzymatic steps and pyrimidine synthesis requires two (Rodionov et al., 2002; Jurgenson et al., 2009). While the bacterial thiamine biosynthesis pathway is well characterized, eukaryotic biosynthesis pathways remain poorly understood and appear to be distinct in plants and fungi (Jurgenson et al., 2009). Algal thiamine biosynthesis is even less well-characterized but likely conducted by some enzymes similar to bacterial thiamine biosynthesis genes and some enzymes similar to the yeast and plant pathways (Croft et al., 2006), though this remains to be conclusively demonstrated.

While thiamine was one of the first organic cofactors identified as important for algal growth, early work showed that there are some phytoplankton strains that produce thiamine de novo, and some that can scavenge and salvage either the thiazole or pyrimidine moieties from the environment in order to construct a functional cofactor (Droop, 1958; Provasoli and Carlucci, 1974). Preliminary inquiry into eukaryotic phytoplankton genomes conducted via identification of coding sequences similar to those encoding known bacterial, fungi, and plant thiamine biosynthesis enzymes suggests that there are potentially different pathways for thiamine production in stramenopiles versus the green algal lineage (Table 2, McRose et al., 2012). The absence of a gene encoding ThiC, a protein involved in pyrimidine biosynthesis, appears to correlate with B1 auxotrophy in algae with sequenced genomes, regardless of lineage (Table 2). This intriguing observation warrants further exploration. Since ThiC is involved in pyrimidine biosynthesis, the relationship between ThiC gene presence and thiamine auxotrophy is likely to hold only for auxotrophs with the ability to synthesize thiamine diphosphate when provided the pyrimidine moiety, not those that can synthesize the vitamin when provided with the thiazole moiety, such as some dinoflagellates and cryptophytes (Droop, 1958). ThiC is an interesting protein; it requires S-adenosyl methionine (SAM) for activity (Chatterjee et al., 2008), is an iron-sulfur cluster protein, and is present in both the plant and bacterial thiamine biosynthesis pathways (Goyer, 2010).

Table 2. Vitamin B1 (Thiamine)-related genes in sequenced eukaryotic phytoplankton genomes.
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Thiamine catalyzes a number of transformations that are important in carbohydrate and branched amino acid metabolism including those involved in glycolysis, the pentose phosphate pathway, and the tricarboxylic acid pathway. These notably include 2-oxoglutarate dehydrogenase (ODG), pyruvate dehydrogenase/decarboxylase, branched-chain α-ketoacid dehydrogenase, as well as transketolases, acetolactate synthase, and alpha-keto acid dehydrogenase. The chemistry involved in these reactions often includes two carbon group transfers or dehydrogenation reactions (Frank et al., 2007). There is mounting evidence that thiamine may play additional, non-cofactor roles as well. In plants, thiamine has been tied to cellular responses to oxidative stress and disease. Plants subjected to hydrogen peroxide, salt stress, and high light stress, for example, all showed enhanced thiamine production and increased thiamine biosynthesis protein transcripts, such as ThiC (reviewed in Goyer, 2010; Rapala-Kozik et al., 2012). It is possible that this increase in thiamine under stress results from demand for transketolase activity in the pentose phosphate pathway which regenerates NADPH required for activity of some antioxidants (Goyer, 2010). However it is also possible that thiamine itself functions as an antioxidant in these cells, as thiamine compounds have antioxidant capacities, likely through the transfer of H+ from amino groups on the thiazole and pyrimidine rings to reactive species (Hu et al., 1995; Lukienko et al., 2000; Bettendorff and Wins, 2009). While there has been comparatively little study of these potential roles of thiamine in algae, available evidence suggests that thiamine biosynthesis per cell in diatoms increases as a function of increasing cell density and nutrient depletion, which may be caused by the increase in oxidative stress (Pinto et al., 2003).

Thiamine auxotrophy is strikingly different from B12 auxotrophy in algae; while B12 requirements are determined by the ability of a phytoplankton strain to replace B12-requiring metabolisms (Table 1), B1 auxotrophy is defined by whether or not an algal strain is able to synthesize the vitamin de novo (Table 2). Considering that the enzymes for B1 biosynthesis are not yet completely elucidated in algae, it is difficult to discern, through analysis of protein coding sequences, the evolutionary origin of B1 auxotrophy. However, observations concerning the phylogenetic distribution of thiamine auxotrophy support the notion that biosynthesis potential may have also been lost and acquired multiple times. For instance, in the case of two strains of the same species of dinoflagellate, isolated from the same site, one is a B1 auxotroph and one is not (Tang et al., 2010). Among Micromonas spp. strains with thiamine requirements, one is missing more of the biosynthetic pathway than the other (McRose et al., 2012; Table 2). These data suggests that like B12, B1 auxotrophy in algae has likely arisen numerous times though gene loss events. Such loss events could be driven by chronically high thiamine availability coupled to transcriptional repression and associated loss of purifying selection and gene erosion. While this repression is yet to be documented, eukaryotic phytoplankton genomes encode thiamine riboswitches (Croft et al., 2007; Worden et al., 2009); which offer a mechanism by which high thiamine bioavailability can regulate gene transcription.

OCEANOGRAPHIC DISTRIBUTIONS AND CYCLING

In the ocean, dissolved (0.2 μm) vitamin B12 and B1 show variable but often nutrient-like depth profiles and are thought to be present in sub-picomolar quantities to up to 30 pM for B12 and 500 pM for B1 (Sañudo-Wilhelmy et al., 2012). Concentrations of these vitamins in coastal waters are generally higher than in open ocean regions (Panzeca et al., 2009). Measurement techniques for B vitamins in seawater remained restricted to bioassays (Menzel and Spaeth, 1962; Carlucci, 1966) until solid phase extraction, high pressure liquid chromatography methods were developed (Okbamichael and Sañudo-Wilhelmy, 2004; Okbamichael and Sanudo-Wilhelmy, 2005). Development of these techniques, coupled with mass spectrometry, has fostered more efficient and accurate methods for vitamin detection and quantitation in seawater. Such methods however still require inconveniently large volumes and are not currently optimized to detect B12 with different α or β axial groups or differentially phosphorylated forms of thiamine, which may be present in seawater and could be important for bioactivity as well as biogeochemical cycling. In addition, concentration measurements alone may not be an informative measure of the impact of vitamins on marine biogeochemical processes since their concentrations are low and they may be cycled and regenerated rapidly in the euphotic zone as a function of biological production and consumption as well as abiotic processing. The halflife of B12 in the surface ocean with respect to photodegradation alone is approximately 4 days, while B1 is more resistant to abiotic transformations in seawater (Gold et al., 1966; Carlucci et al., 1969). This, along with differences in production and consumption of vitamins by different components of marine microbial communities, may explain the observation that B12 and B1 concentrations and cycling may be decoupled in the water column (Panzeca et al., 2008; Sañudo-Wilhelmy et al., 2012). It remains a challenge to reconcile the interesting observation that B vitamin abundance patterns are associated with basin-scale water mass origin (Sañudo-Wilhelmy et al., 2012) with the likely rapid changes in production and consumption of these vitamins. To address this question, continued efforts to measure these vitamins, along with assessments of microbial community composition and vitamin acquisition rates, should include assessments of variability on short (hours to days) as well as seasonal timescales.

Either through dissolved organic matter exudation and cell lysis via the cycling of the microbial loop, (Azam, 1998; Karl, 2002; Droop, 2007) or through direct symbiotic interaction (Croft et al., 2005), some portion of the bacterial and archaeal community must be the ultimate source of vitamin B12 to eukaryotic phytoplankton. The genetic potential for vitamin B12 production remains largely uncharacterized in any marine environment (Bertrand et al., 2011a). This is in part because the occurrence of the biosynthesis pathway among bacterial and archaeal lineages is extremely variable and is not easily queried using typical phylogenetic profiling techniques. An exception to this is the marine cyanobacteria, where all sequenced genomes appear to contain the B12 biosynthetic pathway (Rodionov et al., 2003), and numerous strains have been shown to produce significant amounts of B12 (Bonnet et al., 2010). The identity of other groups that contribute significantly to oceanic B12 production remains unclear, however, and is of particular importance in regions with scarce cyanobacterial populations such as the polar oceans (Caron et al., 2000; Marchant, 2005). The extremely abundant SAR11 group appears to neither synthesize nor require the vitamin (Table 1). In addition, there are examples from many sequenced marine bacterioplankton genomes of strains that either cannot produce the vitamin themselves but require it for various metabolisms, or those that can salvage degraded B12 for repair and reuse (Bertrand et al., 2011a). In sum, B12 uptake by marine bacteria and archaea can be as significant as uptake by eukaryotic phytoplankton (Bertrand et al., 2007; Koch et al., 2011). This results in a scenario in which eukaryotic phytoplankton likely compete for B12 resources with some components of the prokaryotic community (Bertrand et al., 2011b; Sañudo-Wilhelmy et al., 2012).

Thiamine sources to eukaryotic phytoplankton include de novo production, uptake or salvage from bacterial production, or uptake and salvage of thiamine produced by other algae (Carlucci and Bowes, 1970; Provasoli and Carlucci, 1974). Similar to B12, competition likely occurs for B1 amongst microalgae as well as between algal and bacterial groups since not all prokaryotes have the ability to produce thiamine (Rodionov et al., 2002). It remains unclear, however, what the relative importance of these uptake vectors are and how this varies across oceanic regions. A striking difference between B12 and B1 auxotropy is that B1 requirements in algae could potentially be supplied by growth with B1 producing algal strains as well as with some bacteria (Table 2). This is in contrast to B12 where the only potential source of B12 to auxotrophic algae is bacterial and archaeal production. This opens interesting avenues for exploration of species succession and potential commensalism between not only algae and bacteria but also between different algal strains.

Bottle incubation bioassay experiments have suggested that availability of B12 and to some degree B1 influence overall rates of primary production as well as phytoplankton community composition in regions ranging from the Southern Ocean to temperate coastal environments (Panzeca et al., 2006; Sañudo-Wilhelmy et al., 2006; Bertrand et al., 2007; Gobler et al., 2007; Koch et al., 2011). In many cases, addition of B vitamins to communities resulted in the proliferation of diatoms or dinoflagellates and larger groups of eukaryotic phytoplankton (Table 3). This may have important implications for carbon and nitrogen export as well as silica cycling, since larger phytoplankton tend to support a higher percentage of organic matter export. In addition, coastal and open ocean North Atlantic studies revealed that regions with higher B12 concentrations correlated with regions with high bacterioplankton productivity or density (Gobler et al., 2007; Panzeca et al., 2008), though it remains unclear whether these correlations are due to bacterial production of the vitamin or enhanced bacterial abundance as a result of higher B12 availability. In the Ross Sea of the Southern Ocean, bacterial abundance was shown to be low where primary production was stimulated by B12, meaning that where bacterioplankton communities were more numerous, B12 was less likely to limit primary production (Bertrand et al., 2011b). This suggests that bacterioplankton have an important impact on B12 supply to eukaryotic phytoplankton, at least in polar regions. However, intimate associations between bacteria and eukaryotic phytoplankton are known to occur (Figure 1; Cole, 1982; Grossart et al., 2005); the importance of these associations to B vitamin cycling and availability to phytoplankton in the marine environment are just beginning to be explored and offer numerous exciting avenues for continued research.

Table 3. Results of B-vitamin supplementation in published marine bottle incubation bioassays.
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Figure 1. Bacteria can be intimately associated with diatoms. This sea ice Amphiprora diatom cell has bacterial cells attached through an apparently tight association likely via the use extracellular polymeric substances (EPS). SEM micrographs were collected at the UC Riverside Center for Nanoscale Science and Engineering. Samples were filtered, critical point dried to preserve cellular structures, coated with Pt:Pd to prevent charging, and imaged at 2 kv on a Zeiss 1540 FE-SEM.


THE IMPORTANCE OF NITROGEN TO EUKARYOTIC PHYTOPLANKTON

Nitrogen is an essential component of all life. The availability of nitrogen is thought to limit the productivity of marine microbial communities in large portions of the ocean (McCarthy and Carpenter, 1983; Hecky and Killam, 1988; Moore et al., 2004). Oceanic dissolved nitrogen distributions are driven in large part by coupled biological processing and large scale patterns in ocean circulation. Dissolved inorganic nitrogen (DIN) is generally considered to be the major source of nitrogen to marine microbial communities; the availability of these compounds (nitrate, nitrite, and ammonia), particularly in the oligotrophic ocean, can be depleted below 0.03 μM (Capone, 2000). Phytoplankton growth limitation by inorganic nitrogen availability has also been observed in coastal and upwelling environments (Kudela and Dugdale, 2000). The availability of this inorganic nitrogen has long been used, via nitrogen balancing calculations, to estimate organic matter export from the surface ocean (Eppley and Peterson, 1979), a concept which has profoundly influenced the field of biogeochemical oceanography. Models of the role of different nitrogen sources to phytoplankton and their microbial transformations have evolved to include additional processes, yet this conceptualization of balance between dissolve nitrate upwelled into the euphotic zone and export of biogenic and dissolved organic nitrogen (Bronk et al., 1994) continues to shape our understanding of controls on marine primary production and carbon cycling.

The relative availability of different N sources is now known to play a role in structuring phytoplankton species composition. Though reduced N compounds require less energy to assimilate, there are differences between taxonomic groups in terms of the impact of these differences on growth rate and the impact of ammonia availability on oxidized N acquisition (Dortch, 1990). In addition, differences in the ability of varying phytoplankton functional groups to respond to variable nitrogen concentrations and sources can create important niche dimensions. For instance, diatoms are a particularly successful group of eukaryotic phytoplankton that tend to dominate in coastal and upwelling regions. These locations are often characterized by highly variable nitrogen sources and concentrations. The ability of diatoms to respond quickly to pulsed nitrogen additions can, in part, explain a portion of their success in such environments. Their successful responses to these pulsed additions are partially explained by their ability to tightly couple anabolic and catabolic nitrogen transformations through incorporation of a complete urea cycle into central metabolism (Allen et al., 2011). Diatoms also tend to exhibit their maximal growth rates when grown on reduced nitrogen sources such as ammonia and urea (Dortch, 1990; Bender et al., 2012), but also in some cases dominate environments when nitrate is the dominant source of DIN. Their ability to take up and flexibly utilize a range of nitrogen sources also likely contributes to their role as a dominant phytoplankton group. We suggest that B vitamin deprivation may impair the ability of diatoms to effectively respond to and recover from nitrogen deprivation and that this may have important implications for interactions between marine microbial groups. This results from the fact that metabolisms impacted by B1 and B12 have important roles in pathways and mechanisms for allocation of cellular N recovery from N starvation.

B VITAMIN AND N INTERACTIONS IN OCEANIC ENVIRONMENTS

It is clear that marine bacterial communities, in some cases, compete with eukaryotic phytoplankton for inorganic nitrogen sources, including nitrate (Kirchman and Wheeler, 1998; Kirchman, 2000; Allen et al., 2001, 2005). These heterotrophic bacterial communities also conduct the canonical transformation of organic N sources to ammonia and dissolved organic nitrogen via cycling within the microbial loop. As a result, bacterial communities can be either net sources or net sinks of available N to phytoplankton communities (Kirchman, 2000; Zehr and Ward, 2002). This may vary as a function of the C:N ratio of available organic matter as well as the community composition of microbial assemblages (Kirchman, 2000). There are clear parallels between N and B vitamin availability in the ocean; the interaction between marine microbial groups plays a key role in shaping the influence these chemicals have on productivity. As a result, the implications of combined nitrogen starvation and B vitamin deprivation for eukaryotic phytoplankton will clearly be interactively impacted by bacterial communities. Intimately associated bacterial communities, such as those shown in Figure 1, have the potential to impact vitamin availability as well as nitrogen resources to phytoplankton; interactions between B vitamin and N dynamics in algal bacterial associations have yet to be explored, but are intriguing areas for research.

There have been two studies examining interactive impact of DIN and B vitamin addition on phytoplankton communities. In Long Island embayments, shifts from dinoflagellate dominated, primarily N limited communities in summer to diatom dominated blooms in fall coincided with decreases in B12 and B1 availability and increases in chlorophyll production upon B vitamin additions, suggesting that N and B vitamin availability both influence coastal phytoplankton species succession and biomass. Interestingly, in several instances, B12 or B1 and nitrate, when added together, stimulated chlorophyll production to a greater degree than adding either nutrient alone (Gobler et al., 2007). This interactive effect has yet to be mechanistically explored, but could be a function of vitamins being independently secondarily limiting, or could be explained by biochemical interactions between nitrogen and B vitamin production or demand (Saito et al., 2008). In a series of bottle incubation studies in the coastal, nitrogen limited region of the Gulf of Alaska, the addition of nitrate alone yielded enhanced productivity, and a shift from a dinoflagellate to diatom dominated community. In contrast, the addition of B12 and nitrate together yielded a community dominated by dinoflagellates (Koch et al., 2011). This striking result suggests that B vitamin availability severely impacted the response of the coastal phytoplankton community to nitrogen availability. This response suggests that the dinoflagellate community could not respond to nitrogen addition under B12 starvation conditions, either due to secondary, independent limitation of dinoflagellate growth by B12 availability or due to biochemical interactions between nitrogen and B12 metabolism leading to colimitation. Since a higher proportion of dinoflagellates are B12 auxtrophs (90%) than are diatoms (60%) (Tang et al., 2010), this response may be expected. However, diatom ability to respond to nitrogen additions over dinoflagellates under low B12 availability may not be entirely explained by differences in auxotrophy and warrants further exploration. Here we examine potential biochemical mechanisms for interaction between B vitamin and nitrogen metabolism.

MOLECULAR RESPONSES OF EUKARYOTIC PHYTOPLANKTON TO B VITAMIN STARVATION

There is some information available concerning the molecular responses of eukaryotic phytoplankton to B-vitamin starvation. While studies that examine the response of phytoplankton to B1 deprivation have not been described in detail (McRose et al., 2012), there has been comparatively extensive inquiry into the molecular response of phytoplankton to B12 deprivation. An important consequence of B12 deprivation in eukaryotic phytoplankton appears to be impaired methionine synthase activity and the use of B12-independant MetE over dependent MetH (Croft et al., 2005; Helliwell et al., 2011; Bertrand et al., 2012). Methionine serves not only as a protein-building amino acid but as the precursor to S-adenosylmethionine (AdoMet or SAM), an important methylating agent, propylamine donor, and radical source. Indeed, there is evidence that SAM deprivation is an important consequence of low B12 availability in diatoms (Bertrand et al., 2012; Figure 2). Notably, ThiC, an important algal thiamine biosynthesis protein, is SAM-dependant and responds to B12 deprivation in diatom cultures, suggesting that there may be consequences of B12 deprivation for thiamine production. In addition, dinoflagellate transcriptome and metatranscriptome sequencing studies reveal that SAM cycling genes are among the most highly expressed transcripts in multiple dinoflagellate species (Lidie et al., 2005; Moustafa et al., 2010; Toulza et al., 2010). These data, along with the high percentage of surveyed dinoflagellates that exhibit an obligate B12 requirement (>90%; Tang et al., 2010) suggest that B12 availability may have important implications for dinoflagellate SAM metabolism; perhaps a disproportionately important process relative to diatoms. This could potentially result from extensive dinoflagellate DNA methylation or increased demand due to toxin production, which has a high SAM requirement (Lin, 2011). In addition, impaired methionine synthase activity prevents efficient folate recycling, which has important implications for nucleic acid biosynthesis (Scott and Weir, 1981; Croft et al., 2005). Molecular evidence for altered folate metabolism has also been documented as a significant component of the diatom response to B12 deprivation (Bertrand et al., 2012). This likely holds true for other algal groups as well since the diatom response is similar to distantly related organisms such as humans and other metazoans (e.g., Scott and Weir, 1981).
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Figure 2. Evidence from Bertrand et al., 2012 that AdoMet SAM starvation is an important consequence of B12 deprivation, with implications for thiamine biosynthesis. SAM synthetase (Tp 39946, Pt 18319) converts methionine and ATP to SAM. SAM, after use for methylation reactions, is converted to S-adenosylhomocysteine (SAH). SAH can act as an inhibitor to methylation reactions because of its high affinity for most methyltranserfases. SAH hydrolase (Tp 28496; Pt bd 913) catalyzes the reversible interconversion of SAH to homocysteine and adenosine. The expression of the genes encoding these proteins in two diatoms appears to correlate. RPKM (Reads Per Kilobase of exon model per Million mapped reads) gene expression values are plotted against each other for each of eight samples in two diatoms, duplicates of replete, low B12, low B12 with low iron, and low iron alone. Expression under iron limited conditions was examined along with B12 to verify whether changes induced were likely a general stress response or more specific to the vitamin. In both diatoms, cells grown under nutrient replete conditions express these genes at the lowest level. Iron and B12 availability both influence the expression of these genes, with B12 having a greater impact of gene expression the B12 requiring diatom T. pseudonana. ThiC is a SAM-dependent protein required for pyrimidine moiety synthesis in thiamine biosynthesis. The expression of genes encoding ThiC in both these diatoms is elevated under low B12 availability and not under low iron availability, suggesting that thiamine biosynthesis, and B12 availability may be linked in these diatoms, potentially through B12 impacts on SAM availability.


Molecular aspects of acquisition of these vitamins in eukaryotic algae remains poorly understood. An important result of these inquiries into the molecular response of algae to vitamin deprivation has been the identification of proteins that are potentially involved in B12 or B1 acquisition. Bertrand et al. (2012) identified a previously uncharacterized protein, deemed CBA1, that is directly involved in B12 acquisition by diatoms and that is much more abundant in diatoms when they are experiencing B12 deprivation. This protein, however, appears to be restricted to the stramenopile lineage, suggesting that other eukaryotic algal groups utilize different, as of yet unidentified, pathways for B12 uptake (Bertrand et al., 2012). Several candidate proteins involved in thiamine trafficking have been identified in whole genome sequencing projects (Worden et al., 2009) and transcriptomic analyses of Micromonas cultures under thiamine deprivation have also resulted in identification of additional putative thiamine transporters in this B1 auxotrophic group (McRose et al., 2012).

Examination of transcripts encoding CBA1, ThiC, MetE, and MetH in natural Antarctic diatom communities revealed that all these transcripts are relatively abundant and therefore that B vitamin metabolism is likely an important component of the molecular physiology of field communities (Figure 3). These expression patterns suggest that Antarctic diatom communities are experiencing B12 deprivation (expressing MetE and CBA1) and that some subset of the community is able to potentially utilize B12 for methionine regeneration (MetH expression). This suggests that there are potentially different B12 quotas for different diatom species, with species experiencing starvation at varying intersections of cellular demand relative to ambient B12 availability. Additionally, there may be a subset of diatoms with localized B12 sources, such as intimately attached bacteria (Figure 1). These results suggest, however, that examining the distribution of B12—responsive transcripts in field populations will yield important insights into the impact of vitamin availability on community structure and primary productivity. For these analyses, it would be useful to know what percentage of the eukaryotic phytoplankton community possesses the ability to produce MetE; this would allow for more extensive interpretation of MetE and MetH transcript expression patterns. Similar analyses may be possible with thiamine—responsive genes in the future. Potential candidates for this include the recently identified putative transporters as well as ThiC, which appears to be present in genomes that are not auxotrophs and absent from genomes of organisms that require exogenous thiamine (Table 2).
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Figure 3. The abundance and diversity of CBA1, B12 starvation indicator, and the abundance of ThiC, MetH, and MetE transcripts attributable to diatoms in Antarctic transcriptomic datasets, compared to the expression of transcripts encoding other well-characterized proteins (modified from Bertrand et al., 2012). (A) Phylogenetic tree containing CBA1 sequences from 454 metatranscriptomic (cDNA) libraries from the Ross Sea of the Southern Ocean, Monterey Bay, Puget Sound, and the North Pacific. Reference sequences from Phaeodactylum tricornutum, Fragilariopsis cylindrus, Thalassiosira pseudonana, Aureococcus anophagefferenas, and Ectocarpus siliculosus genomes were used to construct these trees and are shown in black. CBA1-like sequences from environmental samples are shown in color, as described in the key. CBA1 transcripts were detectable in diverse marine environments, suggesting that cobalamin acquisition is an important component of diatom molecular physiology. (B) The normalized abundance of Open Reading Frames (ORFs) assigned to CBA1 from within the Ross Sea is shown in blue, MetE: PF01717 is shown in green, MetH:PF02965 is shown in purple, ThiC:PF01964 in yellow, while the abundance of read counts assigned to diatom ORFs containing well-characterized pfam domains for comparison [Actin: PF00022, Histone:PF00125, GAP-DH: PF02800, Alkaline Phosphatase: PF00245, Flavodoxin: PF00258, Cytochrome b559 (PSII): PF00283, Ribose 5-phosphate isomerase A: PF06026] are shown in gray. Read counts for each ORF where summed across six libraries from Ross Sea samples and RPKM values were calculated. RPKMs were then summed across all diatom ORFs that contained that a domain of interest. CBA1, MetE, MetH, and ThiC are not among the extremely abundant transcripts (e.g., those encoding Actin, GAP-DH, Histone) but are comparable to those encoding Calvin Cycle protein Ribose 5-phosphate isomerase A, and are more abundant than the transcripts encoding a cytochrome required for photosystem II activity (b559) as well as alkaline phosphatase (AP), suggesting that they are of importance to the molecular physiology of natural diatom communities.


POTENTIAL B12 AND B1 METABOLIC INTERACTIONS WITH NITROGEN IN EUKARYOTIC PHYTOPLANKTON

B VITAMIN AND N STARVATION IMPACTS ON OSMOLYTE PRODUCTION AND UTILIZATION

Osmolytes are molecules that serve roles in osmoregulation. In eukaryotic phytoplankton, these include proline, glycine betaine (GBT), dimethylsulfonium propionate (DMSP), homarine, and isethionic acid (Boroujerdi et al., 2012). There are potentially important roles for B12, B1, methionine, SAM, and nitrogen metabolism in osmolyte production that likely result in interactive biochemical effects. One example is that methionine and SAM are both required for DMSP production, which is used by a subset of diatoms possibly as a cryoprotectant, osmolyte (Stefels, 2000), or antioxidant (Sunda et al., 2002), and is the precursor to the climatically important gas dimethylsulfide (Charlson et al., 1987). SAM recycling genes appear to play a role in the response of diatoms to low nitrogen, suggesting that there may be synergistic impacts of nitrogen and B12 depletion on SAM availability (Table 4). This observation is intriguing and warrants further exploration via SAM metabolite analysis under conditions of varying B12 and nitrogen availability.

Table 4. B12 and B1 related genes from published P. tricornutum EST libraries.
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In addition, nitrogen limitation has been previously identified as an important factor driving DMSP and DMS produced by phytoplankton populations. Nitrogen deprivation, more than any other nutrient starvation scenario tested, led to enhanced DMSP production per cell in an important oceanic diatom (Bucciarelli and Sunda, 2003; Sunda et al., 2007). A possible explanation for this trend is that under nitrogen starvation, N-containing osmolytes such as proline, homarine, and GBT are replaced by DMSP, which does not contain nitrogen (Bucciarelli and Sunda, 2003). There is some evidence that under N-replete conditions, GBT and homarine replace DMSP in T. pseudonana and that GBT concentrations increase upon addition of N to N-starved cultures of diatoms and coccolithophores (Keller et al., 1999). If DMSP is in fact used to replace N-containing osmolytes, B12 starvation coupled with N-limitation has the potential to negatively impact that substitution in at least two ways. The first is by potentially limiting the amount of DMSP produced due to restricted methionine availability. The second is again through SAM deprivation, which has been hypothesized to play an important role in diatom metabolism under low B12 conditions (Figure 3; Bertrand et al., 2012). These metabolic connections suggest that there may be synergistic impacts of B12 and N starvation on DMSP-producing algal strains. Alternatively, if the primary function for DMSP is as an antioxidant, increases in DMSP as a function of nitrogen starvation could be due to elevated demand for DMSP under the oxidative stress induced by nitrogen deprivation (Sunda et al., 2002, 2007). If DMSP in fact serves an important antioxidant role and if thiamine is shown to be an important algal antioxidant as well, this suggests that there could be potentially important interactions between B1, B12, and N availability in algal cells in response to oxidative stress.

Synthesis of GBT, in many organisms, also requires SAM as a methyl group donor. Also like DMSP, there is evidence that GBT production is tied to nitrogen metabolic status of individual cultures, (Keller et al., 1999, 2004). Since GBT synthesis requires nitrogen and is likely SAM dependent, B12 starvation may prompt substitution of other osmolytes, such as proline, for GBT as well as DMSP. This may have important implications for cellular nitrogen cycling. Notably, proline is generated from ornithine via activity of ornithine cyclodeaminase. Ornithine is an important metabolite in the urea cycle, which is a major pathway for nitrogen recycling in diatoms and potentially other algae (Fernie et al., 2012). If the proline balance were significantly impacted as a result of a metabolic cascade resulting from changes in the osmolyte balance, this could have significant impacts on overall cellular nitrogen metabolism.

B12 AND B1 STARVATION IMPACTS ON AMINO ACID AND POLYAMINE BIOSYNTHESIS

The major organic constituent of diatom silica frustules are a series of long chain polyamines (LCPAs). Different diatoms synthesize different suites of LCPAs (Kroger et al., 2000). These molecules, along with silica deposition proteins called silafins and silafin-like girdle band and nanopattern-associated proteins call cingulins (Scheffel et al., 2011), induce biomineralization, and are responsible for differences in frustule morphology between diatom groups. LCPAs vary in chain length and degree of methylation, but appear to all be synthesized from putricine, spermidine, or spermine precursors. These precursors are synthesized sequentially from ornithine, with spermidine, and spermine production both requiring SAM as a propylamine donor. Subsequent steps in LCPA formation likely require SAM as well (Kroger and Poulsen, 2008). LCPAs recovered in net tows are mostly putracine-based, with varying degrees of methylation, suggesting that SAM is an important component of LCPA production for field diatom populations as well (Bridoux et al., 2012). Conceivably, reduced SAM production through B12 starvation could induce changes in silica frustule formation by decreasing the pool of available LCPAs. Indeed, reduction of LCPA production as a result of the addition of an inhibitor for ornithine decarboxylase, which is known to be involved in polyamine biosynthesis, dramatically reduced biogenic silica formation in T. pseudonana (Frigeri et al., 2006). In diatoms, possible LCPA biosynthesis genes have been identified. These are potentially gene fusions of bacterially derived polyamine biosynthetic enzymes S-adenosylmethionine decarboxylase (SAM DC) and an aminopropyltransferase (Michael, 2011), which require input of SAM. The Met salvage pathway would need to be efficient, and if SAM starvation does result from B12 deprivation, there could be substantial implications of low B12 for LCPA biosynthesis. Ornithine represents a significant component of the carbon and nitrogen pool within phytoplankton cells and is a centrally important metabolite in the ornithine urea cycle (OUC), which is the major distribution hub for nitrogen in diatom cells (Allen et al., 2011; Bender et al., 2012). If SAM starvation results in major changes in ornithine balance through alterations in polyamine biosynthesis, this would hold substantial ramifications for the impact of B12 deprivation on nitrogen cycling.

Overall, it seems that N starvation could induce up-regulation in pathways that demand B12, such as methionine and SAM synthesis. This would potentially be reflected in elevated expression of B12 acquisition proteins under nitrogen limitation, and elevation of proteins required to generate methionine.

LINKS BETWEEN N, B1 AND B12 THROUGH SULFUR METABOLISM IN EUKARYOTIC PHYTOPLANKTON

Connections between nitrate reduction and sulfur assimilation are well known. Sulfate reduction is thought to be regulated by nitrogen nutrition in plants (Koprivova et al., 2000; Takahashi et al., 2011); this may also be true for phytoplankton, as sulfur uptake and assimilation genes in diatoms appear to be responsive to nitrogen availability. Both B1 and B12 have important ties to sulfur metabolism, since B12 is important for sulfur amino acid cycling and DMSP synthesis and B1 is produced from thiazole, a sulfur containing moiety. Indeed, in plants, methionine synthesis and other aspects of sulfur metabolism are very tightly regulated by SAM availability. If the B12 dependence of SAM availability hypothesized for phytoplankton is verified (Bertrand et al., 2012), this suggests that B12 availability may influence additional aspects of sulfur and nitrogen metabolism.

INFLUENCE OF B12 AND B1 STARVATION ON THE DIATOM UREA CYCLE THROUGH IMPACTS ON THE CITRIC ACID CYCLE AND AMINO ACID CYCLING

Important impacts of vitamins on amino acid and amine cycling include the previously discussed impact of B12 on cysteine and methionine cycling and the impact of B1 on branched amino acid synthesis. B1 contributes to the first step in valine synthesis as well as important steps in amino acid degradation and recycling via keto acid dehydrogenase activity (Binder et al., 2007). In addition, B1 appears to impact nitrogen assimilation and amino acid recycling though the dependence of 2-oxoglutarate dehydrogenase (OGDHC) on the cofactor (Bunik and Fernie, 2009). For instance, potato OGDHC inhibition causes reductions in nitrate assimilation as well as increases in glutamate and GABA accumulation (Araujo et al., 2008). This suggests that disturbances in B1 metabolism may have profound affects for nitrogen assimilation and amino acid recycling, though this has yet to be confirmed for phytoplankton.

The OUC is of central importance to diatoms and potentially other phytoplankton as a nitrogen assimilation and repackaging hub. The OUC and the citric acid (TCA) cycles are linked (Allen et al., 2011). Mitochondrial amino acid catabolism yield carbon skeletons for the TCA cycle as well as ammonia and bicarbonate that is shunted into the OCU. This connection is supported by metabolic data suggesting that fumarate and malate, important TCA cycle intermediates, display similar patterns as OUC metabolites in diatom cell lines with altered urea cycle pathways (CPS knockdowns; Allen et al., 2011). Both B12 and B1 play important roles in the citric acid (TCA) cycle. For example, B12 is a cofactor for mmcM which generates succinyl coA from methylmalonyl coA, an amino acid degradation product. Expression of the gene encoding mmcM is upregulated under—N conditions in P. tricornutum EST libraries (Table 4), suggesting that there could be consequences of reduced mmcM activity for cells experiencing nitrogen deprivation. B12 availability does not appear to influence mmcM expression (Bertrand et al., 2012). It is notable that mmcM expression levels are not insignificant in diatom transcriptome studies, suggesting that this gene product may be of utility to phytoplankton despite the fact that the presence of this gene in phytoplankton genomes does not confer an absolute B12 demand (Table 1). There are numerous connections between B1 and the citric acid cycle. B1 is required for the generation of acetyl CoA from pyruvate via the pyruvate dehydrogenase complex. The enzyme ODG is also thiamine-dependent and plays a important role in the citric acid cycle. This enzyme is also thought to be a important player in plant nitrogen assimilation though its impact on glutamine stores (Bunik and Fernie, 2009). Interestingly, the reactant consumed by this protein, 2-oxoglutarate, accumulates strongly in diatom cell lines with impacted urea cycle (Allen et al., 2011). These data suggest that B1- and B12-dependent metabolisms play key roles in steps that maintain cellular carbon and nitrogen recycling; synergistic impacts of B vitamin deprivation and N starvation are therefore likely.

SYNTHESIS AND IMPLICATIONS FOR EUKARYOTIC PHYTOPLANKTON ECOLOGY

Many of the interactions between B vitamins and N metabolism described above have the potential to profoundly influence eukaryotic phytoplankton ecology and are summarized in Figure 4. From these interactions, we can hypothesize that nitrogen limitation, experienced by phytoplankton in much of the ocean, may induce enhanced demand for B12 and B1 via a variety of mechanisms. These include substitution of N-containing osmolytes with DMSP, substituting N-containing antioxidants and DMSP with thiamine, and effectively recycling amino acids and glutamine stores utilizing high amounts of B1. There are also interactions discussed above that would result in B vitamin deprivation leading to impaired nitrogen recycling which could conceivably increase nitrogen demand in phytoplankton cells. These include impaired glutamine recycling due to reduced 2-oxogultarate dehydrogenase and pyruvate dehydrogenase activity and impaired ornithine and proline cycling due to B1 and B12 impacts on the TCA cycle as well as through potential imbalances in the methyl cycle due to B12 deprivation. These mechanisms all suggest that biochemical interactions between B vitamin and N limitation have the potential to lead to interactive colimitation and thus that the B vitamin and N colimitations observed in field studies (Koch et al., 2011; Gobler et al., 2007) may be due to both independent secondary limitation or dependent colimitation scenarios (Saito et al., 2008).
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Figure 4. An overview of B12 and B1 interactions with nitrogen metabolism in eukaryotic phytoplankton. Four major intracellular mechanisms are outlined: (1) impacts on osmolyte and antioxidant production and utilization and (2) impacts on polyamine biosynthesis via the methyl cycle, (3) impacts on the urea cycle and amino acid recycling through impacts on the citric acid cycle, and (4) impacts of nitrogen balance on sulfur assimilation. Major cellular nitrogen stores impacted by B1 and B12 availability are shown in orange diamonds. Arrows denote direction of reaction, production, or consumption. Bars denote potential negative feedbacks, where increases in originating compound may decrease abundance or importance of the connected compound. Also described are major interactions with other microbial groups outside the cell in terms of production and consumption of B1, B12, and nitrogen sources. Groups considered include pelagic and attached bacteria, including cyanobacteria (brown) and other eukaryotic algae (green). Relevant acquisition pathways are denoted by blue boxes. Cys, cysteine; Hcy, homocysteine; SAH, S-adenosyl homocysteine; SAM, S-adenosyl methionine; GBT, glycine betaine; DMSP, dimethylsulfonium propionate.


These biochemical dependencies have the potential to impart changes in phytoplankton species composition based on differences in B1 and B12 demand between phytoplankton groups. Diatoms are thought to rely on an efficient urea cycle for distributing and recycling nitrogen (Allen et al., 2011; Bender et al., 2012). The impacts of B12 and B1 deprivation on the efficiency of the urea cycle, therefore, may disproportionately impact diatoms. In addition, if dinoflagellate SAM demand is indeed elevated over other phytoplankton as hypothesized, it is possible that B12 deprivation could disproportionately impact dinoflagllate strategies for coping with nitrogen deprivation, such as the use of DMSP to replace N-containing osmolytes. These impacts may be of particular importance to harmful algal bloom species, which are known to have disproportionately high instances of B1 and B12 auxotrophy (Tang et al., 2010). Additionally, toxin production by some dinoflagellate species has been shown to increase under N-limitation (Ransom Hardison et al., 2012); synthesis pathways of many dinoflagellate toxins such as saxitoxin and brevetoxin are thought to be SAM-dependent (Lin, 2011). Together, these data suggests that HAB species may be more susceptible than others to impacts of these dependent colimitations between N and B vitamins and that these colimitations may additionaly impact toxin production rates. This is further evidence that B vitamin dynamics should be considered when predicting and evaluating potential for harmful algal bloom scenarios.

Given that B12, B1, and nitrogen availability to eukaryotic phytoplankton all have potential to be impacted by bacterial community composition and activity, the bacterial community is likely an important driver of when and where instances of these dependent colimitations may be important. This may be especially true when considering timing and species composition in spring bloom scenarios, which is an active area of continued research today (Mahadevan et al., 2012). Swift and Guillard (1978) determined that spring bloom diatom species, though not B12 auxotrophs, grew faster and experienced shorter lag phases in the presence of the vitamin, suggesting that possible interactions between N and S metabolism, and B12 utilization could be important for bloom timing and species composition. Recent work also suggests that bacterioplankton respond to various phases in spring blooms by changing both metabolic potential and species composition over time (Teeling et al., 2012). This could have important impacts for B12 and B1 production and consumption as well as for nitrogen availability and recycling. Mounting evidence suggests that there could be synergistic interactions of these impacts on eukaryotic phytoplankton that could influence not only species composition but also bloom timing and overall productivity. This suggests that time series measurements, over both day to week and seasonal timescales, which include B12, B1, and nitrogen species concentration measurements and uptake rates as well as protein or transcript-based indicators of nitrogen and vitamin deprivation, would be useful, particularly in conjunction with bacterioplankton community composition assessments and implementation of B vitamin biosynthesis indicators. Locations where this would be of considerable interest include high latitude ecosystems, which largely lack B12 producing cyanobacteria, coastal locations with HAB blooming dinoflagellates, and diatoms as well as the North Atlantic, before during and after bloom scenarios.
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thiebauti, natural  manipulations seawater fixation when 1990
populations added in late
aftemoon
Trichodesmium  Field NHE 100uM Ambient surface  0-7h 60% inhibition Capone etal.,
thigbauti, natural  manipulations seawater 1990
populations
Tiichodesmium  Batch culture  NO 2mM 32uM 7h 0% inhibition Ohkietal,
sp. NIBB 1067 1991
Trichodesmium  Batch culture  NH 20uM 32uM 7h 0% inhibition Ohkietal,
sp. NIBB 1067 1991
Tiichodesmium  Batch culture  urea 5001M 32uM 3h Some inhibition Ohkietal,
sp. NIBB 1067 1991
Tiichodesmium  Batch culture  NO 2mM 32uM Muttiple 100% inhibition Ohkietal,
sp. NIBB 1067 generations 1991
Trichodesmium  Batchcuure  NHJ 20uM 32uM Muttiple 100% inhibition Ohkietal,
sp. NIBB 1067 generations 1991
Tiichodesmium  Batch culture  urea 5001M 32uM Muttiple 100% inhibition Ohkietal,
sp. NIBB 1067 generations 1991
Trichodesmium  Batch culture  NO7 150uM 32uM Muttiple 75% inhibition Mulholland
sp. NIBB 1067 generations etal, 1999
Tiichodesmium  Batch culture  urea 30uM 32uM Multiple 66% inhibition Mulholland
sp. NIBB 1067 generations etal, 1999
Trichodesmium  Field NH 1 and 5uM Ambient surface  23h 20% inhibition for Mulholland
spp. natural manipulations seawater 1M and 63% etal, 2001
populations inhibition for 5 M
Trichodesmium  Field NH 10uM Ambient surface  0-23h 28% inhibition after Mulholland
spp. natural manipulations seawater 1-2h, 99% etal, 2001
populations inhibition after 23h
Trichodesmium  Field Glutamate suM Ambient surface  23h 33% inhibition Mulholand
spp. natural manipulations seawater etal, 2001
populations
Trichodesmium  Field Glutamate 10uM Ambient surface  0-23h 5% inhibition after Mulholland
spp. natural manipulations seawater 1-2h, 99% etal, 2001
populations inhibition after 23h
Trichodesmium  Field Glutamine 5uM Ambient surface  23h 89% inhibition Mulholland
spp. natural manipulations seawater etal, 2001
populations
Trichodesmium ~ Field Glutamine 10uM Ambient surface  0-23h 29% inhibition after Mulholland
spp. natural manipulations seawater 1-2h, 99% etal, 2001
populations inhibition after 23h
Trichodesmium  Batch culture  NO TuM 32uM 1-6h 0% inhibition Mulholland
sp. NIBB 1067 etal, 2001
Trichodesmium  Batch cultute  NO 10uM 32uM -6h 40% inhibition Mulholland
sp. NIBB 1067 etal, 2001
Trichodesmium  Batchculture  NHJ UM 32uM 2andah 0% inhibition Mulholland
sp. NIBB 1067 etal, 2001
Trichodesmium  Batchculture  NHJ 10uM 32uM 2and4h 90-99% inhibition Mulholland
s0. NIB 1067 after 4h etal, 2001
Tiichodesmium  Batchculture  Glutamate 1or10uM 32uM 2andah 0% inhibition after Mulholland
sp. NIBS 1067 ah etal, 2001
Trichodesmium  Batch culture  Glutamine 1or10uM 32uM 2andah Up t 50% inhibition Mulholland
sp. NIBS 1067 after 2and ah etal, 2001
Trichodesmium  Batchculture  NHJ 2uM 3uM 3 generations 0% inhibition Fu and Bell,
sp. GBRTRLIT01 2003
Trichodesmium  Batchculture  NHJ 10pM 3uM 1 generation 0% inhibition Fu and Bel,
sp. GBRTRLIT01 2003
Tiichodesmium  Batchculture  NHJ 10uM 3uM 5 generations  86% inhibition Fu and Bel,
sp. GBRTALIT01 2003
Trichodesmium  Batchculure  NO 10pM 3uM 1 generation 0% inhibition Fu and Bell
50. GBRTALIO! 2003
Trichodesmium  Batchculture  NOj 10uM 3uM 5 generations  76% inhibition Fu and Bell,
$p. GBRTALI0! 2003
Tiichodesmium  Batchculture  Urea 10uM 3uM 1 generation 0% inhibition Fu and Bel,
sp. GBRTRLIT01 2003
Tiichodesmium  Batchculture  Urea 10uM 3uM 5 generations  66% inhibition Fu and Bell
sp. GBRTALIT01 2003
Tiichodesmium  Continuous ~ NO3 05-20uM 10uM 0-12h (added  Up to 35% inhibition Hol and
sp. IMS101 culture justpriorto  upto 5uM, 210uM Montoya, 2005
initiation of  apparently saturates
lightcycle)  at 70% inhibition
Tiichodesmium  Batch culture  NO 100uM 50uM 2 weeks 100% inhibition Miligan et al.,
sp. IMS101 2007
Trichodesmium  Batchculure  NOF 100kM (semi-  50uM 1,3,0r6days  ~B0% inhibition at 1 Sandh etal.
s0. IMST01 continuous day, 100% inhibition 2011
re-supply of at3and 6 days
100M NO3)
Crocosphaerasp.  Batchculture  NO3 0.2-104M 50uM 90min priorto 5% inhibition up to Dekaezemacker
WHg501 initiation of 1M, 24% inhibition  and Bonnet,
darkperiod  at5uM, 12% 201
inhibition at 10 M
Crocosphaerasp. Batchcuhure  NOj 0.2-10uM 501M 90min priorto 14% inhibition at Dekaezemacker
WH0003 initiation of  0.2uM; 1% and Bonnet,
derkperiod  inhibition at 1M, 20m
4% inhibition at M
Crocosphaerasp. Batchculture  NH 0.2-10uM 501M 90min prior to Up to 12% inhibition Dekaezemacker
WHg501 initistion of  Up 10 5uM; 38% and Bonnet,
dark period  inhibition at 10uM 20m
Crocosphaerasp. Bawchculture  NH 0.2-10uM 50uM 90min priorto 21% inhibition at Dekaezemacker
WH0003 initiation of 1M, 41% inhibition  and Bonnet,
darkperiod  at5uM, and 80% 201
inhibition at 10 M
Tiichodesmium  Batch culture  NO; 8uM 05uM 210 generations 90% inhibition® Knapp etal.,
5p. IMS101 2012
Trichodesmium  Batch culture  NO 5and16pM  1uM =10 generations 72% inhibition at Knapp etal.,
50. IMST01 51M and 85% 2012
inhibition at 16.M*
Crocosphaerasp.  Batchcultre  NO3 8uM 05uM 210 generations 79% inhibition” Knapp etal.,
WHB501 2012
Crocosphaerasp. Batchcultre  NO3 sand 16pM  1uM 210 generations 71% inhibition at Knapp etal.,
WHg501 51M and 85% 2012

inhibition at 16M*

*Indicates the degree of inhibition when N fixation rates are normalized per trichomes or cells; N fixation is significantly less inhibited when N fixation rates are.
‘normalized to chl a content for Trichodesmium sp. but not for Crocosphaera sp.
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Location Depth Diazotroph N fixation rate N fixation Ambient [NO;]  Ambient [PO}-]  References.

method
Eastern Tropical a8m Unidentified, whole water  0.7nmol NL~" h-' TN, assimilation  10uM 06uM Voss et al., 2004
North Atantic incubation
Mekong River plume,  Surface” Trichodesmium spp. 113nmol N L™ ! 9Nz assimilation  12.4uM 07uM Grosse et al., 2010;
mesohaline station Bombr etal, 2011
Benguela upweling  8m Unidentified, whole water  75nmol N L~ d-! T8N, assimilation  21uM 15uM Sohm etal., 2011
incubation
Eastern Tropical Surface* Whole water incubation, 0.089nmol N L~ - 15N, assimilation  781M 1.20M Femandez etal, 2011
South Pacific 2005
Eastern Tropical Surface Whole water incubation, 0.66nmol N LT g~ TN assimilation  55uM 0.68uM Femandez etal,, 2011
South Pacific 2007
Eastern Tropical 400m Cluster | and Ill phylotypes  1.27nmol N L~" d~" 5Nz assimilation  >9.3uM >10uM Fernandez et al., 2011
South Pacific
California Borderland  600m Heterotrophic Alpha- and. 0.07rmol m~2 a~" total; T8N, assimilation  32uM 4um Hamersley et al.,
Basins Gammaproteobacteria, <10 fraction 0.1 umol 201
putative sulfate reducing m~3d~1, >10um fraction
bacteria 0.01 ol m2 ¢!
California Borderland  850m Heterotrophic Alpha- and 0.07mol m~2 d~" total; 15N assimilation  32uM 4uM Hamersley etal.,
Basins Gammaproteabacteria, <10 fraction 0.08 mol 201
putative sulfate reducing m~2d~"; >10um fraction
bacteria 0.00kmol m~3 d~"
Location Sediment depth zotroph N; fixation rate N; fixation method  Ambient Ambient Ambient References
NO3] INH1 O3]
Wccasassa estuary,  Upper 2-5em Clostridium spp. 064-60ngNg™  Acetylene reduction  NR 0.06mgN NR Brooks et al., 1971
FL,UsA hrt o1
Continental Shelf Upper 0-5¢cm NR 03pgatoms Nm=  Acetylene reduction  29uM 127uM NR Haines etal, 1981
Sediments, Upper il
Cook Inlet, AK, USA
Continental Shelf Upper 0-5¢cm NR 08pgatomsNm-2  Acetylene reduction  7uM 77uM NR Haines etal, 1981
Sediments, Norton Ll
Sound, AK, USA
Zostera marina Upper 12cm NR 16nmol CoHz cm2  Acetylene reduction  NR 16uM NR Capone, 1982
seagrass sediments, het
Long Island, NY, USA
‘Tomales Bay, CA, Upper 1cm Microcoleous sp., 3mmolNm=2d='**  Acetylene reduction  1uM 3uM 1.9uM Joye and Paerl, 1993
USA Lyngbya sp..
Oscillatoria sp.,
Spirulina 5.
Transplanted Spartina  Upper 1cm Heterocystousand  37mgNm-2d-"  Acetylene reduction  NR 18-83uM NR Curtn etal, 1996
marsh, NC, USA non-heterocystous
cyanobacteria
Seagrass meadow,  Upper 5em Sulfate reducing 01-73mgNm=2  Acetylene reduction  NR 190uM NR Welsh et al. 1996
France bacteria ¢
Mangrove Upper 1em Heterocystousand ~ 0-121mmol Nd='*  Acetylene reduction  10uM 12250uM  0.4-19uM  Lee and Joye, 2006
sediments, Twin notheterocystous
Cays, Belize cyanobacteria,
sulfate reducing
bacteria
Corpus Christi Bay, ~ Upper 15-20cm  NR 0-75umolNm=2  NetN fluxes using  <1uM =tum 02-16uM  McCarthy et al. 2008
X, USA hrt# MIMS
Catalina Harbor Upper0-10cm  Sulfate reducing 0.1-80mmol Nm-2  Acetylene reduction  NR 50-100uM  NR Bertics etal., 2010
sediments, CA, USA bacteria, ¢
cyanobacteria
Eutrophicestuary,  Upper 20cm NR 0-077mmolNmM™  NetN, fluxes using  <1uM 10-40uM NR Rao and Charette,
Waquoit Bay, MA, he1e benthic flux chamber 2012
Usa and MIMS

The units for N; fixation rates as well as concentration are taken from the original publication. *Indicates average value for Ny fixation rate, NO; concentration, and/or PO~ concentration; *Indicates that
denitification was documented simultaneously in the same sediments; NR indicates not reported.
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Auran  Phatr Thaps  Psemu  Fracy Emihu  Ostta Ostlu MicPu  Chire ChINC  Syn8102 Pro9313 P ubique

MetH 34875 23399 693 213031 207287 423073 16287 45056 148156 76715 36916 SYNW  PMTO729 x
1238
MetE x 2805 x x 208154 x x x x 154307 141995 x x x
MmeM 26280 51830 33685 261420 273786 120906  x x x x 18280 x x x
417351
cBAl 63075 48322 11697 235642 241429, x x x x x x x x x
246327,
273295,
269995
RANRClass2  x x x x x x x x x X x SYNW  PMTO793 x
Biz 1147
RNRClass1 65685 39306 32655 67342 268008 470988 22908 32923 155636 188785 34102 x x PB7211_
Fe; 50025 17523 8522 252139 206256 469622 8886 39468 7818 144621 10712 302
small 3367 200748 57791
RNRCless1 30730, 42726, 370, 223844 260490, 449248, 22667 48569 167892 185563 32063  x x PUT002_
Fe: 37557 45520 268807 319245 262570, 212824 00625
Large 24558 205957
Br2 No No No No No No No No No No No Yes Yes No
biosynthesis
B2 Yes No Yes Yes No Yes Yes Yes Yes No No No No No
Aux. by
genome
B Yes No Yes Yes No See Yes Yes No No
Aux. by (Tang (Droop,  (Guillard  (Tang (Helliwell ~ (Helliwell  (Hellwell (Helliwell ~ (Provasoli  (Shihira
culture etal, 1958) and etal., etal, etal etal etal, and and
2010) Ryther, 2010 2011) 2011) 2011) 2011) Carlucci, ~ Krauss,
1962) 1974) 1965)

The hypothesized vitamin requirements of each strain are also given, along with whether culture-based confirmation of auxotophic status is available. This table represents an expansion of information given
in Croft et al,, 2000 and Heliwell et al, 2011. No eukaryote is known to make vitamin B12; B2 auxotrophy in eukaryotic algae appears to depend on the presence or absence of Biz-independent methionine
synthase (Croft et al, 2005; Helliwell et al, 2071). Auran, Aureococcus anophagefferans; Phatr, Phaeodactylum tricomutun; Thaps, Thalassiosira pseudonanna; Psemu, Pseudoitzschia multiseries CLN;
Fracyl, Fragilariopsis cylindrus; Chire, Chlamydomonas reinhardtii (vd; fitered or best proteins); Emihu, Emillania huxleyi Ostta, Ostreococcus taurii: Ostlu, Ostreococcus lucimarinus V2 fitered model proteins
MicPu, Micromonas pusilla CCMP1545 3.0, filtered model proteins. ChINC, Chiorella sp. NCB4A filtered proteins; Syn8102, Synechococcus sp. WHB102; Pro9313, Prochlorococcus marinus MIT 9313; P ubique,
Candidatus Pelagibacter ubique SAR1T HTCC1002.

“Auxotrophy tested in culture of a different strain.

* Has a protein with substantial sequence similarity but missing active site: (154521).
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Auran Phatr Thaps Psemu Fracy Emihu Ostta Ostlu MicPu 1545 MicPu299  Chire  ChINC

Thic x 38085 41733 255053 225659 x x x x x 192720 136333
thiD+hE/ 47293 2629643 320126 163126, 102278 20618, 17535 52893 x 390684 58425
Thie/Ten! 61112 6224
ThiF® 31873, 34373, 261602, 207357, 194811, 68584 19906 38170 51160 13992 138485 22673
32858 20318 35049 293997 275015

dsx 59650 bd1689 57 65889 206898 440785 16650 487 121145 107366 196568 59788
hiG* x PhCPI29  ThpsCpi2e, - Scaffold 95,  Emhu x - x - x x

bd1620 27066~ Cpo72

27859
This* AuanCp078  PhtrCp091  ThpsCpo9l - Scaffold 95, x x - x - x x
5640-5849
ThOH** 72208 31544 263655 230060 241529 53832 x x x x 196226 30311
Thia x x x x x x 20276" x 52894" x 185190 22703
TPK 20636 5423 262503° 264355 86232 56054 10431 12109 163134 109022 72868 11702
ThiM/10 x x x x x x x x x x 126905% 53510
B1Aux by Yes No No No No Yes Yes Yes No No
culture (Tangetal.  (Droop, 1958) (Guilardand (Tangetal.  (Bertrand, (Carlucci and (McRose  (McRose  (Provasoli  (Shinira
2010) Ryther,  2010**  unpublished) Bowes, etal.2012)  etal,2012)  and and
1962) 19701+ Carlucci,  Krauss,
97 1965)

The hypothesized vitamin requirements of each stain are also given, along with whether culture-based confimaion of auxotophic status s avaiable. This table expands information given in Croft et a. (2006).
Auran = Aureococcus anaphagefierans; Phatr = Phagodactylum tricomutum; Thaps = Thalassiosia pseudonanna; Psemu = Pseudo-nitzschia multiseries CLN-17; Fracyl = Fragilariopsis cylindrus; Chire =
Chlamydomanas reinaratii (v14; fitered or best proteins); Emihu = Emiliania huxleyi Ostta = Ostreococcus tauri; Ostlu = Ostreococeus lucimarinus V2 fitered model proteins; MicPu = Micromonas pusila
CCMP1545 c3.0, fitered model proteins. CHINC = Chiorela sp. NC644 fitered proteins.

x= ot found, *~" = search not possible (chioroplast genome not available)

“Thif is not easily assigned because of similrities with MoeB/Z

% ThiG and This are often chloroplast encoded

unclear, potential Thid (similariy to ton proteins tool

®uncertain assignment

Smutants of this are thiamine auxotrophs

**The diatoms appear to have TiO, Chire and CHINC have thik

*+% puxotrophy tested in culture of a different strain.
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o3 g uncultured bacterium Guay 13 (JX477394)
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99 Desulfobacterium catecholicum str. DSM 3882 (AJ237602)
Desulfocapsa sulfexigens str. SB164P1 (NR_026423)
75 5o L uncultured bacterium Guay 06 (JX477391)

99 k= Mid-Atlantic Ridge (90S) hot fluid vent site Irina Il clone 11B75 (AM268749)
Desulfobacterium anilini str. DSM 4660 (AF482455)
m uncultured bacterium Guay 63 (JX477412)
99 Gulf Mexico cold seep marine sediments clone GoM GC232 4463 Bac23 (AM745206)
uncultured bacterium Guay 01 (JX477388)
hydrothermal sediment clone (AF420369)
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02 Geobacter sulfurreducens str. PCA (NR_029179)
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o5 uncultured bacterium Guay 15 (JX477395)
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uncultured bacterium Guay 66 (JX477414)
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uncultured bacterium Guay 19 and Guay 20 ()X477398)
53 uncultured bacterium Guay 35 (J)X477402)
Caldithrix abyssi (AJ430587)
uncultured_bacterium_Guay_47 (JX477407)
99 Frasassi sulfidic cave stream biofilm clone RS06101_B55 (EU101251)
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Paenibacillus sp. str. 7-5 (AB043868)
83 Lactobacillus sp. str. rennanqilfy15 (AY363373)
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Treatment descriptions and labels can be found in Maheswari et al. (2010).
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Removal 29 + 30N, N.O Removal 29 + 30N, N2O Removal 29 + 30N, N20
0 ND ND ND 245 75.5 NA 277 721 0.1
100 25.1 749 ND 60.0 40.0 NA 34.7 65.2 0.1
500 275 72.4 0.1 66.4 33.6 NA 293 70.6 0.1
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ND, not determined; NA, not available.
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NOB(1)
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NOB(3)

DON

N+

Ve (day~")

0.38-11
024
0.4-09
0.4-08
10-104
0.8-12
0.42-0.9
0.4-08
0.8-19
2-32
0.4-4

Ko (uM)

30-61
14-43
19-46
19-4.2
50-52
42-59
14-11
0.01-0.02
a-10
45-260
24-120

wmax (day~")

0.02-0.09
0.01-0.06
0.04%
0.06-0.08
0.018
0.04%
0.07-0.08
0.09-0.11
03-07
08-10
05-07

K2 (M)

6.9-176
36-124
42-14
14-4.7
1-23
1-23
0.7-12
0.015
40-80
60-120
35-70

Ren

0.04-0.08
0.08-0.09
0.06*
0.02-0.05
0.04-0.07
0.02-0.03
0.06

0.05
0.01-0.03
0.04-0.07
0.03-0.06

Temperature
optimum (K)

290-95
287-99
287-99
287-99
287-99
275-86
285-99
285-99
285-95
275-302
273-84

Phylogenetic affiliation

Nitrosomonas europaea
Nitrosomonas communis
Nitrosomonas nitrosa
Nitrosomonas oligotropha
Nitrosomonas marina
Nitrosomonas cryotolerans
Nitrosospira spp.
Nitrosopumilus maritimus
Nitrospina spp.

Nitrobacter spp.

Column headers represent the following; DON, abilty to use dissolved organic nitrogen (*?" indicates the abilty o use DON is unknown. I this case the guild i
assumed to be unable to use DON); Vi, maximal substrate uptake rate; Ki;'*, half saturation constant for NHs; wuax, maximum growth rate; K., half saturation
constant for O, R, substrate use eficiency, ratio of NH; moles required to fix one mole of CO, *indicates this value has not been measured and it's derivation is
based on an average across the values for different quilds.
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code (m) depth (m)  characteristics  (*C)  (psu) (WM) (kM) (kM) filtered (ml)

Arabian Sea Station 1 19°22.99'N,66°39.35°E  September 2007 10 3151 Surface 2877 3665 2030 0 0 9,400

60 Chlorophyll max 2320~ 36.10 22 02 14 10400

102 Oxycline 2016 3595 08 039 2522 13100

150 CoeofOMZ 1787 3576 11524 1592 11610

175 Coreof OMZ 1695 3585 07 46 1554 14700

Station2 16 00.00' N, 64° 00,00 € 10 3900 Surface 2798 3594 1854 0 007 10820

150 Oxycline 2014 3695 06 057 2236 12800

200 CoeofOMZ 1726 3571 06 637 997 12800

Station3  11° 00.00' N, 68° 00.00' E 10 4383 Surface 2832 3641 1951 0 007 11,300

10 Oxycline 2079 3685 12006 2576 12600

150 Coreof OMZ 1760 3557 06 378 1968 12300

Eastem Tropical  Station 12 16° 16.85'S, 75°36.75' W October 2005 20 4263 Surface 1356 3483 2200 070 10 4,300

South Pacific 260 CoreofOMZ 1080 3474 20 054 2220 8600

Station 14 17° 40.27' S, 76° 41.27' W 20 4200 Surface 1356 3483 2200 000 204 4300

260 Core of OMZ 080 347 21 520 214 8600

Station 19 13° 19.99'S, 77° 13.00' W 20 1450 Surface 1450 3497 150 138 1960 8000

260 CoreofOMZ 1116 3481 20 255 4140 8600

Station20  13° 18.38'S, 76° 59.87 W 20 788 Surface 1454 3296 1210 143 1250 4300

260 Coreof OMZ 1149 3483 21 438 2335 4000

Station 24 12° 14.99'S, 79° 18.00' W 20 4930 Surface 169 3496 2350 080 1300 4300

260 CoeofOMZ 1175 3485 19 358 269 8600

Station 26 12° 00.50' S, 78° 38.73' W 20 3490 Surface 1609 3503 1950 113 1170 4300

260 CoreofOMZ 1120 3503 21 521 2240 8600

Values in italic fonts are interpolated from nearby depths profiles taken at the same stations. DO, dissolved oxygen.
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Cyanobacterial target References Genbank accession no. of standard Efficiency (E) Size fraction

UCYN-A Church et al., 2005 AF059642 102% 02-10um
UCYN-B Moisander et al., 2010 DQagI4T 88% 02-10pm
Trichodesmium Church etal., 2005 DQ404414 9% >10pm
Richeliain R. clevi (RR) Church etal., 2005 DQ225757 9%8% >10pm
Richeliain H. hauckii (HR) Foster et al., 2007 00225753 98% >10pm

The efficiency (E) of each assay was determined using the formula E = 10~/ — 1, where m is the slope from the inear regression applied to standards with
10°-107 gene copies reaction~". All DNA and RNA samples were size fractionated, and the target size fraction for each phylotype is indicated. Abbreviations:
UCYN-A, uncultivated unicellular cyanobacteria group A; UCYN-B, uncultivated unicellular cyanobacteria group B.
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“+" Indicates that the phylotype was present or exhibiting the specified response; “~ Indicates that the phylotype was not present or no response was detected.
Abbrevistions: nd, niffi expression not detected; na, not applicable (UCYN-B nifH expression during the day).

*Detection of nifH from phylotype in DNA (qPCF) at time zero.

©Detection of expression of nifH from phylotype (RFGPC) at time zero.

Increased expression of nifH from phylotype (RFGPCR) at time zero with respect to the control upon aditon of Fe.

Yincreased expression of nifH from phylotype (RFGPCF) at time zero with respect o the control upon adltion of P

e Sample collected during the day.

1 Expression response at night.
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applicable.
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