

[image: image]




FRONTIERS COPYRIGHT STATEMENT

© Copyright 2007-2018 Frontiers Media SA. All rights reserved.

All content included on this site, such as text, graphics, logos, button icons, images, video/audio clips, downloads, data compilations and software, is the property of or is licensed to Frontiers Media SA (“Frontiers”) or its licensees and/or subcontractors. The copyright in the text of individual articles is the property of their respective authors, subject to a license granted to Frontiers.

The compilation of articles constituting this e-book, wherever published, as well as the compilation of all other content on this site, is the exclusive property of Frontiers. For the conditions for downloading and copying of e-books from Frontiers’ website, please see the Terms for Website Use. If purchasing Frontiers e-books from other websites or sources, the conditions of the website concerned apply.

Images and graphics not forming part of user-contributed materials may not be downloaded or copied without permission.

Individual articles may be downloaded and reproduced in accordance with the principles of the CC-BY licence subject to any copyright or other notices. They may not be re-sold as an e-book.

As author or other contributor you grant a CC-BY licence to others to reproduce your articles, including any graphics and third-party materials supplied by you, in accordance with the Conditions for Website Use and subject to any copyright notices which you include in connection with your articles and materials.

All copyright, and all rights therein, are protected by national and international copyright laws.

The above represents a summary only. For the full conditions see the Conditions for Authors and the Conditions for Website Use.



ISSN 1664-8714
ISBN 978-2-88945-603-1
DOI 10.3389/978-2-88945-603-1

About Frontiers

Frontiers is more than just an open-access publisher of scholarly articles: it is a pioneering approach to the world of academia, radically improving the way scholarly research is managed. The grand vision of Frontiers is a world where all people have an equal opportunity to seek, share and generate knowledge. Frontiers provides immediate and permanent online open access to all its publications, but this alone is not enough to realize our grand goals.

Frontiers Journal Series

The Frontiers Journal Series is a multi-tier and interdisciplinary set of open-access, online journals, promising a paradigm shift from the current review, selection and dissemination processes in academic publishing. 

All Frontiers journals are driven by researchers for researchers; therefore, they constitute a service to the scholarly community. At the same time, the Frontiers Journal Series operates on a revolutionary invention, the tiered publishing system, initially addressing specific communities of scholars, and gradually climbing up to broader public understanding, thus serving the interests of the lay society, too.

Dedication to Quality

Each Frontiers article is a landmark of the highest quality, thanks to genuinely collaborative interactions between authors and review editors, who include some of the world’s best academicians. Research must be certified by peers before entering a stream of knowledge that may eventually reach the public - and shape society; therefore, Frontiers only applies the most rigorous and unbiased reviews.

Frontiers revolutionizes research publishing by freely delivering the most outstanding research, evaluated with no bias from both the academic and social point of view.

By applying the most advanced information technologies, Frontiers is catapulting scholarly publishing into a new generation.

What are Frontiers Research Topics?

Frontiers Research Topics are very popular trademarks of the Frontiers Journals Series: they are collections of at least ten articles, all centered on a particular subject. With their unique mix of varied contributions from Original Research to Review Articles, Frontiers Research Topics unify the most influential researchers, the latest key findings and historical advances in a hot research area! 

Find out more on how to host your own Frontiers Research Topic or contribute to one as an author by contacting the Frontiers Editorial Office: researchtopics@frontiersin.org


PERIVASCULAR ADIPOSE TISSUE (PVAT) IN HEALTH AND DISEASE

Topic Editors:

Stephanie W. Watts, Michigan State University, United States

Maik Gollasch, Max Delbruck Center for Molecular Medicine, Germany

[image: images]

Rendering of PVAT around an artery (red) and vein (blue). Round yellow cells = adipocytes, purple cells = immune cells, red and blue lines are potential nerves. Illustrated by Chris McKee (http://www.cmedart.com/).

Cover image: Design_Cells/Shutterstock.com

Citation: Watts, S. W., Gollasch, M., eds. (2018). Perivascular Adipose Tissue (PVAT) in Health and Disease. Lausanne: Frontiers Media. doi: 10.3389/978-2-88945-603-1


Table of Contents



Editorial: Perivascular Adipose Tissue (PVAT) in Health and Disease

Stephanie W. Watts and Maik Gollasch

Palmitic Acid Methyl Ester and its Relation to Control of Tone of Human Visceral Arteries and Rat Aortas by Perivascular Adipose Tissue

Ning Wang, Artur Kuczmanski, Galyna Dubrovska and Maik Gollasch

Decrease of Perivascular Adipose Tissue Browning is Associated With Vascular Dysfunction in Spontaneous Hypertensive Rats During Aging

Ling-Ran Kong, Yan-Ping Zhou, Dong-Rui Chen, Cheng-Chao Ruan and Ping-Jin Gao

Increased O-GlcNAcylation of Endothelial Nitric Oxide Synthase Compromises the Anti-contractile Properties of Perivascular Adipose Tissue in Metabolic Syndrome

Rafael M. da Costa, Josiane F. da Silva, Juliano V. Alves, Thiago B. Dias, Diane M. Rassi, Luis V. Garcia, Núbia de Souza Lobato and Rita C. Tostes

Insulin Receptor Substrate 2 Controls Insulin-Mediated Vasoreactivity and Perivascular Adipose Tissue Function in Muscle

Alexander H. Turaihi, Wineke Bakker, Victor W. M. van Hinsbergh, Erik H. Serné, Yvo M. Smulders, Hans W. M. Niessen and Etto C. Eringa

Perivascular Adipose Tissue as a Relevant Fat Depot for Cardiovascular Risk in Obesity

Rafael M. Costa, Karla B. Neves, Rita C. Tostes and Núbia S. Lobato

Protective Role of Perivascular Adipose Tissue in Endothelial Dysfunction and Insulin-Induced Vasodilatation of Hypercholesterolemic LDL Receptor-Deficient Mice

Natali Baltieri, Daniele M. Guizoni, Jamaira A. Victorio and Ana P. Davel

Roles of Perivascular Adipose Tissue in the Pathogenesis of Atherosclerosis

Kimie Tanaka and Masataka Sata

High Fat Diet Attenuates the Anticontractile Activity of Aortic PVAT via a Mechanism Involving AMPK and Reduced Adiponectin Secretion

Tarek A. M. Almabrouk, Anna D. White, Azizah B. Ugusman,Dominik S. Skiba, Omar J. Katwan, Husam Alganga, Tomasz J. Guzik,Rhian M. Touyz, Ian P. Salt and Simon Kennedy

PVAT and its Relation to Brown, Beige, and White Adipose Tissue in Development and Function

Staffan Hildebrand, Jasmin Stümer and Alexander Pfeifer

Increased Contractile Function of Human Saphenous Vein Grafts Harvested by “No-Touch” Technique

Lene P. Vestergaard, Leila Benhassen, Ivy S. Modrau, Frank de Paoli and Ebbe Boedtkjer

MitoNEET in Perivascular Adipose Tissue Blunts Atherosclerosis Under Mild Cold Condition in Mice

Wenhao Xiong, Xiangjie Zhao, Minerva T. Garcia-Barrio, Jifeng Zhang, Jiandie Lin, Y. Eugene Chen, Zhisheng Jiang and Lin Chang

Accuracy and Artistry in Anatomical Illustration of Perivascular Adipose Tissue

Caroline M. Pond

The Role of Perivascular Adipose Tissue in Non-atherosclerotic Vascular Disease

Tetsuo Horimatsu, Ha Won Kim and Neal L. Weintraub

Perivascular Adipose Tissue Harbors Atheroprotective IgM-Producing B Cells

Prasad Srikakulapu, Aditi Upadhye, Sam M. Rosenfeld, Melissa A. Marshall, Chantel McSkimming, Alexandra W. Hickman, Ileana S. Mauldin, Gorav Ailawadi, M. Beatriz S. Lopes, Angela M. Taylor and Coleen A. McNamara







	
	EDITORIAL
published: 30 July 2018
doi: 10.3389/fphys.2018.01004





[image: image2]

Editorial: Perivascular Adipose Tissue (PVAT) in Health and Disease


Stephanie W. Watts1* and Maik Gollasch2


1Pharmacology and Toxicology, Michigan State University, East Lansing, MI, United States

2Experiment and Clinical Research Center, Medical Clinic of Nephrology and Internal Intensive Care, Charité Universitätsmedizin Berlin, Berlin, Germany

Edited and reviewed by:
 Gerald A. Meininger, University of Missouri, United States

* Correspondence: Stephanie W. Watts, wattss@msu.edu

Specialty section: This article was submitted to Vascular Physiology, a section of the journal Frontiers in Physiology

Received: 19 June 2018
 Accepted: 09 July 2018
 Published: 30 July 2018

Citation: Watts SW and Gollasch M (2018) Editorial: Perivascular Adipose Tissue (PVAT) in Health and Disease. Front. Physiol. 9:1004. doi: 10.3389/fphys.2018.01004



Keywords: perivascular adipose tissue, cardiovacsular Disease(s), vascular dysfunction, immune system, adipose tissue


Editorial on the Research Topic
 Perivascular Adipose Tissue (PVAT) in Health and Disease



The field of perivascular adipose tissue (PVAT) research began with a simple and elegant study published in 1991, and the year 2018 finds us with substantially greater knowledge that this adipose tissue around a blood vessel possesses profound abilities to modify vascular tone. Soltis and Cassis (1991) performed the original studies on the isolated rat thoracic aorta, demonstrating that removal of the PVAT around the aorta shifted the contraction to NE to the left in a way that was functionally dependent on NE uptake. These studies were the first to suggest the PVAT was more than structural support, and were followed by an important study in 2002 demonstrating that PVAT from healthy subjects contains factors that directly relaxed contracted arteries (Lohn et al., 2002). Since then these and other findings resulted in the phrase of PVAT being “anti-contractile” in health. PubMed lists over 700 publications on perivascular adipose tissue (search June 17, 2018). The contributions made in this Frontiers Research Topic are significant because they add to each of the considerations that have been given to PVAT relative to its role in vascular function.

The cell types that constitute PVAT appear to be different in different sites of the body, with the adipocyte type in PVAT including brown, beige and white adipocytes (Pfeifer et al.). This was elegantly discussed by Pond with a historical perspective on accuracy and artistry in Western Europe (Pond). Adipocyte type appears not be static with the finding that the browning of PVAT is associated with aging (Kong et al.). The adipocyte is but one cell type that could contribute to PVAT being supportive of vessel health, or contributing to vascular dysfunction in disease.

The ability of PVAT to be beneficial to a vessel in health is further supported by the observations that PVAT produces other relaxant substances such as palmitic acid methyl ester (Wang et al.), harbors atheroprotective B cells (Srikakulapu et al.), and provides mitochondrial function that blunts atherosclerosis (Xiong et al.). In the human, preservation of PVAT improves saphenous vein graft function with the “no-touch” technique (Vestergaard et al.), a finding that encourages keeping the PVAT layer intact in isolated veins before grafting. PVAT works in concert with the vessel it surrounds; this relationship is biologically important given the importance of the molecule insulin receptor substrate 2 (IRS2) to modify insulin-induced changes in vasomotor tone in a PVAT dependent manner (Turaihi et al.). The mechanisms by which PVAT achieve an anti-contractile effect (e.g., mediators, signal transduction pathways) may not be the same in the human and rodent. Thus, the fields continued push to study human vessels remains important.

A significant reason for investigating PVAT is the loss of the anticontractile effect of PVAT in cardiovascular diseases, as reviewed by da Costa et al and demonstrated specifically in the condition of a high fat diet (Almabrouk et al.), in atherosclerosis (Tanaka and Sata), in metabolic syndrome (da Costa et al.), and other non-atherosclerotic vascular diseases (Horimatsu et al.). By contrast to these findings that suggests PVAT may play a role in the pathology of cardiovascular diseases, work by Baltieri suggests that PVAT may be protective of endothelial function and insulin-induced vasodilation of the hypercholesterolemic mouse (Baltieri et al.). There remains the question of when, temporally, changes in PVAT occur relative to the disease proper, such that interventions at the level of PVAT could influence disease outcome.

This Frontiers Research Topic in PVAT is a view into the rich places of research that have yet to be tapped relative to understanding the role PVAT plays both in health and disease. We are grateful to our contributors for sharing their important work.

AUTHOR CONTRIBUTIONS

SW drafted the editorial, and MG read and modified editorial.

FUNDING

SW supported by HL117847.

REFERENCES

 Lohn, M., Dubrovska, G., Lauterbach, B., Luft, F. C., Gollasch, M., and Sharma, A. M. (2002). Periadvential fat releases a vascular relaxing factor. FASEB J. 16, 1057–1063. doi: 10.1096/fj.02-0024com

 Soltis, E. E., and Cassis, L. A. (1991). Influence of perivascular adipose tissue on rat aortic smooth muscle responsiveness. Clin. Exp. Hypertension A 13, 277–296.

Conflict of Interest Statement: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2018 Watts and Gollasch. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.







	
	ORIGINAL RESEARCH
published: 23 May 2018
doi: 10.3389/fphys.2018.00583





[image: image2]

Palmitic Acid Methyl Ester and Its Relation to Control of Tone of Human Visceral Arteries and Rat Aortas by Perivascular Adipose Tissue


Ning Wang1*, Artur Kuczmanski1,2, Galyna Dubrovska1 and Maik Gollasch1,3*


1Experimental and Clinical Research Center, Charité – Universitätsmedizin Berlin and Max-Delbrück Center for Molecular Medicine in the Helmholtz Association (MDC), Berlin, Germany

2HELIOS Klinikum Berlin-Buch, Berlin, Germany

3Medical Clinic of Nephrology and Internal Intensive Care, Charité – Universitätsmedizin Berlin, Berlin, Germany

Edited by:
Michael A. Hill, University of Missouri, United States

Reviewed by:
Vladimir V. Matchkov, Aarhus University, Denmark
 Tim Murphy, University of New South Wales, Australia

* Correspondence: Ning Wang, ning.wang@charite.de
 Maik Gollasch, maik.gollasch@charite.de

Specialty section: This article was submitted to Vascular Physiology, a section of the journal Frontiers in Physiology

Received: 04 October 2017
 Accepted: 01 May 2018
 Published: 23 May 2018

Citation: Wang N, Kuczmanski A, Dubrovska G and Gollasch M (2018) Palmitic Acid Methyl Ester and Its Relation to Control of Tone of Human Visceral Arteries and Rat Aortas by Perivascular Adipose Tissue. Front. Physiol. 9:583. doi: 10.3389/fphys.2018.00583



Background: Perivascular adipose tissue (PVAT) exerts anti-contractile effects on visceral arteries by release of various perivascular relaxing factors (PVRFs) and opening voltage-gated K+ (Kv) channels in vascular smooth muscle cells (VSMCs). Palmitic acid methyl ester (PAME) has been proposed as transferable PVRF in rat aorta. Here, we studied PVAT regulation of arterial tone of human mesenteric arteries and clarified the contribution of Kv channels and PAME in the effects.

Methods: Wire myography was used to measure vasocontractions of mesenteric artery rings from patients undergoing abdominal surgery. Isolated aortic rings from Sprague-Dawley rats were studied for comparison. PVAT was either left intact or removed from the arterial rings. Vasocontractions were induced by external high K+ (60 mM), serotonin (5-HT) or phenylephrine. PAME (10 nM−3 μM) was used as vasodilator. Kv channels were blocked by XE991, a Kv7 (KCNQ) channel inhibitor, or by 4-aminopyridine, a non-specific Kv channel inhibitor. PAME was measured in bathing solutions incubated with rat peri-aortic or human visceral adipose tissue.

Results: We found that PVAT displayed anti-contractile effects in both human mesenteric arteries and rat aortas. The anti-contractile effects were inhibited by XE991 (30 μM). PAME (EC50 ~1.4 μM) was capable to produce relaxations of PVAT-removed rat aortas. These effects were abolished by XE991 (30 μM), but not 4-aminopyridine (2 mM) or NDGA (10 μM), a lipoxygenases inhibitor. The cytochrome P450 epoxygenase inhibitor 17-octadecynoic acid (ODYA 10 μM) and the soluble epoxide hydrolase inhibitor 12-(3-adamantan-1-ylureido)-dodecanoic acid (AUDA 10 μM) slightly decreased PAME relaxations. PAME up to 10 μM failed to induce relaxations of PVAT-removed human mesenteric arteries. 5-HT induced endogenous PAME release from rat peri-aortic adipose tissue, but not from human visceral adipose tissue.

Conclusions: Our data also suggest that Kv7 channels are involved in the anti-contractile effects of PVAT on arterial tone in both rat aorta and human mesenteric arteries. PAME could contribute to PVAT relaxations by activating Kv7 channels in rat aorta, but not in human mesenteric arteries.

Keywords: XE991, adipocyte-derived relaxing factor (ADRF), perivascular adipose tissue (PVAT), KCNQ channels, Kv channels

INTRODUCTION

Perivascular adipose tissue (PVAT), which surrounds the aorta, its vascular branches and many other arteries, is now recognized as dynamic paracrine organ and important metabolic sensor (Szasz et al., 2013; Gil-Ortega et al., 2015; Gollasch, 2017). PVAT does not only provide mechanical protection to vessels but also regulates vascular function by releasing perivascular adipose relaxing factors (PVRFs), particularly a transferable adipocyte-derived relaxing factor (ADRF), which diminishes the contractile actions of vasoconstrictors such as phenylephrine (PE), serotonin (5-HT), angiotensin II and U46619 (Löhn et al., 2002; Yiannikouris et al., 2010). The anti-contractile effect of PVAT has been observed in both large and small arteries of rats, mice, pigs and humans (Bunker and Laughlin, 1985; Szasz and Webb, 2012; Gollasch, 2017). The anti-contractile effects of PVAT rely on the opening of K+ channels in vascular smooth muscle cells (VSMCs) (Tano et al., 2014). This action occurs without involvement of NO, prostaglandin I2 (prostacyclin) or endothelium-derived hyperpolarizing factor (EDHF) (Löhn et al., 2002; Li et al., 2013).

VSMC Kv7 channels are considered to play a key role for vasodilation by ADRF released from PVAT (Gollasch, 2017). Consistently, the anti-contractile effects of PVAT are abolished by the Kv7 channel blocker XE991 in rat and mouse visceral arteries (Löhn et al., 2002; Schleifenbaum et al., 2010; Tsvetkov et al., 2016b). Although, the exact nature of ADRF is unknown, adiponectin, Ang 1–7, H2S and palmitic acid methyl ester (PAME) have been proposed as ADRF candidates (Fang et al., 2009; Lee et al., 2011; Gu and Xu, 2013; Lynch et al., 2013). The effects of adiponectin on vascular tone are mediated by activation of calcium-activated K+ (BKCa) channels on VSMCs and adipocytes and by endothelial mechanisms (Lynch et al., 2013; Baylie et al., 2017), or Kv channel-dependent mechanisms (Fésüs et al., 2007). PAME is one of the most abundant fatty acids in mammalian cells (Lau et al., 2017), and represents an endogenous naturally occurring fatty acid methyl ester (Fukuda et al., 1967). This compound has been reported to have the ability to inhibit Kupffer cells which are resident macrophages in the liver regulating inflammatory processes by secretion of TNF-alpha and NO (Cai et al., 2005). PAME is also known to exhibit anti-fibrotic effects (Fukunishi et al., 2011) and to act as potent vasodilator released in retina and myometrium (Lee et al., 2010, 2011; Crankshaw et al., 2014). A recent report identified PAME as novel, potent vasodilator released from PVAT in rat aorta, which exhibits vascular relaxation by opening Kv channels in smooth muscle cells (Lee et al., 2011). Although these findings suggest that PAME could represent a potential mediator in control of vasotonus and blood pressure in rats, the role of Kv7 channels in PVAT regulation of human arterial tone and vasodilatory PAME effects remains to be established. Therefore, we tested the hypothesis that XE991-sensitive Kv (Kv7) channels are involved in the anti-contractile effects of PVAT on human mesenteric arteries. Furthermore, we investigated the contribution of endogenous PAME to PVAT regulation of arterial tone in human mesenteric arteries and the role of Kv7 channels in vasodilatory PAME effects. Isolated aortic rings from Sprague-Dawley rats were studied for comparison. Finally, we tested whether PAME might contribute to PVAT regulation of arterial tone by involving metabolism of endogenous lipid epoxides.

MATERIALS AND METHODS

Isometric Contractions of Rat Vessels

The local animal review board of Berlin (LAGESO) approved all studies, according to American Physiological Society criteria. Male Sprague-Dawley rats (200–300 g, 8–10 weeks; Charles River, Sulzfeld/Berlin Germany) were killed, and the thoracic aortas were removed, and quickly transferred to cold (4°C) oxygenated (95% O2/5% CO2) physiological salt solution (PSS), and dissected into 2 mm rings, respectively. Perivascular fat and connective tissue were either removed [(–) fat] or left [(+) fat] intact as previously described. The rings were placed under force of 20 mN. The bath solution volume was 20 mL of a vessel myograph (Schuler tissue bath system, Hugo Sachs Elektronik, Freiburg, Germany). After 1 h equilibration, contractile force was measured isometrically using standard bath procedures and solutions as described (Dubrovska et al., 2004; Kohn et al., 2012; Brennan et al., 2016).

Cumulative concentration response curves were obtained for PAME (Löhn et al., 2002) in the presence and absence of the K+ channel or enzyme inhibitors, 10,10-bis(4-pyridinylmethyl)-9(10H)-anthracenone dihydrochloride (XE991); 4-aminopyridine (4-AP); nordihydroguaiaretic acid (NDGA); 17-octadecadiynoic acid (ODYA); or 12-(3-adamantan-1-ylureido)-dodecanoic acid (AUDA). Tension was expressed as a percentage of the steady-state tension (100%) obtained with isotonic external 60 mM KCl. To test for the presence of functional endothelium, rings were contracted with 1 μM PE and once the vessels reached a stable maximum tension, the vessels were stimulated with 10 μM acetylcholine (ACh) and relaxation was confirmed (>80%) (Löhn et al., 2002). In some rings, the endothelium was removed by gently abrading the luminal surface of the vessel with a stainless steel pin to determine the contribution of the endothelium to PAME relaxation. Functional endothelium was considered absent if 10 μM ACh did not produce relaxation (Löhn et al., 2002).

In bioassay experiments, we transferred aliquots of bath solution from aorta with PVAT incubated in a donor bath chamber to vessel preparations without PVAT in an acceptor bath chamber of the Schuler tissue bath system (Hugo Sachs Elektronik, Freiburg, Germany). Cumulative response curves were obtained in the presence and absence of 5-HT (total incubation time, 5 min). The volume of the solutions in the bath was 20 mL. In most experiments, transfer interval of aliquots was 15–20 min; the volume of the aliquots was 3 or 5 mL. Transfer of bath solution aliquots from aortic vessels without PVAT or fresh PSS did not affect contraction of vessel preparations without PVAT in the acceptor bath chamber (Löhn et al., 2002).

Isometric Contractions of Human Vessels

Procedures were performed in accordance with the ethics guidelines of the National Health and Medical Research Council of Germany. All patients provided informed consent for participation in this study. Mesenteric tissue was taken from 12 patients (1 female, 11 males) undergoing surgical treatment of bowel carcinoma or inflammatory bowel disorders [colon cancer (n = 3), sigma cancer (n = 4), rectal cancer (n = 1), colon adenoma (n = 1), Crohn's disease (n = 1), and sigmoid diverticulitis (n = 1)]. The mean age of the patients was 69 years (range: 46–80), the mean BMI of the patients was 25 kg/m2 (range: 20–30 kg/m2), which is expected for the general population, since adopting the WHO classification is that ~50% or more of the general adult population will always be in the overweight range (now pre-obese, BMI 25–30 kg/m2), at least in the US and Western Europe (Nuttall, 2015). Few patients were taking drugs, including β-blockers (n = 4), angiotensin-converting-enzyme inhibitors (n = 2), metformin (n = 2), calcium channel blocker (n = 1), diuretic (n = 1), or fibrates (n = 1). Immediately after lower intestinal surgery, mesenteric arteries were excised from resected mesenteric tissue, and quickly transferred to cold (4°C) oxygenated (95% O2/5% CO2) PSS, and dissected into 1 mm rings. PVAT was either removed [(−) fat] or left [(+) fat] intact as previously described (Schleifenbaum et al., 2014). Each ring was positioned between two stainless steel wires in a 5-mL organ bath of a Small Vessel Myograph (DMT 610M; Danish Myo Technology, Denmark) (Tsvetkov et al., 2016a). The organ bath was filled with PSS. The bath solution was continuously oxygenated with a gas mixture of 95% O2 and 5% CO2, and kept at 37°C (pH 7.4). The rings were placed under force of 3 mN. The software Chart5 (AD Instruments Ltd. Spechbach, Germany) was used for data acquisition and display. The rings were pre-contracted with 60 mM KCl and equilibrated until a stable resting tension was acquired. Chemicals were added to the bath solution if not indicated otherwise. Vessels were pre-contracted with either 5-HT or phenylephrine. All chemicals were added to the bath solution (PSS).

Gas Chromatography/Mass Spectrometry (GC/MS) Analysis

PAME measurements were performed by Shanghai Ingeer Certification Assessment Co, Ltd (ICAS, Shanghai, China). GC/MS analysis was performed using an Agilent ChemStation. For determination of endogenous PAME concentrations in bath solutions, rat peri-aortic and human visceral adipose tissue (3 g each) were incubated in 15 mL-Eppendorf tubes with 10 mL PSS solutions, with or without 5-HT 5 μM (30 min, in 37°C water bath). PSS was oxygenated (95% O2/5% CO2) for 30 min before use. After removal of adipose tissue, the PSS solution were dissolved in hexane (1:3 volume ratio), extracted and vortexed. Next, 1 mL water was added to the solution. In order to ensure that the concentration of PAME between the aqueous and the lipophilic phase was in equilibrium the samples were shaken by hand for 4 min. Thereafter, the phases were separated by centrifugation and the lipophilic hexane phase containing fatty acid methyl esters was removed and dried under nitrogen. The fatty acid methyl ester residues were re-dissolved in 50 μL hexane and transferred into an autosampler vial. Samples were analyzed by using a fully automated Agilent 7890A-5977B system equipped with a flame ionization detector. Peaks of re-dissolved PAME were identified by comparison with PAME standard and their nominal concentrations were determined (Yi et al., 2014; Siegert et al., 2017). (+) Fat masses were measured in rat aortic (2 mm) and human mesenteric artery (1 mm) rings (n = 6 each) to calculate magnitudes of effective [PAME] in the 20 or 5 mL myograph bath chambers, respectively.

Materials and Statistics

The composition of PSS (in mM) was 119 NaCl, 4.7 KCl, 1.2 KH2PO4, 25 NaHCO3, 1.2 MgSO4, 11.1 glucose, and 1.6 CaCl2. The composition of 60 mM KCl solution (in mM) was 59 NaCl, 60 KCl, 1.2 KH2PO4, 25 NaHCO3, 1.2 MgSO4, 11.1 glucose, and 1.6 CaCl2. All salts were purchased from Sigma Aldrich (Schnelldorf, Germany). XE991 was purchased from Tocris (Bristol, UK). 5-HT, phenylephrine (PE), 4-aminopyridine (4-AP), nordihydroguaiaretic acid (NDGA), 17-octadecynoic acid (ODYA), 12-(3-adamantan-1-ylureido)-dodecanoic acid (AUDA) were purchased from Sigma Aldrich (Schnelldorf, Germany). PAME were purchased from Cayman Chemical (Ann Arbor, Michigan, USA).

Data were analyzed by Prism version 5.0 (GraphPad Software, La Jolla, California, USA) and were shown as mean ± SD or mean ± SEM. Paired, unpaired Student's t-tests or one-way ANOVA were used as appropriate. In Figures 1C, 2C, statistical significance was determined by two-way ANOVA or repeated-measures two-way ANOVA, followed by Bonferroni post-hoc test, and using Prism 6 software. A value of P < 0.05 was considered statistically significant; n represents the number of arteries tested.
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FIGURE 1. Presence of anti-contractile effects of perivascular adipose tissue (PVAT) in rat aorta and their inhibition by XE991. (A,B) Original recordings showing inhibition of the anti-contractile effects of PVAT by XE991. Incubation of (–) fat aortic rings with 30 μM XE-991 (A) had no effect on the contractile response. Incubation of (+) fat aortic rings with 30 μM XE991 (B) increased the contractile response to 5-HT. (C) Concentration-response curves for 5-HT (1–10 μM) in (+) fat vessels in the presence (n = 6) and absence of XE991 (n = 6) and in (–) fat vessels in the presence (n = 12) and absence of XE991 (n = 6). *p < 0.05 for (+) fat control vessels compared to all other groups each, 60 KCl, 60 mM KCl.
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FIGURE 2. Presence of anti-contractile effects of PVAT in human mesenteric arteries and their inhibition by XE991. (A,B) Original recordings showing inhibition of the anti-contractile effects of PVAT by XE991 (30 μM). Recordings are shown in the presence (red curves) and absence (black curves) of XE991. XE991 had no effects on 5-HT contractions in (–) fat rings (A), but increased 5-HT contractions in (+) fat rings (B). (C) Concentration-response curves for 5-HT (0.01–100 μM) in (+) fat vessels in the presence (n = 13) and absence of XE991 (n = 15) and in (–) fat vessels in the presence (n = 10) and absence of XE991 (n = 10). *p < 0.05, p < 0.05 for (+) fat control vessels compared to all other groups each.



RESULTS

Contraction of Rat Aortas and Human Mesenteric Arteries With and Without PVAT Under Kv7 Channel Inhibition

We first investigated the role of Kv7 channels in the anti-contractile effects of PVAT in rat aortas. Rat aortic rings without PVAT [(–) fat] showed stronger contractions to 5-HT (relative increase, 60–100% between 2 and 10 μM 5-HT) than vessels with PVAT [(+) fat] (Figure 1). Incubation of the vessels with the Kv7 channel inhibitor XE991 (30 μM, 30 min) inhibited the anti-contractile effects of PVAT mediated by transferable ADRF in rat aortic rings (Figures 1B,C, Supplementary Figures 1). XE991 slightly (<20%) increased contractions of (–) fat rat aortic rings in response to 5-HT, but there was no difference between contractions of (–) fat and (+) fat rings in response to 5-HT (Figures 1A,C). Contraction of (–) fat and (+) fat aortic rings obtained by 60 mM KCl containing PSS were not different (13.07 ± 1.29 mN, n = 16 vs. 10.81 ± 1.19 mN, n = 14, P > 0.05, respectively).

Similar results were observed in human visceral arteries. Human mesenteric arteries without PVAT [(−) fat] showed significantly stronger contractions in response to 5-HT than vessels with PVAT [(+) fat] (Figure 2). Incubation of the vessel rings with XE991 (30 μM, 30 min) inhibited the anti-contractile effects of PVAT (Figures 2B,C). XE991 did not affect 5-HT-induced contractions in (–) fat human mesenteric artery rings (Figures 2A,C).

Similar data were obtained when vessels were contracted with phenylephrine (Supplementary Figures 2). These data suggest that PVAT displays anti-contractile effects in both rat aortas and human mesenteric arteries mediated by XE991-sensitive Kv7 channels, and occur independently of the vasoconstrictor agonists used, i.e., serotoninergic or alpha-adrenergic agonists. Contraction of (–) fat and (+) fat human mesenteric arterial rings obtained by 60 mM KCl containing PSS were not different (19.46 ± 3.60 mN, n = 10 vs. 21.00 ± 2.15 mN, n = 12, P > 0.05, respectively).

Pame Relaxations and Effects of NDGA, ODYA, and AUDA

Exogenous PAME (EC50 ~1.4 μM; maximal relaxation Emax ~25%) was capable of producing relaxations of (–) fat rat aortas (Figure 3). PAME relaxations were not affected by removal of the endothelium (Figure 3C). Pre-treatment of aortic rings with XE991 (30 μM, 30 min) prevented the relaxant effects of PAME (Figures 3B,F). PAME effects were not abolished by the Kv channel blocker 4-aminopyridine (4-AP 2 mM, 10 min) (Figure 3D) or NDGA (10 μM, 30 min), a lipoxygenases inhibitor (Figure 3G). The cytochrome P450 epoxygenase inhibitor 17-octadecynoic acid (ODYA 10 μM, 30 min) slightly inhibited PAME relaxations in rat aorta (Figure 3E). However, the soluble epoxide hydrolase inhibitor 12-(3-adamantan-1-ylureido)-dodecanoic acid (AUDA 10 μM, 30 min) did not increase PAME relaxations (Figure 3H), which is expected for involvement of P450 expoygenase mediators. Instead, it inhibited PAME relaxations implicating non-specific effects of ODYA in inhibiting PAME effects. PAME up to 10 μM failed to induce relaxations of (–) fat human mesenteric arteries (Figure 4). Pre-treatment of the vessels with XE991 (30 μM, 30 min) did not affect the lack of PAME effects (Figures 4B,C). Taken together, the results indicate that exogenous PAME at relatively high concentrations (EC50 >1 μM) can induce slight (Emax ~25%) relaxations in pre-contracted rat aortic rings, which are mediated by opening of Kv7 channels. In contrast, PAME is not a potent vasodilator (up to 10 μM) of human mesenteric arteries.
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FIGURE 3. Effects of palmitic acid methyl ester (PAME, 0.01–10 μM) on rat aorta. The effects are shown in the absence (control, black curves) and presence (red curves) of inhibitors of Kv channels [4-aminopiridine (4-AP) 2 mM] or XE991 30 μM, lipoxygenase (LOX 15,12,5) (nordihydroguaiaretic acid (NDGA) 10 μM), cytochrome P450 (CYP) [17-octadecynoic acid (17-ODYA) 10 μM], and soluble epoxide hydrolase (sEH) [12-(3-adamantan-1-yl-ureido)dodecanoic acid (AUDA) 10 μM]. The effects were studied in the presence (+) and absence (–) of endothelium in 2 μM 5-HT precontracted (–) fat aortic rings. (A,B) Original recordings demonstrating the relaxant effect of PAME (0.01–10 μM) and inhibition of this effect (B) by pre-treatment of the vessels with 30 μM XE991. (C) Concentration-response curves for PAME in (–) fat aortic rings in the presence (Control) (n = 8) and absence (–) of the endothelium (n = 6). (D) Concentration-response curves for PAME in the absence (n = 13) and presence (n = 7) of 2 mM 4-AP in (–) fat aortic rings. (E) Concentration-response curves for PAME in non-treated (n = 13) and 10 μM 17-ODYA treated (n = 6) (–) fat aortic rings. *p < 0.05. (F) Concentration-response curves for PAME in the absence (n = 6) and presence (n = 6) of 30 μM XE991 in (–) fat aortic rings. *p < 0.05. (G) Concentration-response curves for PAME in non-treated (n = 13) and 10 μM NDGA (n = 6) treated (–) fat aortic rings. (H) Concentration-response curves for PAME in non-treated (n = 13) and 10 μM AUDA treated (n = 6) (–) fat aortic rings. Data are expressed as mean ± SEM. *p < 0.05.
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FIGURE 4. Lack of palmitic acid methyl ester (PAME, 0.01–10 μM) to induce relaxation in human mesenteric artery rings and measurements of PAME in bath solutions from human (+) fat mesenteric artery rings. (A,B) Original recordings demonstrating lack of vasorelaxant effects of PAME (0.01–3 μM) in (–) fat rings. Effects of PAME are shown in the absence (control, black curves) and presence (red curves) of XE991. The effects were studied on 2 μM 5-HT pre-contracted (–) fat mesenteric artery rings. (C) Concentration-response curves for PAME in (–) fat rings in the presence (Control) (PAME 0.01–3 μM, n = 12; PAME 10 μM, n = 8) and absence (PAME 0.01–3 μM, n = 12; PAME 10 μM, n = 8) of XE991. (D) Production of PAME shows no difference between bath solutions from human visceral adipose tissue incubated in the presence (n = 8) and absence of 5-HT (n = 8). w/o, without; n.s., not significant.



Role of PAME in ADRF-Containing Bath Solutions of Rat Aortas and Contribution of Kv7 Channels

To demonstrate that the intact aortic preparation releases ADRF which can abrogate vascular contraction by opening VSMC Kv7 channels (Tano et al., 2014; Gollasch, 2017), we performed bioassay experiments where we transferred aliquots of the bath solution from an intact donor preparation incubated in 2 μM 5-HT-containing solution to vessel preparations without PVAT, pre-contracted with 5-HT. This maneuver transferred the factor (Tano et al., 2014; Gollasch, 2017) released by either intact preparations or isolated perivascular adipose tissue (PVAT) (Figure 5B) to arteries without adipose tissue (Tano et al., 2014). Bath solutions from (+) fat rings incubated with 5-HT produced stronger relaxations than bath solutions from (+) fat rings incubated in PSS without 5-HT (Figures 5A right, B), indicating that ADRF release is increased by 5-HT. According to the proposed Kv7 channel mechanism (Tano et al., 2014; Gollasch, 2017), ADRF produced relaxations, which were inhibited by XE991 (30 μM) (Supplementary Figures 1). Next, we were interested in [PAME] in ADRF-containing bath solutions and whether PAME release from PVAT can be stimulated by 5 μM 5-HT. We found that 5-HT is capable to release endogenous PAME from rat aortic PVAT samples (Figure 5C). However, the PAME concentrations in 10 mL PSS solutions containing 3 g rat aortic PVAT samples were lower than 300 nM, indicating that effective PAME concentrations in myograph bath chambers are in the range of < 1 nM (i.e., 500 times lower). Figures 5C, 3A–H show that [PAME] lower than 1 nM are unable to affect wall tension to produce relaxations of (–) rat aortas. These data indicate that PAME cannot be the transferable ADRF we seek.
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FIGURE 5. Relaxation of (–) fat aortic rings induced by transfer of bath solutions from (+) fat rat aortic rings. (A) Original recordings demonstrating stronger relaxations of ADRF-containing bath solutions from (+) fat rings incubated with 5-HT than from (+) fat rings incubated in PSS without 5-HT. (B) Bath solutions from (+) fat rings incubated with 5-HT produced stronger relaxations than bath solutions from (+) fat rings incubated in PSS without 5-HT. Relaxation is expressed as a percentage of the steady-state tension (100%) obtained with 2 μM 5-HT. Data are expressed as mean ± SEM of 6 (left bar) and 5 rings (right bar) prepared from 6 and 5 animals, respectively. (C) Bath solutions from rat peri-aortic adipose tissue incubated in the presence 5-HT (n = 8) produced more PAME than bath solutions from rat peri-aortic adipose tissue incubated in the absence of 5-HT (n = 8). *p < 0.05.



Endogenously Released PAME Levels in Bath Solutions of Human Visceral Adipose Tissue Are Low and Not Controlled by 5-HT

Endogenously released nominal PAME levels were also detected in aliquots of bath-solutions containing 3 g human visceral adipose tissue in 10 mL PSS (Figure 4D). However, in contrast to the rat aorta (Figure 5C), PAME levels were even lower and 5-HT (5 μM) was unable to induce endogenous PAME release in the adipose tissue samples. These data indicate that 5-HT can induce PAME release from rat peri-aortic adipose tissue, but not from human visceral adipose tissue, where spontaneous PAME release is even lower and not controlled by 5-HT.

DISCUSSION

In the present study, we investigated the roles of Kv7 channels and PAME in PVAT regulation of arterial tone in human visceral mesenteric arteries. The major findings are that XE991-sensitive Kv (Kv7) channels are involved in the anti-contractile effects of PVAT on human mesenteric arteries, similarly to rat aortas. Furthermore, exogenous PAME displays properties of a PVRF in rat aorta, where it may contribute to paracrine PVAT regulation of arterial tone, but not in human mesenteric arteries. Our data indicate that PAME is not ADRF. Nevertheless, the data support previous findings (Lee et al., 2011) suggesting that fatty acids, particularly perivascular adipose tissue-derived methyl palmitate (PAME), can play a role in paracrine regulation of vascular tone and possibly in the pathogenesis of hypertension in rats, where deficiency or malfunction of Kv channels (Gálvez et al., 2006; Galvez-Prieto et al., 2008), particularly Kv7 channels (Jepps et al., 2011; Li et al., 2013; Zavaritskaya et al., 2013), have been suggested to be involved. Our results suggest that these effects could involve malfunctional Kv7 channels, independently of metabolism of endogenous lipid epoxides. Since the [PAME] released into bath media were exceptionally low, we conclude that PAME released from PVAT only in close proximity to VSMCs can regulate arterial tone in rat aorta.

PVAT Effects and Kv7 Channels

We demonstrated earlier that PVAT markedly attenuates the contractile response to 5-HT, phenylephrine and angiotensin II in aortic and mesenteric ring preparations of rats (Löhn et al., 2002; Verlohren et al., 2004). The data suggest a major role of the Kv7 family of K+ channels as putative downstream targets of ADRF, which is a major PVRF released from PVAT to reduce arterial tone (Zavaritskaya et al., 2013; Gollasch, 2017). This suggestion is supported by findings showing that XE991 (Kv7 blocker) inhibited the anti-contractile effects of PVAT in visceral arteries of rats and mice (Schleifenbaum et al., 2010; Tano et al., 2014) (this study). Data were obtained by two different vasoconstrictor agonists, namely 5-HT and phenylephrine, indicating that Kv7 channel targeting could be common mechanism for PVAT regulation of arterial tone. We employed XE991 at 30 μmol/L to ensure effective block of the Kv7 channels because native VSMC Kv7.4 and Kv7.5 channels are inhibited by this compound with IC50 of 5.5 and 65 μmol/L, respectively (Tykocki et al., 2017). The XE991 effects are unlikely mediated by inhibition of BKCa or Kv7.1 channels (Tsvetkov et al., 2016b, 2017). Our present results show that PVAT displayed anti-contractile effects in human mesenteric arteries. The anti-contractile effects were inhibited by XE991, supporting the idea that Kv7 channels are involved in PVAT regulation of arterial tone in humans. Data obtained on Kcnq1−/− mice (Tsvetkov et al., 2016b) suggest that these effects are mediated by Kv7 channels distinct from Kv7.1, i.e., most likely Kv7.3, Kv7.4 and/or Kv7.5, which are all expressed in mesenteric artery VSMCs from rats (Mackie et al., 2008; Jepps et al., 2011; Zavaritskaya et al., 2013), mice (Yeung et al., 2007; Tsvetkov et al., 2016b, 2017), and humans (Ng et al., 2011).

PAME Effects and Kv7 Channels

We found that PAME was capable to produce relaxations of rat aortas. These effects were inhibited by XE991. The effects were not inhibited 2 mM 4-AP, but see (Lee et al., 2011). In contrast, PAME at similar concentrations did not relax human mesenteric arteries. Together, these data suggest that PAME could contribute to PVAT relaxations by activating Kv7 channels in rat aorta, but not in human mesenteric arteries. The results are in line with the idea that 4-AP is not inhibiting Kv7 channels in rat aorta. We next explored the role of PAME and Kv7 channels in the anti-contractile effects of PVAT in rat aorta using a bioassay approach (Gálvez et al., 2006; Galvez-Prieto et al., 2008). In these experiments, we confirmed earlier findings indicating that 5-HT induces vessel relaxation by releasing a transferable vasoactive substance (ADRF) from PVAT into the bath solution (Maenhaut and Van de Voorde, 2011; Gollasch, 2012). As a negative control, we transferred aliquots of periadventitial fat solution in a similar fashion without 5-HT. We found that these aliquots produced less potent relaxations in rat aortas without PVAT suggesting that 5-HT is capable to stimulate the release of ADRF from PVAT. Moreover, inhibition of Kv7 channels in (–) fat aortic rings by XE991 disrupted these effects in our bioassay experiment. We previously demonstrated that ADRF effects occur without involvement of the endothelium (Gollasch, 2012). Thus, the present data indicate that 5-HT induces ADRF release from PVAT, which displays anti-contractile properties though activation of XE991-sensitive (Kv7) Kv channels in VSMCs. We next focused on PAME bioactivity and release under these conditions. This part of our study is important for understanding the role of PAME as putative ADRF and/or paracrine PVRF. We found that PAME (EC50 ~1.4 μM) only slightly relaxed rat aortas (Emax, about 25%), whereas similar concentrations of PAME had no effects on human mesenteric arteries.

PAME Source and Metabolism

Palmitic acid, or hexadecanoic acid in IUPAC nomenclature, is the most common saturated fatty acid found in plants, animals and humans. Together with stearic acid and oleic acid, palmitate acid belongs to the free fatty acids (FFAs), which play an important role as a source of energy for the body (Ibarguren et al., 2014). Endogenous PAME appears to play a role in modulation of the autonomic ganglionic transmission and vasodilatory effects of nitric oxide (NO) (Lin et al., 2008). In plants, palmitate acid can be metabolized through the lipoxygenase pathway (Osipova et al., 2010). However, there is no evidence that palmitate acid is metabolized through the lipoxygenase pathway in animals or humans. Although palmitate acid seems to have some effects on lipoxygenase and cyclooxygenase in platelets (Sakai et al., 1976), there are no reports that this occurs in other mammalian cells. Consistently, it is not surprising that NDGA, a non-selective lipoxygenase inhibitor, failed to inhibit exogenous PAME relaxation in rat aorta in our study, suggesting no involvement of lipoxygenases metabolites in the PAME effects in the vasculature.

Dietary triacylglycerols with palmitic acid can reduce plasma phospholipid arachidonic and docosahexaenoic acids in vivo (Innis and Dyer, 1997). To rule out involvement of cytochrome P450 (CYP) metabolites in PAME relaxation in rat aorta, we tested the effects of a CYP epoxygenases and FFA ω-hydrolases inhibitor (ODYA), and a soluble epoxide hydrolase inhibitor (AUDA), which blocks breakdown and inactivation of CYP–derived active vasodilatory metabolites from arachidonic acid, linoleic acid, eicosapentaenoic acid and docosahexaenoic acid (Hercule et al., 2007, 2009). Since ODYA (10 μM) and AUDA (10 μM) did not produce reciprocal effects on PAME relaxations, we conclude that PAME is a vasodilator in rat aorta independently of metabolism of endogenous lipid epoxides.

PAME Released by PVAT

Most vessels possess some amount and type of PVAT, varying from mostly brown fat (thoracic aorta) to mixed brown and white fat (mesenteric vessels) (Watts et al., 2013). We were able to detect endogenously released PAME in bathing solutions of both rat peri-aortic and human visceral adipose tissues. Furthermore, 5-HT was capable to induce PAME release from rat peri-aortic adipose tissue, indicating a humoral active release process. However, the measured nominal concentrations of PAME were too low to explain transferable ADRF properties in both vascular preparations under study. Together, we suggest that PAME is actively released from PVAT and displays properties of relaxing factor in rat aorta, but not in human mesenteric arteries, where it may contribute as paracrine PVRF to PVAT regulation of arterial tone, independently of metabolism of endogenous lipid epoxides. It will be interesting to determine human mesenteric PVAT is unresponsive to PAME release and action because it is mostly white adipose tissue.

In conclusion, our studies implicate important roles of Kv7 channels in PVAT control of arterial tone in both rat aorta and human mesenteric arteries, which supports previous findings obtained on other, non-human arteries (Gollasch, 2017). Furthermore, our study highlights the potential role of PAME to contribute as paracrine PVRF to regulation of vascular contraction by opening Kv7 channels, at least in rats. Our study has translational implications since malfunction of PVAT/Kv7 channels has been proposed to contribute and to serve as therapeutic targets to improve vascular dysfunction in experimental obesity and hypertension (Rahmouni, 2014), but data on existence of this prototype of vasoregulation in human vessels were missing. Further studies are warranted to investigate PVRFs, Kv7 and other vascular potassium channels to develop new prevention and treatment strategies for cardiovascular disorders associated with obesity and hypertension.
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Supplementary Figure S1. Original recordings demonstrating relaxation of (–) fat rat aortic rings by transfer of ADRF-containing bath solutions from (+) fat rat aortic rings (A), and pre-treatment of (–) fat vessels with 30 μM XE991 can inhibit relaxation of transfer ADRF-containing bath solutions in (–) fat rat aortic rings (B).

Supplementary Figure S2. Presence of anti-contractile effects of perivascular fat in human mesenteric arteries and their inhibition by XE991. (A,B) Original recordings showing inhibition of the anti-contractile effects of perivascular fat by XE991 (30 μM). Recordings are shown in the presence (red curves) and absence (black curves) of XE991. XE991 had no effects on phenylephrine contractions in (–) fat rings (A), but increased phenylephrine contractions in (+) fat rings (B). (C) Concentration-response curves for phenylephrine in (+) fat vessels in the presence (n = 23) and absence of XE991 (n = 18) and in (–) fat vessels in the presence (closed circle, n = 25) and absence of XE991 (n = 17). *p < 0.05 for (+) fat control vessels compared to all other groups each.
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Functional perivascular adipose tissue (PVAT) is necessary to maintain vascular physiology through both mechanical support and endocrine or paracrine ways. PVAT shows a brown adipose tissue (BAT)-like feature and the browning level of PVAT is dependent on the anatomic location and species. However, it is not clear whether PVAT browning is involved in the vascular tone regulation in spontaneously hypertensive rats (SHRs). In the present study, we aimed to illustrate the effect of aging on PVAT browning and subsequent vasomotor reaction in SHRs. Herein we utilized histological staining and western blot to detect the characteristics of thoracic PVAT (tPVAT) in 8-week-old and 16-week-old SHR and Wistar-Kyoto (WKY) rats. We also detected vascular reactivity analysis to determine the effect of tPVAT on vasomotor reaction during aging. The results showed that tPVAT had a similar phenotype to BAT, including smaller adipocyte size and positive uncoupling protein-1 (UCP1) staining. Interestingly, the tPVAT of 8-week-old SHR showed increased BAT phenotypic marker expression compared to WKY, whereas the browning level of tPVAT had a more dramatic decrease from 8 to 16 weeks of age in SHR than age-matched WKY rats. The vasodilation effect of tPVAT on aortas had no significant difference in 8-week-old WKY and SHR, whereas this effect is obviously decreased in 16-week-old SHR compared to WKY. In contrast, tPVAT showed a similar vasoconstriction effect in 8- or 16-week-old WKY and SHR rats. Moreover, we identified an important vasodilator adenosine, which regulates adipocyte browning and may be a potential PVAT-derived relaxing factor. Adenosine is dramatically decreased from 8 to 16 weeks of age in the tPVAT of SHR. In summary, aging is associated with a decrease of tPVAT browning and adenosine production in SHR rats. These may result in attenuated vasodilation effect of the tPVAT in SHR during aging.
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INTRODUCTION

Perivascular adipose tissue (PVAT) is a structure surrounding most of the blood vessels, which plays vital roles in vascular physiopathology (Brown et al., 2014). As an essential part of the vasculature, PVAT is involved in various vascular diseases, including atherosclerosis, aneurysm, and hypertension (Takemori et al., 2007; Verhagen and Visseren, 2011; Sakaue et al., 2017). It is well established that adipose tissue includes brown adipose tissue (BAT) and white adipose tissue (WAT). WAT predominately serves to store energy. In contrast, BAT dissipates energy through uncoupled respiration and thermogenesis, and protects against metabolic disorders (Kozak, 2010). PVAT shows a BAT-like feature and the browning level of PVAT is dependent on the anatomic location and species (Britton and Fox, 2011). Thoracic PVAT (tPVAT) shares structural, genetic, and proteomics features with BAT (Chang et al., 2012), including several small multilocular lipid droplets and abundant mitochondria. Previous studies showed that the tPVAT of spontaneously hypertensive rats (SHRs) has structural and functional changes compared with Wistar-Kyoto (WKY) rats (Galvez et al., 2006). Hypertension is a highly prevalent disease with advancing age. Aging is also associated with whole-body adipose tissue redistribution, with a relative loss of BAT in interscapular area and an accumulation of WAT in the trunk and visceral areas (Schosserer et al., 2017). Several reports suggest that aging induces superoxide production and inhibits adiponectin expression in PVAT, leading to arterial stiffening (Fleenor et al., 2014; Agabiti-Rosei et al., 2017). However, little is known about the changes in browning level in the tPVAT of SHR rats during aging.

As an active endocrine organ, PVAT not only releases abundant adipokines to regulate vascular functions, it can also produce small molecular active substances such as nitric oxide and reactive oxygen species, which could directly regulate vascular contraction and relaxation (Victorio et al., 2016). For example, compared to WKY, the PVAT of SHR releases significantly less methyl palmitate, these contribute to vascular tone regulation and pathogenesis of hypertension (Lee et al., 2011). However, there are many other PVAT derivatives which may play important roles under both physiological and pathological conditions. Adenosine, a vasorelaxant substance, is an endogenous purine nucleoside comprised of adenine and ribose joined by a glycosidic bond (Borea et al., 2016). The terminal synthesis of extracellular adenosine is mediated by CD73 (ecto-5-nucleotidase), following activity of CD39 (nucleoside triphosphate dephosphorylase). It is well known that adenosine formed by CD73 plays a key role in the regulation of cardiac inflammation and fibrosis (Quast et al., 2017). Adenosine could be produced by adipocytes through activating CD73 (Burghoff et al., 2013). It is a novel activator of brown and beige fat, and abundantly exists in BAT (Gnad et al., 2014).Therefore, we speculated that adenosine might be a PVAT-derived relaxing factor (PVRF) and we hypothesized that the aging-reduced browning level of PVAT is associated with decrease of adenosine production, which is associated with the regulation of vasomotor reaction in SHR rats.

MATERIALS AND METHODS

Animals

Experiments were conducted in 8-week-old and 16-week-old male WKY and SHR. The rats were provided by Shanghai SLAC Laboratory Animal Company. Body weight was measured in conscious animals, then the rats were anesthetized with intraperitoneal injection of pentobarbital (5 mg/100 g) and sacrificed. The tPVAT, subcutaneous WAT (sWAT), and interscapular BAT (iBAT) were dissected out and immersed in liquid nitrogen immediately for subsequent analysis. Animals were housed under standard laboratory conditions and had a free access to drinking water and food. All animal procedures were approved in accordance with institutional guidelines established by the Committee of Ethics on Animal Experiments at the Shanghai Jiao Tong University School of Medicine.

Blood Pressure and Body Weight Measurement

Blood pressures were measured as described previously (Jin et al., 2017). Briefly, systolic and diastolic blood pressure (SBP and DBP) was measured in conscious rats by the tail-cuff method (BP-2000, Visitech Systems, United States) and the average of at least 20 readings was calculated. Blood pressure and body weight were measured with 10 rats in each group.

Histological Analysis

For hematoxylin/eosin (HE) staining, thoracic aortas with intact surrounding tPVAT were fixed in 10% formaldehyde at 4°C for 48 h, washed in water, and embedded in paraffin. Cross-sections (5 μm) were deparaffinized in xylene, rehydrated, and washed in physiological basic salt solution (PBS). PVAT cross-sectional area was measured by HE staining as previously described (Ma et al., 2010). Images were captured using a Carl Zeiss Axio Imager M2 microscope (Carl Zeiss Corporation, Germany). Morphometric analysis was performed with software Image-Pro Plus (Media Cybernetics, United States) by counting the number of adipocytes in the same area (×200 magnification image) of four animals in each group as previously described (Sheng et al., 2016).

To identify brown adipocytes from white adipocytes in the tPVAT, we performed UCP1 immunohistochemical staining in PVAT of SHR and WKY rats. Endogenous peroxidase activity was quenched in hydrogen peroxide for 10–15 min and then the sections were washed three times in PBS buffer. Sections were then incubated with the primary antibody, anti-rabbit UCP1 antibody (1:100 dilution) (Abcam, ab23841) at 4°C overnight, and then washed in PBS and incubated with the secondary antibody (1:200 dilution) (Proteintech, SA00001-2). Tissue sections were counterstained with Mayer’s hematoxylin solution, rinsed in running tap water, dehydrated, and mounted with permanent mounting medium. Control sections were incubated with PBS in place of the primary antibody. Sections with primary antibody omitted in staining were used as controls. UCP1-positive adipocyte area was counted under microscope with the software Image-Pro Plus (Media Cybernetics, United States).

Western Blot Analysis

The frozen tPVAT, sWAT, and iBAT tissues were lysed in RIPA buffer (Merck Millipore, 20-188) containing 1% protease inhibitor cocktail (Biotool, B14002). The protein extractions were collected for western blot as previously described (Harms et al., 2014). The primary antibodies were as follows: anti-UCP1 (1:1000 dilution) (Abcam, ab23841), anti-peroxisome proliferator-activated receptor-γ (PPARγ, 1:1000 dilution) (Santa Cruz, sc-7273), anti-PPARγ-coactivator 1-α (PGC1α, 1:1000 dilution) (Santa Cruz, sc-13067), anti-CD73 (1:1000 dilution) (Abcam, ab108248), and GAPDH monoclonal antibody (1:4000 dilution) (Proteintech, HRP-6004). Immunoreactive bands were highlighted by electrochemiluminescence (ECL) technology and quantified using imaging software Quantity One (Bio-Rad Laboratory, Spain).

Vascular Reactivity in Thoracic Arteries

Thoracic aorta from 8-week-old WKY was isolated and the PVAT was carefully removed. The aorta was cut into 2–3 mm rings and put in cell culture plate. tPVAT (0.3 g) was obtained from 8-week-old or 16-week-old donor WKY and SHR under anesthesia and snipped into small pieces. The rings were incubated with tPVAT in Dulbecco’s Modified Eagle’s Medium (DMEM) for 12 h in 37°C. Then each aorta was fixed on the isometric force transducer (Danish Myo Technology Model 610 M, Denmark) in a 5 ml organ bath, aerating with 95% O2 and 5% CO2 under an initial resting tension of 2.5 mN (Zhou et al., 2014). Lumen diameter was recorded in a Power Lab/8sp data acquisition system (A.D. Instruments, Castle Hill, Australia). Aorta was incubated in oxygenated Krebs’ medium (containing: KCl 4.7 mM, NaCl 118 mM, CaCl2 2.5 mM, KH2PO4 1.2 mM, MgSO4 1.2 mM, glucose 11 mM, and NaHCO3, 25 mM) for 60 min at pH 7.4 and 37°C. The contractility was tested three times by high K+ mediums (60 mM KCl) to stabilize the contraction. A dose–response curve of phenylephrine (PHE, 0.01–100 μM) was performed to assess the vasoconstriction response and cumulative concentration–response curves of acetylcholine (ACH, 0.01–100 μM) were constructed with a PHE pre-contraction (3 μM). For testing vascular reactivity, we isolated the tPVAT from 8-week-old WKY, 16-week-old WKY, 8-week-old SHR, and 16-weeke-old SHRs, respectively.

Adenosine Measurement

Adenosine level in the conditioned medium was determined using mouse/rat adenosine ELISA kit (zc-54044, ZCI BIO). Briefly, the tPVAT was incubated in DMEM for 12 h and the medium was centrifuged at 3000 rpm for 10 min. Then the medium was immediately stored at -80°C until assaying. ELISA was performed according to the manufacturer’s instructions. A monoclonal antibody specific for mouse/rat adenosine was pre-coated onto a microplate. Standards and samples were pipetted into the wells and any adenosine present was bound by the immobilized antibody. After washing away any unbound substances, an enzyme-linked polyclonal antibody specific for mouse/rat adenosine was added to the wells. Following a wash to remove any unbound antibody–enzyme reagents, a substrate solution was added to the wells. The enzyme reaction yielded a blue product that turned yellow when the stop solution was added. The intensity of the color measured is in proportion to the amount of adenosine bound in the initial step. The sample values were then read off the standard curve. The reactions were read using an ELISA reader RT-6000 (Rayto, United States) at 450 nm. Data are expressed in pictogram per milliliter.

Statistical Analysis

All values are given as means ± SEM. Statistical analysis was performed using one-tailed or two-tailed Student’s t-test. For experiments in which more than two groups were compared, two-way analysis of variant (ANOVA) was used and followed by the post hoc Dunnett’s test for data with more than two groups (Levene’s tests for equal variance). Dunnett’s T3 test was used for post hoc test comparison for the analysis of unequal variances (Welch’s and Brown–Forsythe’s test). P-value of 0.05 or less was deemed statistically significant in all of these statistical tests.

RESULTS

Characteristics of tPVAT

To explore the characteristics of tPVAT, we detected the sWAT, iBAT, and tPVAT from WKY rats. HE staining revealed that tPVAT showed a similar phenotype to iBAT, including smaller adipocyte size and increased UCP1 staining compared to sWAT (Figures 1A,B). Moreover, tPVAT and iBAT shared a similar thermogenic marker protein expression pattern including UCP1, PPARγ, and PGC1α (Figure 1C). These demonstrate that tPVAT has similar features to iBAT, whereas it is clearly different from sWAT.
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FIGURE 1. Characteristic differences among sWAT, iBAT, and tPVAT. (A) Representative HE and UCP1 staining images of sWAT, iBAT, and tPVAT from 8-week-old WKY rats. Magnification bar = 100 μm. (B) Quantitative analysis of cell numbers and UCP1 signals in sWAT, iBAT, and tPVAT from WKY rats (n = 4). (C) Western blot analysis of UCP1, PGC1α, and PPARγ protein levels in sWAT, iBAT, and tPVAT. GAPDH serves as internal control. Quantitative results are shown on the right (n = 4). ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001.



Characteristics of tPVAT Browning in SHR During Aging

Next, we determined the changes in the tPVAT in WKY and SHRs during aging. The body weight of WKY rats at 8 and 16 weeks of age was higher than those of SHR (227.2 ± 4.6 g in 8-week-old WKY, 203.6 ± 2.1 g in 8-week-old SHR, 256.3 ± 6.6 g in 16-week-old WKY, and 227.2 ± 4.6 g in 16-week-old SHR) (Figure 2A). The SBP and DBP showed a much greater increase in SHR compared with WKY at 16 weeks of age (SBP 125.3 ± 2.6 mmHg and DBP 93.1 ± 2.7 mmHg in 16-week-old WKY, SBP 177.3 ± 2.8 mmHg and 132.1 ± 3.5 mmHg in 16-week-old SHR), whereas the SBP and DBP had a slight increase in 8-week-old SHR (SBP 114.2 ± 2.4 mmHg and DBP 92.3 ± 2.6 mmHg in 8-week-old WKY, SBP 134.5 ± 2.5 mmHg and 109.4 ± 6.4 mmHg in 8-week-old SHR) (Figure 2B). To delineate the changes of tPVAT browning during aging in SHR, we detected expression of brown adipocyte markers in the tPVAT of 8-week-old and 16-week-old SHR and WKY rats. Compared with WKY rats, tPVAT browning activity including smaller-size adipocytes and UCP1 staining were elevated in 8-week-old SHR, but these phenotypic changes were blunted in 16-week-old SHR (Figures 2C,D). In accordance with these histological changes, the UCP1 and PPARγ expression showed a dramatic decrease in 16-week-old SHR compared to 8-week-old SHR, whereas UCP1, PPARγ, and PGC1α levels had no statistical difference between 8-week-old and 16-week-old WKY rats (Figure 2E).
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FIGURE 2. Browning level of tPVAT increases in SHR during aging. (A) The body weight of 8-week-old and 16-week-old WKY and SHR (n = 10). (B) The SBP and DBP of 8-week-old and 16-week-old WKY and SHR (n = 10). (C) Representative HE and UCP1 staining images of the tPVAT of 8-week-old and 16-week-old WKY and SHR. Magnification bar = 50 μm. (D) Quantitative analysis of cell numbers and UCP1 signals in tPVAT from 8-week-old and 16-week-old WKY and SHR rats (n = 4). (E) Western blot analysis of UCP1, PGC1a, and PPARγ expression levels in the tPVAT of 8-week-old and 16-week-old WKY and SHR. Quantitative results are shown on the right (n = 4). ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001.



The Effects of tPVAT on Vasomotor Reaction

Next, to determine whether tPVAT is involved in the regulation of vascular contraction and relaxation in WKY and SHR, we utilized tPVAT to incubate thoracic aorta and analyzed the aortic vasomotor reactions (Figure 3A). Thoracic aortas without tPVAT from 8-week-old WKY were incubated with or without 0.3 g tPVAT from WKY or SHRs for 12 h. In aortas incubated with tPVAT, vasodilation to ACH was increased compared to those without tPVAT incubation (Figure 3B). Then we collected tPVAT from 8- or 16-week-old WKY and SHR to incubate thoracic aortas from 8-week-old WKY. Interestingly, the vasodilative effect had no significant difference between groups incubated with tPVAT from 8-week-old WKY and SHR. In contrast, 16-week-old WKY showed an enhanced vascular relaxation effect compared to age-matched SHR (Figures 3C,D). More importantly, the vasodilative effect of the tPVAT from 16-week-old SHR was significantly attenuated compared to 8-week-old SHR, whereas this effect of tPVAT had no significant difference between 16-week-old and 8-week-old WKY (Figures 3C,E). In addition, vasocontraction of thoracic aortas incubated with WKY and SHR tPVAT showed no significant differences at 8 or 16 weeks of age (Figures 3F,G). These suggest a decreased PVRF production in the tPVAT of SHRs during aging.
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FIGURE 3. Thoracic aorta reactivity incubated with tPVAT from WKY or SHR. (A) Illustration of bioassay protocol. (B) Average percent relaxation of thoracic aorta to ACH with or without 12 h tPVAT treated (n = 6). (C) Representative raw tracing of diastolic response to ACH after PHE (3 μM) pre-contraction. The thoracic aorta rings were collected from 8-week-old WKY rats and the PVAT adjacent to the rings was cleaned. The donor tPVAT were collected from 8-week-old and 16-week-old WKY or SHR. The rings were incubated with tPVAT in DMEM for 12 h at 37°C. (D) Average percent relaxation to ACH of thoracic aorta treated with 8-week-old or 16-week-old WKY or SHR tPVAT (n = 6). (E) Average percent relaxation to ACH of thoracic aorta treated with 8-week-old or 16-week-old WKY or SHR tPVAT (n = 6). (F) Representative raw traces showing dose-dependent aortic ring constriction in response to PHE after KCl (60 mM) pre-contraction. (G) Average percent contraction to PHE of thoracic aorta treated with 8-week-old or 16-week-old WKY or SHR tPVAT (n = 6). ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001.



The tPVAT-Derived Adenosine in SHRs

A previous study showed a significant increase of adenosine in the process of BAT activation (Biswas, 2017). To determine whether tPVAT produces and releases adenosine, we firstly detected CD73 expression, which is necessary for adenosine production (Quast et al., 2017). CD73 level in the tPVAT had no significant difference between 8-week-old WKY and SHR. Interestingly, CD73 level dramatically decreased in 16-week-old SHR compared with 8-week-old SHR, whereas CD73 level had no significant changes in WKY during aging (Figure 4A). Consistently, adenosine concentration showed no significant difference in the tPVAT-conditioned medium of 8-week-old SHR (116.2 ± 8.0 pg/ml) and WKY (139.4 ± 8.4 pg/ml). In contrast, adenosine significantly decreased in the PVAT-conditioned medium of 16-week-old SHR (87.6 ± 6.1 pg/ml) compared with 16-week-old WKY (138.3 ± 11.3 pg/ml) or 8-week-old SHR (Figure 4B). These data suggest that the changes of PVAT-derived adenosine in SHR might contribute to vascular tone dysfunction.
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FIGURE 4. CD73 expression and adenosine production in the tPVAT of SHR decrease during aging. (A) Western blot analysis of CD73 protein level in the tPVAT of 8-week-old and 16-week-old WKY and SHR. Quantitative results are shown on the lower panel (n = 4). (B) Adenosine concentration (ELISA) in the tPVAT-conditional media from 8-week-old and 16-week-old WKY and SHR (n = 4). ∗p < 0.05; ∗∗p < 0.01; ∗∗∗p < 0.001.



DISCUSSION

This is the first study providing evidence that tPVAT browning level and related relaxing factor adenosine are decreased in SHR rats during aging. A comparison of the expression of BAT phenotypic makers in the tPVAT of 8- or 16-week-old WKY and SHRs allowed us to conclude that the browning level in SHR tPVAT is much higher than WKY, but declines quickly in SHR during aging. Accordingly, tPVAT-derived adenosine decreased from 8 to 16 weeks of age in SHR. Thoracic aorta incubated with 16-week-old SHR tPVAT showed decreased diastolic activity compared to 8-week-old SHR or 16-week-old WKY rats.

PVAT can resemble either WAT or BAT depending on the anatomical localization. Abdominal and mesenteric PVAT appears to be similar to WAT with large lipid droplets and low expression of UCP1. In contrast, tPVAT is morphologically and functionally similar to BAT (Fitzgibbons et al., 2011). These contribute to maintaining intravascular temperature during cold exposure via initiating thermogenesis. Activation of PVAT by β3-adrenergic receptor increases lipid uptake and protects against atherosclerosis (Berbee et al., 2015). Compared to WKY, the PVAT of SHR shows a smaller adipocyte size, a lower total lipid, and a decline of leptin. These may together contribute to vascular resistance and dysfunction in SHR (Li et al., 2013). Herein we provided direct evidence that the tPVAT of SHR has a higher level of BAT markers than WKY, including UCP1, PPARγ and PGC1α. Aging is associated with a ubiquitous decline of BAT activity throughout the life (Lecoultre and Ravussin, 2011). We herein first provide evidence that the browning level of SHR tPVAT shows a greater decline than WKY rats during aging from 8 to 16 weeks of age. It is well known that the blood pressure elevates quickly from 8 to 16 weeks of age in SHR rats. Our results provide a potential possibility that the earlier loss of browning in the PVAT might contribute to the blood pressure elevation in SHR rats.

Perivascular adipose tissue significantly modulates vascular contraction and relaxation via releasing PVRF and PVAT-derived contracting factor (PVCF) (Gao et al., 2006). The exact constituents of PVRF and PVCF are not yet fully understood. However, several bioactive substances have been suggested to regulate vasomotor reactions. Among these, adiponectin is the most studied PVRF. Adiponectin knockout mice or neutralizing antibody against adiponectin blocks the vasodilator response of PVAT. Obesity-induced decline of adiponectin attenuates the anti-contractile effect of PVAT (Almabrouk et al., 2018). Besides adipokines, eNOS has also been demonstrated to be expressed in PVAT. NO synthesized from eNOS is responsible for the vasodilating properties of PVAT. It is worth noting that tPVAT exhibits an increase in eNOS expression and NO production compared to abdominal PVAT (Victorio et al., 2016). On the other hand, few PVCF has been documented to regulate vascular contraction. A recent report showed that brown adipocytes in the tPVAT produce and release angiotensinogen, which contributes to the regulation of PVAT contractile property and blood pressure elevation (Chang et al., 2018). Herein, we provide the first evidence that adenosine may be a potential PVRF, which is decreased in the tPVAT of SHRs during aging. Adenosine, as a small molecular metabolite, has been demonstrated to be produced by browning adipocytes (Ammar et al., 2004). We further provide evidence of adenosine production in the tPVAT in the present study. The tPVAT has a similar vasomotor reaction and adenosine release in 8-week-old WKY and SHR rats. In accordance with loss of brown adipocytes, the tPVAT of 16-week-old SHR produces less adenosine compared with 8-week-old SHR. Consistently, the tPVAT shows attenuated diastolic effect in SHR during aging, whereas the contractive effect has no significant change. Taken together with a previous study, which showed a decreased relaxing factor methyl palmitate in the PVAT of SHR (Lee et al., 2011), these provide evidence that PVAT of SHR dysfunction might be due to the lower PVRF production. The present study provides novel evidence that the browning level of tPVAT is closely associated with vasorelaxation in hypertension.

Since rodent PVAT has been demonstrated to be histologically and functionally different compared to most types of human PVAT (Chatterjee et al., 2009), more human studies are needed to determine the accurate mechanisms by which PVAT-derived substances modulate vascular homeostasis in hypertension during aging. Although CD73-regulated adenosine release from the tPVAT affects vascular function in hypertension, the detailed mechanism and signaling pathways of this adenosine-dependent response remain to be further investigated in the future. The influence of aging on PVAT browning progress and tPVAT-derived adenosine production also needs to be documented in the future preclinical studies.

In summary, we demonstrate that aging induces a dramatic decrease of tPVAT browning in SHRs, which is associated with reduced adenosine production in tPVAT and attenuated vasorelaxing effect on the aorta. Notwithstanding the complexity of human hypertension compared to rodent models, our unique observation indicates an attractive possibility that the PVAT could serve as a therapeutic tool for preventing hypertensive vascular dysfunction during aging.
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Under physiological conditions, the perivascular adipose tissue (PVAT) negatively modulates vascular contractility. This property is lost in experimental and human obesity and in the metabolic syndrome, indicating that changes in PVAT function may contribute to vascular dysfunction associated with increased body weight and hyperglycemia. The O-linked β-N-acetylglucosamine (O-GlcNAc) modification of proteins (O-GlcNAcylation) is a unique posttranslational process that integrates glucose metabolism with intracellular protein activity. Increased flux of glucose through the hexosamine biosynthetic pathway and the consequent increase in tissue-specific O-GlcNAc modification of proteins have been linked to multiple facets of vascular dysfunction in diabetes and other pathological conditions. We hypothesized that chronic consumption of glucose, a condition that progresses to metabolic syndrome, leads to increased O-GlcNAc modification of proteins in the PVAT, decreasing its anti-contractile effects. Therefore, the current study was devised to determine whether a high-sugar diet increases O-GlcNAcylation in the PVAT and how increased O-GlcNAc interferes with PVAT vasorelaxant function. To assess molecular mechanisms by which O-GlcNAc contributes to PVAT dysfunction, thoracic aortas surrounded by PVAT were isolated from Wistar rats fed either a control or high sugar diet, for 10 and 12 weeks. Rats chronically fed a high sugar diet exhibited metabolic syndrome features, increased O-GlcNAcylated-proteins in the PVAT and loss of PVAT anti-contractile effect. PVAT from high sugar diet-fed rats for 12 weeks exhibited decreased NO formation, reduced expression of endothelial nitric oxide synthase (eNOS) and increased O-GlcNAcylation of eNOS. High sugar diet also decreased OGA activity and increased superoxide anion generation in the PVAT. Visceral adipose tissue samples from hyperglycemic patients showed increased levels of O-GlcNAc-modified proteins, increased ROS generation and decreased OGA activity. These data indicate that O-GlcNAcylation contributes to metabolic syndrome-induced PVAT dysfunction and that O-GlcNAcylation of eNOS may be targeted in the development of novel therapies for vascular dysfunction in conditions associated with hyperglycemia.

Keywords: PVAT, O-GlcNAc, high-sugar diet, eNOS, vascular function

INTRODUCTION

The perivascular adipose tissue (PVAT) is a highly active endocrine organ that releases a wide variety of adipokines that control vascular smooth muscle tone in veins, conductance arteries, and vessels of smaller caliber (Szasz and Webb, 2012). The vasoactive factors released by the PVAT (Adventitium-Derived Relaxing Factors—ADRF) under physiological conditions include adiponectin, angiotensin- (1-7), hydrogen peroxide, leptin, nitric oxide (NO), and other agents that negatively modulate vascular contraction, that is, the PVAT exerts an anti-contractile effect and is essential for the maintenance of vascular function (Fernandez-Alfonso et al., 2013; Xia and Li, 2017).

In obesity and metabolic syndrome, there is an increase in the amount of PVAT accompanied by changes in the PVAT pattern of adipokines expression, infiltration, and activation of circulating inflammatory cells (Lumeng et al., 2007), hypoxia, and oxidative stress (Gao, 2007). The net effect of these changes is a profound impairment of the vasoactive properties of PVAT, leading to an imbalance in favor of PVAT-derived vasoconstrictor substances, as well as changes in their signaling pathways in the vasculature (da Costa et al., 2017). The predominant mechanisms leading to a dysfunctional PVAT in obesity and metabolic syndrome have not been identified so far.

Post-translational modifications of intrinsic components of PVAT seem to contribute to the loss of its anti-contractile effect in metabolic and cardiovascular diseases. As an example, reduced NO synthase phosphorylation in the serine activation residue (Ser1177) and decreased phosphorylation of adenosine monophosphate-activated protein kinases, which positively regulate NO synthase activity, have been reported in the PVAT of animals fed a high fat diet for 6 months (Ma et al., 2010).

Among the many types of post-translational modifications, a great deal of interest has been directed to O-GlcNAcylation, i.e., glycosylation with N-acetyl-glucosamine (O-GlcNAc), which occurs by the addition of N-acetyl-glucosamine to the oxygen of the hydroxyl group of serine and threonine residues. Various cytoplasmic and nuclear proteins, including kinases, phosphatases, transcription factors, and cytoskeletal proteins are targets of O-GlcNAcylation (Hart et al., 2007). The activity of the enzymes O-GlcNAc transferase (OGT) and O-GlcNAcase (OGA) directly control the O-GlcNAc process. Whereas, OGT catalyzes the addition of N-acetyl-glucosamine in the target proteins, the enzyme OGA catalyzes the hydrolytic removal of O-GlcNAc (Lima et al., 2009). It is noteworthy that both enzymes are themselves targeted for O-GlcNAcylation and other post-translational modifications (Laczy et al., 2009).

O-GlcNAcylation integrates glucose metabolism with the activity of innumerable intracellular proteins. Increased glucose flow through the hexosamine biosynthesis pathway and increased O-GlcNAc modification of proteins are associated with the multiple facets of vascular dysfunction in diabetes mellitus and obesity, including endothelial function impairment, inflammation, fibrosis, and metabolic dysfunction (Lima et al., 2009). However, the contribution of O-GlcNAcylation to PVAT dysfunction in metabolic syndrome has not been determined. Thus, we hypothesized that increased O-GlcNAcylation of endothelial NO synthase (eNOS) in the PVAT produces loss of its anti-contractile effect leading to PVAT and vascular dysfunctions in metabolic syndrome. In the present study, we sought to determine whether chronic high sugar diet and the subsequent metabolic syndrome increase O-GlcNAcylation in the PVAT and how increased O-GlcNAc interferes with PVAT vasorelaxant function.

MATERIALS AND METHODS

In Vivo Studies

All experimental protocols were performed in accordance with the National Council for Animal Experimentation Control (CONCEA) and were approved by the Ethics Committee on Animal Use (CEUA) of the University of Sao Paulo, Ribeirao Preto, Brazil (Protocol n° 206/2016).

Six week-old male Wistar rats were obtained from the University of Sao Paulo, Ribeirao Preto, Brazil and maintained in the Animal Facility of the Pharmacology Department, Ribeirao Preto Medical School, on 12-h light/dark cycles under controlled temperature (22 ± 1°C) with ad libitum access to food and water. After a 1-week acclimatization period, rats were randomly divided into two groups: (1) rats maintained on a control diet; (2) rats receiving a high sugar diet for 10 or 12 weeks. The high sugar diet consisted of 33% control diet (Nuvilab® CR1, Nuvital, Brazil), 33% condensed milk, and 7% sucrose by weight, the remaining being water (Silva et al., 2016). The energy density was 12.26 kJ/g for the control diet and 13.35 kJ/g for the high sugar diet. After the treatment period, rats were killed by carbon dioxide (CO2) inhalation.

Humans Samples

This study was approved by the Research Ethics Committee of the University of Sao Paulo (Protocol n° 14189/2012) and all the stated rules for human research were followed. Visceral adipose tissue was taken from portions of the omentum from patients with bowel cancer submitted to surgical procedures at the Clinics Hospital of the Ribeirao Preto Medical School at the University of Sao Paulo (8 male patients, 42–75 years-old). All patients provided signed informed and written consent prior to participation in this study. The specimens were taken from macroscopically normal tissue, and care was taken to exclude adipose tissue supplying the area of the tumor. Patients were divided into the following groups: normoglycemic patients (blood glucose lower than 100 mg/dL) and chronic hyperglycemic patients (blood glucose over 150 mg/dL). Visceral adipose tissue is directly associated with the function of resistance arteries (Farb et al., 2012) and allows the investigation of the involvement of these deposits on vascular function. The use of human adipose tissue surrounding the aorta, which would better correlate with the animal studies, was not possible.

Biochemical Profile of Rats Fed the Control and High Sugar Diets

Glucose levels were determined using a glucose analyzer (Accu-Check, Roche Diagnostics, Brazil). In addition, total cholesterol and triglycerides concentrations were determined in serum samples from rats fasted for 12 h, by an enzymatic colorimetric method (Doles®, Brazil). Serum insulin concentration (ng/mL) was determined by radioimmunoassay (Insulin Kit®, Brazil). Insulin sensitivity was calculated using the HOMA-IR index (Homeostasis Model Assessment) (Pan et al., 2015), which takes into account insulin and fasting blood glucose levels, using the following mathematical formula: HOMA-IR = fasting insulin x fasting glucose/22.5. The oral glucose tolerance test (OGTT) was performed to evaluate glucose tolerance. Rats were deprived of food for 6 h. Blood was sampled from the caudal vein immediately before (baseline, t0) and after (t15, t30, t60, t90, t120 minutes) administration of 2 g of glucose/kg by oral gavage.

Assessment of Vascular Function

Thoracic aorta was rapidly removed, transferred to an ice-cold (4°C) Krebs Henseleit modified solution [(in mM) 130 NaCl, 14.9 NaHCO3, 4.7 KCl, 1.18 KH2PO4, 1.17 MgSO4· 7H2O, 5.5 glucose, 1.56 CaCl2·2H2O and 0.026 EDTA] gassed with 5% CO2 / 95% O2 to maintain a pH of 7.4, and dissected into 3 mm rings whereby perivascular fat and connective tissues were either removed (PVAT–) or left intact (PVAT+). Aortic rings were mounted in a wire myograph to measure isometric tension, as previously described (Costa et al., 2016). Vessels were allowed to equilibrate for about 30 min in Krebs Henseleit solution and baseline tension of 30 mN. After the stabilization period, the arteries were stimulated with Krebs solution containing a high concentration of potassium [K+ (120 mM)] to evaluate the contractile capacity of the segments. KCl-mediated contraction responses were similar in all experimental conditions (~35 mN). Endothelial function was assessed by testing the relaxant effect of acetylcholine (ACh, 10−6 M) on vessels contracted with phenylephrine (PE, 10−7 M). In experiments with endothelium-denuded vessels, aortic rings were subjected to rubbing of the intimal surface. Rings showing a maximum of 5% relaxation in response to ACh were considered to be without endothelium. Cumulative concentration-response curves to PE (10−10−10−4 M) and sodium nitroprusside (SNP, 10−10−10−4 M) were performed in PVAT (+) or PVAT (–) aortic rings. Contractile responses to PE were also determined after incubation with L-NAME (10−4 M), nitric oxide synthase inhibitor, 30 min before adding the contractile agonist. Each vascular preparation was tested with a single agent.

PVAT ex Vivo Incubation

PVAT from rats fed the control diet were incubated for 24 h in normoglycemic (5.6 mM glucose) Dulbecco's Modified Eagle Medium (DMEM), in the presence or absence of the OGA inhibitor Thiamet G (10−6 M, Okuda, 2017). PVAT from rats fed the control diet were incubated for 3, 6, and 12 h in hyperglycemic (25 mM glucose) DMEM. In this experiment, the control was obtained using PVAT incubated in normoglycemic DMEM for 12 h. In addition, PVAT from rats fed the control diet were incubated for 6 h in hyperglycemic DMEM in the presence or absence of the superoxide anion ([image: image]) scavenger Tiron (10−4 M, Alves-Lopes et al., 2016). For this condition, the experimental control was PVAT incubated in normoglycemic DMEM for 6 h. During incubations, PVAT was individually maintained in six-well Petri dishes at 37°C and 5% CO2.

Western Blot Analysis

PVAT from thoracic aorta and visceral adipose tissue from humans were frozen in liquid nitrogen and homogenized in a lysis buffer [50 mM Tris/HCl, 150 mM NaCl, 1% Nonidet P40, 1 mM EDTA, 1 μg/ml leupeptin, 1 μg/ml pepstatin, 1 μg/ml aprotinin, 1 mM sodium orthovanadate, 1 mM phenylmethanesulfonyl fluoride (PMSF), and 1 mM sodium fluoride]. The tissue extracts were centrifuged, and total protein content was quantified using the Bradford method (Bradford, 1976). Proteins (20 μg) were separated by electrophoresis on 10% polyacrylamide gel, and transferred on to nitrocellulose membranes. Non-specific binding sites were blocked with 5% bovine serum albumin (BSA) in Tris buffered saline (TBS) containing 0.1% Tween 20 (for 1 h at 24°C). Membranes were incubated with antibodies (at the indicated dilutions) overnight at 4°C. Antibodies were used as follows: anti-Anti-β-O-Linked N-Acetylglucosamine (1:5000 dilution; Sigma-Aldrich Inc., Germany), anti-OGA (1:1000 dilution; Sigma-Aldrich Inc., Germany), anti-OGT (1:1000 dilution; Abcam, UK), anti-GAPDH (1:10000 dilution; Sigma-Aldrich Inc., Germany). After incubation with secondary antibodies, signals were obtained by chemiluminescence and quantified densitometrically.

OGA Activity in Rat PVAT and Visceral Adipose Tissue of Humans

The tissue proteins were extracted according to the previous item and quantified using the Bradford method. Proteins (3 μg) were eluted in 100 μL of citrate buffer (0.05 M, pH 5.0). After elution, the OGA substrate 4-Methylumbelliferyl N-acetyl-β-D-glucosaminide (4-MUNAG, 300 μg/ml, Sigma-Aldrich Inc., Germany) and OGA inhibitor Thiamet G (10−6 M) were added. The reaction occurred in an oven at 37°C for 30 min. Then, the reaction was stopped after addition glycine buffer (0.1 M, pH 12). The breaking of the 4-MUNAG by the OGA emits fluorescence after excitation of 362 nm and emission of 448 nm. The values were expressed in fluorescence relative units through the delta of the reactions in the presence and absence of Thiamet G.

Immunoprecipitation

To evaluate the degree O-GlcNAc modification on eNOS, direct immunoprecipitation was performed using magnetic beads, according to the manufacturer protocol (PureProteome Protein G Magnetic Beads, LSKMAGG02, Merck-Millipore, UK). Briefly, the bead-antibody complex was formed by incubating 30 μL of beads with 5 μg of anti-eNOS antibody (Sc-376751-Santa Cruz Biotechnology, USA). Subsequently, the bead-antibody complex was added to 500 μg of proteins derived from the total protein extract of the PVAT of the animals. After overnight incubation at 4°C, the bead-antibody-protein complex was precipitated with the aid of the magnetic tube rack (DynaMag TM-2, InvitrogenTM, Thermo Fisher Scientific Inc., UK). Then, proteins were separated by sodium dodecyl sulfate/polyacrylamide gel (8%) electrophoresis (SDS/PAGE), as described in the western blot protocol. Anti-O-GlcNAc (O7764, Sigma-Aldrich Inc., Germany) and anti-eNOS (Sc-376751, Santa Cruz Biotechnology, USA) primary antibodies were used. Protein bands were detected by chemiluminescence reaction (Luminata Forte, WBLUF0100, Merck-Millipore, UK) and the intensity of the bands was evaluated by densitometric analysis using ImageQuant software. The results are expressed by the ratio of the intensity of the O-GlcNAc bands to the intensity of the respective bands of the immunoprecipitated eNOS.

Measurement of Reactive Oxygen Species

Dihydroethidium

ROS generation in PVAT was assessed by dihydroethidium (DHE), as previously described (Suzuki et al., 1995). Aortas surrounded by periaortic fat were embedded in medium for frozen tissue specimens to ensure optimal cutting temperature (OCT™) and stored at −80°C. Fresh-frozen specimens were cross-sectioned at 10 μm thickness and placed on slides covered with poly-(L-lysine) solution. The tissue was loaded with the non-selective dye for ROS detection DHE (5 × 10−6 M; for 30 min at 37°C), which was prepared in phosphate buffer 0.1 M. Images were collected on a ZEISS microscope and the results are expressed as fold changes relatively to the control. Fluorescent images were analyzed by measuring the mean optical density of the fluorescence in a computer system (Image J software©) and normalized by the area.

Lucigenin

ROS generation in the PVAT and humans visceral adipose tissue was measured by a luminescence assay using lucigenin as the electron acceptor and NADH as the substrate. Periaortic fat from control and high sugar diet-fed rats was homogenized in assay buffer (50 mM KH2PO4, 1 mM EGTA, and 150 mM sucrose, pH 7.4) with a glass-to-glass homogenizer. The assay was performed with 100 μL of sample, lucigenin (5 μM), NADH (0.1 mM), and assay buffer. Luminescence was measured for 30 cycles of 18 s each by a luminometer (Lumistar Galaxy, BMG Labtechnologies, Ortenberg, Germany). Basal readings were obtained prior to the addition of NADH and the reaction was started by the addition of the substrate. Basal and buffer blank values were subtracted from the NADH-derived luminescence. [image: image] was expressed as relative luminescence units (RLU)/mg of protein.

Nitric Oxide Metabolites Levels

PVAT from thoracic aorta and human visceral adipose tissue were immediately frozen in liquid nitrogen, pulverized and homogenized in 20 mM Tris-HCl (pH 7.4). The samples were centrifuged (5,000 × g for 10 min at 4°C) and the total protein content was quantified using the Bradford method. The samples were analyzed in duplicate for nitrite and nitrate (NOx) using ozone-based chemiluminescence assay. Briefly, PVAT samples were treated with cold ethanol (1:2 mesenteric bed to ethanol, for 30 min at −20°C) and centrifuged (4,000 × g for 10 min). NOx levels were measured by injecting 25 μL of supernatant in a container vent glass containing 0.8% of vanadium (III) in HCl (1 N) at 90°C, which reduces NOx into NO gas. A stream of nitrogen was bubbled through the purge vessel containing vanadium (III) with sodium hydroxide [NaOH (1N)], and then through an analyzer (Sievers Nitric Oxide Analyzer® 280, GE Analytical Instruments, Boulder, CO, USA).

Data and Statistical Analyses

Data are expressed as mean ± SEM. Concentration-response curves were fitted using the function Y = Bottom + [Top-Bottom]/[1+10∧(LogEC50-X)] into a curve by non-linear regression analysis. The curves were compared using the delta of the areas under curves, maximal response (Emax) and pD2 (defined as the negative logarithm of the EC50 values). The delta of the areas under curves was calculated as the difference between the concentration-response curves in the presence or in the absence of the PVAT and different drugs. Student's t-test was used to compare the delta of the areas under curves. Two-way ANOVA with Bonferroni post-test was used to compare Emax, pD2, biochemical, and high glucose experiments. Mann Whitney test was used to compare groups with n = 4. The Prism software, version 5.0 (GraphPad Software Inc., San. Diego, CA, USA) was used to analyze these parameters. N represents the number of animals used. p-values < 0.05 were considered significant.

RESULTS

To determine the effects of increased O-GlcNAc-modified proteins on PVAT function, O-GlcNAcylation of rat thoracic aorta PVAT proteins was induced using Thiamet G (10−6 M for 24 h), a potent and selective O-GlcNAcase (OGA) inhibitor. Thiamet G significantly increased the expression of O-GlcNAc-modified proteins in the PVAT (Figure 1A). To determine whether increased levels of O-GlcNAc-proteins reduce the PVAT anti-contractile effect, endothelium-denuded thoracic aortic rings with or without PVAT were incubated with Thiamet G (10−6 M for 24 h) or vehicle. Subsequently, concentration-response curves to either phenylephrine or the thromboxane A2 receptor agonist U-46619 were performed. Emax values showed, as expected, that the presence of PVAT reduced the contraction to phenylephrine and U-46619 in aortic rings incubated with vehicle (Table 1). Analysis of the delta of the areas under curves showed that incubation of PVAT-intact aortic rings with Thiamet G decreased the PVAT anti-contractile effect in arteries contracted with phenylephrine (Figures 1B,C), but not in arteries contracted with U-46619 (Figures 1D,E).


[image: image]

FIGURE 1. Increased O-GlcNAc-modified proteins induce loss of the PVAT anti-contractile effect. (A) Expression of O-GlcNAc-modified proteins in PVAT incubated with the O-GlcNAcase (OGA) inhibitor, Thiamet G (10−6 M, for 24 h, n = 6) or vehicle (n = 6). Concentration-response curves to (B) phenylephrine (n = 7) and (D) thromboxane A2 receptor agonist, U-46619 (n = 7), were performed in endothelium-denuded aortic rings without (–) or with (+) PVAT, incubated with Thiamet G (10−6 M, for 24 h) or vehicle. (C,E) show the difference (delta) of the areas under the curves to phenylephrine and U-46619, respectively, in the absence and presence of PVAT after incubation with Thiamet G or vehicle. Data are represented as the mean ± SEM. Student's t-test: *p < 0.05 PVAT_Thiamet G vs. PVAT; +p < 0.05 Thiamet G vs. Vehicle.




Table 1. pD2 and Emax (mN) values of phenylephrine and U-46619-induced contraction in thoracic aorta arteries incubated with vehicle or Thiamet G.
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Considering that O-GlcNAcylation integrates glucose metabolism with intracellular protein activity and mediates multiple mechanisms of vascular dysfunction in metabolic syndrome, including impaired contractility (Lima et al., 2016), the possible relevance of PVAT O-GlcNAcylation following a high sugar diet was assessed. Rats fed the high sugar diet for 10 and 12 weeks exhibited an increase in all anthropometric parameters, total cholesterol and triglycerides (Table 2) compared with rats on the control diet. Only rats fed the high sugar diet for 12 weeks showed increased serum glucose levels (Figure 2A) and glucose intolerance, determined by the areas under the curves in the OGTT (Figures 2B,C). Insulin serum levels (Figure 2D) and HOMA-IR index (Figure 2E) were increased in rats fed the high sugar diet for 10 and 12 weeks.


Table 2. Characteristics of rats fed the Control and High Sugar diets.
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FIGURE 2. High sugar diet-induced disturbs in the rat glucose metabolism. (A) Glucose serum levels in rats fed the control (n = 8) or high sugar (n = 8) diet for 10 or 12 weeks. (B) Glucose serum levels and (C) the areas under the curves obtained during the OGTT in rats fed the control (n = 8) or high sugar (n = 8) diet for 10 or 12 weeks. (D) Insulin serum levels in rats fed the control (n = 8) or high sugar (n = 8) diet for 10 or 12 weeks. (E) HOMA-IR index in rats fed with control (n = 8) or high sugar (n = 8) diet for 10 or 12 weeks. Data are represented as the mean ± SEM. Two-way ANOVA: +p < 0.05 High Sugar 10 weeks vs. Control 10 weeks; *p < 0.05 High Sugar 12 weeks vs. Control 12 weeks.



To test the hypothesis that the high sugar diet increases PVAT O-GlcNAc levels leading to the loss of its anti-contractile effect, the content of O-GlcNAc-modified proteins in the PVAT from rats fed either the control or high sugar diet was determined. O-GlcNAcylated-proteins content was significantly increased in the PVAT from rats on the high sugar diet for 10 (Figure 3A) and 12 (Figure 3B) weeks. To determine the effects of high sugar diet on PVAT function, concentration-response curves to phenylephrine were performed in endothelium-denuded aortic rings with or without PVAT. Emax values showed that the presence of PVAT reduced the contraction to phenylephrine in arteries from rats fed the control diet, regardless of the duration of the diet (Table 3). Analysis of the delta of the areas under the curves confirmed that high sugar diet decreased the PVAT anti-contractile effect in arteries from rats fed for 10 (Figures 3C,E) or 12 (Figures 3D,F) weeks.
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FIGURE 3. High sugar diet increases O-GlcNAc-modified proteins in the PVAT and impairs PVAT anti-contractile effect. Expression of O-GlcNAc-modified proteins in thoracic aorta PVAT of rats fed the control (n = 6) or high sugar (n = 6) diet for (A) 10 or (B) 12 weeks. Concentration-response curves to phenylephrine were performed in endothelium-denuded aortic rings, without (–) or with (+) PVAT, from rats fed the control (n = 7) or high sugar (n = 7) diet for (C) 10 or (D) 12 weeks. (E,F) show the delta of the areas under the curves to phenylephrine, in the absence and presence of PVAT, in arteries of rats fed the control or high sugar diet for 10 or 12 weeks, respectively. Data are represented as the mean ± SEM. Student's t-test: *p < 0.05 High Sugar vs. Control.




Table 3. pD2 and Emax (mN) values of phenylephrine-induced contraction in thoracic aorta arteries from Control or High Sugar diet-fed rats.
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Considering that NO is produced and released by the PVAT and induces relaxation of vascular smooth muscle cells (VSMC), and that PVAT dysfunction can be related to either changes in signaling pathways in the vasculature or to a defective production of NO by the PVAT, the effects of the high sugar diet on sodium nitroprusside (SNP)-induced endothelium-independent vascular relaxation as well as in NO bioavailability were determined. There was no difference in vascular relaxation to SNP in rats fed the high sugar diet either for 10 or 12 weeks (Figures 4A,B, Table 4), indicating that the high sugar diet does not reduce NO-mediated signaling in VSMC. NO formation in PVAT from rats fed the high sugar diet during 10 weeks was not decreased (Figure 4C). However, PVAT from high sugar diet-fed rats for 12 weeks exhibited decreased NO levels (Figure 4D). Interestingly, whereas L-NAME produced an upward shift in phenylephrine responses in endothelium-denuded and PVAT-intact aortas from rats fed the control diet, this effect was not observed in aortas from the high sugar-fed group, i.e., the NO synthase inhibitor L-NAME did not further enhance the effects of the high sugar diet [either for 10 weeks (Figure 4E, Table 4) or 12 weeks (Figure 4F, Table 4)] on the loss of PVAT anti-contractile effect. These data indicate that the high sugar diet decreases PVAT anti-contractile effect by reducing NO bioavailability (Figures 4G,H). Consistent with these results, the expression of endothelial nitric oxide synthase (eNOS) was significantly reduced in the PVAT from high sugar-fed rats (Figure 5A) and this change was accompanied by increased eNOS O-GlcNAcylation (Figure 5B). These results indicate that O-GlcNAcylation of eNOS impairs the activity of this enzyme and decreases NO production in PVAT.
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FIGURE 4. High sugar diet decreases nitric oxide (NO) generation in the PVAT. Concentration-response curves to sodium nitroprusside, a NO donor, were performed in endothelium-denuded aortic rings, without (–) or with (+) PVAT, from rats fed the control (n = 7) or high sugar (n = 7) diet for (A) 10 or (B) 12 weeks. Nitrite and nitrate (NOx) formation in the PVAT of rats fed the control (n = 6) or high sugar diet (n = 6) for (C) 10 or (D) 12 weeks. Concentration-response curves to phenylephrine were performed in endothelium-denuded aortic rings, without (–) or with (+) PVAT, from rats fed the control (n = 7) or high sugar (n = 7) diet for (E) 10 or (F) 12 weeks, incubated with the NO synthase inhibitor, L-NAME (10−4 M, for 30 min) or vehicle. (G,H) show the delta of the areas under the curves to phenylephrine in the presence of PVAT after incubation with L-NAME or vehicle. Data are represented as the mean ± SEM. Student's t-test: *p < 0.05 High Sugar vs. Control.




Table 4. pD2 and Emax (mN) values of sodium nitroprusside-induced relaxation and phenylephrine-induced contraction in thoracic aorta arteries, from Control or High Sugar-fed rats, incubated with vehicle or L-NAME.
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FIGURE 5. High sugar diet decreases endothelial nitric oxide synthase (eNOS) in the PVAT. (A) eNOS protein expression in aortic PVAT from rats fed the control (n = 4) or high sugar (n = 4) diet for 12 weeks, determined by western blot analysis, and (B) O-GlcNAc-modified eNOS, determined by immunoprecipitation of eNOS and probing with the anti-O-GlcNAc antibody. Data are represented as the mean ± SEM. Mann Whitney test: *p < 0.05 High Sugar vs. Control.



The effects of high sugar diet on the expression of proteins that directly regulate the O-GlcNAcylation process were also determined. No differences were detected in the PVAT expression of GFAT, the first and rate-limiting enzyme of the hexosamine biosynthesis pathway, between rats that received the control and high sugar diets for 10 (Figure 6A) or 12 (Figure 6B) weeks. Similarly, there were no differences in the expression of OGT (Figures 6C,D) or OGA (Figures 6E,F) enzymes in the PVAT from rats fed the control and high sugar diets for 10 or 12 weeks. However, OGA activity was significantly reduced in the PVAT of rats fed the high sugar diet for 10 (Figure 6G) and 12 (Figure 6H) weeks, suggesting that O-GlcNAc elevation in PVAT is a function of decreased OGA activity.
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FIGURE 6. High sugar diet did not alter expression of proteins that regulate the hexosamine pathway, but decreases OGA protein activity. (A,B) GFAT, glucosamine-fructose-6-phosphate aminotransferase (n = 6); (C,D) OGT, O-linked N-acetylglucosamine (GlcNAc) transferase (n = 6); (E,F) OGA, O-GlcNAcase (n = 6) proteins expression, determined by western blot analysis. OGA activity in the PVAT from rats fed the control (n = 6) or high sugar (n = 6) diet for (G) 10 and (H) 12 weeks. Data are represented as the mean ± SEM. Student's t-test: *p < 0.05 High Sugar vs. Control.



We have recently reported that increased mitochondrial ROS generation mediates the loss of PVAT anti-contractile effects in high-fat diet obese mice (da Costa et al., 2017). To explore the possibility that increased O-GlcNAc levels in the PVAT are linked to oxidative stress, we assessed the generation of NADPH-derived [image: image] by the lucigenin-enhanced chemiluminescence and DHE fluorescence techniques. [image: image] production was significantly increased in the PVAT of rats fed the high sugar diet for 12 weeks (Figures 7A,B). In view of the pro-oxidative phenotype observed in the PVAT, we hypothesized that the increased flux of glucose through the hexosamine biosynthetic pathway leads to increased O-GlcNAc modification of PVAT proteins via increased generation of NADPH-derived [image: image]. To verify this hypothesis, PVAT from rats fed the control diet was exposed to high glucose medium for 6 h. Incubation in high glucose medium increased the PVAT content of O-GlcNAc-modified proteins, and effect that was attenuated by pre-incubation with Tiron (10−4 M) (Figure 8A). Similar to what was observed in the PVAT from rats fed the high sugar diet, the high glucose medium increased ROS generation (Figure 8B), which was accompanied by a decrease in OGA activity (Figure 8C). Reduction of OGA activity was also prevented by Tiron, suggesting that ROS modulate PVAT OGA activity. Finally, high glucose medium-induced modifications were followed by decreased PVAT NO production, which was prevented by the pre-incubation with Tiron (Figure 8D).
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FIGURE 7. High sugar diet increases reactive oxygen species (ROS) generation in the PVAT. ROS generation, measured (A) by DHE (Dihydroethidium) and (B) by lucigenin in the PVAT from rats fed the control (n = 5) or high sugar (n = 5) diet for 12 weeks. Data are represented as the mean ± SEM. Student's t-test: *p < 0.05 High Sugar vs. Control.
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FIGURE 8. Effect of ROS in O-GlcNAcylation processes in PVAT incubated with high glucose medium. (A) O-GlcNAc-modified protein expression is increased in PVAT incubated with high glucose medium for 6 h and this increase is attenuated by simultaneous incubating with Tiron (10−4 M), a superoxide anion scavenger. (B) ROS production increases in the PVAT incubated in high glucose medium for 6 and 12 h. The PVAT maintained in high glucose medium for 6 h and incubated with Tiron does not exhibit (C) decreased OGA activity or (D) decreased NOx production. Data are represented as the mean ± SEM. Two-way ANOVA: *p < 0.05 High Glucose vs. Control, #p < 0.05 High Glucose + Tiron vs. High Glucose, n = 6 for each experimental group.



To determine whether there is a correlation between data from the experimental animal and the clinical onset, visceral adipose tissue samples from normoglycemic (blood glucose mean 92.5 mg/dL) and hyperglycemic (mean blood glucose 173.1 mg/dL) patients were analyzed. Increased levels of O-GlcNAc-modified proteins were found in the visceral adipose tissue from hyperglycemic individuals in comparison to samples from normoglycemic subjects. In addition, increased ROS generation (Figure 9B) and decreased OGA activity (Figure 9C) were detected in the visceral adipose tissue from hyperglycemic patients.
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FIGURE 9. Effect of glycemia on O-GlcNAc-modified protein profile in human visceral adipose tissue. (A) O-GlcNAc-modified protein expression and (B) ROS generation are increased whereas (C) OGA activity is decreased in the adipose tissue of human with hyperglycemia. Data are represented as the mean ± SEM. Mann Whitney test: *p < 0.05 Hyperglycemic vs. Normoglycemic, n = 4 for each group.



DISCUSSION

PVAT is increasingly recognized as a widespread and relevant tissue in vascular biology as well as an important determinant of the cardiovascular complications associated with obesity and type 2 diabetes (Meijer et al., 2011). However, the molecular mechanisms underlying PVAT dysfunction in these conditions are largely unknown. Increased O-GlcNAcylation has been reported in human and animal visceral adipose tissue during pathological conditions such as hypertension, obesity, and type 2 diabetes (Ma and Hart, 2013). Nevertheless, the role of O-GlcNAcylation in PVAT dysfunction has not been previously determined. The present study demonstrates that O-GlcNAcylation plays a key role on high-sugar diet-induced PVAT dysfunction. Our studies reveal a previously unknown function of O-GlcNAcylation in controlling the anti-contractile activity of the PVAT. Chronic hyperglycemia increased ROS production and induced a phenotype of increased O-GlcNAcylation and decreased ADRF release, primarily by regulating NO production in the adipocytes (Figure 10). These new findings have important implications for prevention and treatment of vascular complications during obesity and other metabolic disorders and might, therefore, underscore O-GlcNAcylation as a target to combat vascular damage.
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FIGURE 10. Mechanism proposed to explain how O-GlcNAc-modified proteins contribute to high sugar diet-induced PVAT dysfunction. In the context of hyperglycemia, such as in animals fed a high sugar diet or in hyperglycemic patients, increased PVAT ROS generation leads to inhibition of OGA activity and accumulation of O-GlcNAc-modified proteins, including eNOS. O-GlcNAcylation of eNOS reduces NO production by the enzyme and is linked to PVAT dysfunction.



The results delineate potential negative consequences of increased PVAT O-GlcNAcylation in response to chronic hyperglycemia (Figure 2). Previous studies have demonstrated that acute increases in O-GlcNAcylation in 3T3-L1 adipocytes treated with PUGNAc lead to insulin resistance (Vosseller et al., 2002). Moreover, a similar phenomenon has been observed in rat skeletal muscle (Arias et al., 2004). However, few studies have examined the function of chronic increases in O-GlcNAcylation. Our findings, along with other studies (Medford et al., 2012; Heath et al., 2014), indicate that increased O-GlcNAcylation over an extended period, as observed in the later stages of diabetes, may cause adverse complications in the cardiovascular system (Figure 3). By using Thiamet-G, a potent and selective OGA inhibitor, our data provide further evidence that increased PVAT O-GlcNAcylation impairs the anti-contractile effects to phenylephrine, mediated by this tissue (Figure 1). In this case, the use of culture medium to keep the vessels for 24 h (time required to increase O-GlcNAc-modified proteins in PVAT) may be considered a methodological limitation. This ex vivo period changes the contractile properties when compared to freshly isolated vessels. However, there is no loss of information, since control vessels were also exposed to the same cultivation period.

Mechanistic studies demonstrated that increased PVAT O-GlcNAcylation following chronic hyperglycemia is linked to inhibition of OGA activity. Consistent with clinical observations demonstrating an association between PVAT dysfunction and other vascular complications in obesity and diabetes, our findings demonstrate increased aortic contraction in high sugar-fed rats, which was further worsened in the presence of PVAT (Figure 3). Our data also demonstrate increased O-GlcNAcylation associated with OGA inhibition in human visceral adipose tissue following long-term hyperglycemic conditions (Figure 9). Together, these studies indicate a causative link between increased O-GlcNAcylation in the PVAT and hyperglycemia-induced vascular dysfunction.

PVAT from high sugar-fed rats displays a significant reduction in NO production (Figure 5) associated with decreased eNOS expression (Figure 4). Previous studies have shown eNOS expression in adipose tissues (Ribiere et al., 1996; Victorio et al., 2016) and adipocytes (Ribiere et al., 1996). It is assumed that adipocyte-derived NO is released into the interstitial fluid and diffuses into the capillaries and adjacent arterioles causing vasodilation (Mastronardi et al., 2002). Indeed, enhanced relaxant response of mesenteric arteries and increased leptin-mediated NO production in the mesenteric artery PVAT have been demonstrated at the early phase of diet-induced obesity in C57BL/6J mice (Gil-Ortega et al., 2010). In addition, the studies of Xia et al. confirmed that PVAT-derived NO contributes to acetylcholine-induced vasodilation (Xia et al., 2016). The authors demonstrated that, under diet-induced obesity conditions, eNOS-driven NO production is reduced in the PVAT. In our model, the loss of the PVAT anti-contractile function in rats fed a high sugar diet was not further modified by eNOS inhibition. Thus, eNOS-derived NO in PVAT plays a major role in the anti-contractile effects mediated by PVAT. The intrinsic relaxant responsiveness of VSMC was preserved, since sodium nitroprusside-induced relaxations were identical despite the loss of eNOS-derived NO in PVAT (Figure 4). These data suggest that changes in PVAT anti-contractile effects during hyperglycemia are most likely caused by alterations in PVAT-derived components and not by changes in the VSMC function.

Notably, the present study provides novel mechanisms underlying the regulation of eNOS activity in the PVAT. Although impaired activation of PVAT eNOS and reduction of PVAT-derived NO have been associated with obesity-induced vascular dysfunction, whether eNOS activation in PVAT is regulated directly by O-GlcNAcylation is not clear. Our studies have identified that decreased eNOS expression is accompanied by an increase in eNOS O-GlcNAcylation, which promotes vascular dysfunction during hyperglycemia (Figure 5). Increased O-GlcNAcylation of eNOS, which is associated with decreased phosphorylation at Ser1177, the site responsible for activation of the enzyme, has been reported in bovine aortic endothelial cells (Du et al., 2001). The work by Federici et al. (2002) also demonstrated an inverse correlation between eNOS O-GlcNAcylation and phosphorylation status in human coronary artery endothelial cells. Furthermore, the authors showed that both hyperglycemia and direct activation of the hexosamine biosynthesis pathway by glucosamine determines reduction in insulin-stimulated phosphorylation of eNOS by increased O-GlcNAcylation of key signaling molecules. Interestingly, Musicki et al. (2005) demonstrated that increased O-GlcNAcylation of eNOS-Ser1177 attenuates shear stress-induced increase in penile blood flow during diabetes. More recently, Beleznai and Bagi (2012) reported that increased O-GlcNAcylation contributes to impaired NO-mediated arteriolar dilation following hyperglycemia. Overall, our findings show that increased O-GlcNAcylation of eNOS impairs the activity of this enzyme and the subsequent NO production in the PVAT and support the concept that PVAT O-GlcNAcylation may be a significant contributing factor to vascular dysfunction in metabolic syndrome.

Apart from inhibiting eNOS, basal O-GlcNAcylation may regulate other signaling systems that decrease NO production, such as ROS (Lima et al., 2012). In the present study, acute and chronic high glucose increased PVAT generation of ROS. O-GlcNAc may influence the expression or function of a variety of proteins involved in high glucose-induced ROS production. However, it is equally plausible that much of the effect of high glucose levels on PVAT O-GlcNAcylation is secondary to the increase in PVAT ROS generation. In addition to modulating the activity of specific intracellular protein kinases and phosphatases (Takakura et al., 1999; Weber et al., 2004), ROS stimulate the hexosamine biosynthetic pathway and, consequently, O-GlcNAcylation (Brownlee, 2001). For instance, increased production of mitochondria-derived ROS induces both changes in phosphorylation and O-GlcNAcylation of many intracellular proteins (Jones et al., 2008; Laczy et al., 2009). Restoration of both OGA activity and NO production by Tiron (Figure 8) further supports a role for ROS-mediated signals in mediating O-GlcNAcylation-induced impairment of eNOS activity and vascular dysfunction. The concurrent increase in both ROS generation and O-GlcNAcylation clearly demonstrate the reciprocal regulation between O-GlcNAcylation and ROS. Nevertheless, our findings, along with the western blot data showing that Tiron only partially reduces PVAT O-GlcNAc levels (Figure 8), suggest that chronic hyperglycemia increases O-GlcNAcylation of target proteins in the PVAT via increased ROS generation.

As discussed above, the different outcomes of reducing ROS formation probably reflect the involvement of different signal transduction pathways in high glucose-treated PVAT. Reinforcing this view, it has been reported that both oxidative stress and high glucose decrease endothelial NO bioavailability, impair vascular relaxation (King, 1996; Creager et al., 2003; Landmesser et al., 2003), and increase O-GlcNAcylation (Lima et al., 2012; Ma and Hart, 2013). Further studies are warranted to dissect the precise signaling cascades that are responsible for hyperglycemia-induced O-GlcNAcylation of PVAT eNOS. However, the novel regulation of eNOS activation in PVAT by O-GlcNAcylation uncovered in this study may not only impact the biological function of this tissue, but also provides novel mechanistic insights into the pathogenesis of hyperglycemia-associated vascular disease.

In summary, the present study demonstrates a novel causative link between chronic increases in O-GlcNAcylation of target proteins in the PVAT and hyperglycemia-associated vascular dysfunction. It also provides a novel molecular insight into the mechanism underlying the regulation of eNOS activity, with O-GlcNAcylation leading to reduced NO production and PVAT anti-contractile effect. Our studies also reveal a critical interplay between O-GlcNAcylation and ROS generation in the PVAT, which mediates high glucose-induced PVAT dysfunction and vascular injury. These findings have determined O-GlcNAcylation as a novel contributor to the process of hyperglycemia-induced PVAT dysfunction and identified O-GlcNAcylation of eNOS as a possible target for the development of therapies for vascular dysfunction in metabolic syndrome.
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Introduction: Insulin signaling in adipose tissue has been shown to regulate insulin's effects in muscle. In muscle, perivascular adipose tissue (PVAT) and vascular insulin signaling regulate muscle perfusion. Insulin receptor substrate (IRS) 2 has been shown to control adipose tissue function and glucose metabolism, and here we tested the hypothesis that IRS2 mediates insulin's actions on the vessel wall as well as the vasoactive properties of PVAT.

Methods: We studied PVAT and muscle resistance arteries (RA) from littermate IRS2+/+ and IRS2−/− mice and vasoreactivity by pressure myography, vascular insulin signaling, adipokine expression, and release and PVAT morphology. As insulin induced constriction of IRS2+/+ RA in our mouse model, we also exposed RA's of C57/Bl6 mice to PVAT from IRS2+/+ and IRS2−/− littermates to evaluate vasodilator properties of PVAT.

Results: IRS2−/− RA exhibited normal vasomotor function, yet a decreased maximal diameter compared to IRS2+/+ RA. IRS2+/+ vessels unexpectedly constricted endothelin-dependently in response to insulin, and this effect was absent in IRS2−/− RA due to reduced ERK1/2activation. For evaluation of PVAT function, we also used C57/Bl6 vessels with a neutral basal effect of insulin. In these experiments insulin (10.0 nM) increased diameter in the presence of IRS2+/+ PVAT (17 ± 4.8, p = 0.014), yet induced a 10 ± 7.6% decrease in diameter in the presence of IRS2−/− PVAT. Adipocytes in IRS2−/− PVAT (1314 ± 161 μm2) were larger (p = 0.0013) than of IRS2+/+ PVAT (915 ± 63 μm2). Adiponectin, IL-6, PAI-1 secretion were similar between IRS2+/+ and IRS2−/− PVAT, as were expression of pro-inflammatory genes (TNF-α, CCL2) and adipokines (adiponectin, leptin, endothelin-1). Insulin-induced AKT phosphorylation in RA was similar in the presence of IRS2−/− and IRS2+/+ PVAT.

Conclusion: In muscle, IRS2 regulates both insulin's vasoconstrictor effects, mediating ERK1/2-ET-1 activation, and its vasodilator effects, by mediating the vasodilator effect of PVAT. The regulatory role of IRS2 in PVAT is independent from adiponectin secretion.

Keywords: insulin sensitivity, perivascular adipose tissue, insulin receptor substrate 2, microcirculation, endothelium

INTRODUCTION

Insulin resistance, obesity and type 2 diabetes (DM2) are increasingly common risk factors for cardiovascular disease (Brownrigg et al., 2016). Resistance to insulin's vasodilator effects is characteristic of insulin resistant and type 2 diabetic subjects (Jiang et al., 1999; Okon et al., 2005), and has been shown to contribute to increased vascular resistance (Woerdeman et al., 2016), defects in organ perfusion and atherosclerosis (Rask-Madsen et al., 2010). As such, understanding and reversing defects in vascular insulin signaling contributes to prevention of cardiovascular complications of obesity and DM2.

After a meal, the physiological rise in plasma insulin levels induces pleiotropic effects on the muscle vasculature (Baron, 1993) to facilitate its access to myocytes. Insulin appearance in skeletal muscle interstitium is the rate limiting step for insulin's metabolic actions that promote glucose disposal (Yang et al., 1989), and therefore insulin access to the muscle interstitium contributes to whole-body insulin sensitivity (Kubota et al., 2011). In muscle microvessels, insulin can induce vasoconstriction through ERK1/2-dependent endothelin-1 (ET-1) production (Eringa et al., 2004) and vasodilatation through insulin receptor substrate1/2 (IRS1/2)- and Akt-dependent nitric oxide (NO) production (Montagnani et al., 2002; Meijer et al., 2015). While insulin's vasodilator actions predominate in normal conditions, insulin's vasoconstrictor effect is dominant in obesity and DM2, as a result of increased ET-1 production and decreased NO production (Lesniewski et al., 2008). The roles of IRS1 and−2 in insulin's vasoconstrictor actions have not been studied.

An important local regulator of insulin's vascular actions is perivascular adipose tissue (PVAT), which surrounds most vessels with an internal diameter >100 μm and consists of adipocytes, inflammatory cells and stem cells (Houben et al., 2012). Anatomical locations of PVAT include the aorta as well as the vascular networks of muscle and the heart (Mazurek et al., 2003; Verlohren et al., 2004; Meijer et al., 2015). PVAT serves as a source of adipokines which exert control over endothelial responses to insulin and other vasoactive stimuli (Greenstein et al., 2009). Understanding the signaling pathway between PVAT and the vasculature potentially uncovers new therapeutic targets to treat disorders such as hypertension and DM2. Resistance to insulin-induced vasodilatation is better understood when taking the continuous interplay between PVAT and the vasculature into consideration. PVAT secretes adiponectin which signals through AMP-activated protein kinase (AMPK) and Akt to stimulate NO production, uncovering insulin-mediated vasodilation (Meijer et al., 2015; de Boer et al., 2016). We have previously shown that PVAT from db/db mice secretes less adiponectin and fails to induce insulin-mediated vasodilation when compared to wild-type PVAT (Meijer et al., 2013). Thus, qualities inherent to PVAT are important in endothelial reactivity to insulin.

Genetic mutations in IRS1 and IRS2 have been associated with DM2 and impaired vascular function (Jiang et al., 1999; Esposito et al., 2003; Bodhini et al., 2007). Aside from its role in insulin signal transduction (Sun et al., 1995), IRS2 functions independently in insulin growth factor-1 (IGF-1) and anti-inflammatory cytokine signaling (O'Connor et al., 2007). Mice lacking IRS2 show insulin resistance and beta-cell failure, resulting in peripheral insulin resistance and DM2 after 8–10 weeks of age (Kubota et al., 2000; Withers et al., 2014). Importantly, IRS2 also regulates endocrine functions of adipose tissue, inhibiting fatty acid synthesis (Previs et al., 2000). Moreover, insulin's effects on adipose tissue have been shown to control glucose uptake in muscle (Abel et al., 2001). Despite the recognition that IRS2 plays an important role in glucose homeostasis and adipose tissue function, the role of IRS2 in PVAT function is unknown.

The aim of this study was to elucidate the role of IRS2 in control of muscle perfusion by insulin and as well as the mechanisms involved. To this end, we used the ex vivo pressure myograph to investigate effects of insulin on muscle resistance arteries (RA) in the absence and presence of PVAT.

MATERIALS AND METHODS

Animals

Animal experiments were performed in accordance with the European Community Council Directive 2010/63/EU for laboratory animal care and the Dutch Law on animal experimentation. The experimental protocol was validated and approved by the local committee on animal experimentation of the VU University Medical Center. Male C57Bl/6NCrl mice (further indicated as Bl6) were bred in-house (obtained from Harlan, Horst, the Netherlands). Male IRS2+/+ and IRS2−/− mice, on a hybrid background of the Bl6 and SV129 mice strains (Jackson Laboratories, Maine, USA), were obtained by heterozygous breeding. PCR was used to confirm the genotype of the mice as described (Withers et al., 1999) with primers: 5′-GTCATCAGGACATAGCGTTGG-3′,5′-CTTGGCTACCATGTTGTTATTGTC-3′, 5′-AGTTCTGGAGGTTTACTTTCCTAG-3′. Sv129 mice (Jackson laboratories, Maine, USA) were used to check for differences in genetic background in insulin responses. Mice were housed in standard cages and were fed chow diet and water ad libitum. Mice were sacrificed by isoflurane overdose after overnight fasting at 8 weeks age.

Vasoreactivity Experiments

First-order RA from the gracilis muscle were isolated from lean Bl6, IRS2+/+ and IRS2−/− mice after an overnight fast. PVAT surrounding the RA of Bl6, IRS2+/+ and IRS2−/− mice was isolated from the section of the RA between its origin at the femoral artery and its first major side branch within the gracilis muscle as described (Meijer et al., 2013). RA's were cannulated in a pressure myograph and studied at a pressure of 80 mmHg and a temperature of 37°C in K-MOPS buffer with a KCl concentration of 25 mM, as described previously (Meijer et al., 2013).

RA's were randomly assigned to incubation either without PVAT (n = 9) or with IRS2+/+ (n = 9) and IRS2−/− PVAT (n = 10) with approximately equal amounts PVAT used in each condition. Preconstriction of 40% was achieved with KCl, the inner diameter of RA's was recorded to determine baseline diameter and diameter changes induced by four concentrations of insulin (0.01, 0.1, 1, and 10 nM) (Novorapid; Novo Nordisk, Bagsværd, Denmark), each exposure being for 30 min. The three lowest insulin concentrations of insulin are within the physiological range, with the third concentration (1 nM) corresponding to postprandial levels, whereas the fourth concentration is pharmacological. Smooth muscle function was tested as KCl-induced vasoconstriction and only vessels which showed a constriction of >40% of their maximal diameters were used for experiments. Endothelial integrity was determined by measuring responses to the endothelium-dependent vasodilator acetylcholine 1*10−7 M (ACh) and the end of each experiment, an RA failing to achieve at least 10% vasodilation to ACh were excluded from all analyses. The role of ET-1 was assessed by pre-treatment for 30 min with the non-selective ET-1 receptor antagonist (PD142893: 10 μM, Kordia, Leiden, the Netherlands) before the addition of insulin. The vasomotor response to insulin was expressed as a percentage of the baseline diameter, i.e., the vessel diameter immediately before addition of the first concentration of insulin.

Western Blot

Protein analyses were performed by Western blotting, as described (Meijer et al., 2013). Segment of RA from IRS2+/+ and IRS2−/− mice were exposed to solvent or to insulin for 15 min at 37°C. In order to study the effects of PVAT on the RA, IRS2+/+ and IRS2−/− PVAT were isolated from overnight fasted mice and then incubated in 100 μl MOPS buffer with 1% of bovine serum albumin (BSA). PVAT samples were stimulated with either solvent or 10 nM insulin for 30 min in a 96 well-plate. Thereafter, freshly isolated femoral artery segments from fasted 8 week old Bl6 mice were added to the PVAT wells and incubated at 37°C for 15 min. Femoral artery segments were used in order to obtain appropriate amounts of protein for Western blotting. The artery segments were snap frozen in liquid nitrogen and savedat −80°C till further analysis. The protein lysates were stained with a specific primary antibody against Ser 473 phosphorylated Akt (antibodies obtained from Cell Signaling Technology, Boston, MA, USA) and were visualized with a chemiluminescence kit (GE Healthcare, Diegem, Belgium). A specific primary antibody against ERK1/2 (1:1,000; New England Biolabs, Ipswich, USA) was used to examine ERK1/2 activation. Differences in phosphorylated protein of Akt at ser 473 were adjusted for differences in the total Akt protein staining.

Adipokine Secretion

PVAT-conditioned media were prepared and the amount of secreted adipokines were quantified using the mouse magnetic-bead adipokine milliplex multianalyte ELISA kit (Millipore, Amsterdam, the Netherlands) and detected using the Luminex system. Freshly isolated PVAT from fasted IRS2+/+ (n = 7) and IRS2−/− (n = 5) mice in amounts of comparable size were incubated in 100 μl MOPS buffer with 1% of BSA and stimulated with either solvent or 10 nM insulin at 37°C for 45 min in a 96 well-plate. The conditioned media were snap frozen in liquid nitrogen and saved at −80°C till further analysis. Adiponectin, IL-6, Leptin, MCP-1, PAI-1 (Total), Resistin, and TNF-α concentrations in the conditioned media were measured in duplicate and averaged. Data are corrected for the PVAT weight that was used in the incubation.

Real Time Quantitative Polymerase Chain Reaction (qRT-PCR)

Total RNA was extracted from PVAT using a miRCURY RNA isolation kit (Exiqon). PVAT RNA was reversely transcribed and amplified using Ovation PicoSL WTA System V2 (Nugen). Quantitative PCR was performed using a commercial SYBR green mastermix (Biorad) and specific primers (available upon request) for pro-inflammatory genes (TNF-α and CCL2) and adipokines (adiponectin, leptin, and endothelin-1). IRS1 expression was evaluated to check for compensation to IRS2 knockout. Data were corrected for the geometric mean of ribosomal protein S15 (Rps15) and expressed relative to the wild type PVAT.

Histology

PVAT surrounding the RA was excised together with part of the underlying muscle and stored overnight in buffered formaldehyde (4%) and embedded in paraffin. For histochemical analysis, slices with a thickness of 5 μm were dewaxed, rehydrated and stained with hematoxylin and eosin (H&E). The cross-sectional area of adipocytes was analyzed in blinded fashion using Image J software.

Blood Pressure and Heart Rate Measurements

Blood pressure and heart rate of IRS2+/+ and IRS2−/− were determined under stress-free conditions using radio telemetry as described (Aman et al., 2012).

Statistical Analysis

Values are expressed as mean ± SEM. Steady-state responses are reported as mean change from baseline (percentages) ± SEM. Differences in insulin-induced vasoreactivity were performed using two-way ANOVA. Tukey post-hoc test was where appropriate. Differences in IHC analyses and in protein phosphorylation as found by Western blot were determined using unpaired student t-test. Phosphorylation was expressed as the fold increase over the unstimulated controls, assigning a value of 1 to the control. qRT-PCR data was log2 transformed before statistical analysis. Differences with p < 0.05 were considered statistically significant. Analyses were performed with GraphPad Prism 6.0 (GraphPad software, San Diego, CA, USA).

RESULTS

General Characteristics of IRS2+/+ and IRS2−/−Mice

IRS2+/+ and IRS2−/−littermates had similar body weights (23 ± 1 and 24 ± 1 g, respectively, Table 1). IRS2−/− mice had higher non-fasting levels of plasma insulin (9 ± 1 vs. 20 ± 2 μU/ml, p < 0.01) and exhibited fasting hyperglycemia (5.3 ± 0.57 vs. 12.6 ± 2.7 mMol/l, p < 0.05) than IRS2+/+. IRS2−/− mice showed a small decrease in blood pressure compare to their IRS2+/+ littermates (Table 1).


Table 1. General characteristics of IRS2-deficient and wild-type littermates at 8 weeks of age.

[image: image]



Insulin-Mediated Vasoreactivity in IRS2+/+ and IRS2−/− Muscle Resistance Arteries

To gain insight into the role of IRS2 in insulin-dependent vasoreactivity in muscle, we first examined the reactivity of IRS2+/+ and IRS2−/− gracilis muscle RA obtained from IRS2+/+ and IRS2−/− mice in response to insulin and other vasoactive molecules.IRS2+/+ and IRS2−/−RA showed normal endothelial and smooth muscle function, as reflected by responses to acetylcholine (Figure 1A), sodium nitroprusside (Figure 1B), and exogenous ET-1 (Figure 1C). The maximal diameter of IRS2−/− RA was reduced compared to IRS2+/+ RA (111 ± 6 vs. 127 ± 5 micron, P < 0.05), and basal vascular tone in the presence of 25 mM potassium was 34 ± 2% in IRS2+/+ and 27 ± 4% in IRS2−/− RA (P = 0.11). Unexpectedly, insulin induced vasoconstriction in isolated IRS2+/+RA, which was inhibited by the non-selective ET-1 receptor antagonist PD142893 (Figures 2A,B). This confirms the critical role of endothelin-1 ininsulin's vasoconstrictor effects, and shows a decreased contribution of NO to insulin-mediated vasoreactivity in IRS2+/+ RA. In IRS2−/− mice, no vasoconstrictor response was observed during exposure of the isolated arteries to insulin, nor in the presence of the ET-1 receptor antagonist (Figure 2B). Mechanistically, the insulin-induced phosphorylation of ERK1/2 was impaired in IRS2−/− RA compared to IRS2+/+ RA (Figure 2C), whereas insulin-stimulated activation of Akt was similar (Figure 2D). This indicates that the stimulation of ERK1/2-ET-1 activity by insulin requires IRS2.
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FIGURE 1. Vasoregulatory responses in resistance arteries of IRS2−/− mice without PVAT. In all experiments on tissues of IRS2−/− mice, their IRS2+/+ littermates were the control strain. Acetylcholine, ACh (A); sodium nitroprusside, SNP (B) and ET-1 (C) were similar in IRS2+/+ (°, n = 5) and IRS2−/− resistance arteries (•, n = 6).
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FIGURE 2. IRS2 mediates insulin-stimulated ERK1/2-ET-1 activity in muscle resistance arteries without PVAT. Responses of IRS2+/+ and IRS2−/− RA to insulin (A) and during endothelin receptor blockade using PD142893 (10ulMol/l) (B), n = 5, *p < 0.01 vs. IRS2+/+. (C,D): IRS2 deletion decreases insulin-stimulated phosphorylation of ERK1/2, but not of Akt in muscle RA. ERK1/2 and Akt phosphorylation were compared between insulin stimulation (2 nM) (black bars) and the control situation (white bars) in segments of the gracilis RA from IRS2+/+ (n = 8) and IRS2−/− (n = 9) mice, *p < 0.05; #p < 0.01 vs. control.



The observed insulin-induced vasoconstriction of isolated IRS2+/+ RA contrasts with the response of C57Bl/6 mice (Meijer et al., 2013), which vasodilate in response to insulin during ET-1 receptor inhibition and during incubation with PVAT of lean Bl6 mice (data not shown). As the IRS2 mice used in this study are bred on a mixed background of the mouse strains C57Bl/6 and SV129, we tested whether the Sv129 background caused the vasoconstrictor response by studying insulin responses of isolated RA from SV129 mice. Insulin indeed induced vasoconstriction in arteries from SV129 mice, while it had no net effect on the diameter of C57Bl/6 RA (Figure S1A). Endothelial function (response to acetylcholine-mediated vasodilation) was not different between the two strains (Figure S1B). Collectively, arteries from different mouse strains can display different responses to insulin. For this reason and to facilitate comparability with other experiments, we proceeded by studying the effect of PVAT obtained from IRS2+/+ and IRS2−/− mice on RA's obtained from C57Bl/6 mice. RA's from C57/Bl6 mice had a maximal diameter of 137 ± 5 microns.

PVAT From IRS2+/+ but Not IRS2−/−Mice Uncovers Insulin-Induced Vasodilation in Resistance Arteries

To study the interaction between PVAT and insulin-induced vasoreactivity of isolated muscle RA's, PVAT of IRS2+/+ and IRS2−/− littermates was co-incubated with RA's in the pressure myograph for 45 min. Insulin (10 nM) induced vasodilation in the presence of IRS2+/+ PVAT (17.2 ± 4.9%, N = 9; Figure 3A). On the other hand, insulin failed to induce diameter change in arteries incubated with IRS2−/− PVAT (−7.3 ± 4.7%, N = 10) or without the presence of PVAT (0.4 ± 4.1%, N = 9). Baseline vessel tone was not different in RA's (n = 28) in the presence of either IRS2+/+ PVAT orIRS2−/− PVAT nor was acetylcholine-induced vasodilation (Figures 3B,C).
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FIGURE 3. IRS2−/− PVAT does not uncover insulin-mediated vasodilation. (A) Arteries obtained from C57/Bl6 mice were incubated with PVAT from IRS2+/+ and IRS2−/− littermates and stimulated with increasing doses of insulin. Incubation with IRS2+/+ PVAT, allowed the artery to dilate in reaction insulin in dose-dependent manner (17.2 ± 4.9% dilation in response to highest (insulin), p < 0.0001, N = 9,) while arteries that were incubated with IRS2−/− PVAT or were deprived of PVAT did not react to insulin (−7.3 ± 4.7%, N = 10 and 0.4 ± 4.1%, N = 9, respectively; p = 0.17). Data are presented as mean ± SEM, tested with two-way ANOVA with Tukey post-hoc correction. (B) At the end of the experiment, endothelial integrity was examined by stimulating the arteries with acetylcholine. All the arteries that were included in the analyses in (A) had at least 60% dilation in response to acetylcholine—cutoff point to rule out endothelialdamage. (C) PVAT did not affect the percentage of arteriolar preconstriction in the organ bath. (D) Adipocyte size in IRS2+/+ PVAT (412.1 ± 58.7 μm) are smaller (p = 0.03) than adipocytes in IRS2−/− PVAT (914.7 ± 63. 2 μm). Data are presented as mean ± SEM, tested with unpaired t-test. (D,E): Morphology of IRS2+/+ and IRS2−/− PVAT at the site of the gracilis resistance artery. (E,F) are at the same magnification. M: muscle.



Adipocyte Size Is Increased in PVAT of IRS2−/− Mice

To quantify the effects of IRS2 deletion on the morphology and inflammatory status of PVAT, adipocyte area and macrophage infiltration were investigated. Adipocyte area was significantly (p = 0.0013) larger in IRS2−/− PVAT (1,314 ± 161 μm2) compared to IRS2+/+ (915 ± 63 μm2) (Figure 3D). Leukocyte infiltration assessed in tissue slices was not quantifiable in PVAT of both genotypes. IRS2 mRNA levels in PVAT were confirmed to be absent in IRS2−/− PVAT (Figure 4A). To check for compensation for IRS2 knockout, we measured IRS1 mRNA expression and we found no differences between IRS+/+ and IRS−/− PVAT (Figure 4B).
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FIGURE 4. IRS2−/−PVAT does not show increased inflammatory gene expression. (A,B) IRS expression in IRS2−/− mice. (C,D) IRS2 deficiency does not alter adiponectin and leptin expression in PVAT. (E,F) IRS2 deficiency does not enhance inflammatory gene expression in PVAT. Data were log-transformed prior to statistical analysis as described in section Methods. APN, Adiponectin.



Adiponectin Expression and Secretion From IRS2−/− PVAT Are Similar to IRS2+/+ PVAT

To elucidate the mechanisms involved in the interaction of intramuscular PVAT with insulin-induced vasoreactivity, we examined the role of several secreted adipokines in this interaction. Adiponectin secretion was similar between IRS2+/+ and IRS2−/− PVAT conditioned media (Figure 5A), as was Adiponectin mRNA in PVAT between IRS2+/+ and IRS2−/− mice (Figure 4C). Despite the increase in adipocyte size, leptin expression was similar between IRS2+/+ and IRS2−/− PVAT (Figure 4D). Other adipokines and inflammatory markers were also studied. Levels of TNF-α and MCP-1 were undetectable in PVAT-conditioned medium (data not shown). Moreover, TNF-α mRNA levels were low in IRS2+/+ and IRS2−/− PVAT (Figure 4E) while mRNA levels of CCL2 were similar between IRS2+/+ and IRS2−/− PVAT (Figure 4F). There were no differences between IRS2+/+ and IRS2−/− in the amounts of secreted PAI-1, IL-6, Leptin (Figures 5B,D,E). Unexpectedly, we found that IRS2 deficiency decreases resistin secretion by PVAT (Figure 5C), demonstrating that IRS2 deficiency does alter the secretory function of PVAT.
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FIGURE 5. IRS2−/− PVAT secretes equal amounts of Adiponectin compared to wild-type PVAT. There are no significant differences between IRS2+/+ and IRS2−/− PVAT in (A) adiponectin, (B) IL6, (D) Leptin, (E) PAI-1. (C) Resistin secretion is decreasedin IRS2−/− PVAT. Insulin stimulation did not affect the secretion of the measured adipokines. The amounts of MCP-1 and TNF-α were below the detection limitof the assay.



Normal Phosphorylation of Akt in Response to Insulin in Arteries Incubated With IRS2−/− PVAT

To further study the insulin-induced vasodilator pathway, which is mediated through Akt and eNOS phosphorylation, phosphorylation of Akt was studied in the presence of IRS2+/+ and IRS2−/− PVAT. The phosphorylation of Akt in femoral artery segments of C57Bl/6 mice was significantly increased after insulin stimulation in the presence of IRS2+/+ as well as IRS2−/− PVAT (Figure 6).


[image: image]

FIGURE 6. Normal insulin-stimulated phosphorylation of Akt in arteries incubated with IRS2−/− PVAT. Insulin stimulation for 15 min resulted in strong Akt phosphorylation with no differences between incubation with IRS2−/−or wildtype PVAT.
 


DISCUSSION

The main findings of this study are fourfold: (1) IRS2 in the vessel wall of muscle RA is more involved in the ERK1/2-Endothelin-1 pathway than in the Akt-NO pathway of insulin signaling, (2) IRS2−/− PVAT loses its ability to induce insulin-mediated vasodilation in skeletal muscle RA, (3) this is accompanied by increased adipocyte area in IRS2−/− PVAT with no signs of increased inflammation, (4) adiponectin secretion is similar between IRS2−/− PVAT and wildtype PVAT. A graphical summary of our findings is depicted in Figure 7.

It has been shown that IRS2 is a major IRS isoform expressed in endothelial cells (Kubota et al., 2003). In their important work, Kubota et al. (2003) showed that mice lacking IRS2 in endothelial cells had impaired insulin-induced eNOS phosphorylation. This resulted in a reduced insulin-mediated microvascular recruitment and a decrease in muscle glucose uptake. Insulin induces a strong vasoconstriction in the IRS2+/+ arteries which is completely dependent on ET-1 (Figure 2). We found out that this is due the difference in mouse strains as the Sv129-strain is less sensitive to insulin-mediated NO production in the vascular wall (Supplemental Figure S1). Importantly, the arteries that displayed vasoconstriction were in an experimental setup that is deprived of IRS2+/+ PVAT. Nevertheless, this insulin-induced vasoconstriction observed in IRS2+/+ RA is different than our earlier observations in human and Bl6 arteries that did not show insulin-induced vasoconstriction. Moreover, these arteries showed insulin-mediated vasodilation after preincubation with PVAT from lean mice. This is why we decided to proceed with our experimental set-up using RA obtained from Bl6 mice and constantly comparing the IRS2−/− PVAT with PVAT obtained from their wildtype littermates. We show in our study that the absence of IRS2 in PVAT is sufficient to abrogate the PVAT-assisted insulin-mediated vasodilation of skeletal muscle RA despite the fact that these arteries were functionally normal (Figure 3A). In their seminal work, Abel et al. showed that alterations in adipocyte inherent characteristics resulted in a decreased muscle glucose uptake (Abel et al., 2001). This means that adipose tissue is capable of (in)directly altering the capacity of the body to regulate glucose homeostasis. In their study, however, the authors did not specifically examine the function of PVAT in these mice.

Kubota et al. have reported that the expression of IRS2 in endothelial cells is reduced by high fat diet in mice (Kubota et al., 2003). Conditions of calorie excess lead to a low-grade inflammation and production of pro-inflammatory cytokines (TNF-α and IL-6) from adipose tissue (Yudkin et al., 1999, 2005) which inhibits adiponectin secretion (Tilg and Moschen, 2006). Indeed, PVAT anticontractile properties are lost due to inflammation (Greenstein et al., 2009; Withers et al., 2011). After we observed that IRS2−/− PVAT has lost its vasodilatory capacity, we looked at inflammatory signs in this tissue. Literature has shown that, as fat mass increases in obesity, the size of adipocytes increases. In our study, adipocytes in IRS2−/− PVAT were larger than IRS2+/+ PVAT (Figure 3D). PVAT hypertrophy in IRS2−/− mice may be caused by decreased resistin expression, as resistin stimulates lipolysis (Ort et al., 2005). (Mita et al., 2011) showed that IRS2-deficient macrophages accumulate in the vascular wall; eventual accumulation in PVAT is expected since PVAT is vascularized. In our study, however, we failed to show signs of inflammation in IRS2−/− PVAT. First, macrophage staining in PVAT samples was not quantifiable because of the small size of PVAT samples and low prevalence of leukocytes (data not shown). Second, there were no differences in IL-6 secretion from IRS2−/− and wildtype PVAT and the concentration of TNF-α was low (Figure 5). Third, we did not find differences in CCL2 and TNF-α mRNA expression levels between IRS2−/− and wild-type PVAT. It would be interesting to quantify markers of inflammation in IRS2−/− PVAT obtained from older mice to study age related changes in PVAT in conditions of IRS2 deficiency. However the functional defects of IRS2-deficient PVAT are unlikely to be caused by exaggerated inflammation.

Adiponectin is an important modulator of many metabolic processes and has been shown to increase insulin sensitivity and improve vascular function (Funahashi et al., 1999; Yokota et al., 2000; Laakso, 2001). The concentration of adiponectin is inversely associated with DM2 (Duncan et al., 2004; Luo et al., 2010). Adiponectin binds its receptor and activates AMPKα1α2 which eventually stimulates Akt phosphorylation and NO production (Eringa et al., 2006; de Boer et al., 2016). In the current study, however, we did not see differences in the secretion of adiponectin (Figure 5A) or expression levels thereof in IRS2−/− and IRS2+/+ PVAT (Figure 4C). To confirm this, Akt phosphorylation in wild-type arteries incubated with IRS2-deficient PVAT was comparable to incubation with wild-type PVAT after insulin stimulation (Figure 6). The failure of arteries to dilate in response to insulin after incubation with IRS2−/− PVAT despite a normal Akt phosphorylation prompted us to measure eNOS phosphorylation. However, we were unsuccessful to this end due to the small amounts of eNOS protein in resistancearteries. Collectively, our results suggest that the failure of the vasodilator capacity in IRS2−/− PVAT stems from changes in molecules other than adiponectin that directly affects eNOS phosphorylation. In previous publications, we showed that db/db PVAT has lost its vasodilator capacity which was accompanied by a decreased adiponectin secretion; however, adding recombinant adiponectin to db/db PVAT only partially restored insulin-induced vasodilation, suggesting that other adipokines contribute to PVAT vasodilator capacity (Meijer et al., 2013). Previs et al. have shown that IRS2-deficient adipocytes fail to attenuate lipolysis in response to insulin (Previs et al., 2000). Hence, Free Fatty Acids (FFA) are probable contributors to the impaired vasodilatory capacity of PVAT in IRS2-deficient mice. Moreover, we have previously shown (Bakker et al., 2008) that activation of PKCtheta by the FFA palmitic acid reduces insulin-mediated Akt phosphorylation (Ser(473), which is crucial in insulin-mediated activation of eNOS) while increasing ERK1/2 phosphorylation. Based on our data, we propose the following working hypothesis (depicted in Figure 7). In the healthy situation, insulin mediates vasodilation by inducing autophosphorylation of its receptor which results in phosphorylation of IRS-1 and -2 and eventually activating Akt and endothelial Nitric Oxide Synthase (eNOS) to produce NO. The PVAT secretes the necessary adipokines (represented by adiponectin) that enhance NO production in endothelial cells.IRS2-deficient PVAT fails to uncover insulin-mediated vasodilation in muscle RA. Probable mechanisms do not involve adiponectin, but rather involve direct mediators that are released from PVAT (such as FFA) that interact with eNOS to reduce NO production.
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FIGURE 7. Dual role of IRS2 in regulation of insulin-induced vasoreactivity in muscle. (A) In health, insulin induces vasodilation by activating its receptor, resulting in phosphorylation and activation of insulin receptor substrates (IRSs) 1 and 2.both IRS isoforms are involved inAkt and endothelial Nitric Oxide Synthase (eNOS) activation, while IRS2 mediates insulin-induced activation of ERK1/2. Perivascular adipose tissue (PVAT) secretes vasodilator adipokines such adiponectin that reduce endothelin (ET-1) secretion (de Boer et al., 2016) and enhance NO production in endothelial cells through AMPK (Eringa et al., 2010). (B) IRS2-deficient PVAT fails to uncover insulin-mediated vasodilation in muscle arteries. Probable mechanisms aredirect mediators that are released from PVAT that interact with eNOS to reduce NO production, such as free fatty acids (FFA) (Previs et al., 2000).



Study Limitations

In parallel with the findings of this study, there are a number of limitations that need to be considered. First, at 8 weeks of age, IRS2−/− mice showed hyperinsulinemia and hyperglycemia (Table 1). Hence, it is not possible to delineate whether the dysfunction in IRS2−/− PVAT is due to a direct role of IRS2 absence in PVAT signaling or due to an indirect role of the alteredmetabolic milieu. To account for this, we included young (~8–10 weeks) mice in our study which have minimal to mild whole-body metabolic dysregulation when compared to older IRS2−/− mice. Previously, we have found that short term exposure of muscle RA to 10 mM of glucose does not alter their functional properties (Eringa et al., 2002). Moreover, we made our observation in an ex vivo set up wherein the PVAT and the arteries were incubated in a physiological buffer before the start of the experimental measurement. Hence, the indirect effects of whole-body metabolic dysregulation on PVAT phenotype in IRS2−/− mice were kept to a minimum. It should be noted that while hyperglycemia-mediated effects of IRS2 deficiency cannot be fully excluded, these effects are relevant to PVAT dysfunction in DM2. Second, the adipokine secretion pattern or IRS2−/− PVAT observed in this study is highlighted by a paradoxical decrease in resistin secretion. We cannot fully explain this finding, but the low inflammation in IRS2−/− PVAT (Figures 4E,F) may contribute as macrophages are an important source of resistin (Qatanani et al., 2009). Third, as the PVAT in our study is missing IRS2 in all of its components (adipocytes, endothelial cells, macrophages), further experiments are needed to decipher the role of IRS2 deletion in the endothelium of PVAT. Lastly, it was not possible to measure the amount of Endothelin-1 released from the cannulated vessels in the organ bath; challenges arose in performing the in vitro analyses of this study due to the small amount of PVAT and small-sized arteries obtained from the mice.

In conclusion, we show in this study that in the muscle microcirculation IRS2 directly mediates insulin's vasoconstrictor effects in the vascular wall while indirectly mediating its vasodilator effects by controlling vasodilator actions of PVAT. IRS2 inactivation in PVAT abolishes its vasodilator capacity independently from adiponectin secretion or inflammation in PVAT. Future research should focus on detailed analysis of the PVAT secretome in IRS2-deficient PVAT to gain further insight into adipose tissue dysfunction in insulin-resistant individuals.
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Obesity is associated with increased risk of premature death, morbidity, and mortality from several cardiovascular diseases (CVDs), including stroke, coronary heart disease (CHD), myocardial infarction, and congestive heart failure. However, this is not a straightforward relationship. Although several studies have substantiated that obesity confers an independent and additive risk of all-cause and cardiovascular death, there is significant variability in these associations, with some lean individuals developing diseases and others remaining healthy despite severe obesity, the so-called metabolically healthy obese. Part of this variability has been attributed to the heterogeneity in both the distribution of body fat and the intrinsic properties of adipose tissue depots, including developmental origin, adipogenic and proliferative capacity, glucose and lipid metabolism, hormonal control, thermogenic ability, and vascularization. In obesity, these depot-specific differences translate into specific fat distribution patterns, which are closely associated with differential cardiometabolic risks. The adventitial fat layer, also known as perivascular adipose tissue (PVAT), is of major importance. Similar to the visceral adipose tissue, PVAT has a pathophysiological role in CVDs. PVAT influences vascular homeostasis by releasing numerous vasoactive factors, cytokines, and adipokines, which can readily target the underlying smooth muscle cell layers, regulating the vascular tone, distribution of blood flow, as well as angiogenesis, inflammatory processes, and redox status. In this review, we summarize the current knowledge and discuss the role of PVAT within the scope of adipose tissue as a major contributing factor to obesity-associated cardiovascular risk. Relevant clinical studies documenting the relationship between PVAT dysfunction and CVD with a focus on potential mechanisms by which PVAT contributes to obesity-related CVDs are pointed out.
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INTRODUCTION

Obesity is a fast-growing problem that is reaching epidemic magnitudes worldwide, affecting both children and adults (Ogden et al., 2016; Lim et al., 2017). This condition is defined as a disproportionate body weight for height with excessive fat accumulation that is frequently accompanied by mild, chronic, systemic inflammation (Gonzalez-Muniesa et al., 2017). There is emerging body of scientific, medical, and behavioral data showing that central deposition of adipose tissue is associated with elevated risk of morbidity and mortality due to several cardiovascular complications, including stroke, congestive heart failure, myocardial infarction, and cardiovascular death, and this is independent of the association between obesity and the components of the metabolic syndrome and other cardiovascular risk factors (Arnlöv et al., 2010; Williams et al., 2015). Previous support for this understanding was provided by the American Heart Association in 1998, which has reclassified obesity as a major, modifiable risk factor for coronary heart disease (CHD) (Eckel and Krauss, 1998).

Besides being considered the largest energetic reservoir in the body, white adipose tissue (WAT) has been recognized as a remarkably complex endocrine organ that produces and secretes several substances with endocrine, paracrine, and autocrine functions, acting as a major regulator of systemic energy homeostasis (Rosen and Spiegelman, 2014). In obesity, adipose tissue may become dysfunctional and fail to appropriately expand to store the excess energy. This results in ectopic fat deposition in other tissues that regulate metabolic homeostasis (Tchoukalova et al., 2010). WAT expansion has been associated with numerous local consequences, including inflammation (Apovian et al., 2008), fibrosis (Henegar et al., 2008), hypoxia (Jiang et al., 2011), dysregulated adipokine secretion (Jernås et al., 2006; Skurk et al., 2007), and disrupted mitochondrial function (Heinonen et al., 2015). The whole-body consequences of WAT dysfunction include abnormal glucose and lipid metabolism, insulin resistance, increase in blood pressure, coagulation, fibrinolysis, inflammation, and endothelial dysfunction, all of which provide important mechanisms linking obesity to cardiovascular disease (CVD).

In addition to abdominal adiposity, recent evidence indicates that perivascular adipose tissue (PVAT) produces and releases a wide variety of adipokines and other factors that exert a paracrine influence on the vascular function, not only in veins and conductance arteries, but also in vessels of smaller caliber, which are essential in the regulation of blood pressure (Iozzo, 2011; Aghamohammadzadeh et al., 2012; Malinowski et al., 2013; Szasz et al., 2013). Although PVAT has been considered an inherent component that provides structural support to the vessels, now it is clear that this tissue possesses the dynamic capacity to mobilize near vessels with the potential for cellular communication and control of vascular function (Sacks and Fain, 2007; Chatterjee et al., 2009). Local accumulation of perivascular adipocytes has been consistently associated with the development of cardiometabolic complications in obesity (Chang et al., 2013; Lim and Meigs, 2014). In fact, adipose tissue surrounding the heart has been clinically associated with coronary artery disease (Cheng et al., 2008; Clément et al., 2009; Company et al., 2010), which reinforces the evidence that local adipose tissue accumulation can constitute an important regulator of cardiovascular function and a mediator of the development and progression of CVDs. The present review provides a comprehensive overview on the role of PVAT within the scope of adipose tissue as a major contributing factor to obesity-associated cardiovascular risk. We will also highlight the relevant clinical studies documenting the relationship between PVAT dysfunction and CVD and the potential mechanisms by which PVAT contributes to obesity-related cardiovascular complications.

OBESITY AND CARDIOVASCULAR RISK

Over the past decades, an explosive increase in overweight and obesity prevalence has taken place in most of the high-income countries (Vandevijvere et al., 2015). Several recent reviews have also shown significant increases in the prevalence of these conditions in low- and middle-income countries, affecting both men and women, adults and children (Gupta et al., 2012; Popkin and Slining, 2013; Sayon-Orea et al., 2013; Yatsuya et al., 2014). Although there are great variations in the prevalence and trends of overweight and obesity among different regions, the numbers have been projected to further increase in coming years (Gupta et al., 2012; Popkin and Slining, 2013; Sayon-Orea et al., 2013; Yatsuya et al., 2014; Poobalan and Aucott, 2016). The percentage of adults with a body mass index (BMI) ≥25 kg/m2 between 1980 and 2013 increased in men and women from 28.8% (95% UI: 28.4–29.3) to 36.9% (36.3–37.4), and from 29.8 to 38%, respectively. Among children and adolescents, in 2013, 23.8% (22.9–24.7) of boys and 22.6% (21.7–23.6) of girls were either overweight or obese in developed countries (Ng et al., 2014). The prevalence rate in developing countries elevated from 8.1% (7.7–8.6) to 12.9% (12.3–13.5) for boys and from 8.4% (8.1–8.8) to 13.4% (13.0–13.9) in girls, in 2013. The World Health Organization (WHO) estimated that more than 2.1 billion adults were overweight or obese globally in 2014. By 2030, estimations predict that 57.8% of the adult population will have a BMI of 25 kg/m2 or higher (Kelly et al., 2008; Finkelstein et al., 2012). As such, the adverse health consequences of obesity, particularly the burden of CVDs are expected to increase in coming years.

In adults, obesity generally presents as an excess of body weight and adipose tissue, which is clinically assessed by the BMI, calculated by the weight in kilograms divided by the height in square meters (Garrow and Webster, 1985). The idea that BMI is associated with higher all-cause morbidity/mortality risk is supported by a wealth of epidemiological and clinical data (Borrell and Samuel, 2014; Yang et al., 2016; Kong et al., 2017). However, a recent comprehensive estimation, resulting from a systematic review on the association of all-cause mortality in adults with BMI categories used in the United States and internationally, demonstrated that while grades 2 and 3 obesity are both associated with significantly higher all-cause mortality, overweight (defined as a BMI of 25 – <30) is associated with significantly lower overall mortality relative to the normal weight category. Furthermore, the authors did not find significant excess mortality associated with grade 1 obesity (BMI of 30 – <35) (Flegal et al., 2013), suggesting that cardiovascular risk and mortality are not simply associated with the amount of adipose tissue.

Adipose tissue is dispersed throughout the body in discrete depots ranging from 5 to 60% of total body weight (Cinti, 2001). More than 80% of the tissue is found subcutaneously, mainly in the abdominal, gluteal and femoral areas. Visceral adipose tissue and smaller depots close to organs represent the remaining 10–20% of total body fat in men and 5–10% in women (Lee et al., 2013). It has become increasingly evident that the regional body fat distribution, the size of each depot, the depot-related differences in adipose tissue function, and the balance between them are important for the individual cardiometabolic risk. For example, a peripheral adiposity in upper and lower extremities is favorable while the truncal adipose tissue deposition, which includes subcutaneous fat in thoracic and abdominal region and the fat in intrathoracic and intraabdominal regions, is detrimental and associated with increased mortality (Garg, 2004; McLaughlin et al., 2011). Moreover, for any given BMI-value, there is significant variability with some lean individuals developing disease and others exhibiting a better metabolic profile than expected for their adiposity profile (Samocha-Bonet et al., 2012). Lapidus et al. in 1980s, reported a stronger association of waist-to-hip circumference ratio, which reflects abdominal fat, with a 12-year incidence of myocardial infarction, angina pectoris, stroke, and death, when compared to other anthropometric measures (Lapidus et al., 1984). Subsequently, many clinical studies have established the superior capability of waist-to-hip ratio measure to predict CVD risk when compared to BMI.

The large-scale randomized factorial clinical trial study ADVANCE (Action in Diabetes and Vascular disease: Preterax and Diamicron-MR Controlled Evaluation) examined the relative importance of different adiposity markers in predicting CVD risk in a population of individuals with type 2 diabetes (Czernichow et al., 2011). After 9.1 years of follow up, investigators reported that waist-to-hip ratio is the best predictor of cardiovascular events and mortality in patients with type-2-diabetes while the BMI is the worst. The INTERHEART study, a large multiethnic case-control study of acute myocardial infarction, also evidenced a greater contribution for waist-to-hip ratios accounting for most of the risk of myocardial infarction when compared to BMI, in both sexes and at all ages (Yusuf et al., 2004). A meta-analysis using data pooled from 15 prospective studies that included more than 258,000 subjects reported a progressive increase in cardiovascular risk accompanying the increase in waist circumference and waist-to-hip ratios (de Koning et al., 2007). Specifically, every 1 cm of increase in waist circumference was associated with a 2% increased relative risk of cardiovascular event and a 0.01 increase in waist-to-hip ratio was associated with a 5% increase in risk of future CVD for both men and women. The Nurses' Health Study, one of the largest and longest studies to date that measured abdominal obesity, confirmed these findings using the waist circumference measure (Zhang et al., 2008). The investigators reported that during 16 years of follow-up in US women, elevated waist circumference was associated with significantly increased CVD mortality even among normal-weight women.

As obesity is strongly linked to comorbid conditions, including type 2 diabetes, hypertension, hypercholesterolemia, hypertriglyceridemia, and non-alcoholic fatty liver disease, these risk factors have been considered important intermediate steps in the causal relationship between obesity and CVD risk. From this perspective, there has been considerable debate about whether the adjustment for these risk factors in statistical models is necessary for the true absolute risk predicting CVD risk or whether such adjustments, rather than controlling for, may increase the overall risk of bias. In fact, the increased cardiovascular risk attributed to weight gain persists even after adjustment for the frequently observed co-existing risk factors. In 1983, a 26-year follow-up of participants in the Framingham Heart Study reported that this risk was particularly apparent for heart failure, but it was also identified with CHD, stroke, and death from CVD. Kenchaiah and colleagues also provided unequivocal evidence in 2002, using updated Framingham data. According to authors, approximately 11% of heart failure cases among men and 14% among women are attributable to obesity alone, suggesting that efforts to promote optimal body weight may reduce the risk of heart failure (Kenchaiah et al., 2002). A careful review of these studies further supports the idea that composition of adipose tissue is important for cardiovascular risk stratification and characterizes visceral adipose tissue as an incomparable pathogenic depot that confers risk beyond its contribution to overall adiposity. These constraints that govern the outcomes of obesity are described in a recent review by Mahmood et al. (2014) and emphasizes the importance of adipose tissue depots as potential components in assessing and predicting cardiometabolic risk.

SYSTEMIC ADIPOSE TISSUE DYSFUNCTION AND VASCULAR FUNCTION IN OBESITY

The WAT is no longer considered to be only a passive tissue for the storage of excess energy in the form of fat. There is now compelling evidence that this tissue acts as an endocrine organ that produces and releases biologically active compounds that regulate metabolic and cardiovascular homeostasis and undergoes pathological expansion during obesity (Waki and Tontonoz, 2007; Coelho et al., 2013). In addition to the better-known WAT, mammals also exhibit brown adipose tissue (BAT). Functional BAT in adult humans is localized to areas close to the clavicular, periaortic, cervical, and suprarenal regions (Cypess et al., 2009). BAT is an energy-expending organ that produces heat, and it is essential for adaptive thermogenesis. Adipocytes from BAT possess large numbers of mitochondria that contain a unique protein called uncoupling protein 1 (UCP1), which is a proton channel within the inner mitochondrial membrane involved in the dissipation of the proton motive force that is normally used to drive the synthesis of cellular ATP. Consequently, the energy in the mitochondrial electrochemical gradient is released in the form of heat (Cannon and Nedergaard, 2004). Indeed, evidence from clinical and experimental studies indicate that BAT activation increases thermogenesis (Lidell and Enerback, 2010). Recent reports have also unequivocally demonstrated that BAT exerts significant impact on whole-body energy homeostasis and that its activity profoundly influences body weight (Fruhbeck et al., 2009). In fact, overweight and obesity have been associated with lower BAT activity (Vijgen et al., 2011), which is increased after weight loss (Vijgen et al., 2012). Together with data obtained from rodent models (Vegiopoulos et al., 2010; Seale et al., 2011; Kiefer et al., 2012), these reports have drawn attention to BAT as an attractive target for the treatment of obesity and associated metabolic diseases. Hence, potent or permanent interventions targeting on induction of brown phenotype in adipose tissue depots will facilitate long term studies to investigate their precise role in driving metabolic diseases and to determine their potential to attenuate cardiovascular risk. However, it is discernible that such a critical approach will require layers of specificity, beyond the targeting of individual components of WAT, considering the possibility that factors involved in browning of specific adipose tissue depots may not share similar regulatory network.

A highly relevant factor for the understanding of the cardiovascular impact of increased adipose tissue mass is the recognition that adipocytes are endocrine and paracrine determinants of vascular function. The great question that arises from these observations is how excessive accumulation of adipose tissue could lead to the development of such dysfunction even at a distance. The answer to this question is provided by the evidence that adipose tissue is involved in the production of various proteins, collectively called adipokines (including chemokines, cytokines, and hormones) (Kershaw and Flier, 2004), which are secreted into the circulatory system and act in several physiological processes, including energy balance, immune responses, blood pressure, vascular homeostasis and angiogenesis, glucose and lipid metabolism, and even insulin sensitivity (Prins, 2002), all of which may contribute to the elevated cardiovascular risk associated with obesity (Weyer et al., 2000; Wang et al., 2005). The positive energy balance induces an expansion and remodeling of the adipose tissue that is initially driven by adipocyte hyperplasia mediated by the recruitment and proliferation of adipogenic progenitors followed by an increase in adipocyte hypertrophy (Hausman et al., 2001; Spalding et al., 2008), which lead to dysregulated secretion of adipokines and increased release of free fatty acids (Figure 1).
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FIGURE 1. Mechanisms by which systemic adipose tissue dysfunction could lead to the development of vascular dysfunction in obesity. Adipose tissue produces various chemokines, cytokines and hormones, which are secreted into the circulatory system and act in several physiological processes, including energy balance, immune responses, blood pressure, vascular homeostasis and angiogenesis, glucose and lipid metabolism. Expansion of the adipose tissue leads to necrotic and/or apoptotic cell death and this is paralleled by infiltration of activated macrophages, increased production of pro-inflammatory adipokines and reactive oxygen species, promoting a state of systemic endothelial cell activation and vascular dysfunction, all of which may contribute to the elevated cardiovascular risk associated with obesity.



Although the altered secretory function of adipose tissue is consistent with the idea that chronic obesity-related low-grade inflammation in adipose tissue is involved in the metabolic complications of obesity, it is important to consider that adipocytes in adipose tissue are not the only culprit. Regardless of the mechanisms of adipose tissue expansion, positive energy balance eventually leads to necrotic and/or apoptotic cell death and this is paralleled by quantitative and qualitative changes in the cellular composition and the phenotype of individual cells within adipose tissue (Weisberg et al., 2003). For example, adipose tissue from obese individuals is infiltrated by numerous activated macrophages, leading to increases in both absolute macrophage number and the relative level of macrophage-to-adipocyte ratio. In addition to this quantitative change, the macrophage phenotype is also altered by the obesity state. Macrophages that accumulate in adipose tissue of obese organisms tend to express genes associated with increased production of pro-inflammatory cytokines, express inducible nitric oxide synthase (iNOS), and produce high levels of reactive oxygen species (ROS), and nitrogen intermediates (Lumeng et al., 2007). Thus, it has become evident that interactions between the different cell types from enlarged and inflamed adipose tissue contribute to its overall impact on obesity-related disorders. In fact, some evidence exists that the release of some adipokines is even higher from the cells of the stroma-vascular fraction than from adipocytes (Chavey et al., 2009; Hamaguchi et al., 2012).

Adipose tissue dysfunction may also promote a state of systemic endothelial cell activation through the endocrine actions of inflammatory adipokines (Skurk et al., 2007; Dulloo et al., 2010). The impact of these adipokines on vascular function is not limited to the momentary regulation of the release of endothelium-derived vasoactive factors or regulation of vascular smooth muscle tone. Some adipokines may also profoundly affect local growth, migration, and inflammatory processes (Miao and Li, 2012). Obviously, these variety of products secreted by the adipose tissue, without even reporting the entirety of released adipokines, have provided promising possibilities for identifying novel biomarkers associated with obesity and the cardiovascular complications associated with this condition (Bagi et al., 2012; Barton et al., 2012). Although these studies set several adipokines into their functional context enhancing our current knowledge of the endocrine function of the adipose tissue, the identified proteins must be further validated regarding their expression, secretion and function. Translation of protein profiling results into clinical use will contribute to validate novel adipokines potentially representing a link between obesity and human disease. In this regard, studies must move from characterizing protein abundances to elaboration of their functional effects within cellular networks. However, since human genetic variability is estimated to contribute variations in the capacity of different adipose tissue depots to store and release fatty acids and to produce adipokines (White and Tchoukalova, 2014), and many of the direct genetic achievements are still being investigated for their causal impact on phenotypic outcomes, it is prudent to interpret both positive and negative results with caution. Integrated approaches including the analysis of multiple scientific fields will certainly enhance the understanding of this new physiological concept of interorgan crosstalk in the context of obesity.

PERIVASCULAR ADIPOSE TISSUE EFFECTS ON VASCULAR FUNCTION

Besides the endocrine role of adipose tissue, mediated by adipokines, a major emerging concept indicates that ectopic fat depots surrounding the heart and almost all systemic blood vessels, can also directly affect the cardiovascular function (Chang et al., 2013). These include: the PVAT, that is, the fat immediately adjacent to the adventitia of almost all arteries; the epicardial adipose tissue, which refers to the fat depot laying on the surface of the myocardium surrounding the coronary arteries; and the pericardial adipose tissue, the fat depot located between the visceral and parietal pericardium (Iozzo, 2011). Notably, this anatomical proximity of PVAT has an enormous influence on the cardiovascular system and highly vascularized organs (e.g., the kidney). In fact, over the past years, clinical and experimental evidence accumulated recognizing that PVAT not only stores triacylglycerols/triglycerides and free fatty acids, participating in energy metabolism, but also secretes a wide variety of biologically active molecules, including adipokines, such as leptin, adiponectin, chemerin, visfatin, resistin, tumor necrosis factor alpha (TNF-α), interleukin-6 (IL-6), interleukin-18 (IL-8), monocyte chemoattractant protein-1 (MCP-1), and plasminogen activator inhibitor 1 (PAI-1), which modulate vascular tone (Maenhaut and Van de Voorde, 2011), smooth muscle cells migration and proliferation (Miao and Li, 2012), neointimal hyperplasia and formation (Takaoka et al., 2010; Schroeter et al., 2013), inflammatory responses and oxidative stress (Salgado-Somoza et al., 2010). Most of these properties converge on endocrine-related effects, but also on a direct, paracrine influence in CVD, not only on large arteries and veins, but also in small and resistance vessels, and skeletal muscle microvessels, considered to be of greatest importance in blood pressure regulation, as has been reviewed elsewhere (Szasz et al., 2013; Xia and Li, 2017).

The structural and physiological characteristics of PVAT vary according to its location. In the mesenteric arteries, PVAT resembles WAT, with less differentiated adipocytes, poor vascularization, a specific profile of cytokines production/secretion, and contains infiltrates of macrophages, fibroblasts and cells of the immune system (Guzik et al., 2013). On the other hand, recent studies have demonstrated that PVAT of the thoracic aorta exhibits features that resemble BAT rather than WAT (Fitzgibbons et al., 2011; Chang et al., 2012), including expression of genes highly or solely expressed in the BAT, the presence of multilocular adipocytes and high abundance of mitochondria. Like BAT, PVAT is activated by cold and generates heat. Interestingly, the cold-induced activation of thermogenesis in PVAT is accompanied by attenuation of the atherosclerotic process in apolipoprotein E deficient mice (ApoE−/−), whereas such protection is lost in mice where PVAT is absent (Chang et al., 2012), indicating that the thermogenic properties of PVAT also mediate its vascular protective effects.

Consistent with the findings that thoracic aorta PVAT shares common characteristics with BAT, our group has recently demonstrated a potential role of mitochondria in periaortic adipose tissue as a source of mediators that could be involved in the modulation of vascular contraction along with the PVAT-derived relaxing factors (Costa et al., 2016). These are all exciting developments that have the potential to provide insight into new aspects of the specific nature and function of different adipose tissue depots while also places PVAT as a promising component of investigation regarding brown fat and its potential beneficial effects, including those on the vasculature. Further work is required to resolve interesting questions raised by these findings: are the precursor components of PVAT adipocytes distinct from those of white or BAT? Although the morphology and mRNA/protein profile of PVAT is evocative of classic BAT, is this tissue a true BAT? Recent studies have illustrated a remarkable possibility that the origin of PVAT adipocytes may so far be distinct from either white or brown adipocytes. Using a vascular smooth muscle cell (VSMC)-specific nuclear receptor activated by peroxisome proliferator-γ (PPARγ) deletion, Chang group generated mice completely devoid of PVAT in the aortic and mesenteric regions while both interscapular BAT and gonadal/inguinal/subcutaneous WAT remained intact, indicating that BAT, WAT, and PVAT have different origins (Chang et al., 2012). In this regard, the previous observation of Chatterjee's group demonstrated that in vitro differentiated human coronary artery perivascular adipocytes exhibit a distinct state of adipogenic differentiation and adipokine secretion when compared with adipocytes from subcutaneous or visceral adipose depots (Chatterjee et al., 2009), suggesting that PVAT exhibit a unique gene expression profile that underlies its role in vascular function. Although these well-established strategies provide extremely promising prospects, an unresolved question is the relative contribution of different brown and brown-like fat depots to metabolic and CVD in humans. Whether PVAT thermogenesis can be targeted for therapeutic purposes needs to be determined. It also seems clear that understanding the differences between PVAT depots, specifically, the functional analysis of bioenergetics in this tissue and its impact on systemic metabolism is a very promising approach in the context of metabolism and the etiology of the spectrum of cardiometabolic disorders.

The concept that PVAT influences vascular function, particularly contractile responses, dates from at least as early as the 1990s, when Soltis and Cassis described that PVAT retained and impaired the diffusion of pharmacological agents, justifying a reduction in the contractile response observed in vessels with this tissue (Soltis and Cassis, 1991). However, subsequent studies using several agonists of low retention in adipocytes also demonstrated such a decrease (Gollasch and Dubrovska, 2004). Löhn and his colleagues found that the vascular responses to angiotensin II (Ang II), serotonin (5-HT), and phenylephrine (PE) are reduced in intact aortas with PVAT, suggesting that periaortic adipose tissue regulates vascular tone by the release of transferable adventitia-derived relaxing factors (ADRF), now defined as PVAT-derived relaxant factors (PVRF) (Lohn et al., 2002). The anti-contractile effect of PVRFs under physiological conditions has been described in several species and is mediated by different mechanisms depending on the vascular bed. Convincing evidence has demonstrated that VSMC potassium (K+) channels play a critical role in mediating the relaxation responses to PVRFs. The study of Löhn showed that the anti-contractile effect of periadventitial fat was reduced by inhibition of ATP-dependent K+ channels and by the tyrosine kinase inhibitor genistein (Lohn et al., 2002). Following these findings, subsequent studies demonstrated that PVAT-derived transferable factors produce vasorelaxation by opening of voltage-dependent K+ (Kv) channels (Dubrovska et al., 2004; Verlohren et al., 2004; Gao et al., 2005; Fesus et al., 2007). Schleifenbaum's group further explored the involvement of the Kv-subfamily on PVRFs actions. The authors demonstrated that the voltage-activated family of K+ channels KCNQ (Kv7), which are not targeted by endothelium-derived relaxing factors (EDRF), play significant role in the vasorelaxation induced by PVRFs, which is at least in part mediated or modulated by hydrogen sulfide (H2S). Although the KCNQ channel subtype involved in the PVRF effects has not been identified so far and clear evidence for direct activation of KCNQ channels by PVRF is still missing, the opening of these channels by pharmacological agents restores the diminished anti-contractile effects of perivascular fat in spontaneously hypertensive rats, thus suggesting its pivotal role in perivascular regulation of vascular tone (Schleifenbaum et al., 2010).

Although we are unable to cover the topic in detail in this manuscript, it is important to note that many other mechanisms involved in PVRF-induced anti-contractile effects have been described. Lu and collaborators, by using inferior vena cava rings in the absence and presence of PVAT and endothelium, found that endothelium removal abolishes PVAT anti-contractile response. The same group of researchers has suggested that PVAT releases Ang 1–7, which, by acting on receptors in the endothelium, leads to nitric oxide (NO) release and activation of Kv channels with subsequent vascular relaxation (Lu et al., 2011). PVRF may also act through endothelium-independent mechanisms involving hydrogen peroxide (H2O2) production and subsequent activation of guanylyl cyclase (sGC) (Gao et al., 2007).

In addition to the vasodilator effects, there is also considerable evidence of contractile function mediated by PVAT. Soltis and Cassis reported the critical role of adipocyte-derived Ang II in PVAT-mediated potentiation of electrical stimulation-induced contraction in rat mesenteric arteries (Soltis and Cassis, 1991). This effect was subsequently shown in vivo systemically in rat mesenteric PVAT (Lu et al., 2010). Gao et al. also reported that PVAT enhances the contractile response of mesenteric arteries to perivascular nerve stimulation through superoxide anion ([image: image]) production (Gao et al., 2006). The study of Payne documented that PVAT impairs coronary endothelial function in response to bradykinin both in vitro and in vivo, implicating local adipose tissue in the initiation and pathogenesis of coronary vascular disease (Payne et al., 2008). In particular, the authors documented that adipose tissue-derived factors diminish endothelial NO production through the direct inhibition of the enzyme NOS. Following these findings, the authors demonstrated that periadventitial adipose tissue-derived factors impair coronary endothelial NO production via a PKC-β-dependent, site-specific phosphorylation of endothelial NOS (eNOS) at Thr495 (Payne et al., 2009). Some adipose tissue-derived factors, such as leptin (Knudson et al., 2005), resistin (Dick et al., 2006), and TNF-α (Picchi et al., 2006), secreted under conditions of inflammation, can also attenuate vasodilatation, and these factors are produced by PVAT.

In the last years, several studies identified additional components involved in the contractile effects of PVAT, which have been reported especially in the context of obesity and CVD. One example of this is the study of Meyer's group, which demonstrated that PVAT controls arterial smooth muscle tone by releasing an “adipocyte-derived contracting factor” (ADCF) formed by cyclooxygenase (COX), which mediates the contractile effects of PVAT in obesity (Meyer et al., 2013). Another powerful example is the work of Watts et al. illuminating a potential role for the adipokine chemerin as an endogenous mediator that is responsible for vasoconstriction in obesity (Watts et al., 2013). In line with these observations, our group demonstrated that incubation of isolated vessels with chemerin for 24 h increases arterial sensitivity to endothelin-1 (Lobato et al., 2012). Thus, it is clear that PVAT is a complex, active organ with several functions beyond mechanical protection for the underlying vasculature and the current literature provides substantial evidence that this tissue produces many putative vasoactive factors that may influence vascular function and obesity-related vascular injury. However, most of these characterization studies have been carried out on vessel rings isolated from animal models, in the presence or absence of the PVAT layer. This poses an important and unresolved question regarding how much of these results can be translated in vivo, especially concerning human physiology. A thoughtful consideration of the implications of manipulating PVAT function to treat chronic vascular diseases is therefore warranted.

PERIVASCULAR ADIPOSE TISSUE DYSFUNCTION AS A MAJOR CONTRIBUTING FACTOR TO OBESITY-ASSOCIATED VASCULAR DYSFUNCTION

As the understanding of the molecular mechanisms that underlie the connections between PVAT and vascular function progress, the ultimate goal is to establish the integrated role of this vascular component for obesity-related vascular dysfunction. Like observed with the total adipose tissue, PVAT mass is increased throughout the vasculature in both animal models and humans with obesity (Greenstein et al., 2009; Marchesi et al., 2009; Ketonen et al., 2010; Lehman et al., 2010). Considering that the anti-contractile influence of PVAT is directly dependent on its volume (Verlohren et al., 2004; Gao et al., 2006), it would be discernible that such an increase would be associated with enhancement of PVAT anti-contractile effects. However, available support for our understanding of the connection between PVAT and vascular dysfunction in obesity comes from the findings that obesity is associated with structural and functional changes in PVAT, leading to an imbalance in favor of vasoconstrictor and pro-inflammatory substances, as well as changes in the signaling pathways in the vessel and that this condition interferes with vascular function (Figure 2). Numerous studies have since validated this postulate (reviewed in Xia and Li, 2017). In line with this observation, Gao et al. (2005) demonstrated that increased adiposity causes an alteration in the modulatory function of PVAT on vascular relaxation response. New Zealand Obese (NZO) mice, which present most symptoms of the metabolic syndrome and a greater amount of PVAT, also show a reduction in the anti-contractile effect of PVAT (Fesus et al., 2007). Higher periaortic fat mass in rats treated for 6 months with high fat diet (HFD) lead to reduced endothelium-dependent relaxation due to downregulation of AMP-activated protein kinase (AMPK) and eNOS in the aorta with a concurrent upregulation of the mTOR ripamycin target, which negatively regulates the AMPK-eNOS pathway (Ma et al., 2010). Another important milestone toward our basic understanding of the relationship between PVAT dysfunction and obesity-associated vascular dysfunction was the demonstration of changes in the proteomic profile of 186 proteins in PVAT of coronary arteries, which correlate with increased contractile effect and the activation of calcium (Ca2+)-dependent signaling pathways in VSMCs from Ossabaw pigs (Owen et al., 2013).
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FIGURE 2. Perivascular adipose tissue dysfunction and obesity-associated vascular dysfunction. Perivascular adipose tissue (PVAT) secretes a wide variety of biologically active molecules, including the adipokines, which modulate vascular tone, smooth muscle cells migration and proliferation, neointimal hyperplasia, inflammatory responses, and oxidative stress. Obesity is associated with structural and functional changes in PVAT, leading to an imbalance in favor of vasoconstrictor and pro-inflammatory substances, adipocytes hypertrophy as well as changes in insulin signaling pathways. SMC, smooth muscle cell; ROS, reactive oxygen species; NO, nitric oxide.



These considerations aside, the diverse aspects of PVAT influence on vascular dysfunction in obesity could be also framed by examining its high relationship with oxidative stress. ROS, such as [image: image] and H2O2, play important roles in the modulation of vascular function by the PVAT. H2O2 is a vasoactive substance that induces both contractile and relaxing responses by different mechanisms depending on its concentration, the type and contraction state of the vessel, and the animal species. H2O2-induced relaxation may be endothelium dependent as a result of increased NO release secondary to K+ channel activation. In addition, H2O2 induces endothelium-independent relaxation through the direct opening of K+ channels in VSMC, by the oxidation of its cysteine residues, as well as by the direct activation of the sGC enzyme (Ardanaz and Pagano, 2006). The contractile effect mediated by H2O2 occurs due to the direct activation of the enzyme COX and an increase of intracellular Ca2+. Evidence indicates that ROS accumulation activates contraction pathways related to MAPKs, with increased ERK 1/2 phosphorylation (Peters et al., 2000). In addition, H2O2 activates the Rho kinase pathway, favoring vascular contraction (Ardanaz and Pagano, 2006). In fact, the Rho kinase pathway is important not only in the contraction of VSMC, but also in increased proliferation and cell migration, which has attracted much attention in relation to its role in the pathogenesis of CVDs (Loirand et al., 2006). Considering that [image: image] induces vascular contraction while H2O2 has dual effects, the final result of the action of these ROS will depend on the relative balance between the production and the release of these factors by the PVAT. Ketonen et al. demonstrated in C57BL/6J mice fed a HFD that the reduction in endothelium-dependent relaxation occurs due to oxidative stress in PVAT, characterized by an increase in [image: image] and H2O2 production (Ketonen et al., 2010).

The NAD(P)H oxidase, which is the major source of [image: image] in the vasculature, is expressed in PVAT of rat mesenteric arteries and contributes to increased contractile response to perivascular nerve stimulation (Gao et al., 2006). Indeed, the expression of p67phox subunit of the NAD(P)H oxidase complex is increased in periaortic adipose tissue from short-term fed HFD obese mice (60% cal from fat) and this is accompanied by enhancement of both [image: image] and H2O2 levels (Ketonen et al., 2010). Increased NAD(P)H oxidase activity and [image: image] production associated with decreased expression of total SOD activity and extracellular superoxide dismutase (ecSOD) were described in the PVAT of these animals. The changes were accompanied by a reduction in eNOS expression and NO production in the PVAT (Gil-Ortega et al., 2014). Similarly, in NZO mice, increased [image: image] formation and reduced SOD expression in PVAT contribute to vascular dysfunction by reducing the anti-contractile effect of this tissue (Marchesi et al., 2009). Gil-Ortega et al. reported that long-term HFD induces substantial reduction in ec-SOD expression and total SOD activity, an increase of NOX activity and [image: image] release from the mesenteric PVAT, suggesting that the imbalance between antioxidant and pro-oxidant mechanisms in PVAT might contribute to vascular oxidative stress, thus aggravating endothelial dysfunction (Gil-Ortega et al., 2014). Marchesi et al. have also shown that the loss of PVAT anti-contractile properties in NZO mice might be associated with increase in both [image: image] and NAD(P)H oxidase activity (Marchesi et al., 2009). Uncoupling of eNOS in PVAT, which contributes not only to increase ROS formation but also to decrease NO bioavailability, was also recently described as a novel mechanism underlying the vascular dysfunction in diet-induced obesity (Xia et al., 2016).

The mitochondrial electron transport chain (mETC), a significant source of ROS, has also been pointed as an integral component implicated in the physiological regulation of vascular function by PVAT. We recently showed that [image: image] production from the mETC is increased in PVAT during norepinephrine (NE)-induced aortic muscle contraction. [image: image] is subsequently dismutated to H2O2 by manganese SOD (Mn-SOD), which, in turn, modulates VSMC contraction (Costa et al., 2016). Following these findings, we next provided unequivocal evidence linking mitochondria to PVAT-associated oxidative stress and the subsequent loss of the PVAT anti-contractile effects observed in experimental obesity (da Costa et al., 2017). Under these conditions, the increase in PVAT-mediated ROS generation becomes an important sign of increased vascular contraction. As PVAT has a similar phenotype to BAT, including the expression of UCP-1, which is necessary for non-shivering thermogenesis, as discussed above, and considering that local energy metabolism induced by changes in temperature affects vascular function and atherogenesis (Brown et al., 2014), it can be proposed that increased energy production in PVAT under obesity condition also affects vessel biology favoring the development of CVD.

Structural and functional modifications of PVAT in obesity can also induce vascular remodeling. Periaortic adipocytes significantly increase the growth rate of aortic smooth muscle cells from aged and obese Wistar Kyoto rats supplemented with HFD. This effect is abolished in the presence of proteinase K, but is maintained in the presence of filtered proteins with a molecular mass less than 100 kDa, indicating that PVAT releases soluble proteins that stimulate growth of VSMCs, which can further aggravate aging- and obesity-associated vascular diseases (Barandier et al., 2005). Finally, the paracrine actions of factors produced and released by PVAT can also change vascular insulin sensitivity (Meijer et al., 2013). Although the prospective association between PVAT dysfunction and diabetes has not been demonstrated so far, this possibility has been previously postulated by Yudkin et al. and remarkably illustrated by several subsequent studies (Yudkin et al., 2005). Meijer's group showed that local depots of PVAT, which surround resistance arteries in the muscle microcirculation, controls vascular responses to insulin through adiponectin secretion and subsequent activation of AMPK signaling (Meijer et al., 2013). The expression of adiponectin is significantly lower in the epicardial adipose tissue isolated from patients with CAD (Iacobellis et al., 2005). In humans, PVAT accumulation around the brachial artery was negatively correlated with insulin sensitivity and the post-ischaemic increase in blood flow. The association was independent of the presence of other cardiovascular risk factors, including age, sex, liver fat, BMI, and visceral adipose tissue (Rittig et al., 2008). Additionally, PVAT from obese mice inhibits insulin-induced vasodilatation, which can be restored by inhibition of the inflammatory kinase Jun NH (2)-terminal kinase (JNK) (Meijer et al., 2013). JNK may directly induce insulin resistance by a mechanism that involves phosphorylation of the insulin receptor substrate (IRS) 1, blocking the transduction signal produced by the insulin receptor (Sabio et al., 2008). Studies in humans and animal models have demonstrated an important upstream role of this protein in integrating inflammatory and metabolic function that were recently reviewed elsewhere (Hotamisligil, 2017).

These findings, in addition to the observations that local accumulation of adipose tissue is consistently related to decreased flow-mediated vasodilation (Albu et al., 2005), fasting insulin levels and insulin resistance in humans (Rittig et al., 2008), support the involvement PVAT-derived factors as paracrine, rather than endocrine mediators of both microvascular dysfunction and insulin resistance in obesity. There is also tremendous redundancy in these pathways that support the view that the association between PVAT and cardiometabolic risk factors might not simply be the consequence of overall adiposity, but potentially constitutes an additional risk factor. Considering that hyperglycemia and hyperinsulinemia can also directly impair vascular function and consequently glucose disposal, it is also possible to suggest a vicious cycle of PVAT dysfunction that contributes to and is exacerbated by the impairment in insulin homeostasis.

INFLAMMATION IN PERIVASCULAR ADIPOSE TISSUE: THE LINK BETWEEN OBESITY AND CARDIOVASCULAR DISEASE?

In the last decades obesity has been associated with a moderate degree of inflammation in adipose tissue, a condition that results from chronic activation of the innate immune system. This type of inflammation, called metaflammation or metabolic inflammation is free of pathogens and orchestrated by metabolic cells in response to excess nutrients and energy (Hotamisligil, 2017). Initial support for this understanding came from the following observations: macrophages-derived TNF-α induces insulin resistance in adipocytes (Pekala et al., 1983); adipose tissue from obese individuals displays increased expression of inflammatory mediators (Hotamisligil et al., 1993; Uysal et al., 1997); and inflammation promotes disturbances in glucose metabolism. It is relevant to emphasize here the first demonstrations that macrophage infiltration occurs into the adipose tissue in obesity (Weisberg et al., 2003; Xu et al., 2003). These findings were the basis for elucidating the involvement of adipose tissue macrophages as direct modulators of metabolism, and led to the observations that the increased free fatty acids exposure in obesity promotes the polarization of macrophages resident in the adipose tissue toward a pro-inflammatory (M1-polarized) phenotype which can activate inflammatory pathways and impair insulin signaling (Hevener et al., 2007; Lumeng et al., 2007; Nguyen et al., 2007). The molecular mechanisms underlying these events include epigenomic alterations that determine macrophage sensitivity to metabolically driven inflammatory (metaflammatory) signals (Fan et al., 2016), and additional macrophage-secreted products, including the potent and pleiotropic immune mediator TNF-α, which attenuates insulin signaling in adipocytes (Li et al., 2016). Many other immune cells including dendritic cells, mast cells, eosinophils, and lymphoid cells also contribute to metabolic tissue homeostasis and to the control of glucose metabolism. Regarding the initiation of metaflammation, an emerging concept is that adipocyte hypertrophy causes local hypoxia, which, in turn, causes infiltration of macrophages and other immune cells (CD4+ and CD8+ T cells, natural killer T cells, and mast cells) in visceral adipose tissue (Roemeling-van Rhijn et al., 2013). This increase in cells of the immune system along with the proinflammatory cytokines in adipocytes may negatively regulate PPARγ activity, which is essential for both adipogenesis and maintenance of the tissue gene expression (Guri et al., 2008).

Intermittent inflammatory processes have also been observed in PVAT. These include increased migration of immune cells, altered production of pro- and anti-inflammatory cytokines, adipokines, and lipid mediators, as well as signaling through a plethora of immune receptors and intracellular signaling molecules. Importantly, this entire cascade and mediators have now provided highly promising evidence that PVAT inflammation plays a key role at various stages of CVD. One powerful example of this is the recent work illuminating a role for perivascular inflammation as an alteration that precedes atherosclerotic plaque formation and even the development of endothelial dysfunction and oxidative stress in ApoE−/− mice (Skiba et al., 2017). Specifically, the authors found increased leukocyte infiltration in the perivascular tissue when compared to the vessel wall. Furthermore, it was demonstrated that PVAT or adventitial inflammation and infiltration with macrophages and T cells precede not only significant atherosclerotic plaque development, but also the impairment of endothelium-dependent NO bioavailability. In support of this finding, it was previously shown that major risk factors for atherosclerosis, including hypertension, hyperlipidemia or ty 2 diabetes promote perivascular inflammation before and during development of atherosclerosis (Galkina et al., 2006; Galkina and Ley, 2009; Sagan et al., 2012; Guzik et al., 2013).

Molecular mechanisms linking PVAT inflammation in obesity to CVD indicate several key components. These may include chemotactic migration of PVAT immune cells into adventitia, with release of cytokines, which can alter vascular function (Mikolajczyk et al., 2016). In this regard, it was previously demonstrated that human PVAT exhibits a strong chemotactic activity on monocytes, granulocytes, and T lymphocytes that is mainly mediated by the secretion of IL-8 and MCP-1, which are known proatherogenic chemokines and their production is increased in obesity. These mediators are likely to contribute to the infiltration of leukocytes at the interface between PVAT and adventitia of atherosclerotic aortas (Henrichot et al., 2005). Visceral adipose tissue accumulation also promotes an increase in the secretion of angiopoietin-like protein 2 (Angptl2), a pro-inflammatory factor derived from adipocytes and considered a key mediator of chronic adipose tissue inflammation and obesity-related systemic insulin resistance (Tabata et al., 2009). In fact, Angptl2 secreted by PVAT accelerates neointimal formation after endovascular injury in mice by increasing inflammation-related gene expression and by accelerating extracellular matrix degradation (Tian et al., 2013). In line with these experimental findings, the authors provided relevant clinical data that strongly suggest that PVAT-secreted Angptl2 plays a significant role in accelerating vascular inflammation by cooperating with pro-inflammatory TNF-α or counteracting the anti-inflammatory activity of adiponectin, potentially leading to development of atherosclerosis in humans (Tian et al., 2013).

PVAT inflammation may also be associated with altered release of adipokines and other adipocyte-derived relaxing factors (Antonopoulos et al., 2015; Woodward et al., 2017). Initial support for this understanding came from the findings that perivascular adipocytes from human and mice without atherosclerotic disease exhibit a heightened proinflammatory state and reduced adipocytic differentiation under basal conditions as compared with adipocytes derived from subcutaneous and visceral adipose depots, and that high-fat feeding causes further reductions in adipocyte-associated gene expression while upregulates proinflammatory gene expression (Chatterjee et al., 2009). Specifically, secretion of the anti-inflammatory adipokine adiponectin is markedly reduced, whereas that of proinflammatory cytokines IL-6, IL-8, and MCP-1, is markedly increased in perivascular adipocytes. These changes have also direct effects on the PVAT vasoactive properties, as evidenced in animal and human small-artery studies, where hypoxia and inflammation were shown to attenuate the local vasoactive properties of PVAT by oxidative stress (Greenstein et al., 2009).

In addition to the previously-mentioned adipokines, chemerin, a secreted protein originally revealed as a chemoattractant molecule for immature dendritic cells and macrophages (Wittamer et al., 2003) is now considered a novel adipokine that regulates adipogenesis, adipocyte metabolism (Bozaoglu et al., 2007; Goralski et al., 2007) and inflammation (Parolini et al., 2007; Cash et al., 2010). Chemerin acts through CMKLR1 (chemokine-like receptor 1) or ChemR23 (chemerin receptor 23), which is expressed in macrophages, dendritic cells, adipocytes and vascular cells (Zabel et al., 2005, 2006; Parolini et al., 2007). Chemerin is considered a biomarker for adiposity since its plasma levels strongly associate with BMI and is linked to obesity and metabolic syndrome, a cluster of metabolic disorders that increase the risk for diabetes and CVD (Bozaoglu et al., 2009; Li et al., 2014). Furthermore, serum chemerin levels are significantly elevated in morbidly obese patients and reduced with the weight loss after bariatric surgery. The strong decrease of chemerin after surgery was associated with an improvement in insulin sensitivity and blood glucose, which further support the key role of this adipokine in mediating metabolic alterations in obesity (Ress et al., 2010; Sell et al., 2010). Animal studies reported the parallel findings that knockout mice for the primary receptor for chemerin, ChemR23, exhibit reduced food consumption, weight gain, and adiposity (Ernst et al., 2012). Consistent with this phenotype, ChemR23 knockout mice also displayed lower fasting blood glucose and serum insulin levels.

Recent observations have also shown that chemerin is highly expressed in PVAT. Spiroglou et al. first detected chemerin expression in epicardial and periaortic adipose tissue and demonstrated a positive correlation of this adipokine with both aortic and coronary atherosclerosis (Spiroglou et al., 2010). Most recently, Watts and her co-workers reported that chemerin produced by periaortic PVAT stimulates vascular contraction through the receptor typically attributed to function only in immune cells. Moreover, arteries from obese or hypertensive mice or obese humans with dysfunctional endothelium demonstrated amplified contractions in response to chemerin (Watts et al., 2013). Although there is no empirical evidence linking specific chemerin signaling pathways with the PVAT inflammation, a bulk of animal and human studies exploring the immune functions of chemerin make this a very plausible possibility. CMKLR1 is expressed in several immune cell types known to accumulate in obese adipose tissue (Wittamer et al., 2003; Parolini et al., 2007; Cash et al., 2010). Sell and collaborators demonstrated that chemerin activates the NF-κB pathway and impairs glucose uptake in skeletal muscle cells (Sell et al., 2010). In human endothelial cells, it was shown a significant upregulation of chemerin receptor by pro-inflammatory cytokines such as TNF-α, IL-1β, and IL-6 (Kaur et al., 2010). Accordingly, circulating levels of chemerin are elevated in diseases associated with chronic inflammation, including obesity and the metabolic syndrome (Wittamer et al., 2003; Bozaoglu et al., 2009; Li et al., 2014). Our recent studies also point to a role of chemerin in regulating inflammatory processes. Chemerin was shown to decrease NO-dependent cGMP signaling, thereby reducing vascular relaxation in rat aorta, an effect related to increased generation of [image: image], an important mediator of inflammation (Neves et al., 2014). In line with these findings, we demonstrated that chemerin, through Nox activation and redox-sensitive MAPKs signaling, exerts proapoptotic, proinflammatory, and proliferative effects in human vascular cells (Neves et al., 2015).

Taken together, these findings not only provide multiple layers of potential mediators for the inflammatory component of PVAT in obesity but also clearly demonstrate that bidirectional interactions between that the systemic metabolic inflammation and local immune components are critical considerations in determining the physiological and pathological vascular outcomes associated with obesity. The proximity of PVAT as a rich source of proinflammatory cytokines and other mediators together with the associated alterations in this tissue support the concept that specific changes of local adipose tissue depots contribute to disease processes in the neighboring vessel wall.

CLINICAL MEASURE OF PERIVASCULAR ADIPOSE TISSUE IN OBESITY-ASSOCIATED CARDIOVASCULAR RISK ASSESSMENT: FINDING THE POINT

Some of the initial thoughts and considerations of the reciprocal relationship between PVAT and risk factors for CVD have been provided by clinical findings showing an association between both perivascular and epicardial adipose tissue with the main anthropometric and clinical parameters of the metabolic syndrome (Iacobellis et al., 2003b). In fact, a very good correlation is observed between epicardial adipose tissue, assessed by echocardiography, and waist circumference, diastolic blood pressure, fasting plasma insulin, LDL cholesterol, and plasma adiponectin (Iacobellis et al., 2003b). Importantly, the association of insulin sensitivity and low adiponectin levels with the epicardial fat thickness is independent of BMI, suggesting that PVAT assessment might provide a more sensitive and more specific measure of the true visceral fat content (Iacobellis et al., 2003a). In support of these findings, a recent meta-analysis of published reports concluded that echocardiographic epicardial adipose thickness is significantly higher in patients with metabolic syndrome than in those without it (Pierdomenico et al., 2013).

Echocardiographic evaluation of epicardial adipose tissue thickness is considered a very reliable method to measure visceral adiposity, as first proposed and validated by Iacobellis et al. (2005). It is also relatively cheap and easy to perform as a screening test for assessment of patients suspected to be at risk for cardiovascular or metabolic outcomes. However, the technic provides only measurements of the regional thickness of epicardial adipose tissue and presents the risk to confuse pericardial fluid with adipose tissue since the fluid also shows up as relatively echo-free on an echocardiograph (Singh et al., 2007). The advances in imaging technology have enabled a more direct quantitative assessment of the local fat depots and have also been the basis for investigations into the possibility that PVAT acts as direct modulator of metabolism and cardiovascular function. From this perspective, clinical findings showed that volumetric quantification of epicardial and peri-coronary adipose tissue thickness by computed tomography, which provides a more accurate assessment due to its higher spatial resolution, is also positively related with parameters of obesity, such as BMI, waist circumference and the abdominal visceral adipose tissue mass (Gorter et al., 2008). In line with this, PVAT thickness, measured by computed tomography in the areas of right coronary artery, left anterior descending artery and left circumflex coronary artery is positively associated with waist circumference, waist-to-hip ratio, BMI, blood glucose, triglycerides, and systolic blood pressure. Epicardial adipose tissue is also linked to coronary calcification, a known marker of coronary atherosclerosis (de Vos et al., 2008).

In agreement with the above observations, abdominal periaortic adipose tissue and thoracic periaortic adipose tissue volume, measured by computed tomography, are consistently correlated with visceral abdominal fat, subcutaneous abdominal fat, waist circumference, and BMI in a random subset of participants from the Framingham Heart Study (Schlett et al., 2009). Thanassoulis et al. extended these findings by showing that both thoracic and abdominal periaortic adipose tissue volumes, measured using the same approach, are associated with higher aortic dimensions even after adjustment for other vascular and metabolic risk factors including global measures of obesity such as BMI (Thanassoulis et al., 2012). By contrast, the study of Rosito et al. found no significant associations between pericardial fat and CVD risk factors compared with visceral fat when both were considered in the same model. Nevertheless, the authors evidenced strong correlations between pericardial fat volume and metabolic risk factors even after adjusting for many potential confounders, including age, smoking, alcohol use, and physical activity. Furthermore, pericardial fat was found to be associated with coronary artery Ca2+ and abdominal aortic Ca2+ even after metabolic risk factors and visceral adipose tissue were accounted for, which is consistent with the postulation that pericardial fat may in fact exert a harmful perivascular effect on the coronary arteries (Rosito et al., 2008).

SUMMARY

There is tremendous wealth in the mechanisms that support the understanding of the relationship between excess adiposity and cardiovascular risk. The strongest evidence comes from the observations of basic science and translational studies regarding important physiological process that occur in adipose tissue and deleterious effects of relevant importance on vascular complications. It is interesting to consider the role that adipokines play among the mechanisms whereby adipocytes influence vascular function. However, there is considerably more work to be performed in both basic science and clinical areas to understand and reduce the enhanced CVD risk that is evident in the obese state. Clearly, these intriguing observations are not sufficient to answer the question whether increased PVAT mass represents a surrogate marker of cardiovascular risk or an independent pathogenic variable. However, outcome studies need to establish whether PVAT depots have prognostic significance and may therefore provide additional evidence for a causal relationship. Although the reduction of whole-body fat would be ideal among individuals who have obesity, a thoughtful consideration of the additional benefits of targeting fat depots at specific locations in individuals at greater cardiometabolic risk represents an alternative approach.

Further dissection of the vascular signaling pathways altered by PVAT-derived factors will likely reveal functional strategies for suppressing the negative effects of abnormal adipose tissue excess on CVD complications without altering the beneficial effects of normal fat depots. The challenges remaining in this field can be identified in two different areas. How does structural and functional changes of PVAT start in obesity and at what point does it become detrimental? What are the appropriate model systems and paths to elucidate the unknown mechanisms to prevent or treat human CVD? Regarding the contribution of new characterized adipokines, there are also several interesting and emerging concepts. Given these challenges, and the need for therapeutic approaches that do not permanently interfere with entire physiological effects of the PVAT, conveying the experimental insights into successful clinical interventions will require collaborative and diverse cross studies, new experimental approaches and integration of genetic variations with other environmental modifiers to establish links with complex cardiovascular phenotypes and facilitate successful translation to human disease.
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Background: Endothelial dysfunction plays a pivotal role in the initiation of atherosclerosis. Vascular insulin resistance might contribute to a reduction in endothelial nitric oxide (NO) production, leading to impaired endothelium-dependent relaxation in cardiometabolic diseases. Because perivascular adipose tissue (PVAT) controls endothelial function and NO bioavailability, we hypothesized a role for this fat deposit in the vascular complications associated with the initial stages of atherosclerosis. Therefore, we investigated the potential involvement of PVAT in the early endothelial dysfunction in hypercholesterolemic LDL receptor knockout mice (LDLr-KO).

Methods: Thoracic aortas with and without PVAT were isolated from 4-month-old C57BL/6J (WT) and LDLr-KO mice. The contribution of PVAT to relaxation responses to acetylcholine, insulin, and sodium nitroprusside was investigated. Western blotting was used to examine endothelial NO synthase (eNOS) and adiponectin expression, as well the insulin signaling pathway in aortic PVAT.

Results: PVAT-free aortas of LDLr-KO mice exhibited impaired acetylcholine- and insulin-induced relaxation compared with those of WT mice. Both vasodilatory responses were restored by the presence of PVAT in LDLr-KO mice, associated with enhanced acetylcholine-induced NO levels. PVAT did not change vasodilatory responses to acetylcholine and insulin in WT mice, while vascular relaxation evoked by the NO donor sodium nitroprusside was not modified by either genotype or PVAT. The expression of insulin receptor substrate-1 (IRS-1), phosphatidylinositol 3-kinase (PI3K), AKT, ERK1/2, phosphorylation of AKT (Ser473) and ERK1/2 (Thr202/Tyr204), and adiponectin was similar in the PVAT of WT and LDLr-KO mice, suggesting no changes in PVAT insulin signaling. However, eNOS expression was enhanced in the PVAT of LDLr-KO mice, while eNOS expression was less abundant in PVAT-free aortas.

Conclusion: These results suggest that elevated eNOS-derived NO production in aortic PVAT might be a compensatory mechanism for the endothelial dysfunction and impaired vasodilator action of insulin in hypercholesterolemic LDLr-deficient mice. This protective effect may limit the progression of atherosclerosis in genetic hypercholesterolemia in the absence of an atherogenic diet.

Keywords: perivascular adipose tissue, endothelium, LDL receptor deficiency, hypercholesterolemia, nitric oxide, insulin, adiponectin

INTRODUCTION

Hypercholesterolemia is the main risk factor for the development of atherosclerosis by enhancing low-density lipoprotein (LDL) retention within the vessel wall (Stapleton et al., 2010). Atherosclerosis is a progressive disease in which inflammation, fat deposits, and cells and extracellular matrix accumulation in the artery result in the occlusion of the vessel lumen, underlying a major cause of clinical cardiovascular events worldwide (World Health Organization, 2014; Mozaffarian et al., 2016). One of the initial steps of the atherosclerotic process is the development of endothelial dysfunction, which precedes atherosclerosis development in humans (Guzik et al., 2000; Heitzer et al., 2001).

LDL receptor knockout mice (LDLr-KO) is a model of human familial hypercholesterolemia (FH). Although young adult LDLr-KO mice fed with standard low-fat diet only develop small spontaneous atherosclerotic lesions in the aortic root (Dorighello et al., 2016, 2017), these animals present impaired endothelium-dependent relaxation in the aorta (Rabelo et al., 2003; Langbein et al., 2015; Guizoni et al., 2016). This finding is consistent with reduced endothelium-dependent vasodilation in human hypercholesterolemia (Creager et al., 1990, 1992). In this model of genetic hypercholesterolemia, endothelial dysfunction is associated with the reduced gene and protein expression of endothelial nitric oxide synthase (eNOS) (Guizoni et al., 2016; Langbein et al., 2016), and reduced dimerization of this enzyme, resulting in impaired endothelial nitric oxide (NO) release (Guizoni et al., 2016).

Nitric oxide (NO) is an endothelium-derived vasodilator factor with antiatherogenic properties, including the inhibition of platelets, and monocyte adhesion to the endothelium, platelet aggregation, smooth muscle proliferation, and oxidation of LDL (Vanhoutte, 2003). Consistently, the administration of L-arginine, as eNOS substrate and NO precursor, improves the endothelial function in hypercholesterolemic patients (Creager et al., 1992; Siasos et al., 2007), whereas the lack of NO accelerates the progression of atherosclerosis (Kauser et al., 2000). Genetic hypercholesterolemia is also associated with the impaired secretion of insulin (Souza et al., 2013), a hormone stimulating NO production (Potenza et al., 2009). In addition to endothelium-derived NO, NO release from perivascular adipose tissue (PVAT) has recently been demonstrated as an important adipocyte-derived relaxation factor (ADRF) in the aorta (Victorio et al., 2016; Xia et al., 2016), but whether or not changes in PVAT eNOS function are involved in hypercholesterolemia-induced vascular dysfunction remains unknown.

Perivascular adipose tissue (PVAT) surrounds most blood vessels and releases numerous factors and adipokines with paracrine effects on both vascular structure and function (Akoumianakis et al., 2017). Higher levels of proinflammatory adipocytokines and lower levels of adiponectin were found within the PVAT after artery injury (Takaoka et al., 2010), and an inflamed PVAT results in neointima formation (Moe et al., 2013). In addition, increased amounts of angiogenic factors release by PVAT may have a pathological relevance for atherosclerosis development (Chang et al., 2013). However, the thermogenic properties of PVAT have been demonstrated as anti-atherogenic (Chang et al., 2012; Brown et al., 2014). Nevertheless, the role of PVAT in the development and progression of this vascular disease is still unclear. Because PVAT regulates endothelial function and NO bioavailability, we hypothesized a role for this fat deposit in the vascular complications associated with the initial stages of atherosclerosis. Therefore, the present study was designed to evaluate the potential influence of PVAT in the early endothelial dysfunction of hypercholesterolemic LDLr-KO mice.

MATERIALS AND METHODS

Animals

LDL receptor knockout (LDLr-KO) mice and respective C57BL6/J wild-type (WT) mice were purchased from the Jackson Laboratory, and the strains are maintained by breeding at the Multidisciplinary Center for Biological Research (CEMIB-UNICAMP, Campinas, SP, Brazil) with genotypic control. The mice were housed at 22 ± 1°C on a 12:12 h light:dark cycle with free access to a standard rodent chow diet (Nuvital CR1, Colombo, Paraná, Brazil) and water. At 4 months old, the mice were weighted and anesthetized with urethane (5 g/kg body weight, i.p.) to collect blood samples and isolate thoracic aorta.

All experimental protocols were approved (protocol # 3639-1) by the Ethics Committee on Animal Use of the University of Campinas (CEUA-UNICAMP, Campinas-SP, Brazil) and carried out in accordance with the ethical principles for animal experimentation adopted by the Brazilian Society of Laboratory Animal Science (SBCAL/COBEA).

Plasma Biochemical Analysis

Blood samples were obtained from the tail vein for blood glucose measurement (Accu-Chek Advantage, Roche Diagnostics, Sao Paulo, Brazil). Subsequently, the mice were anesthetized (5 g/kg of urethane, i.p.), and blood samples were collected by cardiac puncture and centrifuged (8,000 g for 15 min at 4°C); the serum supernatants were subsequently collected for biochemical analysis. Total cholesterol and triglyceride levels were measured using standard commercial kits (Chod-Pap, Roche Diagnostic GmbH, Mannheim, Germany).

Vascular Reactivity in the Presence or Absence of PVAT

The thoracic aorta was isolated and cut into cylindrical segments (~2 mm in length) with or without surrounding PVAT. The segments were mounted in a tissue chamber bath (Panlab Harvard Apparatus, Cornellà-Barcelona, Spain) containing Krebs–Henseleit solution (in mM: 118 NaCl, 4.7 KCl, 25 NaHCO3, 2.5 CaCl2-2H2O, 1.2 KH2PO4, 1.2 MgSO4-7H2O,11 glucose and 0.01 EDTA; pH = 7.4, 37°C) with a resting tension of 0.5 g stabilized for 1 h, as previously demonstrated (Davel et al., 2012; Guizoni et al., 2016). Subsequently, aortic rings were exposed to 125 mM of KCl to test vascular integrity and assess maximal contraction, and no differences were found among groups (data not shown). Following washing, the aortic rings were contracted with a submaximal concentration of the thromboxane A2 receptor agonist (U-46619, 70% of maximal contraction to 125 mM of KCl) and relaxation curves to acetylcholine (0.1 nmol/L to 10 μmol/L, Sigma-Aldrich, Saint Louis, MO, USA), insulin (0.1 to 10 nmol/L, Humulin® R - rDNA origin, Lilly USA, Indianapolis, USA), or the NO-donor sodium nitroprusside (1 pmol/L to 0.1 μmol/L Sigma-Aldrich, Saint Louis, MO, USA) were performed.

PVAT Homogenization and Western Blotting

Thoracic aorta and respective PVAT were separately pulverized in N2 liquid and homogenized in cold RIPA lysis buffer (Merck Millipore, Billerica, MA, USA) containing PMSF (1 mM), Na3VO4 (1 mM) and 2 μL/mL of protease inhibitor cocktail (PIC, Sigma-Aldrich) to obtain total protein extract (Victorio et al., 2016). The proteins were quantified using the BCA Protein Assay Kit (Thermo Fisher Scientific Inc.) to determine the protein concentration values of the samples (PVAT: WT = 4.49 ± 2.94 and LDLr-KO = 5.74 ± 1.98 mg/ml; aorta: WT = 6.13 ± 3.09 and LDLr-KO = 7.46 ± 1.98 mg/ml). Then, 40 μg of PVAT or aorta extracts and the 1 μL of plasma were electrophoretically separated on 7.5 or 12% acrylamide SDS–PAGE and then transferred to PVDF membranes using a Mini Trans-Blot Cell system. Non-specific binding sites were blocked with 5% non-fat milk solution, and then the membranes were incubated for 12 h at 4°C with the following primary antibodies: anti-insulin receptor substrate-1 (IRS-1), anti-p85 subunit of phosphatidylinositol 3 kinase (PI3K), anti-Akt1/2/3, anti-phospho (Ser473)-Akt1/2/3 (1:1,000; Santa Cruz Biotechnology), anti-eNOS (1:1,000; BD Transduction, Franklin Lakes, NJ, USA), anti-ERK1/2, anti-phospho (Thr202/Tyr204)-ERK1/2 (1:1,000; Cell Signaling, Danvers, MA, USA), and anti-adiponectin (1.5 μg/mL, Novus Biologicals, Littleton, CO, USA). Additionally, α-tubulin (1:1,000; Santa Cruz Biotechnology) was used as an internal control protein for PVAT, α-actin (1:1,000; Abcam, Cambridge, MA, USA) was used as an internal control protein for aorta, and Ponceau S staining for adiponectin expression in plasma and PVAT. After washing (10 mM of Tris, 100 mM of NaCl and 0.1% Tween-20), the membranes were incubated for 90 min with the specific secondary antibody conjugated to peroxidase. Immunocomplexes were detected using a luminol peroxidase chemiluminescence kit (ECL Plus, Amersham) and visualized using photographic film (Hyperfilm ECL, Amersham) in a dark room. The intensity of the immunoblots was quantified using ImageJ 1.46p software (National Institutes of Health, Bethesda, MD, USA).

PVAT NO Release

NO in PVAT was detected with 4,5-diaminofluorescein diacetate (DAF-2 DA) (Xia et al., 2016). Aortic PVAT cryostat sections (20 μm) were loaded with DAF-2 DA (8 μM) in the presence of acetylcholine (10 μM) at 37°C for 30 min. Then, fluorescence imaging was performed with a microscope (Eclipse Ti-S, Nikon, Tokyo, Japan) equipped with a fluorescence filter. DAF-2 DA was excited by an interference filter at 465–495 nm, and fluorescence emitted between 515 and 555 nm was collected (Zhou and He, 2011). The images captured under a 10X objective were analyzed using ImageJ 1.46p software (National Institutes of Health), the mean optical density of the fluorescence was measured, and the results were normalized by the PVAT area (μm2). Fluorescence intensity was quantified by the subtraction of acetylcholine-treated samples from basal conditions.

Statistical Analysis

Data were expressed as the means ± SEM. Two-way ANOVA was used to analyze the vasorelaxation response curves. When ANOVA showed a significant effect, Bonferroni's post-hoc test was used to compare individual means. Unpaired Student's t-test was used for two-group comparisons. For each concentration-response curve, Rmax and the negative logarithm of the concentration of the agonist that produced half of Rmax (−LogEC50) were calculated using non-linear regression analysis. GraphPad Prim Software 5.0 (San Diego, CA, EUA) was used for statistical analysis and −LogEC50 and Rmax calculation. P < 0.05 values were considered significant.

RESULTS

As expected, LDLr-KO mice exhibited dyslipidemia characterized by elevated plasma levels of total cholesterol and triglycerides (Bonfleur et al., 2011), with no changes in blood glucose or body weight (Table 1).


Table 1. Body weight and total serum cholesterol, triglycerides, and glycemia in wild-type (WT) and LDLr knockout mice (LDLr-KO).
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The vascular reactivity study revealed an impaired relaxation to acetylcholine and insulin in aorta of LDLr-KO mice in the absence of PVAT (Figures 1A,B), with a reduced Rmax to both agonists (Table 2). These data suggest an impaired endothelial vasodilatory response and vascular insulin resistance. However, the presence of PVAT prevented the impaired vasodilatory response to both acetylcholine and insulin in LDLr-KO associated with increased Rmax while not affecting vasorelaxation in WT (Figures 1A,B; Table 2). Changes in acetylcholine- and insulin-induced relaxation were not the result of a smooth muscle defect, as the relaxation response to the NO donor sodium nitroprusside was similar between WT and LDLr-KO mice, with or without PVAT (Figure 1C, Table 2).
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FIGURE 1. Perivascular adipose tissue (PVAT) avoids endothelial dysfunction in LDLr knockout mice. Relaxation curves to acetylcholine (A), insulin (B), and sodium nitroprusside (C) in aortic rings with (+) and without (–) PVAT from wild-type (WT; circles) and LDLr knockout mice (LDLr-KO; squares). Two-way ANOVA, P < 0.05: * vs. WT/PVAT–; + vs. LDLr-KO/PVAT+.




Table 2. Maximal relaxation response (Rmax) and potency for acetylcholine, insulin, and sodium nitroprusside in aortas with (+) or without (–) perivascular adipose tissue (PVAT) from wild-type (WT) and LDLr knockout mice (LDLr-KO).
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Considering that NO is the main endothelium-derived vasodilator factor mediating acetylcholine- and insulin-induced relaxation in the murine aorta (Wu et al., 1994), we investigated vascular and PVAT eNOS expression. Interestingly, while eNOS expression was reduced in aortic tissue from LDLr-KO mice (Figure 2A), aortic PVAT showed more abundant eNOS expression (Figure 2B), associated with enhanced PVAT NO levels (Figure 2C). These data suggest increased eNOS-derived NO production as a mechanism involved in the protective effect of aortic PVAT in dyslipidemic LDLr-KO mice.
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FIGURE 2. eNOS expression is reduced in aorta while is increased in perivascular adipose tissue (PVAT) of LDLr knockout mice. Aortic (A) and PVAT (B) eNOS expression in wild-type (WT) and LDLr knockout (LDLr-KO) mice. Representative blots are shown at the top of the graphs. (C) Representative images and the quantification of PVAT NO production determined by DAF-2 DA fluorescence intensity in response to acetylcholine in WT and LDLr-KO mice. Student's t-test, *P < 0.05 vs. WT.



To investigate insulin signaling in PVAT, we evaluated the protein expression of IRS-1, PI3K, and total and phosphorylated Akt and ERK. However, as shown in Figure 3, no differences between groups were observed.
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FIGURE 3. Vascular insulin signaling has not changed in perivascular adipose tissue (PVAT) of LDLr knockout mice. Protein expression of IRS-1 (A), p85 subunit of PI3K (B), p-Akt/Akt ratio (C), and p-ERK/ERK ratio (D) in PVAT from wild-type (WT) and LDLr knockout (LDLr-KO) mice. Representative blots are shown at the top of the graphs.



Finally, because adiponectin is an important adipokine that stimulates NO production and facilitates endothelium-dependent relaxation (Margaritis et al., 2013), we examined PVAT and circulating adiponectin expression (Figures 4A,B). No significant changes were found between WT and LDLr-KO mice.
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FIGURE 4. Circulating and perivascular adiponectin expression. Protein expression of adiponectin in aortic perivascular adipose tissue (PVAT) (A) and in plasma (B) from wild-type (WT), and LDLr knockout (LDLr-KO) mice. Representative blots are shown at the top of the graphs.



DISCUSSION

The results from the present study showed that in LDLr-KO mice, the presence of PVAT protected against impaired endothelium-dependent relaxation to acetylcholine and insulin, in association with enhanced eNOS protein expression and NO levels in thoracic aortic PVAT. Since this genetic model of FH exhibited only small aortic-root lesions in mice maintained on a standard low-fat diet (Dorighello et al., 2016), these data reveal a protective role for PVAT in an early phase of vascular injury induced by hypercholesterolemia.

We (Guizoni et al., 2016) and others (Rabelo et al., 2003; Langbein et al., 2015) have demonstrated a slight but significant reduction in acetylcholine-induced relaxation in LDLr-KO mice, as evidenced by a reduced maximal response to this agonist (Hofmann et al., 2017). Similarly, we found a reduced maximal relaxation to acetylcholine in aorta without PVAT from LDLr-KO fed a standard diet, indicating endothelial dysfunction in this genetic model of FH. This endothelial dysfunction became more evident in the presence of high fat/high cholesterol diets or the upregulation of lectin-like oxidized LDLr-1 (LOX-1) (Hofmann et al., 2017). However, Western-type diets also induced a range of secondary factors, such as inflammation, insulin resistance, and obesity, which synergistically interact to increase atherosclerosis. A high-fat diet per se upregulates proinflammatory gene expression in PVAT depots (Chatterjee et al., 2009). Inflamed fat surrounding the vessels resulted in enhanced atherosclerotic lesions and exacerbated endothelial dysfunction (Öhman et al., 2011). Therefore, PVAT may have pathological relevance in advanced atherosclerosis, contributing to plaque complications (Chang et al., 2013). In the present study, we investigated the role of PVAT in endothelium-dependent relaxation in the early stages of vascular injury in LDLr-KO mice fed a standard diet. Interestingly, the presence of PVAT improved relaxation responses to acetylcholine and insulin in the aortas of LDLr-KO mice, suggesting a protective role for this tissue in the present genetic model of FH by improving endothelial function. In healthy mouse aorta, the presence of PVAT did not affect the endothelium-dependent relaxation induced by acetylcholine, as previously demonstrated (Ketonen et al., 2010; Li et al., 2011).

Gil-Ortega et al. (2010) showed adaptive NO overproduction in PVAT during the initial steps of high-fat diet-induced obesity in mice. PVAT-derived NO may contribute to the anticontractile effect of PVAT independently of the endothelium (Aghamohammadzadeh et al., 2016). Since eNOS is expressed in aortic endothelium and PVAT (Victorio et al., 2016; Xia et al., 2016), we investigated whether the protective role of PVAT in endothelium-dependent relaxation responses in LDLr-KO mice was associated with changes in eNOS expression. The results demonstrated reduced eNOS expression in the vascular wall of LDLr-KO mice, as previously demonstrated, associated with reduced NO production (Guizoni et al., 2016). Lower eNOS and nNOS activation is also related to endothelial dysfunction in apolipoprotein E-deficient mice (Capettini et al., 2011). In accordance with these data, lower NO production is observed in endothelial cells exposed to the serum of hypercholesterolemic patients (Feron et al., 1999). However, in contrast to lower endothelial eNOS expression in the vessel wall, increased eNOS expression and NO levels were observed in the aortic PVAT of LDLr-KO mice. Therefore, higher eNOS-derived NO production in surrounding fat may be the mechanism enhancing endothelium-dependent relaxation in the aortas of LDLr-KO mice.

In addition to reduced relaxation to acetylcholine, the aortas from LDLr-KO mice without PVAT exhibited impaired relaxation to insulin. Insulin is an important stimulus in endothelial cells for eNOS-derived NO production (Potenza et al., 2009). Therefore, lower eNOS expression in the vascular wall should be a mechanism involved in the impaired relaxation to this hormone in hypercholesterolemic mice. Since relaxation response to sodium nitroprusside was not different among groups, changes in smooth muscle responsiveness may not be involved in the reduced vasodilatory responses observed in LDLr-KO mice. High plasma levels of cholesterol in LDLr-KO mice impairs beta-cell pancreatic function reducing insulin secretion, even in the absence of metabolic factors induced by Western-type diets, suggesting that genetic hypercholesterolemia increases the risk of diabetes development (Bonfleur et al., 2011; Souza et al., 2013). This finding is consistent with the slight increase in fasted plasma glucose previously observed in LDLr-KO mice (Bonfleur et al., 2011; Souza et al., 2013), although we did not find significant differences in non-fasted animals. In the present study, the reduced vasodilatory effect of insulin suggests vascular insulin resistance. Insulin enhances the expression and activity of eNOS in endothelial cells by upregulating the PI3K/Akt pathway, which induced endothelium-dependent relaxation (Montagnani et al., 2002; Potenza et al., 2009). However, hyperinsulinemia and insulin resistance favor the insulin-dependent activation of MAP-kinases (MAPK), which is associated with the elevated expression of proinflammatory and atherogenic factors (Eringa et al., 2004; Cersosimo et al., 2012; da Silva Franco et al., 2017). The presence of PVAT prevented the reduced insulin-induced relaxation in aorta of LDLr-KO mice. Thus, we hypothesized that an enhanced insulin signaling in PVAT could be a mechanism opposing the vascular insulin resistance in these animals. However, no differences were found for IRS-1, PI3K, and phosphorylated and total Akt and ERK, suggesting that this signaling pathway may not be involved in the protective effect of PVAT. However, we cannot exclude changes in the insulin molecular pathway, other than those evaluated in the present study.

Adiponectin has been described as an ADRF with antiatherogenic properties (Fésüs et al., 2007; Li et al., 2015). The upregulation of adiponectin is observed in PVAT of internal mammary arteries of obese patients with coronary artery disease and might reflect a compensatory mechanism to preserve endothelial function (Cybularz et al., 2017), as previously demonstrated in obese diabetic mice (Liu et al., 2014). In addition, adiponectin improves insulin sensitivity in major insulin target tissues (Ruan and Dong, 2016) and enhances NO production through eNOS activation via PI3K/Akt phosphorylation and eNOS coupling by increasing BH4 bioavailability (Margaritis et al., 2013). Thus, we investigated the expression of adiponectin in PVAT and plasma. However, no differences were observed between WT and LDLr-KO mice, suggesting that the effect of PVAT on improving endothelial function in LDLr-KO mice is not associated with modifications of local or circulating levels of this ADRF.

Thoracic PVAT acts as a buffer against toxic levels of fatty acids in arterial circulation and clears fatty acids via inducing thermogenesis (van Dam et al., 2017). Interestingly, enhanced thermogenic activity of PVAT improves endothelial function by inducing the increased release of prostacyclin, whereas impaired PVAT thermogenesis causes atherosclerosis (Chang et al., 2012). Therefore, PVAT adaptive thermogenesis has a beneficial impact on endothelial function protecting against vascular injury. We cannot exclude that this protection exerted by PVAT on endothelial function could be lost in aging. One limitation of the present study is that we did not evaluate PVAT thermogenesis, which is a potential mechanism of endothelial protection in standard-diet fed LDLr-KO mice, as Western-type diets induced whitening and impaired thermogenesis in PVAT (Chang et al., 2013). Recently, Srikakulapu et al. (2017) demonstrated that harboring of B-1 cells by PVAT provides atheroprotection to the aorta, suggesting an additional mechanism for the beneficial role of PVAT in the vasculature.

CONCLUSION

Taken together, the results of the present study suggest that aortic PVAT is protective for endothelial dysfunction in LDLr-KO mice, a genetic model of FH. Therefore, this adaptive mechanism in PVAT may protect endothelial function and maintain normal endothelium-dependent relaxation in the early stages of atherosclerotic disease.
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Traditionally, it is believed that white adipose tissues serve as energy storage, heat insulation, and mechanical cushion, whereas non-shivering thermogenesis occurs in brown adipose tissue. Recent evidence revealed that adipose tissue secretes many types of cytokines, called as adipocytokines, which modulate glucose metabolism, lipid profile, appetite, fibrinolysis, blood pressure, and inflammation. Most of the arteries are surrounded by perivascular adipose tissue (PVAT). PVAT has been thought to be simply a structurally supportive tissue for vasculature. However, recent studies showed that PVAT influences vasodilation and vasocontraction, suggesting that PVAT regulates vascular tone and diameter. Adipocytokines secreted from PVAT appear to have direct access to the adjacent arterial wall by diffusion or via vasa vasorum. In fact, PVAT around atherosclerotic lesions and mechanically-injured arteries displayed inflammatory cytokine profiles, suggesting that PVAT functions to promote vascular lesion formation. Many clinical studies revealed that increased accumulation of epicardial adipose tissue (EAT), which surrounds coronary arteries, is associated with coronary artery disease. In this review article, we will summarize recent findings about potential roles of PVAT in the pathogenesis of atherosclerosis, particularly focusing on a series of basic and clinical studies from our laboratory.

Keywords: perivascular adipose tissue, atherosclerosis, epicardial adipose tissue, inflammation, adipocytokine

PERIVASCULAR ADIPOSE TISSUE AND ADIPOCYTOKINES

It has been believed that atherosclerotic process is initiated by endothelial injury, followed by inflammatory cells infiltration into the subendothelial layer. Thus, inflammation spreads from the inside toward the outside of the artery (Ross, 1999). On the other hand, it is assumed that inflammatory process also progresses from the outside toward the inside. Most of the arteries surrounded by perivascular adipose tissue (PVAT). Aorta has abundant PVAT (Szasz et al., 2013), while PVAT is not detected around cerebral arteries and microvessels. There is no distinct borderline between arterial adventitia and PVAT. PVAT has been considered as simply a supporting organ of vasculature.

In 1991, Soltis and Cassis demonstrated that perivascular adipose tissue significantly influences vascular responsiveness to contractile stimuli using rat aortic rings with or without surrounding adipose tissues (Soltis and Cassis, 1991). This study suggested that PVAT potentially serves as a regulator of vascular responsiveness (Soltis and Cassis, 1991). Recently, adipose tissue have received a lot of attention as endocrine organ. It was reported that adipocytes secrete numerous kinds of inflammatory and anti-inflammatory cytokines, called as “adipocytokines,” such as tumor necrosis factor (TNF)-α and adiponectin (Matsuzawa et al., 2004). Analyses of human samples showed that PVAT around the coronary arteries, like other adipose tissues, expresses inflammatory cytokines, and chemokines (Mazurek et al., 2003; Henrichot et al., 2005). It was also reported that PVAT secretes reactive oxygen spices, nitric oxide, angiotensin II, and free fatty acid (Szasz et al., 2013). Adipocytokines secreted from PVAT appear to have direct access to the adjacent arterial wall via diffusion or vasa vasorum (Sacks and Fain, 2007; Tanaka et al., 2011) (Figure 1).
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FIGURE 1. Interaction of perivascular adipose tissue and atherosclerotic plaque. Perivascular adipose tissue (PVAT) secretes inflammatory cytokines that recruit inflammatory cells into PVAT. PVAT also secrets reactive oxygen spices (ROS), nitric oxide (NO), angiotensin II, and free fatty acid (FFA). Expression of adiponectin is decreased in PVAT around atherosclerotic plaque. Adipocytokines secreted from PVAT appear to have direct access to the adjacent arterial wall by diffusion or via vasa vasorum. TNF-α, tumor necrosis factor-α; Ang II, angiotensin II; MCP-1, monocyte chemoattractant protein-1.



INFLUENCE OF PVAT ON ENDOTHELIAL FUNCTION AND VASCULAR LESION FORMATION: LESSONS FROM ANIMAL MODELS

We evaluated whether inflammation in PVAT affects the lesion formation after a mechanical vascular injury in murine femoral artery (Takaoka et al., 2009) (Figure 2). Wild-type (C57BL/6) mice received either a standard chow diet or a high-fat high-sucrose (HF/HS) diet. The body weight of the wild-type mice increased by 54% with a HF/HS feeding. The number of macrophages accumulated in PVAT increased by HF/HS diet. Expression of adiponectin was down-regulated, while expression of inflammatory cytokines was up-regulated in PVAT of mice fed on HF/HS diet. A wire was inserted into the femoral artery of mice to induce endothelial denudation and over-dilatation of the femoral artery. The changes in cytokine expression in PVAT around the injured artery was associated with exaggerated neointima formation at 4 weeks after the injury, suggesting that PVAT influences pathological vascular remodeling in response to mechanical vascular injury.
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FIGURE 2. Obesity-induced inflammatory changes in periadventitial fat enhanced neointimal hyperplasia. (A) Obesity-induced accumulation of inflammatory cells in periadventitial fat. Immunohistochemical analysis showed accumulation of Mac3-positive macrophages (arrows) within periadventitial fat in obese mice. Scale bar: 50 μm. Results are expressed as mean ± SEM. **P < 0.01. M indicates media of femoral artery. (B) Expression of mRNA in periadventitial fat around femoral artery from STD (standard diet) (n = 6) and HF/HS (high fat/high sucrose diet) WT C57BL6 mice. Expression level was assessed by real-time PCR normalized to each GAPDH level. Results are expressed as means ± SEM. *P < 0.05, **P < 0.01. (C) Hematoxylin/eosin-stained sections of femoral arteries from mice fed on STD or HF/HS diet 4 weeks after endovascular injury. Arrows indicate internal elastic lamina. Scale bar: 100 μm. Morphometric analysis of injured femoral arteries in lean (n = 7) and obese (n = 6) mice 4 weeks after wire-induced injury. Results are expressed as means ± SEM. **P < 0.01. All figures are cited from the reference (Takaoka et al., 2009) with permission.



We also investigated an atheroprotective role of healthy PVAT by removing PVAT in mice fed on a standard diet. Removal of healthy PVAT markedly enhanced neointima formation, which was attenuated by transplantation of subcutaneous fat tissues from the mice fed on a standard diet. The results suggest an atheroprotective role of healthy PVAT. On the other hand, transplantation of subcutaneous fat from the obese mice or visceral fat failed to show atheroprotective effect. To investigate the local effects of PVAT adiponectin on vascular remodeling, recombinant adiponectin was delivered locally to the adventitial space in adiponectin-deficient mice, using gelatin hydrogel. Four weeks after endovascular injury, neointima formation was reduced by perivascular delivery of adiponectin. Taken together, it was suggested that PVAT functions to prevent lesion formation by secreting atheroprotective adipokines, such as adiponectin. However, obesity alters adipocytokine expression profiles of PVAT, resulting in enhanced neointima formation after vascular injury (Takaoka et al., 2009).

We also reported that mechanical endovascular injury alters adipocytokine expression in PVAT (Takaoka et al., 2010). A wire was inserted into the femoral artery of mice to induce endothelial denudation and over-dilatation. We found that this mechanical injury up-regulated inflammatory cytokines and down-regulated adiponectin in PVAT. These changes were attenuated in TNF-α knockout mice, suggesting that TNF-α is important to transmit endovascular injury to adipocytokine changes in PVAT (Takaoka et al., 2010).

Consistent with our studies, others reported that PVAT plays a role in the pathogenesis of vascular lesion formation. Ketonen et al. reported that obesity-induced endothelial dysfunction is caused by increased oxidative stress and enhanced expression of inflammatory cytokine in PVAT (Ketonen et al., 2010). Manka et al. reported that transplantation of PVAT from obese mice to low-density lipoprotein receptor knockout mice enhanced lesion formation with increased inflammatory cell infiltration and pathological angiogenesis in adventitia. Theses pathological effects of PVAT transplantation was attenuated when PVAT from monocyte chemoattractant protein-1 (MCP-1)-deficient mice was transplanted. These results suggest that PVAT promotes vascular lesion formation through MCP-1-dependent mechanisms (Manka et al., 2014). These animal studies indicate that obesity increases expression of inflammatory adipocytokines in PVAT, leading to endothelial dysfunction and enhanced vascular lesion formation.

POSSIBLE ROLES OF EPICARDIAL ADIPOSE TISSUE IN THE PATHOGENESIS OF HUMAN CORONARY ARTERY DISEASE

Epicardial adipose tissue (EAT) is assumed to secrete abundant cytokines to the adjacent coronary artery (Sacks and Fain, 2007). For example, in the patients undergoing coronary artery bypass graft (CABG) surgery, it was reported that EAT abundantly expressed interleukin (IL)-1β, IL-6, TNF-α, and MCP-1 compared to their subcutaneous adipose tissue (Mazurek et al., 2003). Baker et al. reported that the expression of adiponectin mRNA was significantly lower in EAT than in gluteal and abdominal adipose tissues (Baker et al., 2006).

However, it remains to be elucidated whether the potential role of chronic inflammation in EAT plays a role in the pathogenesis of coronary artery disease (CAD). Therefore, we analyzed EAT obtained during cardiac surgery (Hirata et al., 2011a,b). EAT and subcutaneous adipose tissue (SCAT) were obtained from 38 CAD patients undergoing CABG and 40 non-CAD patients undergoing valvular surgery (Hirata et al., 2011b). Expressions of IL-6 and TNF-α were significantly increased in EAT of the CAD group compared to that of the non-CAD group. There was no significant difference between the CAD and the non-CAD groups in the expression of adipocytokines in SCAT. To investigate the mechanisms by which expression of inflammatory cytokines is elevated in EAT of the CAD patients, we performed immunohistochemistry against CD68, a marker for all types of macrophages, CD11c, a marker for inflammatory M1 macrophage (Lumeng et al., 2007), and CD206, a marker for anti-inflammatory M2 macrophage (Bourlier et al., 2008) (Figure 3). CD68 positive macrophages were significantly increased in EAT of the CAD group. The ratio of CD11c/CD68-positive cells was significantly increased, and the ratio of CD206/CD68-positive cells was significantly decreased in EAT in the CAD group. These data demonstrate relative increase of M1 macrophages and relative decrease of M2 macrophages in EAT in the CAD group. The ratio of M1/M2 macrophages showed positive correlation with the severity of CAD as determined by Gensini score (Gensini, 1983). These results suggested that the chronic inflammation and macrophage polarization in EAT would play a pathological role in human coronary atherosclerosis.
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FIGURE 3. Macrophage infiltration in human epicardial adipose tissue and subcutaneous adipose tissue. (A) Representative images of immunohistochemical staining showing accumulation of CD68-, CD11c-, and CD206-positive cells in epicardial adipose tissue (EAT) of coronary artery disease (CAD) patient. Scale bar = 100 μm. (B) Cell count of accumulating macrophages. Each point represents the cell count of infiltrating macrophages (/mm2). Bar indicates mean. *p < 0.05. SCAT, subcutaneous adipose tissue. All figures are cited from the reference (Hirata et al., 2011b) with permission.



Recently, it was reported that the expression of omentin was detected in EAT. Omentin, also known as interectin-1, is one of the recently identified adipocytokines (Harada et al., 2016). Omentin is expressed abundantly in omentum adipose tissue and is considered to have cardiovascular protective effects like adiponectin. It is known that omentin expression decreases in the milieus of diabetes mellitus or obesity (Shibata et al., 2017). Harada et al. analyzed EAT and SCAT from 15 non-obese CAD patients and 10 non-obese and non-CAD patients. Omentin expression increased in the EAT of non-obese CAD patients, despite a decrease in plasma levels. These results indicated that omentin expression in EAT may play a certain role in the pathogenesis of CAD (Harada et al., 2016).

EPICARDIAL ADIPOSE TISSUE VOLUME AND CORONARY ARTERY DISEASE

More than 200 years ago, an autopsy report of the case of a patient, who died in 1801, already described that CAD was combined with unusual accumulation of fat about the heart (Warren, 1962). Recently, many groups including us suggested that CAD is associated with increased EAT volume (Dagvasumberel et al., 2012). EAT volume can be quantified by coronary CT, echocardiography and MRI (magnetic resonance imaging). Konishi et al. measured “pericardial adipose tissue” volume by 64-slice CT, and suggested that CAD is more highly associated with pericardial fat volume than abdominal obesity (Konishi et al., 2010). Other studies also suggested that EAT volume may predict the severity of coronary atherosclerotic lesions and the clinical prognoses (Dagvasumberel et al., 2012). Moreover, a recent study indicated that EAT volume predicts fatal and non-fatal cardiac events independently of the classical coronary risk factors (Mahabadi et al., 2013). We also investigated the impact of EAT volume on CAD (Dagvasumberel et al., 2012). Multivariate analysis indicated that EAT volume index [EAT volume/body surface area (BSA)] were significant CAD predictors in men, whereas BMI, age, presence of hypertension, diabetes mellitus, and hyperlipidemia were not associated with the presence of CAD.

Previous studies suggested that increased visceral adipose tissue (VAT) is associated with CAD. For example, the prospective long-term follow-up of the Framingham Heart Study showed that VAT was an independent predictor of incident of cardiovascular disease (Britton et al., 2013). Accumulating evidence suggests that inflammatory cells can be observed in VAT than in SCAT and that VAT secretes more inflammatory adipocytokines than SCAT (Ibrahim, 2010). It is also suggested that VAT adipocytes plays more important roles in the pathogenesis of insulin resistance than SCAT adipocytes does (Ibrahim, 2010). Thus, it is likely that VAT influences vascular function and atherosclerosis than SCAT does.

We collected EAT and SCAT from 50 CAD patients and 50 non-CAD patients who underwent elective cardiac surgery. We evaluated the polarity of the accumulated macrophages in adipose tissue by immunohistochemical staining with the antibodies for CD68, CD11c, and CD206 and compared them with EAT volume index (Figure 4) (Shimabukuro et al., 2013). We found that EAT volume index was a significant prognostic factor to predict CAD. There were positive correlations between EAT volume index and the numbers of CD68 and CD11c positive M1 macrophage, and the expressions of inflammatory cytokines such as IL-1β, and negatively correlated with adiponectin expression in EAT (Shimabukuro et al., 2013). A multivariate analysis model revealed that number of CD68 (+) cells and IL-1β, and adiponectin expression in EAT strongly predicted CAD. These results indicated that EAT volume, macrophage infiltration, and adipocytokine signals in EAT are closely associated with CAD and that EAT volume and adipocytokine imbalance play critical roles in the pathogenesis of human coronary atherosclerosis.
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FIGURE 4. Correlation between the EAT volume index and the number of CD68+, CD11c+, and CD206+ cells in EAT. The EAT volume index was positively correlated with the numbers of CD68+, and CD11c+ cells in EAT in the patients who underwent non-coronary (◦) or coronary (•) surgery. Liner regression analysis was made in a combined group, including non-coronary artery disease (CAD) and CAD subjects. R and P-values are shown. EATV index, epicardial adipose tissue volume index. All figures cited from the reference (Shimabukuro et al., 2013) with permission.



Recent reports suggested that EAT accumulation is associated with not only coronary artery disease but also atrial fibrillation (AF) (Soeki and Sata, 2012). In Framingham heart cohort, EAT volume was measured by CT in 3217 subjects, and it was suggested that EAT volume was an independent risk factor of AF after adjusting other risk factors such as hypertension, PR interval, and body mass index (BMI) (Thanassoulis et al., 2010). Another study demonstrated that peri-atrial EAT volume was associated with new-onset AF in patients with CAD, independent of enlargement of the left atrium (Nakanishi et al., 2012). It is assumed that inflammatory cytokines secreted from peri-atrial EAT promote fibrotic remodeling of atrial myocardium, leading to AF (Hatem et al., 2016).

HOW TO EVALUATE EPICARDIAL ADIPOSITY?

Although many groups have investigated correlation between the EAT volume and coronary atherosclerotic lesions, there might be a confusion in definition of fat depots around the heart (Yamada and Sata, 2015). EAT, or subepicardial adipose tissue, located inside the parietal pericardium, have a direct contact with coronary artery (Figure 5). On the other hand, adipose tissue located outside the parietal pericardium is called as paracardial adipose tissue (PAT). PAT is also called as thoracic or intrathoracic adipose tissue. There is a difference in the definition of “pericardial adipose tissue.” In some studies, PAT was described as “pericardial adipose tissue,” whereas EAT or EAT together with PAT were described as “pericardial adipose tissue” in other studies (Yamada and Sata, 2015). EAT shares coronary circulation with cardiac myocardium, while PAT is perfused by non-coronary source. Thus, EAT and PAT are distinct fats with different impacts on coronary atherosclerosis (Yamada and Sata, 2015). We would like to define that “pericardial adipose tissue” means “epicardial adipose tissue” plus “paracardial adipose tissue.”
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FIGURE 5. Identification of epicardial adipose tissue and paracardial adipose tissue. Identification of epicardial adipose tissue and paracardial adipose tissue by echocardiography (Left) and contrast enhanced 320-slice multi-detector computed tomography (Right). The asterisks (*) indicate left descending coronary artery. “Pericardial adipose tissue” includes both epicardial adipose tissue (located within or deep into the pericardium) and paracardial adipose tissue (located superficial to the pericardium). Sometimes, pericardial adipose tissue is referred to as paracardial adipose tissue. All figures cited from the reference (Yamada and Sata, 2015) without modification.



To evaluate EAT accumulation, different groups use EAT volume (Konishi et al., 2010; Mahabadi et al., 2013) or EAT volume index, which is EAT volume divided by BSA. We found that the EAT volume was higher in men than in women, but the mean EAT volume/height and EAT volume/BSA were comparable (Dagvasumberel et al., 2012). Therefore, it is likely that EAT volume index might be a preferable parameter (Shimabukuro et al., 2013).

El Khoudary et al. assessed whether volumes of heart fat depots (EAT and PAT) were associated with coronary artery calcification (CAC) in women at midlife and whether these associations were modified by menopausal status and estradiol levels (El Khoudary et al., 2017). Volumes of PAT and EAT increased after menopause. Of note, estradiol decline was associated with PAT volume, but not EAT volume, suggesting that menopause has something to do with PAT accumulation. CAC measures were associate with EAT volume. Menopausal status or estradiol did not modify this association. In contrast, menopausal status significantly modified association between PAT and CAC measures. It was reported that PAT might be a risk factor for coronary artery disease in menopausal women. It was suggested that PAT depot need to be monitored and would be a target for intervention in women at midlife (El Khoudary et al., 2017).

Many groups measured EAT thickness using echo-cardiography and reported that EAT thickness was greater in CAD patients than in non-CAD patients (Iacobellis, 2015). Recently, we developed a new method to evaluate EAT thickness (Hirata et al., 2015). We evaluated EAT thickness at anterior interventricular groove (EAT-AIG) and at anterior right ventricle (EAT-RV) of 311 patients by echocardiography using a high frequency linear probe. EAT-AIG had a strong correlation with EAT volume evaluated by coronary CT. Both EAT-AIG and EAT-RV of CAD patients were greater than those of non-CAD patients. EAT-AIG was more strongly correlated with CAD as determined by the receiver operating characteristics curve analysis. It was suggested that we may be able to predict CAD with high sensitivity and specificity by evaluating EAT thickness by the non-invasive echocardiography using the high frequent linear probe (Hirata et al., 2015).

Nerlekar at al. performed meta-analysis to assess the association between EAT and high-risk plaque (HRP) (Nerlekar et al., 2017). Nine studies (n = 3,772 patients) were included with seven measuring EAT volume by CT and two measuring EAT thickness by echocardiography. Increase in EAT volume or thickness was associated with the presence of HRP. Increasing EAT volume has a significant association with HRP. However, EAT thickness had no significant association with HRP. This analysis included only two studies evaluating EAT thickness by echocardiography. Further investigation is required to establish clinical significance of evaluating EAT thickness to predict the existence of HRP.

Besides coronary CT and echocardiography, it was reported that EAT volume can be evaluated by MRI (Levelt et al., 2016). There is no standard method to evaluate EAT volume to predict coronary atherosclerosis disease. It is hoped that EAT can be evaluated precisely and easily using appropriate modalities.

CAN PVAT BE REDUCED TO PREVENT CARDIOVASCULAR EVENTS?

It is very important to clarify whether modification of life-style or medication can reduce PVAT, leading to phenotypic improvement of inflammatory PVAT. It was reported that EAT was decreased by aerobic exercise for 12 weeks in obese middle-aged men (Kim et al., 1985). Interestingly, reduction in EAT volume showed linear correlation with reduction in VAT volume (Kim et al., 1985).

In a sub-analysis of BELLES (Beyond Endorsed Lipid Lowering with Electron Beam Tomography Scanning) trial, in which the effect of the moderate and the aggressive doses of statin therapy to coronary calcification were tested in 615 hyperlipidemic post-menopausal women, EAT volume was measured by CT in the intensive therapy group (atorvastatin 80 mg) and the moderate therapy group (pravastatin 40 mg). One year later, reduction of EAT volume was observed in the intensive and the moderate therapy groups. Decrease in EAT volume was statistically significant in the intensive therapy group, but not in the moderate therapy group. Interestingly, EAT volume reduction showed no correlation with the degree of lipid lowering. These results suggested that, in post-menopausal women, statin therapy decreased EAT volume especially in the intensive therapy group and that the effect of statin was not associated with the LDL lowering effect. Anti-inflammatory pleiotropic effects of statin might be related to this effect (Alexopoulos et al., 2013).

Recently, it was reported that sodium-glucose co-transporter 2 (SGLT2) inhibitors (ipragliflozin, luseogliflozin, and canagliflozin) reduced the EAT (Bouchi et al., 2017; Fukuda et al., 2017; Yagi et al., 2017) as well as the abdominal visceral fat (Tosaki et al., 2017) in type 2 diabetes patients. Recent randomized clinical trials showed that use of SGLT2 inhibitors (canagliflozin and empagliflozin) decreases mortality and morbidity of cardiovascular diseases in diabetic patients (Zinman et al., 2015; Neal et al., 2017). If SGLT2 inhibitors can decrease EAT volume as well as other adipose tissues, it is assumed that reduction in EAT could lead to cardiovascular protective effects by SGLT2 inhibitors, which have been proved by recent randomized clinical trials (Heerspink et al., 2016; Rajasekeran et al., 2016).

It remains to be clarified whether the decrease of EAT by any therapeutic interventions can inhibit progression of coronary lesions or the occurrence of coronary events. Further studies will clarify whether reduction in EAT volume could be a therapeutic target to prevent cardiovascular events.

CONCLUSIONS

PVAT has been considered to secrete humoral factors, influencing the function and the lesion formation of the adjacent artery. EAT volume can be measured by CT, echocardiography and MRI, which are commonly used in clinical practices. Numerous imaging studies suggested that increased EAT volume is associated with CAD. Almost all the data presented is correlative. It remains to be elucidated whether the reduction of EAT volume would be effective in prevention of cardiovascular events. Future studies will clarify more in detail the roles of PVAT in the pathogenesis of CAD. EAT would be a useful biomarker in the diagnosis of CAD and would be a good therapeutic target.
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Background and aim: Perivascular adipose tissue (PVAT) positively regulates vascular function through production of factors such as adiponectin but this effect is attenuated in obesity. The enzyme AMP-activated protein kinase (AMPK) is present in PVAT and is implicated in mediating the vascular effects of adiponectin. In this study, we investigated the effect of an obesogenic high fat diet (HFD) on aortic PVAT and whether any changes involved AMPK.

Methods: Wild type Sv129 (WT) and AMPKα1 knockout (KO) mice aged 8 weeks were fed normal diet (ND) or HFD (42% kcal fat) for 12 weeks. Adiponectin production by PVAT was assessed by ELISA and AMPK expression studied using immunoblotting. Macrophages in PVAT were identified using immunohistochemistry and markers of M1 and M2 macrophage subtypes evaluated using real time-qPCR. Vascular responses were measured in endothelium-denuded aortic rings with or without attached PVAT. Carotid wire injury was performed and PVAT inflammation studied 7 days later.

Key results: Aortic PVAT from KO and WT mice was morphologically indistinct but KO PVAT had more infiltrating macrophages. HFD caused an increased infiltration of macrophages in WT mice with increased expression of the M1 macrophage markers Nos2 and Il1b and the M2 marker Chil3. In WT mice, HFD reduced the anticontractile effect of PVAT as well as reducing adiponectin secretion and AMPK phosphorylation. PVAT from KO mice on ND had significantly reduced adiponectin secretion and no anticontractile effect and feeding HFD did not alter this. Wire injury induced macrophage infiltration of PVAT but did not cause further infiltration in KO mice.

Conclusions: High-fat diet causes an inflammatory infiltrate, reduced AMPK phosphorylation and attenuates the anticontractile effect of murine aortic PVAT. Mice lacking AMPKα1 phenocopy many of the changes in wild-type aortic PVAT after HFD, suggesting that AMPK may protect the vessel against deleterious changes in response to HFD.

Keywords: perivascular adipose tissue, AMPK, high-fat diet, adiponectin, anticontractile effect

INTRODUCTION

Obesity is an independent risk factor for the development of cardiovascular diseases including coronary artery disease, hypertension, atherosclerosis, and heart failure (Poirier et al., 2006). It has been reported that the risk of cardiovascular disease is four times higher in obese than normal weight people (Manson et al., 1995). Understanding the correlation between obesity and cardiovascular risk has focussed on studying the effect of changes in particular fat depots throughout the body and in this regard, the perivascular adipose tissue (PVAT), which surrounds most blood vessels and regulates vascular function, would appear to be of particular importance. PVAT is an endocrine tissue that produces many active molecules termed adipocytokines (Almabrouk et al., 2014) and in healthy subjects, PVAT exhibits an anticontractile effect via release of PVAT-derived relaxing factors (Aghamohammadzadeh et al., 2012). Studies have shown that PVAT attenuates vascular contraction in multiple vascular beds including coronary vessels (Aghamohammadzadeh et al., 2012), rat aorta (Löhn et al., 2002; Dubrovska et al., 2004), and rat mesenteric arteries (Verlohren et al., 2004) and there are multiple PVAT-derived agents which have been proposed to underlie this anticontractile effect including adiponectin (Fesus et al., 2007), NO (Gil-Ortega et al., 2014) and H2O2 (Gao et al., 2007).

As obesity is associated with an increased PVAT mass, it would be intuitive to expect an increased anticontractile effect of the PVAT due to enhanced release of PVAT-derived relaxing factors. However, obesity triggers structural and functional changes in PVAT which contribute to a loss or attenuation of the anticontractile effect, which in similarity to endothelial dysfunction has been termed PVAT dysfunction (Guzik et al., 2006). This may be by virtue of increased oxidative stress (Ketonen et al., 2010; Rebolledo et al., 2010; Gil-Ortega et al., 2014), hypoxia and inflammation (Greenstein et al., 2009) within the adipose tissue leading to dysfunctional adipokine release (Maenhaut et al., 2010; Gu and Xu, 2013). Although it has been shown that the anti-contractile activity of PVAT is attenuated in obese patients and animal models (Greenstein et al., 2009), the underlying mechanism of PVAT dysfunction remains elusive.

The enzyme AMP-activated protein kinase (AMPK) maintains energy homoeostasis (Carling et al., 2011) and is involved in regulation of glucose, lipid, and protein metabolism (Hardie, 2011). AMPK is activated by reduced cellular energy charge, such as that occurring in hypoxia, hypoglycaemia, and ischaemia, leading to increased phosphorylation of the catalytic AMPKα subunit at Thr172. Activated AMPK subsequently phosphorylates a number of metabolic enzymes leading to normalization of ATP levels (Bijland et al., 2013; Salt and Hardie, 2017). In addition to the well-characterized metabolic actions of AMPK, it is increasingly clear that AMPK plays an important role in the maintenance of vascular health (Salt and Hardie, 2017). Interestingly, in adipose tissue the activity of AMPK is diminished in obesity and metabolic syndrome (Ruderman et al., 2013) while in fat-fed rats, the AMPK/mTOR pathway may contribute to PVAT-mediated vascular dysfunction and remodeling (Ma et al., 2010). Adiponectin, the most abundant adipokine generated by PVAT (Fesus et al., 2007), may exert its anticontractile effect through hyperpolarisation of vascular smooth muscle cells (VSMCs) via AMPK (Weston et al., 2013), and in HFD-fed obese rats, adiponectin improves endothelial dysfunction in the aorta via AMPK activation and eNOS phosphorylation (Deng et al., 2010). Thus, reduced AMPK activity or expression in obesity could underlie the loss of the anticontractile effect of PVAT. Indeed, in a previous study, we demonstrated that aortic PVAT from mice globally deficient in AMPKα1 did not exert an anticontractile effect and this correlated with reduced adiponectin secretion (Almabrouk et al., 2017). However, whether AMPK reduction is also affecting adiponectin release from PVAT in HFD-fed animals remains unclear.

The effect of diet-induced obesity on AMPK has most frequently been studied at the level of the endothelium and VSMCs (Ma et al., 2009, 2010). These studies have yielded consistent results, showing that AMPK acts as a protective mechanism against diet-induced obesity. For example, fructose-fed rats exhibit dysfunction of adipocytokine expression in PVAT and loss of endothelium-dependent vasodilation which can be reversed by activating AMPK (Sun et al., 2014). In fat-fed rats, treatment with a steroid sapogenin (diosgenin) enhanced AMPK phosphorylation in PVAT and reduced inflammatory markers, an effect reversed by AMPK knockdown using siRNA (Chen et al., 2016). A recent study by Zaborska et al. demonstrated that the male offspring of female rats fed a HFD during pregnancy and lactation had dysfunctional mesenteric PVAT which correlated with reduced AMPK activity in the PVAT and reduced NO bioavailability (Zaborska et al., 2016). In a further study by the same group it was found that O-GlcNAcylation was the likely cause of reduced AMPK activity and that the anticontractile effect of PVAT could be recovered by activating AMPK (Zaborska et al., 2017). However, to date, few studies have addressed how HFD modulates the anticontractile activity of PVAT independent of the endothelium and the role of AMPK in this effect. We hypothesized that AMPK expressed in PVAT would act as a protective mechanism to reduce some of the deleterious effects of high fat diet (HFD) on vascular function.

METHODS

Animal Model

Mice used in this study were housed in single-sex groups of 5–6 mice per cage at the Central Research Facility at the University of Glasgow and kept on 12 h cycles of light and dark and at ambient temperature. Wild type (Sv129-WT) mice were purchased from Harlan Laboratories (Oxon, UK). AMPKα1 KO mice were kindly supplied by Benoit Viollet (Institut Cochin, Paris, France) and the generation of these animals has been described before (Jørgensen et al., 2004). All animal experiments were performed in accordance with the United Kingdom Home Office Legislation under the Animals (Scientific Procedure) Act 1986 (project licenses 60/4224 and 70/8572 which were approved by the Glasgow University Animal Welfare and Ethical Review Board) and guidelines from Directive 2010/63/EU of the European Parliament on the protection of animals used for scientific purposes.

In all experiments, age-matched male and female WT and KO mice were used as preliminary experiments demonstrated no gender difference in aortic responses to contractile and relaxant agents (data not shown). WT and KO mice were randomly divided into two groups and fed either a normal diet [ND; n = 14(WT) and n = 14(KO)] or a high fat diet [HFD; n = 15(WT) and n = 15(KO)] for 12 weeks starting at 8 weeks of age. The high-fat diet (Western RD) was purchased from SDS (SDS diets, U.K) and contained: fat 21.4%, protein 17.5% and carbohydrate 50% (42% kcal fat). Body weight was monitored weekly and blood pressure (BP) was measured every 4 weeks using tail cuff plethysmography (Visitech systems, North Carolina, USA). Food intake was assessed by weighing the remaining food in the hopper of each cage. At the end of 12 weeks mice were fasted for 16 h before a glucose tolerance test (Mancini et al., 2017) and were then euthanised by a rising concentration of CO2. Blood was obtained by cardiac puncture and blood glucose measured using a portable glucose monitoring system (Ascensia CONTOUR blood glucose monitoring system, Bayer HealthCare). Serum insulin concentration was determined using a rat/mouse insulin ELISA kit (Millipore) according to the manufacturer's instructions in which the absorbance at 485 nm was determined using a FLUOstar OPTIMA microplate reader (BMG Labtech, Germany). Mean absorbance was determined from duplicate samples and concentration calculated by comparison to the standard curve.

For experiments involving the analysis of tissues, the thoracic aorta and spleen (used as a positive control) were removed and placed in ice-cold oxygenated (95% O2:5% CO2) Krebs' solution of the following composition: 118 mM NaCl, 4.7 mM KCl, 1.2 mM MgSO4, 25 mM NaHCO3, 1.03 mM KH2PO4, 11 mM glucose, and 2.5 mM CaCl2.

Histological Analysis

To determine the effect of HFD on PVAT morphology, freshly isolated thoracic aortae with intact PVAT from WT and KO mice were placed in 10% zinc formalin and fixed overnight. Arteries were processed through a gradient of alcohols to Histoclear and embedded vertically in paraffin wax before being sectioned on a microtome at 5 μm. Haematoxylin and eosin staining was performed and sections visualized by light microscopy.

Immunohistochemistry using rat anti-MAC2 (#CL8942AP, Cedarlane, UK), rabbit anti-AMPKα (#ab131512, Abcam) and anti-phospho-AMPKα Thr172 (#2535, Cell Signaling Technology) antibodies was utilized to detect the presence of inflammatory cells as well as the effect of HFD on AMPK phosphorylation. In brief, aortic rings and spleens from WT and KO mice fed ND or HFD were fixed overnight in 10% acetic zinc formalin. Sections (5 μm) on slides were deparaffinised and endogenous peroxidase activity blocked by immersing in 3% (v/v) H2O2 in methanol for 20 min. Non-specific antibody binding was blocked using 10% non-immune goat serum (Histostain Plus bulk kit blocking solution, Invitrogen) or normal rabbit serum (Vector labs; MAC2 antibody) for 1 h at room temperature and primary antibodies were then added overnight at 4°C. Antibodies were diluted in 1% (w/v) BSA in PBS and used at a concentration of 1:5000 (MAC2) or 1:100 (phospho-AMPKα). Secondary antibody (rabbit anti rat, Vector Labs, UK or biotinylated anti-rabbit, Histostain bulk kit) was incubated for 1 h at room temperature and antibody binding was visualized using DAB (3,3′ diaminobenzidine) chromogenic substrate (Vector Laboratories) and haematoxylin counter stain. Sections were photographed using AxioVision microscope software (Zeiss, Germany).

Real-Time PCR

Expression of M1 and M2 macrophage markers and adiponectin mRNAs in the PVAT was evaluated using real-time PCR as described elsewhere (Skiba et al., 2017). Briefly, total RNA was obtained from PVAT samples using RNeasy Lipid Tissue Mini Kit (Qiagen) and measured by Nanodrop 2000 (Thermo Fisher Scientific). Reverse transcription of 1 μg RNA was performed using High Capacity cDNA Reverse Transcription Kit (Applied Biosystems). mRNA expression of chosen genes in PVAT was analyzed using TaqMan® probes and TaqMan® Real-Time PCR Master Mix (Thermo Fisher Scientific). Expression of mRNA for Tnf-α and housekeeping gene Gapdh were analyzed using Fast SYBR® Green Master Mix (Thermo Fisher Scientific) and primers (Eurofins) shown in Supplementary Table 1. Reactions were prepared and run on 384-well plates on the QuantStudio™ 7 Flex Real-Time PCR System using a standard protocol and mRNA expression was analyzed using QuantStudio™ Real-Time PCR Software. All data were normalized to levels of Gapdh mRNA and relative quantification was calculated as 2−ΔCt. Details of the probes and primers used are listed in Supplementary Table 1.

Protein Expression/Immunoblotting

Samples of thoracic aortic PVAT were dissected, weighed and lysed as previously described (Almabrouk et al., 2017). The protein content of WT and KO PVAT lysates derived from mice fed either ND or HFD was calculated by Coomassie Plus Protein Assay Reagent (Perbio, USA) against a BSA standard curve. Protein samples were resolved by SDS-PAGE, transferred to nitrocellulose membranes and incubated overnight at 4°C with mouse anti-GAPDH (Ambion AM4300) antibodies, or rabbit anti-AMPKα (Cell Signaling Technology #2603), anti-phospho-AMPK Thr172 (Cell Signaling Technology #2535), anti-acetyl CoA carboxylase (ACC) (Cell Signaling Technology #3676) and anti-phospho-ACC Ser79 (Cell Signaling Technology #3661) antibodies. All primary antibodies were diluted 1:1000 in 50% (v/v) TBS, 50% (v/v) Odyssey®-Block (LI-COR, USA). Immunolabelled proteins were visualized using infrared dye-labeled secondary antibodies and an Odyssey Sa Infrared Imaging System (LI-COR, USA).

Adiponectin Elisa

To examine the effect of HFD on adiponectin release from PVAT, conditioned media samples from WT and KO PVAT from ND and HFD groups were prepared according to the method of Almabrouk et al. (2017). Briefly, PVATs (20 mg) were isolated, weighed and incubated in 1 ml of aerating Krebs' solution at 37°C. Adiponectin content of the conditioned media were analyzed by adiponectin/Acrp30 Quantikine ELISA Kit (MRP300, R&D systems, Abingdon, Oxfordshire). Adiponectin was detected as a colourimetric reaction product by measuring absorbance of the ELISA plate at 450 nm with wavelength correction using a FLUOstar OPTIMA microplate reader (BMG Labtech, Germany). The mean absorbances for the samples were measured in duplicate and the adiponectin concentration was determined by comparison with the standard curve.

Small Vessel Wire Myography

WT and KO thoracic aortae from ND and HFD groups were cut into 2 mm rings with some rings cleaned of PVAT, and others left with the PVAT intact. In all experiments, the endothelium was removed by gently rubbing the interior of the vessel with fine wire and its absence was confirmed by lack of vasodilation (<10%) in response to 10−6 M acetylcholine. Artery rings were mounted on two stainless steel pins in a four channel wire myograph (Danish Myo Technology). Vessels were incubated in Krebs' at 37°C and gassed continuously with 95% O2 and 5% CO2. Rings were set at a pre-determined optimum resting force of 9.8 mN (Weingärtner et al., 2015) and allowed to equilibrate for 30 min prior to use. After calibration, arterial rings were challenged by addition of 40 mM KCl to sensitize the vessels and then contracted using 30 nM 9,11-dideoxy-9α,11α- methanoepoxy PGF2α (U46619, Tocris) before commencing experiments. Cumulative concentration–response curves to the K+ channel opener cromakalim (1 × 10−9 to 1 × 10−6 M; Sigma-Aldrich, Poole, UK), added at 10 min intervals were constructed. Data were expressed as a percentage loss of U46619-induced tone.

Mouse Carotid Artery Injury

To further investigate the role of AMPK in the PVAT on vessel inflammation, we used the mouse carotid wire injury model; characterized by endothelial denudation and infiltration of inflammatory cells throughout the vessel wall (Tennant et al., 2008; Greig et al., 2015). Briefly, mice (n = 5 WT and n = 4 KO fed on normal chow) were anesthetized and maintained on 1% isoflurane throughout. The left carotid artery was surgically exposed and injured luminally in WT and AMPKα1 KO mice using a flexible nylon wire. Animals were recovered with suitable analgesic cover and kept for 7 days. The right carotid artery served as a non-injured contralateral control. Arteries were removed, fixed, and processed for histological analysis and ICC as already outlined.

Statistical Analysis

All results are expressed as mean ± standard error of the mean (SEM) where n represents the number of experiments performed or number of mice used. Data were analyzed with GraphPad Prism 5.0 software. When comparing two or more variables two-way ANOVA (analysis of variance) tests were used. When comparing two or more data groups (contraction data), two-way ANOVA followed by Newman–Keuls post hoc test was used. In all cases, a p-value of < 0.05 was considered statistically significant.

RESULTS

Effect of HFD on Weight, Food Intake, and Blood Pressure

At the end of the 12 week period of feeding there was a significant increase in body weight in WT mice on HFD compared to mice fed ND (Figure S1A). Fasting blood glucose and plasma insulin measured at the end of the study period both showed a tendency toward an increase in the WT HFD group, as did incremental area under the curve (AUC) following the glucose tolerance test (Table 1 and Figures S1C,D). In the KO mice, weight gain following HFD was similar to that observed in WT mice (Figure S1A). Similarly, fasting blood glucose, plasma insulin (Table 1) and incremental AUC following a GTT were no different from the values seen in WT mice fed either diet. Systolic blood pressure was unchanged in any group over the course of the 12 week study period (Figure S1B).


Table 1. Effect of 12 weeks of high fat diet (HFD) on plasma glucose, insulin and AUC following a glucose tolerance test.
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PVAT Morphology and Inflammation

In haematoxylin and eosin stained samples of thoracic aortic PVAT from both WT and KO mice, the PVAT was composed of adipocytes with the morphological features of brown adipose tissue (BAT). After 12 weeks of HFD, the PVAT did not appear grossly altered although there were some cells containing larger lipid droplets with the appearance of white adipocytes (Figure 1). Immunohistochemistry for the macrophage marker MAC2 was used to identify the effect of HFD on monocyte/macrophage numbers within the PVAT. In WT mice, there was very little positive MAC2 staining within the PVAT after 12 weeks of ND but this was significantly increased in mice fed HFD (Figure 2). In KO mice fed ND, there was significantly more positive MAC2 staining compared to WT mice on ND, indicating that lack of AMPKα1 increases monocyte/macrophage numbers within PVAT and that AMPK may protect against deleterious changes in immune cell infiltration in PVAT. In KO mice fed HFD, there was no further increase in MAC2 staining (Figure 2). To study macrophage phenotype in more detail, real-time PCR was used to identify mRNA levels of markers of M1 and M2 macrophages in homogenized samples of PVAT. In WT mice fed HFD there was an increased expression of some M1 macrophage marker mRNAs (Nos2 and Il1b; Figures 3A,B) while others (Il12a) remained unchanged (Figure 3C). Interestingly, KO mice fed ND exhibited increased Nos2 when compared to WT mice fed ND. HFD did not cause any further increase in these markers in KO mice (Figures 3A,B). Within the M2 markers, levels of Chil3 mRNA were increased in WT mice after 12 weeks of HFD (Figure 3D), while Arg1 mRNA remained unchanged (Figure 3E). Levels of Tnf-α were not changed in KO mice compared to WT mice and HFD had no significant effect (Figure 3F).
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FIGURE 1. Effect of 12 weeks high-fat diet on thoracic aorta PVAT. Aortic rings from wild type mice (A,B) and AMPKα1 knockout mice (C,D) were harvested from mice fed normal diet (chow) or high fat diet and stained with H&E. Nuclei appear blue/purple whereas cytoplasm is stained pink. Scale bar = 20 μm. Representative images of n = 5 separate animals per group.
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FIGURE 2. Effect of high-fat diet on macrophage marker (MAC2) expression in thoracic aortic PVAT. Aortic rings from wild type mice (A,B) and AMPKα1 knockout mice (C,D) were harvested from mice fed normal diet (ND) (A,C) or high fat diet (HFD) (B,D) and immunostained with anti-MAC2 antibody with haematoxylin counterstain. Scale bar = 20μm. Images shown are representative of at least n = 5 separate animals per group. (E) Histogram showing quantitation of immunostaining data. Data were expressed as percentage of stained cells to total nuclear area in the section. **p <0.01 vs WT (ND); *p < 0.05 vs WT (ND).
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FIGURE 3. Quantification of macrophage marker expression within thoracic PVAT samples using RT-PCR. (A,B), HFD significantly raised mRNA expression of M1 markers Nos2 and Il1b, encoding iNOS and IL-1β in WT PVAT but had no effect in PVAT from AMPK α1 KO mice. KO PVAT had a higher expression of iNOS compared to WT PVAT in mice fed ND. (C) Expression of Il12a, encoding IL-12 was unchanged following HFD in either WT or KO mice. (D) HFD also significantly increased expression of the M2 marker Chil3, encoding YM1 in WT but not KO mice. (E) Expression of the M2 marker Arg1, encoding arginase was unchanged following HFD in either WT or KO mice. Similarly, expression of Tnf-α, encoding TNF-α was unchanged following HFD in either WT or KO mice (F). Values are expressed as means ± SEM, n = 4 for all groups; *p < 0.05 and **p < 0.01 vs. WT (ND). iNOS- inducible nitric oxide synthase; IL-1β- interleukin 1β; YM1, Beta-N-acetylhexosaminidase.



AMPK Levels and Phosphorylation in PVAT

In WT mice, staining for phospho-AMPKα Thr172 was found throughout the PVAT surrounding the aorta. HFD did not appear to alter staining intensity noticeably. In the KO mice, staining intensity for phospho-AMPKα Thr172 was markedly lower compared to the WT and HFD did not change the apparent intensity of the staining (Figure 4A). Immunoblotting was used to quantify the levels of phosphorylated AMPKα and the AMPK substrate, ACC in homogenized PVAT samples (Figure 4B). Compared to WT mice fed ND, mice fed HFD exhibited reduced levels of phosphorylated AMPKα without altering total levels of AMPKα relative to GAPDH (Figures 4C,D). Furthermore, PVAT homogenates from WT mice fed HFD exhibited a tendency toward reduced phosphorylated ACC relative to total ACC compared with WT mice fed ND, yet, this did not achieve statistical significance (Figure 4E). As expected, KO mice on either diet exhibited markedly reduced levels of AMPKα and phosphorylated AMPKα (Figures 4C,D). Furthermore, this was associated with reduced AMPK activity as assessed by ACC phosphorylation relative to total ACC (Figure 4E), without altering total ACC levels (Figure 4F).
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FIGURE 4. Effect of HFD on levels and phosphorylation of AMPK in PVAT. Sections of thoracic aorta from WT and KO mice on normal or high-fat diet were probed using anti-phospho-AMPKα Thr172 antibodies (A). There was significantly less staining in KO tissue compared to WT but feeding high-fat diet had no obvious effect on phospho-AMPKα levels. Scale bar = 20μm, representative images of at least n = 3 separate mice per group. (C–F) lysates of PVAT from WT and KO mice fed ND and HFD were immunoblotted with the indicated antibodies. (B) Representative immunoblots. (C–F) Quantitative analysis of immunoblots, expressed as the ratio of phosphorylated AMPKα (C), AMPKα (D), and total ACC (F) relative to GAPDH. (E) Quantitative analysis of phosphorylation of the AMPK substrate, ACC, relative to total ACC levels. *p < 0.05, **p < 0.01or ***p < 0.001 vs. WT (ND), n = 3 for all data sets.



Adiponectin Production by PVAT

HFD caused a significant reduction (~70%) in the adiponectin content of conditioned media (CM) collected from PVAT of WT mice compared to mice fed ND (Figure 5A). CM from KO mice fed ND had significantly lower adiponectin content compared to WT mice, yet HFD caused no further alteration of adiponectin levels in CM from PVAT of KO mice (Figure 5A). To further investigate the changes in adiponectin caused by HFD, RT-PCR was used to quantify adiponectin mRNA expression. In WT mice, feeding HFD for 12 weeks had no effect on adiponectin mRNA expression (Figure 5B) and in KO mice, expression was not significantly different compared to WT mice and feeding HFD had no effect. This suggests that HFD or AMPKα1 knockout significantly attenuates adiponectin secretion by the PVAT without affecting gene expression.


[image: image]

FIGURE 5. Effect of HFD on adiponectin secretion and mRNA expression in PVAT. (A) Conditioned medium was collected from WT and KO PVAT from mice fed ND or HFD and adiponectin levels assessed by ELISA (n = 6 for all groups). *p < 0.05 and **p < 0.01 vs. WT ND. (B) Adiponectin mRNA expression was assessed by qPCR in samples of aortic PVAT from WT and KO fed either ND or HFD (n = 4 for all groups). No significant changes in adiponectin gene expression were detected.



Anticontractile Effect of PVAT and Importance of AMPK

The presence or absence of the vascular endothelium did not affect the contractile response to U46619 in WT or KO aortic rings (data not shown). In endothelium-denuded vessels, the contraction of WT aorta without PVAT to 30 nM U46619 was 1.2 ± 0.3 g (n = 7) and this was not significantly affected by 12 weeks of HFD (Figure 6A). Similarly, in WT vessels with intact PVAT, contraction to 30 nM U46619 was unaffected by HFD (1.4 ± 0.3 g; n = 6 vs. 1.1 ± 0.1 g; Figure 6A). KO mice showed a similar contraction in response to U46619 and this was unaffected following HFD in rings either with or without intact PVAT (Figure 6C).
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FIGURE 6. Effect of HFD on the anticontractile effect of aortic PVAT. (A) There was no significant difference in contractile force in response to 30nM U46619 in rings from WT or KO mice and this was not influenced by 12 weeks of HFD or the presence or absence of intact PVAT on the artery ring. Dose response curves to cromakalim were constructed in preconstricted aortic rings from WT mice (B) or AMPKα1 knockout mice (C). All rings were denuded of endothelium and either had PVAT removed (–) or left intact (+). Intact PVAT had an anticontractile effect in WT mice which was attenuated by high fat diet feeding. HFD had no effect on relaxation in rings without attached PVAT (A). In KO mice, the PVAT did not have an anticontractile effect and HFD did not alter this (B). ***p < 0.001 vs. PVAT(–) (ND); n = 6–7.



In WT mice, the maximum relaxation to cromakalim was significantly increased in aortic rings with intact PVAT (83.3 ± 3.6%, n = 7 vs. 27.6 ± 2.8%, n = 7; p < 0.05). After 12 weeks of HFD, the maximal relaxation to cromakalim in aortic rings with intact PVAT was significantly attenuated (around 30%) compared to mice fed ND (Figure 6B) while in aortic rings without PVAT, the diet had no effect on relaxation, suggesting it is dysfunction of the PVAT caused by HFD which attenuates the anticontractile effect. In the AMPKα1 KO mice fed normal diet, the anticontractile effect of the PVAT was absent and maximal responses to cromakalim were not significantly different between vessels with or without intact PVAT. In KO mice fed HFD, there was no significant change in the relaxation to cromakalim (Figure 6C).

Carotid Injury—Effect on Inflammation in PVAT

We next sought to investigate if vascular injury exerts effects on PVAT and if this is mediated by AMPK. Using the carotid artery wire injury model we examined whether PVAT lacking AMPKα1 responded differently to vascular injury and associated vessel inflammation. PVAT surrounding the carotid artery appeared very similar to that surrounding the thoracic aorta. Haematoxylin and eosin staining revealed that WT PVAT consisted of adipocytes with the characteristic multiple lipid vacuoles and central nuclei which is characteristic of brown adipocytes and this was similar in the wire injured left carotid samples (Figures 7A,B). In KO mice, the PVAT had a similar BAT-like appearance and this was unchanged 7 days after wire injury (Figures 7C,D). Immunohistochemistry using the antibody against MAC2 showed significant macrophage infiltration in WT injured carotid arteries in comparison with the control right carotid (Figure 7E). In KO mice, there was a trend toward greater MAC2 expression in the PVAT of the non-injured vessels but there was no significant increase caused by wire injury (Figure 7E).


[image: image]

FIGURE 7. Effect of wire injury on carotid PVAT morphology and inflammation in WT and AMPKα1 KO mice. (A–D) haematoxylin and eosin stained sections harvested from WT and KO right carotid arteries (non-injured) and left carotid arteries (injured). Representative images from n = 4–5 separate animals are shown. There were no obvious differences in PVAT morphology caused by wire injury in either the WT or KO mice. Scale bar; 20 μm. Middle panel- representative WT and KO right and left carotid arteries with intact PVAT stained with anti- MAC2 antibody and counterstained with haematoxylin. Wire injury caused a dramatic increase in MAC2 expression in the PVAT of WT carotid arteries. In KO mice, there was a trend toward increased MAC2 expression in the non-injured vessels and also in the injured vessels compared to WT mice but this failed to reach significance. (E) Histogram showing quantification of MAC2 staining calculated as percentage of stained cells to total nuclear area in the section. **p < 0.001 vs. WT RCA.



DISCUSSION

This study investigated the effect of HFD on PVAT regulation of conduit artery tone in WT and AMPKα1 KO mice. One of the novel findings of this study was that the anticontractile effect of PVAT in aortic rings with no endothelium was significantly diminished in WT mice fed a HFD compared to those maintained on chow diet. The loss of anti-contractile function could be due in part to a reduction in PVAT-derived adiponectin release caused by AMPK dysfunction and/or inflammation within the PVAT. This is supported by data obtained in the AMPKα1 KO mouse which displayed dysfunctional aortic PVAT with increased macrophage infiltration and a lack of anticontractile activity even in the absence of HFD.

Both WT and KO animals fed the HFD gained weight to a greater extent than those fed normal diet; indicative of the obesogenic nature of the diet. However, other cardiometabolic parameters such as plasma insulin and glucose as well as systolic arterial blood pressure were not significantly elevated in either of the HFD groups compared to groups fed the normal diet. This is in contrast with a previous study in mice on a 54% kcal fat diet for only 8 weeks (da Silva Franco et al., 2017). In terms of plasma glucose and insulin, most studies report a rise induced by HFD, even after only 4 weeks of feeding (Guilford et al., 2017), but others have found no change after 6 weeks (60% kcal of fat diet; Zhang et al., 2017). Our study used a diet with a lower percentage of kcal as fat (42%) and we cannot rule out changes occurring if feeding duration was increased beyond 12 weeks as both plasma insulin and glucose showed trends toward an increase in both HFD groups. However, it is clear that knockout of the AMPKα1 gene did not affect the cardiometabolic paramaters or the morphological appearance of the PVAT.

The mechanisms underlying the effect of AMPK in regulating adipose tissue mass are poorly characterized. Adipose tissue mass expansion occurs as a consequence of either an increase in adipocyte number as a result of enhanced adipogenesis, an increase in cell size due to fat deposition in pre-existing cells, or a combination of both. It has been reported that the increase in adipose tissue mass in AMPKα2 knockout mice was due to an increased triglyceride accumulation in the pre-existing adipocytes rather than an increase in cell number or differentiation as no changes in the expression of adipocyte transcription factors, PPARγ, C/EBPα, or the mature adipocyte markers, including aFABP/aP2, were reported (Villena et al., 2004). The model used in the current study is a global AMPKα1 knockout mouse and there was no evidence of increased adipose tissue mass and KO animals on the HFD gained weight at the same rate as the WT mice. Weight gain and development of obesity is dependent on energy balance.

The main focus of this study was the effect of HFD on aortic PVAT and here, HFD caused a marked increase in the number of macrophages in WT mice as detected by the MAC2 marker (Figure 2). The gross morphological appearance of the PVAT was not different between WT and KO groups but 12 weeks of HFD did cause the appearance of some adipocytes with larger lipid droplets in the PVAT (Figure 1) and this is likely related to an overall increase in the adiposity of the fat-fed animals as evidenced by the weight gain. RT-PCR was used to differentiate between M1 and M2 type macrophages within the PVAT. In the WT group, the HFD increased the expression of M1 markers (iNOS and IL-1β) in comparison with ND fed mice. M1 macrophages have pro-inflammatory and anti-angiogenic properties and generation of inflammatory cytokines within the PVAT may play a role in the adipose tissue microenvironment and affect generation of adipokines such as adiponectin. Indeed a recent study also found increases in the PVAT content of M1 macrophages in the ApoE−/− mouse model of atherosclerosis, suggesting that macrophage polarization in the artery wall can drive vascular disease (Skiba et al., 2017). In the KO mouse there was a significantly increased expression of iNOS but HFD did not cause any further increase in the these markers and this may be indicative of the already inflamed PVAT in the KO or that AMPKα1 is necessary for macrophage polarization. In support of this, rats with chronic kidney disease have reduced AMPK activity in macrophages which disturbs macrophage polarization and this can be restored by activating AMPK (Li et al., 2015). Another possibility is that adipokines produced by the PVAT can affect macrophage polarization. Indeed, human adipocyte-conditioned media was found to modulate the expression profile of macrophages via AMPK activation and expression of angiotensin-converting enzyme (ACE) (Kohlstedt et al., 2011). However, it should be noted that one M2 marker was also raised in WT mice fed HFD which could suggest recruitment of both M1 and M2 macrophages rather than unequivocal polarization toward an M1 phenotype. This may also be supported by the fact that the expression data are not normalized to a general macrophage marker, thus the increased expression of some of these markers could simply be due to the larger number of macrophages present in the WT PVAT following HFD and further work is required to study this in more detail.

To investigate this further, we measured adiponectin production in adipocyte-conditioned media from aortic PVAT and also studied AMPK levels in homogenized PVAT samples to assess if this was affected by the HFD and if it could underlie the inflammatory changes. Previous studies have shown that even very short periods of HFD cause a rise in the inflammatory adipocytokine leptin and chemokine MIP1α concomitant with a decrease in the expression of adiponectin, PPARγ, and FABP4 (Chatterjee et al., 2009). The data presented here also show a clear and significant reduction in adiponectin secretion caused by HFD in the WT mouse (Figure 5A) but with no significant change in adiponectin gene expression (Figure 5B), suggesting a deficiency in gene translation or adiponectin secretion caused by HFD. In agreement with our results Ketonen et al. also found no change in adiponectin mRNA expression in thoracic PVAT even after 8 months of 60% kcal fat diet in C57BL6/J mice (Ketonen et al., 2010).

Several lines of evidence report that AMPK may regulate adiponectin secretion by the PVAT via suppression of inflammatory cytokines such as TNF-α and IL-6 (Lihn et al., 2004; Tsuchida et al., 2005; Sell et al., 2006). Activation of AMPK with AICAR in human adipose tissue was associated with degradation of TNF-α and increased adiponectin gene expression (Lihn et al., 2004) while TNF-α and IL-6 are known to have inhibitory effects on adiponectin gene expression and release (Fasshauer et al., 2002, 2003). Moreover, TNF-α has been suggested to play a central role in regulating adiponectin levels (Greenberg et al., 1991) and suppressing TNF-α protein may be involved in the up-regulation of adiponectin mRNA levels (Lihn et al., 2004). Sell et al. reported activation of AMPK by AICAR and troglitazone was associated with reduction of IL-6, IL-8, MIP-1α/β, and MCP-1 and upregulation of adiponectin expression (Sell et al., 2006). Similar findings demonstrate that the expression of inflammatory genes including TNF-α, MCP-1, and macrophage antigen-1 in WAT was reduced in response to PPARα agonist rosiglitazone (Tsuchida et al., 2005). Thus, in the current study, the increase in the expression of macrophage markers and reduced adiponectin secretion reported in fat-fed WT and KO animals may be due to reduced AMPK activity leading to upregulation of inflammatory cytokines such as TNF-α and IL-6 and downregulation of adiponectin secretion by the PVAT. Indeed, in WT animals fed HFD, there was a significant reduction in activating Thr172 phosphorylation of AMPK, without any change in overall AMPK levels (Figure 4C). This indicates a reduction in AMPK activity as a result of feeding HFD and interestingly, this was phenocopied in animals lacking AMPKα1.

Functionally, we hypothesized that HFD may impair vessel relaxation. In a previous study we showed that PVAT exerts an anticontractile effect in murine aorta and that this is lost in AMPKα1 KO mice due to PVAT dysfunction with reduced adiponectin secretion in the KO mouse (Almabrouk et al., 2017). Indeed, in that study we found that the presence of PVAT also caused a slight reduction in contraction of WT but not KO aortic rings in response to the thromboxane agonist U46619. This was not replicated here and feeding either WT or KO mice HFD had no effect on contraction to U46619 (Figure 6A). However, in common with our previous study, presence of PVAT increased relaxation to cromakalim in WT but not KO aortic rings. Here we extend these findings to demonstrate that the anticontractile effects of PVAT can be attenuated in WT mice by 12 weeks of HFD (Figure 6). In vessels lacking PVAT, HFD had no significant effect on relaxation to the endothelium-independent vasodilator cromakalim and this was the case in both WT and KO mice. However, in vessels with intact PVAT, HFD attenuated relaxation in the WT group but not the KO group. This strongly suggests that the effect of HFD in WT mice was on the PVAT rather than on the medial VSMCs. Since the anticontractile effect was absent in KO mice, and unaffected by HFD, it also seems likely that AMPK within the PVAT is involved in mediating the anticontractile response, likely via generation of adiponectin which is a vasodilator in mouse aorta (Almabrouk et al., 2017). However, it must be noted that there are other targets of AMPK in addition to adiponectin and these cannot be ruled out from involvement in the loss of the anticontractile effect of PVAT in HFD-fed mice.

These results are consistent with previous studies reporting that PVAT-mediated anticontractile effect is impaired in HFD models (Nakagawa et al., 2002; Gao et al., 2005; Fesus et al., 2007; Greenstein et al., 2009; Marchesi et al., 2009; Ma et al., 2010; Payne et al., 2010; Owen et al., 2013). Gao et al. reported that the effect is lost in obese rats due to reduced release of relaxing factors despite the increased amount of PVAT around rat aorta (Gao et al., 2005). A loss of the anticontractile effect of PVAT was also reported in obese New Zealand mice (NZO), a model which is characterized by metabolic syndrome and larger amounts of PVAT. This was suggested to be due to changes in the expression of PVAT-derived factors other than adiponectin (Fesus et al., 2007). In the Ossabaw swine model of obesity there was an up-regulation of 186 PVAT-derived proteins associated with increased coronary contractility and these included transforming protein RhoA and calpastatin (Owen et al., 2013). HFD-induced obesity likely impairs PVAT-mediated anticontractile effects by promoting a marked proinflammatory shift in cytokines and chemokines associated with oxidative stress in the PVAT (Bailey-Downs et al., 2013). Although it wasn't studied here, PVAT inflammation and oxidative stress can also lead to endothelial dysfunction with decreased NO bioavailability and increased superoxide generation by uncoupled endothelial NO synthase in PVAT (Marchesi et al., 2009).

Since we found reduced AMPK activity in the PVAT of mice fed HFD it is tempting to speculate that AMPK acts as a protective mechanism against inflammation and loss of PVAT anticontractile function and that this effect is overcome in HFD-induced obesity. Indeed, AMPK activation inhibits multiple pro-inflammatory signaling pathways in cultured adipocytes (Mancini et al., 2017). Additionally, in KO mice, the PVAT already showed increased MAC2 expression following ND and HFD had no additional effect. These results further support the protective anti-inflammatory role of AMPK in PVAT. The absence of any difference between ND and HFD groups in the KO mice may be due to the fact that the PVAT of KO mice is already maximally infiltrated or perhaps as a result of a compensation mechanism by AMPKα2 complexes in the PVAT which prevent or modulate further inflammatory cell infiltration and this requires further investigation. Other stimuli which induce vascular inflammation also lack an effect in the AMPKα1 KO mouse and here we demonstrate that in the mouse carotid artery injury model. While injury to the WT carotid caused a strong infiltration of macrophages 7 days after injury, the KO carotid PVAT already had a trend toward increased macrophage infiltration and wire injury did not affect this; suggesting that the activity of AMPK in the PVAT prevents the PVAT becoming inflamed.

CONCLUSION

In conclusion, HFD is associated with increased macrophage infiltration and polarization toward the M1 inflammatory phenotype, reduced AMPK activity and reduced adiponectin secretion by thoracic PVAT. These changes likely underlie the loss of the anti-contractile activity of the PVAT. Vascular AMPK, and in particular AMPK expressed in the PVAT may therefore protect the vessel against deleterious changes in response to HFD and may be a target to treat vessel inflammation seen in many cardiovascular diseases.
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Adipose tissue is commonly categorized into three types with distinct functions, phenotypes, and anatomical localizations. White adipose tissue (WAT) is the major energy store; the largest depots of WAT are found in subcutaneous or intravisceral sites. Brown adipose tissue (BAT) is responsible for energy dissipation during cold-exposure (i.e., non-shivering thermogenesis) and is primarily located in the interscapular region. Beige or brite (brown-in-white) adipose tissue can be found interspersed in WAT and can attain a brown-like phenotype. These three types of tissues also have endocrine functions and play major roles in whole body metabolism especially in obesity and its co-morbidities, such as cardiovascular disease. Over the last years, perivascular adipose tissue (PVAT) has emerged as an adipose organ with endocrine and paracrine functions. Pro and anti-inflammatory agents released by PVAT affect vascular health, and are implicated in the inflammatory aspects of atherosclerosis. PVAT shares several of the defining characteristics of brown adipose tissue, including its cellular morphology and expression of thermogenic genes characteristic for brown adipocytes. However, PVATs from different vessels are phenotypically different, and significant developmental differences exist between PVAT and other adipose tissues. Whether PVAT represents classical BAT, beige adipose tissue, or WAT with changing characteristics, is unclear. In this review, we summarize the current knowledge on how PVAT relates to other types of adipose tissue, both in terms of functionality, developmental origins, and its role in obesity-related cardiovascular disease and inflammation.
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INTRODUCTION

During the last decades, the prevalence of obesity has reached pandemic dimensions, doubling since 1990. In 2015, over 600 million obese adults and over 100 million obese children were reported worldwide (Afshin et al., 2017). Obesity is characterized by a high body mass index (BMI) ≥30. Overweight and obesity are associated with several severe comorbidities, such as cardiovascular disease, type 2 diabetes mellitus, and certain types of cancer (Chen et al., 2016). Importantly, more than two thirds of the deaths related to overweight and obesity were caused by cardiovascular disease (CVD) (Afshin et al., 2017) showing the importance of vascular disease in metabolic disorders. The defining trait in obesity is the abnormal increase in WAT mass with adipocyte hypertrophy and hyperplasia, brought on by an imbalance between energy intake and energy consumption leading to energy overload. This can result in hypertriglyceridemia, insulin resistance, and chronic low-grade inflammation first of the adipose tissue and then throughout the whole body (Czech et al., 1977; Hotamisligil, 2006; Guilherme et al., 2008).

In mammals, there are three types of adipose tissues: white, brown and beige. These tissues have distinct functions and consequently have different morphology, protein expression patterns, and developmental origin (Pfeifer and Hoffmann, 2015). The function of white adipose tissue (WAT) is to store energy in the form of lipids, which can be released to fuel other tissues. On the other hand, brown adipose tissue (BAT) has unique thermogenic properties and is a vital organ for maintaining body temperature in smaller mammals and human infants with a high surface-to-volume ratio. Beige or brite (brown-in-white) fat is predominantly found interspersed in WAT depots, but can acquire a brown-like phenotype upon cold exposure or pharmacological stimulation (Chen et al., 2016). In mice, subcutaneous WAT (SAT) has the highest capacity for “browning” or “beiging” (Chen et al., 2016). Figure 1 shows a simplified schematic of the different (murine) adipose tissues discussed in this review.
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FIGURE 1. Simplified schematic showing different adipose tissue depots in mice. BAT, brown adipose tissue; WAT, white adipose tissue; PVAT, perivascular adipose tissue.



Perivascular adipose tissue (PVAT) is the fat surrounding the blood vessels, directly adjacent to the vascular wall, and was considered for long time to serve only structural, vessel-supporting purposes. As fat in general is now well known to be a secretory organ, PVAT is today also recognized to be an endocrine organ, actively releasing bioactive molecules such as pro- and anti-inflammatory cytokines and vasoactive substances (Figure 2; Soltis and Cassis, 1991; Gollasch and Dubrovska, 2004; Gao et al., 2007; Britton and Fox, 2011). Over the last years, several studies have been conducted comparing PVAT to other adipose tissues, such as classical BAT and WAT, which we try to summarize in this review. Obesity is associated with an increased risk for CVD and with remodeling of the adipose tissues, both WAT and BAT (Fantuzzi and Mazzone, 2007; Berbée et al., 2015). Given the proximity of PVAT to the vasculature, we also aim to compare the potential impact of PVAT on CVD and vice-versa.
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FIGURE 2. Overview of the characteristics of different adipose tissues. BAT, brown adipose tissue; WAT, white adipose tisse; PVAT, perivascular adipose tissue; HFD, high-fat diet; UCP1, uncoupling protein 1.



White Adipose Tissue

WAT makes up the main mass of adipose tissue in human adults, and represents 10-20 percent of body weight in healthy subjects. WAT is widely distributed through the whole body and is located mainly in subcutaneous regions and surrounding internal organs (visceral adipose tissue, VAT) (Chen et al., 2017). WAT is well known as the major organ to store energy in form of triacylglycerols (TAG), which can be mobilized via lipolysis whenever energy is needed. Lipolysis is initiated by norepinephrine binding to beta-adrenergic receptors. This initiates the production of cyclic adenosine-monophosphate (cAMP), the second messenger which activates hormone sensitive lipase via protein kinase A (PKA), resulting in the release of free fatty acids from stored TAG (Duncan et al., 2007).

Morphologically, white adipocytes contain a single, big lipid droplet occupying most of the cytoplasm, and a peripheral nucleus, which leads to a typical signet ring appearance. WAT also has important endocrine functions secreting hormones and cytokines such as leptin, adiponectin, tumor-necrosis factor α (TNFα) and interleukin-6 (IL-6) (Chen et al., 2017). Adipogenic differentiation of white adipocytes is regulated by several known transcription factors including CCAAT/enhancer-binding-proteins C/EBPβ and C/EBPδ, which in turn regulate expression of peroxisome proliferator-activated factor gamma (PPARγ) and C/EBPα. Together, C/EBPα and PPARγ regulate gene transcription and promote differentiation of adipocytes during late WAT adipogenesis (Barak et al., 1999; Rosen et al., 1999; Rosen and MacDougald, 2006; Hudak and Sul, 2013).

Brown Adipose Tissue

BAT plays a crucial role in generating heat via non-shivering thermogenesis (NST) in newborn humans. NST is achieved through the expression of the mitochondrial protein uncoupling protein-1 (UCP-1), which uncouples the respiratory chain and causes a leak of protons across the mitochondrial membrane (Cannon and Nedergaard, 2004; Pfeifer and Hoffmann, 2015). This process results in the generation of heat instead of adenosine triphosphate (ATP), and is initiated by activation of β-3 adrenergic receptors (β3-AR) and adenosine A2A receptors expressed on brown adipocytes (Lowell and Flier, 1997; Gnad et al., 2014). In contrast to white adipocytes, brown adipocytes contain many small lipid droplets leading to a multilocular histological appearance. Furthermore, brown adipocytes contain densely packed mitochondria needed for efficient NST, and is highly vascularised, which taken together causes the characteristic brown color.

Several factors that regulate BAT development have been identified, such as PPARγ, peroxisome proliferator-activated receptor gamma coactivator 1-alpha (PGC-1α), orexin, and bone morphogenic factor 7 (BMP7) (Tseng et al., 2008; Hondares et al., 2011; Cohen et al., 2014).

Nowadays, it is well established that not only newborns but also human adults have depots of BAT that are metabolically active during cold exposure. BAT in human adults is mainly found in the supraclavicular, neck, perirenal and mediastinal region (Nedergaard et al., 2007; Cypess et al., 2009; van Marken Lichtenbelt et al., 2009). These findings are is also in agreement with earlier post mortem investigations of human adults tissue showing that BAT can be found in deeper regions of the human body, where it might act as a thermogenic protection for internal organs (Heaton, 1972). Interestingly, studies in human adults have demonstrated a reduced BAT activity in obese and overweight subjects. Conversely, BAT mass positively correlates with resting metabolic rate (van Marken Lichtenbelt et al., 2009). During obesity, the adipocytes in interscapular BAT seem to adopt a white-like phenotype, with increased lipid accumulation (Shimizu et al., 2014).

In summary, the presence of active BAT in human adults makes this special type of fat an interesting target for new therapeutic approaches to tackle obesity.

Beige Adipose Tissue

In response to cold exposure, WAT can adopt a brown-like phenotype in a process called “browning.” During browning, UCP-1-expressing brown-like adipocytes, with a high number of mitochondria and multilocular lipid droplets, appear (Lo and Sun, 2013; Pfeifer and Hoffmann, 2015; Chen et al., 2016). These so called beige or brite (brown-in-white) cells also express a number of characteristic markers, such as CD137, Tbx1, and Cited-1 (Harms and Seale, 2013). The capacity for browning varies between the different WAT depots, with SAT being more prone to browning than VAT (Seale et al., 2011). This probably owes mainly to differential expression of PR domain containing 16 (PRDM16) in SAT and VAT. PRDM16 is critical for phenotypic maintenance of classical BAT, and is more highly expressed in SAT than VAT (Seale et al., 2011). Importantly, ablation of PRDM16 in adipocytes disrupts browning of SAT upon cold exposure (Cohen et al., 2014). The interconversion of adipocytes has been reported to be possible in both directions: white adipocytes gain a beige/brite phenotype during cold exposure, and return to a white adipocyte-like appearance after removal of the cold stimulus (Rosenwald et al., 2013).

PVAT AS BROWN ADIPOSE TISSUE

Similarities and Differences between PVAT vs. BAT, WAT, or Beige Fat

Several reports (Gálvez-Prieto et al., 2008; Police et al., 2009; Fitzgibbons et al., 2011) indicate that depending on the localization, PVAT can resemble either WAT or BAT. Thoracic periaortic adipose tissue is morphologically similar to BAT, with adipocytes that have a multilocular appearance and round nuclei (Fitzgibbons et al., 2011). A direct comparison of gene expression of thoracic PVAT, interscapular BAT and WAT from mice revealed that only 228 genes (i.e. 0.79%) were significantly different between thoracic PVAT and classical BAT (Fitzgibbons et al., 2011). Interestingly, there was no significant difference in the expression levels of the genes known to be typically expressed in classical BAT, such as Cidea, Ucp-1, or PPARγ (Fitzgibbons et al., 2011). Furthermore, proteomic analysis shows striking similarities in protein expression between periaortic adipose tissue and classical BAT, but not WAT (Chang et al., 2012).

In contrast to beige adipose tissue, thoracic PVAT maintains a BAT-like phenotype in the absence of activating stimuli. Furthermore, perivascular adipocytes do not undergo significant whitening during high fat diet (HFD) feeding, which is characteristic of BAT (Fitzgibbons et al., 2011). These findings suggest that, from a morphological and functional standpoint, thoracic PVAT more closely resembles classical BAT than beige fat.

Functionally, PVAT also exhibits important similarities with BAT. Chang et al. created a PVAT-deficient mouse by knocking out PPARγ in smooth muscle cells, and were able to show that PVAT significantly contributes to maintaining intravascular temperature during cold exposure. While PVAT activation could not completely rescue the reduction in intravascular temperature caused by resection of BAT, mice lacking both BAT and PVAT had significantly lower intravascular temperature than mice lacking only BAT (Chang et al., 2012).

However, there are also reports characterizing PVAT as WAT or WAT-like (Omar et al., 2014). This discrepancy appears to derive from the anatomical localization of the PVAT. In contrast to thoracic PVAT, the adipose tissue surrounding the abdominal aorta appears to be similar to WAT. In obese mice, the abdominal PVAT has been described to have a white-like phenotype with a primarily unilocular appearance (Police et al., 2009). Additionally, the mesenteric PVAT has been described to be similar to WAT with large lipid droplets and low expression levels of UCP-1 (Gálvez-Prieto et al., 2008).

Together, these data suggest that the functional phenotype of PVAT is directly linked with its anatomical localization. Thoracic PVAT is phenotypically close to BAT, and shares its unique functional characteristics. Abdominal PVAT, on the other hand, has been described to closely resemble WAT, and has a similar role in obesity-induced inflammatory responses. Furthermore, PVAT does not seem to share the dynamic properties of beige fat: thoracic PVAT displays a BAT-like phenotype without external stimuli, and does not readily lose this phenotype in diet-induced obesity.

Developmental Differences between PVAT, BAT, WAT, and Beige Fat

While the phenotype of thoracic PVAT may be almost indistinguishable from BAT, the question whether or not it is classical BAT is still not solved. On the other hand, location of PVAT might determine its color/phenotype: some parts of PVAT, e.g., abdominal PVAT, have been reported to resemble WAT (Police et al., 2009; Gálvez-Prieto et al., 2012). During embryogenesis, the mesodermal germ layer gives rise to mesenchymal progenitors that in turn differentiate into all types of adipocyte precursor cells. However, over the last decade, it has become increasingly clear that adipocytes of different adipose tissue depots are derived from precursor cells of distinct lineages. This notion is underlined by the fact that mature adipocytes of different depots appear at different times during embryogenesis (Xue et al., 2007; Wang et al., 2013; Hong et al., 2015). Functional mature brown adipocytes in the interscapular region are necessary for temperature homeostasis immediately at birth, and consequently start developing around 4 days prior to birth (Xue et al., 2007). White adipocytes mostly develop after birth, although significant differences exist between WAT tissues in different depots. This was recently demonstrated by Wang et al., who used an inducible adipocyte labeling system based on the adiponectin promoter to track adipogenesis in vivo (Wang et al., 2013). In this study, visceral adipocytes were found to start developing postnatally, while subcutaneous adipocytes initiated differentiation in the embryo (around E16) (Wang et al., 2013). The latter finding is also corroborated by another study, where flow cytometry and histological analysis revealed a subcutaneous population of lipid-lacking perilipin+/adiponectin+ preadipocytes appearing at E16.5 (Hong et al., 2015). Considering the phenotypical differences between PVAT surrounding different vessels, it is plausible that location-specific differences in PVAT development also exist.

Aside from the temporal regulation of adipocyte differentiation, differences can also be found in the progenitor cells themselves that give rise to mature adipocytes of different depots. De novo adipogenesis of white fat occurs close to blood vessels, and several studies have demonstrated that white adipocytes develop from perivascular platelet-derived growth factor α-expressing (Pdgfrα+) progenitor cells (Berry and Rodeheffer, 2013; Hong et al., 2015; Sun et al., 2017). However, adipocyte progenitors cannot be identified solely based on Pdgfrα expression, as not all vascular Pdgfrα+ cells are adipogenic (Berry and Rodeheffer, 2013). Other studies have shown that the vascular fraction capable of in vitro adipogenesis is CD31−CD34+, which is an antigen signature that matches adventitial fibroblasts rather than endothelial or mural cells (Guimaraes-Camboa and Evans, 2017; Hepler and Gupta, 2017). White adipocytes that develop in adulthood, e.g., during obesity-induced WAT hyperplasia, likely have a different origin. Here, mature adipocytes derive from specialized mural Pdgfrβ+ precursor cells residing in the blood vessels of adipose tissue, although the exact identity of these cells is unknown (Jiang et al., 2014; Vishvanath et al., 2016).

On the other hand, brown adipocytes appear to stem from myogenic progenitors, and indeed share many characteristics with skeletal muscle cells, such as a similar transcriptome and mitochondrial proteome (Forner et al., 2009). The myogenic transcription factors paired box protein Pax-3 and 7 (Pax3, Pax7), as well as myogenic factor 5 (Myf5), are activated during the early development of brown adipocytes from mesenchymal stem cells (Lepper and Fan, 2010; Sanchez-Gurmaches and Guertin, 2014). From these Myf5+Pax3+Pax7+ precursors, brown preadipocytes become committed to the brown fat lineage through activation of BMP7 (Park et al., 2013). An earlier study identified PRDM16 as a key determinant of brown adipocyte commitment during development (Seale et al., 2008), but more recent investigations suggest that PRDM16 primarily maintains the BAT phenotype postnatally (Harms et al., 2014). The myogenic lineage described above may not be accurate for all BAT depots, as a recent study, in which detailed lineage analysis were performed, revealed that only the major depots (inter- and subscapular) of BAT are exclusively derived from Myf5+Pax3+ precursors. Furthermore, the myogenic lineage may also not be unique to BAT (Sanchez-Gurmaches and Guertin, 2014): some WAT depots are in fact derived solely from Myf5+ cells (Sanchez-Gurmaches and Guertin, 2014). This suggests that certain canonical BAT lineage markers may correlate more closely to anatomical localization of the tissue during development, rather than functionality.

Beige cells are often described as inducible brown adipocytes, although there is no consensus concerning the embryonic origin of beige adipocytes (Pfeifer and Hoffmann, 2015). Four possible lineages of beige adipocyte development have been suggested: (1) transdifferentiation of mature white adipocytes (Himms-Hagen et al., 2000; Vitali et al., 2012), (2) maturation of brown preadipocytes already existing in WAT (Wang et al., 2014), (3) differentiation and maturation of pre-existing white preadipocytes (Seale et al., 2008), or (4) differentiation from vascular precursors, similarly to what occurs during WAT hyperplasia (Long et al., 2014). In fact, the amounting data from recent studies suggest that all these pathways could contribute to beige adipocyte development, depending on tissue depot and stimuli (Harms and Seale, 2013). While transdifferentiation of mature adipocytes probably only takes place on a low scale (Harms and Seale, 2013), beige adipocytes can arise from brown-like preadipocytes (Myf5+) or white-like preadipocytes (Myf5−) depending on the developmental origin of the depot in question (Sanchez-Gurmaches et al., 2012). However, it is not presently clear whether this diverging lineage translates into functional differences. Furthermore, prolonged cold exposure in rodents (>2 weeks) leads to beige adipogenesis from the same mural Pdgfrβ+ precursor population that is responsible for diet-induced WAT hyperplasia (Vishvanath et al., 2016).

Perivascular fat does not share the myogenic lineage of classical brown fat. Rather, PVAT seems to share a developmental origin with vascular smooth muscle (mural) cells. Chang and colleagues deleted the master regulator of adipogenesis PPARγ in smooth muscle by crossing SM22α-Cre mice with PPARγflox/flox mice (Chang et al., 2012). This resulted in a complete loss of PVAT, but no change in either WAT or BAT development. The expression of SM22α in mesenchymal cells proximal to the aorta during early embryogenesis might suggest that PVAT development is initiated during embryonic development, which would distinguish it from other mural-derived adipose tissues (Li et al., 1996). However, further investigation is needed to clarify this.

Additionally, thoracic PVAT cells originate from Myf5− precursors, further separating them from intrascapular classical brown adipocytes (Sanchez-Gurmaches and Guertin, 2014). Thoracic PVAT also seems to develop differently in males and females: a majority of periaortic adipocytes in females originate from Pax3+ precursors, while all periaortic adipocytes in males arise from Pax3− cells. In contrast, 99–100% of all interscapular and subscapular brown adipocytes from both genders are derived from Pax3+ precursors (Sanchez-Gurmaches and Guertin, 2014). In summary, these data suggest that the functional differences between thoracic PVAT and BAT are almost negligible. In contrast, abdominal PVAT has been suggested to closely resemble WAT (Police et al., 2009; Gálvez-Prieto et al., 2012). PVAT might be categorized as a fourth type of fat tissue which seems to be developmentally different from BAT, WAT, and beige fat.

PVAT IN OBESITY-RELATED VASCULAR DISEASE

Atherosclerosis

CVD is the leading cause of mortality globally, and is responsible for almost a third of all deaths world-wide (WHO, 2017). The underlying cause of CVD is atherosclerosis, the thickening and hardening of arterial walls because of: (1) endothelial dysfunction, (2) retention and accumulation of low-density lipoprotein (LDL) particles and immune cells in the tunica intima, and (3) proliferation and migration of intimal smooth muscle cells. If unaddressed, this condition can progress to various life-threatening conditions such as thrombosis, myocardial infarction, and stroke (Lusis, 2000).

Inflammation is intimately linked with atherosclerosis. The initial step in atherogenesis is endothelial dysfunction, leading to increased retention of LDL particles in the subendothelial space. The retained particles are then modified in various ways (e.g., oxidation and glycation), which turns them into auto-antigens, inducing a low-grade inflammation (Rader and Daugherty, 2008; Tabas et al., 2015). The inflammatory response activates endothelial cells, leading to increased adhesion and infiltration and monocytes (Madamanchi et al., 2005; Tabas et al., 2015). Intra-intimal differentiation of monocytes into macrophages plays a key role in atherogenesis, and accumulation of the modified LDL particles in these macrophages eventually turns them into the foam cells that are characteristic of atherosclerosis (Tabas et al., 2015). The adaptive immune system is also important for atherogenesis. T-cells and B-cells infiltrate the intima following endothelial cell activation, and have both been demonstrated to regulate the progression of atherosclerosis (Ammirati et al., 2015). Immunodeficiency in mice reduces plaque formation, and reconstituting CD4+ T-cells in scid/scid mice increases it (Dansky et al., 1997; Zhou et al., 2000). Furthermore, selective depletion of CD4+ T-cells using antibodies reduces fatty streak formation in early atherogenesis (Emeson et al., 1996). On the other hand, B-cell depletion by splenectomy increases atherogenesis, and subsequent B-cell transfer from donor mice decreases it, possibly through regulation of T-cell activity (Caligiuri et al., 2002).

PVAT and Inflammation

While conventional monocyte and T-cell infiltration occurs from the luminal side of the vessel wall, accumulating evidence also suggests that adventitia plays an important role in vascular inflammation. T-cells, B-cells, monocytes, and mature macrophages all reside in the adventitia of diseased vessels (Maiellaro and Taylor, 2007), the former two exceeding their corresponding numbers in the intima of ApoE−/− mice up to 80-fold. Furthermore, adventitial vasa vasorum neovascularisation has been shown to precede endothelial dysfunction in hypercholesterolemic pigs (Herrmann et al., 2001). This suggests that immune cell infiltration occurs not only from the luminal side of the vessel (inside-out), but also from the adventitial side (outside-in) (Kawabe and Hasebe, 2014). Considering this, the role of PVAT in arterial inflammation is of great interest due to its location to the vessel wall, especially considering the lack of a fascia separating the PVAT from the adventitia. This direct contact enables significant paracrine signaling from PVAT to the vessel wall, and PVAT is indeed known to release numerous paracrine factors that influence the vessel in terms of both inflammation and contractility. Pro- and anti-inflammatory agents released by PVAT include leptin (Gálvez-Prieto et al., 2012; Li et al., 2014), adiponectin (Lynch et al., 2013; Antonopoulos et al., 2015), resistin (Park et al., 2014), TNF-α (DeVallance et al., 2016), MCP-1 (Manka et al., 2014), TGF-β (Chatterjee et al., 2013), angiopoietin-like protein 2 (Angptl2) (Tian et al., 2013), and IL-6 (Du et al., 2015), all of which are known to influence the progression of atherosclerosis in some way:

Adenoviral overexpression of leptin in PVAT promotes neointima formation, and transplantation of PVAT from HFD-fed obese mice, but not leptin-deficient ob/ob mice, to injured vessels increases neointima formation (Schroeter et al., 2013). Additionally, vascular smooth muscle cells (VSMCs) incubated with conditioned medium from the PVAT of HFD-fed rats increased leptin-dependent switching to the proliferative, synthetic phenotype characteristic of VSMCs in the neointima (Li et al., 2014).

Adiponectin is widely described as anti-inflammatory and protective against atherosclerosis (Xita and Tsatsoulis, 2012; Antonopoulos et al., 2015). Adiponectin-deficient mice have pronounced neointima formation upon wire injury, which can be rescued by local administration of recombinant adiponectin to the adventitial region of the injured vessels (Takaoka et al., 2009). This suggests that adiponectin secreted from PVAT may be protective against neointimal hyperplasia.

PVAT-derived resistin has not been directly shown to influence atherosclerosis, but does increase the expression of osteopontin in VSMCs (Park et al., 2014), which in turn has been implicated in VSMC proliferation and restenosis (Panda et al., 1997; Shimizu et al., 2004).

The effect of PVAT on intimal VSMC infiltration has also been investigated after transplantation of thoracic PVAT to wire-injured carotid arteries, where the presence of PVAT accelerated neointimal formation in an MCP-1 dependent manner (Manka et al., 2014). Interestingly, MCP-1 did not influence the infiltration of macrophages. MCP-1 has also been shown to stimulate VSMC proliferation in vitro (Viedt et al., 2002).

Moreover, inflamed PVAT increases VSMC proliferation in a TGF-β dependent manner, suggesting that TGF-β released from PVAT can potentiate neointima formation (Moe et al., 2013) The PVAT transplantation approach has also been used to study the effects of PVAT-derived Angptl2 on the progression of neointimal hyperplasia after endovascular injury (Tian et al., 2013). Here, PVAT from mice over-expressing Angptl2 accelerate neointima formation, while PVAT from Angptl2−/− mice attenuated it. One should note, however, that the role of VSMC migration and proliferation in atherosclerosis is still debated (Bennett et al., 2016). Recent studies suggest that proliferation of VSMC is mainly protective, stabilizing the late-stage plaque rather than contributing to its formation (Bennett et al., 2016). Experiments in which PVAT has been replaced by other adipose tissue depots also hint to the similarities in paracrine signaling between PVAT and WAT. Two studies have examined the effects of replacing femoral PVAT with VAT and SAT, respectively, on neointimal formation (Takaoka et al., 2009; Tian et al., 2013). Interestingly, both studies arrived at the same result: removal of PVAT exacerbates neointimal hyperplasia, and transplantation of either VAT or SAT attenuates this effect (Takaoka et al., 2009; Tian et al., 2013). These studies corroborate previous reports that femoral PVAT is similar to WAT (Brown et al., 2014).

TNF-α and IL-6 are also known to accelerate atherogenesis, although evidence of PVAT directly affecting neointima formation via these molecules is lacking (Moe et al., 2013; Hartman and Frishman, 2014). The role of IL-6 seems to be dose-dependent: several studies have confirmed the pro-inflammatory effects of IL-6 in atherosclerosis models (Hartman and Frishman, 2014), but a complete loss of IL-6 increases plaque formation and serum cholesterol levels in ApoE−/− mice (Schieffer et al., 2004).

Under homeostatic conditions, the anti-inflammatory effects of PVAT predominate, and secretion of pro-inflammatory paracrine agents is relatively low (Police et al., 2009; Fitzgibbons and Czech, 2014). In hypertriglyceridemia and obesity, however, there is significant upregulation of several pro-inflammatory chemokines and macrophage markers in both thoracic and abdominal PVAT (Police et al., 2009). The inflammatory response in thoracic PVAT, however, is quite low in comparison to abdominal PVAT, further supporting the notion that thoracic and abdominal PVAT closely resemble BAT and WAT, respectively (Police et al., 2009; Padilla et al., 2013).

The BAT-like phenotype of thoracic PVAT may also influence the progression of atherosclerosis in an inflammation-independent manner. Cold exposure activates both BAT and thoracic PVAT (Chang et al., 2012), initiating thermogenesis via mitochondrial uncoupling. The high requirement for fuel in this process leads to a dramatic increase in the uptake of circulating triglycerides into BAT, greatly reducing the levels of serum lipoprotein particles in both genetic and diet-induced models of obesity (Bartelt et al., 2011). In fact, activation of BAT has been shown to directly protect from atherogenesis through this mechanism in a recent study (Berbée et al., 2015). Interestingly, this study also addressed lipid uptake into PVAT during stimulation with the β3-AR agonist CL316243. Treatment with the agonist significantly increased uptake of lipids from the circulation in manner similar to BAT (Berbée et al., 2015), suggesting that cold exposure could also lead to an amelioration of diet-induced hypertriglyceridemia through PVAT activation, which in turn would slow the progression of atherosclerosis. Interestingly, activation of PVAT through cold exposure has been shown to reduce the expression of pro-inflammatory markers in ferrets, indicating a possible therapeutic role of PVAT in atherosclerosis and other inflammatory vascular diseases (Reynés et al., 2017).

The effects of aging also highlight the phenotypical differences between thoracic and abdominal PVAT. Padilla et al. investigated the expression of several inflammation-related genes in adipose tissues of young and old rats. Although neither thoracic nor abdominal PVAT showed any strong age-related increase in any of the analyzed inflammation markers, basal expression of almost all analyzed inflammatory markers was increased in abdominal compared to thoracic PVAT (Padilla et al., 2013). Moreover, abdominal, but not thoracic, PVAT of older rats had higher level of CD11α and FoxP3, indicating increased immune cell infiltration (Padilla et al., 2013). Bailey-Downs et al. also studied the combined effects of aging and HFD on inflammation in thoracic PVAT in mice (Bailey-Downs et al., 2013). Conditioned medium containing the secretome from PVAT excised from young or old mice fed either HFD or control diet (CD) was applied to aortic segments, and the inflammatory response of the vessels were analyzed. Interestingly, segments incubated with the conditioned medium from HFD-PVAT had higher levels of TNFα and IL-6 expression than segments incubated with conditioned medium from CD-PVAT (Bailey-Downs et al., 2013). Analysis of the PVAT itself after HFD or CD feeding did not reveal any significant increase in macrophage infiltration. This may indicate that while HFD does not necessarily lead to an increased state of inflammation in thoracic PVAT itself, it may contribute to inflammation in the vessel wall through paracrine signaling. In this study, aging strongly exacerbated the effects of HFD, both in terms of vessel inflammation and macrophage infiltration in PVAT (Bailey-Downs et al., 2013).

PVAT and ROS Production

Recently, a role for PVAT in regulating reactive oxygen species (ROS) production in vessels was described. ROS production by NADPH oxidases is a critical step for the development of endothelial dysfunction in several pathologies, including diabetes, atherosclerosis, and aging (Guzik et al., 2000; Guzik and Harrison, 2006). Analysis of the internal mammary arteries and the adjacent PVAT in a cohort of 386 patients revealed a strong correlation of insulin resistance and type 2 diabetes, with both lower serum adiponectin levels and increased [image: image] production in the vascular wall. Additionally, artery segments incubated with adiponectin had significantly reduced vascular NADPH-dependent [image: image] production, and scavenging [image: image] radicals reduced adiponectin expression in PVAT. This study indicates that PVAT can detect ROS production in its adjacent artery, and in turn reduce it by increasing adiponectin expression (Antonopoulos et al., 2015).

ROS production in PVAT has also been implicated in obesity. Aortic PVAT from mice fed a HFD showed an increased TNF-α mediated ROS production, with increased contractile tone of the underlying vessel (Ketonen et al., 2010; da Costa et al., 2017). ROS production in thoracic PVAT following HFD is also known to be exacerbated by aging (Bailey-Downs et al., 2013). Whether or not this HFD-induced ROS production is partly responsible for the progression of e.g., atherosclerosis has not been directly studied.

PVAT in Hypertension

Hypertension is a common complication of obesity and affects almost 60% of obese individuals (Must et al., 1999). While the development of hypertension in obesity is multifactorial, it can partly be ascribed to the endocrine effects of adipose tissue (Sharma et al., 2001; Re, 2009). In obesity, WAT releases several factors that are known to affect vascular tone and blood pressure (Yiannikouris et al., 2010). These include leptin (Bravo et al., 2006), angiotensin II (Schütten et al., 2017), non-esterified fatty acids (NEFAs) (Sarafidis and Bakris, 2007), adiponectin (Ohashi et al., 2011), and resistin (Zhang et al., 2017). Interestingly, all these factors have been shown to be released from PVAT (see also above) (Lu et al., 2010; Gálvez-Prieto et al., 2012; Campia et al., 2014; Park et al., 2014; Antonopoulos et al., 2015). While this could indicate that PVAT is similar to WAT in terms of its regulation of hypertension, studies examining the role of BAT in hypertension are lacking. Furthermore, in some studies examining the release of the above mentioned factors, it is not immediately clear which type of PVAT was studied, making a thorough comparative analysis impossible (Gálvez-Prieto et al., 2012; Park et al., 2014). PVAT also releases numerous factors that directly affect vascular tone in a paracrine fashion, including norepinephrine, nitric oxide, hydrogen sulfide, and methyl palmitate (Lee et al., 2011; Chang et al., 2013). However, relating the release of these factors from PVAT to the effects of WAT on systemic vascular tone in obesity is not meaningful.

OUTLOOK

As the obesity pandemic continues to grow, there is an urgent need for effective pharmacological treatment of both the underlying causes and the associated comorbidities. Understanding the basic biology of the implicated tissues, as well as the pathological alterations and processes, is essential for the development of new therapeutic strategies. So far, the understanding of the role of PVAT in vascular disease is in its infancy, but recent studies indicate that several features of PVAT could have positive effects on the progression of atherosclerosis and endothelial dysfunction in various ways.

While the origin of PVAT seems to be different from BAT, their phenotypes appear almost indistinguishable, both in thermogenic properties and resistance to diet-induced inflammation. The thermogenic capacity of thoracic PVAT, for example, could prove useful in regulating energy expenditure, and should be investigated for a potential role in the treatment of energy balance-related diseases such as obesity and diabetes. Phenotypically and functionally, it is tempting to categorize thoracic PVAT as BAT, and abdominal and femoral PVAT as WAT. However, the developmental origins of PVAT seem to differ from both BAT and WAT, although this remains to be fully elucidated. In summary, the available evidence points to clear differences between PVAT and other adipose tissues. Thus, PVAT might be regarded as neither BAT nor WAT, but rather as a distinct type of adipose tissue.
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Saphenous vein grafts are the most common conduits used for coronary artery bypass grafting (CABG); however, no more than 60% of vein grafts remain open after 10 years and graft failure is associated with poor clinical outcome. The “no-touch” harvesting technique—where a sheet of perivascular tissue is retained around the vein—improves graft patency to over 80% after 16 years of follow-up, but the mechanism for the improved patency rate is unclear. In this study, we investigated acute functional differences between vein grafts harvested conventionally and by “no-touch” technique and explored the importance of perivascular tissue for reducing surgical trauma, minimizing excessive distension, and releasing vasoactive paracrine factors. Segments of human saphenous veins were obtained from CABG surgery and their functional properties investigated by isometric and isobaric myography. We found a broad diameter-tension relationship for human saphenous veins, with peak capacity for active tension development at diameters corresponding to transmural pressures around 60 mmHg. Across the investigated transmural pressure range between 10 and 120 mmHg, maximal tension development was higher for “no-touch” compared to conventionally harvested saphenous veins. Contractile responses to serotonin, noradrenaline, and depolarization induced with elevated extracellular [K+] were significantly larger for saphenous veins harvested by “no-touch” compared to conventional technique. Conventional vein grafts are routinely pressurized manually in order to test for leaks; however, avoiding this distension procedure did not change the acute contractile function of the conventionally excised saphenous veins. In contrast, even though surgical removal of perivascular tissue during conventional harvesting was associated with a substantial decrease in force development, removal of perivascular tissue by careful dissection under a stereomicroscope only marginally affected contractile responses of veins harvested by “no-touch” technique. In conclusion, we show that saphenous veins harvested by “no-touch” technique have greater contractile capacity than veins harvested by conventional technique. The different capacity for smooth muscle contraction is not due to vasoactive substances released by the perivascular tissue. Instead, we propose that the larger tension development of saphenous veins harvested by “no-touch” technique reflects reduced surgical damage, which may have long-term consequences that contribute to the superior graft patency.
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INTRODUCTION

The long-term success of coronary artery bypass grafting (CABG) is negatively influenced by graft failure (Lopes et al., 2012; Blachutzik et al., 2016). Patency of conventionally harvested saphenous vein grafts is 80–90% 1 year after the CABG procedure and decreases to no more than 60% after 10 years (Campeau et al., 1979; Fitzgibbon et al., 1996; Harskamp et al., 2013a; de Vries et al., 2016). The left internal thoracic artery is considered first choice conduit because of prolonged high patency (Otsuka et al., 2013) but equivalent results (e.g., 83% patency after 16 years) can be achieved with saphenous vein grafts harvested by so-called “no-touch” technique (Souza et al., 2001, 2006; Johansson et al., 2009; Samano et al., 2015). When “no-touch” vein grafts are excised, a sheet of perivascular tissue is retained around the vein (Souza, 1996). Suggestions have been made that improved integrity of the endothelial and medial smooth muscle cell layers (Ahmed et al., 2004; Vasilakis et al., 2004; Loesch et al., 2006), higher expression and activity of endothelial NO synthase (Tsui et al., 2001; Dashwood et al., 2009), greater density of vasa vasorum (Dreifaldt et al., 2011), and paracrine release of vasoactive substances from the perivascular tissue (Fernández-Alfonso et al., 2017) contribute to the superior patency of “no-touch” compared to conventional saphenous vein grafts. Nevertheless, the impact of perivascular tissue and harvesting techniques on the pathophysiology of graft occlusion is still not well-understood.

Vein grafts used for CABG surgery experience dramatic changes in mechanical forces—in particular increased transmural pressure and linear velocity of the blood—when they are transplanted from the venous to the arterial circulation. Elevated shear stress and circumferential wall stress of arteries compared to veins of equal caliber are important factors that influence vessel wall remodeling and neointima formation (Fitts et al., 2014). Increased physiological shear stress—which is typically 10–70 dynes/cm2 in arteries compared to 1–5 dynes/cm2 in veins (dela Paz and D'Amore, 2009; Fitts et al., 2014)—usually leads to outward remodeling. However, damaged endothelial cell layer caused by excessive physical forces can lead to endothelial dysfunction or even allow shear forces to act directly on the smooth muscle cells (Fry, 1969; Fitts et al., 2014). The mechanotransduction pathways and pathophysiological consequences of increased mechanical stress remain controversial and may depend on the flow pattern, but effects of shear stress on smooth muscle cell phenotype (i.e., shift from contractile to synthetic phenotype) and proliferation have been demonstrated and may contribute to inward remodeling and luminal obstruction of transplanted vein grafts (Kipshidze et al., 2004; Shi and Tarbell, 2011). It is well-accepted that surgical procedures and graft characteristics affect the rate of graft failure (Harskamp et al., 2013b), and it is expected that long-term patency is improved if the transplanted graft is functionally and structurally intact at the time of anastomosis.

In addition to providing structural support, the secretory activity of perivascular tissue can have functional implications for the vascular wall (Fernández-Alfonso, 2004). Crosstalk between perivascular tissue and resistance arteries in many vascular beds contributes to metabolic regulation of blood flow whereby local perfusion is adjusted to the metabolic demand. Proposed paracrine factors released from perivascular tissue include NO, leptin, adiponectin, prostanoids, angiotensin 1–7, and hydrogen sulfide (Simonsen and Boedtkjer, 2016), which in addition to vasomotor effects may modify the structure of the blood vessel wall, for instance, through changes in cell migration, proliferation, and apoptosis. Perivascular cardiomyocyte-rich tissue surrounding coronary arteries modifies both vasocontraction and—relaxation (Aalbaek et al., 2015). Even though the cause-effect relationship is still unclear, the relevance of altered crosstalk between perivascular tissue and cells of the vascular wall for disease is supported by altered anti-contractile influences of perivascular tissue in models of type 2 diabetes (Bonde et al., 2017), obesity (Yudkin et al., 2005; Greenstein et al., 2009; Aghamohammadzadeh et al., 2013), inflammation (Bhattacharya et al., 2013), and hypertension (Li et al., 2013).

There is evidence for structural damage to the vascular wall of conventionally harvested vein grafts (Ahmed et al., 2004; Loesch et al., 2006). However, functional evidence of altered vasomotor performance has not been provided and consequences of different harvesting techniques for the vasomotor function of excised grafts have not been systematically evaluated. In the current study, we hypothesized that harvest of saphenous vein grafts by “no-touch” technique improves the immediate contractile function because (a) the adherent perivascular tissue releases vasoactive paracrine factors that modify smooth muscle contractions or (b) the atraumatic “no-touch” surgical technique reduces damage and preserves smooth muscle contractile capacity. We find that saphenous vein grafts harvested by “no-touch” technique have increased capacity for force generation and that this greater contractile function is unrelated to acute release of paracrine factors from the perivascular tissue. We propose that improved graft viability with associated greater dynamic range of tone regulation contributes to the superior long-term patency of “no-touch” vein grafts used for CABG surgery.

MATERIALS AND METHODS

“No-touch” vein harvest technique was implemented at Aarhus University Hospital in 2011, 5 years prior to the present study. All conduits were harvested by the same team of cardiac surgeons experienced in both “no-touch” and conventional harvest techniques. The study was carried out in accordance with Danish legislation and the protocol approved by the Mid-Jutland Regional Committee on Health Research Ethics (enquiry no. 167/2017). According to Danish legislation, written informed consent was not required because the procedures involve excess resected tissue from a surgical procedure where all post-surgical tissue and data handling was anonymized.

Conventional Harvesting Technique

The saphenous vein was exposed by a longitudinal incision through the skin, the perivascular tissue stripped from the adventitial layer, and all side branches divided between clips or ligatures. The saphenous vein was removed and distended manually with a 10-mL syringe containing heparin-saline-−0.90% (weight/volume) aqueous NaCl solution containing 50 IU/mL heparin—to check for leaks. Attention was paid not to overdistend the vein. After distension, the vein graft was stored in heparin-saline at room temperature until anastomosis.

“No-Touch” Harvesting Technique

The course of the saphenous vein was delineated with a marker on the overlying skin using B-mode ultrasonography and a longitudinal incision was made through the skin until the saphenous vein was visualized. The saphenous vein was excised with adherent perivascular tissue along the whole circumference and all side branches were divided between clips or ligatures. At the surgeons discretion, one of two approaches was now chosen: the vein was either (a) stored at room temperature in papaverine-containing, heparinized autologous blood solution −60 mL blood added 1,000 IU heparin and 60 mg papaverine—until it was connected to the aortic cannula and perfused through the arterial line, or (b) manually distended and stored at room temperature in the papaverine-containing, heparinized autologous blood solution until anastomosis. Attention was paid not to overdistend the vein.

Isometric Myography

The vein segments investigated for contractile function were stored only very briefly (typically, a few minutes) in the above-mentioned heparin-saline or autologous blood solution. The vein segments were then transferred to chilled physiological saline solutions (PSS) and transported (~20 min duration) on ice to the laboratory at Aarhus University for analysis of contractile function. Two millimeter long segments of saphenous vein grafts were mounted in 4-channel wire myographs (610 M; DMT, Aarhus Denmark) on 100-μm tungsten pins either with the amount of associated perivascular tissue provided by the surgeons or after the perivascular tissue was removed by microdissection under a stereomicroscope (Zeiss, Germany). The time for transport and subsequent handling of veins was similar for veins harvested by conventional and “no-touch” technique. Diameter-tension relationships were established by first stretching the relaxed veins under continuous force recordings to diameters corresponding to fixed transmural pressures, and then trigger maximal active tension with 125 mM extracellular K+ and 10 μM serotonin. Concentration-response relationships to noradrenaline, serotonin, and extracellular K+ were established in veins that—when fully relaxed—were normalized to an internal diameter corresponding to a transmural pressure of either 20 mmHg (representative of the venous circulation) or 100 mmHg (representative of the arterial circulation; Mulvany and Halpern, 1977). When the vein segments were set to new diameters by moving the myograph pins apart, stretch-induced damage was avoided by first allowing time for full relaxation in Ca2+-free PSS containing 10 μM sodium nitroprusside (SNP). Under these conditions, the equivalent transmural pressure was calculated based on LaPlace's law.

Isobaric Myography

Saphenous vein segments were microdissected free from surrounding perivascular tissue and mounted with ligatures on two silicone tubes in a pressure myograph (110P; DMT). The inner diameter (ID) of the vein segments was visualized and recorded with MyoVIEW 3.2 software (DMT). Vasoconstriction was evaluated during cumulative application of serotonin at transmural pressures of 20 and 100 mmHg. The fully relaxed diameter (IDpassive) was recorded by exposing the veins to Ca2+-free PSS containing 5 mM EGTA and 10 μM papaverine. For each condition, we calculated: Active tone = (IDpassive-IDactive)/IDpassive, where all diameters correspond to the same transmural pressure.

Composition of Solutions

The PSS used for evaluation of venous contractile function had the following composition (in mM): NaCl 119, CaCl2 1.6, KCl 4.7, MgSO4 1.7, NaHCO3 22, KH2PO4 1.18, EDTA 0.026, and glucose 5.5. PSS with high [K+] was produced by equimolar substitution of KCl for NaCl. All solutions were titrated to pH 7.4 at 37°C after vigorous bubbling with a gas mixture of 5% CO2/balance air.

Statistics

Data are expressed as mean ± SEM; n equals number of patients. Probability (P) values <0.05 were considered statistically significant. One or two vessel segments from each patient were investigated for each condition; if two vessel segments from the same patient were tested, the average value was used to represent that patient in subsequent statistical analyses to ensure that values within each group were independent. Diameter-tension and concentration-response relationships were fitted to second order polynomial and sigmoidal functions, respectively, and compared between experimental conditions with extra sum-of-squares F-tests. The effects of two variables on a third variable, measured multiple times for each patient, were evaluated by repeated measures two-way ANOVA followed by Sidak's post-tests. Statistical analyses were performed using Microsoft Excel 2010 and GraphPad Prism 7.03 software.

RESULTS

Saphenous Veins Have Broad Diameter-Tension Relationships and Maximal Active Tension Development Is Increased in “No-Touch” Veins

Initially, we determined the relationship between the degree of passive stretch and the capacity of the harvested vein grafts for maximal active tension development. The saphenous vein segments were relaxed and stepwise stretched in Ca2+-free PSS with 10 μM SNP; and at each progressively larger diameter, the capacity for maximal active force development—after washout of SNP and return of extracellular Ca2+–was tested by exposure to 125 mM extracellular K+ and 10 μM serotonin. An original trace showing the protocol is provided in Figure 1A. The passive diameters were converted to equivalent transmural pressures using LaPlace's law. As shown in Figure 1B, the “no-touch” saphenous veins showed peak active tension development at diameters equivalent to around 60 mmHg, and relatively small decreases in capacity for active tension development were observed when the passive diameter was increased or decreased within the broad interval corresponding to transmural pressures between 20 and 120 mmHg. Striking differences in maximal active tension development were observed between veins harvested by “no-touch” and conventional technique: at its peak, maximal tension development was 3-fold larger in “no-touch” than conventional vein grafts (Figure 1B).
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FIGURE 1. Saphenous veins have a broad diameter-tension relationship and the capacity for maximal tension development is increased in “no-touch” veins. (A) Original force trace showing the protocol used for establishing the diameter-tension relationship for saphenous vein grafts. The arrows indicate time points where the micrometer screw is turned to stretch the vein to a larger diameter. The protocol was repeated multiple times to cover the pressure interval between 10 and 120 mmHg. (B,C). Maximal active tension development plotted as function of the equivalent passive transmural pressure for vein graft segments surrounded by the amount of perivascular tissue (PVT) retained by the surgeon (B, n = 8–11) and after removal of PVT by careful dissection under a stereomicroscope (C, n = 8–11). The curves are results of second order polynomial fits and we compare them by extra sum-of-squares F-tests. ***P < 0.05 vs. Conventional.



To investigate whether the difference in maximal tension development was due to vasoactive paracrine factors released from the perivascular tissue, we next carefully removed the perivascular tissue from the “no-touch” vein grafts by microdissection under a stereomicroscope. Any small amount of perivascular tissue remaining on the conventionally harvested vein grafts was removed in a similar manner. We saw a small, yet significant (P < 0.05, extra sum-of-squares F-test), reduction in vasocontractile capacity when the perivascular tissue was carefully removed by microdissection (compare Figures 1B,C). Notably, the difference in maximal active tension development between the veins harvested by “no-touch” and conventional technique was also evident after the perivascular tissue had been removed (Figure 1C). These findings support that possible vasomotor effects of paracrine factors released from the perivascular tissue are not the main causes of the acute difference in vasocontractile function observed between veins harvested by “no-touch” and conventional technique.

Isometric Vasocontraction at “Venous” and “Arterial” Transmural Pressures Is Not Affected by Microdissection of Perivascular Tissue

To further explore whether paracrine factors released from the perivascular tissue surrounding saphenous veins have vasomotor effects, veins harvested by “no-touch” technique were each cut into two segments: one was investigated as supplied from the surgeon whereas the perivascular tissue was carefully removed from the other by microdissection under a stereomicroscope. The veins were mounted for isometric investigation and stretched to internal diameters corresponding to typical mean venous and arterial transmural pressures of 20 and 100 mmHg, respectively. The acute removal of perivascular tissue had no significant effect on the concentration-dependent vasoconstrictor response elicited by serotonin (Figure 2A) or the sympathetic neurotransmitter noradrenaline (Figure 2B). Responses to elevated extracellular [K+]—applied in order to bypass receptor activation and investigate the response to direct depolarization of vascular smooth muscle cells—also did not differ between “no-touch” veins with and without perivascular tissue (Figure 2C). Responses to elevated extracellular [K+] were evaluated in the presence of 1 μM α-receptor antagonist phentolamine in order to block effects of noradrenaline released from perivascular nerve endings in response to depolarization. These findings are consistent with the diameter-tension relationships (Figure 1) and support that the differences in vasocontractile function between veins harvested by conventional and “no-touch” technique are not explained by acute vasomotor effects of paracrine factors released from the perivascular tissue.
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FIGURE 2. Vasocontraction of saphenous veins harvested by “no-touch” technique is not affected by removal of perivascular tissue (PVT) by microdissection. (A–C) Vasocontractile responses to serotonin (A, n = 8–9), noradrenaline (B, n = 8–9), and elevated extracellular [K+] (C, n = 7–8). Experiments involving elevated extracellular [K+] were performed in the presence of 1 μM phentolamine in order to inhibit effects of noradrenaline released from perivascular nerve endings in response to depolarization. 20 and 100 mmHg refer to the equivalent transmural pressures at which the veins were investigated. The curves are the results of least-squares fits to sigmoidal functions, and we compare them using extra sum-of-squares F-tests. NS: not significantly different vs. with PVT.



Isometric Vasocontraction Is Increased in Veins Harvested by “No-Touch” Technique

We next microdissected and mounted saphenous vein segments harvested by “no-touch” and conventional technique in wire myographs to compare their contractile function. The concentration-dependent tension development in response to serotonin (Figure 3A) and noradrenaline (Figure 3B) was greater in veins harvested by “no-touch” technique than in veins harvested by conventional technique; although for noradrenaline, the difference between the harvesting procedures was evident only when veins were normalized to a transmural pressure of 20 mmHg. Saphenous veins harvested by “no-touch” technique also produced stronger contractions than veins harvested by conventional technique when exposed to stepwise increments in extracellular [K+] (Figure 3C).
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FIGURE 3. Vasocontraction in response to noradrenaline, serotonin and depolarization with elevated [K+] is increased in saphenous veins harvested by “no-touch” technique. (A–C) Vasocontractile responses to serotonin (A, n = 6–9), noradrenaline (B, n = 6–9), and elevated extracellular [K+] (C, n = 7–8). 20 and 100 mmHg refer to the equivalent transmural pressures at which the veins were investigated. Experiments involving elevated extracellular [K+] were performed in the presence of 1 μM phentolamine in order to inhibit effects of noradrenaline released from perivascular nerve endings in response to depolarization. The data relating to “no-touch” veins are replotted from Figure 2 to ease interpretations. The curves are the results of least-squares fits to sigmoidal functions, and we compare them using extra sum-of-squares F-tests. **P < 0.01, ***P < 0.001, NS: not significantly different vs. Conventional.



Endothelium-Dependent Vasorelaxation Is Modest in Vein Grafts and Unaffected by Harvest Procedure

In order to evaluate the function of the endothelium, we next tested vasorelaxation of serotonin-pre-contracted veins in response to methacholine. When veins were pre-contracted with 10 μM serotonin, they relaxed on average <10% upon application of methacholine (Figure 4), which is in agreement with previous observations (Wise et al., 2015). Although there was a tendency toward improved vasorelaxation of veins harvested by “no-touch” compared to conventional technique, this did not reach statistical significance (P = 0.09), see Figure 4.
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FIGURE 4. Endothelium-dependent vasorelaxation is modest and variable in vein grafts and not significantly different between veins harvested by conventional and “no-touch” technique. The vein grafts (n = 13–14) were stretched to an internal diameter corresponding to a transmural pressure of 20 or 100 mmHg, pre-contracted with 10 μM serotonin, and exposed to 10 μM methacholine. The data are compared by repeated measures two-way ANOVA followed by Sidak's post-test. NS: not significantly different vs. Conventional.



Isobaric Vasoconstriction Is Increased in Veins Harvested by “No-Touch” Technique

To further support the greater vasomotor responses of “no-touch” saphenous veins, we next mounted veins—microdissected free from perivascular tissue—in pressure myographs and exposed them to transmural pressures of 20 or 100 mmHg. At 20 mmHg, veins harvested by “no-touch” technique produced stronger vasoconstriction in response to serotonin than veins harvested by conventional technique (Figure 5). Active tone development was much attenuated at a transmural pressure of 100 mmHg; and at this higher pressure, no difference was observed between veins excised by the two different harvesting techniques (Figure 5).
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FIGURE 5. Isobaric vasoconstriction is increased in “no-touch” vein grafts. Veins harvested by “no-touch” (n = 7) and conventional (n = 7) technique were constricted with serotonin at transmural pressures of 20 and 100 mmHg. The curves are the results of least-squares fits to sigmoidal functions, and we compare them using extra sum-of-squares F-tests. *P < 0.05, NS: not significantly different vs. Conventional.



Avoiding Manual Distension of Conventionally Harvested Vein Grafts Does Not Recover Tension Development

As part of the harvest procedure, vein grafts are pressurized to check for leaks. We investigated if the reduced vasocontraction of conventionally harvested veins compared to veins harvested by “no-touch” technique is explained by damage during this manual distension, which could be exacerbated in veins lacking the structural support from the perivascular tissue. To explore this possibility, we investigated a subset of veins harvested by conventional technique, except that one segment of the vein was not exposed to manual distension. Avoiding manual graft distension did not increase contractile responses of conventionally harvested veins during stimulation with serotonin (Figure 6A), noradrenaline (Figure 6B) or elevated extracellular [K+] (Figure 6C). Based on these findings, we conclude that damage during manual distension is not responsible for the lower vasocontraction of conventionally harvested vein grafts.
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FIGURE 6. Avoiding distension of conventional vein grafts does not lead to larger contractions. (A–C) Vasocontraction in response to serotonin (A, n = 7), noradrenaline (B, n = 6) and elevated extracellular [K+] (C, n = 6). Arteries were normalized to an internal diameter corresponding to a transmural pressure of 20 mmHg. Experiments involving elevated extracellular [K+] were performed in the presence of 1 μM phentolamine in order to inhibit effects of noradrenaline released from perivascular nerve endings in response to depolarization. The curves are the results of least-squares fits to sigmoidal functions, and we compare them using extra sum-of-squares F-tests. NS: not significantly different vs. Distended Conventional veins.



DISCUSSION

A series of well-designed and well-conducted randomized clinical trials from a single center in Sweden with up to 16 years of angiographic follow-up provides strong evidence of superior patency rates of “no-touch” compared to conventional saphenous vein grafts (Souza et al., 2001, 2006; Johansson et al., 2009; Samano et al., 2015). The current study evaluates whether the acute vasomotor function of “no-touch” saphenous vein grafts differs from that of conventionally harvested vein grafts and was conducted in order to identify functional properties that might help to understand the improved patency.

Our studies show that saphenous veins harvested by “no-touch” technique have greater contractile capacity than equivalent grafts harvested by conventional technique (Figures 1, 3, 5). The stronger contractions—evident under both isometric (Figures 1, 3) and isobaric (Figure 5) experimental conditions—are observed in response to the vascular agonists serotonin and noradrenaline (Figures 3A,B, 5) and also when smooth muscle cell membrane depolarization is induced by elevating extracellular [K+] (Figure 3C).

Vasoactive effects of paracrine factors released from perivascular tissue have been described for multiple arterial preparations from humans and rodents (Gollasch, 2012) and in rat inferior vena cava (Lu et al., 2011). In contrast, we find that removal of the perivascular tissue surrounding human saphenous vein segments only has marginal acute effects on their contractile properties (Figures 1, 2) suggesting that the perivascular adipose tissue surrounding saphenous veins has very little net vasomotor effect. This is in congruence with a rather loose association between the perivascular tissue and the saphenous veins compared, for instance, to coronary arteries. Nevertheless, additional studies are required to determine whether the perivascular tissue is important for long-term graft patency.

Because the greater capacity for vasocontraction of “no-touch” relative to conventional vein grafts is evident also after the perivascular tissue has been removed by microdissection (Figures 1, 2, 3, 5), our studies suggest that the sheath of perivascular tissue is important for atraumatic excision and handling rather than as a source of paracrine secretion. It is commonly observed that stretch or forceful dilation of contracted blood vessels damages their function; and to minimize this effect, vasodilators (e.g., papaverine) are routinely used during CABG graft harvesting (He et al., 1993). In the investigated saphenous vein segments, we observed that if veins were not fully relaxed during the normalization procedure or during the passive stretch component of the diameter-tension protocol, they immediately lost contractile function. Thus, our findings are consistent with the perivascular tissue being critical for permitting the surgeon to avoid directly grasping the vein with surgical instruments that can lead to cell damage and associated vasospasm (Souza and Samano, 2016; Fernández-Alfonso et al., 2017), and protecting against direct damage induced by sharp dissection during stripping of conventional vein grafts.

The proposed importance of the perivascular tissue as a mechanical shield against surgical handling suggests that the amount of retained perivascular tissue can be reduced to a thin sheath, which will minimize the size of the surgical wound on the harvest site and the risk of wound infection. Infection is a challenge of the open surgical techniques compared to endoscopic harvesting techniques (Kopjar et al., 2016; Souza and Samano, 2016). Still, clinical verification of the amount of perivascular tissue necessary for improved long-term graft function and clinical outcome is necessary as there is currently no direct evidence that the capacity for vein graft contraction is causatively related to its long-term patency.

Venous transmural pressure in healthy humans is typically around 20 mmHg but can increase to around 60 mmHg during sustained upright posture or in patients with insufficient venous valve function (Koster et al., 2013). Maximal active tension development at transmural pressures higher than the physiological level (Figure 1) provides basis for a Starling-like mechanism that will limit vein compliance during combined venous build-up of blood and activation of venous smooth muscle cells. The increased active tension development will support local intravascular pressure increases that can facilitate return of blood to the heart through the valve-containing venous circulation.

Previous studies have shown that the storage conditions used between harvest and implantation can affect the quality of CABG vein grafts. In particular, endothelium-dependent vasorelaxation has been found improved by storage in buffered salt solutions (Wise et al., 2015). In the current study, the excised grafts were stored for a few minutes in the storage solution used for the surgical procedure (i.e., heparin-saline or heparinized papaverine-containing autologous blood solution) before they were transferred to a buffered salt solution (i.e., PSS) that was used for transport, dissection, and experiments. Using buffered salt solution for storage and handling, we avoid that variation in storage conditions differentially affect the function of vein grafts harvested by conventional and “no-touch” technique.

Although we primarily consider the enhanced contractile capacity of “no-touch” vein grafts an important sign of improved viability, the greater capacity for vasocontraction also provides enhanced ability for dynamic regulation of precapillary resistance, local perfusion, and capillary pressure. A greater viability of the medial vascular smooth muscle cells of “no-touch” vein grafts is consistent with previous histological investigations (Ahmed et al., 2004; Vasilakis et al., 2004; Loesch et al., 2006). Because cell damage in the vascular wall is associated with structural disintegration and platelet deposition, it is expected that improved graft viability in the acute phase can reduce long-term graft failure.

In conclusion, we demonstrate for the first time that saphenous vein grafts harvested by “no-touch” technique have stronger vasocontractile capacity than vein grafts harvested by conventional technique. In the “no-touch” veins, the increase in active tension development at transmural pressures higher than the physiological level provides basis for a Starling-like mechanism that could limit build-up of blood and counteract edema formation. Whereas, acute vasomotor effects of paracrine factors released from the perivascular tissue were negligible, our findings support that the atraumatic “no-touch” surgical technique improves graft viability, which is consistent with the greater long-term patency.
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Background: Perivascular adipose tissue (PVAT), which surrounds most vessels, is de facto a distinct functional vascular layer actively contributing to vascular function and dysfunction. PVAT contributes to aortic remodeling by producing and releasing a large number of undetermined or less characterized factors that could target endothelial cells and vascular smooth muscle cells, and herein contribute to the maintenance of vessel homeostasis. Loss of PVAT in mice enhances atherosclerosis, but a causal relationship between PVAT and atherosclerosis and the possible underlying mechanisms remain to be addressed. The CDGSH iron sulfur domain 1 protein (referred to as mitoNEET), a mitochondrial outer membrane protein, regulates oxidative capacity and adipose tissue browning. The roles of mitoNEET in PVAT, especially in the development of atherosclerosis, are unknown.

Methods: The brown adipocyte-specific mitoNEET transgenic mice were subjected to cold environmental stimulus. The metabolic rates and PVAT-dependent thermogenesis were investigated. Additionally, the brown adipocyte-specific mitoNEET transgenic mice were cross-bred with ApoE knockout mice. The ensuing mice were subsequently subjected to cold environmental stimulus and high cholesterol diet challenge for 3 months. The development of atherosclerosis was investigated.

Results: Our data show that mitoNEET mRNA was downregulated in PVAT of both peroxisome proliferator-activated receptor gamma coactivator 1-alpha (Pgc1α)- and beta (Pgc1β)-knockout mice which are sensitive to cold. MitoNEET expression was higher in PVAT of wild type mice and increased upon cold stimulus. Transgenic mice with overexpression of mitoNEET in PVAT were cold resistant, and showed increased expression of thermogenic genes. ApoE knockout mice with mitoNEET overexpression in PVAT showed significant downregulation of inflammatory genes and showed reduced atherosclerosis development upon high fat diet feeding when kept in a 16°C environment.

Conclusion: mitoNEET in PVAT is associated with PVAT-dependent thermogenesis and prevents atherosclerosis development. The results of this study provide new insights on PVAT and mitoNEET biology and atherosclerosis in cardiovascular diseases.

Keywords: Cisd1, mitoNEET, perivascular adipose tissue, atherosclerosis, mitochondria

INTRODUCTION

The major adipose tissue in humans is white adipose tissue (WAT). Although long believed that brown adipose tissue (BAT) only existed in infants, the existence of a functional BAT is now accepted in the clavicular, cervical, suprarenal, and periaortic regions of adult humans (Nedergaard et al., 2007, 2010). WAT and BAT exhibit distinct functions. WAT has been recognized as a tissue for energy storage (Kim and Moustaid-Moussa, 2000) and related to cardiovascular diseases (CVDs), while the main function of BAT is to generate heat and energy expenditure (Smith and Horwitz, 1969). Studies using mouse models demonstrated that activation of BAT by cold temperature enhances clearance of plasma lipids and prevents the development of atherosclerosis (Bartelt et al., 2011). Additionally, WAT can be converted to “beige” fat (between WAT and BAT) by cold stimuli or hormones such as irisin (Zhang et al., 2014), FGF21 (Fisher et al., 2012), etc. Also, beige can be converted to WAT (Cohen et al., 2014). Beige adipocytes have a gene expression pattern distinct from either WAT or BAT and promote energy expenditure due to existence of uncoupling protein-1 (UCP-1) in the mitochondria, similarly to classic brown adipocytes (Wu et al., 2012). Recent strategies for “browning” WAT via cold stimuli or hormones significantly enhanced thermogenesis and may aid in prevention of obesity and related CVDs. Additionally, not all adipose tissue expansion is necessarily associated with pathological changes. The concept of the “metabolically healthy obese” state (Ruderman et al., 1981) suggests that some individuals can preserve systemic insulin sensitivity on the basis of “healthy” adipose tissue expansion (Sun et al., 2011). One example is that of thiazolidinediones (TZDs), the insulin-sensitizers known to affect the morphology of adipose tissue while improving insulin sensitivity. Both in humans and experimental animals, TZDs increase the number of small adipocytes and decrease large adipocytes (Hallakou et al., 1997; Okuno et al., 1998; Boden et al., 2003). TZDs have favorable effects on atherosclerosis in patients with type 2 diabetes mellitus (Ryan et al., 2007; Yu et al., 2007; Harashima et al., 2009; Kiyici et al., 2009).

PVAT is the adipose tissue surrounding most vessels. The PVAT of rodents is similar to BAT (Chang et al., 2012b). We previously demonstrated that one major physiological function of PVAT is thermogenesis in response to cold stimuli (Chang et al., 2012b). The intrinsic characteristic of energy expenditure of brown or beige adipocytes highlights the potential importance of PVAT as a target for the treatment of obesity and related CVDs (Chang et al., 2017). Our previous study demonstrated that donor PVAT from healthy mice ameliorates the endothelial dysfunction of aging recipient mice (Chang et al., 2012b) and that cold exposure inhibits atherosclerosis and improves endothelial function in mice with intact PVAT but not in mice lacking PVAT. Thus, our published data strongly suggest that PVAT metabolism is highly related to atherosclerosis.

MitoNEET, a mitochondrial outer membrane protein necessary for energy metabolism, was identified as an additional target of TZDs (Colca et al., 2004; Wiley et al., 2007a,b). Adipocyte specific overexpression of mitoNEET driven by the aP2 promoter induces severe obesity in ob/ob mice. Surprisingly, the adipocyte size was normal in the mitoNEET transgenic ob/ob mice despite accumulation of fat mass, suggesting that mitoNEET is able to convert hypertrophic fat to hyperplastic fat in ob/ob mice (Kusminski et al., 2012). Our study shows that mitoNEET expression is dramatically reduced in PVAT of Pgc1α or Pgc1β knockout mice which exhibit impaired PVAT thermogenesis. Thus, we hypothesize that mitoNEET is a critical mediator to maintain PVAT thermogenesis and protects against atherosclerosis. In this study, we document that the mice with specific overexpression of mitoNEET in brown adipocytes (mitoNEET-Tg) are cold resistant and partially resistant to the development of atherosclerosis in an ApoE knockout background.

MATERIALS AND METHODS

Animals

Transgenic mice with brown adipocyte-specific overexpression of mitoNEET (mitoNEET-Tg) in a C57BL/6J background were generated to express human mitoNEET driven by the mouse Ucp-1 promoter. Littermate mice without the human mitoNEET transgene served as wild type control mice. For the atherosclerosis study, mitoNEET-Tg mice were crossed with ApoE knockout (ApoE KO) mice (Stock# 002052, Jackson Laboratory) to obtain ApoE knockout mitoNEET-Tg mice (ApoE/mitoNEET-Tg). The offspring were genotyped by PCR analysis of DNA obtained from tail-snip biopsies using transgene-specific oligonucleotide primers for human mitoNEET and ApoE knockout. We selected two groups of mice for this study: (1) ApoE homozygous and positive for human mitoNEET, and (2) littermate control mice with a genotype of ApoE homozygous and negative for human mitoNEET. All experiments were conducted in 8-week-old male mice. The study protocol was approved by the Animal Research Ethics Committee of the University of Michigan.

Surgical Removal of the Interscapular BAT

Mice were anesthetized by isoflurane inhalation and fixed face down on a surgical heating pad (37°C). The subscapular hair was removed, and a 1 cm long incision on the midline skin was made to expose the interscapular BAT. Next, the intact BAT was completely separated from the interscapular trigonal pyramidal region. The vessels supplying blood to BAT and the neighboring cells at the trigonal pyramidal bottom were cauterized using an electronic cauterizer to permanently block bleeding and BAT regeneration after the BAT removal procedure. The skin wound was closed using wound clips. The mice were allowed to recover for 1 week at room temperature (22°C) before initiating the temperature, energy expenditure and atherosclerosis studies at 16°C (Chang et al., 2012b).

Wireless Measurements of Body Temperature Using Implanted Probes

The mice were anesthetized by isoflurane inhalation. The neck hair was removed, and the skin was opened. A temperature monitoring microchip (Bio Medic Data Systems, 12 mm long and 2 mm in diameter) was surgically implanted in the subcutaneous area. After 3 days' recovery from the surgery, the temperature was manually recorded by remotely scanning the animal using a handheld reader system (DAS-7007R, Bio Medic Data Systems) at 9 a.m., 12 p.m., and 4 p.m. daily.

Measurement of Intravascular Temperature in Mice

Intravascular temperature was monitored using a T-type thermocouple probe (ADInstruments MLT1405) which was inserted into the thoracic aorta through the left carotid artery of mice under anesthesia induced by isoflurane inhalation (Chang et al., 2012b). The thermocouple probe was connected to a data acquisition system (AdInstruments Powerlab) to monitor the temperature inside of aortic lumen. During the procedure, the mice were lying on their backs on a 35°C warm pad with constant inhalation of isoflurane, and cold stimulation was performed by submerging the tail and hind feet in 4°C water with the researcher blinded to the genotype of mice.

Energy Expenditure Assay in Mice

Oxygen consumption (VO2), carbon dioxide production (VCO2), spontaneous motor activity and food intake were measured using the Comprehensive Laboratory Monitoring System (CLAMS, Columbus Instruments), an integrated open-circuit calorimeter equipped with an optical beam activity monitoring device. Mice were individually placed into the sealed chambers (7.9′′ × 4′′ × 5′′) with free access to food and water. To determine the energy expenditure in mice upon acute cold exposure, the study was carried out in an experimentation room set at 22 or 4°C with 12-12 h (6:00 p.m.~6:00 a.m.) dark-light cycles. The measurements were carried out continuously for 48 h at 22 or 4°C. Mice were provided food and water through the feeding and drinking devices located inside the chamber without nesting material due to the fact that it blocks the beams that track activity. The amount of food consumed by each animal was monitored through a precision balance attached below the chamber. The body composition data were measured using an NMR analyzer when conscious mice were placed individually into the measuring tube with a minimum restrain. Total energy expenditure was calculated based on the values of VO2, VCO2, and the protein breakdown (Riachi et al., 2004).

Atherosclerosis Study

For atherosclerosis experiments, 8-week-old male ApoE KO and ApoE/mitoNEET-Tg mice were fed a high-cholesterol diet (Harlan, TD.88137) for 3 months in a cold-temperature chamber (16°C) with a 12-h:12-h light-dark cycle and free access to water and diet as in our previous study (Chang et al., 2012b). Afterwards, the animals were sacrificed with excess CO2. After collection of plasma, the mice were perfused with 20 ml normal saline solution through the heart, followed by 20 ml 37% formalin. The mice were fixed with formalin and the whole aortic tree was dissected under a surgical microscope. Next, the aortic trees were stained with Oil Red O solution (0.2% Oil Red O (w/v) in 3.5:1 of methanol:1N NaOH) for 50 min, followed by 70% ethanol for 30 min. Afterwards, the aortic trees were kept in ddH2O. The attached connective tissues around the aortic trees were cleaned and pinned on a plate containing paraffin wax, and then the aorta was longitudinally opened with a Vannas scissor to expose the atherosclerotic lesions. The pictures of whole aortic trees were obtained using a digital camera, and the atherosclerotic lesion areas were calculated by an Image software (Meta Imaging Series 7.0, Molecular Devices, LLC).

Histological Analysis

Adipose tissues were harvested from mice that were anesthetized and fixed overnight via transcardial perfusion with 4% paraformaldehyde (pH 8.0). After dehydration, the samples were embedded in paraffin wax according to standard laboratory procedures. Sections of 5 μm were stained with H&E for routine histopathological examination with light microscopy.

Quantitative Real-Time Reverse-Transcriptase Polymerase Chain Reaction (QT-PCR) and Western Blot

The mice were housed at 4°C for 24 h, 16°C for 1 week or 3 months. The tissues indicated in the figures were harvested and frozen in liquid nitrogen for mRNA and protein analysis. Total RNA was isolated from tissues using TRIzol reagent (Invitrogen). The mRNA levels were measured by QT-PCR using a Bio-Rad thermocycler and a SYBR green kit (Bio-Rad). The mouse primers used for each gene were, respectively, as follows:

Ucp-1: 5′-AAAAACAGAAGGATTGCCGAAACT-3′ and 5′-TAAGCATTGTAGGTCCCCGTGTAG-3′;

Cidea: 5′-CTGTCGCCAAGGTCGGGTCAAG-3′ and 5′-CGAAAAGGGCGAGCTGGATGTAT-3′;

Pgc-1α: 5′-CTCCTCCCACAACTCCTCCTCATA-3′ and 5′-GGGCCGTTTAGTCTTCCTTTCCTC-3′;

Pgc-1β: 5′-CTACCGCCTGGCCATACCTGTCA-3′ and 5′-CTCCTCATCTTCCTCCCGCTTTTG-3′;

IL-6: 5′-TTCCCTACTTCACAAGTC-3′ and 5′-GTACAAAGCTCATGGAGA-3′;

TNF-α: 5′-CTCAGATCATCTTCTCAA-3′ and 5′-GGTTTGCCGAGTAGATCT-3′;

Mcp-1: 5′-CACCAGCACCAGCCAACTCTCACT-3′ and 5′-CATTCCTTCTTGGGGTCAGCACAG-3′;

Ckb: 5′-CCTGCTTCGTCCGGCATC-3′ and 5′-GTCCAAAGTAAAGCCGCTCG-3′;

Macrod1: 5′-ATTGTCAACGCTGCCAACAG-3′ and 5′-TTCTGTAGGGTGCGGCATTC-3′;

Fabp3: 5′-CAGGTGGCTAGCATGACCAA-3′ and 5′-ATGAGTTTGCCTCCGTCCAG-3′;

Idh2: 5′-TGTATCCATGGCCTCAGCAA-3′ and 5′-TGCCATGTACAGAGTACCCAC-3′;

Klf2: 5′-TAAAGGCGCATCTGCGTACA-3′ and 5′-GTGGCACTGAAAGGGTCTGT-3′.

The proteins in tissues were extracted by T-PER tissue protein extraction reagent (Thermo Scientific 78510) as indicated in the instructions manual. Protein separation by electrophoresis using 10% SDS-PAGE gels for 1 h at 150V in Tris/Glycine/SDS electrophoresis buffer (25 mM Tris, 190 mM glycine and 0.1% SDS) was performed on 30 μg protein/well in loading buffer (4% SDS, 10% 2-mercaptoethanol, 20% glycerol, 0.004% bromophenol blue and 0.125M Tris-HCl) after boiling at 100°C for 10 min. Proteins were transferred to a nitrocellulose membrane in transfer buffer (25 mM Tris, 190 mM glycine and 20% methanol) at 40V overnight at 4°C. The membrane was rinsed in TBST buffer (20 mM Tris pH7.5, 150 mM NaCl, 0.1% Tween 20) 3 times at room temperature. MitoNEET protein levels were detected by overnight incubation at 4°C in 5% milk containing 1:1000 anti-mitoNEET antibody (ProteintechTM Cat#: 16006-1-AP). Then the membrane was rinsed in TBST buffer, and incubated with Goat anti-Rabbit IgG antibody (IRDye680LT) for 2 h at room temperature. The blot image was captured and analyzed by BioRad LI-COR system.

Statistical Analysis

All data were evaluated with a 2-tailed, unpaired Student's t-test or compared by one-way ANOVA followed by Newman-Keuls and were expressed as mean ± SD. A value of p < 0.05 was considered statistically significant.

RESULTS

MitoNEET Is Reduced in PVAT of Pgc1α and Pgc1β Knockout Mice

Prior studies indicated that the characteristics of PVAT in mice make it almost identical to interscapular BAT (Fitzgibbons et al., 2011; Chang et al., 2012b). Thus, we reasoned that thermogenesis would be one of the properties of PVAT. Our previous study demonstrated that mice lacking PVAT had lower intravascular temperature in response to cold stimuli (Chang et al., 2012b). Since Pgc1α and Pgc1β are well-known nuclear receptor coactivators critically involved in BAT thermogenesis (Spiegelman, 2007a,b), we performed RNA deep sequencing analysis in PVAT of Pgc1α and Pgc1β knockout (KO) mice to screen for factors related to thermogenesis in PVAT. Firstly, we confirmed that Pgc1α mRNA or Pgc1β mRNA is efficiently deleted in both PVAT and BAT of Pgc1α KO (Figure 1A) or Pgc1β KO mice (Figure 1B), respectively. To investigate whether Pgc1α or Pgc1β in PVAT contribute to PVAT thermogenesis, we measured the intravascular temperature of Pgc1α or Pgc1β KO mice upon cold stimulus for 90 s. As shown in Figure 1C, upon 4°C cold stimulus, the intravascular temperatures in all mice are gradually reduced. However, the intravascular temperature of both Pgc1α or Pgc1β KO mice drops faster than that of wild type mice. After just 30 s of cold stimulus, the average temperature in thoracic aorta of wild type mice dropped 0.05 ± 0.03°C, while it dropped 0.13 ± 0.04°C and 0.12 ± 0.05°C in the aorta of Pgc1α KO and Pgc1β KO mice, respectively. After 60 s of cold stimulus it further dropped to a differential of 0.28 ± 0.05°C and 0.30 ± 0.07°C in Pgc1α KO and Pgc1β KO mice respectively vs. 0.10 ± 0.03°C in wild type mice. At the endpoint of cold exposure, 90 s, the average temperature in thoracic aorta of wild type mice is reduced 0.19 ± 0.03°C while it is reduced 0.44 ± 0.11°C in Pgc1α KO mice and 0.48 ± 0.14°C in Pgc1β KO mice (Figure 1C). These data indicate that deleting Pgc1α or Pgc1β in PVAT might contribute to the hypothermic phenotype independent of BAT. To investigate the common thermogenic genes, which might represent a cross point between Pgc1α and Pgc1β in terms of their shared thermogenic mechanisms, we compared the genes in PVAT of Pgc1α and Pgc1β showing a 1.5-fold change when compared to PVAT of wild type mice. About 37 genes are reduced in PVAT of Pgc1α KO mice, while about 112 genes are reduced in PVAT of Pgc1β KO mice. Among them, only 8 genes [Ivns1abp, Ckb, Macrod1, Fabp3, Lmpdh1, Idh2, Klf2 and Cisd1 (mitoNEET)], which might be directly involved as effectors of thermogenic mechanisms, are reduced in PVAT of both Pgc1α and Pgc1β KO mice (Figure 1D), consistent with known functions of these genes in thermogenesis and lipid metabolism in adipose tissue (Banerjee et al., 2003; Chen et al., 2011; Vergnes et al., 2011; Van der Zee, 2013; Lee et al., 2016). Using real-time PCR, we confirmed that 6 of 8 genes were down-regulated in PVAT of both Pgc1α and Pgc1β KO mice (Suppl. Figure IA, Figure 1E). MitoNEET protein levels were also significantly reduced in PVAT of Pgc1α and Pgc1β KO mice (Figure 1F). Although all the common differentially regulated genes might be critical for thermogenesis, we focused on mitoNEET in this study because mitoNEET is located on the mitochondrial membrane, making it a likely direct effector, and it is involved in WAT browning (Kusminski et al., 2014). Also, compared with WAT, mitoNEET mRNA levels in PVAT and BAT are about 15-fold higher, respectively (Figure 2A). These data suggest that mitoNEET in brown-like PVAT might be directly involved in the regulation of PVAT-dependent thermogenesis.
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FIGURE 1. mitoNEET is reduced in PVAT of Pgc1 knockout mice. Real-time PCR shows Pgc1α mRNA levels in BAT and PVAT of Pgc1α knockout mice (Pgc1α KO) (A), and Pgc1β mRNA levels in BAT and PVAT of Pgc1β knockout mice (Pgc1β KO) (B). The relative mRNA levels were normalized by 18S, respectively. Data shown are mean ± SD. n = 5 mice/group. (C) Intravascular (thoracic aorta) temperature in anesthetized wild type (WT), Pgc1α KO and Pgc1β KO mice in response to 4°C stimuli. The lag time reflects the time of dipping of the hind feet and tail in 4°C cold water. The zero represents the start time point of immersion in the cold water. Data shown are mean ± SD. n = 6 mice/group.*p < 0.05 Pgc1α KO vs. WT, **p < 0.01 Pgc1α KO vs. WT; #p < 0.05 Pgc1β KO vs. WT, ##p < 0.01 Pgc1β KO vs. WT. (D) RNA deep sequencing identified eight common downregulated genes in PVAT of both Pgc1α KO and Pgc1β KO mice, as indicated in the Venn diagrams. (E) mitoNEET mRNA levels in PVAT of Pgc1α KO and Pgc1β KO mice. The relative mitoNEET mRNA level was normalized by 18S, respectively. Data shown are mean ± SD. n = 5 mice/group. (F) Western blots show Pgc1α, Pgc1β and mitoNEET protein levels in PVAT of WT, Pgc1α KO and Pgc1β KO mice, n = 2 mice/group.
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FIGURE 2. mitoNEET is up-regulated in PVAT upon cold stimuli. (A) mitoNEET mRNA levels in BAT, PVAT, gonadal WAT (gWAT), and subcutaneous WAT (sWAT) in 10-week old C57BL/6J mice which were housed at 22°C. The relative mitoNEET mRNA level was normalized by 18S, and the expression level of mitoNEET mRNA in gWAT was set as 1. Data shown are mean ± SD. n = 5 mice/group. (B) Western blots show mitoNEET protein levels in PVAT, BAT, sWAT, and gWAT at 22°C and after 24-h 4°C cold stimuli. n = 3 mice per temperature condition. (C) Quantitative data of blots in (B) expressed as the ratio of densitometry of mitoNEET/β-Tubulin. Data shown as mean ± SD of 3 blots either at 22°C or 4°C.



MitoNEET Is Up-Regulated in Brown-Like Adipocytes upon Cold Stimulus

Next, we investigated whether mitoNEET is associated with thermogenesis. Even though mitoNEET is also highly expressed in mitochondria-rich organs such as skeletal muscle, heart and brain, however, upon cold stimulus, mitoNEET expression is not increased in those three tissues (Suppl. Figure I) while it is significantly increased in PVAT and BAT (Figures 2B,C). Despite of subcutaneous WAT (sWAT) being recognized as an Ucp1-positive beige adipose tissue, the mitoNEET mRNA in sWAT is comparable with that in pure gonadal WAT (gWAT) (Figure 2A). Consistently, the increase in mitoNEET levels in sWAT is not as marked as in PVAT and BAT (Figures 2B,C) upon 24 h cold stimulus. These data suggested that mitoNEET in brown-like PVAT might be strongly associated with cold-induced thermogenesis.

Mice with MitoNEET Overexpression in Brown Adipocytes Are Cold Resistant

To investigate whether mitoNEET in brown adipocytes regulates thermogenesis, we generated mice with brown adipocyte-specific overexpression of human mitoNEET (mitoNEET-Tg) driven by the Ucp-1 promoter using the strategy outlined in Figure 3A. Western blot confirms that mitoNEET is specifically overexpressed in PVAT and BAT (Figure 3B), but not in subcutaneous and gonadal WAT (Suppl. Figure IIA). Overexpression of mitoNEET in brown adipocytes does not affect the morphology of interscapular BAT, PVAT and aorta (Figure 3C), or of subcutaneous and gonadal WAT (Suppl. Figure IIB). Next, we investigated whether mitoNEET overexpression in brown adipocytes enhances thermogenesis in mice. As shown in Figure 3D, in a 22°C environment, the body temperatures are comparable between wild type and mitoNEET-Tg mice. However, when the mice are placed in a 4°C environment, the body temperature is significantly reduced in the wild type animals while the mitoNEET-Tg mice are able to maintain the body temperature, suggesting that mitoNEET in brown adipocytes is able to prevent the temperature reduction observed in the wild type animals upon transfer to the cold environment. To exclude the potential contribution of BAT to intravascular temperature, we surgically removed the interscapular BAT in both the wild type and mitoNEET-Tg mice and measured the intravascular temperature in mice under anesthesia. As shown in Figure 3E, by immersing the hind feet and tail of mice with 4°C cold water, the reduction rate of intravascular temperatures of mitoNEET-Tg mice is slower than that of wild type mice. After 90 s of cold stimulation, the intravascular temperature in wild type mice dropped by 0.70 ± 0.08°C, while it only dropped by 0.44 ± 0.04°C in mitoNEET-Tg mice. Consistently, in mice housed in a mild cold environment (16°C) as a challenge for 1-week, the mRNA levels related to thermogenesis-associated genes such as Ucp1, Cidea, Evolv3, Dio2, and Pgc1α are increased in the PVAT of mitoNEET-Tg mice when compared with those in PVAT of wild type mice (Figure 4) while the adipogenic aP2 remains unchanged. These genes, except for Evolv3 are not increased in gWAT (Suppl. Figure IIIA). The increased expression of thermogenesis-associated genes in PVAT was also confirmed in the mitoNEET-Tg mice line originated from founder #27 (Suppl. Figure IIIB), ruling out an insertional effect in the #8 founder. These data further confirm that mitoNEET in PVAT positively contributes to cold-induced thermogenesis independently of the presence of BAT.
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FIGURE 3. Cold tolerance in mitoNEET-Tg mice. (A) Schema of the construct used for generating transgenic mice with brown adipocyte-specific overexpression of the human mitoNEET driven by the mouse Ucp-1 promoter (top). Identification of four human mitoNEET positive founders in the C57BL/6J background (#8, #17, #27, and #28) were identified (bottom). The transgenic mice used in this study are from #8 line. (B) Western blot shows that mitoNEET is overexpressed in PVAT and BAT of the transgenic mice. (C) Representative H.E. staining showing the morphology of thoracic aortic PVAT and interscapular BAT in 10-week old wild type and mitoNEET-Tg mice. Magnification bar = 20 μm. (D) Body temperature of conscious wild type and mitoNEET-Tg mice in response to 4°C stimuli. The body temperatures were collected at 9 a.m., 12 p.m., and 4 p.m. when the mice were housed either in a 22°C or a 4°C chamber. Data shown as mean ± SD, n = 5 mice per group,*p < 0.05 vs. WT mice. (E) Intravascular (thoracic aorta) temperature in the anesthetized mice with interscapular BAT removal was recorded for 90 s as described in Materials and Methods Section. Data shown as mean ± SD. n = 6 mice/group.**p < 0.01 vs. WT.
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FIGURE 4. Increase in thermogenesis-related genes in PVAT of mitoNEET-Tg mice. RT-PCR was used to determine the mRNA levels (relative to 18S) of thermogenesis-related genes in PVAT of wild type and mitoNEET-Tg mice housed at 16°C for 1-week. Data shown as mean ± SD. n = 6 mice/group.



Overexpression of MitoNEET in PVAT Increases Whole Body Metabolism

Next, we studied whether overexpression of mitoNEET in PVAT from mice with BAT removed promotes energy expenditure. Our results indicate that overexpression of mitoNEET in brown adipocytes does not affect the food intake (Figure 5A), body composition (Figure 5B) and total locomotor activity (Figure 5C) when the mice were housed in a 22°C environment. Additionally, there are no statistical differences in energy expenditure at room temperature, between that of wild type and mitoNEET-Tg mice (Figure 5D). Consistently, O2 consumption (Figure 5E) and CO2 production (Figure 5F) are comparable between wild type and mitoNEET-Tg mice at that temperature. When mice were housed at 4°C, the cold stimulus increases comparably the food intake and reduces fluid percentage and total locomotor activity of both wild type and mitoNEET-Tg mice (Figures 5A–C), indicating that overexpression of mitoNEET in PVAT does not change the food intake, body composition and movement behaviors of mice. However, when challenged with 4°C cold stimulus, both O2 consumption (Figure 5E) and CO2 production (Figure 5F) are significantly increased in the mitoNEET-Tg mice. Consistently, the energy expenditure (Figure 5D) was also significantly increased at 4°C in mitoNEET-Tg mice when compared with wild type mice, suggesting that mitoNEET in PVAT is involved in cold-induced energy expenditure.
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FIGURE 5. Energy expenditure in mitoNEET-Tg mice. Wild type and mitoNEET-Tg mice with interscapular BAT removed were single-housed in metabolic cages. The food intake (A), body weight and body composition (B), total locomotor activity (C), energy expenditure (D), oxygen consumption (E) and carbon dioxide production (F) were recorded when the chamber temperatures were adjusted to 22°C or 4°C. Data shown as mean ± S.E.M (n = 6) and histogram figures are the 24-h average.



Overexpression of MitoNEET in PVAT Attenuates the Development of Atherosclerosis in Mice

Since acute 4°C cold exposure enhanced thermogenesis and energy expenditure in mitoNEET-Tg mice, we investigated the effects of overexpression of mitoNEET in PVAT on atherosclerosis when the interscapular BAT was removed and the mice were housed in a mild cold 16°C environment for 3 months. As shown in Figure 6A, after 16°C exposure and high cholesterol diet feeding for 3 months, ApoE/mitoNEET-Tg mice show higher expression of thermogenesis-related genes such as Ucp-1, Cidea, Cox8b, Evolv3, and Pgc1a in PVAT than those in the PVAT of ApoE knockout mice. Consistently, en face staining of lipid-rich lesions from mouse aortas showed that the total lesion area was significantly lower in aortas from ApoE/mitoNEET-Tg than those from ApoE knockout mice (Figures 6B,C), indicating that overexpression of mitoNEET in PVAT inhibits atherosclerosis in mild cold conditions. However, the body weights (Figure 6D) are comparable between ApoE knockout mice with and without mitoNEET overexpression in PVAT after 16°C exposure for 3 months. Compared to ApoE knockout mice, the total plasma cholesterol and triglyceride levels in ApoE/mitoNEET-Tg mice are significantly reduced in mild cold conditions (Figure 6E), suggesting increased lipid clearance. Remarkably, overexpression of mitoNEET significantly reduced the expression of the pro-inflammatory genes IL-1β, IL-6, Mcp-1, and TNFα in PVAT of ApoE/mitoNEET-Tg mice (Figure 6F). Consistently, the macrophage infiltration is significantly reduced in PVAT of ApoE/mitoNEET-Tg mice (Figures 6G,H). Taken together, these data indicate that increased levels of mitoNEET in PVAT reduce the development of atherosclerosis.
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FIGURE 6. Atherosclerosis in mitoNEET-Tg mice. Twelve-week-old ApoE KO and ApoE/mitoNEET-Tg mice were housed at and fed a high cholesterol diet (HCD) at 16°C for 3 months. (A) mRNA levels of thermogenesis genes in PVAT of mice at the end-point of the atherosclerosis study. Data shown are mean ± S.E.M. n = 5–6 in each group. (B) Representative Oil Red O staining showing atherosclerotic lesions in whole aortic trees. (C) Quantitative analysis of the ratio of atherosclerotic lesion area to total aortic tree area. Data shown are mean ± SD. n = 15 in each group. (D) Body weights of mice during mild cold challenge. Data shown are mean ± S.E.M. n = 15 in each group. (E) Plasma total cholesterol and triglyceride levels in ApoE knockout and ApoE/mitoNEET-Tg mice at the end-point of the HCD challenge at 16°C for 3 months. Data shown are mean ± SD. n = 15 in each group. (F) mRNA levels of inflammatory genes in PVAT of mice at the end-point of HCD challenge at 16°C for 3 months. Data shown are mean ± S.E.M. n = 5–6 in each group. (G) Macrophage infiltration detected by F4/80 staining (brown) in PVAT of mice at the end-point of HCD challenge at 16°C for 3 months. (H) Quantitative data of F4/80 positive cells in (G). Data shown are mean ± SD. n = 6 in each group.



DISCUSSION

Decreasing the environmental temperature initiates BAT-adaptive thermogenesis in mammals due to uncoupled ATP generation by Ucp1 in the mitochondria and dissipates energy in the form of heat (Enerback et al., 1997; Lee et al., 2014). Because of their high expression levels in BAT, Pgc-1 coactivators are well-established markers of BAT. Pgc1α and Pgc1β are transcriptional coactivators which recruit nuclear receptors or transcription factors to regulate transcription of downstream genes in the nucleus and the mitochondria (Kadlec et al., 2016), and play an absolutely essential and complementary function in mitochondrial biogenesis and thermogenesis in BAT (Puigserver et al., 1998; Lelliott et al., 2006; Uldry et al., 2006). Therefore, we compared the common genes in PVAT found down-regulated in both Pgc1α and Pgc1β deficient mice, which might represent key points of commonality in the thermogenesis roles of both Pgc-1 coactivators. Our study here indicates that mitoNEET is one of the molecules which are highly down-regulated in PVAT in both Pgc1α and Pgc1β deficient mice. MitoNEET, a dimeric mitochondrial outer membrane protein, is a key regulator of mitochondrial function and lipid homeostasis. Loss of mitoNEET in cells decreases cellular respiration because of reduction in the total cellular mitochondrial volume, suggesting that mitoNEET plays critical roles in controlling mitochondrial homeostasis (Vernay et al., 2017). In adipocytes, mitoNEET reduces β-oxidation rates by inhibiting mitochondrial iron transport into the matrix. Interestingly, adipocyte-specific overexpression of mitoNEET driven by the aP2 promoter enhances lipid uptake and leads to benign adipose tissue hyperplasia. Despite the severe obesity resulting from mitoNEET overexpression in ob/ob mice, the insulin sensitivity is preserved (Kusminski et al., 2012). Therefore, mitoNEET might be a potential therapeutic target for diabetes. Additionally, beside its positive impact on lipid and carbohydrate homeostasis by altering mitochondrial matrix iron metabolism, mitoNEET in subcutaneous WAT of mice upregulates a browning signature program (Kusminski et al., 2014). Recently, browning of WAT is passionately recognized as a new strategy for treatment of diabetes and CVDs. Importantly, we documented that mitoNEET is highly expressed in brown-like PVAT and BAT when compared to WAT. Cold exposure significantly increases mitoNEET expression in PVAT and BAT, but not in WAT and other mitochondria-rich organs such as skeletal muscle, heart and brain, suggesting that mitoNEET expression is highly and directly associated with thermogenesis in brown adipocytes. These findings are consistent with the possibility that PVAT could undergo heat generation upon cold stimulus and prompted our further characterization of the role of this gene in PVAT.

Impaired energy metabolism in the blood vessels is believed to be associated with atherogenesis (Mayr et al., 2005). Environmental temperature influences the energy metabolism in the body (Balogh et al., 1952). Even though exposure of mice to 4°C enhances thermogenesis, long-term (8 weeks) 4°C exposure promotes atherosclerotic plaque growth and instability due to Ucp1-dependent lipolysis of adipose tissues (Dong et al., 2013). On the other hand, as PVAT has a phenotype similar to BAT (Fitzgibbons et al., 2011; Chang et al., 2012b), the heat generation in PVAT is critical to the maintenance of intravascular temperature (Chang et al., 2012b). In humans, an intravascular temperature gradient exists, with the temperature increasing in large veins (surrounded by PVAT) as blood approaches the heart (Robinson, 1952), although it is not yet known if this function is associated with PVAT. We previously showed that, consistent with a potential activation of PVAT metabolism during cold-induced thermogenesis, the presence of PVAT in ApoE knockout mice on a high-fat diet and housed in a mild cold temperature (16°C) facility prevented atherosclerosis compared to mice housed at room temperature (22°C) (Chang et al., 2012b). PVAT-free mice housed in similar cold conditions did not have comparable reductions in atherosclerosis, underscoring the necessity of PVAT for this phenotype. Yet, the factors contributing to those phenotypes are still unknown. Here we found that overexpression of mitoNEET in PVAT up-regulates expression of thermogenic genes such as Ucp-1, Cidea, Dio2 and Pgc1α, etc. in cold conditions. Consistently, mitoNEET-Tg mice (when the BAT was surgically removed) are cold tolerant, indicating that mitoNEET in PVAT contributes to thermogenesis. Indeed, in our study, we found that mitoNEET-Tg mice housed in 4°C environment increased systemic metabolic activity. Also, housing mitoNEET-Tg mice at 16°C for 3-months significantly reduced the development of atherosclerosis when compared with ApoE knockout mice. Importantly, plasma triglyceride levels in mitoNEET-Tg mice were reduced at 16°C, suggesting that the increased metabolic activity of PVAT in mitoNEET-Tg mice may result in increased lipid clearance from the vasculature, thereby contributing to reduced atherogenesis. Indeed, activation of BAT (Bartelt et al., 2011) and PVAT (Chang et al., 2012a) in rodents results in reduced plasma lipid levels. In humans, studies have reported that individuals living in cold climates have active BAT in the peri-aortic region of adults (van Marken Lichtenbelt et al., 2009). However, it is yet unclear if cold exposure in humans activates PVAT thermogenesis leading to protection from atherosclerosis. Exposure to both heat and cold are associated with increased incidences of mortality from heart attacks in humans (Taggart et al., 1972; Sheldahl et al., 1992) although we still need carefully-controlled epidemiological studies to determine if cold exposure is beneficial in preventing the development of atherosclerosis.

PVAT is closely involved in vascular inflammation. The PVAT-resident and -recruited inflammatory cells have been hypothesized to be responsible for vascular diseases (Okamoto et al., 2001). It is believed that the inflammatory response in the vasculature is a key step toward atherosclerosis. Indeed, high-fat diet feeding induces a pro-inflammatory phenotype in the PVAT of mice (Chatterjee et al., 2009). Actually, compared with subcutaneous and visceral adipose tissues, PVAT has less-differentiated adipocytes with more basal inflammatory signature, and lower expression of adiponectin and higher of inflammatory factors such as IL-6, IL-8, and MCP-1 (Chatterjee et al., 2009). Indeed, accumulation of inflammatory cells in the PVAT in human atherosclerotic aortas indicates that PVAT recruits pro-inflammatory cells in atherogenesis and is primed for inflammatory responses (Henrichot et al., 2005). Transplant of pro-inflammatory visceral WAT results in atherosclerotic lesions and increased inflammatory markers, compared to transplantation of non-inflammatory subcutaneous WAT (Ohman et al., 2008, 2011). A postmortem study also found that the PVAT mass was positively correlated with atherosclerotic plaque size in atherosclerosis patients (Verhagen et al., 2012). Therefore, an inflammatory PVAT plays pro-atherosclerotic roles. Surprisingly, our data uncovered that expression of inflammatory factors such as IL-6 and Mcp-1 is reduced in PVAT of mitoNEET-Tg mice, suggesting an anti-inflammatory role for mitoNEET likely contributing further to the atheroprotective phenotype. Indeed, macrophage infiltration was reduced in the mitoNEET-Tg mice.

Taken together, our study demonstrates that mitoNEET in PVAT plays a key role in intravascular thermoregulation. mitoNEET in PVAT prevents temperature loss in the vasculature upon cold temperature challenge. Of great importance, we show that mitoNEET in PVAT reduces the burden of atherosclerosis, making it an attractive target for clinical intervention, and establishes the notion of a direct beneficial impact of mitoNEET in PVAT to reduce cardiovascular diseases.
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Suppl. Figure I. Pgc1-associated genes and mitoNEET levels in different organs. (A) mRNA levels Ckb, MacroD1, Fabp3, Idh2, and Klf2 in PVAT of Pgc1α KO and Pgc1β KO mice. The relative mRNA level of each gene was normalized by 18S, respectively. Data shown are mean ± SD. n = 5 mice/group. (B) Representative blot shows mitoNEET protein levels in PVAT, BAT, gWAT, skeletal muscle, heart and brain in 10-week old C57BL/6J mice which were housed at 22°C or 4°C for 24 h. Quantification of mitoNEET levels in each tissue, normalized by β-actin. mitoNEET level in each tissue at 22°C was set as 100%. Quantification for PVAT, BAT, and WAT was calculated from two independent blots, and muscle, heart and brain were from one blot. Data shown as mean ± S.E.M.

Suppl. Figure II. Brown adipocyte-specific mitoNEET overexpression mice. (A) Representative blot showing mitoNEET protein levels in adipose tissues in 10-week old wild type and mitoNEET-Tg mice. (B) Representative H.E. staining showing morphology of subcutaneous and gonadal BAT in 10-week old wild type and mitoNEET-Tg mice. Magnification bar = 20 μm.

Suppl. Figure III. Increased in thermogenesis-related genes in gWAT and PVAT of mitoNEET-Tg mice. (A) MitoNEET-Tg mice were housed at 16°C for 1-week. RT-PCR was used to determine the mRNA levels (relative to 18S) of thermogenesis-related genes in gonadal WAT. Data shown as mean ± SD. n = 6 mice/group. (B) MitoNEET-Tg mice from line #27 were housed at 16°C for 1-week. RT-PCR was used to determine the mRNA levels (relative to 18S) of thermogenesis-related genes in PVAT. Data shown as mean ± SD. n = 6 mice/group.
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Research into the physiology and evolution of perivascular adipose tissue was delayed until the 1990s because the subtle influence of anatomical illustrations misled biologists.

Leonardo da Vinci's magnificent drawings, based on dissections of up to 300 human and animal cadavers, started a fashion for gross anatomy as fine art (Kemp, 2010). The many hitherto unknown details thus displayed were admired by sixteenth century cognoscenti throughout Western Europe. They presented anatomy as functional, orderly, and rational, in keeping with Renaissance values, but did not include adipose tissue around vessels or muscles (Figure 1A). Thirty years later, Vesalius studied the internal anatomy, particularly vascular systems (Vesalius, 1543), of mostly young, mostly male criminals, many executed after a period of imprisonment or other deprivation. Such subjects were probably lean, perhaps emaciated, so it is easy to understand why the spectacular and, in most respects, impressively accurate illustrations of his research followed da Vinci's habit of omitting adipose tissue (Figure 1B), promoting artistic clarity over biological accuracy.


[image: image]

FIGURE 1. “White” adipose tissue: omitted from human forearm by (A) Leonardo da Vinci, c. 1510, (B) Vesalius 1543, (C) anatomy table; depicted in details from (D) woman's thigh in Plate VI, van Riemsdyk (Hunter, 1774), (E) man's arm in The Anatomy Lesson of Dr. Nicolaes Tulp, Rembrandt 1632, (F) pork in The Four Elements: Fire, Beuckelaer 1570. (G) prosection showing dog popliteal lymphatics and blood vessels (Royal College of Surgeons, $C19th).



A century after Vesalius, professional anatomists habitually improved the clarity of drawings and models by showing “important structures” dissected “free” from associated tissues. Ever more ingenious and expensive forms of anatomical illustration were developed for the amusement and erudition of wealthy intellectuals, including wooden boards to which preserved human veins, arteries, and nerves were affixed in their natural configuration (Figure 1C). By the seventeenth century, such anatomy tables were not only studied by scientists and physicians but became fashionable as curiosities (Kemp, 2010), especially in Italy. The diarist, traveler and gardener John Evelyn purchased a set in 1646 from Padua University dissectors, and brought them to London, where they were held privately for 150 years before being donated to a medical institution.

The production and display of anatomy tables had little impact on practical surgery (Kemp, 2010), which was still mainly a skill acquired through apprenticeship and experience with only a smattering of formal education. Much of the information they conveyed was irrelevant to their work that was, until anesthetics and antiseptics were invented two centuries later, mostly on limbs and superficial tissues. Opening the trunk was too dangerous, so surgeons were not concerned with the thoracic and abdominal vessels that were the most challenging to prepare and thus most impressive to artists and intellectuals.

While such anatomical illustration prevailed, a young painter struggling to gain status in Amsterdam's competitive art market depicted the tissues of the human arm as they really are (Figure 1E). In Rembrandt's 1,632 masterpiece, the “white” adipose tissue is yellow, as it always is in people (and other terrestrial vertebrates) whose diet is rich in carotenes, non-digestible plant pigments abundant in buttercup, dandelion etc. The color indicates that Adriaen Adriaenszoon's criminal career had been lucrative enough to provide plenty of carotene-rich beef, butter, and eggs, and that incarceration on a prison diet of bread and herring heads had not lasted long enough for significant depletion of his storage lipids. That artistic observation triumphed over contemporary conventions to produce a lesson in anatomical accuracy is sobering for all physicians and scientists.

Another century of advances in science and artistic realism are evident in the gynecological illustrations created by Jan van Riemsdyk for the Scottish physician and researcher, Hunter (1774). They were less coy about showing superficial and even intermuscular adipose tissue (Figure 1D) in the abdomen and thighs of their young female subjects, in whom these depots are always present, sometimes massive, but not on vessels.

Although adipose tissue on animal carcasses featured widely, and accurately, in paintings from the sixteenth century onwards (Figure 1F), human and comparative anatomists still regarded it as too inconsistent and inconsequential to be worthy of topographic, functional or evolutionary study. It was always dissected off vessels and lymph nodes in pickled prosections (Figure 1G). Illustrations in all editions of Grey's Anatomy from 1858 until the 1970s omit adipose tissue, though its presence is sometimes mentioned briefly in the text [Grey, 1901 (reprinted 1974)]. The artist and comparative anatomist Edwin Goodrich excluded it entirely from all his precise, detailed drawings (Goodrich, 1930). Even the modern popular presenter of anatomy, Gunther von Hagens, dissects off all adipose tissue before plastination.

These illustrators' intentions were reasonable: perivascular adipose tissue obscures anatomists' view of the vasculature. But its absence subliminally suggests that the heart, blood, and lymph vessels should be neatly sheathed in “tunics” not clad in “adventitious” adipose tissue that is at best irrelevant to vascular function, perhaps aberrant or detrimental. Microscopy using histological procedures that dissolve lipids, leaving “empty” adipocytes, further promoted the concept of “walls” around all but the smallest blood vessels and implied that all adipocytes are similar, without site-specific properties or interactions with contiguous tissues.

By the 1990s, the biochemical diversity of mammalian adipose tissues was recognized, including endocrine signaling, cytokine synthesis and reception, thermogenesis, fatty acid sorting as well as lipid storage (Pond, 2017). Studies of lymph nodes in neonatal guinea-pigs (Gyllensten, 1950) noted that they attach firmly to the surrounding adipose tissue early in development, but functional interpretation of adipocytes' anatomical relations was delayed until paracrine interactions with blood vessels (Soltis and Cassis, 1991) and lymph nodes (Pond and Mattacks, 1995, 1998) and vessels (Dixon, 2010) were demonstrated.

Paracrine interactions and diverse site-specific properties of adipose tissue were an important evolutionary advance that appeared early in mammalian evolution (Pond, 2003), facilitating the integration of competing metabolic demands of exercise, thermogenesis, efficient digestive and immune systems, and lactation (Pond, 2017). By explaining the molecular mechanisms involved, this Frontiers Research Topic should remedy the anatomists' oversight.

AUTHOR CONTRIBUTIONS

The author confirms being the sole contributor of this work and approved it for publication.

REFERENCES

 Dixon, J. B. (2010). Lymphatic lipid transport: sewer or subway. Trends Endocrinol. Metab. 21, 480–487. doi: 10.1016/j.tem.2010.04.003

 Goodrich, E. S. (1930). Studies on the Structure and Development of Vertebrates. London: Macmillan.

 Grey, H. (1901 reprinted 1974). Anatomy, Descriptive and Surgical. Philadelphia, PA: Running Press.

 Gyllensten, L. (1950). The postnatal histogenesis of the lymphatic system of guinea-pigs. Acta Anat. 10, 130–160. doi: 10.1159/000140458

 Hunter, W. (1774). Anatomia Humani Gravidi Uteri (Anatomy of the Human Gravid Uterus Exhibited in Figures). Birmingham: John Baskerville.

 Kemp, M. (2010). Style and non-style in anatomical illustration: from renaissance humanism to Henry Gray. J. Anat. 216, 192–208. doi: 10.1111/j.1469-7580.2009.01181.x

 Pond, C. M. (2003). Paracrine interactions of mammalian adipose tissue. J. Exp. Zool. 295A, 99–110. doi: 10.1002/jez.a.10215

 Pond, C. M. (2017). “The evolution of mammalian adipose tissues,” in Adipose Tissue Biology, ed M. E. Symonds (New York, NY; Heidelberg: Springer Science) 1–59.

 Pond, C. M., and Mattacks, C. A. (1995). Interactions between adipose tissue around lymph nodes and lymphoid cells in vitro. J. Lipid Res. 36, 2219–2231.

 Pond, C. M., and Mattacks, C. A. (1998). In vivo evidence for the involvement of the adipose tissue surrounding lymph nodes in immune responses. Immunol. Lett. 63, 159–167. doi: 10.1016/S0165-2478(98)00074-1

 Soltis, E. E., and Cassis, L. A. (1991). Influence of perivascular adipose tissue on rat aortic smooth muscle responsiveness. Clin. Exp. Hypertens. A 13, 277–296. doi: 10.3109/10641969109042063

 Vesalius, A. (1543). De Humani Corporis Fabrica Libri Septem (On the Fabric of the Human Body in Seven Books). Padua: School of Medicine.

Conflict of Interest Statement: The author declares that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2017 Pond. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) or licensor are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.







	
	REVIEW
published: 28 November 2017
doi: 10.3389/fphys.2017.00969





[image: image2]

The Role of Perivascular Adipose Tissue in Non-atherosclerotic Vascular Disease


Tetsuo Horimatsu, Ha Won Kim and Neal L. Weintraub*


Division of Cardiology, Department of Medicine, Vascular Biology Center, Medical College of Georgia at Augusta University, Augusta, GA, United States

Edited by:
Luis A. Martinez-Lemus, University of Missouri, United States

Reviewed by:
Jaume Padilla, University of Missouri, United States
 Anthony Michael Heagerty, University of Manchester, United Kingdom

* Correspondence: Neal L. Weintraub, nweintraub@augusta.edu

Specialty section: This article was submitted to Vascular Physiology, a section of the journal Frontiers in Physiology

Received: 27 September 2017
 Accepted: 14 November 2017
 Published: 28 November 2017

Citation: Horimatsu T, Kim HW and Weintraub NL (2017) The Role of Perivascular Adipose Tissue in Non-atherosclerotic Vascular Disease. Front. Physiol. 8:969. doi: 10.3389/fphys.2017.00969



Perivascular adipose tissue (PVAT) surrounds most large blood vessels and plays an important role in vascular homeostasis. PVAT releases various chemokines and adipocytokines, functioning in an endocrine and paracrine manner to regulate vascular signaling and inflammation. Mounting evidence suggests that PVAT plays an important role in atherosclerosis and hypertension; however, the role of PVAT in non-atherosclerotic vascular diseases, including neointimal formation, aortic aneurysm, arterial stiffness and vasculitis, has received far less attention. Increasing evidence suggests that PVAT responds to mechanical endovascular injury and regulates the subsequent formation of neointima via factors that promote smooth muscle cell growth, adventitial inflammation and neovascularization. Circumstantial evidence also links PVAT to the pathogenesis of aortic aneurysms and vasculitic syndromes, such as Takayasu's arteritis, where infiltration and migration of inflammatory cells from PVAT into the vascular wall may play a contributory role. Moreover, in obesity, PVAT has been implicated to promote stiffness of elastic arteries via the production of reactive oxygen species. This review will discuss the growing body of data and mechanisms linking PVAT to the pathogenesis of non-atherosclerotic vascular diseases in experimental animal models and in humans.
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KEY CONCEPTS

• Accumulating data suggest that PVAT plays an important role not only in atherosclerosis and hypertension, but also in non-atherosclerotic vascular diseases.

• Phenotypic changes in PVAT after vascular injury promote release of adipocytokines that can regulate inflammation, VSMC proliferation and neovascularization, thereby contributing to neointimal formation.

• Phenotypic changes in PVAT in response to high fat diet or smoking may promote vascular inflammation, ROS production, VSMC phenotype switching and matrix degradation to augment AAA formation.

• Inflamed PVAT is associated with arterial stiffness and vasculitis; however, direct evidence of a pathologic role of PVAT is lacking.

• Much of the available data linking PVAT to non-atherosclerotic vascular diseases is associative rather than direct in nature due to the challenges in developing specific experimental models to test the impact of PVAT on these disease states.

INTRODUCTION

Perivascular (PV) adipose tissue (PVAT) surrounds most large blood vessels except the cerebral vasculature, juxtaposed to the vascular adventitia and devoid of an anatomical barrier. The absence of an anatomic barrier suggests that mediators such as adipokines and cytokines released from PVAT can readily gain access into the blood vessel wall. Traditionally, PVAT had been thought to simply provide structural support for blood vessels; however, over the past two decades, it has become recognized as a physiologically and metabolically active endocrine tissue with important effects on vascular function and disease (Verhagen and Visseren, 2011; Fitzgibbons and Czech, 2014).

The bulk of adipose tissue present in adult animals is white adipose tissue (WAT) contained in visceral and subcutaneous depots, which is designed for energy storage and mobilization. By contrast, depending on the anatomic location, PVAT exhibits features of both white and brown adipose tissue (BAT), the latter of which is specialized for thermogenic energy expenditure (Brown et al., 2014). Mature adipocytes within visceral and subcutaneous adipose depots are thought to originate from precursor cells with distinct embryologic lineages (Tchkonia et al., 2007), and PV adipocytes may be distinct from other adipocytes by virture of their putative origin from vascular smooth muscle cell (VSMC) progenitors (Cai et al., 2011; Chang et al., 2012). Although adult human coronary PVAT exhibits the morphology of WAT, the PV adipocytes contained in this depot are more heterogeneous in shape and smaller in size and exhibit a reduced state of adipogenic differentiation as compared with adipocytes residing in subcutaneous and perirenal adipose depots derived from the same subjects (Chatterjee et al., 2009). Like other adipose tissues, human coronary PVAT secretes both pro-inflammatory and anti-inflammatory adipocytokines and chemokines; however, the balance is strongly shifted toward inflammation via elevated secretion of cytokines such as interleukin (IL)-6, IL-8, and in particular, monocyte chemoattractant protein (MCP)-1, concomitant with reduced secretion of anti-inflammatory adiponectin (Chatterjee et al., 2009). In rodents, the gene expression profile of thoracic aortic PVAT is similar to that of BAT (Fitzgibbons et al., 2011; Padilla et al., 2013), while PVAT surrounding the abdominal aorta contains a mixture of WAT and BAT; in contrast, mesenteric, carotid, and femoral PVAT exhibit a purely WAT phenotype. These findings suggest that PVAT exhibits considerable phenotypic heterogeneity depending on its anatomic location.

Given these unique features of PV adipocytes and PVAT, there is great interest in understanding their role in vascular function and disease. In animal models, PVAT has been reported to possess both protective and detrimental effects on vascular function, depending on the experimental model and associated pathological states such as obesity and metabolic disease, which impact the production and/or bioactivity of vasoactive factors and inflammatory mediators. Mounting evidence also suggests that dysfunctional PVAT plays an important role in atherosclerosis and hypertension, in part by promoting insulin resistance and metabolic disease (Eringa et al., 2007). On the other hand, the brown-like function of PVAT can elicit favorable metabolic effects associated with non-shivering thermogenesis and combustion of fatty acids to ameliorate atherosclerosis (Chang et al., 2012). Recent emerging data suggest that PVAT may also modulate non-atherosclerotic vascular diseases, including neointimal formation, aortic aneurysm, arterial stiffness and vasculitis. It is important to point out that much of the available data in non-atherosclerotic diseases is associative rather than direct in nature due to the challenges in developing specific experimental models to test the impact of PVAT on these disease states. This article will review the available evidence and putative mechanisms linking PVAT and non-atherosclerotic vascular diseases.

PVAT AND NEOINTIMAL FORMATION

Pathogenesis of Neointimal Formation

Neointimal formation is initiated by mechanical injury to the arterial endothelium, followed by local inflammatory cell recruitment, production of chemokines and growth factors that promote migration of VSMCs and adventitial fibroblasts into the intimal layer, and neovascularization (Goel et al., 2012). VSMCs robustly proliferate in the intima and deposit extracellular matrix, in a process analogous to scar formation. PVAT releases a variety of adipokines and cytokines that potentially can regulate multiple steps of neointimal formation. In lean mice, adiponectin produced by PVAT exerts anti-inflammatory effects to attenuate neointimal formation (Matsuda et al., 2002). In contrast, Wang et al. reported that visfatin, a PVAT-produced adipocytokine with important effects on glucose metabolism, stimulates VSMC proliferation (Wang et al., 2009). Leptin is an adipocyte-derived hormone with pro-inflammatory effects whose expression in PVAT is increased in obesity. Using an adenoviral vector, Schroeter et al. locally overexpressed leptin in the carotid artery after vascular injury and detected a significant increase in luminal stenosis and the intima-to-media ratio (serum leptin levels were similar among the groups) (Schroeter et al., 2013). The investigators further demonstrated that recombinant human leptin significantly increased VSMC proliferation in vitro, suggesting that PVAT could promote neointimal formation through local leptin production. PVAT-derived leptin was also associated with VSMC phenotypic switching to a synthetic phenotype via activation of the p38 mitogen-activated protein kinase (MAPK) signaling pathway (Shin et al., 2005; Li et al., 2014). Like leptin, expression of the pro-inflammatory chemokine MCP-1 is upregulated in PVAT in obesity, and MCP-1 also promotes VSMC proliferation (Aiello et al., 1999). The role of MCP-1 released from PVAT in neointimal formation will be discussed in depth in section Experimental Evidence Demonstrating That PVAT Can Modulate Neointimal Formation.

Endothelial dysfunction is associated with reduced nitric oxide (NO) production through impaired endothelial NO synthase (eNOS) activity, and eNOS gene deletion promoted inward vascular remodeling and enhanced neointimal formation after external carotid artery ligation (Rudic et al., 1998). Furthermore, eNOS deletion induced the expression of stromal cell-derived factor-1α, which plays an important role in recruitment of VSMC progenitor cells into the neointima (Zhang et al., 2006). PVAT was reported to induce endothelial dysfunction via protein kinase C-β dependent phosphorylation and inactivation of eNOS (Payne et al., 2009). PVAT also may inhibit endothelial NO production through increased expression of caveolin-1, which negatively regulates eNOS via interruption of calcium/calmodulin signaling (Lee et al., 2014). These data suggest that PVAT can promote endothelial dysfunction by impaired NO signaling, thus contributing to neointimal formation.

Adventitial fibroblasts and myofibroblasts directly migrate into the arterial neointima after endovascular injury. Ruan et al. investigated the role of PVAT-derived factors in the regulation of adventitial fibroblast activation and demonstrated that PVAT-derived complement 3 is required for adventitial fibroblast migration and adventitial remodeling in deoxycorticosterone acetate-salt hypertensive rats (Ruan et al., 2010). This suggests an important role of PVAT in promoting fibroblast activation and migration during neointimal formation.

Adventitial neovascularization is associated with vascular restenosis after balloon arterial injury. These neovessels can serve as conduits for inflammatory cell trafficking into the injured blood vessel, and rupture of the neovessels can potentially promote intraplaque hemorrhage leading to acute vascular occlusion (Chen et al., 2016). Human coronary PV adipocytes were demonstrated to secrete higher levels of biologically active pro-angiogenic factors than subcutaneous adipocytes, suggesting a potential role in regulating neovascularization following vascular injury (Chatterjee et al., 2013). Indeed, PV transplantation of epididymal adipose tissue to the ligated carotid artery in mice resulted in a 3 fold increase in vasa vasorum density, implying a potential role for PVAT in promoting plaque neovascularization (Tanaka et al., 2015). In humans, the release of pro-angiogenic vascular endothelial growth factor (VEGF) from PVAT of type 2 diabetics was significantly higher than that from PVAT of non-diabetic subjects or from subcutaneous adipose tissue of diabetics (Schlich et al., 2013). Moreover, conditioned medium from PVAT of type 2 diabetic patients induced potent effects on VSMC proliferation, suggesting that dysfunctional PVAT could play an important role in promoting both neovascularization and vascular restenosis in diabetic patients.

Effects of Mechanical Injury on PVAT

While endovascular injury originates in the endothelium, its impact is felt throughout the blood vessel wall, including the adventitia and PV adipocytes. Indeed, mechanical arterial injury induces histological and phenotypic changes locally in PVAT surrounding the injured artery (Okamoto et al., 2001; Rajsheker et al., 2010; Takaoka et al., 2010). Inflammatory leukocytes were detected in PVAT just 1 day after balloon injury in pig coronary arteries, and mRNA expression of vascular cell adhesion molecule (VCAM)-1 was increased in PVAT at 3 days after injury (Okamoto et al., 2001). In the rat wire injury model, F4/80-positive macrophages and CD3-positive T cells were observed to accumulate in PVAT after endovascular injury. In addition, MCP-1 and IL-6 were upregulated in PVAT 1 day after endovascular injury, which was attenuated in tumor necrosis factor (TNF)-α knockout mice (Takaoka et al., 2010), suggesting that mechanical vascular injury is associated with activation of discreet inflammatory pathways in PVAT.

Interestingly, inflammatory changes in PVAT in humans may be detectable using computerized tomography (CT) imaging (Antonopoulos et al., 2017). In this study, the authors demonstrated that the degree of coronary PVAT inflammation correlated with the fat attenuation index (FAI), reflecting changes in the balance between lipid and aqueous phase due to alterations in adipocyte size and lipid content. FAI in PVAT distinguished vulnerable atheromatous plaques causing acute myocardial infarction from stable or previously stented plaques. These findings suggest that biological and phenotypic characteristics of PVAT can change dynamically in response to spontaneous lesion destabilization and mechanical injury. Moreover, PV FAI may be a promising noninvasive method to dynamically monitor vascular inflammation and the extent of underlying vascular disease.

Caveats Associated with Experimental Models Employed to Test the Role of PVAT in Neointimal Formation

To test the role of PVAT in vascular disease, animal models that spontaneously lack PVAT merit consideration, including the A-ZIP/F-1 mouse, the FATATTAC mouse, and the SMPG knockout mouse (Moitra et al., 1998; Pajvani et al., 2005; Chang et al., 2012). Amongst these models, only the SMPG knockout mouse (generated by breeding PPARγ-floxed mice with SM22α-Cre mice) is selectively devoid of PVAT rather than generally lipodystrophic. However, loss of PPARγ expression in VSMCs in these mice may complicate the vascular phenotype (Chang et al., 2012). Surgical models involving removal of endogenous PVAT and/or transplantation of adipose tissue to the arterial wall have also been developed (Takaoka et al., 2009; Öhman et al., 2011; Tian et al., 2013). However, these surgical models pose major technical challenges given the minute size of this adipose depot in mice, the potential for non-specific arterial injury, and/or confounding systemic metabolic effects if a large enough quantity of fat is transplanted. Moreover, most studies have transplanted subcutaneous or epididymal fat, which differs phenotypically from PVAT, to the vascular wall (Takaoka et al., 2009; Öhman et al., 2011; Tian et al., 2013). These technical and methodological nuances must be carefully considered when drawing conclusions from experimental studies probing the role of PVAT in neointimal hyperplasia and other vascular diseases.

Experimental Evidence Demonstrating That PVAT Can Modulate Neointimal Formation

The impact of adipose tissue removal and transplantation on neointimal formation has been examined in experimental animal models using either PVAT (directly) or subcutaneous/visceral adipose tissue (indirectly). Takaoka et al. investigated the impact of diet-induced obesity on inflammatory responses in PVAT and its subsequent role in the development of neointimal formation (Takaoka et al., 2009). The investigators performed femoral wire injury in mice in the presence or absence of endogenous PVAT. Then, 10 mg of visceral (epididymal) or subcutaneous fat tissue was harvested from wild-type mice fed a chow diet or high fat/high sucrose diet and transplanted around the wire-injured femoral artery. Notably, removal of PVAT enhanced neointimal formation after vascular wire injury, which was attenuated by transplantation of subcutaneous adipose tissue from mice fed a normal chow diet. Transplanting subcutaneous adipose tissue from adiponectin-deficient mice significantly enhanced lesion formation, which was abrogated by local application of recombinant adiponectin to the periadventitial area (Matsuda et al., 2002). In contrast, transplanting epididymal fat, or subcutaneous fat from mice fed a high fat/high sucrose diet, failed to attenuate neointimal formation. These data suggest that periadventitial fat can protect against neointimal formation after angioplasty under physiological conditions through production of adiponectin; the extent to which surgical manipulation vs. removal of PVAT per se augmented wire injury, however, is unclear.

Tian et al. reported that PVAT-derived angiopoietin-like protein (Angptl) 2, an adipose tissue-derived pro-inflammatory factor, augments neointimal formation after endovascular injury (Tian et al., 2013). In this study, 10 mg of epididymal adipose tissue was harvested from Angptl2 knockout mice or wild-type mice and transplanted around the wire-injured femoral arteries (note that the expression of Angptl2 in visceral adipose tissue was reportedly comparable with that in PVAT surrounding the femoral artery). Compared with transplantation of adipose tissue from wild-type mice, transplantation of adipose tissue from Angptl2-deficient mice led to decreased neointimal formation following endovascular injury. Expression of TNF-α and IL-1β in adipose tissue from Angptl2 knockout mice was significantly decreased, in conjunction with fewer accumulating macrophages. In addition, vascular matrix metalloproteinase (MMP)-2 activity was diminished by transplanting adipose tissue from Angptl2 knockout mice. Conversely, transplantation of visceral adipose tissue harvested from transgenic mice overexpressing Angptl2 aggravated neointimal formation in response to endovascular injury, in conjunction with increased inflammatory marker expression and MMP-2 activity. While these findings suggest that Angptl2 expression in transplanted PVAT promotes neointimal formation by augmenting adipose tissue inflammation and extracellular matrix degradation, the transplanted adipose tissues were subcutaneous or visceral in origin, and thus may not directly inform the role of PVAT.

Manka et al. provided direct evidence that PVAT contributes to the vascular response to wire injury, at least in part through an MCP-1-dependent mechanism (Manka et al., 2014). Transplanting PVAT (2-3 mg) from wild-type mice to the carotid artery (which is normally devoid of PVAT) exacerbated neointimal formation following wire injury. The transplanted PVAT augmented accumulation of VSMCs in the neointima and promoted adventitial inflammation and angiogenesis. Notably, transplantation of subcutaneous adipose tissue had no effect in this model. Interestingly, the enhanced neointimal formation and adventitial angiogenesis, but not the adventitial inflammation, were prevented by transplanting PVAT from MCP-1 knockout mice. These findings imply an important role for MCP-1 produced by PVAT in neointimal formation and suggest that molecular imaging of MCP-1 in PVAT could be a promising strategy to quantify the risk of restenosis following arterial injury. Moreover, therapeutically targeting MCP-1 in PVAT might be an effective strategy to prevent restenosis in selected patients.

Summary of the Role of PVAT in Neointimal Formation

PVAT can modulate numerous pathways linked to the pathogenesis of neointimal formation (Figure 1). Accumulating data suggest that phenotypic changes in PVAT occur soon after vascular injury, thereby leading to changes in expression and release of various inflammatory chemokines, cytokines and adipokines that can regulate inflammation, VSMC proliferation, neovascularization, etc. Experimental approaches employing PVAT removal and/or adipose tissue transplantation in vivo have been developed to directly or indirectly examine the role of PVAT in neointimal formation. The available data suggest that PVAT can either modulate or mediate neointimal formation, depending on the particular model and underlying metabolic state. However, the current experimental models are technically challenging and have limitations, so our understanding of the role of PVAT in regulating neointimal formation remains incomplete.
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FIGURE 1. Proposed mechanisms by which PVAT modulates pathways linked to the pathogenesis of neointimal formation. Vascular injury induces inflammation in PVAT, which produces adipocytokines such as MCP-1, IL-6, and VCAM-1 and fosters recruitment of inflammatory cells (i.e., macrophages, neutrophils, T cells) into the vascular adventitia. Release of adipocytokines and chemokines, such as leptin and visfatin, from inflamed PVAT enhances phenotype switching of VSMCs, which proliferate and migrate to the neointima. Moreover, PVAT-medicated Angptl2 elevates MMP-2, and MCP-1 expression. PVAT-derived complement 3 induces adventitial fibroblast migration to neointima. VEGF released from PVAT also contributes to adventitial neovascularization. MCP-1, monocyte chemoattractant protein-1; IL-6, interleukin-6; VCAM-1; vascular cell adhesion molecule-1; VEGF, vascular endothelial growth factor; MMP-2, matrix metalloprotenease-2; VSMC, vascular smooth muscle cell; Angptl2, angiopoietin-like protein 2; C3, complement 3.



PVAT AND AORTIC ANEURYSM

Pathogenesis of Abdominal Aortic Aneurysms (AAAs)

AAAs account for over 13,000 deaths annually in the United States and about 25,000 AAA repairs are performed each year (Thompson, 2002). Only ~25% of patients with aortic rupture survive to surgery, with an additional 50% mortality following surgery (Lederle et al., 2002). AAAs are characterized by localized structural deterioration of the aortic wall, leading to progressive aortic dilation and rupture. Key pathological features of AAAs include pronounced inflammatory cell infiltration, oxidative stress, MMP activation, and VSMC apoptosis and phenotype switching, which cumulatively lead to degradation of extracellular matrix, loss of structural integrity, and weakening of the aortic wall (Kuivaniemi et al., 2015). The inflammation in AAAs extends throughout the vessel wall to the adventitia, which has raised interest in the potential role of PVAT in AAA pathogenesis. Smoking, the most significant risk factor for AAAs (Vardulaki et al., 2000), has been shown to accentuate the pro-inflammatory status of PVAT by enhancing expression and activity of the P2X7R-inflammasome complex (Rossi et al., 2014). Wang et al. investigated the levels of inflammatory adipokines produced by PVAT-derived mature adipocytes cultured alone or under nicotine stimulation. Nicotine reduced adiponectin secretion while activating pro-inflammatory nuclear factor (NF)-kB and pro-inflammatory cytokine expression (Wang et al., 2016), further suggesting a link between smoking, PVAT inflammation and AAA pathogenesis.

MMP production by inflammatory cells and VSMCs is fundamental to the pathogenesis of AAAs (Busuttil et al., 1982; Brophy et al., 1991; Kuivaniemi et al., 2015). As mentioned previously, Angptl2 deficiency in transplanted PVAT was reported to attenuate vascular MMP-2 activity and extracellular matrix degradation (Tian et al., 2013). Kurobe et al. also demonstrated that MMP-2 expression in PVAT was significantly decreased by systemic treatment with eplerenone, a selective mineralocorticoid receptor antagonist, which concomitantly inhibited AAA formation (Kurobe et al., 2013). These studies suggest that PVAT-derived MMP-2 could potentially play a role in AAA pathogenesis or progression.

In healthy blood vessels, VSMCs are quiescent and exhibit a contractile or differentiated phenotype, characterized by high level expression of differentiation markers such as α-smooth muscle actin (SMA) and smooth muscle myosin heavy chain (SM-MHC). During pathogenic conditions, VSMCs exhibit phenotype switching, characterized by increased proliferation, decreased expression of differentiation markers, and dysregulated synthesis of extracellular matrix components. Phenotypic switching of VSMCs in the context of elastase-induced aortic aneurysms in rats was reported (Ailawadi et al., 2009; Mao et al., 2015). As mentioned previously, Li et al. showed that PVAT-derived leptin promotes VSMC phenotypic switching through the p38 MAPK-dependent pathway in rats with metabolic syndrome (Li et al., 2014), suggesting that the paracrine action of PVAT-derived adipokines could potentially regulate AAA pathogenesis by promoting VSMC phenotypic switching.

Anatomic and Biological Changes in PVAT Associated with AAA

Obesity is a risk factor for AAA (Cronin et al., 2013). Like other adipose depots, PVAT expands and becomes more pro-inflammatory during obesity. The quantity of PVAT around the thoracic and abdominal aorta, assessed by CT imaging, was reported to be positively associated with aneurysm diameter in the Framingham Heart Study (Thanassoulis et al., 2012), supporting the notion that local fat depots may contribute to aortic remodeling in human AAAs. Folkesson et al. studied the characteristics of PVAT adjacent to human AAAs in patients undergoing elective surgical repair (Folkesson et al., 2017). They demonstrated that AAAs are surrounded by abundant PVAT enriched in inflammatory cells (neutrophils, macrophages, mast cells, and T cells) and proteases (cathepsin K and S). Moreover, pro-inflammatory IL-6 expression was increased in PVAT by 4-fold as compared to intima/media of the AAA tissues. These data suggest that PVAT could contribute to inflammation in the adjacent aneurysmal aortic wall.

PVAT, like other adipose depots, is richly endowed with mesenchymal stem cells contained in the stromovascular fraction. Stem cells isolated from adipose tissues and implanted into experimentally-generated AAAs in pigs were demonstrated to stabilize the aneurysm, promote fibrosis, blunt inflammation, and induce elastin fiber regeneration (Riera del Moral et al., 2015). Whether the endogenous mesenchymal stem cells contained in PVAT could produce beneficial effects in AAAs is unknown and worthy of investigation. Nevertheless, this observation raises the possibility that PVAT could play a complex and multi-faceted role in modulating AAAs.

Experimental Evidence That PVAT Can Modulate AAAs

To elucidate the mechanisms of AAA formation, several animal models [i.e., chronic infusion of angiotensin II (AngII), local elastase infusion, and adventitial exposure of calcium chloride] are widely employed (Daugherty and Cassis, 1999; Chiou et al., 2001; Trachet et al., 2015) which exhibit features similar to human AAAs, including inflammatory cell infiltration, VSMC apoptosis and elastin fragmentation. Using the AngII model of AAA formation, Police et al. reported that PVAT surrounding the abdominal aorta exhibited increased numbers of F4/80 positive macrophages and expression of MCP-1 and its receptor, CCR2, as compared to that surrounding the thoracic aorta (Police et al., 2009). Co-localization of PVAT inflammation with AAAs in this model suggests a contributory role in AAA pathogenesis, although this was not directly tested in the study. Gao et al. (2012) reported that high fat diet feeding resulted in endothelial nitric oxide synthase (eNOS) uncoupling in PVAT in obese mice in conjunction with AAA formation, further suggesting a role for obesity-related PVAT dysfunction in the pathogenesis of AAAs.

The recruitment of monocytes to the adventitia, and their subsequent differentiation into CD14-expressing macrophages by IL-6, plays a critical role in aortic aneurysm pathogenesis (Tieu et al., 2009). Notably, soluble CD14 concentrations in plasma were higher in AAA patients compared with controls, and deletion of CD14 reduced AAA formation in mice, suggesting a causal role for this innate immune signaling molecule in AAA pathogenesis (Blomkalns et al., 2013). Moreover, incubation of THP-1 monocytic cells with conditioned medium from PVAT resulted in upregulated CD14 expression and enhanced migration, suggesting that PVAT-derived pro-inflammatory cytokines may promote adventitial macrophage activation in AAAs.

Reactive oxygen species (ROS) are associated with vascular wall remodeling in AAAs (Emeto et al., 2016; Siu et al., 2017). Endothelin (ET)-1 plays a role in vascular ROS production and inflammation, and increased levels of ET-1 are associated with the formation of AAAs (Treska et al., 1999; Flondell-Sité et al., 2010). Li et al. reported that 8 weeks of high fat diet feeding induced AAAs in hyperlipidemic mice overexpressing ET-1 selectively in endothelium (eET-1) as compared to control mice. Levels of ROS and inflammatory cells (monocyte/macrophages and CD4 positive T cells) accumulating in PVAT were significantly higher in eET-1 mice than in control mice, suggesting that ET-1-dependent induction of oxidative stress and inflammatory responses in PVAT might contribute to AAA formation (Li et al., 2013).

Sakaue et al. investigated the impact of deletion of the angiotensin II type 1a (AT1a) receptor in visceral adipose tissue transplanted to the abdominal aorta on AAA formation in hyperlipidemic mice (Sakaue et al., 2017). The authors transplanted 50 mg of visceral (epididymal) adipose tissue from wild-type or AT1a knockout mice fed a high fat diet to the peri-abdominal aorta of recipient mice, which were then infused with AngII. AAA formation was markedly attenuated in mice that were transplanted with adipose tissue lacking AT1a expression compared with control. Activities of MMP-2/MMP-9, and accumulation of F4/80-positive macrophages, were significantly lower than in mice transplanted with visceral adipose tissue from wild-type mice, suggesting that AT1a receptor expression in PVAT can promote macrophage accumulation and MMP activity leading to AAA formation. However, a sham control group was not included in the study, so it is not possible to determine whether adipose tissue transplantation alone modulated AAAs. Moreover, epididymal adipose tissue rather than authentic PVAT was transplanted; thus, further studies are needed to clarify the direct effects of PVAT transplantation on AAA formation. Based on the available data, the potential role of PVAT in AAAs is illustrated in Figure 2.
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FIGURE 2. Potential role of PVAT in the pathogenesis of AAA. High fat diet- or smoking-induced PVAT inflammation promotes infiltration of inflammatory cells (i.e., macrophages, neutrophils, T cells), which facilitates matrix fragmentation through increases in MMP expression and activity. Moreover, adipocytokines (i.e., leptin) produced by PVAT induce VSMC phenotype switching associated with aneurysm disease. Inflamed PVAT also increases inflammatory cytokines (i.e., IL-6) and ROS, which further contributes to oxidative stress and matrix degradation in the vascular wall. HFD, high fat diet; AngII, angiotensin II; AT1R, angiotensin II type 1a receptor; Angptl2, angiopoietin-like protein 2; MMP, matrix metalloprotenease; IL-6, interleukin-6; ROS, reactive oxygen species; VSMC, vascular smooth muscle cell.



PVAT AND ARTERIAL STIFFNESS

Arterial stiffness is an independent predictor of cardiovascular events, such as heart failure, myocardial infarction, stroke, and kidney dysfunction (Hashimoto and Ito, 2011, 2013; Karras et al., 2012; Kitzman et al., 2013). Increased risk of cardiovascular disease with aging and the metabolic syndrome is in part attributable to arterial stiffening, as assessed by aortic pulse wave velocity in the clinical setting. Aortic stiffness is predominately determined by the balance and cross-linking status of extracellular matrix proteins, such as collagen and elastin, in the arterial wall (Prockop and Kivirikko, 1995; Debelle and Tamburro, 1999). Collagen type 1 is a key load-bearing collagen isoform whose increased expression is positively associated with aortic stiffness. Conversely, expression of elastin, a protein that provides elasticity to arteries, is inversely associated with aortic stiffness. Data in humans indicate that aortic stiffness is positively correlated with the quantity of associated PVAT, independent of body-mass index (Britton et al., 2013).

Experimental studies have begun to elucidate potential mechanisms whereby PVAT may modulate vascular stiffness. IL-6 is a pro-inflammatory cytokine secreted in higher concentrations from PVAT compared with other fat depots, and PVAT-derived IL-6 is associated with an increase in aortic stiffness. In addition, IL-6 concentration is related to pulse wave velocity in humans (Schnabel et al., 2008). Du et al. investigated whether aortic PVAT from hyperlipidemic mice promotes aortic stiffness and remodeling via PVAT-derived IL-6 secretion (Du et al., 2015), assessing intrinsic mechanical stiffness in aortic segments in vivo by aortic pulse wave velocity and by ex vivo techniques. Compared to wild-type mice, the hyperlipidemic mice exhibited increased aortic pulse wave velocity and intrinsic mechanical stiffness that was associated with higher expression of collagen type 1 and advanced glycation end products. Importantly, IL-6 secretion from PVAT of hyperlipidemic mice exceeded that of wild-type mice, and the enhanced intrinsic mechanical stiffness was reversed by a neutralizing antibody to IL-6 in hyperlipidemic mice. These data suggest that dysfunctional PVAT can promote intrinsic mechanical stiffening and matrix remodeling via enhanced IL-6 secretion.

Deficiency of lysyl oxidase, a copper-dependent amine oxidase, promotes fragmentation of elastic fibers (Chen et al., 2013). Chen et al. reported that mediators released from PVAT attenuate lysyl oxidase activity, thereby promoting elastin fragmentation and aortic stiffening. Thus, PVAT accumulation potentially may impair elastic fiber stability via several mechanisms to contribute to aortic stiffness.

To investigate the modulatory role of PVAT in arterial stiffness, PVAT was transplanted from young mice (4–6 months), old mice (26–28 months), or old mice treated with tempol (a superoxide dismutase mimetic) onto the abdominal aorta of young recipient mice (Fleenor et al., 2014). Eight weeks post PVAT transplantation, the young recipient mice transplanted with PVAT from old mice had greater aortic stiffness in vivo (increased aortic pulse wave velocity) and ex vivo (intrinsic mechanical stiffness) compared with those transplanted with PVAT from young donors. The PVAT of old mice contained higher levels of superoxide as compared with that of young mice, and tempol both normalized superoxide levels and abolished the enhanced aortic stiffness caused by transplantation of aged PVAT. Mechanistically, transplantation of aged PVAT led to increased expression of adventitial collagen type 1, which was likewise normalized by tempol treatment. These findings suggest that oxidative stress in PVAT can promote age-related aortic stiffness via the increased expression of collagen type 1, which potentially can be abrogated by targeted antioxidant therapy to PVAT.

PVAT AND VASCULITIC SYNDROMES

Vasculitides represent a heterogeneous group of complex disorders characterized by acute and chronic inflammatory lesions of the vascular wall. As in both atherosclerosis and AAAs, macrophage infiltration is a critical component of vasculitides (Hansson and Hermansson, 2011), and is especially prominent in the adventitia. Granuloma formation is a typical finding in several vasculitides (Hilhorst et al., 2014). Lymphocytes and dendritic cells are enriched in these granulomas, which also contain neutrophils, eosinophils, and B cells. Infiltration of inflammatory cells within PVAT has also been demonstrated in vasculitic syndromes (Jakob et al., 1990; Wagner et al., 1996; Hollan et al., 2008). While several studies have demonstrated an association between PVAT and various vasculitides, direct evidence of a pathogenic role of PVAT is lacking, however.

Takayasu arteritis (TA) is a primary inflammatory disease of large elastic arteries such as the aorta and its major branches, with prominent accumulation of granulomas. TA is prevalent in young women and is more frequent in Asian countries compared to Europe and North America (Richards et al., 2010). The disease is characterized by an acute phase of constitutional symptoms followed by a vascular phase leading to arterial stenosis, occlusion and occasionally aneurysm formation. TA is diagnosed by typical clinical features and demonstrated narrowing of the aorta or its branches near their origin by conventional CT or CT angiography, magnetic resonance angiography, or ultrasonography (Choe et al., 2000; Gotway et al., 2005). Autopsy studies have described the inflammatory lesions as a nodular fibrosis that develops in the media and adventitia, extending into the vasa vasorum, along with intimal thickening (NASU, 1963; Hotchi, 1992; Matsunaga et al., 1998). Interestingly, TA patients have a greater prevalence of metabolic syndrome and higher levels of leptin and resistin, associated with upregulated inflammatory markers such as pentraxins-3 (Kawanami et al., 2004), compared to age-matched controls (Yilmaz et al., 2012; da Silva et al., 2013). Pentraxin-3 is considered to be a reliable activity marker of TA (Dagna et al., 2011). Lower levels of adiponectin were detected in TA patients with metabolic syndrome compared with those without metabolic syndrome. Given that the vessels afflicted with TA are highly endowed with PVAT, it is tempting to speculate that PVAT may contribute to local inflammation of the vascular wall in TA, but definitive evidence is lacking. Analysis of CT scans in patients with TA to quantify the FAI in PVAT could help to define its utility as a marker of PV inflammation and local disease activity in these patients.

CONCLUSIONS

A growing body of data support linkages between PVAT and non-atherosclerotic vascular diseases, including neointimal hyperplasia, aortic aneurysm, arterial stiffness, and vasculitic syndromes, in experimental animal models and in humans. These diseases are all associated with vascular wall inflammation that may be modulated by adipocytokines produced by PVAT. Moreover, mediators produced by PVAT can also regulate VSMC proliferation, matrix degradation, and neovascularization associated with these diseases. The extent to which PVAT is a mediator vs. a marker of non-atherosclerotic vascular disease, or even a promoter of vascular health, remains to be determined. The commonly employed animal models used to examine the role of PVAT in vascular diseases suffer from technical limitations and confounding variables that may complicate data interpretation. Development of more robust animal models is clearly needed to advance our understanding of the role of PVAT in non-atherosclerotic vascular diseases. Exciting new data in humans suggest that imaging PVAT may prove useful to uncover its potential role in vascular diseases and perhaps even to direct new therapeutic approaches.
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Adipose tissue surrounding major arteries (Perivascular adipose tissue or PVAT) has long been thought to exist to provide vessel support and insulation. Emerging evidence suggests that PVAT regulates artery physiology and pathology, such as, promoting atherosclerosis development through local production of inflammatory cytokines. Yet the immune subtypes in PVAT that regulate inflammation are poorly characterized. B cells have emerged as important immune cells in the regulation of visceral adipose tissue inflammation and atherosclerosis. B cell-mediated effects on atherosclerosis are subset-dependent with B-1 cells attenuating and B-2 cells aggravating atherosclerosis. While mechanisms whereby B-2 cells aggravate atherosclerosis are less clear, production of immunoglobulin type M (IgM) antibodies is thought to be a major mechanism whereby B-1 cells limit atherosclerosis development. B-1 cell-derived IgM to oxidation specific epitopes (OSE) on low density lipoproteins (LDL) blocks oxidized LDL-induced inflammatory cytokine production and foam cell formation. However, whether PVAT contains B-1 cells and whether atheroprotective IgM is produced in PVAT is unknown. Results of the present study provide clear evidence that the majority of B cells in and around the aorta are derived from PVAT. Interestingly, a large proportion of these B cells belong to the B-1 subset with the B-1/B-2 ratio being 10-fold higher in PVAT relative to spleen and bone marrow. Moreover, PVAT contains significantly greater numbers of IgM secreting cells than the aorta. ApoE−/− mice with B cell-specific knockout of the gene encoding the helix-loop-helix factor Id3, known to have attenuated diet-induced atherosclerosis, have increased numbers of B-1b cells and increased IgM secreting cells in PVAT relative to littermate controls. Immunostaining of PVAT on human coronary arteries identified fat associated lymphoid clusters (FALCs) harboring high numbers of B cells, and flow cytometry demonstrated the presence of T cells and B cells including B-1 cells. Taken together, these results provide evidence that murine and human PVAT harbor B-1 cells and suggest that local IgM production may serve to provide atheroprotection.
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INTRODUCTION

Atherosclerosis, a chronic inflammatory disease of arteries, is the major underlying cause of cardiovascular disease (CVD). Atherosclerosis develops when low density lipoprotein (LDL) enters the artery wall, becomes oxidized. Products of oxidized lipids are highly reactive and modify self-molecules, thereby generating structural neo-epitopes that are recognized by receptors of the immune system, including scavenger receptors on macrophages leading to foam cell formation. These neo-epitopes are termed oxidation specific epitopes (OSEs) and represent a common set of epitopes present on various oxidatively modified self-proteins and lipids (Chou et al., 2008; Miller et al., 2011). OSEs, including oxidized phospholipids (OxPLs) and malondialdehyde (MDA)-modified amino groups, have also been documented on the surface of apoptotic cells and microvesicles (Chang et al., 2004; Miller et al., 2011; Tsiantoulas et al., 2015). Oxidized LDL (OxLDL) and foam cells promote inflammatory cytokine production and endothelial cell adhesion molecule expression, leading to recruitment of inflammatory cells such as, monocytes, T cells, natural killer cells, natural killer T cells, and dendritic cells into the intima, fueling lesion formation (Hansson and Hermansson, 2011; Wigren et al., 2012; Binder et al., 2016).

B cells have emerged as important immune cells in the regulation of atherosclerosis. B cells regulate immune responses by secreting antibodies and cytokines (Srikakulapu and McNamara, 2017) and can be divided into B-1 and B-2 subtypes. B-2 cells are abundant in secondary lymphoid organs (SLOs), play a major role in adaptive immune responses and are thought to promote atherosclerosis. In contrast, B-1 cells, the major source for natural IgM secretion in the body (Corte-Real et al., 2009; Holodick et al., 2010; Choi et al., 2012), produce IgM to OSE on OxLDL and provide innate immune protection from diet-induced atherosclerosis in mice (Kyaw et al., 2011; Rosenfeld et al., 2015).

Obesity is an important risk factor for CVD. Notably, obesity-induced metabolic dysfunction in adipose tissue depots is linked to inflammation (Fuster et al., 2016). Macrophages infiltrate expanding adipose tissue in response to chemokines produced by adipose tissue in high fat diet-fed mice (Amano et al., 2014; Bai and Sun, 2015; Kaplan et al., 2015), and promote further inflammation through the production of inflammatory cytokines. B-1 and B-2 cells are also present in murine and human adipose tissues and have recently been found to produce immunoglobulins within viceral and subcutanoues adipose tissues, suggesting a mechanism whereby they may participate in regulation of adipose tissue inflammation (Winer et al., 2011; Harmon et al., 2016). B-1 cells in visceral adipose tissue attenuated high fat diet-induced macrophage production of inflammatory cytokines such as, tumor necrosis factor-alpha (TNFα) and monocyte chemoattractant protein-1 (MCP-1) (Harmon et al., 2016). We identified Inhibitor of differentiation-3 (Id3), a basic helix-loop-helix (bHLH) protein that inhibits E-proteins binding to DNA to regulate transcription as an inhibitor of B-1 cell number and IgM production in visceral adipose tissue (Harmon et al., 2016).

In addition to subcutaneous and visceral adipose tissue, adipose tissue surrounds major blood vessels and is called perivascular adipose tissue (PVAT). Historically, PVAT has been thought to function in blood vessel support. However, emerging literature support a role for PVAT in other biological processes such as, maintaining vasomotar tone (Nosalski and Guzik, 2017). Moreover, PVAT contains immune cells such as, macrophages, T cell subsets, NK cells, and dendritic cells (Guzik et al., 2007; Chan et al., 2012; Moore et al., 2015; Wensveen et al., 2015; Mikolajczyk et al., 2016), produces both pro-inflammatory and anti-inflammatory cytokines and has been shown to regulate atherosclerosis in mice (Gustafson, 2010; Rajsheker et al., 2010; Manka et al., 2014). Recently, Moro K et al, discovered lymphoid aggregates in the adipose tissue of normal healthy mice, termed fat associated lymphoid clusters (FALCs) (Moro et al., 2010). Recently, Newland SA et al, have shown the presence of FALCs in peri-aortic adipose tissue of 80 weeks old ApoE−/− mice and these FALCs harbored high numbers of B cells and T cells (Newland et al., 2017). Consistent with these murine findings, PVAT adjacent to human atherosclerotic arteries is more inflamed than PVAT adjacent to normal arteries (Henrichot et al., 2005). Yet, whether FALCs are available in human PVAT near coronary arteries is unknown. We hypothesized that B-1 cells are present in mouse and human PVAT and produce anti-inflammatory IgM in this depot. We further hypothesized that Id3 is an important regulatory factor for B-1 accumulation in PVAT.

In this study, we characterized B cell composition in murine and human PVAT. We provide the first evidence that PVAT contains the majority of artery-associated B cells at homeostasis and in response to Western diet (WD). Moreover, in comparison to other B cell niches, PVAT contains an enriched population of B-1 cell subsets that produce IgM to OSE. Furthermore, we identified Id3 as a critical transcription factor regulating PVAT B-1b cell number. Taken together with previous studies implicating B-1 cells in inhibiting inflammation and providing atheroprotection (Rosenfeld et al., 2015; Harmon et al., 2016), these results suggest that mechanisms to boost B-1b cell antibody production in the PVAT may have important therapeutic implications in early prevention of atherosclerosis.

MATERIALS AND METHODS

Animals

All animal protocols were approved by the Animal Care and Use Committee at the University of Virginia. Apolipoprotein E deficient (ApoE−/−) mice were purchased from Jackson Laboratory and maintained in our animal facility (University of Virginia). Id3fl/fl mice were a generous gift from Dr. Yuan Zhang (Duke University). CD19Cre/+ mice were provided by Timothy Bender (University of Virginia). Id3fl/fl mice were bred to the ApoE−/− line and then with CD19Cre/+ mice to develop B cell specific Id3 knockouts and littermate controls (ApoE−/−Id3WT: ApoE−/−.CD19+/+.Id3fl/fl and ApoE−/−Id3BKO: ApoE−/−.CD19Cre/+.Id3fl/fl) as previously described (Perry et al., 2013). All purchased mice were on C57BL/6J background and those bred were backcrossed to C57BL/6J mice for 10 generations. All mice were given water ad libitum and standard chow diet (Tekland, 7012). Mice were euthanized with CO2 inhalation. Young (8–10 weeks) male mice were used for all experiments except for atherosclerosis studies. For atherosclerosis studies, ApoE−/− mice were maintained on WD (42% fat, Tekland, 88137) for 12 weeks.

Human Samples

Patients were recruited through the Heart Transplantation Surgery Clinic at the University of Virginia. This study was carried out in accordance with the recommendations of the National Commission for the Protection of Human Subjects of Biomedical and Behavioral Research, Institutional Review Board for Health Sciences Research (IRB-HSR) at the University of Virginia with written informed consent from all subjects. All patients provided informed written consent prior to participation in this study. The protocol was approved by the IRB-HSR at the University of Virginia. Right coronary artery (RCA) and left anterior descending (LAD) artery and PVAT around RCA and LAD were collected from explanted heart. RCA and LAD arteries were collected for IHC experiments. The stromal vascular fraction was isolated from PVAT around coronary arteries, as described in detail below, for flow cytometry analysis. Peripheral blood mononuclear cells (PBMC) were additionally isolated from whole blood for flow cytometry experiments.

Flow Cytometry

Spleen and bone marrow (BM) cells were harvested and single cell suspensions were prepared as previously described (Srikakulapu et al., 2016). In brief, cell suspension from spleen was prepared using a 70 μm cell strainer and mashing spleen with a syringe plunger, and dissolved in FACS buffer. To isolate BM cells, femur and tibia were collected and flushed with FACS buffer. Spleen and BM samples were re-suspended in erythrocyte lysis buffer and washed. To harvest aorta and PVAT, first, para aortic lymph nodes were carefully removed and then aorta was carefully harvested without having any contamination of PVAT. Aorta and PVAT were collected into 5 ml FACS tubes separately, 2 ml of freshly prepared enzyme cocktail mixture [Collagenase I (450 U/ml) (Sigma), Collagenase XI (125 U/ml) (Sigma), Hyaluronidase I (60 U/ml) (Sigma), DNase (60 U/ml) (Sigma) in PBS with 20 mM HEPES] was added per sample. Samples were chopped into small pieces and then incubated in a shaking incubator at 37°C for 45 min to obtain single cell suspensions. Cells were blocked for Fc receptors by Fc block (CD16/32) for 10 min on ice, and were stained for cell surface markers using fluorescently conjugated antibodies for 30 min on ice. After washing and centrifugation, cells were stained with streptavidin—APC eFluor 780 for 15 min on ice. Cells were washed in PBS and stained with a fixable live/dead stain diluted in PBS for 15 min on ice and then fixed in 2% PFA in PBS for 10 min at room temperature prior to re-suspending in FACS buffer (PBS containing 1% BSA and 0.05% NaN3) or sorting buffer (PBS containing 1% BSA) for cell sorting experiments. Flow cytometry antibodies: CD45 (30-F11), CD19 (1D3), B220/CD45R (RA3-6B2), CD5 (53-7.3), CD43 (S7), IgD (11-26.2a), and IgM (II/41, R6-60.2) were purchased from eBioscience, BD Bioscience, and Biolegend. Live/Dead discrimination was determined by LIVE/DEAD fixable yellow staining (Invitrogen) or DAPI (Sigma-Aldrich). Flow cytometry for human PBMCs was performed as published before (Rosenfeld et al., 2015). Human fat (PVAT) was processed as published before (Zimmerlin et al., 2011). In brief, PVAT was placed in PBS supplemented with 5.5 mM glucose and 50 μg/ml gentamicin and processed immediately. One gram of PVAT was minced and digested in 3 ml digestion buffer [PBS + 1% BSA (Gemini) + 2.5 g/L Collagenase II (Worthington)] in a shaking incubator at 37°C for 15 min. After digestion, enzyme reaction was stopped by adding PBS containing 0.1% BSA and 1 mM EDTA. Stromal vascular fraction was then passed through 425 and 180 μm sieves (WS Tyler), and finally through 40 μm filter (BD Falcon). The remaining stromal vascular fraction was stained for flow cytometry. Flow cytometry antibodies: CD45 (2D1), CD20 (L27), CD3e (5KY), CD27 (M-T271), CD43 (84-3C1) were purchased from eBioscience and BD Bioscience. Cells were run on a CyAN ADP (Beckman Coulter) or sorted on an Influx Cell Sorter (Benton-Dickenson). Data were analyzed with FlowJo software (Tree Star inc). All gates were determined using fluorescence minus one (FMO) controls.

Enzyme-Linked Immunospot (ELISPOT) Assay

Single cell suspensions of aorta, PVAT, spleen and BM were prepared as described above in the flow cytometry section. ELISPOT was performed as previously described (Rosenfeld et al., 2015; Srikakulapu et al., 2016). Sterile MultiScreen IP-Plates (Millipore, MSIPS4510) were used for the assay according to manufacturer's protocol. Wells were coated with unlabeled goat anti-mouse IgM antibody (10 μg/ml; Southern Biotech) or malondialdehyde-modified low density lipoprotein (MDA-LDL) (10 μg/ml) and incubated overnight at 4°C. The following day, antibody solution was decanted, membrane was washed with PBS and then blocked with RPMI 1640+10% FCS for 2 h at 37°C. A suspension of 1 × 106 cells / ml was prepared in ice cold culture media for spleen and BM from which 250,000 cells were plated for each of the sample as starting concentration and then were serially diluted in subsequent wells. For aorta and PVAT samples, total sample resuspended in 250 μl culture media and were used as starting concentration from which serial dilutions in subsequent wells were prepared. The plate was incubated overnight at 37°C in a cell culture incubator (5% CO2). Cells were decanted, washed (PBS+0.01% tween-20) and incubated with biotin-labeled goat anti-mouse IgM antibody (1:500 dilution; Southern Biotech) for 2 h in a cell culture incubator. After washing, cells were incubated for 30 min at room temperature in streptavidin alkaline phosphatase (Abcam). Again following washing BCIP/NBT (Gene Tex Inc.) was added and incubated until spots became visible. Each spot on the membrane indicated an antibody secreting cell. Wells were imaged under a dissecting microscope (Zeiss) then spots were counted manually.

Enface Staining

Aortas were isolated as mentioned above in the flow cytometry section. Aortas were opened longitudinally, fixed in 4% formaldehyde, pinned, and stained with Sudan IV (Sigma). Aortas were imaged with a Nikon D70 DSLR camera.

Histology

Oil red O and Hematoxylin staining was performed as published before (Rosenfeld et al., 2015). Briefly, OCT blocks were prepared for aorta samples with PVAT and without PVAT, sectioned (5 μm) and stored at −80°C. At the time of staining, sections were fixed with 4% formalin for 5 min, 60% isopropanol for 5 min and then stained with Oilred O (O0625, Sigma) for 10 min. After staining, sections were washed briefly in tap water and stained with hematoxylin for 4 min. After washing, sections were mounted with aqueous Vecta mount (H-5501, Vector). Hematoxylin and eosin staining was performed in human coronary artery sections. First, slides were de-paraffinized and hydrated through two changes of xylene, 100, 95% ethanol, and one change of 70% ethanol by incubating slides for 5 min in each change. Slides were rinsed with two changes of distilled tap water and stained with Hematoxylin for 5 min. After rinsing, bluing was performed in Ammonia water. After rinsing, slides were incubated in 70% ethanol and stained with Eosin for 10 min. Slides were dehydrated through three changes of 100% ethanol, followed by two changes of Xylene, 5 min each. Slides were mounted with aqueous clear mounting media. Images were taken using Olympus Hi-Mag microscope.

Multiplex Immuno Histo Chemistry (IHC)

The Opal Multiplex Manual IHC Kit (PerkinElemer, Waltham, MA) was used to perform IHC staining. Tonsil and normal lymph node specimens were used as positive and negative staining controls. Single stained slides were also generated for use in spectral unmixing. Staining was performed according to the manufacturer's protocol; however, slides were allowed to cool for 30 min at room temperature post microwaving in Antigen Retrieval (AR) buffer. To facilitate continuation of staining, slides were stored overnight in AR buffer at 4°C. Staining sequence and antibodies: AR9—CD8 (dilution 1:500, Dako, Santa Clara, CA)—Opal540, AR6—CD20 (1:1000, Dako)—Opal520, AR6—PNAD (1:1000, BD Biosciences, Franklin Lakes, NJ)—Opal620 and AR6—DAPI for nuclear staining. Slides were mounted used Prolong diamond antifade (Life Technologies, Carlsbad, CA). Pictures were taken with Vectra microscope (PerkinElemer).

Statistics

Student's t-test was used for analyzing data with normal distribution and equal variance. For data sets with unequal variance, t-test with Welch's correction was used. Repeated measures one way ANOVA with Bonferroni's multiple comparison post-test was used to compare multiple groups. Results are displayed containing all replicated experiments, and values shown are mean ± SEM. Data were analyzed using Prism 5 (GraphPad Software, Inc).

RESULTS

PVAT Is the Predominant Source of Aortic-Associated B Lymphocytes

To determine the predominant location of aortic-associated B cells in atherosclerosis-prone mice at homeostasis, flow cytometry was performed in young ApoE−/− mice (8 weeks old) fed normal Chow diet. Aorta, from the arch to the iliac bifurcation was carefully dissected to retain the adventitia excluding PVAT. Oil-red O/ hematoxylin staining of aorta cross sections confirmed that the dissected aorta retained the adventitia but no PVAT (Figure 1A). Flow cytometry revealed greater numbers of CD19+ B cells, CD5+ T cells and double negative cells (DN: CD19− CD5−) in the PVAT compared to the aorta (Figure 1B). Lymphocytes (B and T) made up a greater percentage of the total leukocytes (CD45+) in the PVAT compared to the aorta. In contrast, DN cells made up a greater percentage of CD45+ cells in the aorta compared to the PVAT, although PVAT still contained large numbers of DN cells (Figure 1B). Next, to determine the effect of WD and atherosclerosis development on B and T cells in aorta and PVAT, 8 week old ApoE−/− mice were fed 12 weeks of WD and flow cytometry for B and T cells was performed. Sudan IV staining for atherosclerosis lesions in 8 and 20 weeks old mice confirmed atherosclerosis development in the ApoE−/− mice fed 12 weeks of WD but not in 8 week old Chow fed ApoE−/− mice (Figure 1C). The percentage of CD45+ cells that are B and T cells was significantly higher in the PVAT than in the aorta in both Chow fed and 12 weeks WD fed mice (Figure 1D).
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FIGURE 1. High numbers of B and T cells are harbored in perivascular adipose tissue (PVAT). (A) Aorta (without PVAT) of young ApoE−/− mice was carefully dissected, stained with OilRedO and Hematoxylin. Dotted line represents the border between smooth muscle cell (SMC) and adventitial layers. (B) CD19+ B cells, CD5+ T cells and CD5 and CD19 double negative (DN) non T and B cells were gated from total live CD45+ cells and these B, T and DN subsets were quantified in aorta and PVAT of 8–10 weeks old ApoE−/− mice fed normal Chow diet by flow cytometry. (C) Representative Sudan IV staining of aortas collected from Chow-fed ApoE−/− mice at 8 weeks and 20 weeks (maintained on Western diet (WD) for the last 12 weeks) of age. (D) Quantification of the percent of leukocytes (CD45+) in the aorta and PVAT of these 8 weeks (n = 7) and 20 weeks (n = 3) old ApoE−/− mice that were CD19+ B cells and CD5+ T cells. Results are mean ± SEM, unpaired student t-test was performed (**p < 0.01, ***p < 0.001).



B Cells Reside in Human Coronary Artery PVAT

To determine if human PVAT contains FALCs, coronary arteries from human hearts explanted at the time of heart transplantation were sectioned and stained with eosin and hematoxylin. Microscopic examination of these sections revealed that in addition to scattered lymphocytes throughout the PVAT, the PVAT also contained FALCs in the PVAT close to the diseased coronary artery (Figure 2A). Next, we performed multiplex IHC to determine what type of cells and structures are located in these FALCs. The majority of the immune cells in human FALCs were CD20+ B cells (Figure 2B). These FALCs also harbored few numbers of CD8+ T cells (Figure 2B), FoxP3+ regulatory T cells and proliferating Ki67+ cells (data not shown). In addition, FALCs in human coronary PVAT contained structures of PNAD+ high endothelial venules (HEV) (Figure 2B), which are important for lymphocyte recruitment into lymphoid tissues (Girard and Springer, 1995).
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FIGURE 2. Fat associated lymphoid clusters (FALCs) in human coronary artery PVAT. (A) Sections of diseased human coronary artery including PVAT (n = 1) were stained with hematoxylin and eosin. FALCs were identified in the PVAT adjacent to coronary artery. High magnification of FALCs (I and II) regions are indicated in dotted box. (B) Consecutive sections of hematoxylin stained slides were used for multiplex IHC staining (n = 1). CD20+ B cells, CD8+ T cells and PNAD+ high endothelial venules were observed in FALC. CD8+ T cells were marked with white arrows (merged lower left picture). DAPI stains for nuclear DNA.



To quantify immune cell subtypes in human coronary artery PVAT, a large segment of PVAT from the coronary arteries of human hearts explanted at the time of heart transplantation was harvested and analyzed by flow cytometry. Blood was analyzed as a comparator. Total CD20+ B cells, CD3+ T cells and DN (CD20− CD3−) non B and T cells were gated from total CD45+ live cells (Figure 3A). Results demonstrated that PVAT near coronary arteries contain B cells, T cells, and DN cells (Figures 3B–D). This finding is not due to blood contamination as the percentage of T cells is actually lower and the percentage of DN cells is higher in the WB (Figures 3C,D). Quantification of lymphocyte numbers (B and T cells) per gram of fat revealed equivalent numbers in PVAT from LAD and RCA (Figures 3E,F). In contrast to murine aortic PVAT that was dissected down to the region directly abutting the adventitia (Figures 1B,D), the majority of the lymphocytes in the human PVAT removed without care to include the peri-adventitial area where FALC are present were T cells (Figures 3C,F). B cells were also present and of these nearly 7–8% were B-1 cells (Figure 3G).
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FIGURE 3. B and T cells reside in human coronary artery PVAT. Coronary artery PVAT from human hearts (n = 6) explanted at the time of heart transplantation was analyzed by flow cytometry. (A) Gating strategy of B cells (CD20+), T cells (CD3+), and DN (CD45+ non B and T cells) in whole blood (WB), PVAT near LAD, and RCA for flow cytometry. Percentages of (B) B cells, (C) T cells, and (D) DN cells from total CD45+ cells were quantified in PVAT from the LAD and RCA, and WB as a comparator. Total number of (E) B cells and (F) T cells per gram adipose tissue was quantified. (G) Quantification of the percentage of B cells that were B-1 (CD20+ CD27+ CD43+). Results are mean ± SEM, unpaired student t-test was performed. Repeated measures one way ANOVA with Bonferroni's multiple comparison post-test was used to compare multiple groups (*P < 0.05, **P < 0.01).



B-1 Cells Are Enriched in PVAT and Secrete IgM Locally

We returned to our murine model where we are able to carefully dissect all the PVAT down to the adventitial interface (Figure 1A) to further subset the B cells in the aorta and PVAT and to determine if IgM can be locally produced. Aorta and PVAT were carefully separated and flow cytometry to identify B cell subtypes was performed. B-1 (CD19+ B220lo-mid) and B-2 (CD19+ B220hi) cells were confirmed based on surface expression of IgD and CD43 (Figure 4A). Significantly greater numbers of both B-1 and B-2 cells were present in PVAT compared to the aorta (Figure 4B). Notably, while B-2 cells are the predominant B cell subtype in the spleen and bone marrow (Srikakulapu and McNamara, 2017), there was a >10-fold higher B-1/B-2 ratio in PVAT compared to these lymphoid organs (Figure 4C). In mice, B-1 cells are divided into B-1a and B-1b based on surface expression of CD5 (Figure 4D). Flow cytometry revealed small numbers of B-1a and B-1b cells in the aorta. In contrast, significantly higher numbers of both subsets were present in the PVAT (Figure 4D). To determine whether these B cells are capable of antibody production in aorta and PVAT, ELISPOT experiments were performed. Very low numbers of IgM secreting cells were in aorta. In contrast, there were abundant IgM secreting cells in PVAT (Figure 4E).


[image: image]

FIGURE 4. IgM secreting B-1 cells reside in PVAT. (A) Gating strategy of B-1 (CD19+, B220lo-mid) and B2 (CD19+, B220hi) cells. B-1 (IgD− CD43+) and B-2 (IgD+ CD43−) cells were further confirmed based on surface expression of IgD and CD43. (B) Quantification of total numbers of B-1 and B-2 cells in the aorta and PVAT. (C) Comparative ratio of B-1 to B-2 cells in spleen, bone marrow (BM) and PVAT. (D) B-1a and B-1b cells were gated from total B-1 cells and absolute numbers were quantified in aorta and PVAT of young ApoE−/− mice. (E) IgM antibody production was measured by ELISPOT in aorta and PVAT of Chow diet fed young ApoE−/− mice (n = 7) (representative plate and quantitation). Results are mean ± SEM, unpaired student t-test was performed. Repeated measures one way ANOVA with Bonferroni's multiple comparison post-test was used to compare multiple groups (*p < 0.05, **p < 0.01).



B Cell Specific Id3 Deficiency Increases B-1b Cell Numbers and MDA-LDL Specific IgM Production in PVAT

Next, to determine the effect of B cell specific Id3 deficiency on B cells in PVAT, B cell subsets in PVAT of young (8–10 weeks) ApoE−/−Id3WT and ApoE−/−Id3BKO mice were quantified by flow cytometry. There was no difference in total B cell and B-2 cell numbers. However, there was a trending increase in number of B-1 cells as well as B-1/B-2 ratio in the PVAT of ApoE−/−Id3BKO mice compared to ApoE−/−Id3WT control mice (Figures 5A–C). Notably, while B-1a cell numbers trended to be lower, B-1b cells were significantly greater in PVAT of ApoE−/−Id3BKO mice compared to ApoE−/−Id3WT control group mice (Figure 5D). ELISPOT data demonstrated increased numbers of IgM secreting cells in the PVAT of ApoE−/−Id3BKO compared to ApoE−/−Id3WT mice (Figure 5E). To determine how much of this IgM recognized specific OSE, ELISPOT for MDA-LDL-specific IgM was performed in spleen, BM and PVAT of ApoE−/−Id3WT and ApoE−/−Id3BKO mice. Interestingly, there was a significantly higher percentage of MDA-LDL-specific IgM observed in the PVAT but not in spleen and BM of ApoE−/−Id3BKO mice compared to ApoE−/−Id3WT control mice (Figure 5F), suggesting that local MDA-LDL from the aorta or PVAT in the context of greater B-1b cell numbers may lead to enhanced production of MDA-LDL specific IgM.
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FIGURE 5. B-1b cells and IgM secreting B cells are increased in the PVAT of mice with B cell specific deletion of Id3 (ApoE−/−Id3BKO). Flow cytometry quantification in the PVAT of 8 weeks old ApoE−/−Id3WT (n = 11) and ApoE−/−Id3BKO (n = 12) mice for (A) total CD19+ B cells, (B) B-1 and B-2 cells, (C) B-1/B-2 ratio, (D) B-1a and B-1b cells, and (E) ELISPOT for total IgM secreting cells. (F) Percentage of malondialdehyde modified low density lipoprotein (MDA-LDL) specific IgM secreting cells in spleen, BM and PVAT of ApoE−/−Id3WT (n = 5) and ApoE−/−Id3BKO (n = 4–5) mice as measured by ELISPOT. Results are mean ± SEM, unpaired student t-test was performed (*p < 0.05, **p < 0.01).



DISCUSSION

PVAT inflammation promotes atherosclerosis in the underlying vessel through “outside-in” signaling (Brown et al., 2014; Omar et al., 2014; Konaniah et al., 2017). Adipocyte-derived MCP-1 (Manka et al., 2014) and low-density lipoprotein receptor-related protein-1 (Konaniah et al., 2017) are two of the factors that have been implicated in promoting PVAT inflammation. However, immune cell composition of the PVAT at homeostasis and in response to atherosclerosis and molecular mechanisms that regulate the proportion of pro- and anti-inflammatory immune cell subsets are poorly understood. Here, we provide the first evidence that the immune cell composition of the PVAT of young (8–10 weeks), Chow fed ApoE−/− mice is distinct from that of the aorta, with PVAT harboring higher numbers of leukocytes, notably B and T lymphocytes. In contrast, aorta primarily contains CD45+ non B and T cells at steady state. Previous studies have demonstrated that macrophages are abundant in the CD45+ non B and T cell compartment in the aorta of Chow fed ApoE−/− mice (Galkina et al., 2006). Recent studies report that resident macrophages (CD11b+F4/80+CD115+Lyve-1+) in the aorta are derived from yolk sac and fetal liver during development and these resident macrophages have self-renewal capacity and maintain tissue homeostasis in steady state. In response to inflammatory signals, inflammatory macrophages (CD11b+F4/80+CD115−Lyve-1−) from BM, are recruited into the aorta (Ensan et al., 2016). Consistent with this, WD fed ApoE−/− mice have a marked increase in activated macrophages in the aorta (Galkina et al., 2006). There is also an increase in B and T cells in the aorta of WD fed mice (Galkina et al., 2006). However, the predominance of lymphocytes in the PVAT compared to aorta persisted after WD (Figure 1D), suggesting that PVAT lymphocytes play key roles in both tissue homeostasis and in regulating inflammation due to lipid deposition in the artery wall. Whether lymphocytes in the aorta are recruited from the PVAT and whether lesion immune cell accumulation is regulated by lymphocytes in the PVAT remain important unanswered questions.

Notably, in contrast to the aorta, B cells outnumber T cells in PVAT of ApoE−/− mice. As such, defining B cell subsets in the PVAT may provide important insights into PVAT regulation of inflammation. B cells have been implicated in regulating visceral adipose tissue inflammation and its metabolic consequences. B-2 cells worsen insulin sensitivity through their production of IgG (Winer et al., 2011) while B-1 derived natural IgM and regulatory B cell (Bregs)-derived anti-inflammatory cytokine interleukin −10 (IL-10), attenuate adipose tissue inflammation, glucose intolerance, and improve metabolic syndrome in diet induced obese mice and humans (Nishimura et al., 2013; Harmon et al., 2016). Yet, B cell subset composition of PVAT is relatively unknown. In the present study, we provide the first evidence that, in contrast to other sites that harbor significant B cell accumulation (spleen and BM), the PVAT contains a significantly higher B-1/B-2 ratio suggesting that B cells in PVAT may have anti-inflammatory effects. Of these B-1 cells, there are equal numbers of B-1a and B-1b cells in the PVAT. Both of these B-1 subtypes have been shown to produce atheroprotective IgM and attenuate atherosclerosis in mice (Kyaw et al., 2011; Rosenfeld et al., 2015). Consistent with prior studies that B-1 cells are the predominant source of IgM (Corte-Real et al., 2009; Holodick et al., 2010; Choi et al., 2012), equivalent numbers of cultured B-1 cells from spleen, BM (sites considered to be the main source of B-1 cell-derived IgM) and PVAT produced substantially more IgM than B-2 cells from these same tissues (data not shown).

Previous studies have demonstrated that PVAT differs between species and anatomic location. In rodents, the thoracic aorta is predominantly surrounded by brown adipose tissue, whereas the abdominal aorta is surrounded by a mixture of white and brown adipose tissue (Brown et al., 2014). The expression of genes encoding inflammatory cytokines and infiltrated immune cell markers are greater in PVAT near abdominal aorta than thoracic aorta of rats (Padilla et al., 2013). In addition, our group has reported that radiolabeled splenic B cells, which are predominantly B-2 cells, adoptively transferred to B cell deficient mice were preferentially recruited into the aortic arch and abdominal aortic region. However, no/very low numbers of B cells were recruited into the thoracic aorta region (Doran et al., 2012). Altogether, these reports suggest that PVAT at different parts of the aorta have different immune cell compositions. Future studies are needed to provide more insights into aortic region-specific differences in immune cell composition of PVAT and its impact on region-specific aortic vascular diseases.

There may also be important differences between coronary and aortic PVAT as the adipocytes in these regions are thought to derive from unique embryologic origins and may differ metabolically (Aldiss et al., 2017). This is important as inflammation of the PVAT around coronary arteries has been linked to coronary artery disease pathophysiology. In humans, PVAT thickness around coronary arteries has been associated with coronary artery calcification, cardiovascular risk factors (de Vos et al., 2008), the degree of plaque burden (Iacobellis and Willens, 2009), and stenosis (Verhagen et al., 2012). The number of macrophages in PVAT has been related to the size and characteristics of the atherosclerotic plaque such as, lipid core, calcification, collagen, and smooth muscle cell content, and to the degree of plaque infiltration by macrophages and lymphocytes (Konishi et al., 2010; Verhagen et al., 2012). In addition, the PVAT near coronary arteries and epicardial adipose tissue has been reported to show high levels of inflammatory cytokines (Mazurek et al., 2003; Chatterjee et al., 2009) and infiltration of leukocytes (Konishi et al., 2010), particularly macrophages and T lymphocytes (Mazurek et al., 2003; Hirata et al., 2011). As such, strategies to modify PVAT inflammation may impact on underlying CVD. This underscores the importance of characterizing human coronary artery PVAT. Our findings demonstrated that, in contrast to our murine aortic findings, T cells outnumbered B cells in the human coronary PVAT analyzed by flow cytometry. Whether this was due to differences in coronary vs. aortic PVAT or murine vs. human PVAT was difficult for us to resolve directly as murine coronary PVAT yields insufficient cells for analysis by flow cytometry and we were unable to take aortic samples from our live subjects donating their explanted hearts at the time of heart transplantation for our human coronary PVAT analysis. Our IHC staining of the human coronary PVAT may provide one explanation to resolve this discrepancy. Consistent with our murine aorta flow cytometry, the predominant lymphocyte that aggregates in FALCs in close proximity to the coronary artery are B cells. It is notable that the PVAT used for the human flow cytometry was not as closely associated with the artery as the FALC. As such, while flow cytometry confirmed that B cells including B-1 were present in human PVAT, future studies utilizing flow cytometry will be needed to analyze the immune composition of human PVAT in close proximity compared to more distant to the coronary artery to help resolve this issue. In addition, further studies to understand site-specific effects of B-1 cells on PVAT inflammation are needed.

We had previously shown that B-1 cell-derived IgM inhibited inflammatory cytokine production by M1 macrophages in visceral adipose tissue and promoted insulin sensitivity in mice (Harmon et al., 2016). Furthermore, B-1 cells and IgM to oxidation-specific epitopes (OSE) on LDL were found in human omental adipose tissue and there was a correlation between omental production and plasma levels of IgM to OSE. Moreover, levels of IgM to OSE inversely correlated with plasma levels of the inflammatory cytokine MCP-1, suggesting that homeostatic immune mechanisms in adipose tissue may dampen both local and systemic inflammatory responses (Harmon et al., 2016). As plasma levels of IgM to OSE are inversely associated with coronary artery disease in humans (Tsimikas et al., 2007, 2012), further studies are needed to determine if PVAT B-1 cell production of IgM to OSE can reduce PVAT inflammation and the atherosclerosis lesion underlying it.

Earlier study from our lab demonstrated that C57BL6 mice with B cell specific Id3 deficiency had greater visceral adipose tissue B-1b cells and IgM production and less adipose tissue inflammation compared to WT littermate controls (Harmon et al., 2016). Here, we demonstrate for the first time that Id3 also regulates the number of B-1b cells in the PVAT. Consistent with the higher number of B-1b cells in ApoE−/−Id3BKO compared to control group mice, we demonstrate that ApoE−/−Id3BKO mice have significantly greater amounts of IgM in the PVAT. Notably, not only was the amount of total IgM higher, the percentage of IgM that was specific for MDA-LDL was greater in the PVAT of ApoE−/−Id3BKO mice compared to littermate controls. Previous studies have demonstrated that circulatory IgM but not IgG to MDA-LDL negatively correlates with angiographically determined coronary artery disease and CV events in humans (Tsimikas et al., 2007, 2012) suggesting a protective role of IgM to MDA-LDL in atherosclerosis. The fact that MDA-LDL specific IgM was greater in PVAT of ApoE−/−Id3BKO mice, but not in other major IgM producing sites such as, BM and spleen, raises the interesting possibility that the IgM responses in PVAT may be stimulated by local sources of OSE. While the source of modified LDL in atherosclerotic lesions had been thought to come from the circulation, Uchida et al, recently provided data to support PVAT as a source of OxLDL in human coronary lesions (Uchida et al., 2016). Additional studies are needed to determine if PVAT may be an important source of inflammation stimulating OSE.

Understanding immune modulation of PVAT in mice may provide novel strategies to limit atherosclerosis development in humans. However, direct evaluation of PVAT surrounding human coronary arteries is important for determining if these murine findings may be relevant to human disease. Recent studies have shed light on the role of FALCs in adipose tissue. FALCs develop in both steady state and inflammatory condition (Benezech et al., 2015). It has been shown that, B cells in FALCs secrete IgM and attenuate local inflammation (Jackson-Jones et al., 2016). Recent studies have demonstrated that innate lymphoid cell type-2 derived IL-13 and IL-5 cytokines in PVAT are important to maintain atheroprotective IgM producing B-1 cells in PVAT and attenuate diet induced atherosclerosis (Perry et al., 2013; Newland et al., 2017). However, it is not known whether B and T cells are present in specialized structures like FALCs in the young murine PVAT or whether they are scattered in the entire tissue. The present study demonstrates that PVAT adjacent to diseased coronary artery in humans contains FALCs. Similar to FALCs in mice (Benezech et al., 2015; Newland et al., 2017), FALCs in human PVAT harbors abundant B cells.

In summary, our results provide novel evidence that atheroprotective B-1 cells accumulate in PVAT and secrete natural IgM, particularly MDA-LDL specific IgM. Based on our murine findings that B-1b cells in the adipose tissue regulate M-1 macrophage inflammation (Harmon et al., 2016), we hypothesize that B-1 cells in the PVAT can modulate local inflammation and potentially atherosclerosis development. Further studies are needed to test this novel hypothesis. These studies will be important to do given findings that B-1 cells reside in human PVAT and B cell-rich FALC are closely associated with coronary arteries. These findings may lead to novel strategies targeting PVAT to limit atherosclerosis development.
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General characteristics IRS2+/+

Body weight (g) 281
Fasting blood glucose (mMol/) 53£05
Non-fasting blood glucose (mMol1) 87£08
Non-fasting blood insulin (U /mi) 9k 1
MAP (mm Hg) 15£3
SBP (mm Hg) 127 £3
Heart rate (beats per minute) 589 & 11

RS2/~

24%1
126+27
122409
2042
101£5
1046
553 19

P

084
<005
<001
<001
<005
<005

008

IRS2~/= had similar body weights and higher levels of insulin and glucose than the
IRS2*/* mice. MAR, mean arterial pressure, SBE, systolic blood pressure. Data represent

mean = SEM, IRS2+/*N = 10, IRS2"






OPS/images/fphys-09-00229/fphys-09-00229-t002.jpg
wr LDLr-KO

PVAT— PVAT+ PVAT— PVAT+

Rrmax (%) 84+ 4.1 87+39 70+ 4.7 85+ 1.3+

—LogECso 7.67 £0.16 7.81+0.16 7.37 £0.14 7.74 £ 0.11
Remax (%) 76+ 39 73+ 4.0 57 £ 69" 76+ 4.1%
—LogECs 8.39 £ 0.06 839 £ 0.05 8.30 £ 0.03 8.48 £0.09

ODIUM NITR
Rmax (%) 8349 80£69 78147 75£48
-LogECsp  933+049 904017 9154028 851008

Data are expressed as mean  SEM (N = 4-9). 2-way ANOVA followed by Bonferroni's
post-hoc test, P < 0.05. * vs. WT/PVAT-; + vs. LDLr-KO/PVAT—.
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wr LDLr-KO

Body weight (g) 2806 27406
Blood glucose (mg/dL) 185+ 14 143423

Total cholesterol (mg/dL) 84646 2623 & 143"
Triglycerides (mg/dL) 543 +4.1 145.4 £ 11.5°

Data are expressed as mean & SEM (N = 10~14). Unpaired Student's t-test: *P < 0.0
vs. WT.
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PD2

Groups Phenylephrine

PVAT () 8240050 =6)
PVAT (-)_Thiamet G 83+005(1=6)
PVAT (+) 82£007(1=6)
PVAT (+)_Thiamet G 86006 (1= 6+

U-46619

7640090 =7)
7740050 =7)
740080 =7)
75£008(1=7)

Phenylephrine

185£02(0=6)
152£02(=6)
92£02(=6)
180£02 (= 6+

Data represent the mean + SEM of n experiments. Two-way ANOVA: *p < 0.05 vs. respective PVAT (-); *p < 0.05 vs. respective PVAT (+).

Emax

U-46619

185£050=7)

145£02(n=7)

93+03(=7
108+04(=7*
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Control 10 Weeks High sugar 10 Weeks Control 12 Weeks High sugar 12 Weeks

Initial body mass (g) 2526 +£20 2541 +£23 2532 +£22 2853+ 32
Final body mass (g) 4694 £30 5832 £ 37+ 4939 £31 657.5 £ 39"
Body mass gain (g) 2168+ 25 3201 £3.1F 2407 £26 402.2 £ 3.1
Epicidymal fat (g) 53201 957 £06% 58902 173%06"
Visceral fat (g) 6.87 £ 03 12.36 + 0.5 733+0.1 15.18 £ 0.6
Retroperitoneal fat (o) 63602 11.62 % 04+ 74902 1425 £ 05"
Adiposity index (%) 397 £ 04 57540.14% 418404 626401
Total cholesterol (/L) 887 +52 1188 & 2.1+ 0248 1242587
Triglycerides (mg/dL) 68223 834 £3.1% 67.1£39 2828

Data represent the mean + SEM of n experiments. Two-way ANOVA: *p < 0.05 vs. Control 10 Weeks; *p < 0.05 vs. Control 12 Weeks.
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Groups 10 Weeks

Control PVAT () 8.1:£006(n=6)
High Sugar PVAT (-) 82£007(n=7)
Control PVAT (+) 81£009(1=6)
High Sugar PVAT (+) 81£004(n=7)

PD2

12 Weeks

81007(n=16)
81£005(0="7)
80+004(n=6)
83007 (1=7)"

10 Weeks

298£06(1=6)
819£08(=1)
218207 (=6
262:+04(=7*

Emax

12 Weeks

2072£08(=6)
37.6+£06(="7)
23.1+04 (=6
347£08(=7)"

Data represent the mean + SEM of n experiments. Two-way ANOVA: *p < 0.05 vs. respective Control PVAT (-); +p < 0.05 vs. respective Control PVAT (+).
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Groups

Control PVAT (=) (Sodium nitroprusside)
igh Sugar PVAT (=) (Sodium nitroprusside)
Control PVAT (+) (Sodiurm nitroprusside)
High Sugar PVAT (+) (Sodium nitroprusside)
Control PVAT (+)

Control PVAT (+) (L-NAME)

High Sugar PVAT (+)

High Sugar PVAT (+) (L-NAME)

Data represent the mean = SEM of n experiments. Two-way ANOVA: +p <

10 Weeks.

7.5£005(01=6)
76+005(=7)
74£002(0=6)
73£008(01=7)
81£009(1=6)
81+008(=7)
82£004(1=6)
81£006(1=7)

PD2

12 Weeks

76%005(01=6)
74+006(n=7)
75£002(1=6)
73£007(=7)
8.1£0050h=6)
83£006(0=7)
80007 (=6)
82£004(=7)

05 vs. respective Control PVAT (+).

Emax

10 Weeks

928+20(=6)
64+190=7)
971£11(=6)
RT£20(=7)
213£07(=6)
261£07 (0= 7+
262+04(1=6)
274£06(1=7)

12 Weeks

958+19(1=6)
94.7+£23(n=7)
981 1.1(1=6)
928+290=1)
281£04(1=6)
336+07 (=7
349+09(1=6)
37£050=1)
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