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Editorial on the Research Topic
 Microbial Degradation of Plastics



The accumulation of mismanaged plastic waste in natural environments poses a serious threat to our oceans, wildlife, and human health. As the global demand on plastics is growing continuously, the trend of plastic emission into open environments is unlikely to reduce until 2030 unless key policies, consumption behaviors and waste management measures regarding plastic products will be radically transformed immediately (Borrelle et al., 2020).

While abiotic environmental degradation contributes considerably to the fragmentation of large plastic debris resulting in micro- and nanoplastic pollution (Min et al., 2020), the role of microorganisms in the plastic degradation under natural conditions is still poorly understood. In recent years, various microbes have been reported capable of depolymerizing synthetic polymers at laboratory conditions (Wierckx et al., 2018). Nonetheless, the microbial degradation extents and rates of conventional petroleum-based plastics such as polyethylene (PE) and polystyrene (PS) can differ remarkably to those of biodegradable polyesters such polylactic acids (PLA). Microbial biotechnology has been repeatedly proposed as an option of sustainable disposal approach of plastic waste although the reality and promise of biotechnological recycling methods is not yet unambiguously clarified among scientific communities, plastic end-users and policy makers (Wei et al., 2020).

As a response to this research field of rapidly increasing interest, we proposed this Research Topic and could finally collect 11 high-quality contributions based on both original research and literature survey by scientists from all over the world.

Ru et al. provided a comprehensive review on the microorganisms and enzymes able to degrade mass-produced recalcitrant petrochemical plastics reported since the 1970s. While PE and PS have been shown to be degraded by several microorganisms, albeit very slowly, the key depolymerases involved in the breakdown of carbon-carbon backbones remain still unknown. For a better understanding of the enzymatic degradation of vinyl polymers, Xu et al. carried out quantum mechanism calculations to model the cleavage of the carbon-carbon bond at the C position under both acidic and alkaline conditions.

Microbial communities are a valuable source of enzymes with degrading activities on synthetic polymers. Pinnell and Turner reported the shotgun metagenomic sequencing of biofilms fouling polyethylene terephthalate (PET), polyhydroxyalkanoate (PHA) and ceramic placed at the sediment-water interface of a coastal lagoon. While PET plastic biofilms were indistinguishable compared to the ceramic biofilm control, PHA bioplastic biofilms were distinct as indicated by the dominant presence of sulfate-reducing microorganisms (SRM) and a significant enrichment of phylogenetically diverse polyhydroxybutyrate (PHB) depolymerases. Their findings indicate that the plastisphere SRM play an important role in PHA biodegradation. Gaytán et al. studied the polyurethane (PUR) degrading activity of a landfill microbial mixed culture which can grow on aqueous PUR dispersion as a sole carbon source. Physiochemical analyses suggested the cleavage of various functional groups in the polymers. Along with the metagenomic analysis, tentative microbial PUR degradation pathways were proposed. Weinberger et al. cultivated a fungal library with aliphatic and aromatic polyesters, leading to the identification of new strains that produce polyester hydrolyzing enzymes. This method will enable exploring the available fungal diversity and thus broadening the spectrum of candidate enzymes for plastic recycling. The increasing commercial demand on bio-based and biodegradable plastics such as PLA requires also environment-friendly disposal methods using microorganisms (Butbunchu and Pathom-Aree). By summarizing the findings about PLA degradation by Actinobacteria since 1997, Pseudonocardiaceae are identified as the most important family. Moreover, esterases and proteases found in various Actinobacteria capable of degrading PLA will hold the promise for future application in the bioplastic waste management.

Many studies have focused on the enzymatic degradation of PET during the last decade (Wei and Zimmermann, 2017). Bollinger et al. reported the high-resolution structural elucidation and functional characterization of a novel PET hydrolyzing enzyme (PE-H) identified in the genome of the marine bacterium Pseudomonas aestusnigri. PE-H was shown to degrade amorphous PET at 30°C. By structural modeling and mutagenesis study, a Y250S variant was constructed to exhibit increased PET hydrolytic activity as a result of the rearrangement of the active site conformation, thereby providing new knowledge on the structural features required for efficient polyester degradation. Based on previous reports regarding the PET polymer chain mobility associated with enzymatic degradation (Wei et al., 2019a,b), Falkenstein et al. could evaluate the feasibility of UV radiation as a potential pretreatment method to stimulate the subsequent biocatalytic depolymerization of PET. Although UV treatment has caused significant chain scissions at the surface layer of amorphous PET films, the resulting increased surface crystallinity drastically impaired the efficiency of enzymatic degradation.

As engineered whole-cell catalysts have been recently considered with great potential for plastic degradation (Yan et al., 2020), the microbial metabolism of plastic monomers and additives will become a research focus both in the contexts of environmental degradation of plastic pollution and of biotechnological plastic upcycling, i.e., utilization of plastic hydrolysates as feedstocks for microbial production of chemicals with high value (Wierckx et al., 2015; Salvador et al., 2019; Ru et al.). Carstens et al. characterized the biotransformation of phthalate esters, ubiquitously used as plasticizers, by marine, freshwater, and terrestrial fungi. This study indicated an important role of fungi in the environmental biodegradation of complex plastic-derived molecules. Cárdenas Espinosa et al. isolated Pseudomonmas sp. TDA1 which was able to grow on an oligomeric PUR diol solution, as well as on the PUR-derived 2,4-diaminotoluene. Li et al. took a laboratory evolution and reverse engineering approach to enable efficient metabolism of 1,4-butanediol by P. putida KT2440, and to characterize the underlying pathways and their regulation. This work builds upon the previous engineering (Franden et al., 2018) and evolution (Li et al., 2019) of P. putida KT2440 on ethylene glycol. One third of the original research papers are focused on Pseudomonads, including two on monomer metabolism (Cárdenas Espinosa et al.; Li et al.) and one as a source of plastic-degrading enzymes (Bollinger et al.). This is not surprising given the conspicuous potential of this organism in this field of research (Wierckx et al., 2015; Wilkes and Aristilde, 2017; Schwanemann et al., 2020; Ru et al.), especially concerning plastics upcycling (Tiso et al., 2020).

In summary, this Research Topic collects 11 scientific contributions which consolidate and expand our knowledge on the recent advances in this very active research field. We sincerely hope that more scientists will be inspired and encouraged by our Research Topic to make their own contributions to tackle the global challenge caused by plastic pollution.
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The growing amount of plastic solid waste (PSW) is a global concern. Despite increasing efforts to reduce the residual amounts of PSW to be disposed off through segregated collection and recycling, a considerable amount of PSW is still landfilled and the extent of PSW ocean pollution has become a worldwide issue. Particularly, polyethylene (PE) and polystyrene (PS) are considered as notably recalcitrant to biodegradation due to the carbon-carbon backbone that is highly resistant to enzymatic degradation via oxidative reactions. The present research investigated the catalytic mechanism of P450 monooxygenases by quantum mechanics to determine the bio-catalytic degradation of PE or PS. The findings indicated that the oxygenase-induced free radical transition caused the carbon-carbon backbone cleavage of aliphatic compounds. This work provides a fundamental knowledge of the biodegradation process of PE or PS at the atomic level and facilitates predicting the pathway of plastics’ biodegradation by microbial enzymes.

Keywords: polyethylene, oxidation, carbon-carbon bond cleavage, quantum mechanism, bond dissociation energy (BDE)


INTRODUCTION

Plastics are widely used in industrial and household applications because of their low weight, durability and low production cost (Andrady, 2015). However, the growing amount of plastic solid waste (PSW) is a global concern. The widespread use of plastics, the lack of waste management and casual social behavior, however, pose a major threat to the environment (Leja and Lewandowicz, 2010). Despite increasing efforts to reduce the residual amounts of PSW to be disposed off through segregated collection and recycling, a considerable amount of PSW is still landfilled and the extent of PSW ocean pollution has become a worldwide issue (Baeyens et al., 2010; Brems et al., 2012).

Considering their abundance of plastics in the environment, biodegradation of plastics could be the most effective way. Decades ago, several biodegradable aliphatic polyesters such as PLA and PHB, were produced to replace petrochemical plastics (Tokiwa et al., 2009). However, the most commonly used plastics are still synthetic polymers obtained from petrochemical hydrocarbons and derivatives (Geyer et al., 2017). Polyethylene (PE) and polystyrene (PS) are amongst the most important mass-produced plastics and largely manufactured into short-life products including packaging materials for food and disposable dishware (Plastics Europe, 2018). PE and PS are highly stable polymers and notably resistant to biodegradation (Ho et al., 2017). The carbon-carbon backbone in PE and PS is highly resistant to enzymatic cleavage by oxidation-reduction (Goldman, 2010). Additionally, the high molecular weight and strong hydrophobic character hamper their biodegradation (Albertsson and Karlsson, 1993).

Recently, several microbes and microbial enzymes have been shown able to catalyze the degradation of various petrochemical plastics including PE and PS (Wei and Zimmermann, 2017). Shimpi et al. (2012) reported the biodegradation of modified PS by using a pure strain of Pseudomonas aeruginosa. Motta et al. (2009) used the Curvularia species to investigate the degradation of atactic PS. These results suggested that the biodegradation of PS material through using selected microbial strains might become a feasible solution for reducing the huge amount of waste and disposed plastics.

Sivan et al. isolated the actinomycete Rhodococcus ruber (C208) to degrade PE and PS (Mor and Sivan, 2008; Santo et al., 2013), and demonstrated that laccase, a copper-binding enzyme, played a crucial role in the oxidation and degradation of PE by R. ruber (Santo et al., 2013). In addition to laccase, several oxidoreductases were shown to be involved in the biodegradation of PE and PS, such as the AlkB family hydroxylases and hydroquinone peroxidase (Nakamiya et al., 1997; Jeon and Kim, 2015).

The catalytic mechanism of oxidoreductases with respect to the cleavage of PE and PS still remains unexplained. The present work applied quantum mechanism calculations to unveil the bio-catalytic mechanism of PE and PS degradation by oxidoreductase, with the P450 monooxygenase catalyzed reaction being treated as a typical saturated carbon-carbon bone cleavage reaction (Matthews et al., 2017). This work attempts to provide fundamental insights into the possible biodegradation of plastics with a C-C backbone.



MATERIALS AND METHODS

Computation Methods

In this work, geometry optimizations, relaxed scan and natural population analysis (NPA) charges were calculated by the Gaussian 09 software package (Frisch et al., 2013) at the B3LYP/6-31+G(d,p) theoretical level. The frequency of structures was also calculated at same level to ensure that the stable structures have no imaginary frequency, and only one imaginary frequency for the transition state. Fuzzy bond orders, spin density and spin population analysis were calculated by Multiwfn (Lu and Chen, 2012). Relaxed force constants were calculated by Compliance (Brandhorst and Grunenberg, 2008; Brandhorst and Grunenberg, 2010).

Analysis of Three Bond Strength Descriptors

The bond dissociation energy (BDE), widely used in the literature as a kind of bond strength descriptor can be defined as the standard enthalpy (H) change when a bond is cleaved by homolysis to produce two fragments. In some cases, it is however better to calculate the standard enthalpy change when a bond is cleaved by heterolysis. These calculations of Bond Dissociation Energy (BDE, at 298K) are shown in the following equation:

[image: image]

However, the numerical value of BDE, as an intrinsic strength of a particular bond, depends on the stable molecule and the stability of the fragments, such as electronic ground state, minimum conformation, etc. (Grunenberg, 2017). The bond order is a quantitative description of chemical bonds and has been widely used by chemists to understand the nature of molecular electronic structure and predict the molecular reactivity, aromaticity, and stability (Lu and Chen, 2013). The fuzzy bond order exhibits very little basis set sensitivity and will not be deteriorated by using diffuse basis functions (Mayer and Salvador, 2004). For the same type of bonds, the fuzzy bond order positively correlates to bond strength.

Force constants are widely used as an intuitive bond strength descriptor. However, the numerical values of rigid force constants depend on the choice of coordinate systems. In order to overcome this disadvantage and achieve a higher precision, the compliance matrix, which is a second-order tensor containing non-zero coupling elements (Grunenberg, 2017), was adopted in this work to describe the bond strength.



RESULTS AND DISCUSSION

Model Structures and Charge Distribution Analysis

In this work, the structures of Figure 1 were investigated to determine the cleavage of the C-C bond close to the carboxyl group under both acidic or alkaline conditions. Since the four molecules are very similar, spin density and NPA charges were calculated to ensure that these structures are reliable. The bond length of the C2-C3 bonds (C3 is the alpha carbon, C2 is the carboxylic carbon atom) in the molecules and the NPA charges of certain atoms are given in Table 1. It is specifically mentioned here that for the structure shown in Figures 1A,E, a stable configuration is not obtained after a plenty of structural optimizations. The C2-C3 bond cleavage occurred in every optimization attempt with molecule Figure 1E as the initial structure. Therefore, structures with optimization are adopted as the basis for this part of the study.
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FIGURE 1. Molecular structure: (A) Ionic structure in alkaline condition; (B) Free radical structure in alkaline condition; (C) Ionic structure in acidic condition; (D) Free radical structure in acidic condition. (E–H) are corresponding spin density for molecules (A–D), which was marked with green. The value of the iso-surface is 0.01. The carbon atoms, C2 is the carboxylic carbon atom, C3 is the alpha carbon.



TABLE 1. Bond lengths of C2-C3 bonds and certain atomic NPA charges.
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The results of the spin density in Figure 1 show that there are no unpaired electrons in the ionic structures, while some unpaired electrons exist in the free radical structures mainly in O1, O4, and C5. As shown in Table 1, NPA charges of the C5s in ionic structures for both an alkaline and an acidic environment are positive, while the NPA charges are negative for the two other structures. Compared to the NPA charges of oxygen atoms of the ionic structure, there are more negative charges in the oxygen atom O1 in ionic structure in alkaline environment. Therefore, these structures are appropriate for further calculations.

Effect of the Structure on C-C Bond Cleavage

The Ionic Structure Under Alkaline Condition

For structure (A) of Figure 1, no stable corresponding structure was obtained after several rounds of optimization. Therefore, an optimized free fatty acid was used as template, a hydride ion at Cβ was removed to obtain the approximate structure for further calculation. The approximate structure is shown in Figure 1E.

Firstly, a geometry optimization was performed for this structure, and the result is shown in Figure 2A. It is obvious that the molecule is cleaved into a linear olefin and CO2 which are obtained from the cleavage of the fatty acid carboxylate. Then, a potential energy surface relaxed scan was performed along the distance of the C2-C3 bond in the molecule as shown in Figure 1E, to describe the energy of this system. The result of the scan is shown in Figure 2B, demonstrating that the energy decreases quickly as the distance increases initially, which indicates that the C2-C3 bond in the molecule as shown in Figure 1A is very unstable.
 

[image: image]

FIGURE 2. (A) Ionic structure in alkaline condition after optimization; (B) the result of relaxed scan along the distance of the C2-C3 bond based upon the unstable structure as shown in Figure 1E. The unit in (B) is Hartree, 1 Ha = 2625.499638(65) kJ/mol.



For a more thorough study, the transition state which is shown in Figure 3A, was also calculated based upon the unstable structure as shown in Figure 1E. The vibration direction of the imaginary frequency is mainly along the direction of the C2-C3 bond stretching. A stable structure with a minimum in potential energy surface and connecting the transition state structure was calculated as shown in Figure 3B. The stable structure consists of a linear olefin and CO2 as the products derived from the cleavage of fatty acids. The energy of the molecule, as shown in Figure 1E is 110.7 kJ/mol higher than the energy of the transition state, which confirms the high instability of the molecule as shown in Figure 1E. Through the above calculations, it is clear that the ionic structure in an alkaline environment is close to the transition state structure in its potential energy surface, which indicates the instability of the C2-C3 bond.
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FIGURE 3. (A) Optimized transition state structure, based upon the unstable structure as shown in Figure 1E; (B) One stable structure connects the transition state structure.



The Free Radical Structure Under Alkaline Condition

Based upon the free radical structure in an alkaline environment as shown in Figure 1F, a transition state optimization was carried out. The change of spin multiplicity caused by the cleavages of C2 and C3 did not consider here. The distance of C2-C3 in this transition structure is 2.23 Å, which means that this molecule is divided into two parts. Table 2 and Figure 4 show the result of the spin population analysis which was carried out to determine the distribution of single electrons in the transition structure. This analysis shows that more than 80% (about two electrons) of single electrons are on the part of the free carboxyl group, indicating that a linear olefin was produced. Assessing the normal mode corresponding to the imaginary frequency, it was found that the composing displacements tend to lead in the directions of the structure derived from the cleavage of the fatty acid carboxylate. Therefore, the transition state structure connects the product consisting of a linear olefin and CO2. The energy of the transition state includes zero-point correction and is 109.8 kJ/mol relative to the molecule as shown in Figure 1F. Due to the high energy of the transition state, it is not easy to cleave the bond in this structure.

TABLE 2. Result of spin population analysis based on the transition structure shown in Figure 4.
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FIGURE 4. Optimized transition structure, based upon the free radical structure in alkaline condition.



As can be seen from Table 3, when a hydrogen atom has been removed from Cβ, the changes of BDEs, relaxed force constants and the bond orders are very small. So the C2-C3 bond strengths in both structures are very similar and the lack of a hydrogen atom at the location of Cβ has little influence on the C2-C3 bond strength.

TABLE 3. Bond orders, relaxed force constants and BDEs of the C2-C3 bonds in the selected molecules.
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By comparing the third column with the fourth column in Table 3, it is obvious that the bond order, relaxed force and BDE of the C2-C3 bond in the free radical structure in an alkaline environment are much higher than the C2-C3 bond in a carboxylate anion, which indicates that the C2-C3 bond strength of the free radical structure in an alkaline environment is stronger. Because decarboxylation is less favorable at low temperatures and highly sensitive to conditions for carboxylic acids, decarboxylation of the molecule in Figure 1F is more difficult.

Ionic Structure Under Acidic Condition

If there is a linear olefin produced, the C2-C3 bond in this structure should be cleaved by heterolysis, and hence Table 4 gives the heterolytic bond dissociation energies of the C2-C3 bonds. By comparing the second and the fourth columns in Table 4, it can be seen that the values of the bond order, relaxed force constant, BDE and heterolytic bond dissociation energy of the C2-C3 bond become much smaller when a hydrogen anion is removed from Cβ in a carboxylic acid, which indicates that the bond strength becomes much weaker. Comparing the fourth column in Table 4 to the fourth column in Table 3, it can be seen that the values of the bond orders, the relaxed force constants and the BDEs of the C2-C3 bonds are very close, so the C2-C3 bond strengths in the two structures are basically the same.

TABLE 4. Bond orders, relaxed force constants, BDEs and heterolytic bond dissociation energies of the C2-C3/O-H bonds in the structures of selected molecules.
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TABLE 5. Bond orders, relaxed force constants, BDEs and heterolytic bond dissociation energies of the C2-C3/O-H bonds in the structures of selected molecules.
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As the absence of a hydrogen anion in a carboxylic acid may cause the O-H bond to become weaker, it was decided to investigate the O-H bond strength of the ionic structure in an acidic environment and determine whether it has an impact on the decarboxylation. As can been seen from Table 4, when a hydrogen anion is removed from Cβ in a carboxylic acid, the values of the bond order and the relaxed force constant of the O-H bond decrease slightly and the heterolytic bond dissociation energies of the O-H bond become much smaller. The reason why the heterolytic bond dissociation energy varies significantly may be due to the major configuration changes from the segmentation optimization calculation (C-C bond cleavage), which affects the calculation of the heterolytic bond dissociation energy. In summary, the absence of a hydride ion does not significantly affect the strength of the O-H bond and therefore does not affect C-C bond cleavage.

Free Radical Structure Under Acidic Condition

Table 5 shows that the bond order, relaxed force constant, and BDE of C2-C3 bond are not significantly changed in the absence of a hydride atom at Cβ position. Moreover, the bond order, relaxed force constant, and BDE of this structure are much larger than the corresponding value of molecule in the fourth column of Table 3. Therefore, the bond strength of C2-C3 bond in this structure is very high. Table 5 also shows that the bond order, relaxed force constant, heterolytic bond dissociation energy of O-H bond do not change significantly, in the absence of a hydride atom at Cβ position, indicating that the bond strength of the O-H bond does not change significantly, and hence does not affect C-C bond cleavage.

In summary, in the ionic structure, the absence of a hydrogen anion at the Cβ position significantly reduces the bond strength of C2-C3. Therefore, whether in an acidic environment or an alkaline environment, C-C bond cleavage is more likely to occur in the ionic structures. On the other hand, in an alkaline environment, the C2-C3 bond is more unstable because of the presence of a carboxylate anion that promotes the tendency of push electrons. Therefore, the ionic structure under alkaline conditions is most advantageous for the removal of carboxyl groups.



CONCLUSION

The enzymatic cleavage of C-C bond in aliphatic compounds by quantum mechanism calculation was investigated. Under certain conditions, the enzyme could abstract a hydrogen anion from the aliphatic compounds, causing the absence of a hydride anion at the Cβ position, which significantly reduces the bond strength of C2-C3 bond and finally results in the C-C bond cleavage. The results reveal that oxidase or oxygenase could be involved in the C-C bond cleavage in PE/PS, thus facilitating their biodegradation.
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Plastic is incredibly abundant in marine environments but little is known about its effects on benthic microbiota and biogeochemical cycling. This study reports the shotgun metagenomic sequencing of biofilms fouling plastic and bioplastic microcosms staged at the sediment–water interface of a coastal lagoon. Community composition analysis revealed that plastic biofilms were indistinguishable in comparison to a ceramic biofilm control. By contrast, bioplastic biofilms were distinct and dominated by sulfate-reducing microorganisms (SRM). Analysis of bioplastic gene pools revealed the enrichment of esterases, depolymerases, adenylyl sulfate reductases (aprBA), and dissimilatory sulfite reductases (dsrAB). The nearly 20-fold enrichment of a phylogenetically diverse polyhydroxybutyrate (PHB) depolymerase suggests this gene was distributed across a mixed microbial assemblage. The metagenomic reconstruction of genomes identified novel species of Desulfovibrio, Desulfobacteraceae, and Desulfobulbaceae among the abundant SRM, and these genomes contained genes integral to both bioplastic degradation and sulfate reduction. Findings indicate that bioplastic promoted a rapid and significant shift in benthic microbial diversity and gene pools, selecting for microbes that participate in bioplastic degradation and sulfate reduction. If plastic pollution is traded for bioplastic pollution and sedimentary inputs are large, the microbial response could unintentionally affect benthic biogeochemical activities through the stimulation of sulfate reducers.
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INTRODUCTION

Microorganisms rapidly colonize and form biofilms on biotic and abiotic surfaces in marine environments (Dang and Lovell, 2016). As such, marine microbial communities are commonly distinguished as free-living or particle-associated (DeLong et al., 1993; Crump et al., 1999; Hollibaugh et al., 2000). A particle-associated lifestyle is thought to provide microorganisms with increased nutritional resources and environmental stability (Azam et al., 1994). Detrital aggregates, in particular, are hot spots of microbial diversity that are fundamentally distinct in comparison to free-living communities (DeLong et al., 1993; Crump et al., 1999). Particles are also habitats of enhanced enzyme activity (Karner and Herndl, 1992; Kellogg and Deming, 2014) that contribute to the rapid turnover of particulate organic matter (Biddanda and Pomeroy, 1988; Azam and Long, 2001) and it is clear that particle-associated microorganisms play an important role in biogeochemical processes (Ploug et al., 1999; Seymour et al., 2017).

Plastic pollution has introduced a new surface for microbial colonization and biofilm formation (Zettler et al., 2013; Oberbeckmann et al., 2014). A recent global assessment of all mass-produced plastics estimated that 4.9 billion tons of plastic waste was discarded in landfills or natural environments (Geyer et al., 2017). Oceans serve as a sink for said waste with an estimated 4.8–12.7 million metric tons entering the oceans annually (Jambeck et al., 2015; Geyer et al., 2017). It is clear that marine microorganisms colonize and form biofilms on floating plastic debris and it is also clear that plastic-associated microbial communities are distinct compared to free-living communities (Bryant et al., 2016; Oberbeckmann et al., 2016).

Several studies have characterized pelagic microbe-plastic interactions (Carson et al., 2013; Zettler et al., 2013; Bryant et al., 2016) but relatively few studies have characterized microbe-plastic interactions in benthic systems (Harrison et al., 2014; De Tender et al., 2015; Nauendorf et al., 2016). In the North Pacific Gyre, a previous study reported that microplastics were colonized by diatoms (Carson et al., 2013) and a separate study reported an increased concentration of Chl a and an increased abundance of nitrogenase genes in microplastic biofilms (Bryant et al., 2016). By contrast, understanding of benthic microbe-plastic interactions is limited. The transport of plastic debris to benthic systems is facilitated by sinking; debris with a density higher than seawater (1.02 g cm−3) sinks immediately while floating debris loses buoyancy with biofouling (Barnes et al., 2009; Andrady, 2011). Sinking is therefore an important process and benthic systems are sinks for plastic debris accumulation (Thompson et al., 2004; Van Cauwenberghe et al., 2015).

In coastal regions, benthic microorganisms support primary producers in the overlying water column by the remineralization of organic-rich debris (Klump and Martens, 1981). The remineralization of carbon in anoxic coastal sediments is predominantly carried out via sulfate reduction (Jørgensen, 1977). The microbial pathway for dissimilatory sulfate reduction involves the reduction of sulfate to sulfite by sulfate adenyltransferases (Sat) and adenylyl-sulfate reductases (AprBA), followed by the reduction of sulfite by sulfite reductases (DsrAB) (Anantharaman et al., 2018). Climate warming and eutrophication are expanding the distribution of anoxic sediments worldwide (Vigneron et al., 2018) and recent studies have clearly shown that sulfate and sulfite reducers are more abundant, diverse, and widespread than previously believed (Müller et al., 2014; Anantharaman et al., 2018; Hausmann et al., 2018; Vigneron et al., 2018; Zecchin et al., 2018). Yet, the effect plastic pollution may have on sulfate-reducing microorganisms (SRM) is an open question.

In 2018, the United Nations Environmental Program reported that more than 60 countries approved bans or levies on single-use plastics (UNEP, 2018). In the same year, the European Parliament approved a ban on the top 10 single-use plastics and called for a reduction in single-use plastics (European Commission, 2018). The proposal states “this systemic change and material substitution will also promote bio-based alternatives and an innovative bioeconomy.” In the wake of legislative actions and increased public awareness, the production of bioplastics such as polyhydroxyalkanoate (PHA) is predicted to increase tenfold (Aeschelmann and Carus, 2015). If bioplastic is similarly discarded, the subsequent increase in bioplastic waste entering the oceans will introduce yet another surface for microbial colonization; and, while some research has investigated the response of marine organisms to bioplastic (Eich et al., 2015; Pauli et al., 2017), little is known about how microorganisms respond to bioplastic versus petroleum-based plastic.

The aim of this study was to characterize the microbial communities and individuals that form biofilms on plastic (polyethylene terephthalate; PET) and bioplastic (PHA) in a coastal benthic habitat. For comparative purposes, ceramic pellets were included as a biofilm control. This study was primarily designed to address two questions. Does the introduction of either plastic or bioplastic select for a distinct microbial community compared to a biofilm control, and does this introduction promote a significant shift in taxa or enzyme pools with implications for polymer degradation or biogeochemical cycling? We hypothesized that the PET biofilms would be indistinguishable from the ceramic biofilms whereas the introduction of PHA would select for the growth of a distinct microbial assemblage involved in polymer degradation and biogeochemical cycling.



MATERIALS AND METHODS


Site Description

The Laguna Madre (Texas, USA) is a large coastal lagoon in the northern Gulf of Mexico (NGOM). The lagoon is divided into two sections: Upper Laguna Madre (ULM) and Lower Laguna Madre (LLM). The microcosms described in this study were deployed adjacent to a dredge material island at 27°32′39.0“N and 97°17’07.7”W in the ULM (Supplementary Figure S1).The ULM is 76 km in length, 6 km in width, has an average depth of 0.8 m, and is separated from the NGOM by the Padre Island National Seashore (Tunnell, 2002). The dredge material island itself is remote to the nearest population center (Corpus Christi, TX) and is therefore relatively free of plastic pollution.



Sample Deployment and Collection

A microcosm was designed to circumvent the challenges of isolating preexisting plastic debris from heterogeneous sediment samples. A microcosm also permitted the inclusion of a ceramic biofilm control. Briefly, 6.0 g of ceramic pellets (Lyman Products, Middletown, CT, USA), 3.0 g of PET pellets (M&G Chemicals, Ettelbruck, Luxembourg), and 3.0 g of PHA pellets (Doctors Foster and Smith, Rhinelander, WI, USA) were deployed in triplicate inside custom-made microbial capsules (MicroCaps; Supplementary Figure S2) at the sediment–water interface for 28 days (May 24, 2016 to June 21, 2016). All pellets were approximately 3–4 mm in diameter and, therefore, the PET and PHA pellets were considered microplastics (Andrady, 2011). MicroCaps utilized 315-μm Nitex mesh to contain the pellets and permit the exchange of water, nutrients, bacteria, and some grazers but limit the entry of larger organisms. The microcosms and triplicate 1-L seawater samples (also from the sediment–water interface) were collected at the end of the exposure. All samples were stored on ice and processed immediately upon return to the laboratory, with the extraction procedure starting within 2 h of sample collection. Substrates were washed three times with 25 ml of 0.22-μm filter-sterilized, site-specific seawater to remove any organisms not part of the biofilm. Seawater (100 ml) was pre-filtered through 315-μm Nitex mesh and the microbial community was collected by membrane filtration on a 0.22-μm polycarbonate filter (Millipore Sigma, Burlington, MA, USA) in triplicate. Environmental parameters from the start and end of the exposure period were collected using a 6,920 V2–2 Multi-Parameter Water Quality Sonde (YSI, Yellow Springs, OH, USA) and varied minimally as follows: water temperature (28.56–29.28°C), salinity (37.78–40.28), pH (8.35–8.47), and DO (8.30–5.68 mg L−1).



DNA Isolation

Genomic DNA was isolated in triplicate for each sample type (seawater, ceramic, PET, and PHA) using a modified version of a high-salt and sodium dodecyl sulfate-based method (Zhou et al., 1996). The only modification from the original procedure was that instead of 5.0 g of soil, DNA was isolated from a quartered 0.22-μm polycarbonate filter (seawater), 6.0 g of ceramic pellets, 3.0 g of PET, or 3.0 g PHA pellets. Due to their higher density, 6.0 g of ceramic was approximately equal in volume to 3.0 g of either plastic type. Following isolation, DNA was quantified (ng μl−1) and assayed for quality (A260/A280 and A260/A230) using a BioPhotometer D30 (Eppendorf, Hamburg, Germany) and the “ds_DNA” methods group with default settings. Final DNA concentrations were verified using a Qubit Fluorometer (Thermo Fisher Scientific, Waltham, MA, USA). The DNA was stored in the dark at −20°C prior to sequencing.



Metagenome Sequencing

Metagenomic library preparation and sequencing were carried out by Molecular Research LP (Shallowater, TX, USA). A total of 12 metagenomes were sequenced: three seawater, three ceramic, three PET, and three PHA. Libraries were prepared using the Nextera XT DNA Library Preparation Kit (Illumina Inc., San Diego, CA, USA) and diluted to 10.0 pM. The average library size was determined using an Agilent 2,100 Bioanalyzer (Agilent Technologies, Santa Clara, CA, USA). Sequencing was performed on the Illumina HiSeq 2,500 platform using 2×150 bp paired-end read chemistry. The DNA concentration (ng μl−1) and average size (bp) of the sequencing libraries and the number of sequence reads produced are reported in Supplementary Table S1. Raw sequence reads were submitted to the European Nucleotide Archive and the European Bioinformatics Institute’s (EBI) Metagenomics Pipeline (Mitchell et al., 2016) version 3.0, which includes an automated workflow for read processing. Briefly, overlapping reads were merged with SeqPrep (John, 2011), low-quality reads and adapter sequences were trimmed using trimmomatic (Bolger et al., 2014), and reads less than 100 bp were removed using BioPython (Cock et al., 2009). Identification of the 16S rRNA reads was performed using rRNASelector (Lee et al., 2011) and FragGeneScan (Rho et al., 2010) was used to find reads containing predicted coding sequences (pCDS) greater than 60 nucleotides in length. The number of sequenced reads ranged from 26,860,030 to 36,522,626, with an average of 30,888,258 reads per sample. Following quality control and merging, the number of remaining reads ranged from 11,273,807 to 22,918,149, with an average of 16,270,447 processed reads per sample.



Microbial Community Composition

Operational taxonomic units (OTUs) were assigned using the QIIME (Caporaso et al., 2010) version 1.9 closed-reference OTU picking protocol and the SILVA 128 SSU 97% database (Quast et al., 2013) with reverse strand matching enabled. Beta-diversity was analyzed using weighted UniFrac (Lozupone et al., 2011) values calculated in QIIME. Permutational Multivariate Analysis of Variance (PERMANOVA) was used to test for significant differences between communities using Primer 7 with the PERMANOVA+ package (Clarke and Gorley, 2015) (PRIMER-E Ltd., Plymouth, UK). PERMANOVA was performed using 999 permutations based on the weighted UniFrac from the beta-diversity analysis in QIIME. Due to the low number of unique permutations possible for pairwise tests, Monte Carlo simulations were used to generate p’s for all pairwise comparisons.



Enrichment of Alpha/Beta Hydrolases

Predicted coding sequences (pCDS) from each of the 12 metagenomes were aligned against a modified database1 of protein sequences from the ESTHER database of alpha/beta hydrolases (Hotelier et al., 2004). Proteins included in the modified database were restricted to depolymerases, esterases, lipases, and cutinases as these were previously implicated in plastic-microbe interactions (Yoshida et al., 2016). To reduce redundancy within the database, CD-HIT (Clarke and Gorley, 2015) version 4.7 was used to cluster protein sequences with default settings. The modified database used here included 10 protein families containing a total of 1,079 protein sequences. Alignments were performed using the command-line version of blastp, as implemented in BLAST+ (Camacho et al., 2009) version 2.6.0, with an expect value (e) cutoff of 10−5, a minimum alignment length of 30 amino acids, and a minimum percent identity of 50%. To visualize the effect of sample type on hydrolase profiles, proportions of positive alignments were normalized to the total number of positive alignments per sample, and a hierarchical cluster analysis based on a Bray-Curtis resemblance matrix was performed. To test for significant differences among profiles, a similarity profile analysis (SIMPROF) (Clarke et al., 2008) using 999 permutations and a significance level of 0.05 was performed in Primer 7. Additionally, the abundance of protein sequences was normalized to the total pCDS and compared between all samples (n = 12).



Relatedness of Polyhydroxybutyrate Depolymerases

Processed reads for each of the PHA samples (n = 3) were co-assembled using MEGAHIT (Li et al., 2015) version 1.1.1. Co-assembly was performed using the “meta-large” preset for large and complex communities, and MEGAHIT was called as follows:

megahit –presets meta-large -r input --min-contig-len 1,000 -o output -t 40.

To recover the coding sequences of a significantly enriched polyhydroxybutyrate (PHB) depolymerase (identified using the hydrolase database above), the representative PHB depolymerase gene sequence was aligned to the 118,520 co-assembled contigs using tblastn with an e cutoff of 10−5, a minimum alignment length of 100 bp, and a minimum percent identity of 50%. An alignment to NCBI’s RefSeq genomic database was carried out with the same parameters in an effort to include gene sequences from previously described organisms. The relatedness of the 46 PHB depolymerase gene sequences from this study and gene sequences from the top 10 most similar genera from RefSeq was inferred by constructing a maximum-likelihood (ML) tree with IQ-TREE (Nguyen et al., 2015) version 1.6.1. Sequences were aligned using the M-Coffee mode of T-Coffee (Notredame et al., 2000) that combines results from eight different aligners and the tree was generated with 1,000 ultrafast bootstraps (Minh et al., 2013) using the best-fit model (TPM3u + F + R3) as determined by ModelFinder (Kalyaanamoorthy et al., 2017). The phylogenetic tree was annotated with FigTree version 1.4.32. Sequence similarity between the 46 PHB depolymerase gene sequences was determined using trimAl (Capella-Gutiérrez et al., 2009) version 1.4.15.



Recovery and Analysis of Genomes of Sulfate-Reducing Microorganisms

To characterize individual SRM within the PHA biofilm community, metagenome-assembled genomes (MAGs) were recovered using a previously described method (Parks et al., 2017). Briefly, the processed reads were mapped to the co-assembled PHA metagenomic contigs (produced using MEGAHIT above) with BWA (Li and Durbin, 2010) version 0.7.15-r1142 using the BWA-MEM algorithm with default parameters. Genomes were recovered with MetaBAT (Kang et al., 2015) version 2.12.1 using default MetaBat2 settings and a minimum contig size of 2000 bp. The resulting bins were merged, filtered, and refined using CheckM (Parks et al., 2015) version 1.0.11 and RefineM version 0.0.23, as described previously (Parks et al., 2017). Of the 46 bins produced, six MAGs were retained for further exploration based on criteria adopted by Parks et al. (Parks et al., 2017): an estimated quality of ≥50 (completeness – 5× contamination), scaffolds resulting in an N50 ≥ 10 kb, containing <100 kb ambiguous bases, and consisting of <1,000 contigs and < 500 scaffolds. Of those six MAGs, the three belonging to SRM as inferred with the “tree_qa” function in CheckM were explored further.

The three SRM MAGs were analyzed with the Pathosystems Resource Integration Center’s (PATRIC) (Wattam et al., 2017) comprehensive genome analysis service. The PATRIC database contains over 190,000 bacterial genomes and has been increasingly used in environmental studies (Harke et al., 2015; Skennerton et al., 2016; Ortiz-Álvarez et al., 2018).The automated PATRIC service includes annotation with RASTtk (Brettin et al., 2015), prediction of nearest neighbors with Mash/MinHash (Ondov et al., 2016), clustering of homologous proteins with OrthoMCL (Enright et al., 2002), alignment of conserved clusters with MUSCLE (Edgar, 2004), trimming with Gblocks (Talavera and Castresana, 2007), and concatenation followed by inference of a ML tree with RAxML (Stamatakis, 2014). All complete Desulfovibrionaceae, Desulfobacteraceae, and Desulfobulbaceae genomes in the PATRIC database (n = 43, 21, and 11, respectively) were included in the analysis. The resulting tree was annotated using FigTree version 1.4.3. Subsequently, these three MAGs were compared to all publicly available Desulfovibrionaceae, Desulfobacteraceae, and Desulfobulbaceae genomes in GenBank (n = 122, 107, and 65, respectively) by average nucleotide identity (ANI) using fastANI (Jain et al., 2018), using >95% ANI as the intraspecies threshold and <83% as an interspecies threshold. Additionally, PATRIC’s “Protein Family Sorter” tool was used to identify sulfate-reducing proteins within the three SRM MAGs. To identify any polymer degradation protein sequences within the MAGs, pCDS were generated using Prodigal (Hyatt et al., 2010) version 2.6.3 and were aligned against the custom hydrolase database (described above) using the same search parameters.



Dissimilatory Sulfur Reduction Potential

Predicted coding sequences (pCDS) from each of the 12 metagenomes were aligned against three databases representing the three steps of the dissimilatory sulfate reduction pathway. The database for the first step of the pathway (reduction of sulfate to adenylyl sulfate [APS]) included all sulfate adenylyltransferase (SAT/MET3) protein sequences in the UniProtKB protein database. The database for the second step of the pathway (reduction of APS to sulfite) included all APS reductase (AprBA) protein sequences in the UniProtKB protein database. To address redundancy within both databases, CD-HIT (Clarke and Gorley, 2015) version 4.7 was used to cluster protein sequences with default settings. This resulted in 612 and 239 protein sequences for the SAT/MET3 and AprBA databases, respectively. These two custom-made databases are also publicly available (see text footnote 1). For the third step of the pathway (reduction of sulfite to sulfide), metagenomes were aligned against a published database of DsrAB (Müller et al., 2014) protein sequences. Alignments were performed using BLAST+ (Camacho et al., 2009) version 2.6.0 (blastp) with an e cutoff of 10−5, a minimum alignment length of 30 amino acids, and a minimum percent identity of 50%. Positive alignments were normalized to the total pCDS, and the abundance of SAT/MET3, AprBA, and DsrAB sequences was compared between all samples (n = 11; PET2 failed normality testing).



Statistical Analyses

Unless stated otherwise, R (R Core Team, 2017) version 3.4.0 was used for statistical analysis of data. The combination of Shapiro–Wilk tests and quantile-quantile plots were used to test data for normality. One-way ANOVAs were generated using the R package multcomp, using a Tukey’s post hoc test with Westfall values.



Data Availability

All sequence reads were made available through the project accession ERP017130 at the European Nucleotide Archive. The six MAGs were deposited as Madre1, 2, 3, 4, 5, and 6 at GenBank under the accession numbers QZKZ00000000, QZLA00000000, QZLB00000000, QZLC0000000, QZLD00000000, and QZLE00000000, respectively.




RESULTS


Microbial Community Composition

Overall trends in the seawater-, ceramic-, PET-, and PHA-associated community compositions were visualized using the taxonomic rank of order based on the normalized proportion of OTUs assigned to each of the 12 samples (three seawater, three ceramic, three PET, and three PHA samples; Figure 1). The comparison of weighted UniFrac values revealed a significant difference between all three biofilm communities (ceramic, PET, and PHA) and the seawater community (PERMANOVA; p <0.05). Additionally, a significant difference was found between the PHA biofilm communities and both the ceramic and PET biofilm communities (PERMANOVA; p <0.05). By contrast, there was no significant difference between the PET and ceramic biofilm communities. Hierarchical clustering based on a Bray-Curtis resemblance matrix of OTU taxonomic assignments determined that the PET and ceramic biofilm communities were more closely related to the PHA biofilm community than to the seawater community (PERMANOVA; p <0.05).
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FIGURE 1. Bar plot showing the relative abundance of microbial orders. Abundances were normalized to the total number of sequences, and orders that constituted to less than 0.1% of the community were grouped under other. The 20 most abundant orders across all samples are displayed in the legend.
 

At the phylum level, OTUs belonging to Proteobacteria were the most abundant among all four community types, representing 42, 55, 59, and 72% of all OTUs in seawater, ceramic, PET, and PHA samples, respectively (Supplementary Table S2). Cyanobacteria was the second most abundant phylum in the seawater community (22%), making up a larger proportion of the community compared to the PET and ceramic biofilm communities (~6% for each), and even more so compared to the PHA biofilm community (0.7%). The presence of Chloroflexi (4%), Spirochaetes (4%), and Firmicutes (2%) among the most abundant phyla was unique to the PHA biofilm communities. A detailed report of taxonomic rank based on normalized proportion is provided in Supplementary Table S2.

The OTUs assigned to orders Subsection I of Cyanobacteria, Oceanospirillales, SAR11, and Sphingobacteriales were among the top five most abundant in the seawater community only, making up 20, 11, 8, and 7% of the total OTUs in seawater, respectively. The orders Desulfobacterales, Rhodobacterales, Xanthomondales, and Cellvibrionales were all among the top five most abundant orders in both the PET and ceramic biofilm communities. The abundance of Proteobacteria (72% of all OTUs) within the PHA biofilm community reflected the dominance of the order Desulfobacterales, an order of SRM that represented 37% of all OTUs and more than half of all Proteobacteria. Similar to the trends with phyla, the abundant orders within the PHA biofilm community were unique, with the orders of Gammaproteobacteria incertae sedis, Anaerolineales, and Spirochaetales being in the top five most abundantly assigned OTUs in the PHA biofilm communities.

Two genera of Cyanobacteria (Synechococcus and Prochlorococcus) represented almost 20% of all OTUs within the seawater community but made up a very small proportion (<1%) of all three biofilm communities. Members of uncultured genera from Desulfobacteraceae, Rhodobacteraceae, and Flammeovirgaceae were among the five most abundant genera in the PET and ceramic biofilm communities, representing almost 20% of all OTUs. Three genera within Desulfobacteraceae and an uncultured genus of Desulfobulbaceae combined to represent 20% of all OTUs within the PHA biofilm, reinforcing the dominance of SRM in that community (Supplementary Table S2).



Enrichment of Alpha/Beta Hydrolases

The comparison of normalized sequence abundance data revealed a significant enrichment of depolymerase and esterase gene sequences within the PHA biofilm communities versus the seawater, ceramic, and PET biofilm communities (ANOVA; p <0.05; Figure 2). The increase in depolymerases was nearly 20-fold, while the increase in esterases was approximately 2.5-fold. The significant increase in depolymerases was largely attributed to a polyhydroxybutyrate (PHB) depolymerase that constituted 60% of all hydrolases in the PHA biofilm communities but less than 0.4% of all hydrolases in other community types (Figure 3). Conversely, no hydrolases were enriched in the PET biofilm community versus either the ceramic biofilm or seawater communities. Hierarchical clustering based on a Bray-Curtis resemblance matrix of hydrolase relative abundance confirmed that PHA biofilm enzyme pools were significantly different from all other community types (SIMPROF; p <0.05). Seawater enzyme pools were also unique, while the PET and ceramic biofilms were indistinguishable (Figure 3).
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FIGURE 2. Bar plot showing the relative abundance of depolymerases, esterases, lipases, and cutinases. Gene sequences were normalized to the total number of pCDS in each sample, with individual samples plotted and grouped together based on community association (seawater, ceramic, PET, and PHA). Significance was determined using ANOVA (***p = <0.001, n = 3).
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FIGURE 3. The relatedness of biofilm communities based on a normalized comparison of hydrolase gene pools. The PHB depolymerase, abundant in the PHA communities, is shown in green. Hierarchal clustering was performed based on a Bray-Curtis resemblance matrix. Solid black lines indicate hydrolase gene pools significantly different from one another, while dotted red lines indicate enzyme pools that are not significantly different (SIMPROF analysis; p <0.05). The 10 most abundant enzymes across all samples are displayed in the legend.
 



Relatedness of Polyhydroxybutyrate Depolymerases

To characterize the enriched PHB depolymerases within the PHA biofilm communities, the three PHA metagenomes were co-assembled, resulting in 118,520 contigs totaling 245 Mbp. The N50 of the co-assembly was 2,119 bp, and the lengths of the smallest and longest contigs were 1,000 and 107,130 bp, respectively. The average contig length was 2,251 bp. The PHB depolymerase gene sequence was detected in 46 contigs. The average sequence identity between the 46 PHB depolymerase gene sequences was 54.0% with a range of 7.8–98.9%, and the ML tree illustrated the diversity of those 46 genes along with PHB depolymerase gene sequences from 10 known PHB degraders (Supplementary Figure S3).



Recovery and Analysis of SRM Genomes

Six high-quality MAGs were recovered from the co-assembled PHA biofilm metagenomes. Initial MAG identification was inferred with CheckM: Madre1 was placed in the genus Desulfovibrio, Madre2 in the Desulfobacteraceae family, Madre3 in the Desulfobulbaceae family, Madre4 in the Spirochaetaceae family, and Madre5 and Madre6 within the Gammaproteobacteria order (Table 1). The three SRM MAGs (Madre1, 2, and 3) averaged 391 contigs, a N50 value of 18,335 bp, and a maximum contig length of 76,914 bp. The genome sizes ranged from 3,852,664 to 5,613,049 bp (Madre1 and Madre2, respectively), while the number of genes ranged from 3,829 to 5,179 (Madre1 and Madre2, respectively), and the GC content ranged from 46.9 to 59.8% (Madre3 and Madre1, respectively).



TABLE 1. Six high quality MAGs were recovered from the three PHA co-assembled metagenomes.
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The identities of the three PHA-associated SRM genomes were further explored by building a genome-scale phylogenetic tree that included 43 Desulfovibrionaceae, 21 Desulfobacteraceae, and 11 Desulfobulbaceae reference genomes (Figure 4). The phylogeny confirmed the initial CheckM-based placement of the three MAGs and further refined their closest relatives. Madre1 was related to the type strain Desulfovibrio gigas DSM 1382 (ATCC 19364) (Le Gall, 1963; Morais-Silva et al., 2014). Madre2 was related to the uncultured Desulfobacula toluolica Tol2, an aromatic carbon-degrading SRM isolated from a seawater pond in Massachusetts (Wöhlbrand et al., 2013). Madre3 was related to the uncultured Desulfofustis sp. PB-SRB1 that was recovered from the “pink berry” consortia of the Sippewissett salt marsh (Wilbanks et al., 2014). However, a species could not be assigned to Madre 1, 2, or 3 given that each showed less than 83% ANI with the 122 Desulfovibrionaceae, 107 Desulfobacteraceae, and 65 Desulfobulbaceae reference genomes available in Genbank. The full tree, without collapsed branches, is included in the supplemental material (Supplementary Figure S4).
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FIGURE 4. Genome-scale maximum-likelihood tree showing the relatedness of the three PHA biofilm SRM (Madre1, Madre2, and Madre3) to members of the Desulfovibrionaceae, Desulfobacteraceae, and Desulfobulbaceae. The Madre SRM were highlighted in bold font. Node labels show the bootstrap support values. Branch lengths represent the average number of substitutions per site. The tree was rooted to a more distantly related Deltaproteobacteria that is not a known SRM (Bdellovibrio bacteriovorans HD1000).
 

Analysis of the three SRM MAGs revealed the presence of SAT/MET3 (Madre1, 2, and 3), AprBA (Madre2, and 3), and DsrAB (Madre1, 2, and 3) protein sequences. Additionally, the alignment of their pCDS to the custom hydrolase database revealed the presence of two distinct PHA depolymerase sequences in both Madre1 and Madre3.



Dissimilatory Sulfur Reduction Potential

The enrichment of dissimilatory sulfur reduction protein sequences within the PHA biofilm communities was assessed through the alignment of metagenomic pCDS against databases of sulfate adenylyltransferases (SAT/MET3), adenylyl sulfate (APS) reductases (AprBA), and sulfite reductases (DsrAB). The comparison of normalized sequence abundance revealed no significant differences in SAT/MET3 protein abundances. A significant enrichment in AprBA and DsrAB was detected in the PHA biofilm communities (ANOVA; p <0.05; Figure 5).
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FIGURE 5. Bar plot showing the relative abundance of sulfate adenylyltransferase (SAT/MET3), APS reductase (AprAB), and dissimilatory sulfite reductase (DsrAB) protein sequences. Protein sequences were normalized to the total number of pCDS in each sample, with individual samples plotted and grouped together based on community association (seawater, ceramic, PET, and PHA). Significance was determined using ANOVA (**p <0.01, *p <0.05, n = 2–3).
 




DISCUSSION

Plastic is a prominent marine pollutant. Numerous studies have characterized microbe-plastic interactions in pelagic systems, yet the effects of plastic pollution on benthic microbiota and biogeochemical cycling remain unclear. To address this knowledge gap, we conducted an in situ microcosm designed to ask how the benthic microbial community responds to plastic and bioplastic in coastal marine sediments. Coastal sediments are especially vulnerable to plastic loading due to their proximity to population centers and urban environments (Barnes et al., 2009), and the majority of plastic debris entering the oceans accumulates in coastal zones (Barnes et al., 2009; Thompson et al., 2009).

The comparison between surface-associated and free-living lifestyles has been a long-studied question in microbial ecology and, thereby, considerable literature is available to inform the study of surface-associated bacterial communities (Biddanda and Pomeroy, 1988; Karner and Herndl, 1992; DeLong et al., 1993; Crump et al., 1999; Hollibaugh et al., 2000; Kellogg and Deming, 2014). Based on this literature, it was hypothesized that all surface-associated communities (i.e., ceramic, plastic, and bioplastic) would be distinct in comparison to free-living communities, and the results of this study supported that hypothesis. The more salient question was the distinction between different surfaces, and this study revealed that PET was not colonized by a distinct community in comparison to the ceramic biofilm control. This finding is supported by a recent study demonstrating that pelagic microbial communities associated with PET were indistinguishable from those associated with a glass biofilm control (Oberbeckmann et al., 2016). Similarly, it was previously demonstrated that inert surfaces such as glass, ceramic, and coral skeleton have little influence on marine microbial community composition (Witt et al., 2011). The lack of distinction between PET and ceramic could also be due to the remote location of the study site seeing that previous reports of plastic degradation have occurred in highly polluted habitats that would select for and enrich plastic degraders (Nanda et al., 2010; Singh and Gupta, 2014; Yoshida et al., 2016).

Whereas PET was not colonized by a distinct microbial community, the introduction of PHA promoted a significant and distinct response. In particular, SRM were the dominant members of the PHA-associated assemblage (see Figure 3). Typically, the three most common SRM families (Desulfobacteraceae, Desulfobulbaceae, and Desulfovibrionaceae) account for between 5 and 20% of the total bacterial community in estuarine sediments (Bowen et al., 2012; Cheung et al., 2018). In this study, these three families made up a similar fraction of the plastic- and ceramic-associated benthic communities (9 and 12%, respectively) but they accounted for over 39% of the PHA-associated benthic community.

Naturally occurring PHAs are carbon and energy storage polymers that are accumulated as intracellular granules that aid survival during periods of nutrient limitation and environmental stress (Dawes and Senior, 1973; Obruca et al., 2018). The ability to produce and degrade PHA is thought to be widespread (Reddy et al., 2003) but its prevalence among SRM and its importance in carbon and sulfur cycling has not been thoroughly characterized. A previous study has reported PHA accumulation in Desulfococcus multivorans, Desulfobotulus sapovorans, Desulfonema magnum, and Desulfobacterium autotrophicum (Hai et al., 2004). Importantly, two culture-dependent studies have shown that addition of PHA to incubation bottles was correlated with sulfide production in anoxic lake sediments (Mas-Castellà et al., 1995; Urmeneta et al., 1995). Taken together, the accumulation of PHA in SRM, the PHA stimulation of sulfide production, and the PHA-selection of SRM (in this study) indicate that PHA is an important carbon source for sulfate reduction. However, it remains unknown if the sulfate reducers in our study can directly degrade PHA or if they rely on primary fermenters to first degrade the polymer into simple organic substrates.

A key reaction in PHA degradation is its depolymerization. In this study, a nearly 20-fold increase in the abundance of depolymerases indicated that PHA stimulated the growth of PHA-degrading bacteria. Further, the large diversity of the 46 depolymerases, recovered from the metagenome-assembled genomes, suggested these enzymes were distributed across a mixed microbial consortium. Although we did not measure enzyme activity, the increased abundance and diversity of these depolymerases support the hypothesis that PHA biofilms were sites of enhanced enzyme activity. Additional support for this hypothesis will be made available in a parallel and forthcoming 15-month study wherein weight loss and scanning electron microscopy were used to quantify PHA degradation at the same study site (Figure 6).


[image: image]

FIGURE 6. Scanning electron microscopy image of PHA pellets used to visualize signs of biodegradation. Panel (A) displays a pellet that was not exposed to benthic microbial communities, while Panel (B) shows a pellet exposed for 230 days.
 

Previous studies have shown, using adenylyl sulfate reductases (aprBA) and dissimilatory sulfite reductases (dsrAB) as functional markers, that sulfate reduction is more diverse and widespread than previously thought (Müller et al., 2014; Anantharaman et al., 2018; Hausmann et al., 2018). Further, the detection of apr and dsr genes in new phyla, made possible through the construction of genomes from metagenomes, has expanded the known diversity of sulfate-reducing microorganisms (Anantharaman et al., 2018; Hausmann et al., 2018). Here, we demonstrated that bioplastic communities were significantly enriched with both sulfate and sulfite reductases. We also reconstructed genomes from metagenomes to discover new Desulfovibrio, Desulfobacula, and Desulfofustis species (Madre 1, 2, and 3, respectively). While it remains unknown if SRM possessing depolymerases (i.e., Madre1 and Madre 3) can directly degrade PHA, an ongoing study will shed light on their growth requirements. Despite this open question, the increased abundance of sulfate-reducing enzymes and the discovery of three uncultured sulfate-reducing species lend additional support to the hypothesis that sulfate reduction in marine sediments is stimulated by the addition of PHA.

In a scenario where bioplastic use and pollution are more common, what remains unclear is the larger effect of the PHA-selection for SRM. Sulfate-reducing bacteria play a critical role in biogeochemical cycling as sulfate reduction is responsible for ~50% of organic carbon mineralization in marine sediments (Jørgensen, 1982), and the stimulation of SRM has been shown to suppress the growth of methanogenic archaea through the diversion of carbon flow from methane to carbon dioxide (Gauci et al., 2004). For example, the stimulation of SRM in coastal rice fields, through the application of sulfate-containing amendments, was shown to inhibit methane production (Lindau et al., 1994; Denier van der Gon et al., 2001). It is thus possible that bioplastic pollution and its stimulation of SRM could have unintended consequences that affect the balance between sulfate reduction and methanogenesis. More generally, it is also possible that bioplastic loading could alter the natural syntrophic cycling of PHA in marine sediments.

In conclusion, this study demonstrated that the introduction of plastic had no measurable effect on the benthic microbial community. By contrast, the introduction of bioplastic selected for a distinct microbial community that was enriched for hydrolases and dominated by SRM. Recovered genomes, representing the three most common families of SRM, contained depolymerases as well as aprBA and dsrAB reductases. Findings indicate that SRM play an important role in PHA degradation in coastal marine sediments. Given that sulfate reduction is a key process in the oceanic sulfur cycle, we recommend that future scientific investigation, government legislation, and best-management practices related to plastic pollution consider the effects of plastic as well as bio-based alternatives on benthic biogeochemical activities.
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TABLE S1 | Library preparation and sequencing information.

TABLE S2 | The top five members from each taxonomic rank based on normalized proportion per sample. Means (n = 3) plus or minus the standard error of mean are reported for each of the taxonomic assignments.

FIGURE S1 | Map of sampling location showing the Upper Laguna Madre (ULM) along the northwestern Gulf of Mexico (Texas, USA) with the sampling site labeled.

FIGURE S2 | Example of the sampling device designed for this experiment. Each sampling device (D) consisted of a PVC frame containing four MicroCaps: (A) polyethylene terephthalate (PET), (B) polyhydroxyalkanoate (PHA), or (C) ceramic pellets. A total of twelve MicroCaps (n = 4 of each sample type) were deployed at the water-sediment interface using a randomized experimental design as shown in panel (D).

FIGURE S3 | Maximum-likelihood tree showing the diversity of the 46 enriched PHB depolymerase gene sequences. Node labels show the bootstrap support values. Branch lengths represent the average number of substitutions per site. The tree was rooted to the original PHB depolymerase sequence.

FIGURE S4 | The complete phylogenetic tree containing the three PHA biofilm SRBs recovered in this study (highlighted in yellow). The coloration of labels corresponds to different taxa contained within the tree. Branch labels show the bootstrap support values. Unlabeled nodes have support values of 100. Branch lengths represent the average number of substitutions per site. The tree is rooted to a distantly related Deltaproteobacteria (Bdellovibrio bacteriovorans).



FOOTNOTES
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Polylactic acid (PLA) is one of the most commercially available and exploited bioplastics worldwide. It is an important renewable polymer for the replacement of petroleum-based plastic materials. They are both biodegradable and bio-based plastic. Microbial degrading activity is a desirable method for environmental safety and economic value for bioplastic waste managements. Members of the phylum actinobacteria are found to play an important role in PLA degradation. Most of the PLA degrading actinobacteria belong to the family Pseudonocardiaceae. Other taxa include members of the family Micromonosporaceae, Streptomycetaceae, Streptosporangiaceae, and Thermomonosporaceae. This mini-review aims to provide an overview on PLA degrading actinobacteria including their diversity and taxonomy, isolation and screening procedures and PLA degrading enzyme production from 1997 to 2019. Consideration is also given to where to sampling and how we might use these beneficial actinobacteria for PLA waste management.
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INTRODUCTION

Plastics are polymeric materials widely used globally with an important role in everyday life. Increasing demand promotes global plastic market to grow continuously (Mekonnen et al., 2013; Geyer et al., 2017). Conventional petroleum-derived plastics such as polyethylene terephthalate, PET are commonly used as single-use packaging which caused environmental problems from their resistant to degradation. Over the past few decades, awareness on our dependence on limited oil supply has been increased. These have inspired researchers all over the world to search for alternative renewable plastics. Eventually, bioplastics have been successfully developed (Vink et al., 2003, 2004). Bioplastics are large family of different materials. The word “bio-plastics” refers to either biodegradable plastics, bio-based plastics or features both properties (Tokiwa et al., 2009; Alshehrei, 2017). Bio-based is the term for material partly derived from renewable resources, while bio-degradable is a chemical process during which available microorganisms in the environments convert materials into natural substances (de Wilde, 2009; Song et al., 2009, 2011). Recently, there are bioplastic alternatives for almost all conventional plastics. Among currently available bioplastics, poly(lactic acid) (PLA) is one of the bio-based and biodegradable plastic of great commercial value (Karan et al., 2019). It is an aliphatic polyester manufactured by ring-opening polymerization of lactide or by polycondensation of lactic acid monomers derived from the fermentation of starch as a feedstock (Garlotta, 2001; Calabia et al., 2010; Karamanlioglu et al., 2017). PLA exhibited many excellent properties such as thermoplastics, gas barrier, UV resistant, elastic, rigid, hydrophobic, and biocompatible tissue (Farrington et al., 2005; Carosio et al., 2014; Scarfato et al., 2015; Farah et al., 2016). Therefore, it can be used for various applications such as food packaging and fiber suitable for technical textile application. Moreover, PLA has been used extensively in the medical field due to their ability to be incorporated into human and animal bodies as medical implants, drug delivery materials, and surgical sutures (Jalil, 1990; Ikada and Tsuji, 2000; Ahmed et al., 2018). Biodegradability of PLA is a critical consideration for the development of suitable biological treatments for waste management. A number of microorganisms and their enzymes are involved in biodegradation process especially, bacteria and filamentous fungi (Williams, 1981; Torres et al., 1996; Jarerat and Tokiwa, 2001; Kim et al., 2008; Szumigaj et al., 2008; Bubpachat et al., 2018). Actinobacteria are the first bacteria that found to degrade PLA (Pranamuda et al., 1997). This discovery opened up a view on actinobacteria as potential PLA degrading microorganisms.



DIVERSITY OF PLA-DEGRADING ACTINOBACTERIA: HOW TO FIND AND WHERE TO LOOK?

Polylactic acid-degrading ability in microorganisms are not widely distributed as PLA degraders are less discovered than other types of plastic degrading microorganisms (Nishida and Tokiwa, 1993; Pranamuda et al., 1997; Suyama et al., 1998; Tokiwa et al., 2009). Actinobacteria are among the few microorganisms with potential for PLA degradation (Jarerat et al., 2002, 2003; Sukkhum et al., 2009a, b, 2011, 2012; Chomchoei et al., 2011; Konkit et al., 2012; Penkhrue et al., 2015, 2018; Panyachanakul et al., 2017, 2019). PLA-degrading actinobacteria are affiliated with 26 species in 11 genera namely Actinomadura, Amycolatopsis, Kibdelosporangium, Micromonospora, Nonomuraea, Pseudonocardia, Saccharothrix, Streptoalloteichus, Streptomyces, Thermomonospora, and Thermopolyspora (Table 1).


TABLE 1. List of PLA-degrading actinobacteria, their degrading enzymes and degradation detection methods from 1997 to 2019.

[image: Table 1]
The most dominant PLA degrading actinobacteria are members of the genus Amycolatopsis namely Amycolatopsis sp. HT-32 (Pranamuda et al., 1997), Amycolatopsis sp. 3118 (Ikura and Kudo, 1999), Amycolatopsis sp. KT-s-9 (Tokiwa et al., 1999), Amycolatopsis mediterranei ATCC 27649 (Pranamuda and Tokiwa, 1999), Amycolatopsis sp. 41 (Pranamuda et al., 2001), Amycolatopsis sp. K104-1 (Nakamura et al., 2001), Amycolatopsis orientalis ssp. orientalis (Li et al., 2008), Amycolatopsis thailandensis CMU-PLA07T (Chomchoei et al., 2011), and Amycolatopsis sp. SCM_MK2-4 (Penkhrue et al., 2015). Members of the genus Amycolatopsis are well known producers of secondary metabolites which can be exploited for biotechnological applications (Tan and Goodfellow, 2015; Sangal et al., 2018). Amycolatopsis species are commonly found in arid or hyper-arid soils (Tan and Goodfellow, 2015) as exemplified by the description of recent novel Amycolatopsis from desert soils (Busarakam et al., 2016; Idris et al., 2018). However, these sources have been explored only for bioactive compounds producing Amycolatopsis. We opine that arid and hyper-arid environments might harbor diverse Amycolatopsis strains with potential PLA degrading properties.

Recently, research on PLA-degrading actinobacteria is focus on the mechanisms of degradation and their enzymatic role. The success of such studies relies on the ability to obtain these PLA-degraders in pure culture under laboratory conditions. In general, there are three approaches for the selective isolation of PLA degrading actinobacteria from environmental samples. The first approach is a simple direct isolation from the samples. Environmental samples are taken, prepared for an appropriate serial dilution and spread directly on emulsified PLA agar. After incubation at suitable temperature, plates were observed for the clear zone around colonies as an indicator for PLA degradation. For instance, the first PLA degrading actinobacterium in the family Pseudonocardiaceae, Amycolatopsis sp. HT-32 was isolated from soil samples and reported to form clear zone around colonies on emulsified PLA plate within 14 days (Pranamuda et al., 1997). Many PLA degrading actinobacteria were isolated from various environmental samples by dilution spread plate on emulsified PLA agar using this approach including a novel species, Amycolatopsis oliviviridis (Table 1). This direct isolation plate assay using emulsified PLA provides a convenient and easy way for screening large numbers of isolates for PLA degraders.

The second approach involves repeated adaptation and selection procedures. In this approach, basal agar plates were seeded with samples then, overlaid with PLA film. Colonies growing and appearing on the PLA films were selected and cultured in 10 mL basal medium containing 0.2% (w/v) PLA film at 30°C for 8 weeks to observe PLA degradation (Ikura and Kudo, 1999). The strains that decreased the film weight by more than 5.5% were transferred to a new liquid medium and incubated at 30°C and 37°C for 4 weeks, and strains that efficiently decreased the film weight were isolated. This method allows adaptation of actinobacteria to PLA degradation as PLA is a synthetic polymer generally not available in nature. Highly efficient PLA-degrading strains could be obtained by this adaptation approach as exemplified in the recent report on the degradation of PLA packaging by Streptomyces sp. KKU215 (Yottakot and Leelavatcharamas, 2019).

The third approach involved an enrichment step. Enrichment method is a very useful microbiological tool which is used to support the growth of interested microbes and to increase their small number in environmental samples to detectable levels (Pham and Kim, 2012). Briefly, a soil sample is cultured in a basal medium containing 0.1% (w/v) PLA film before the sample-enriched culture broth was spread onto the emulsified PLA agar. Novel actinobacteria, Amycolatopsis thailandensis CMU-PLA07T has been successfully isolated from natural park soil sample in northern Thailand using this approach (Chomchoei et al., 2011).

Over the past two decades, researchers have relied on conventional isolation methods to search for PLA degrading microorganisms in particular actinobacteria. However, it is well accepted that only a small fraction (approximately 1%) of bacteria exists in nature can be grown in the laboratory (Pham and Kim, 2012; Stewart, 2012). Modern molecular biological techniques provide a powerful tool to explore diversity of PLA degrading microorganisms in the environments. Most available techniques involve the analysis of nucleic acids extracted directly from the environments to study microbial diversity, thus avoid limitations of the culture dependent approach. This culture independent approach offers a useful tool for the detection of new group of PLA degrading actinobacteria.

Additional genera of PLA-degrading actinobacteria were found from compost samples using culture independent approach (Sangwan and Wu, 2008; Sangwan et al., 2009; Husárová et al., 2014). Total genomic DNA were extracted from the prepared mixtures sample and amplified by polymerase chain reaction (PCR) of small-subunit rRNA gene sequences to compare microbial community in compost before (day 0) and after PLA degradation (days-60) (Sangwan and Wu, 2008). Members of uncultured bacterial phyla at day 0 are mixture of Actinobacteria, Bacteroidetes, Chloroflexi, Firmicutes, Gemmatimonadetes, Planctomycetes, Proteobacteria, and TM7 while Actinobacteria are dominant in day-60 sample. The majority of cloned gene sequences identified belonged to members of the phyla Actinobacteria in the genera Actinomadura, Amycolatopsis, Pseudonocardia, Salinispora, Thermomonospora, and Thermopolyspora. Actinobacteria especially those belonging to the genera Thermopolyspora and Thermomonospora, are suggested to have important roles in biodegradation of PLA under composting conditions as these two genera were subsequently isolated from the compost sample at the end of the experiment. The PLA degradation under aerobic composting was observed as a change in PLA molecular weight and polydispersity index (PDI, [image: image]). After 60 days of composting, the [image: image] of PLA was reduced from 1.3 × 105 to approximately 5564 Da. The PDI comparison of PLA sample before and after 60 days of composting was slightly decreased (before composting, [image: image]=1.5; after 60 days composting, [image: image]=1.1) (Sangwan and Wu, 2008).

Cultivation experiment on the same day-60 compost found that most bacterial isolates selected for identification were belonged to the genera Rhizobium, Bacillus, and Tuberibacillus, with only two actinobacterial isolates belonged to the genera Thermomonospora and Thermopolyspora. The discrepancy between cultivation and molecular studies strongly suggested that culture dependent and independent approaches should be used in combination to search for new PLA degrading microorganisms from environmental samples. Similar result was reported by Husárová et al. (2014), PLA degrading bacteria identified as Thermopolyspora flexuosa FTPLA was isolated from compost and also detected by temperature gradient gel electrophoresis (TGGE) analysis. From these studies, it is evident that compost is also an interesting source for PLA degrading actinobacteria. These works highlight the importance of using novel molecular ecological techniques for in situ identification of novel microorganisms involved in biodegradation of polymeric materials in particular PLA and guided the isolation of such organisms in pure culture.



ACTINOBACTERIA AS POTENTIAL PLA DEGRADER – ENZYMATIC DEGRADATION AND INDUCERS

Polymeric materials like a poly(lactic acid) can be degraded by several microorganisms using their secreted enzymes by hydrolysis reaction (Banerjee et al., 2014). Many studies have been conducted on purification of depolymerase enzymes from PLA degrading microorganisms. Key enzymes which play an important role in depolymerization of PLA are carboxylesterase, cutinases, lipases, and serine proteases (Hajighasemi et al., 2016). Interestingly, only serine protease is identified as an important enzyme in PLA-degrading activities of actinobacteria in the genus Amycolatopsis (Tokiwa and Jarerat, 2004; Lim et al., 2005; Tokiwa and Calabia, 2006; Kawai, 2010). Serine protease usually follows a two-step reaction of hydrolysis. In the first step, PLA substrate binds to the surface of serine protease at the active site. Second step involves the cleavage of peptide-like bonds in PLA through reaction of catalytic amino acids (Ser, Asp, and His) collaborates with water (Hedstrom, 2002). However, little information on the purification and characterization of PLA degrading enzymes are available.

Purified PLA degrading enzymes have been reported from three PLA degrading Amycolatopsis. The first report dealing with the purification of a poly(L-lactic acid) degrading enzyme was purified from mesophilic actinobacteria, Amycolatopsis sp. strain 41 with a molecular weight of 40 kDa (Pranamuda et al., 2001). This enzyme is able to degrade PLLA powder, casein, silk fibroin, succinyl-(L-alanyl-L-alanyl-L-alanine)-p-nitroanilide (Suc-(Ala)3-pNA), but not polycaprolactone (PCL) nor polyhydroxybutyrate (PHB) with optimum pH and temperature of 6.0 and 37–45°C, respectively. The enzyme production could be induced by silk powder from silkworm cocoons. These authors suggested that this purified enzyme is a protease with higher PLLA degrading activity than proteinase K.

Extracellular PLA depolymerase from Amycolatopsis sp. strain K104-1 was purified and characterized (Nakamura et al., 2001). The purified enzyme can degrade high-molecular-weight PLA in emulsion and solid film to lactic acid. This enzyme also degraded casein and fibrin but did not hydrolyze collagen type I, triolein, tributyrin, PHB, or PCL. It has a molecular weight of 24 kDa with an optimum pH and temperature of 9.5 and 55–60°C, respectively. The PLA degrading activity was inhibited by di-isopropyl fluorophosphates (DFP) and phenylmethanesulphonylfluoride (PMSF) which indicated that this purified enzyme was a serine type protease.

Three novel PLA-degrading enzymes namely PLAase I (24.0 kDa), II (19.5 kDa), and III (18.0 kDa) were purified from A. orientalis ssp. orientalis (Li et al., 2008). The optimum pH was between 9.5–10.5 and temperature of 50–60°C. These purified enzymes could degrade high molecular weight PLA film as well as casein. The PLA degrading activity of all three enzymes are higher than proteinase K. They were identified as serine-like protease as their PLA degrading activities were strongly inhibited by serine protease inhibitors such as phenylmethylsulfonylfluoride and aprotinin. In addition, N-terminal amino acid sequence of the protein was determined for the initial 17 residues (IIGGSNATSGPYAARLF). Seven N-terminal amino acid residues were 100% identical to fibrinolytic proteases from the earthworm while ten N-terminal amino acid residues also revealed 80% identical to collagenolytic serine proteases from the hepatopancreas of the Kamchatka crab (Nakamura et al., 2001). From these results, purified depolymerase enzymes from PLA degrading Amycolatopsis strains are classified as serine protease which is specific to poly(L-lactic acid) (Matsuda et al., 2005; Tokiwa and Calabia, 2006; Kawai, 2010; Kawai et al., 2011; Wierckx et al., 2018).

Polylactic acid-degrading enzyme was also purified from Actinomadura keratinilytica T16-1 with molecular weight of 30 kDa is able to degrade Suc-(Ala)3-pNA, gelatin, PLA and casein but not PCL (Sukkhum et al., 2009b). The optimum pH and temperature were 10.0 and 70°C, respectively. N-terminal amino acid sequence of the purified enzyme was determined for the initial 15 residues (GYQNNPPSAGLDRAA). The hydrolyzing activity of the purified enzyme was inhibited by DFP, EDTA, and PMSF. This observation indicated that PLA-degrading enzyme produced from A. keratinilytica T16-1 is serine protease.

It has been reported that several actinobacteria exhibited a high level of PLLA-degrading activity when liquid culture medium were supplemented with poly(amino acids) inducers such as silk fibroin, elastin, gelatin, some peptides, and amino acids (Jarerat et al., 2004; Tokiwa and Calabia, 2006). For example, the PLLA-degrading enzyme activity of A. orientalis was increased from 0 U/mL to 450 U/mL in the medium supplemented with silk fibroin (0.1% w/v). Similarly, the supplement of 0.1% (w/v) elastin was able to increase the PLA-degrading enzyme activity of Lentzea waywayandensis (formerly Saccharothrix waywayandensis) to 96 U/mL compared to culture control without inducer (0 U/mL) (Jarerat et al., 2004). Most inducers contain L-alanine which is similar to L-lactic acid subunits of PLA in the stereochemical position of chiral carbon (Qi et al., 2017). For example, the PLLA-degrading activity of Amycolatopsis sp. 41 was increased with the addition of silk powder into the culture medium from 8 mg TOC/h/mL to 258 mg TOC/h/mL within 5 days (Pranamuda et al., 2001). PLLA-degrading enzymes of L. waywayandensis and Kibdelosporangium aridum were capable of degrading high molecular weight PLA film ([image: image]: 3.4 × 105) in a liquid medium containing 0.1% (w/v) gelatin (Jarerat and Tokiwa, 2003; Jarerat et al., 2003).

The induction of PLA-degrading enzyme activities of two actinobacteria L. waywayandensis and A. orientalis was investigated using various poly(L-amino acids) (silk fibroin, gelatin, elastin, and keratin), peptides [(Ala)2, Ala-Gly, (Gly)2, (Gly)3, Gly-Ala, and (Gly)2-Ala] and amino acids (alanine, glycine, serine leucine, lysine, methionine, and valine) (Jarerat et al., 2004). The enzyme activities were varied between different strains and inducers. Silk fibroin was the best inducer for A. orientalis and elastin for L. waywayandensis. A clean biological recycling of PLA under mild condition (40°C) using enzyme from A. orientalis IFO12362T without organic solvent was also proposed (Jarerat et al., 2006). However, repolymerization of the degradation products was not carried out. Pseudonocardia alni AS4.1531T was also reported to respond to 0.1% (w/v) gelatin inducer (Konkit et al., 2012). Similar result was observed in Pseudonocardia sp. RM423 in liquid medium with 0.3% (w/v) gelatin as an inducer (Apinya et al., 2015). Strain RM423 was augmented into soil to assist the indigenous microorganisms with PLA degradation under both mesophilic and thermophilic conditions.



DEVELOPMENT AND APPLICATION OF PLA DEGRADATION BY ACTINOBACTERIA

Development of microbial-degradation process and formulation of PLA-degrading enzyme production media are needed as a sustainable technology for PLA waste management. Single culture, co-culture and microbial consortium were tried out to find the most effective biodegradable conditions. A comprehensive study on development of actinobacteria for PLA-degradation was reported in A. keratinilytica T16-1. Strain T16-1 is a novel actinobacteria isolated from Thai forest soil that showed the highest PLA-degrading activity at high temperature (50°C) in liquid medium supplemented with PLA film as a carbon source (Sukkhum et al., 2009b, 2011). The fermentation processes for PLA degrading enzyme production by strain T16-1 has been well-studied. Biodegradation efficiency of strain T16-1 was investigated in shake flask culture. Factors affecting the enzyme production by A. keratinilytica T16-1 and medium optimization were investigated using response surface methodology (Sukkhum et al., 2009a). Poly(L-lactide)-degrading enzyme production by this strain was carried out in a 3L airlift fermenter under the obtained optimum conditions. The optimal conditions of crude enzyme production were demonstrated as 0.43 vvm aeration rate, pH 6.85 and temperature of 46°C. The obtained enzyme showed potential for PLA polymer recycle as L-lactic acid was found as the major degrading product. A yield of 800 mg/L L-lactic acid was obtained from the degradation of 4,000 mg/L L-PLA powder at 60°C for 8 h (Sukkhum et al., 2012).

In addition, re-polymerization of PDLLA recycling process was evaluated by statistical methods based on central composite design (CCD) to develop new technologies for reducing plastic waste in the near future. Approximately 6,700 mg/L PLA powder was degraded by the crude enzyme under optimized conditions (Youngpreda et al., 2017). The degradation products were re-polymerized to form a PLA oligomer ([image: image] 378 Da). PLA-degrading enzyme activity of A. keratinilytica T16-1 was improved and reached 150 U/mL within 72 h in an up-scale 3L airlift fermenter (Panyachanakul et al., 2017). Furthermore, a suitable immobilization material and optimum medium for PDLLA-degrading enzyme production by A. keratinilytica T16-1 was investigated. A scrub pad gave the best performance, giving a crude enzyme activity of 30.03 U/mL in shake flask culture. PDLLA-degrading enzyme production of 766.33 U/mL with 15.97 U/mL⋅h of enzyme productivity were achieved with the optimum fermentation conditions of 0.25 vvm aeration, 170 rpm agitation and 45°C incubation temperature for 48 h in batch fermentation using 5L stirrer fermenter. Recently, a scale-up for PLA degrading enzyme production by A. keratinilytica T16-1 in a 5L stirred tank bioreactor was carried out under batch condition (Panyachanakul et al., 2019). The best condition for PLA degradation was an agitation speed of 50 rpm at 60°C under a controlled pH of 8.0. A potential method for commercial PLA material degradation by this crude enzyme was also reported. However, lactic acid as degradation products showed inhibitory effect on PLA degradation process. PLA degradation efficiency could be enhanced using simultaneous PLA degradation and dialysis method. The maximum conversion efficiency (percentage of PLA that had been degraded to liberated lactic acid) of 89% was achieved after incubation for 72 h under optimum condition.

Polylactic acid recycling methods such as chemical hydrolysis and pyrolysis have been previously reported (Tsuji and Nakahara, 2002; Fan et al., 2003). However, biological recycling process is considered to be a more environmentally friendly and sustainable approach for PLA waste management. PLA degrading enzymes from actinobacteria such as A. orientalis (mesophilic condition) and A. keratinilytica T16-1 (thermophilic condition) are proved to be a potential candidate for biological recycling of PLA. Large scale fermentation of PLA degrading enzyme as exemplified in A. keratinilytica T16-1 is opened up the opportunity for a sustainable PLA waste management.



GENOMIC INSIGHTS INTO PLA-DEGRADING ACTINOBACTERIA OF THE GENUS AMYCOLATOPSIS

The genome sequences of six representatives Amycolatopsis strains, namely A. alba DSM 44262 (accession number: KB913032), A. balhimycina DSM 44591T (accession number: AJ508239), A. japonica MG417-CF17 (accession numbers: CP008953), A. orientalis B-37 (accession numbers: CPCC200066), A. mediterranei U32 (accession numbers: CP002000), and A. thailandensis JCM 16380T (accession numbers: NZ_NMQT00000000.1) were obtained from GenBank. These six phylogenetically closely related strains were selected based on whole genome comparison (data not shown) to test whether comparative genomics could provide useful information for the selection of PLA degrading strains. A. tolypomycina DSM 44544T (accession numbers: NZ_FNSO00000000) was also included in an analysis as a distantly related strain with the six Amycolatopsis strains. A. alba, A. orientalis, A. mediterranei, and A. thailandensis have been previously reported to have PLA degrading ability (Pranamuda and Tokiwa, 1999; Li et al., 2008; Chomchoei et al., 2011). All sequences were annotated using the Rapid Annotation Subsystem Technology (RAST) server (Aziz et al., 2008). The distribution of PLA-degrading genes in the genomes was determined using the SEED server (Overbeek et al., 2014) with focus on genes encoding for protein degradation, serine endopeptidase and those regulating the effect of PLA-degrading activities. Genomic features of these six Amycolatopsis strains were listed in Table 2.


TABLE 2. General features of the genome of representative Amycolatopsis species.

[image: Table 2]Serine proteases/serine endopeptidases (EC 3.4.21.-) are enzymes responsible for PLA degradation. It was purified and characterized from PLA-degrading actinobacteria, Amycolatopsis sp. (Pranamuda et al., 2001; Li et al., 2008). Comparative genomics reveal that serine endopeptidase related genes such as sspA and blaSE are present in protein degradation subsystem category of all representatives Amycolatopsis species (Supplementary Table 1). However, there is no report on PLA degrading activities of either A. balhimycina DSM 44591T or A. japonica MG417-CF17. It is reasonable to believe that these two species will have PLA degrading property similar to their phylogenetically related neighbors. Interestingly, these genes encoding for PLA degrading enzymes are also present in genomes of A. tolypomycina DSM 44544T which is distantly related to the six representative strains. From this small set of comparison, it seems that these genes related to PLA degradation are conserved within the members of the genus Amycolatopsis. We believe that this genomic analysis will provides a powerful tool for exploiting genetics potential of actinobacteria for PLA degradation.



CONCLUSION AND FUTURE PERSPECTIVES

This mini-review provides evidence to support the view that actinobacteria are potential PLA degrading microorganisms. Several members of actinobacteria are able to degrade poly(lactic acid) bioplastics either under laboratory conditions or under field trials (Table 1). Selective isolation and cultivation of PLA degrading actinobacteria under laboratory conditions is proving to be a challenge. There is still a room for improvement in selective isolation procedures and strategies to target specific actinobacterial taxa of interest. A sound taxonomic data will provide a ground for an improved isolation and cultivation for PLA degrading actinobacteria. Comparative genomics offer a tool for screening of potential PLA degrading actinobacteria as exemplified in this study. The accumulation of high-quality whole genome data provides a useful information to support the search for novel actinobacterial strains with PLA degrading ability. Actinobacteria are well known for their ability to produce bioactive compounds. However, their potential as PLA degraders is just becoming apparent. PLA degrading actinobacteria such as Amycolatopsis and Actinomadura have shown promise which deserves research attention as market demand for PLA plastics are continuously on the rise.
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Degradation of Recalcitrant Polyurethane and Xenobiotic Additives by a Selected Landfill Microbial Community and Its Biodegradative Potential Revealed by Proximity Ligation-Based Metagenomic Analysis
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Polyurethanes (PU) are the sixth most produced plastics with around 18-million tons in 2016, but since they are not recyclable, they are burned or landfilled, generating damage to human health and ecosystems. To elucidate the mechanisms that landfill microbial communities perform to attack recalcitrant PU plastics, we studied the degradative activity of a mixed microbial culture, selected from a municipal landfill by its capability to grow in a water PU dispersion (WPUD) as the only carbon source, as a model for the BP8 landfill microbial community. The WPUD contains a polyether-polyurethane-acrylate (PE-PU-A) copolymer and xenobiotic additives (N-methylpyrrolidone, isopropanol and glycol ethers). To identify the changes that the BP8 microbial community culture generates to the WPUD additives and copolymer, we performed chemical and physical analyses of the biodegradation process during 25 days of cultivation. These analyses included Nuclear magnetic resonance, Fourier transform infrared spectroscopy, Thermogravimetry, Differential scanning calorimetry, Gel permeation chromatography, and Gas chromatography coupled to mass spectrometry techniques. Moreover, for revealing the BP8 community structure and its genetically encoded potential biodegradative capability we also performed a proximity ligation-based metagenomic analysis. The additives present in the WPUD were consumed early whereas the copolymer was cleaved throughout the 25-days of incubation. The analysis of the biodegradation process and the identified biodegradation products showed that BP8 cleaves esters, C-C, and the recalcitrant aromatic urethanes and ether groups by hydrolytic and oxidative mechanisms, both in the soft and the hard segments of the copolymer. The proximity ligation-based metagenomic analysis allowed the reconstruction of five genomes, three of them from novel species. In the metagenome, genes encoding known enzymes, and putative enzymes and metabolic pathways accounting for the biodegradative activity of the BP8 community over the additives and PE-PU-A copolymer were identified. This is the first study revealing the genetically encoded potential biodegradative capability of a microbial community selected from a landfill, that thrives within a WPUD system and shows potential for bioremediation of polyurethane- and xenobiotic additives-contamitated sites.

Keywords: biodegradation, microbial community, polyether-polyurethane-acrylate, xenobiotic additives, metagenomics, Hi-C proximity-ligation, community structure, biodegradative potential


INTRODUCTION

Plastic pollution represents a pervasive anthropogenic threat for the survival of natural ecosystems. Worldwide, plastics have become so abundant that they have been proposed as geological markers for the Anthropocene era (Zalasiewicz et al., 2016). In 2017, a total of 348 million tons of plastics were manufactured (Plastics Europe, 2018) and their production keeps increasing. Polyurethanes (PU) are versatile plastics produced as thermoplastics, thermosets, coatings, adhesives, sealants and elastomers that are incorporated into our daily life in building insulation, refrigerators and freezers, furniture and bedding, footwear, automotive, clothing, coatings, adhesives, and others. PU was ranked as the sixth most used polymer worldwide with a production of 18 million tons in 2016 (Cornille et al., 2017). The extensive utilization of PU generates wastes that are mainly disposed in municipal landfills where, because of its structural complexity will remain as polymeric structures for decades, or are burned generating toxic substances that negatively impact human health and ecosystems (Cornille et al., 2017). Furthermore, some PU such as polyether (PE)-PU are more recalcitrant than others, and additionally, some PU-based liquid formulations contain additives that include secondary alcohols and glycol ethers that function as solvents or coalescent agents. Glycol ethers enter the environment in substantial quantities, are toxic for many microbial species (Kawai, 2010; Varsha et al., 2011; Malla et al., 2018) and represent a potential hazard for human health (Organization for Economic Co-operation and Development, 2003).

Over the last three decades, several research groups have isolated microorganisms capable of attacking PU (Oceguera-Cervantes et al., 2007; Cregut et al., 2013; Álvarez-Barragán et al., 2016; Gamerith et al., 2016; Osman et al., 2018; Magnin et al., 2019) and degrading xenobiotic additives (Ojo, 2007; Varsha et al., 2011). Also, the degradation capabilities of several fungal and bacterial communities over PU in compost, soil or liquid cultures (Zafar et al., 2014; Shah et al., 2016; Vargas-Suárez et al., 2019), and over some xenobiotics in different activated sludges (Ferrero et al., 2018) have been assessed. However, PU biodegradation is still a challenge for environmental and biological disciplines and little is known about structure or potential degradative enzymatic pathways of microbial communities capable of PU biodegradation. Metagenomics provides access to the structure and genetic potential of microbial communities, helping to understand the ecophysiological relationships governing the dynamics of their populations in the environment. Recently, a new approach has been developed that allows the reconstruction of individual genomes of microbial species using physical interactions between sequences within cells (Burton et al., 2014). This approach involves Hi-C proximity ligation and yields direct evidence of sequences co-occurrence within a genome. It is used for de novo assembly, identification of complete and novel genomes (Press et al., 2017) and for testing functional and phylogenetic hypotheses, surpassing other methods for clustering contigs by taxonomic origins (Wu et al., 2014; Breitwieser et al., 2019; Shaiber and Eren, 2019).

To characterize the biodegradation process of the recalcitrant plastic PE-PU by microbial communities, we adopted the commercial water PU dispersion PolyLack® (Sayer Lack, México) that contains a proprietary aromatic polyether-polyurethane-acrylate (PE-PU-A) copolymer and the xenobiotic additives N-methylpyrrolidone (NMP), isopropanol (IP) 2-butoxyethanol (2-BE), dipropyleneglycol butyl ether (DPGB), and dipropyleneglycol methyl ether (DPGM). In this work, we provide comprehensive chemical and physical evidences of the capacity of a selected landfill microbial community to degrade an aromatic PE-PU-A copolymer and the aforementioned xenobiotic additives. In addition, we analyzed the structure and phenotypic potential of this community by applying the Hi-C proximity ligation technology. Based on these analyses, we identified a novel microbial landscape that can deal with PE-PU-A and xenobiotics additives degradation and proposed putative metabolic pathways and genes that can account for these capabilities. This is one of the few studies that combine physical and chemical analyses with metagenomics to elucidate possible metabolic pathways involved in xenobiotics biodegradation. Furthermore, this is the first metagenomic analysis of a polyurethane-degrading enriched landfill community. Understanding these pathways will help to design environmental biotechnological strategies that contribute to mitigate plastics and xenobiotics pollution and to achieve a better environmental quality.



MATERIALS AND METHODS


Site Location and Sampling Procedure

Deteriorated PU foam samples were collected at El Bordo Poniente (BP) landfill, located at Nezahualcóyotl Estado de México, México (19°27′10′′N; 99°0′58′′W). The samples were visually identified in piles of waste and in lixiviate waters, gathered by hand with sterile latex gloves and placed in sterile plastic bags for transportation to the laboratory. Then, they were immediately used to start the enrichment cultures.



Microbiological Techniques

For obtaining the enriched microbial community from the BP8 sample, approximately 1 cm3 was cut over a sterile Petri dish using a sterile scalpel. This PU foam piece was inoculated in 125 mL Erlenmeyer flask with 25 mL of minimal medium (MM) (Nakajima-Kambe et al., 1995) containing PolyLack® (0.3% v/v), as the sole carbon source (MM-PolyLack). PolyLack® Aqua Brillante (Sayer Lack, Prod. Num. UB-0800, México), mainly used for coating of wood floors with moderate transit, contains a proprietary aromatic PE-PU-A copolymer (≤30% w/v), and the additives NMP (≤6% v/v), 2-BE (≤5% v/v), IP (≤3% v/v), DPGB (≤2% v/v), DPGM (≤1% v/v), and silica (≤3% w/v) (Sayer Lack. Hoja de Datos de Seguridad de Materiales. PolyLack® Aqua Brillante, UB-0800. 09.18.2014. Version 4/0. México). The flask was incubated at 30°C and 220 rpm for 7 days. Two ml of this culture were transferred to 25 ml of fresh MM-PolyLack and cultured for 7 days, repeating two more times, for a total of 28 days, before being conserved in MM-PolyLack glycerol 30% at −70°C. The microbial mixed culture obtained from the landfill community, named as BP8, was propagated and conserved by inoculating 25 ml of fresh MM-PolyLack with a 500 μl glycerol from the original enriched community, incubated for 7 days and used to prepare new glycerols. BP8 growth was quantified by dry weight. For that, flasks with MM-PolyLack (25 ml) were inoculated with fresh cells (3 mg/ml) harvested from pre-cultures grown in MM-PolyLack for 48 h at 37°C, 220 rpm. At different incubation times, cells of one flask were harvested, washed three times with phosphate buffer (50 mM, pH 7) and dried to constant weight.



Cell-Substrate Interactions Techniques

For Cell surface hydrophobicity (CSH) measurements, cells were washed twice and suspended in phosphate buffer (0.05 M, pH 7) to an optical density (OD) of 0.6 (600 nm). The mixture of cell suspension (2 ml) and n-hexadecane was vortexed for 3 min and after that, the organic and aqueous phases were allowed to separate for 30 min. OD was measured in the cell suspension (aqueous phase). CSH is expressed as the percentage of adherence to hexadecane and it was calculated as follows: 100 × [1-(OD600 of the cell suspension after 30 min)/(OD600 of the initial cell suspension)] (Rosenberg et al., 1980). Emulsification capacity of the culture medium was determined by mixing 2 ml of cell-free supernatant (CFS) and 3 ml of n-hexadecane in glass test tubes. The tubes were vigorously vortexed for 2 min and afterward let to stand at room temperature. The emulsification index (EI24) was calculated after 24 h as follows: 100 × [emulsified layer height/total liquid column height] (Cooper and Goldenberg, 1987). To observe cell-copolymer interactions, cells were fixed with 3% (v/v) glutaraldehyde in phosphate buffer (100 mM, pH 7.4), at 4°C overnight, washed three times, dehydrated with serial dilutions of ethanol, coated with gold and analyzed in a JEOL JSM-5900-LV electron microscope.



Analytical Techniques

Nuclear magnetic resonance (NMR) spectra from dried PolyLack® dissolved in C5D5N (30 mg/ml) were recorded at 298 K in a Bruker Avance 400 NMR (Billerica, MA, United States) at 400 MHz (1H). For most of the analytical techniques, CFS were obtained by centrifugation at 17,211 × g for 10 min, filtered through Whatman grade 41 paper, and dried at 37°C for 5 days. Carbon content was determined in a Perkin Elmer Elemental Analyzer (2400 CHN/O, Series II, Shelton, CT, United States). For gas chromatography coupled to mass spectrometry (GC-MS) analysis, 25 ml CFS were extracted in 6 ml LC-18 cartridges (Supelco) at a flow rate of 2 ml/min, eluted with 2 ml chloroform:methanol (1:1, v/v) and concentrated to 0.5 ml. Samples were injected in an Agilent GC system (7890B, Santa Clara, CA, United States) using two 5% phenyl-methylpolysiloxane columns (15 m × 250 μm × 0.25 μm). Oven was heated from 50 to 300°C at 20°C/min, Helium was used as carrier gas at a flow rate of 1 ml/min. The injector temperature was 300°C. For the quantification of additives, pure compounds (Sigma-Aldrich Chemicals ≥98% purity) were used for standard curves. Identification of biodegradation products was performed in an Agilent Quadrupole Mass Analyzer (5977A MSD, Santa Clara, CA, United States) with electronic ionization energy of 1459 EMV and the mass range scanned at 30–550 amu. Scan rate was 2.8 spec/s. Data acquisition was performed with the Enhanced MassHunter software system. Compounds were identified based on mass spectra compared to the NIST database (2002 Library). Fourier transform infrared spectroscopy (FTIR) analyses were performed in dried CFS, by using a Perkin Elmer spectrometer (Spectrum 400, Waltham, MA, United States) in attenuated total reflection mode; 64 scans with a resolution of 4 cm–1 were averaged in the range of 500–4000 cm–1, processed and analyzed (Spectrum v6.3.5.0176 software). Derivative thermogravimetric analyses (DTG) were performed in a Perkin Elmer Thermogravimetric Analyzer (TGA 4000, Waltham, MA, United States) on 2.5 mg of dried CFS samples heated 30–500°C at a rate of 20°C/min, under a N2 atmosphere. Differential scanning calorimetry (DSC) was performed analyzing 10 mg of dry CFS in a Q2000 (TA Instrument, New Castle, DE, United States) at a rate of 10°C/min, under a nitrogen flow of 50 ml/min, at a 20–600°C range. For Gel permeation chromatography (GPC) of PE-PU-A copolymers, liquid CFS were extracted in a similar way that described above for GC-MS analysis, but the 2 ml chloroform:methanol (1:1, v/v) elution was evaporated to dryness at 25-30°C. The dried sample was resuspended in tetrahydrofuran (THF) at 15 mg/ml of solids, then filtrated through 0.45 μm Whatman filters and injected in a Waters 2695 Alliance Separation Module GPC (Milford, MA, United States) at 30°C in THF, using a universal column and a flow rate of 0.3 ml/min. All the analyses were performed at least in three replicates.



Hi-C Proximity Ligation-Based Metagenomic Analysis

BP8 community cells cultured for 5 days in 50 ml of MM-PolyLack were harvested and washed three times with phosphate buffer. Cells were resuspended in 20 ml TBS buffer with 1% (v/v) formaldehyde (J. T. Baker) (crosslinker) and incubated 30 min with periodic mixing. The crosslinker was quenched with glycine (0.2 g) (Bio-Rad) for 20 min, thereafter cells were centrifuged, lyophilized and frozen at −20°C. For DNA extraction, cell pellets (100 μl of solid cellular material, equivalent to 109 – 1010 cells) were resuspended in 500 μl of TBS buffer containing 1% (v/v) Triton X-100 and protease inhibitors (Press et al., 2017). DNA was digested with Sau3AI and MluCI and biotinylated with DNA Polymerase I Klenow fragment (New England Biolabs) followed by ligation reactions incubated for 4 h and then overnight at 70°C to reverse crosslinking. The Hi-C DNA library was constructed by using the HyperPrep Kit (KAPA Biosystems, Wilmington, MA, United States). A shotgun library was also prepared from DNA extracted from non-crosslinked cells using Nextera DNA Sample Preparation Kit (Illumina). The two libraries were paired-end sequenced using NextSeq 500 Illumina platform (Illumina, San Diego, CA, United States). De novo metagenome draft assemblies from the raw reads were made using the metaSPAdes assembler (Nurk et al., 2017). Hi-C reads were then aligned to the contigs obtained from the shotgun library using the Burrows-Wheeler Alignment tool (Li and Durbin, 2010) requiring exact read matching. The ProxiMeta algorithm was used to cluster the contigs of the draft metagenome assembly into individual genomes (Press et al., 2017). Additionally, we performed a community taxonomic profiling from shotgun reads using MetaPhlAn tool (Segata et al., 2012). Genome completeness, contamination, and other genomic characteristics were evaluated using CheckM pipeline (Parks et al., 2015). Phylogenetic analysis was performed using the single copy molecular markers, DNA gyrase subunit A and ribosomal proteins L3 and S5, selected from each deconvoluted genome and compared to homologous sequences from GenBank. Alignments were cured with Gblocks tool1 and WAG plus G evolutionary models were selected using Smart Model Selection tool (Lefort et al., 2017). Finally, phylogeny was inferred with the graphical interface of SeaView (Gouy et al., 2010) using the Maximum Likelihood method. To compare genetic relatedness, Average Nucleotide Identity (ANI) between the genomes and the closest phylogenetic neighbors was calculated (Yoon et al., 2017). Open reading frames were identified using MetaGeneMark (Zhu et al., 2010). KO assignments (KEGG Orthology) and KEGG pathways reconstruction were performed with GhostKOALA server and KEGG Mapper tool, respectively (Kanehisa et al., 2016). All the xenobiotic degradation pathways were manually curated to only report those pathways in which most of the enzymes were encoded in the BP8 metagenome.



RESULTS


Growth and Interactions of BP8 Cells With PolyLack®

The BP8 community cultivated in MM-PolyLack for 25 days exhibited a biphasic growth with a first phase, from 0 to 13 days, presenting a growth rate (2–4 days) of 0.008 h–1 and a second phase, from 13 to 25 days, with a growth rate (13–20 days) of 0.005 h–1. Biomass increased from 0.32 to 2.9 mg/ml and consumed 50.3% of the carbon from the medium at 25 days (Figure 1A). EI24 initial value was 70%, it decreased to 24% at 20 days and increased again to 70%. CSH started at 62% and decreased to 25% at the first growth phase; thereafter it increased to 42% and remained constant until 20 days to increase to 67% at the end of the second phase (Figure 1B). SEM analysis at 10 days of cultivation revealed multiple-sized (0.5–1.5 μm) rod-shaped cells aggregated and attached to copolymer particles (Figure 1C).
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FIGURE 1. Characteristics of the BP8 community growing in MM-PolyLack. (A) Growth and carbon consumption, (B) emulsification index (EI24) and cell surface hydrophobicity (CSH) at different cultivation times. (C) SEM micrograph of BP8 cells attached to the PE-PU-A copolymer at 10 days of cultivation. Bars represent standard deviation. n = 3.




Chemical and Physical Changes in PolyLack® Components Generated by the BP8 Community

To characterize the biodegradative activity of the BP8 community on the PolyLack® components, we performed different analytical techniques. GC-MS analysis of the CFS revealed that BP8 metabolized the xenobiotic additives, NMP and IP at the first day of cultivation and 2-BE at the fourth day. DPGM and DPGB were metabolized 84 and 73%, respectively, at the first day and remained constant until the end of the experiment (Figure 2A and Supplementary Table S1). Since the PE-PU-A copolymer structure is unknown, we proposed a hypothetical structure (Figure 3), based on 1H-NMR, the manufacturer’s technical sheet and in the most frequently used chemicals for the synthesis of this copolymer (Pardini and Amalvy, 2008; Gite et al., 2010; Maurya et al., 2018). Since the first day of cultivation, complex and diverse chemical compounds such as aromatics, nitrogen-containing, ethers, esters, aliphatics, alcohols and organic acids, derived from the copolymer breakdown were observed. During the first 3 days (log phase) the degradation products were low abundant, at 10 days (intermediate lag phase) accumulation occurred, and during the second log phase their abundance decreased. Notably, isocyanates [2,4-toluene diisocyanate (TDI) and methylene diphenyl diisocyanate (MDI)] derivatives were aromatic amines observed maximal at the beginning and diminished throughout the cultivation period (Figure 2B, Supplementary Figure S1, and Supplementary Table S2), suggesting that metabolization of the urethane groups is being achieved. FTIR of dried CFS revealed changes in PE-PU-A functional groups. The signal intensity of the C=O stretch from urethane and acrylate carbonyl groups (1730 cm–1) increased at 5 days and lately decreased, suggesting hydrolysis and subsequent catabolism of urethanes and acrylates. The signal for aromatic groups C=C stretch (1600 cm–1) considerably decreased at 20 days, while the signal for aromatic C-C stretch (1380 cm–1) showed variable intensities at different days, and a new C-C signal for aromatics (1415 cm–1) appeared at 20 days, indicating the cleavage of the aromatic rings. The urethane N-H bending plus C-N stretch signal (1550 cm–1) slightly decreased at 15 days and increased at the end of the cultivation time, whereas urethane C-N stretching band (1231 cm–1) significantly increased, indicating urethane attack. Signals associated with urethane C-O-C stretch (1086 cm–1, 1049 cm–1) and C-O-C symmetric stretch (977 cm–1) decreased during the cultivation period, indicating microbial activity on the ether groups. The signal for the acrylate’s vinyl group C=CH2 out of plane (850 cm–1) decreased at 20 days, indicating the cleavage of the acrylate component. Also, the aliphatic chain signals (704 and 520 cm–1) decreased during the cultivation period (Figure 4A). DTG thermograms exhibited four stages of thermal decomposition corresponding to the functional groups of the copolymer. Stages II and IV, for urethane and ether groups respectively, reduced their masses at early cultivation times, while stage III, for esters, steadily kept reducing its mass during the whole experimental period. Interestingly, stage I, which accounts for low molecular weight compounds, in this case biodegradation products, showed a fluctuating behavior that increased at 10 days, and decreased afterward (Figure 4B). DSC analysis of the copolymer showed multiple thermal transitions revealing complex microstructures: the glass transition temperature (Tg: 50.2°C) reflects the proportion of soft and hard segments; the three melting temperatures (Tm-I: 70°C, Tm-II: 210.6°C, Tm-III: 398.1°C) are associated with the hard segments of the polymer and the crystallization temperature (Tc: 459.6°C) is attributed to heat-directed crystallization of copolymer chains (Cipriani et al., 2013; Sultan et al., 2014) (Figure 4C). BP8 biodegradative activity caused Tg decrease (46.2°C), changes in Tms, and strong decrease in Tc area, indicating that BP8 disrupts both, the soft and the hard segments (associated with urethane groups) (Figure 4C and Supplementary Table S3). GPC analysis showed that the number-average molecular weight (Mn) of the copolymer steadily decreased 35.6% up to the end of the culture time, meanwhile the weight-average molecular weight (Mw) increased about 10%, from 0 to 15 days of cultivation, and then decreased 26% from 15 to 25 days. The Polydispersity index (PDI) increased over 2, at 25 days of cultivation with BP8. Analysis of Molecular weight distribution (MWD) of the degraded samples showed shifts toward higher molecular weights than control up to 20 days of analysis. However, at 25 days, a strong shift to lower molecular weights was observed (Table 1 and Supplementary Figure S2). Abiotic controls of different cultivation times were evaluated and no changes were observed (Table 1). All these results indicate that the degradative activity of the BP8 community generated changes in the soft and hard segments of the copolymer microstructure resulting from the attack to the different functional groups, including the more recalcitrant ether and urethane groups.
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FIGURE 2. Xenobiotic additives consumed (A) and PE-PU-A biodegradation products generated (B) by the BP8 community. Cell-free supernatants were extracted at different cultivation times with chloroform:methanol and analyzed by GC-MS. (A) Additives were quantified using standard curves for each compound and (B) biodegradation products by analyzing their areas in independent chromatograms. n = 3. Compounds with mass spectra similarity values over 700 were considered the same compounds of the Library hits. The numbers in the compounds correspond to signals in the chromatograms of Supplementary Figure S1.
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FIGURE 3. Proposed chemical structure for the PE-PU-A copolymer present in PolyLack®. (A) This structure was proposed based on the (B) 1H-NMR analysis of dried PolyLack®, the information included in the manufacturer technical manual (SayerLack. Poly Lack Aqua Brillante UB-0800), the GC-MS analysis (Figure 2), and the most frequent acrylates used in the synthesis of these types of copolymers (Pardini and Amalvy, 2008; Maurya et al., 2018). Synthesis of PE-PU-A copolymers starts by the polycondensation of polyols [polypropylene glycol (PPG)] (y moiety) and diisocyanates (TDI and MDI) (x and z moieties) followed by end capping with acrylates’ mixture (m moiety). From the most frequently used acrylates we selected methyl methacrylate, butyl acrylate, hydroxy acrylate and styrene as representatives in this structure. In the 1H-NMR spectrum, chemical shifts are provided in parts per million from SiMe4 as internal reference. Signal 1 is assigned to carbamate groups (NH-COO); signals a, b, c, 2, 3, 9-11 are assigned to the aromatic protons; signals 4 and 8 correspond to the protons of methylene (CH2) and methyl (CH3) groups in MDI and TDI, respectively; signals 5–7 correspond to PPG; signals l correspond to the hydroxyl proton (CH2-O) and methylene groups (CH2) in the chain of hydroxy-acrylate; signals f, j, o and p correspond to the acrylic groups (CH-COO, CH2-COO or CH3-COO), signals d (CH), e, g, i, k, q, r (CH2), h and s (CH3) are assigned to methylene and methyl groups in the acrylate mixtures.
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FIGURE 4. Physical and chemical analyses of the aromatic PE-PU-A copolymer after incubation with the BP8 community. (A) FTIR spectra. (B) DTG analysis. Thermal degradation stages correspond to the following functional groups: (I) Low molecular weight compounds, (II) Urethane, (III) Ester, (IV) Ether. (C) DSC analysis. Glass transition temperature (Tg) represents the relative amount of soft and hard segments; melting temperatures, Tm-I, Tm-II, and Tm-III are associated with hard domains, and crystallization temperature (Tc) represents heat-directed crystallization of copolymer chains. NI, non-inoculated.



TABLE 1. Molecular weight and polydispersity index of the PE-PU-A copolymer during cultivation with the BP8 community.
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Community Structure and Metagenomic Deconvolution of the BP8 Community

Analysis of the BP8 community taxonomic profile with MetaPhlAn, by using 17,282,414 reads, detected five bacterial orders (abundance), Rhodobacterales (83%), Rhizobiales (8.9%), Burkholderiales (6.8%), Actinomycetales (0.83%), Sphingobacteriales (0.08%), and one viral order Caudovirales (0.33%). Bacteria included 16 genera, being the most abundant Paracoccus (83%) and Ochrobactrum (8.7%) (Figure 5). The shotgun Illumina library was used to create a draft de novo metagenome assembly. After parsing contigs lesser to 1000 bp, this assembly had 5339 contigs with 21,228,807 bp in size. Subsequently, we mapped the Hi-C reads to the draft shotgun assembly generating 3,072 contigs with a total length of 17,618,521 bp. The alignment of Hi-C reads to this assembly allowed the deconvolution of five genome clusters, three near complete drafts (completeness >95%), and two substantially complete drafts (completeness 89 and 71%) (Parks et al., 2015) (Table 2). The phylogenetic analysis showed well-supported clades within Paracoccus, Chryseobacterium, Parapedobacter, a member of the Microbacteriaceae family, and Ochrobactrum intermedium (Figure 6). The deconvoluted genomes of Paracoccus sp. BP8 and O. intermedium BP8.5 showed low novelty scores and high ANI values compared to their closest phylogenetic relatives. In contrast, Chryseobacterium sp. BP8.2, Parapedobacter sp. BP8.3 and the Microbacteriaceae bacterium BP8.4 showed high novelty scores and low ANI values (<95%) indicating they are new species. GC content and genomes’ sizes were similar to the closest relatives except for the O. intermedium BP8.5 genome size, probably because of the low genome completeness (Table 2 and Supplementary Table S4).


TABLE 2. General features of the deconvoluted genomes from the BP8 metagenome.
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FIGURE 5. Taxonomic cladogram of BP8 community microbial diversity profiled with MetaPhlAn. Circles size is proportional to the taxon relative abundance. The most abundant taxa were Paracoccus genus (83%) and Ochrobactrum genus (8.7%). Families are color-labeled and predicted species diversity is indicated by capital letters (Asnicar et al., 2015).
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FIGURE 6. Maximum likelihood phylogeny for taxonomic delimitation of the deconvoluted genomes from the BP8 metagenome. The analysis was performed with three phylogenetic markers: ribosomal protein L3, ribosomal protein S5 and DNA gyrase A subunit, which generated similar results. The analysis for ribosomal protein L3 is presented. Branch support values are indicated in the corresponding nodes. Bar indicates the number of expected substitutions per site under the WAG + G model. A sequence of Ruminococcus albus (Firmicutes) was used as outgroup. Key genome clusters are highlighted in bold and different Phyla are indicated at the left. Sequences for L3 ribosomal proteins of the deconvoluted genomes are accessible in the NCBI GenBank under accession numbers RQP07704.1, RQP15098.1, RQP16503.1, RQP08603.1, and RQP16393.1 for clusters 1–5, respectively.




Analysis of the Xenobiotic Metabolism Encoded in the BP8 Metagenome

In all the genomes, except in O. intermedium BP8.5, the genes and proteins assigned were in the range reported for the phylogenetically related members (Table 2 and Supplementary Table S4). Reconstruction of the metabolic pathways encoded in the BP8 metagenome was performed with 18,386 ORFs from which 8,637 were annotated into KEGG Orthology groups and the rest was not assigned to any orthologous functional category. Analysis of the BP8 xenobiotic metabolism identified 215 sequences encoding 59 unique proteins participating in pathways for benzoate (ko00362), fluorobenzoate (ko00364), aminobenzoate (ko00627), chlorocyclohexane and chlorobenzene (ko00361), and n-alkanes (ko00071) degradation. The most relevant enzymes are listed in Table 3. The genes for benzoate metabolism include all the enzymes for benzoate and 4-methoxybenzoate activation as well as 4-methoxybenzoate monooxygenase, an O-demethylating enzyme that transforms methoxybenzoate to hydroxybenzoate, and for their subsequent transformation to β-ketoadipate (first 18 EC numbers in Table 3). Two genes encoding carboxymethylene butanolidase that cleaves the ring of cyclic ester dienelactone to produce maleylacetate, acting on the fluorobenzoate and chlorocyclohexane and chlorobenzene metabolisms, were identified. Genes encoding enzymes for the aminobenzoate pathway, such as 4-hydroxybenzoate decarboxylase that participates in the transformation of phenol into hydroxybenzoate, amidase that transforms benzamide into benzoate, and benzoyl phosphate phospohydrolase that converts benzoyl phosphate into benzoate, were identified. All the genes encoding enzymes needed for chlorocyclohexane and chlorobenzene degradation, the specific 2,4-dichlorophenol 6-monooxygenase, the enzymes that transform 4-chlorophenol to cis-acetylacrylate (EC 1.13.11.1, EC 5.5.1.1, and EC 3.1.1.45), and the 2-haloacid dehalogenase, which eliminates halogens from alkanes, were found. Likewise, genes encoding enzymes for n-alkanes degradation (Table 3 Alkanes metabolism), as well as allt he enzymes for beta-oxidation were also detected.


TABLE 3. Distribution of genes encoding relevant proteins involved in xenobiotics degradation in the BP8 metagenome.
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BP8 Community Phenotypic Potential to Biodegrade the Xenobiotic Additives of PolyLack®


NMP Degradation

Genes encoding putative proteins for NMP degradation, with significant similarity (>40%) to the enzymes of Alicycliphilus denitrificans BQ1 (Solís-González et al., 2018) were identified in several BP8 genomes (Table 3). However, only in Paracoccus sp. BP8 a gene cluster (RQP05666.1–RQP05671.1) comparable to the BQ1 nmp cluster was identified.



Isopropanol Degradation

Genes encoding proteins with significant similarity to NAD+-dependent secondary alcohol dehydrogenase (ADH) with capability to oxidize IP to acetone were identified in the BP8 metagenome (Kotani et al., 2003), but not the genes encoding the enzymes for the oxidative transformation of acetone. However, the three genes encoding acetone carboxylase that transforms acetone into acetoacetate were identified. Similarly, the genes encoding 3-oxoacid-CoA transferase, in Paracoccus sp. BP8, and acetoacetate-CoA ligase, in O. intermedium BP8.5, that convert, both of them, acetoacetate into acetoacetyl-CoA, were observed. Besides, genes for acetyl-CoA C-acetyltransferase, which transforms acetoacetyl CoA to acetyl CoA that enters the TCA pathway, were also found in the BP8 metagenome (Figure 7A and Table 3).
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FIGURE 7. Potential degradation pathways for isopropanol (A) and glycol ethers (B) encoded in the BP8 metagenome. (A) Paracoccus sp. BP8 genome encodes ADH enzymes that can oxidize IP to acetone, but genes encoding enzymes for the oxidative metabolism of acetone were not found. Instead, genes encoding the reductive transformation of acetone to acetyl CoA, acetone carboxylase, 3-oxoacid-CoA transferase and acetyl-CoA C-acetyltransferase, were identified. In O. intermedium BP8.5 genome, acetoacetate-CoA ligase, which performs the same reaction that 3-oxoacid-CoA transferase, is encoded. All the enzymes for the TCA pathway are encoded in the BP8 metagenome (see Table 3). (B) Subsequent oxidations of glycol ethers’ hydroxy terminal groups by PEG-DH and PEG-ALDH will produce 2-butoxyacetic acid from 2-BE, 2-butoxypropionic acid from DPGB and 2-methoxypropionic acid from DPGM. Subsequent cleavage of carboxylates’ ether bonds by ether scission enzymes such as glycolate oxidase, dye decoloring peroxidase, 4-methoxybenzoate monooxygenase and/or unspecific monooxygenase, would generate the metabolizable intermediaries glyoxylate, butyraldehyde, propylene glycol and formaldehyde. Glyoxylate would be funneled to the glyoxylate metabolism (red rectangle), butyraldehyde to the butanoate metabolism (yellow rectangle), propylene glycol to the pyruvate metabolism (blue rectangle), and formaldehyde to the formate metabolism (green rectangle). Pathways for glyoxylate, butanoate, pyruvate and formate metabolisms as well as the TCA pathway (purple ellipse) were fully reconstructed from the BP8 metagenome based on KEGG annotated genes, using KEGG Mapper.




Glycol Ethers Degradation

In the BP8 metagenome, homologous genes to polyethylene glycol (PEG)-degrading ADHs and aldehyde dehydrogenases (ALDHs) (Ohta et al., 2006; Tani et al., 2007), and diverse enzymes that could attack the ether bonds, such as glycolate oxidase (RQP04511.1, RQP04512.1, RQP04513.1, RQP11464.1, RQP19624.1, RQP19625.1, RQP16322.1, RQP16256.1), dye decoloring peroxidase (RQP04907.1, RQP09154.1) and superoxide dismutase (RQP04715.1, RQP13424.1, RQP09887.1, RQP11889.1, RQP18047.1, RQP18034.1, RQP09190.1, RQP20377.1), as well as genes encoding enzymes involved in glutathione metabolism, which have been proposed to participate in PEG metabolism (Somyoonsap et al., 2008) were identified (Figure 7B and Table 3).



BP8 Community Phenotypic Potential to Biodegrade Polyurethane

Genes encoding PU-esterases verified for PU degradation (Nomura et al., 1998; Stern and Howard, 2000; Ufarté et al., 2017) and confirmed carbamate-hydrolyzing enzymes, i.e., arylamidase A (Zhang et al., 2012), amidase (Yun et al., 2016), urethanase (Liu et al., 2016), and carbaryl hydrolase (Hashimoto et al., 2006), were searched by standalone BLASTP analyses. Six and five sequences with similarity to PU-esterases and carbamate hydrolases were retrieved from the BP8 metagenome, respectively (Table 4). We also identified genes encoding ureases (EC 3.5.1.5), suggested to act on PU degradation (Yang et al., 2015), in Parapedobacter sp. BP8 (RQP19536.1, RQP19537.1 RQP19538.1) and O. intermedium BP8.5 (RQP17756.1, RQP17448.1, RQP17449.1, RQP17450.1) genomes.


TABLE 4. Esterases and carbamate hydrolyzing enzymes encoded in the BP8 metagenome.
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DISCUSSION


The BP8 Microbial Community Displays a Diauxic Growth Phase That Seems Not to Be Based on the Utilization of Different Carbon Sources

To elucidate the mechanisms that landfill microbial communities perform to degrade the recalcitrant PE-PU plastic, we studied the degradative activity of the selected BP8 microbial community because of its capability to grow in PolyLack®. PolyLack® is a WPUD that contains a proprietary PE-PU-A copolymer and several xenobiotic additives (NMP, IP, 2-BE, DPGB and DPGM). Chemical and physical analyses demonstrated that BP8 consumes the additives and breaks the copolymer. Hi-C based metagenomic analysis allowed us to unveil the phenotypic potential to degrade PU and xenobiotics of five deconvoluted genomes from the community. The diauxic growth of BP8 observed during 25 days of cultivation in MM-PolyLack suggested that two different metabolic processes were involved in degrading the components of the WPUD. We hypothesized that the additives were consumed during the first phase whereas the copolymer was broken during the second one. However, the biomass increment and the carbon decrease observed in the first growth phase (Figure 1A) resulted not only from additive consumption, but also from the copolymer breakdown (Figures 2, 4, Table 1, Supplementary Figure S1, and Supplementary Tables S1, S2). The simultaneous degradation of additives and copolymer observed in this analysis do not account for the diauxic behavior of the community. Interestingly, based on the slight Mw increase and the continuous Mn decrease of the copolymer observed during the first 15 days of cultivation, clearly observed in the MWD analysis, we suggest that BP8 community might preferentially attack low molecular weight fractions. Thus, the larger molecules would remain in the culture media and would be cleaved after 15 days of cultivation as evidenced by the continuous decrease in Mn and the steep decrease on Mw observed from 15 to 25 days (Table 1 and Supplementary Figure S2). Changes in these parameters resulting from polymer biodegradation have been reported for polyethylene (Albertsson et al., 1998) and polystyrene (Yang et al., 2018). Therefore, it seems that an enhanced PU-degrading community, able to attack more complex polymers could be selected after 15 days of cultivation, coincidental with the second exponential growth phase. Further studies to test this possibility are needed.



The BP8 Microbial Community Exhibits Variable Cell-Surface Interactions That Could Be Involved in the Biodegradation Process

PolyLack® additives and copolymer, as well as the degradation products generated by BP8 activity, have effects on the emulsifying capacity of the culture medium, consequently in cell-substrate interactions that have impact on the biodegradation process. PolyLack® has intrinsic emulsifying properties provided by the additives and PE-PU-A copolymers (Honarkar, 2018), which determine the initial EI24 of the culture medium (70%) (Figure 1B). The initial and almost complete additives degradation during the first 5 days of cultivation accounts for a 5% decrement in the EI24 (Figure 2A and Supplementary Table S1). The larger loss of the emulsifier capacity observed from 5 to 20 days must be the result of hydrophilic moieties cleavage from the copolymer. The further increase observed in this parameter might be generated by BP8 biosurfactant production. Surfactants enhance substrate bioaccesibility and modify cell hydrophobicity improving biodegradation (Tzintzun-Camacho et al., 2012). CSH reflects the capability of BP8 cells to attach the PE-PU-A hydrophobic moieties and other hydrophobic components of the culture medium, favoring cell-substrate interactions that enhance biodegradation. The variability in CSH behavior during the cultivation period is consequence of modifications on cell envelopes composition and properties induced by changes in the culture medium. The changes in CSH and EI24 observed in this experiments reveal the complex cell-substrate interactions involved in promoting BP8 accessibility to PolyLack®, hence its biodegradation.



The BP8 Metagenomic Analysis Allowed to Identify Known Additive- and PU-Degrading Enzymes and to Propose New Activities and Metabolic Pathways Involved in Biodegradation

Exploring the BP8 metagenome, genes encoding enzymes presumably involved in the degradation of the PolyLack® additives were identified in several of the deconvoluted genomes. Genes for NMP degradation, similar to the ones reported for A. denitrificans BQ1 (Solís-González et al., 2018) were identified in the Paracoccus sp. BP8 genome. Paracoccus strains, able to utilize NMP as carbon source, have been reported (Cai et al., 2014), but the genes sustaining this capability have not been described. IP biodegradation occurs by oxidative pathways in P. denitrificans GH3 and Gordonia sp. TY-5. In these strains, IP is transformed by NAD+-dependent secondary ADH into acetone that is oxidized by a specific monooxygenase to produce methyl acetate, which is transformed to acetic acid and methanol (Kotani et al., 2003; Geng et al., 2015). However, the enzymes for metabolizing acetone by these reactions are not encoded in the BP8 metagenome. Instead, genes encoding the enzymes acetone carboxylase, 3-oxoacid-CoA transferase, and acetyl-CoA C-acetyltransferase were identified. These enzymes would produce acetoacetate, acetoacetyl-CoA and acetyl-CoA, respectively (Schühle and Heider, 2012) (Figure 7A and Table 3). The possibility that IP degradation occurs by transformation to acetyl-CoA, via acetone in BP8 is supported by the observation that in the Paracoccus sp. BP8 genome, a gene encoding an ADH (RQP05888.1), homologous to the Gordonia sp. TY-5 adh2, and genes encoding the acetone carboxylase subunits (RQP05866.1, RQP05867.1, RQP05889.1) are contiguously located. Adjacent to these genes, a sequence encoding a sigma-54-dependent transcriptional regulator (RQP05868.1) was observed, suggesting an operon-like organization. This presumptive IP degradative operon has not been described in any other bacteria. Degradation of 2-BE, DPGM and DPGB, the glycol ethers present in PolyLack®, has not been reported in bacteria. Degradation pathways for PEG and polypropylene glycol (PPG) reported in Sphingomonads species and Microbacterium (formerly Corynebacterium) sp. No. 7 (Kawai, 2010; Ohtsubo et al., 2015) show similar reactions where the glycols’ hydroxyl terminal groups are sequentially oxidized by specific ADHs and ALDHs to produce aldehydes, and thereafter carboxylic acids (Ohta et al., 2006; Tani et al., 2007), suggesting a widespread strategy for glycol ethers metabolism in prokaryotes. Nevertheless, few enzymes involved in scission of ether bonds, present in these compounds, have been identified in bacteria. A glycolic acid oxidase (Yamanaka and Kawai, 1991) and a glycolic acid dehydrogenase (Enokibara and Kawai, 1997) have been reported acting on PEG, although several other enzymes such as superoxide dismutase, monooxygenase, ether hydrolase, carbon-oxygen lyase, peroxidase and laccase have been suggested (Kawai, 2010). Homolog genes for specific ADHs and ALDHs were identified in the Paracoccus sp. BP8 genome (Table 3). Therefore, we hypothesize that degradation of 2-BE could be carried out by subsequent oxidations of the hydroxy terminal groups by PEG-DH and PEG-ALDH to produce 2-butoxyacetic acid, followed by scission of the ether bonds by glycolate oxidase or other ether scission enzymes to produce, glyoxylate and butyraldehyde (Tachibana et al., 2002; Kawai, 2010). Glyoxylate would be funneled to the glyoxylate metabolism and butyraldehyde to the butanoate metabolism (Figure 7B, left). DPGB and DPGM can be respectively degraded, by initial oxidation of the hydroxy terminal groups, to 2-butoxypropionic acid and to 2-methoxypropionic acid that has been reported as a metabolite in the degradation of DPGM by rats (Miller et al., 1986). These carboxylates can be ether-cleaved by ether scission enzymes to produce butyraldehyde and propylene glycol from DPGB and propylene glycol and formaldehyde from DPGM. Propylene glycol can be funneled to the pyruvate metabolism by lactaldehyde and lactate dehydrogenases, as suggested in P. yeei TT13 (Lim et al., 2018) and formaldehyde can enter to the formate metabolism where glutathione-dependent enzymes would oxidize it to formate and, subsequently, to CO2 (Figure 7B and Table 3). Genes encoding homologs for PEG-DH and PEG-ALDH (pegdh and pegc) from Sphingopyxis terrae and S. macrogoltabida, and for possible ether scission enzymes that could act over the aforementioned carboxylic acids, glycolate oxidase (glcD, glcE, glcF), dye decoloring peroxidase, 4-methoxybenzoate monooxygenase and unspecific monooxygenase were identified in Paracoccus sp. BP8 (see Table 3). Besides, the pathways for glyoxylate, butanoate, pyruvate and formate metabolisms as well as the TCA pathway were fully reconstructed from the BP8 metagenome (Figure 7B). Additionally, in PEG metabolism, long chains of PEG-carboxylate can be processed by acyl-CoA synthetase and glutathione-S transferase forming glutathione-conjugates (Somyoonsap et al., 2008). Although these reactions would not be needed for glycol ethers catabolism, they could be required for the degradation of long PPG moieties that are part of the PE-PU-A copolymer (Figure 3A).

By using different analytical techniques, we demonstrate that the BP8 community attacks the main functional groups of the PE-PU-A copolymer; from the more enzymatically susceptible ester bonds, present in acrylate and carbamate, to the more recalcitrant C-C from aliphatics and aromatics, C-N from urethane, and C-O-C from ether bonds of PPG (Figures 2–4). The changes in the chemical and physical properties of the polymer when incubated with BP8, and the generation of diverse degradation products, some of them potential metabolic intermediates in the degradation process, are evidences of the BP8’s degradative capability, which is sustained by the diverse xenobiotic degrading enzymes encoded in its metagenome (Table 3). Some of the biodegradation products (Figure 2B and Supplementary Table S2) seem to be the result of oxidative reactions on C-C bonds flanking TDI, MDI or the acrylates’ styrene ring (Figures 3A, 4), generating aromatic compounds containing hydroxyl, aldehydes or organic acids. Additionally, the copolymer aromatic compounds could be destabilized by monooxygenases, which introduces hydroxyl groups to the aromatic rings, and by dioxygenases that catalyzes reductive dihydroxylation, generating central intermediates that can be cleaved by dearomatizing dioxygenases producing carboxylic acids (Ladino-Orzuela et al., 2016). The enzymes for the complete benzoate metabolism are encoded in the BP8 metagenome and could account for PE-PU-A aromatic rings catabolism (Table 3). Aliphatic chains from acrylates and PPG can be metabolized by alkane 1-monooxygenases, that activate aliphatic chains by terminal or subterminal oxidations and by the activities of ADHs and ALDHs, generating compounds that can be channeled by beta-oxidation into the fatty acids metabolism (Table 3). If terminal oxidations are introduced, primary alcohols are generated and transformed into aldehydes, carboxylic acids and acyl-CoA. If subterminal oxidations of aliphatic chains occur, secondary alcohols are formed, which upon breakdown, will produce ketones and thereafter esters, which are hydrolyzed to alcohol and organic acids (Rojo, 2009). Many different esters compounds were identified in the BP8’s degradation products, suggesting that sub-terminal oxidation of alkanes could be an important route in PU metabolism (Figures 2–4). The cleavage of ester bonds by PU-esterases would produce alcohols and organic acids and the cleavage of urethane groups by carbamate-hydrolases would produce nitrogen-containing compounds and aromatic isocyanate derivatives. As we detected these degradation products by GC-MS analysis (Figure 2B, Supplementary Figure S1 and Supplementary Table S2), hydrolysis of ester and urethane bonds are accomplished during PE-PU-A degradation by BP8. The identification of several PU-esterases and carbamate hydrolases encoded in most of the BP8 genomes support this conclusion (Table 4).



The Biodegradative Activity in BP8 Community Seems to Be Dominated by the Most Abundant Species, but Specialized Reactions Seem to Occur in Poorly Represented Species

The metabolic reactions proposed for the degradation of the additives and the PE-PU-A copolymer present in PolyLack® by the BP8 community are based on the phenotypic potential encoded in its metagenome. The use of Hi-C proximity ligation-based technology allowed to define, with high confidence, what genes belong to each of the different species of BP8 (Table 3). In this community, xenobiotic degradation is a niche dominated by Paracoccus sp. BP8 and Ochrobactrum intermedium BP8.5. In their genomes, key enzymes for different steps of biodegradation are widely represented (Table 3), which must be the reason for their preponderance in the BP8 community. In addition, Microbacteriaceae bacterium BP8.4 genome encodes enzymes for the metabolism of aromatic compounds suggesting that metacleavage ring excision and muconate lactone formation might be functional. On the other hand, Chryseobacterium sp. BP8.2 and Parapedobacter sp. BP8.3 genomes, harbor genes encoding complementary metabolic activities for alkanes oxidation, such as hydrolysis and oxidation of linear intermediates. The finding of such a diverse genetic repertoire in the BP8 metagenome suggests a remarkable metabolic versatility, with strong hydrolytic and oxidative capabilities that can play significant roles in the degradation of diverse environmental contaminants. The abundance and distribution of these catabolic enzymes among the different members of the BP8 community, suggest syntrophic mechanisms driving community behavior. However, incomplete genome reconstruction in the deconvolution analysis, resulting in potential pathway gaps in certain genomes, cannot be ruled out, nor can the collapsing of multiple strains into a single cluster. On the other hand, although Paracoccus and Ochrobactrum are predominant in the BP8 community by far, we cannot discard that specific enzymatic activities encoded in genomes of little abundant species can be crucial for the successful performance of BP8.



The BP8 Microbial Community as a Promising Source for Environmental Biotechnology Strategies

The present work provides deep understanding of the biodegradative activity of a landfill microbial community capable of PU and xenobiotics degradation. Results reveal the taxonomic composition of the BP8 community and its outstanding phenotypic potential, reflected in the catalytic capabilities displayed by its members to cleave different recalcitrant functional groups. This is one of the few studies integrating analytical chemistry with metagenomics for proposing metabolic pathways involved in xenobiotics biodegradation, and the first metagenomic analysis of a PU-degrading selected landfill community. Moreover, the knowledge generated about the members of the BP8 community, the potential metabolic pathways involved in PU and additives degradation, and in which species specific enzymatic reactions are carried out, could be exploited for our benefit. Some possibilities include the assembling of specific consortia for increased PU-degrading ability, the overexpression of additives- or PU-degrading proteins to be used in environmental biotechnology strategies for waste treatment, or the development of new biocatalyzers for novel industrial applications. Altogether, these features place BP8 community as a quite promising source for developing environmental biotechnology strategies contributing to mitigate anthropogenic plastics and xenobiotics pollution, for achieving better environmental quality.
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A Novel Polyester Hydrolase From the Marine Bacterium Pseudomonas aestusnigri – Structural and Functional Insights
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Biodegradation of synthetic polymers, in particular polyethylene terephthalate (PET), is of great importance, since environmental pollution with PET and other plastics has become a severe global problem. Here, we report on the polyester degrading ability of a novel carboxylic ester hydrolase identified in the genome of the marine hydrocarbonoclastic bacterium Pseudomonas aestusnigri VGXO14T. The enzyme, designated PE-H, belongs to the type IIa family of PET hydrolytic enzymes as indicated by amino acid sequence homology. It was produced in Escherichia coli, purified and its crystal structure was solved at 1.09 Å resolution representing the first structure of a type IIa PET hydrolytic enzyme. The structure shows a typical α/β-hydrolase fold and high structural homology to known polyester hydrolases. PET hydrolysis was detected at 30°C with amorphous PET film (PETa), but not with PET film from a commercial PET bottle (PETb). A rational mutagenesis study to improve the PET degrading potential of PE-H yielded variant PE-H (Y250S) which showed improved activity, ultimately also allowing the hydrolysis of PETb. The crystal structure of this variant solved at 1.35 Å resolution allowed to rationalize the improvement of enzymatic activity. A PET oligomer binding model was proposed by molecular docking computations. Our results indicate a significant potential of the marine bacterium P. aestusnigri for PET degradation.

Keywords: Pseudomonas aestusnigri, marine bacteria, polyester degradation, polyethylene terephthalate, PET, crystal structure


INTRODUCTION

The modern society depends on the production and use of synthetic polymers which are uniformly present in both, basic and high-tech applications. The low production costs for plastic made from fossil feedstock and the high durability of the material are major advantages but have become a burden for the global ecosystem. Plastic waste is produced at a much faster rate than it is recycled (Moharir and Kumar, 2019); hence, it is disposed in landfills at a large extend where it can take centuries to degrade completly. Morever, small plastic particles, so-called microplastics, usually evade municipal waste collection, being directly released into waste water and spread easily around the globe (Rochman, 2018). Hence, plastic waste accumulates in the environment to a large extent with very slow biodegradation to occur (Lebreton et al., 2018).

Where most plastics are inert polyolefins, consisting of carbon-carbon bonds, heteroatomic plastics like polyamides, polyurethanes and polyesters provide chemical groups of higher reactivity and thus are more easily degraded biologically (Wei and Zimmermann, 2017). The most abundant polyester plastic, present for example in packaging waste, is polyethylene terephthalate (PET) (Adrados et al., 2012). In the European Union, five million metric tons of this polyester were used for the production of plastics in 2017 (PlasticsEurope, 2018).

Enzymes catalyzing the degradation of polyesters such as polycaprolactone (PCL), polylactic acid (PLA), or PET are found within the class of carboxylic ester hydrolases (E.C. 3.1.1), most of them are classified as cutinases (E.C. 3.1.1.74), enzymes naturally adapted to act on polymeric ester substrates, e.g., the wax cuticle of plants (Nikolaivits et al., 2018). Studies on the identification of polyester degrading enzymes have shown that only a small fraction of carboxylic ester hydrolases is able to degrade synthetic polyester substrates. In a comprehensive metagenomics screening study, a subset of 23 carboxylesterases were tested for PLA hydrolysis, yielding seven positive hits (Popovic et al., 2017). More recently, by screening of over 200 different purified hydrolases for activity on synthetic polyesters, 36 positive enzymes were identified of which 10 enzymes showed high activity on multiple polyester substrates (Hajighasemi et al., 2018). For PET degradation, comprehensive activity-based screening studies are missing. However, a bioinformatics study using a hidden Markov model succeeded to identify PET hydrolase genes using the UniProtKB database and more than 100 metagenome datasets, many of which originated from marine sources (Danso et al., 2018). The reported frequency of PET hydrolases was, dependent on the origin of the metagenomic sample, between 0.0001 and 1.5 hits per megabases of sequence, with the highest hit rate in a metagenome obtained from an oil polluted environment (Danso et al., 2018). In contrast to the marine origin of many predicted PET hydrolases, most of the PET degrading enzymes studied so far originate from terrestrial sources, with Cut190 from Saccharomonospora viridis (Kawai et al., 2014), Tha_Cut1 from Thermobifida alba (Ribitsch et al., 2012), Thc_Cut1 and Thc_Cut2 from T. cellulosilytica (Ribitsch et al., 2012), Tfu_0883, Tfu_0882 and TfCut2 from T. fusca (Chen et al., 2010; Roth et al., 2014) and LCC identified from a leaf-branch compost metagenome (Sulaiman et al., 2012) for example. All these enzymes share a characteristic thermostability which is in line with the lifestyle of their thermophilic host organism or the respective environment. This feature is beneficial for the degradation of solid PET, since the glass transition temperature of PET, i.e., the temperature where the polymer becomes flexible and thus more accessible to enzymatic degradation, is about 75°C (Wei et al., 2019a). However, biodegradation of PET can also occur at lower temperatures, as demonstrated with PETase from Ideonella sakaiensis, the first such enzyme originating from a mesophilic organism (Yoshida et al., 2016). This enzyme outcompetes other cutinases for the hydrolysis of crystalline PET at 30°C as demonstrated in a comparative study with the leaf-branch compost cutinase (LCC) and a cutinase from the Thermobifida group (Yoshida et al., 2016). The elucidation of PETase three-dimensional structures by different groups (Han et al., 2017; Austin et al., 2018; Chen et al., 2018; Joo et al., 2018; Liu B. et al., 2018; Liu C. et al., 2018; Palm et al., 2019), lead to a proposal for the degradation mechanism and structural hallmarks responsible for superior activity as reviewed by Taniguchi et al. (2019). Structural features compared to other cutinase structures include an additional disulfide bond for improved stability at the position of the active site histidine, allowing for increased flexibility of the adjacent extended loop region (Fecker et al., 2018), thus facilitating the interaction with the polymer (Joo et al., 2018). Based on sequence and structural information, Joo et al. defined different types of PET degrading enzymes: Most known cutinases were assigned to type I, and enzymes possessing an additional disulfide bond and an extended loop region were assigned to type II, which was subdivided into types IIa and IIb based on the amino acid composition of respective regions (Joo et al., 2018). Crystal structures are published for several representatives of type I (Roth et al., 2014; Sulaiman et al., 2014; Miyakawa et al., 2015; Ribitsch et al., 2017), for type IIb just one enzyme with solved crystal structures exists (Han et al., 2017; Austin et al., 2018; Fecker et al., 2018; Joo et al., 2018; Liu B. et al., 2018; Liu C. et al., 2018; Palm et al., 2019), and, to the best of our knowledge, no crystal structure is known for a type IIa enzyme.

Recently, we observed that the marine bacterium Pseudomonas aestusnigri showed polyester degrading activity (Molitor et al., 2020). In this study, we identified the polyester hydrolase named PE-H which belongs to type IIa of PET hydrolases and demonstrated its activity toward PET as a substrate. We also report on the first crystal structure of a type IIa PET hydrolase. By a site-directed mutagenesis approach, inspired by known PETase structural features, we obtained a PE-H variant with significantly improved activity. The crystal structure of this variant was solved as well allowing us to rationalize our biochemical findings.



MATERIALS AND METHODS


Enzyme Production and Purification


Construction of the Expression Plasmid

The gene coding for the enzyme PE-H (locus tag B7O88_RS11490 of NCBI Reference Sequence NZ_NBYK01000007.1) was cloned into expression vector pET-22b(+) (Novagen) in frame with the vector-encoded hexa histidine tag utilizing XbaI and XhoI endonuclease restriction sites (Green and Sambrook, 2012). The gene was amplified by polymerase chain reaction (PCR) with Phusion High-Fidelity DNA Polymerase (Thermo Scientific) following the manufacturer’s recommendations. Genomic DNA from Pseudomonas aestusnigri was isolated with the DNeasy, Blood and Tissue Kit (Qiagen GmbH) according to the manufacturer’s protocol and used as template with oligonucleotides PE-H_fw (AGGTCTAGATGGAGGCTACACCTCATG) and PE-H_rv (GTGCTCGAGGTACGGGCAGTTGCCGCGATAATC). The resulting recombinant plasmid pET22b_PE-Hc6H was used to transform chemical competent E. coli DH5α cells (Woodcock et al., 1989) for replication and E. coli BL21(DE3) cells (Hanahan, 1983) for T7 DNA polymerase driven expression (Studier and Moffatt, 1986).



Recombinant Protein Production

Protein production was carried out in Erlenmeyer flasks filled to 1/10 of the maximal volume with auto induction media (20 g/l tryptone from casein, 5 g/l NaCl, 5 g/l yeast extract, 6 g/l Na2HPO4, 3 g/l KH2PO4, 0.6% glycerol, 0.2% lactose, 0.05% glucose) (Studier, 2005) modified as described in1 supplemented with 100 μg/ml ampicillin, for 24 h at 30°C with shaking (160 rpm). The culture was inoculated to an optical density of 0.05 (λ = 580 nm) from a culture grown overnight in LB media (Luria/Miller, Carl Roth GmbH & Co. KG) supplemented with 0.5% glucose and 100 μg/ml ampicillin. After the designated production time cells were collected by centrifugation for 30 min at 6,000 × g, 4°C, the supernatant was discarded, and cell pellets were stored at −20°C or used subsequently.



Protein Purification

Purification of PE-H was performed by immobilized metal ion affinity chromatography (IMAC) and size exclusion chromatography (SEC). Cell pellets were resuspended in lysis buffer (20 mM Na2HPO4 pH 7.4, 500 mM NaCl, 10 mM imidazole) at 10% (w/v) and disrupted using a high-pressure homogenizer (EmulsiFlex-C5, AVESTIN Europe, GmbH) with three passages at about 8,000 psi. Cell debris and insoluble aggregates were removed by centrifugation (30 min, 4°C, 36,000 × g), soluble proteins were mixed with about 5 ml Ni-NTA matrix (Ni-NTA Superflow, Qiagen GmbH) per liter of culture, the matrix was washed and equilibrated with lysis buffer prior to this, and incubated for 30 min at 4°C. The matrix was filled into a gravity flow column and washed with at least 10 column volumes (CV) of washing buffer (20 mM Na2HPO4 pH 7.4, 500 mM NaCl, 30 mM imidazole) before elution with 3 CV of elution buffer (20 mM Na2HPO4 pH 7.4, 500 mM NaCl, 500 mM imidazole). Eluted proteins were concentrated by centrifugal ultrafiltration (Vivaspin 20, 10,000 MWCO, Satorius AG) and desalted using 100 mM potassium phosphate buffer pH 7.4 with PD-10 desalting columns (GE Healthcare) according to the manufacturer’s recommendation. Prior to protein crystallization studies, SEC was applied to further improve protein purity. An ÄKTA Explorer system (GE Healthcare) equipped with a HiLoad 16/60 Superdex 200 prep grade column (GE Healthcare) was used and proteins were eluted with 1.5 CV of 10 mM potassium phosphate buffer pH 7.4 as the mobile phase at a flow rate of 1 ml/min. Fractions of 5 ml volume were collected and tested individually for esterase activity with 4-nitrophenyl butyrate as the substrate. Protein containing fractions, as determined by absorption at λ = 280 nm, with esterase activity were pooled, concentrated by centrifugal ultrafiltration, and analyzed or stored at 4°C.



Determination of Protein Concentration

Protein concentrations were determined using a micro-volume spectrophotometer (NanoDrop, Thermo Fisher Scientific) using protein specific molecular weight (32,308 Da) and extinction coefficient (48,610 M–1*cm–1) as calculated using the ProtParam web service (Gasteiger et al., 2005).



Sodium Dodecyl Sulfate Polyacrylamide Gel Electrophoresis (SDS-PAGE)

SDS-PAGE analysis was carried out according to Laemmli (1970). Protein containing samples were mixed with sample buffer [50 mM Tris-HCl pH 6.8, 0.03% (w/v) bromphenol blue, 10% (v/v) glycerol, 4% (w/v) SDS, 2% (v/v) 2-mercaptoethanol], boiled for 5–10 min at 98°C, and applied to a 12% polyacrylamide gel using the Mini-PROTEAN system (Biorad GmbH) with Laemmli buffer [25 mM Tris-HCl pH 8.8, 192 mM glycine, 0.1% (w/v) SDS]. After separation for 15 min at 100 V and 40 min at 200 V, staining of the gel with Coomassie solution [10% (w/v) ammonium sulfate; 1.2% (v/v) phosphoric acid (85% aqueous solution), 0.1% Coomassie Brilliant Blue R250, 20% methanol] was applied (Blakesley and Boezi, 1977). Visual documentation was done using an Advanced Imager system (INTAS Science Imaging Instruments GmbH).



Biochemical Characterization


Qualitative Determination of Polyester Hydrolase Activity

Rapid qualitative determination of polyester hydrolase activity was carried out on agar plates containing Impranil DLN-SD (Covestro AG) as the substrate as described earlier (Molitor et al., 2020). 1.5% (w/v) agar-agar (Carl Roth GmbH & Co. KG) was added to either LB media (Luria/Miller, Carl Roth GmbH & Co. KG) for assessment of polyester hydrolase activity of bacteria, or to 100 mM potassium phosphate buffer pH 7.4, for assessment of polyester hydrolase activity of purified enzymes, and sterilized by autoclaving (20 min at 121°C). The molten agar media were allowed to cool down (about 60°C) before addition of heat labile compounds (e.g., antibiotics) and 1% (v/v) Impranil DLN-SD. The media was mixed with a magnetic stirrer, poured into Petri dishes, and dried for 15–30 min under a sterile laminar flow hood (Herasafe KS, Thermo Fisher Scientific). To assess activity, bacterial cells were transferred with a sterile toothpick to the plates and incubated at the respective optimal growth temperature for 1–3 days, or purified enzymes were dissolved in 100 mM potassium phosphate buffer pH 7.4 and directly applied to the plates.



Quantitative Determination of Esterase Activity

Esterase activity of purified enzymes was quantified using the substrates 4-nitrophenyl butyrate (pNPB) or hexanoate (pNPH) as described earlier (Nolasco-Soria et al., 2018). Briefly, 10 μl of enzyme solution was combined with 190 μl substrate solution (1 mM 4-nitrophenyl ester, 5% acetonitrile, 100 mM potassium phosphate buffer pH 7.4) in a flat bottom 96-well microtiter plate and the reaction was followed at 30°C in a microplate reader (SpectraMax i3x, Molecular Devices, LLC) at λ = 410 nm. Initial reaction velocity corrected by a control reaction without enzyme was used to calculate the release of 4-nitrophenol per minute using formula [1].
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V is the initial reaction velocity, vmtp the volume in the well of the microtiter plate, F the dilution factor, d the path length, ε the extinction coefficient of 4-nitrophenol at pH 7.4, venz the volume of the enzyme sample, c the enzyme concentration and A the specific enzyme activity. One unit (U) was defined as the amount of enzyme needed to release 1 μmol of 4-nitrophenol per minute.



Determination of Protein Thermal Melting Point

Protein melting curves were measured by nano differential scanning fluorimetry (nanoDSF) using a Prometheus device (NanoTemper Technologies, Inc.), according to the manufacturer’s recommendation. Briefly, purified enzyme (protein concentration 4–8 mg/ml) in 20 mM Tris pH 8 buffer was loaded into NanoTemper capillary tubes and applied to the Prometheus device for a melting scan at 10% excitation power, from 20 to 95°C at a heating rate of 1°C per minute.



Enzymatic Hydrolysis of BHET and PET and Quantification of Reaction Products

For hydrolysis of BHET and PET films, the enzymatic reaction was set up as described earlier (Yoshida et al., 2016) with minor modifications. The reaction mixture in a total volume of 300 μl was composed of 500 nM purified enzyme in 20 mM potassium phosphate buffer pH 7.4 with 20% (v/v) dimethyl sulfoxide (DMSO) and either 0.75 μl 400 mM BHET (95% purity, Sigma Aldrich) dissolved in DMSO or a circular piece of PET film (6 mm diameter). The PET pieces were produced from either amorphous PET film (0.25 mm thickness, Goodfellow Cambridge, Ltd.) or PET film derived from a commercial single use PET water bottle (trademark “Gut und Günstig,” EDEKA) using a puncher, were washed with ethanol p.A., and were dried under a sterile laminar flow hood prior to use. The reaction mixtures were incubated for 24 h for BHET or 48 h for PET film at 30°C. BHET hydrolysis was stopped by removing the enzymes using ultrafiltration with centrifugal filters with a molecular weight cutoff (MWCO) of 10,000 Da (VWR International GmbH). PET film hydrolysis was stopped by heat inactivation of the enzymes for 20 min at 85°C and subsequent filtration with polyamide syringe filters of 0.2 μm pore size. The reaction filtrates were analyzed with an UPLC System (Acquity UPLC, Waters GmbH) equipped with an Acquity UPLC BEH C18 column (1.7 μm particle size) adapted from a published method (Yoshida et al., 2016). The mobile phase consisted of (A) 20 mM Na2HPO4 pH 2.5 (pH adjusted with H2SO4) and (B) methanol, the effluent was monitored at λ = 240 nm. The column was kept at constant temperature of 35°C and a flow rate of 0.208 ml/min. The program was 75% (A) and 25% (B) for 1.28 min, followed by a linear gradient to 100% (B) in 2 min, hold 100% (B) for 3 min, linear gradient from 100 to 25% (B) in 1 min and hold 25% (B) until minute 8.28 was reached. For terephthalic acid (TA) and BHET, commercially available standards were used to calculate amounts from calibration curves. For MHET no commercial standard was available. Therefore, a series of enzymatic reactions with BHET as substrate and MHET as major product was performed as described above and the percental distribution of the BHET and the MHET peak areas in combination with the known amount of the substrate BHET was used to calculate a calibration curve for enzymatic hydrolysis of MHET.



Site Directed Mutagenesis

To introduce single and multiple amino acid substitutions to PE-H, site directed mutagenesis was carried out. Therefore, QuikChange PCR was applied as described earlier (Edelheit et al., 2009) with mutagenic primer pairs (Table 1) and the recombinant plasmid pET22b_PE-Hc6H as a template. E. coli DH5α (Woodcock et al., 1989) cells were transformed with the recombinant plasmids by heat-shock (Hanahan, 1983) for vector replication, plasmid DNA was isolated with innuPREP Plasmid Mini Kit 2.0 (Analytic Jena AG), and mutations were verified by Sanger sequencing (eurofins genomics GmbH and LGC genomics GmbH). Cloning was simulated and sequence analysis was carried out using Clone Manager software (Sci-Ed Software).


TABLE 1. Oligonucleotide sequences of primers used for site directed mutagenesis of PE-H.
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Crystallization


Wild Type Enzyme PE-H

Several crystals were observed by using commercial kits from NeXtal (Qiagen, Hilden, Germany) and Molecular Dimensions (Suffolk, England) for initial screening. 0.1 μL homogenous protein PE-H (11 mg/ml, in 10 mM potassium phosphate buffer pH 7.4) was mixed with 0.1 μL reservoir solution and equilibrated against 40 μL reservoir solution in sitting drop MRC3 plates (Swissci) at 12°C. Crystals or needles appeared with this vapor diffusion method after a few days.

Variation of one of these conditions [0.1 M sodium acetate pH 4.5, 16% (w/v) PEG 3000] via grid screen (sitting drop, 1 μl + 1 μl over 300 μl reservoir at 12°C) resulted in well diffracting crystals with a maximum size of 120 × 30 × 20 μm after 1 week in an optimized condition composed of 0.1 M sodium acetate pH 4.5, 16% (w/v) PEG 3000, 0.036 mM LysoFos Choline14.



Enzyme Variant PE-H Y250S

Initial screening was performed as for the wild type (WT) PE-H (14 mg/ml of PE-H Y250S). Within 3 weeks, rod shaped crystals appeared and reached their maximum size of 75 × 35 × 20 μm in 0.2 M lithium sulfate, 0.1 M sodium citrate pH 3.5 and 28% (v/v) PEG 400.

To cryoprotect the crystals, all drops were overlaid with 2 μl mineral oil before the crystals were harvested and flash frozen in liquid nitrogen.



Data Collection and Structure Determination

Data sets of a single crystals of the wild type enzyme PE-H were collected at the ID29 at ESRF (Grenoble, France) at 100K equipped with a Dectris Pilatus 6M detector. Data sets for enzyme variant PE-H Y250S were collected at P13 at DESY (Hamburg, Germany) at 100K equipped with a Dectris Pilatus 6M detector.

Data sets were processed with XDS (Kabsch, 2010). For PE-H, the XDS_ASCII.HKL-file together with the protein sequence was used as input in autorickshaw webservice2 to obtain initial phases via molecular replacement. These output files were directly used in ARP/wARP webservice3 for further model building and phase improvement. Subsequently, the model was further built and refined manually using COOT (Emsley et al., 2010) software followed by REFMAC5 from the ccp4 suite (Collaborative Computational Project, 1994). For PE-H Y250S, the refined wild type structure served as search model in molecular replacement. Further model building and refinement was performed as already described. Structures were deposited in the protein data bank4 under the accession codes 6SBN (WT PE-H) and 6SCD (PE-H Y250S). All structure related figures were prepared with PyMOL (Schrödinger, LLC, United States)5, for the structure based alignments we used the PDBeFold webserver6.



Molecular Docking Computations

For the molecular docking, ligands BHET, MHET, and 2-HE(MHET)4 were drawn and converted into a 3D structure with Maestro (Schrödinger, LLC, New York). The ligands and proteins were protonated according to pH 7.4 using the Epik routine in Maestro. The ligands were subsequently docked into the binding pocket of the respective enzymes using a combination of AutoDock as a docking engine and the DrugScore2018 distance-dependent pair-potentials as an objective function (Goodsell et al., 1996; Sotriffer et al., 2002; Dittrich et al., 2019). In the docking, default parameters were used, with the exception of the clustering RMSD cutoff, which was set to 2.0 Å. Binding modes were considered valid, if they were part of a cluster that comprised at least 20% of all docking poses.



Bioinformatic Tools and Software

Multiple sequence alignment was carried out with Clustal Omega using default settings (Sievers et al., 2011), basic local alignment searches (BLAST) were done using the web service of the National Center for Biotechnology Information (NCBI) (Altschul et al., 1990; Wheeler et al., 2003), for data visualization, GraphPad Prism (GraphPad Software, Inc., United States) and OriginLab (OriginLab Corporation, United States) were used. For the identification and description of molecular cavities, the MOLE 2.5 software (Sehnal et al., 2013) was used employing default options with an 8.0 probe radius.



RESULTS


PE-H From Pseudomonas aestusnigri Is a Polyester Hydrolase

Pseudomonas aestusnigri, a bacterium belonging to the P. pertucinogena phylogenetic lineage, shows hydrolytic activity on different polyester substrates (Molitor et al., 2020). Additionally, we observed hydrolytic activity indicated by formation of clear halos upon growth of P. aestusnigri on agar plates containing Impranil DLN, an anionic aliphatic polyester-polyurethane used for surface coating of textiles (Figure 1A). Bioinformatic analysis of the P. aestusnigri genome sequence (Gomila et al., 2017) led us to predict the existence of a polyester hydrolase coding gene (Bollinger et al., 2020). The respective gene was cloned into a pET-22b(+) expression vector and produced by expression in E. coli BL21(DE3). The recombinant bacteria showed significant hydrolytic activity when grown on Impranil DLN containing solid media (Figure 1B). Hence, the predicted polyester hydrolase gene indeed codes for a functional polyester hydrolase which we named PE-H. The respective gene (locus tag: B7O88_RS11490) codes for a protein of 304 amino acids (protein id: WP_088276085.1) comprising a signal peptide of 25 amino acids for Sec-dependent translocation as predicted by SignalP (Almagro Armenteros et al., 2019). For further characterization, the protein was produced in soluble form along with its native signal peptide and fused to the vector-encoded hexa-histidine tag, which allowed a one-step purification by immobilized metal ion chromatography (IMAC) (Figure 1D). The purified protein has a molecular weight of about 32 kDa and prominent activity toward the polymer substrate Impranil DLN (Figure 1C). Furthermore, a basic local alignment search using BLAST (Altschul et al., 1990; Wheeler et al., 2003) with the protein sequences in the protein database (PDB) as search set revealed similar sequences of cutinases and PET hydrolytic enzymes originating from S. viridis, Thermobifida sp. and I. sakaiensis with 48–51% identity at more than 80% query coverage.
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FIGURE 1. (A) Colonies of P. aestusnigri grown on an Impranil DLN containing agar plate show clearing halos, indicating polyester hydrolase activity. (B) Hydrolytic activity of E. coli BL21(DE3) empty vector control (left) and PE-H production strain (right) on Impranil DLN containing agar plate. (C) Hydrolytic activity of purified PE-H on Impranil DLN containing agar plate. (D) Coomassie brilliant blue stained gel after SDS-PAGE of cell extracts of E. coli BL21(DE3) containing plasmid pET22b_PE-Hc6H before and after purification by IMAC; the position of PE-H is indicated by an arrow. Lanes contained cell extract (CE), flow through (FT), washing step (WF), and eluted protein (EF); the size of the molecular weight standards (M) are indicated on the left. (E) Part of a multiple sequence alignment of PE-H with amino acid sequences of different PET hydrolytic enzymes using the program Clustal Omega. The full length alignment can be found in the Supplementary Figure S1. The enzymes were assigned to different types of polyester hydrolases (Joo et al., 2018). Amino acid residues of the catalytic triad are marked by a red triangle, disulfide forming cysteine residues are highlighted in orange and connected by an orange line. Amino acids forming the extended loop region which is specific for type II PET hydrolytic enzymes are framed in red. Abbreviations are: leaf-branch compost metagenome cutinase (LCC); Saccharomonospora viridis cutinase (Cut190); Thermobifida fusca cutinase (TfCut2); Ideonella sakaiensis PET hydrolase (PETase); Polyangium brachysporum PET hydrolase (PET12); Oleispira antarctica PET hydrolase (PET5).


The relation of PE-H to cutinases and other PET hydrolytic enzymes was analyzed by multiple sequence alignments of the amino acid sequence of PE-H with representative examples of each type of proven PET hydrolytic enzymes as proposed by Joo et al. (2018) was done using Clustal Omega. For type I, sequences, the leaf-branch compost metagenome cutinase LCC (Sulaiman et al., 2012), the cutinase Cut190 from S. viridis (Kawai et al., 2014), and the cutinase TfCut2 from T. fusca (Roth et al., 2014) were used. PETase from I. sakaiensis (Yoshida et al., 2016) and PET12 from Polyangium brachysporum (Danso et al., 2018) served as examples for type IIb and PET5 from Oleispira antarctica (Danso et al., 2018) for type IIa, as demonstrated before (Taniguchi et al., 2019). The alignment revealed a clear discrimination of PE-H from cutinases of type I, owing to an additional disulfide bond and additional amino acids close to the catalytically active histidine (Figure 1E and Supplementary Figure S1). Both characteristics are typical for PET hydrolytic enzymes of type II (Joo et al., 2018). Furthermore, due to the amino acid composition of the region constituting additional amino acids, known as extended loop in case of PETase (Joo et al., 2018), PE-H can be classified as a type IIa PET hydrolytic enzyme together with PET5 from Oleispira antarctica (Danso et al., 2018). In fact, PE-H is a close homolog of the enzymes encoded by Pseudomonas sabulinigri, P. pachastrellae, and P. litoralis [all belong to the phylogenetic lineage of P. pertucinogena (Peix et al., 2018)], which were proposed as PET-degrading enzymes of type IIa by in silico sequence comparison (Joo et al., 2018).



PE-H Degrades PET

The classification of PE-H as a type IIa PET degrading enzyme suggested PET degrading activity. Therefore, we tested the enzymatic activity of PE-H with the substrates monomeric bis(2-hydroxyethyl) terephthalate (BHET), amorphous PET film (PETa) and PET film derived from a commercial single use PET bottle (PETb). The PET polymer consists of esterified terephthalic acid (TA) and ethylene glycol (EG), allowing for TA, EB, and esters of both compounds with different degree of polymerization as degradation products, for example BHET or mono(2-hydroxyethyl) terephthalate (MHET) (Figure 2A). The enzyme hydrolyzed both BHET (Figure 2B) and PETa (Figure 2C), releasing mono(2-hydroxyethyl) terephthalate (MHET), but no terephthalic acid (TA). When PETb was used as a substrate, no hydrolysis product was detected (Figure 2D).
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FIGURE 2. Hydrolysis of PET by PE-H. (A) Structural formula of aromatic reaction products obtained by hydrolysis of PET or BHET. (B) UPLC analysis of reaction products obtained with PE-H and the substrates bis(2-hydroxyethyl) terephthalate (BHET), (C) amorphous PET film (PETa) and (D) PET film derived from a commercial single use PET bottle (PETb). The UPLC trace at 240 nm wavelength is shown for the control reaction without addition of the enzyme (trace in the back, labeled as control), and the enzyme reaction (trace in front, labeled PE-H). The retention times of the standard compounds terephthalic acid (TA), and bis(2-hydroxyethyl) terephthalate (BHET) as well as of the reaction product mono(2-hydroxyethyl) terephthalate (MHET) are indicated by blue dashed lines. The respective substrate of the reaction is depicted in the back of each diagram. For BHET, the structural formula is given; for PET films, a cartoon representation is shown to illustrate the different arrangement of PET fibers in amorphous and crystalline films.


The determination of the crystal structure of PETase from I. sakaiensis (Yoshida et al., 2016) by different groups in 2017/2018 (Han et al., 2017; Austin et al., 2018; Chen et al., 2018; Fecker et al., 2018; Joo et al., 2018; Liu B. et al., 2018; Liu C. et al., 2018; Palm et al., 2019) allowed for detailed insights into the structure-function relationship of PETase with regard to PET degradation. By structural comparison to cutinases, the active site cleft of PETase was shown to be wider and shallower which seemed to be important for the PET hydrolytic activity of PETase (Austin et al., 2018; Liu B. et al., 2018). Moreover, a number of regions on the protein surface were proposed to be important for the efficient PET hydrolysis, among them (i) serine residue S238 which showed an important contribution to the enzyme activity (Joo et al., 2018), (ii) tryptophan residue W159 with proposed contribution in π-stacking interaction with terephthalic acid moiety of PET (Han et al., 2017; Chen et al., 2018), and (iii) a conserved extended loop region consisting of six amino acids connecting β8-α6 (Joo et al., 2018), which was proposed to mediate substrate binding. The amino acid composition of PE-H differs at the corresponding positions (Supplementary Table S1) prompting us to introduce a series of single amino acid substitutions into PE-H by site directed mutagenesis and subsequently evaluate the activity of the respective enzyme variants with different substrates.

The substitution of active site amino acids by alanine led to inactive variants as expected (data not shown). The extended loop region can be found for PE-H as well, with an amino acid composition representative for polyester hydrolases of type IIa (Joo et al., 2018). Both, single substitutions at each position of the extended loop to those present in PETase, and the exchange of the entire extended loop region to that of PETase were constructed and the resulting variants were produced, purified, and tested for activity against the substrates 4-nitrophenyl butyrate (pNPB), BHET, and PET film. In comparison to the wild type enzyme PE-H, neither the single substitution variants nor the loop exchange variant, designed to match the amino acid residues at the corresponding positions of PETase (Supplementary Table S1), showed a higher specific activity toward BHET or PET film. Of these variants, G254S, Y258N, N259Q, and the variant with the combined mutations also showed a significantly decreased esterase activity determined with pNPB as the substrate (Figure 3A). The reduced activity of the variants was accompanied by a decrease in melting temperature of about 5–10°C (Supplementary Table S2) in comparison to the wild type enzyme (Tm at about 51°C), indicating a destabilizing effect of the mutations. Variant PE-H S256N, I257S, and Y250S showed a less drastic decrease in melting temperature of about 1–3°C.
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FIGURE 3. Enzymatic activity of PE-H and different variants constructed by site directed mutagenesis. Substrates were (A) 4-nitrophenyl butyrate (pNPB), (B) bis(2-hydroxyethyl) terephthalate (BHET), (C) amorphous PET film, and (D) PET from a commercial single use bottle. Standard deviations of three individual reactions are shown as error bars. The respective substrate is depicted above each diagram. For pNPB and BHET, structural formulas are shown; for amorphous and commercial PET a cartoon representation is shown to illustrate the different arrangement of PET fibers.


Interestingly, the variant Y250S of PE-H showed a more than threefold increase in specific activity for pNPB, assuming a general importance of this amino acid position for enzymatic activity. The same trend was observed with BHET as the substrate (Figure 3B), showing decreased activity of all variants compared to the wild type except for variant Y250S. Similar results were obtained with PETa as the substrate with variant Y250S producing more MHET than the wild type enzyme or any other variant tested (Figure 3C). Nevertheless, the effect was less clear compared to the soluble substrates BHET and pNPB. The activity of the enzyme on PET derived from a commercial single use bottle as determined by MHET release appeared to be in general low. Only two variants, Y250S and S256N, led to detectable formation of MHET from PETb, but only at low amounts (Figure 3D).



PE-H Crystal Structure Confirms Similarity to PET Degrading Enzymes

In order to gain insight into the molecular basis of the polyester hydrolytic activity of PE-H and its variant Y250S, we solved the crystal structures of both enzymes. The PE-H structure was solved at 1.09 Å resolution, containing one monomer in the asymmetric unit, with 10.7% for Rwork and 13.7% for Rfree. Although the electron density was of extremely good quality, the N-terminal part (aa 1–37) and one short stretch (aa 286–291) were not visible. The structure of variant PE-H Y250S was solved at 1.35 Å resolution; here, only the N-terminus (aa 1–39) is missing. Electron densities around the active site of PE-H and variant Y250S are shown in Supplementary Figure S2. The crystal structure of PE-H Y250S contained a PEG molecule bound to the protein surface (Supplementary Figure S3). Data collection and structure refinement statistics are given in the Supplementary Material (Supplementary Table S3). The PE-H protein shows a canonical α/β-fold consisting of a central twisted β-sheet composed of 9 β-strands flanked by 7 α-helices on both sides (Figure 4), as already reported for homologous structures, i.e., cutinases and PETases (Han et al., 2017; Numoto et al., 2018). Two disulfide bonds are present in PE-H connecting C214-C251 and C285-C302 as is common for type II PET degrading enzymes.


[image: image]

FIGURE 4. Overall fold of WT PE-H (PDB code 6SBN) in cartoon representation. The short stretch (aa 286–291) is not visible (gray dashed line). The α/β-fold consists of a central twisted β-sheet composed of 9 β-strands flanked by 7 α-helices on both sides. The extended loop region and the Cys residues (ball-and-sticks) forming the disulfide bonds are highlighted in orange. Residues building the catalytic triad are shown as gray ball-and-sticks with labels. Rotations between the structure depictions are indicated in Supplementary Figure S4.


Both structures reported here display a nearly identical overall fold (WT PE-H to PE-H Y250S: rmsd 0.188 Å over 217 Cα atoms) with main differences in two loop regions: the loop connecting β3-α2 (aa 98–104) adopts a “close” conformation in WT PE-H with regard to the active site cleft, with a loop connecting β4-α3 (aa 123–128) positioned parallel to it, while both are shifted against each other in the Y250S mutant (Figure 5A), thereby creating more space in the catalytic site. The highly conserved residues S171, D217 and H249 build the catalytic triad which is located closely below the surface with the S171 position known as the “nucleophilic elbow”. The oxyanion hole is constituted by the backbone NH groups of M172 and F98. The loop arrangement narrowing the active site cleft in the wild type enzyme is stabilized by a polar contact between the hydroxyl group of Y250 and the backbone amine of E102 (Figure 5B). This structural rearrangement further leads to an increased active site cavity volume from 153 Å3 for WT PE-H to 362 Å3 for variant Y250S as determined with the program MOLE2.5. A comparison of the active site cleft molecular surface of WT PE-H and variant Y250S shows the altered topology affecting the observed increase in active site cavity volume. In WT PE-H, residues of the loop connecting β3-α2 (F98, V99, S100) together with D129 and I219 are arranged in a way that access to the active site is limited, whereas PE-H variant Y250S shows a much deeper cleft (Figure 5C).
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FIGURE 5. Superposition of PE-H (PDB code 6SBN, silver) and its variant Y250S (PDB code 6SCD, wheat). (A) The top view on the active site and the different orientation of the two loops is shown. Residues of the catalytic triad are depicted as sticks with labels, loops of PE-H are colored in green to highlight the structural differences. (B) A zoom in the active site cleft with the catalytic residues depicted as lines. Remarkably, Y250 (gray sticks) makes a polar contact with E102 (green sticks) in the wild type protein, the distance is shown as a dashed line and given in Å, whereas in variant Y250S, residue E102 (wheat sticks) is far apart [color code as in (A)]. (C) Surface representation of WT PE-H (silver) and variant Y250S (wheat), on top, both structures are superposed with the catalytic cleft indicated by a dashed circle. In the panels, the differences in both structures are displayed in detail; with WT PE-H in the left panel and variant Y250S in the right panel. Residues confining the active site cleft are depicted as sticks, labeled, and connected by dotted lines, with the corresponding distances given in Å. Rotations between the different structure depictions are indicated in Supplementary Figure S4.


To identify structural homologs of PE-H, we performed structural alignments of both PE-H structures independently against the PDB. At maximum, we found 60 similar protein chains with rmsd values in the range of 1.1 to 2.7 Å for Cα atoms and 53% sequence identity at maximum (data not shown). For PE-H, the Cut190 triple mutant (TM) S176A/S226P/R228S (PDB 5ZRR) from S. viridis is the most similar (rmsd 1.18 Å); for variant Y250S, it is the PETase double mutant (DM) R103G/S131A (PDB 5XH3) from I. sakaiensis (rmsd 1.17 Å). The 10 protein chains most similar to both PE-H structures described here are listed in Supplementary Table S4. To further analyze the different architecture of both PE-H variants reported here, we compared their surfaces with those of their structurally most similar homolog (Supplementary Figure S5). All four molecules share a similar pattern of surface charge which is dominated by larger patches of either positive or negative charge or hydrophobic areas, respectively. With regard to the active site cleft, Cut190 TM shows a similar narrowed active site as does WT PE-H, whereas PETase DM has a larger and deeper cleft as is the case for variant Y250S.

Superimposition of the PE-H structure and the structures of Cut190 (Figure 6A) and PETase (Figure 6B) revealed a high structural identity. PE-H possesses a disulfide bond linking residues C285 and C302 which is also present in Cut190, and a second disulfide bond located close to the active site (Figure 6A, C251-C214); both these disulfide bonds are also present in PETase (Figure 6B). These three structures which represent PET hydrolytic enzymes of types I, IIa, and IIb differ mainly within five loop regions (Figures 6C,D) comprising PE-H amino acid positions 68–71, 84–87, 97–102, 124–130, and 254–259. Three of these regions at positions 97–102, 124–130, and 254–259 are located in the vicinity of the active site indicating a putative contribution to substrate binding.
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FIGURE 6. Overlay of PE-H WT (PDB code 6SBN, gray) with (A) Cut190 (PDB code 4WFI, green) and (B) PETase (PDB code 6ANE, orange). Residues of the active site and disulfide bonds are represented as sticks with labels (according to PE-H numbering). (C) Superimposition of PE-H (PDB code 6SBN, gray), PETase (PDB code 6ANE, orange), and Cut190 (PDB code 4WFI, green). Five regions of the superimposition are represented in full tone on fade-out color to highlight the differences of the structures. In (D) the structures are turned from bottom to top.




Molecular Docking Computations Suggest PE-H Substrate Binding Mode

Substrate binding was analyzed by docking the PET tetramer 2-HE(MHET)4, BHET, and MHET to wild type PE-H and variant Y205S using predicted protonation states at pH 7.4 for both the ligands and proteins. Lowest-energy configurations of the ligands in the proteins from the largest cluster were taken as binding poses as done previously (Diedrich et al., 2016; Krieger et al., 2017). Binding modes were considered valid, if at least 20% of all poses are contained in this cluster. During the docking, ligands were allowed to explore the whole protein to ensure an unbiased sampling of potential binding poses.

The predicted binding poses provide mechanistic insights into the function of PE-H and highlight the differences between wild type PE-H and variant Y250S. In PE-H, MHET and BHET are predicted to bind adjacent to the catalytic site (Figure 7A). In the apo crystal structure, the catalytic site of PE-H is apparently too narrow to allow favorable substrate binding (Figure 5C). This suggests that in PE-H a conformational change is necessary to accommodate a substrate. BHET and MHET bind with the phenyl rings to a hydrophobic groove and are additionally stabilized via hydrogen-bonding interactions to S103, D106, S248, and S256 (Figure 7B). Although no valid binding mode was identified for 2-HE(MHET)4, as no cluster contained more than 4% of all binding poses, the lowest-energy pose found in this docking is located in the adjacent groove like BHET and MHET (Figure 7B), which hints at the groove’s importance for the function of PE-H.
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FIGURE 7. Predicted ligand binding modes in wild type PE-H and variant Y250S. The predicted binding poses of BHET (magenta), MHET (yellow), and 2-HE(MHET)4 (brown) in WT PE-H (navy) and the variant Y250S (cyan). In (A,C,F) S171 is shown in orange, and in (B,D,E) the catalytic triad (S171, D217, and H249) is shown in orange and interacting residues are shown in white. (A) In wild type PE-H, BHET and MHET bind to a groove adjacent to the catalytic site (white arrow). (B) BHET and MHET bind to the hydrophobic groove and are stabilized by hydrogen bonding interactions with S103, D106, S248, and S256. 2-HE(MHET)4 binds similarly to BHET and MHET in the groove adjacent to the catalytic site. (C) In the variant Y250S, MHET binds to the catalytic site, while BHET occupies the hydrophobic groove. (D) MHET binds to the catalytic site and is stabilized by hydrophobic interactions to F98, V99, M172, and I219 such that S171 can attack the carbonyl carbon for ester hydrolysis. (E) A second binding pose of BHET binds similar to MHET. (F) Proposed mechanism of PET polymer interaction. Residues G254, Y258, and N259, which when substituted decrease esterase activity, are shown in red. One polymer unit (stylized green rectangle) binds to the groove adjacent to the catalytic site, a second unit bridges the distance to the catalytic site, and a third unit is cleaved from the polymer chain at the catalytic unit.


In the variant Y250S, the catalytic site has twice the volume than in wild type PE-H. As a result, the predicted binding pose of MHET is located in the catalytic site, whereas BHET still binds to the same groove as in PE-H (Figure 7C). MHET is stabilized by hydrophobic interactions to F98, V99, M172, and I219, and the ester carbonyl carbon is placed at an optimal distance to be attacked by S171 (Figure 7D). A second binding pose of BHET, which is 0.43 kcal⋅mol–1 less favorable than the lowest-energy one, is found in the catalytic site similar to MHET (Figure 7E) and is thereby in an optimal position to be hydrolyzed by S171. Again, no valid binding modes were identified for 2-HE(MHET)4, likely owing to the size of the ligand. The presence of binding poses for BHET adjacent to the active site suggests a possible polymer binding mode, where one polymer unit binds to the groove adjacent to the catalytic site, a second unit bridges the distance to the catalytic site, and a third unit is cleaved from the polymer chain (Figure 7F).



DISCUSSION

Enzymes acting on PET are almost exclusively homologs of cutinases with many of them originating from thermophilic actinobacteria (Nikolaivits et al., 2018). PETase from I. sakaiensis was the first enzyme isolated from a mesophilic host and catalyzing the biodegradation of PET at mild temperature of 30°C (Yoshida et al., 2016). Structural studies showed characteristic features discriminating PETase from cutinases with PET hydrolytic activity (Joo et al., 2018) and lead to the proposal of three subclasses of PET hydrolyzing enzymes. With this information, novel PET hydrolytic enzymes were identified, among them enzymes from marine origin (Danso et al., 2018). This finding is of considerable interest because the oceans are known to be a sink for the worldwide plastic waste (Lebreton et al., 2018).


A Novel PET Degrading Enzyme From the Marine Bacterium P. aestusnigri

In this study, we have identified the protein PE-H, a novel polyester hydrolase from the marine bacterium P. aestusnigri which hydrolyses different polyethylene terephthalate substrates with mono(2-hydroxyethyl) terephthalate (MHET) as the major hydrolysis product. The formation of MHET, but not TA as hydrolysis product was previously described for other PET degrading enzymes, for example TfCut2 from T. fusca (Barth et al., 2015; Wei et al., 2016), Thc_Cut2 from T. cellulosilytica (Herrero Acero et al., 2011), and PETase from I. sakaiensis (Yoshida et al., 2016). However, in case of TfCut2, MHET was almost completely hydrolyzed to TA after 24 h of reaction (Barth et al., 2015), and the cutinases Thc_Cut1 from T. cellulosilytica and Thf42_Cut1 from T. fusca were reported to release more TA than MHET from PET film after a reaction time of 120 h (Herrero Acero et al., 2011). Hence, PE-H accumulating MHET from PET film appears to be common feature among PET hydrolyzing enzymes, but the almost complete absence of TA after 48 h of reaction was not observed before.

Hydrolysis of PET by PE-H yielded 4.2 (±1.6) mg/L MHET after a reaction time of 48 h at 30°C, variant PE-H Y250S produced 5.4 (±0.6) mg/L MHET under the same conditions. This amount is considerably lower than reported for the I. sakaiensis PETase with more than 150 mg/L after 96 h reaction time at 30°C (Austin et al., 2018). However, it should be mentioned that activities are difficult to compare because different studies use PET substrates which differ among each other, e.g., by the degree of crystallinity. Obviously, a comprehensive comparative study of different PET degrading enzymes would be required. In case of PE-H, the marine origin of the producer P. aestusnigri suggests that natural substrates may be aliphatic polyesters produced by algae and plants, because marine bacteria of the P. pertucinogena lineage have been found associated with these organisms (Bollinger et al., 2020).



Rational Mutagenesis Resulted in PE-H Variant Y250S With Improved Activity

Wild type PE-H was unable to hydrolyze a PET film substrate obtained from a commercial PET bottle (PETb). This observation prompted us to identify differences in the amino acid sequences between PE-H and the I. sakaiensis PETase and analyze them by a site directed mutagenesis study. As the result, a single amino acid substitution (Y250S) was identified which led to a significant increase in enzymatic activity of PE-H toward different substrates, including PETb. In comparison to the results obtained with PETa, the best performing variant PE-H Y250S showed a 45-fold reduced amount of MHET produced with PETb as the substrate. This observation can be explained by the molecular arrangement of the PET fibers in PETb which is known to comprise more crystalline regions and thus, is more recalcitrant to enzymatic degradation (Wei and Zimmermann, 2017). The highly ordered structure of crystalline PET hampers the enzymes access to single PET fibers, particularly at temperatures below the glass transition temperature of the polymer. Nevertheless, two single amino acid substitution variants, S256N and Y250S, produced detectable amounts of MHET from PETb while the wild type enzyme did not.



The Crystal Structure of PE-H Is the First Structure of Type IIa PET Hydrolytic Enzyme

In an attempt to rationalize the PE-H activity toward PET as a substrate and to explain the effect of the Y250S substitution, we report here the first crystal structure of a type IIa PET hydrolytic enzyme and its comparison with the crystal structure of the improved variant PE-H Y250S. Interestingly the comparison of both structures showed that the substitution Y250S replacing the aromatic residue tyrosine located next to the active site histidine by the small residue serine significantly improved the enzymatic activity toward different substrates. The relevance of this serine residue has also been observed with PETase variant S238F which showed an about 40% reduced enzymatic activity (Joo et al., 2018). Thus, a small, polar, and uncharged amino acid at the position next to the active histidine seems to be an important characteristic of PET hydrolytic enzymes of type IIb, whereas enzymes of type I and type IIa possess large aromatic residues at the corresponding position (see Figure 1E and Supplementary Figure S1). This finding is also supported by a very recent study which reported a significant increase in activity of the cutinase TfCut2 from Thermobifida fusca obtained by substitution of F209 (the corresponding position in PE-H is Y250) with serine and alanine (Furukawa et al., 2019). The authors tested additional substitutions at this position introducing amino acids with chemically different side-chains and concluded that the increase in activity correlated with the size of the respective side-chain. The structural analysis of PE-H and the variant Y250S showed a rearrangement of the loop connecting α2-β3, creating space which results in a better accessible active site. The role of the active site cleft size was also found to be important for PETase, which was reported to be three times wider at its widest point compared to T. fusca cutinase TfCut2 (Austin et al., 2018) and also wider compared to Fusarium solani pisi cutinase (Liu B. et al., 2018). Hence, the authors proposed that the wider active side cleft enables PETase to accommodate larger substrates like PET. The enhanced activity of PETase at lower temperatures compared to cutinases was attributed to enhanced flexibility within the active center whereby the active site proximal disulfide bridge diminishes loss of stability that is to be expected as tradeoff for enhanced flexibility (Fecker et al., 2018). This disulfide bridge is a common feature of all type II PET hydrolytic enzymes and is in consequence also found in PE-H. The reshaping of the active site cleft of PE-H may therefore be the main reason for the enhanced catalytic activity observed in this study, enabling the enzyme to accommodate larger substrates as seen with PET from a commercial single use PET bottle. In PE-H, besides the steric effects of a larger amino acid, a polar contact between Y250 and E102 was observed which may contribute to narrowing the active site. However, most cutinases carry a phenylalanine at the corresponding position (Joo et al., 2018) which does not allow for a polar contact. This observation therefore does not explain the differences between PET hydrolytic enzymes of type I and II regarding PET hydrolysis. To reveal further differences between PET hydrolytic enzymes of types I, IIa, and IIb, the structures of one enzyme of each type (namely PE-H, Cut190, and PETase) were superimposed and three loop regions located close to the active site were identified as differing. Some amino acids of the corresponding regions in PETase were already reported to be involved in substrate interaction, for example Y87 (F98 in PE-H) and N246 (Y258 in PE-H) which were assigned to substrate binding subsites I and IIc (Joo et al., 2018), respectively.



The PET Binding Mode of PE-H

To gain insight into protein substrate interaction of PE-H with PET, molecular docking with substrates MHET, BHET, and a previously reported PET tetramer (Joo et al., 2018) was conducted. Interestingly, wild type PE-H was not found to viably bind the tested substrates in the active site, but substrate molecules accumulated in an adjacent groove. For variant Y250S, viable binding modes for MHET and BHET, but not the PET tetramer were found. However, biochemical data revealed catalytic activity of PE-H and variant Y250S and PET film as a substrate. This observation might be connected to the flexibility of the active site of PE-H, suggesting that PE-H can rearrange its active site cleft to accommodate respective substrates. In line with that, flexibility of the active site was shown for PETase and reported to be crucial for the enzyme activity at room temperature (Fecker et al., 2018). Furthermore, MHET was accommodated in a catalytically viable position in PE-H Y250S; thus, the observed absence of MHET hydrolysis cannot be attributed to low affinity or preferred binding in a detrimental position for hydrolysis. Molecular reasons for that substrate preference might be addressed in further studies.

The two distinct binding poses observed for variant PE-H Y250S hint at a mechanism in which one polymer unit binds to the groove adjacent to the catalytic site, a second unit bridges the distance to the catalytic site, and a third unit is cleaved from the polymer chain. This mechanism with the adjacent groove acting as an anchor point for the polymer could increase the processivity of PE-H, similar to the adjacent substrate binding site in Hyal lyases (Rigden and Jedrzejas, 2003; Stern and Jedrzejas, 2008). A similar PET binding mechanism that involves a binding grove that stabilizes different units of a polymeric substrate was proposed for PETase binding elements of 2-HE(MHET)4 in subsites I, IIa, IIb, and IIc, facilitating the binding of the PET polymer (Joo et al., 2018). The presence of an adjacent substrate binding site may also contribute to the significant decrease in esterase activity of PE-H variants G254S, Y258N, and N259Q and the variant with the combined mutations. All three substitutions are located at the adjacent groove (Figure 7F) and alter their shape and molecular recognition properties, presumably hampering substrate binding that way.

As we did not obtain valid docking poses for 2-HE(MHET)4, we cannot comment on the gauche-to-trans ratio of the substrate’s OC–CO torsion angle when bound to the catalytic site, which has been discussed recently (Joo et al., 2018; Seo et al., 2019; Wei et al., 2019b). Our lowest-energy pose of 2-HE(MHET)4 (Figure 7B), which is located in the adjacent groove, shows all-gauche torsion angles. This result is in line with low trans-to-gauche ratios of (9 – 14): (91 – 86) experimentally determined for amorphous PET (Schmidt-Rohr et al., 1998; Wei et al., 2019b). We note, though, that even an increase in the trans content by a factor of ∼3 as discussed (Joo et al., 2018; Seo et al., 2019; Wei et al., 2019b) relates to changes in the conformational free energy of the substrate on the order of the thermal energy and, thus, may be compensated by favorable interactions with the protein.



CONCLUSION

Polyester hydrolases are of considerable interest for a variety of biotechnological applications (Nikolaivits et al., 2018), for example the removal of cyclic PET oligomers from polyester fibers in the textile industry (Riegels et al., 1997). As far as biocatalytic degradation of PET in an industrial context is concerned, elevated temperatures close to the glass transition temperature of PET are desirable (Wei and Zimmermann, 2017). Hence, protein engineering of PE-H would be required to design a PE-H variant for efficient PET hydrolysis at elevated temperatures as has been demonstrated for PETase (Son et al., 2019). However, additional applications appear feasible for PE-H as it has been demonstrated that the PE-H homologous enzyme PpelaLip originating from the closely related genus Pseudomonas pelagia can be used for the biodegradation of different synthetic polyesters and may thus be applicable for waste water treatment (Haernvall et al., 2017). In this case, the activity of the respective biocatalyst at low temperatures is an advantage allowing for the hydrolysis of synthetic polymers at 15°C (Haernvall et al., 2018).

We have described here the identification, biochemical and structural characterization of the polyester hydrolase PE-H from the marine mesophilic bacterium P. aestusnigri. The crystal structure of PE-H represents the first structure of a type IIa PET hydrolytic enzyme thus closing the gap between PET hydrolytic enzymes of type I and IIb. We furthermore succeeded to significantly increase the enzymatic activity of PE-H toward different substrates by introducing a single amino acid substitution, namely Y250S. This substitution resulted in a rearrangement of the active site conformation, favored by prevention of a polar contact of Y250 located next to the catalytic active histidine, and a loop region of the active site cleft. Furthermore, a PET polymer binding mechanism was proposed based on molecular docking computations. Our results thus provide important information regarding structural features required for efficient polyester degradation and indicate that marine bacteria such as P. aestusnigri may prove as a prolific source for such enzymes.
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Phthalate esters (PEs, Phthalates) are environmentally ubiquitous as a result of their extensive use as plasticizers and additives in diverse consumer products. Considerable concern relates to their reported xenoestrogenicity and consequently, microbial-based attenuation of environmental PE concentrations is of interest to combat harmful downstream effects. Fungal PE catabolism has received less attention than that by bacteria, and particularly fungi dwelling within aquatic environments remain largely overlooked in this respect. We have compared the biocatalytic and biosorptive removal rates of di-n-butyl phthalate (DBP) and diethyl phthalate (DEP), chosen to represent two environmentally prominent PEs of differing structure and hydrophobicity, by marine-, freshwater-, and terrestrial-derived fungal strains. Bisphenol A, both an extensively used plastic additive and prominent environmental xenoestrogen, was included as a reference compound due to its well-documented fungal degradation. Partial pathways of DBP metabolization by the ecophysiologically diverse asco- and basidiomycete strains tested were proposed with the help of UPLC-QTOF-MS analysis. Species specific biochemical reaction steps contributing to DBP metabolism were also observed. The involved reactions include initial cytochrome P450-dependent monohydroxylations of DBP with subsequent further oxidation of related metabolites, de-esterification via either hydrolytic cleavage or cytochrome P450-dependent oxidative O-dealkylation, transesterification, and demethylation steps - finally yielding phthalic acid as a central intermediate in all pathways. Due to the involvement of ecophysiologically and phylogenetically diverse filamentous and yeast-like fungi native to marine, freshwater, and terrestrial habitats the results of this study outline an environmentally ubiquitous pathway for the biocatalytic breakdown of plastic additives. Beyond previous research into fungal PE metabolism which emphasizes hydrolytic de-esterification as the primary catabolic step, a prominent role of cytochrome P450 monooxygenase-catalyzed reactions is established.
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INTRODUCTION

Environmental plastic pollution poses a global threat to ecosystems and human health. Beyond the plastic polymers themselves, environmental and human health risks are related to the release of various additives incorporated to improve certain properties of the plastic (Hermabessiere et al., 2017; Hahladakis et al., 2018). Phthalate esters (PEs, phthalates) represent a prominent group of persistent organic micropollutants. Structurally, PEs are dialkyl or alkyl aryl esters of benzene-1,2-dicarboxylic (phthalic) acid, differing by their side chain moiety length which commands their hydrophobicity (Gao and Wen, 2016; Ren et al., 2018). The worldwide and environmental ubiquity of these compounds arises from their extensive use as plastic additives (plasticizers) to provide flexibility in the manufacturing of plastic products such as polyvinyl chloride, and as a common additive in various consumer products (i.e. cosmetics, paints, lubricants, adhesives, insecticides, packaging) (Gao and Wen, 2016). Loss can occur at any stage of product lifestyle, with chemical leaching particularly relevant to plasticizers as the absence of covalent binding to the plastic resin leaves their migration unhindered (Cartwright et al., 2000; Gao and Wen, 2016; Hahladakis et al., 2018). Consequently, PE levels are highest in urbanized areas and those directly within the vicinity of production (Cartwright et al., 2000; Liang et al., 2008; Sun et al., 2013). Careless disposal coupled with atmospheric deposition and rainfall transfer has led to widespread environmental contamination. PEs have been recorded in atmospheric samples from remote regions of the Atlantic and Arctic Oceans, and are also found in human breast milk, blood, and urine (Net et al., 2015). A study published in the International Journal of Hygiene and Environmental Health detected such compounds in urine samples of a remote Bolivian forager-horticulturist group, suggesting widespread exposure even out with industrialized populations (Sobolewski et al., 2017).

Structural parallels between PEs and the hormone estrogen have led to investigations into their xenoestrogenicity and potential activity as endocrine disrupting chemicals (EDCs). EDCs interfere with the normal homeostatic balance of a spectrum of biological processes, particularly those linked with development and reproduction (Diamanti-Kandarakis et al., 2009). Significant crossover of several PEs and the natural estrogen 17β-estradiol (E2) was profiled in regards to downstream gene expression using high-throughput screening via DNA microarray analysis (Parveen et al., 2008). A number of in vivo and epidemiological studies have highlighted trends between PE exposure in human populations and negative manifestations witnessed in male and female reproductive development (Colon et al., 2000; Diamanti-Kandarakis et al., 2009; Jeng, 2014). Similar adverse effects have been reported in terrestrial and aquatic wildlife populations, including annelids and molluscs which are both phyla of ecological importance (Oehlmann et al., 2009).

Bacteria are capable of degrading PEs under aerobic and anaerobic conditions, with many utilizing them as sole sources of carbon and energy for growth. Partial degradation yielding breakdown products such as phthalic acid (PA) or benzoate (BA), and the failure to grow on such PE-derived metabolites has also been reported for certain bacterial species (Liang et al., 2008; Gao and Wen, 2016; Ren et al., 2018). Comparatively, fungal PE degradation has received less attention. This statement is particularly applicable to filamentous fungi dwelling within aquatic environments and also yeasts, with previous fungal based studies predominantly focusing on terrestrial ligninolytic and non-ligninolytic species (Liang et al., 2008; Luo et al., 2012; Gao and Wen, 2016; Pezzella et al., 2017). A few studies describe fungal growth on di-2-ethylhexyl phthalate (DEHP) and dimethyl phthalate esters (DMPEs) when present as the sole carbon and energy source (Luo et al., 2011; Pradeep and Benjamin, 2012). Nevertheless, the majority of the corresponding reports point to a predominance of cometabolic PE biotransformation in fungi (Gartshore et al., 2003; Lee et al., 2007; Hwang et al., 2012; Luo et al., 2012; Ahuactzin-Perez et al., 2016; Ahuactzin-Perez et al., 2018).

Generally, microbial metabolism of PEs involves the primary biotransformation of the phthalic diester (parent compound) via a monoester form into PA, followed by complete mineralization of PA into CO2 and H2O (Staples et al., 1997; Liang et al., 2008; Ren et al., 2018). De-esterification of PEs (i.e. the enzymatic removal of alkyl chains from the PA moiety leading to the formation of carboxylic groups) can proceed via either hydrolytic cleavage or oxidative O-dealkylation. The successive enzymatic hydrolysis of phthalate diesters to the corresponding monoesters and then to PA is the most common PE transformation pathway in bacteria under both aerobic and anaerobic conditions, having also been reported for fungi (Lee et al., 2007; Liang et al., 2008; Ahuactzin-Perez et al., 2016, 2018; Ren et al., 2018). The alternative breakdown pathway involving alkyl chain removal via O-dealkylation is known to be catalyzed by cytochrome P450 monooxygenase systems in mammals, however it is not well understood in fungi and prokaryotes (Lee et al., 2007; Liang et al., 2008; Girvan and Munro, 2016; Cantú Reinhard and De Visser, 2017). Additionally, phthalates with longer side chains than diethyl phthalate (DEP) may first undergo alkyl chain shortening via β-oxidation, a process initiated by cytochrome P450 mediated hydroxylation, prior to de-esterification occurring (Amir et al., 2005; Liang et al., 2008). Lastly, transesterification involving the introduction of shorter alkyl chains in exchange for longer ones may alternatively take place, followed by de-esterification to yield PA as a central intermediate (Jackson et al., 1996; Cartwright et al., 2000; Lee et al., 2007; Liang et al., 2008).

To our knowledge, previous research aiming at fungal PE metabolism has either solely emphasized hydrolytic de-esterification as the primary step (Kim et al., 2003, 2005; Kim and Lee, 2005; Ahn et al., 2006; Luo et al., 2011, 2012; Hwang et al., 2012; Ahuactzin-Perez et al., 2016, 2018), or did not further elucidate the mechanisms of the suggested primary de-esterification step(s) (i.e. hydrolysis or oxidative O-dealkylation) (Lee et al., 2007). Furthermore, extracellular fungal oxidoreductases such as laccase and lignin-modifying peroxidases are not known to act on PEs directly, and extracellular unspecific peroxygenases (UPOs) of fungi have been reported to oxidize only a few PEs albeit slowly (Hwang et al., 2012; Macellaro et al., 2014; Karich et al., 2017; Pezzella et al., 2017). Thus, hydrolytic enzymes (e.g. cutinases, esterases, lipases) and intracellular oxidative cytochrome P450s can be considered as primary candidates for initiating the biocatalytic breakdown of PEs in fungi (Kim et al., 2005; Ghaly et al., 2010; Okamoto et al., 2011; Ahuactzin-Perez et al., 2016; Cantú Reinhard and De Visser, 2017; Ren et al., 2018), with major evidence for the latter remaining to be established. Aside from enzymatic removal, biosorption via physio-chemical processes such as adsorption, absorption, and ion interactions may also contribute and must be accounted for when investigating PE fate within the environment (Liang et al., 2008; Gadd, 2009; Net et al., 2015). Fungal biosorption of PEs and other hydrophobic environmental pollutants is a well-known phenomenon (Lee et al., 2007; Hofmann and Schlosser, 2016).

In this study we aim to broaden the scope of fungal biocatalytic and biosorptive removal of PEs from the environment through a comparative assessment of marine-, freshwater-, and terrestrial-derived asco- and basidiomycetes, i.e. members of the two major fungal groups harboring most of the known fungal pollutant degraders (Harms et al., 2011). Di-n-butyl phthalate (DBP) and DEP were chosen as target compounds as they represent environmentally prominent PE pollutants with differing structures and hydrophobicities (Net et al., 2015; Hermabessiere et al., 2017; Hahladakis et al., 2018; Salaudeen et al., 2018). Owing to its recalcitrant nature and recognition as a priority regulated pollutant by the European Union (Directive 2011/65/EU revision 2015/863; EU, 2015) and the U.S. Environmental Protection Agency (EPA) (Gao and Wen, 2016), additional focus was placed upon investigating removal of this compound. Previously reported fungal biotransformation metabolites of DBP have been attributed to de-esterification, hydrolysis, and transesterification reactions, with little known about possible oxidative breakdown mechanisms (Kim and Lee, 2005; Lee et al., 2007; Luo et al., 2012). Nevertheless, the longer alkyl chains of DBP compared to DEP could potentially make the compound susceptible to oxidative fungal biotransformation reactions such as ß-oxidation (Amir et al., 2005; Liang et al., 2008). We have therefore chosen to employ DBP as a model compound to investigate the potential role of cytochrome P450 monooxygenase reactions in fungal PE biotransformation, via the application of the cytochrome P450 inhibitor piperonyl butoxide (PB) in conjunction with mass spectrometry based structural elucidation of biotransformation products. This inhibitor was chosen due to its prior use in assessing the role of cytochrome P450s in fungal biotransformation of EDCs (Subramanian and Yadav, 2009), pharmaceutical residues (Marco-Urrea et al., 2009), pesticides and other xenobiotic compounds (Syed and Yadav, 2012; Coelho-Moreira et al., 2018). Bisphenol A (BPA), another extensively used plastic additive and prominent environmental micropollutant established as an EDC (Hermabessiere et al., 2017; Hahladakis et al., 2018), was included as a reference compound due to its well documented degradation by both, extracellular (laccase, peroxidases) and intracellular (cytochrome P450 monooxygenases) fungal enzymes (Cajthaml, 2015; Hofmann and Schlosser, 2016; Im and Löffler, 2016). Owing to the reported environmental co-occurrence of BPA and PEs (Tran et al., 2015; Notardonato et al., 2019) fungal biotransformation and biosorption capacities were assessed upon employing BPA, DBP, and DEP in mixture, hereby verifying the reported fungal peculiarity to attack multiple pollutants simultaneously (Harms et al., 2011). Extracellular laccase and peroxidase activities were concomitantly monitored in these experiments due to a possible role of such enzymes in BPA oxidation. Pathways for the fungal and bacterial metabolism of BPA are well established (Wang et al., 2014; Cajthaml, 2015; Im and Löffler, 2016), and hence were not the focus of the present study.



MATERIALS AND METHODS


Chemicals

Unless stated otherwise all chemicals used were of analytical grade, or in the case of chromatographic solvents, gradient grade or ULC/MS grade (mass spectrometry). Bisphenol A (BPA, purity 95%) was provided by Fluka (Sigma-Aldrich, St. Louis, MO, United States; now belonging to Merck Group, Darmstadt, Germany). Dibutyl phthalate (DBP, purity > 99%), diethyl phthalate (DEP, purity 99.5%), and piperonyl butoxide (PB) of technical grade (purity 90%) were purchased from Sigma-Aldrich. 2,2′-Azinobis-(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS, purity > 98%) was obtained from AppliChem (Darmstadt, Germany). All other chemicals were purchased from Merck, Sigma-Aldrich and Th. Geyer GmbH (Renningen, Germany).



Source, Identification and Maintenance of Fungal Strains

The fungal strains employed within the present study are compiled in Table 1. They were chosen as representatives of different ecophysiological groups and were derived from various, and in cases, rarely investigated habitats exhibiting diverse environmental conditions. The strains 1-DS-2013-S2 and 1-DS-2013-S4 were isolated from sand containing algal debris from the alluvial zone and algae growing on breakwater groins, respectively. Corresponding samples used for fungal isolation were acquired from a beach in the region of Wustrow (Mecklenburg-Western Pomerania, Germany) on the Baltic Sea (coordinates: 54°21′32.246′′N, 12°23′39.725′′E) in 2013. Pure fungal cultures were obtained using a previously described procedure (Junghanns et al., 2008a), and sent to the Belgian Coordinated Collections of Microorganisms/Mycothèque de L’Université catholique de Louvain (BCCM/MUCL, Louvain-la-Neuve, Belgium) for identification. According to DNA sequencing and morphological examination, strain 1-DS-2013-S2 is a member of the Helotiales (Leotiomycetes) and considered to be of the genus Ascocoryne. Ascocoryne sp. 1-DS-2013-S2 is related to other Helotiales members originating from aquatic habitats (freshwater and marine sediments). Strain 1-DS-2013-S4 was identified as Paradendryphiella arenariae of the Pleosporaceae, a species well known from decaying marine and estuarine plants, and beach sands (Overy et al., 2014).


TABLE 1. Overview of fungal strains employed in the present study.

[image: Table 1]The aquatic hyphomycete Clavariopsis aquatica strain WD(A)-01 represents an exclusively aquatic species frequently observed in rivers and streams (Junghanns et al., 2008a; Krauss et al., 2011). Phoma sp. strain UHH 5-1-03 (DSM 22425) has an ascomycete affiliation and originates from the Saale river, Germany (Junghanns et al., 2008a). Stachybotrys chlorohalonata strain A-2008-2 (DSM 27588) and Acephala sp. strain JU-A-2 (DSM 27592) were previously isolated from a constructed wetland and peatland, respectively (Singh et al., 2014), and represent fungal taxa known from several terrestrial habitats. The anamorphic yeast Trichosporon porosum, with the herein applied strain JU-K-2 (DSM 27593) likewise being derived from peatland (Singh et al., 2014), is also typical for terrestrial environments and related to the loubieri/laibachii group of species that assimilate hemicelluloses and phenolic compounds (Middelhoven et al., 2001). Stropharia rugosoannulata is a well-characterized terrestrial litter-inhabiting basidiomycete species causing white-rot decay of lignocellulosic materials (Schlosser and Hofer, 2002; Singh et al., 2014). The phylogenetic relationships among the fungal strains employed in this study are compiled in Figure 1.
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FIGURE 1. Phylogenetic tree displaying relationship of fungal strains used in this study based on NCBI taxonomy data (https://www.ncbi.nlm.nih.gov/taxonomy), generated in phyloT (https://phylot.biobyte.de/) and visualized with iTOL (http://itol.embl.de/). The class Glomeromycetes (Tedersoo et al., 2018) is shown as an outgroup.


Fungal strains were maintained on agar plates containing 2% malt extract (w/v) solidified with 1.5% agar (pH 5.7). For the marine-derived fungal isolates, further 2% malt extract agar plates were supplemented with an artificial seawater component, which was composed of 23.93 g/L NaCl, 10.83 g/L MgCl2 × 6 H2O, 4.01 g/L Na2SO4, 1.52 g/L CaCl2 × 2 H2O, 677 mg/L KCl, 196 mg/L NaHCO3, 98 mg/L KBr, 26 mg/L H3BO3, 24 mg/L SrCl2 × 6 H2O, and 3 mg/L NaF (Kester et al., 1967). These plates were employed in order to mimic conditions of the marine environment (indicated in the text where applicable). All plates were incubated at 20°C in the dark.



Assessment of Fungal Micropollutant Removal Rates

Pre-cultures were established for subsequent batch tests with active and NaN3-inactivated fungal cultures in 100-mL Erlenmeyer flasks containing 30 mL of a 2% (w/v) malt extract medium (pH 5.7) (Hofmann and Schlosser, 2016). Deviating from this, 30 mL of a defined nitrogen-limited medium containing 56 mM glucose and 1.2 mM diammonium tartrate as carbon and nitrogen sources (Schlosser and Hofer, 2002; Krueger et al., 2015b) was also used for fungal pre-cultivation where indicated in the text. Further pre-cultivation media used for marine-derived fungal strains in a series of experiments (see below) additionally contained the aforementioned artificial seawater component according to (Kester et al., 1967). For certain experiments, pre-cultivation media was additionally supplemented with 50 μM CuSO4 and 1 mM vanillic acid to stimulate laccase production (Junghanns et al., 2008b; Hofmann and Schlosser, 2016) (indicated where applicable below). Each flask was inoculated with 0.5 mL of a mycelial suspension, which was prepared from corresponding fungal agar plate cultures (Junghanns et al., 2008b; Hofmann and Schlosser, 2016). Thereafter, the flasks were incubated on a rotary shaker (New BrunswickTM Innova 44; Eppendorf, Hamburg, Germany) at 20°C and 120 rpm in the dark. After 6 days of incubation, half of the growing fungal cultures were inactivated with 1 g/L NaN3. Following a further day of incubation, fungal biomass was separated from pre-culture media for transfer to pollutant removal flasks by centrifugation in 50-mL conical tubes at 7197 × g and 20°C for 10 min (Eppendorf centrifuge 5430R, rotor FA-35-6-30, Eppendorf, Hamburg, Germany). After discarding supernatant, the biomass pellet was washed with 30 mL of a synthetic mineral salts medium devoid of a source of carbon and energy (pH 6.8; Stanier et al., 1966) and separated in a second centrifugation step. The resulting supernatant was discarded again and the biomass pellet was transferred into new 100-mL Erlenmeyer flasks containing 30 mL of the mineral salts medium mentioned before, which had been supplemented with the cytochrome P450 inhibitor PB and/or micropollutant(s) prior to fungal biomass addition.

One series of experiments addressed the contribution of fungal biotransformation and biosorption processes to overall DBP removal, and the influence of the cytochrome P450 inhibitor PB on DBP removal in a resting cell approach employing the aforementioned mineral salts medium, similarly as applied before (Hofmann and Schlosser, 2016). DBP was added to mineral medium from a stock solution prepared in methanol containing 10% (w/v) Tween 80 (included to improve compound aqueous solubility), to yield a final concentration of 62.5 μM (procedure modified from Hofmann and Schlosser, 2016). Further DBP- and mineral medium-containing flasks were additionally supplemented with PB, which was added from a stock solution in methanol with 10% Tween 80 yielding a final concentration of 1 mM. Thereafter, active fungal biomass was added as described before. Control experiments intended to assess the biosorption share of overall DBP removal were established by adding previously NaN3-inactivated fungal biomass (see before) to flasks with DBP-containing mineral media, which in addition had been amended with NaN3 at 1 g/L. Fungal biomass was omitted in further negative controls, which were amended with PB and/or DBP only. For comparability, final methanol and Tween 80 concentrations in these experiments were always adjusted to 1% (v/v) and 0.1% (w/v), respectively.

Additional experiments aiming at the verification of fungal micropollutant biotransformation and biosorption capacities under more complex conditions intended to match real environmental situations more closely were also carried out. Two types of fungal pre-culture media were applied, i.e. the defined nitrogen-limited medium and the complex 2% malt extract medium described before (Schlosser and Hofer, 2002; Krueger et al., 2015b; Hofmann and Schlosser, 2016). Both media were additionally supplemented with 50 μM CuSO4 and 1 mM vanillic acid to stimulate laccase production (Junghanns et al., 2008b; Hofmann and Schlosser, 2016), due to the potential involvement of this enzyme in BPA biotransformation (Cajthaml, 2015; Im and Löffler, 2016). For marine-derived strains, the artificial seawater component (Kester et al., 1967) was included in the respective media used for agar plate-based inoculum production, liquid pre-cultivation, and subsequent pollutant removal experiments (see above). The micropollutants BPA, DBP and DEP were applied in mixture and added from a combined stock solution (prepared in methanol containing 10% Tween 80 in addition). Final individual micropollutant concentrations were 62.5 μM, corresponding to final sum methanol and Tween 80 concentrations of 0.5 and 0.05%, respectively. Control experiments employing NaN3-inactived fungal biomass, and control experiments omitting fungal biomass were carried out as described above.

Fungal cultures were always incubated at 20°C and 120 rpm in the dark, and sampled for ultra performance liquid chromatography (UPLC) analysis of micropollutant concentrations, extracellular laccase and peroxidase activity measurements (only for experiments employing pollutant mixtures), and fungal dry biomass determination (see below) at the time points indicated in the text. Triplicate experiments were always performed.

Respective micropollutant removal rates were determined for each fungal strain. Pseudo-first-order kinetics were assumed for the removal of micropollutants from solution (Hofmann and Schlosser, 2016) following Equation 1.
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where the removal rate vt (μM/h) at a given time point t in is directly proportional to the micropollutant concentration ct (μM) at time point t, and k’ (1/h) represents the corresponding apparent first-order decay constant. Data of pollutant concentrations versus time (means from triplicate experiments) were fitted using non-linear regression (Equation 2) without error weighting, using OriginPro software (version 2018 95G b9.5.1.195; OriginLab Corp., Northampton, MA, United States).
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In the exponential fit function (Equation 2), ca (μM) represents a bottom asymptote micropollutant concentration approached at infinite time where micropollutant removal was incomplete, cs corresponds to the removal rate-governing micropollutant concentration at t = 0 (μM) (with the sum of ca and cs yielding the initial micropollutant concentration), and t is the time of incubation in presence of micropollutant (h). Where micropollutant removal was achieved within the duration of the experiment, ca was set to 0 μM. The initial (maximal) removal rates at t = 0 were obtained by multiplying respective cs and k’ values. Obtained volume-based initial removal rates were normalized using the initial fungal dry biomass concentrations (g/L) of active and inactive fungal cultures, thereby obtaining specific initial rate values (nmol/h/g). A positive difference in specific initial removal rates between active and inactive cultures was taken to indicate the specific rate of fungal biotransformation.

Initial biomass-specific pollutant removal rates represent maximal rates operative at maximal pollutant concentrations (i.e. at the time point of pollutant addition). Removal rates for a given pollutant are expected to decline as pollutant concentrations decrease, due to species specific first-order decay constants and sorption characteristics, and in the case of active fungal cultures possibly also a decrease in physiological activity resulting from nutrient depletion (Martin et al., 2007, 2009; Hofmann and Schlosser, 2016). Hence, initial pollutant removal rates derived from exponential regression of data are not linearly correlated with the amounts of pollutants removed during longer time periods. A sufficient exponential regression fit (coefficient of determination (COD) value < 0.9) could not be obtained in every situation. In addition, initial removal rates calculated from formally successful exponential regressions were sometimes artificially high due to a steep curve cut by a bottom asymptote. Data flawed by such complications was not further considered. To ensure comparability of pollutant removal rates for each fungal strain tested, and to account for the aforementioned difficulties, removal rates based on reduction of micropollutant concentration over selected time periods (based on triplicates) were manually calculated according to Equation 3.
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where v0–t represents the average removal rate over a given time period, c0 (μM) corresponds to the micropollutant concentration at t = 0, and ct the micropollutant concentration at the time point of consideration as indicated in the text. Overall rates were obtained for micropollutant removal over the full experiment duration. The obtained volume-based removal rates were biomass-normalized as described for the initial (maximal) removal rates before, thereby obtaining specific rates (nmol/h/g). A positive difference in specific removal rates between active and inactive cultures was taken to indicate the specific rate of fungal biotransformation.



Formation of DBP Biotransformation Products

In order to investigate the formation of biotransformation products from DBP and to assess the influence of the cytochrome P450 inhibitor PB on these processes, fungi were pre-cultivated on liquid 2% malt extract medium for a total of 7 days as described before (with inactivation of half of the fungal cultures by addition of 1 g/L NaN3 on culture day 6). Thereafter, fungal biomass was transferred to new flasks containing PB- and/or DBP-amended mineral medium as already explained above. PB and/or DBP was added from methanolic stock solutions to yield final concentrations of 1 mM and 250 μM, respectively. Tween 80 was omitted in these experiments, in order to avoid interferences in the subsequent mass spectrometry-based analyses (see below). Control experiments employing NaN3-inactived fungal biomass were carried out as above. Fungal cultures were incubated at 20°C and 120 rpm in the dark as described before and sampled for analysis of biotransformation metabolites at the time points indicated in the text. Triplicate experiments were always performed. Ultra performance liquid chromatography-quadrupole time-of-flight mass spectrometry (UPLC-QTOF-MS) analysis of DBP biotransformation products was performed as described in the Supplementary Material.



Analysis of Micropollutant Concentrations Using Ultra Performance Liquid Chromatography (UPLC)

Aqueous samples (0.5 mL) taken from cell-free supernatants of fungal cultures at the time points indicated in the text were placed in 1.5-mL Eppendorf tubes, supplemented with 0.5 mL methanol, thoroughly mixed and stored at −20°C until further use (Hofmann and Schlosser, 2016). Prior to UPLC analysis, samples were thawed and subjected to centrifugation at 20817 × g and 4°C for 10 min (Eppendorf centrifuge 5430R, rotor type FA-45-30-11; Eppendorf, Hamburg, Germany) to ensure biomass free supernatant. UPLC analysis was carried out using an AquityTM UPLC system (Waters, Eschborn, Germany) equipped with an AquityTM UPLC BEH C18 column (1.7 μM particle size, 2.1 × 50 mm; Waters) as described before (Hofmann and Schlosser, 2016), with the following modifications. Eluent A consisted of 10% (v/v) methanol in deionized water (Q-Gard 2, Millipore, Schwalbach, Germany) and eluent B of methanol, both acidified to pH 3.0 with 0.1% (v/v) formic acid. The following elution profile was applied for DBP analysis in experiments employing DBP as a single pollutant: isocratic elution at 30% B for 0.14 min, linear increase to 35% B until 5 min, further linear increase to 99.9% B until 5.5 min, isocratic elution at 99.9% B until 8.0 min, linear decrease to 30% B until 8.2 min, and isocratic elution at 30% B until 8.5 min (0.5 mL/min flow rate). For analysis of pollutant mixtures consisting of BPA, DBP and DEP, the elution profile was modified as follows: isocratic elution at 30% B for 0.14 min, linear increase to 30% B until 5 min, further linear increase to 35% B until 5.5 min, again linear increase to 99.9% B until 7.0 min, isocratic elution at 99.9% B until 7.2 min, linear decrease to 30% B until 7.5 min (0.5 mL/min flow rate). The detection wavelength was set to 278 nm. The methods were calibrated using external standards.



Determination of Extracellular Laccase and Peroxidase Activities in Supernatants of Fungal Cultures

Laccase activity was routinely determined following the oxidation of 2 mM ABTS in McIlvaine buffer (pH 4.0) at 420 nm, as previously described (Junghanns et al., 2008b; Hofmann and Schlosser, 2016). Peroxidase activity was determined following the oxidation of 2 mM ABTS in presence of 100 μM H2O2 and 1 mM ethylenediaminetetraacetate (EDTA) disodium salt in 50 mM sodium malonate buffer (pH 4.5) (peroxidase procedure modified from Schlosser et al., 2000). Peroxidase activities were corrected for laccase activities through omitting H2O2. Enzyme activities are expressed in international units (U), where 1 U is defined as the amount of enzyme capable of oxidizing 1 μmol ABTS per minute. All enzymatic assays were performed using a GENios Plus microplate reader (Tecan, Männedorf, Switzerland).



Fungal Dry Biomass Determination

Fungal dry biomasses of the active and NaN3-inactivated fungal cultures were determined at the time point of micropollutant addition, using a gravimetric procedure previously described (Hofmann and Schlosser, 2016).



RESULTS


Micropollutant Removal by Fungal Cultures


Fungal DBP Removal and Influence of PB

The removal of DBP was followed by UPLC analysis of fungal culture supernatants. DBP was removed to varying degrees depending on the respective fungal strain and cultivation condition (Figure 2 and Table 2). In active fungal cultures (i.e. those omitting PB and NaN3), the DBP concentration had decreased to approximately 31 μM and values below the quantification limit within 3.5 h of incubation, corresponding to relative removals (i.e. in relation to the actual quantified initial concentration) of approximately 36–100% (Figure 2). With the exception of S. chlorohalonata (approximately 44% of the initial concentration remaining), DBP was completely removed by active fungal cultures within 14 days (336 h; Figure 2). In PB-inhibited cultures, DBP concentrations were reduced to values ranging from 51 to 9 μM after 3.5 h, corresponding to a relative reduction of approximately 21–81% already within this time period. Similarly within 3.5 h of incubation, 22–94% of DBP was absent from the sampled supernatant of NaN3-inactivated fungal cultures, suggesting a considerable influence of biosorption on the reduction of DBP concentration. In fungal biomass-free negative controls, the initially applied DBP concentration remained constant over the whole duration of the experiment (data not shown).
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FIGURE 2. Time courses of DBP concentrations in active (black squares), PB-inhibited (blue diamonds), and NaN3-inactivated cultures (red triangles) of the marine-derived strains Ascocoryne sp. and P. arenariae, the freshwater-derived strains C. aquatica and Phoma sp., the peatland isolates Acephala sp. and T. porosum, the constructed wetland isolate S. chlorohalonata, and the litter-inhabiting basidiomycete S. rugosoannulata. The corresponding lines (solid black, dotted blue, and dotted red lines for active, PB-inhibited, and NaN3-inactivated cultures, respectively) arise from data fitting of measured DBP concentrations as described in the materials and methods section. Symbols represent means ± standard deviations from triplicate cultures.



TABLE 2. DBP removal rates and influence of PB on DPB removal observed with fungal cultures.

[image: Table 2]A comparison of fungal biomass-normalized DBP removal rates obtained from active, PB-inhibited, and NaN3-inactivated cultures of the investigated fungal strains revealed strain-specific contributions of biotransformation and biosorption to total DBP removal (i.e. the sum of biosorption and biotransformation) (Table 2). DBP removal attributed to biosorption was most prominent in the marine isolate Ascocoryne sp., and least pronounced in the yeast T. porosum (Table 2). After 48 h of incubation, DBP was completely removed in NaN3-inactivated cultures of Acephala sp. (Figure 2). For all other NaN3-inactivated fungal cultures, the DBP concentrations tended to level off over the duration of the experiment, suggesting that sorption equilibria were reached. DBP biotransformation can be deduced from the observed biomass-normalized initial DBP removal rates of fungal strains according to the following rank order: C. aquatica > Acephala sp. > Phoma sp. > S. rugosoannulata > T. porosum. Though suggested by the respective time courses of DBP concentrations in active and NaN3-inactivated fungal cultures as shown in Figure 2, biotransformation remained ambiguous upon considering the corresponding biomass-normalized DBP removal rates for Ascocoryne sp., P. arenariae, and S. chlorohalonata; also due to considerably high errors associated with the respective data (Table 2).

Compared to active fungal cultures, biomass-normalized DBP removal rates were reduced in the presence of the cytochrome P450 inhibitor PB by more than 50% within the first 24 h of incubation in Ascocoryne sp., C. aquatica, and S. rugosoannulata (Table 2). A similarly strong inhibition of DBP removal caused by PB was evident for S. chlorohalonata (Figure 2), even though initial DBP removal rates could not reliably be determined for active cultures of this fungus (Table 2). A comparatively weaker effect of PB on DBP removal could be inferred for Phoma sp. (Figure 2 and Table 2). These results clearly indicate the involvement of cytochrome P450 monooxygenases in the first biocatalytic step of DBP removal in these fungi. The influence of PB on DBP removal remained inconclusive for Acephala sp., P. arenariae, and T. porosum, where corresponding results may partly have been biased by the quite rapid initial DBP removal especially observed with Acephala sp. and P. arenariae (Figure 2 and Table 2).



Fungal Removal of Micropollutants Applied in Mixture

In order to verify the micropollutant biotransformation and biosorption capacities of the marine- and freshwater-derived fungal strains under more complex conditions intended to match real environmental situations more closely, pollutant mixtures composed of BPA, DBP, and DEP were applied to the fungal cultures (Figure 3 and Tables 3–6). An artificial seawater component was additionally included in media used for the marine-derived fungi (Kester et al., 1967).
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FIGURE 3. Time courses of BPA (left), DBP (middle), and DEP concentrations (right) upon compound application in mixture to active (black squares) and NaN3-inactivated cultures (red triangles) of Ascocoryne sp., P. arenariae, C. aquatica, and Phoma sp. (from top to bottom), which were pre-grown on defined nitrogen-limited media as described in the materials and methods section. The corresponding lines (solid black and dotted red lines for active and NaN3-inactivated cultures, respectively) arise from data fitting of measured compound concentrations as described in the materials and methods section. Symbols represent means ± standard deviations from triplicate cultures.



TABLE 3. Removal rates of BPA, DBP, and DEP applied in mixture to Ascocoryne sp. cultures.

[image: Table 3]
TABLE 4. Removal rates of BPA, DBP, and DEP applied in mixture to P. arenariae cultures.
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TABLE 5. Removal rates of BPA, DBP, and DEP applied in mixture to C. aquatica cultures.

[image: Table 5]
TABLE 6. Removal rates of BPA, DBP, and DEP applied in mixture to Phoma sp. cultures.

[image: Table 6]After fungal pre-cultivation on a previously described defined nitrogen-limited medium (Schlosser and Hofer, 2002; Krueger et al., 2015b), concomitant biotransformation of DBP and DEP by the Baltic Sea isolate Ascocoryne sp. was clearly evident whereas biotransformation of BPA was not apparent (Figure 3 and Table 3). Similarly, the obligate freshwater inhabitant (aquatic hyphomycete) C. aquatica removed substantial amounts of DBP and DEP, but not of BPA when present in mixture (Figure 3 and Table 5). Biotransformation of all applied micropollutants was indicated for the marine isolate P. arenariae, as well as for the freshwater-derived ascomycete Phoma sp. (Figure 3 and Tables 4, 6). The efficiency of biotransformation (in terms of biomass-normalized removal rates) followed the rank order Phoma sp. > P. arenariae for BPA, Ascocoryne sp. > Phoma sp. > C. aquatica > P. arenariae for DBP, and C. aquatica > P. arenariae > Ascocoryne sp. > Phoma sp. for DEP (Tables 3–6). The biotransformation rate of DBP was higher than that of DEP in Ascocoryne sp. (Figure 3 and Table 3), whereas the opposite was observed for the other tested fungi (Figure 3 and Tables 4–6). Biomass-normalized removal rates accounting for biosorption were generally highest for DBP (the most hydrophobic compound among the tested micropollutants), followed by those observed for BPA and DEP (Tables 3–6). For all three micropollutants the determined biosorption rates were highest in Ascocoryne sp., followed by Phoma sp., C. aquatica, and P. arenariae (Tables 3–6); similar to the results obtained from application of DBP only (Table 2).

Extracellular laccase and peroxidase activities were monitored since these enzymes are well known to oxidize BPA efficiently (Cajthaml, 2015). Laccase activities steadily increased in Phoma sp., with a maximum of 98.7 ± 13.2 U/L (mean ± standard deviation for triplicate cultures) after 144 h of incubation and subsequently declined to 80.5 ± 11.3 U/L at the end of the experiment (312 h of incubation). No meaningful laccase activities were detected for any other fungal strain and for NaN3-inactivated cultures of Phoma sp. (all activities measured below 1 U/L). Likewise, peroxidase activities were only detected for active Phoma sp. cultures. A maximal peroxidase activity was quickly established, with 38.8 ± 19.7 U/L already measurable following 48 h of incubation. This slowly declined to 34.2 ± 26.4 U/L at around 144 h of incubation, followed by a steeper decline to ∼6 U/L at the end of incubation. No evidence for peroxidase activity was obtained from the other fungal strains and for NaN3-inactivated cultures of Phoma sp.

Fungal pre-cultivation on 2% malt extract medium (Hofmann and Schlosser, 2016) in place of the defined nitrogen-limited medium reported above yielded considerably higher fungal dry biomasses for all of the tested fungi except C. aquatica (data not shown). Nevertheless, the biomass-normalized micropollutant removal rates and laccase activities obtained were qualitatively comparable to those observed upon fungal pre-cultivation on defined nitrogen-limited medium (data not shown), hereby confirming that the applied cultivation media had no decisive influence on the respective fundamental capacities of the tested fungi for pollutant biotransformation and biosorption. Peroxidase activities were not recorded in any of the tested fungi following this alternate pre-cultivation.



Formation of DBP Biotransformation Products in Fungal Cultures

UPLC-QTOF-MS was applied to analyze DBP biotransformation products in fungal cultures substantiating biochemical DBP alteration as a cause for its removal, whilst concomitantly investigating effects of the cytochrome P450 inhibitor PB on metabolite formation, and allowing partial pathways for DBP metabolization by ecophysiologically diverse fungi to be established. The Baltic Sea-derived Ascocoryne sp., the freshwater isolate Phoma sp., the environmentally ubiquitous mold S. chlorohalonata (all ascomycetes), the terrestrial litter-decaying basidiomycete S. rugosoannulata, and the soil-dwelling basidiomyceteous yeast T. porosum were chosen for this purpose.

Tentative structures and mass spectral characteristics of DBP metabolites detected in fungal cultures with UPLC-QTOF-MS (operated in positive centroid mode) which were absent from the corresponding control cultures are listed in Supplementary Table S1. The accompanying number of the transformation products (TPs), as shown in Supplementary Table S1, indicates the respective mass of the corresponding molecular ion (always down rounded). No further DBP biotransformation products were detected using UPLC-QTOF-MS in negative electrospray ionization mode (data not shown). Low concentrations of the biotransformation metabolites did not allow for their isolation from the biological matrix in amounts sufficient for confirmation by nuclear magnetic resonance spectroscopy. Overall, the detected DBP biotransformation products comprise; (i) a range of compounds lacking additional oxygen atoms (compared to parent DBP) such as monobutyl phthalate (MBP), PA, and TPs 217 and 203; (ii) several compounds indicating the introduction of one oxygen atom (TPs 317, 315, 275, 261, 259, and 247); and (iii) a group of products containing two additional oxygen atoms in their structure (TPs 333, 331, 305, and 291; Supplementary Table S1).

Table 7 depicts the appearance of (i) DBP biotransformation products without additional oxygen atoms in active and PB-inhibited fungal cultures, as observed at different time points of fungal cultivation. The compounds MBP, PA, and the methylated PA derivatives, TP 217 and 203, were detected in all investigated fungal cultures. The concentrations of these DBP metabolites could not be determined since reference standards for compound quantification were not available. Therefore, peak areas of DBP biotransformation products in UPLC-QTOF-MS total ion current chromatograms were set in relation to the parent DBP peak area recorded at the time point of DBP addition (start of the experiment), respectively, and expressed as relative intensities (%). However, due to the potentially varying UPLC-QTOF-MS signal intensities of the different compounds the values thus obtained do not reflect real compound concentrations. Nevertheless, they enable direct comparisons of the respective DBP metabolite amounts within one fungus and in between different fungal species. Furthermore, these relative intensities may reasonably be expected to provide an impression about the order of magnitude of the respective quantities of the various DBP biotransformation products. The formation of MBP was clearly inhibited in the presence of PB in all fungal strains except Ascocoryne sp. (Table 7), suggesting a cytochrome P450 monooxygenase-dependent oxidative O-dealkylation as the major cause of the primary removal of one butyl chain from DBP in Phoma sp., S. chlorohalonata, S. rugosoannulata, and T. porosum. By contrast, the formation of MBP in Ascocoryne sp. in the presence of PB points to a prominent hydrolytic de-esterification, albeit without ruling out some possibly accompanying oxidative dealkylation of DBP to MBP. Additionally, the formation of PA and its potential precursor TP 217 was not inhibited by PB in Ascocoryne sp. and Phoma sp. (not shown for TP 217 formation by Ascocoryne sp. in Table 7, due to a generally low amount of TP 217 in this fungus). In contrast, for the other metabolites and all other tested fungi (regardless of the respective DBP metabolite produced) such an inhibition was always observed (Table 7). The direct precursors of the DBP breakdown products TP 217, TP 203, and PA could not be confirmed based on the obtained data, due to numerous possibilities for the respective reactions leading to their formation (Figure 4). Nevertheless, a positive influence of cytochrome P450-dependent reaction steps to yield the central DBP intermediate PA and its potential precursors TP 217 and 203 can be inferred for S. chlorohalonata, S. rugosoannulata, and T. porosum, whereas in Ascocoryne sp. and Phoma sp. transesterification and hydrolytic de-esterification reactions control the formation of TP 217 and PA, respectively.


TABLE 7. Fungal DBP transformation products without additional oxygen atoms in their structures.
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FIGURE 4. Proposed biochemical reactions summarizing the metabolization of DBP by Ascocoryne sp., Phoma sp., S. chlorohalonata, S. rugosoannulata, and T. porosum. Labeling of chemical metabolite structures refers to that applied in Tables 7, 8, and in Supplementary Table S1. Reaction steps indicated by solid blue arrows were deduced from respective metabolite structure proposals, relative intensities of metabolite peak areas, time courses of metabolite formation, and corresponding PB effects. Dotted blue arrows indicate possible albeit so far comparatively more speculative reaction steps. The direct precursors of TP 217, TP 203, and PA remain uncertain, due to various possibilities for the formation of these compounds (indicated by a curly bracket intended to summarize potential precursor metabolites). Biochemical alterations indicated by blue numbers comprise the cytochrome P450 monooxygenase-dependent introduction of oxygen atoms and subsequent further oxidation steps (1), de-esterification via hydrolytic cleavage or oxidative O-dealkylation (2), transesterification (3), and demethylation steps (4) to yield PA. The further fate of PA remains uncertain (indicated by a question mark). Superscript letters associated with labels of some metabolites indicate no substantial effect of PB on the formation of the respective metabolite in Ascocoryne sp. (a) and Phoma sp. (b).



Time courses for the appearance of: (ii) DBP breakdown products with one additional oxygen atom (TPs 317, 315, 275, 261, 259, and 247), and (iii) two additional oxygen atoms in their structures (TPs 333 and 331; not shown for TP 305 and 291 which occurred only in small amounts) for active and PB-inhibited fungal cultures are shown in Table 8. Among these DBP biotransformation products, more than one isomer was detected for the TPs 317 (2 isomers), 275 (3), 261 (2), 333 (4), 331 (2), 305 (2), and 291 (4) (indicated by corresponding retention times in Supplementary Table S1, respectively). The occurrence of biotransformation products in the form of different isomers most likely reflects structural alterations at different carbon atom positions in the respective metabolite molecule. Related possible (albeit thus far hypothetical) structures are exemplified for TPs 331, 317, and 261 in Supplementary Table S1. Fungus-specific differences with regard to the preferential formation of certain isomers over others were noticed. However, we here abstain from presenting related data as it is impossible to assign corresponding chemical structures to the different isomers unambiguously. All of the DBP metabolites listed in Table 8 could be detected in Ascocoryne sp., Phoma sp., S. chlorohalonata, and S. rugosoannulata, whereas in T. porosum only the TPs 275 and 331 were found. TP formation was strongly inhibited in presence of PB as would be expected for the involvement of cytochrome P450 monooxygenase systems, which also applies to TPs 305 and 291 not shown in Table 8. Beyond primary monohydroxylation of DBP as indicated by the formation of TP 317, the deduced structures of other DBP biotransformation products depicted in Table 8 suggest further oxidation steps such as subsequent hydroxylation to dihydroxy compounds (TP 333), the formation of carbonyl or carboxyl groups (TPs 259, 315, 331), and alkyl chain shortening likely via ß-oxidation (TP 305). De-esterification (TP 261) and transesterification (TPs 247, 275, 291) of oxidized DBP metabolites, and further hydroxylation following transesterification (TP 247) is also supported by the proposed structures.


TABLE 8. Fungal DBP biotransformation products containing one or two additional oxygen atoms in their structures.

[image: Table 8]In summary, the detection of DBP metabolites presented in Tables 7, 8, and in the Supplementary Table S1 clearly confirms biotransformation of DBP by Ascocoryne sp., Phoma sp., S. chlorohalonata, S. rugosoannulata, and T. porosum. A corresponding compilation of major biochemical steps proposed for the metabolization of DBP by these fungi based upon a combined consideration of the respective metabolite structure proposals, relative intensities of metabolite peak areas, and time courses of both DBP removal and metabolite formation in conjunction with corresponding PB effects (Figure 2, Tables 2, 7, 8, and Supplementary Table S1), is presented in Figure 4. Potentially, the addition of methanol to fungal cultures (applied to improve DBP solubility) may have resulted in overestimations of methylated DBP derivatives presumably formed by transesterification. Fungal, as well as bacterial, cutinases, esterases, and lipases are well known to utilize short-chain alcohols such as methanol as substrates in transesterification reactions (Kim et al., 2005; Okamoto et al., 2011; Lotti et al., 2015). However, such possible experimental artifacts would not have impaired the identification of most of the major reaction steps indicated by blue solid arrows in Figure 4.



DISCUSSION

In this study the ability of ecophysiologically diverse asco- and basidiomycete fungi to biotransform the PE representatives DBP and DEP, and the plastic precursor chemical BPA was demonstrated. UPLC-QTOF-MS analysis of DBP metabolites in fungal cultures confirmed DBP biotransformation and enabled us to establish the major biochemical reaction steps contributing to DBP metabolization in the Baltic Sea isolate Ascocoryne sp., the freshwater-derived strain Phoma sp., the environmentally ubiquitous mold S. chlorohalonata (all belonging to the Ascomycota), the litter decaying basidiomycete S. rugosoannulata and the basidiomycetous yeast T. porosum (Figure 4).

In Ascocoryne sp., concomitant initial hydrolytic de-esterification and cytochrome P450-catalyzed monohydroxylation of DBP at similar rates is suggested. These initial steps are supported by comparatively high relative intensities of the corresponding transformation products (MBP and TP 317, respectively), the missing influence of PB on MBP formation, and its clearly suppressive effect on the formation of TP 317 (Figure 4 and Tables 7, 8). Ascocoryne sp. biotransformed DBP to a greater degree than DEP (Figure 3 and Table 3), despite DBP having a lower aqueous solubility (log Kow = 4.27 vs. log Kow = 2.54; Cousins and Mackay, 2000; Net et al., 2015) and hence presumably lower bioavailability compared to DEP. This suggests that neither potential bioavailability limitations caused by compound solubility, nor the greater carbon chain lengths of the alkyl esters had a negative influence on the efficiency of the initial PE biotransformation step(s) in this fungus. Similarly, a slightly more efficient hydrolysis of DBP than of DEP was reported for a bacterial PE-hydrolyzing enzyme isolated from culture broth of Nocardia erythropolis (Kurane et al., 1984). Hydrolysis of structurally related PEs, including DBP and DEP, at similar rates has also been reported for other bacteria and isolated esterase preparations (both bacterial and eukaryotic, i.e. from bovine pancreas), whereas PEs with branched and hence more bulky alkyl substituents were comparatively hydrolyzed slower (Saito et al., 2010; Huang et al., 2019). Furthermore, extracellular esterases have been implicated in initial PE hydrolysis in fungi (Lee et al., 2007; Hwang et al., 2012; Ahuactzin-Perez et al., 2016). A substantial role of hydrolytic PE de-esterification in Ascocoryne sp. as stipulated above is in line with the aforementioned observations. In this context, an initial attack on PEs by extracellular enzymes could potentially help to avoid or diminish bioavailability limitations related to compound uptake by fungal cells for intracellular biotransformation steps.

By contrast, a more efficient DEP biotransformation compared to that of DBP, as observed with all other fungi investigated in this respect (Figure 3 and Tables 4–6), may indicate a possible influence of PE bioavailability on the biotransformation efficiency, as would be expected from the need for compound uptake prior to initial intracellular biotransformation steps. An initial attack on PEs catalyzed by intracellular cytochrome P450s, as implicated in Phoma sp. and supported by inhibitory effects of PB on fungal DBP removal (Figure 2 and Table 2), is in accordance with such possible bioavailability effects. The DBP transformation product profile observed with Phoma sp. (Tables 7, 8) suggests initial DBP biotransformation dominated by de-esterification via cytochrome P450-catalyzed oxidative O-dealkylation, albeit obviously accompanied by DBP monohydroxylation and further oxidation steps to remarkable extents. Cytochrome P450 monooxygenase reactions are previously implicated in the metabolization of the anti-inflammatory pharmaceutical diclofenac by Phoma sp. (Hofmann and Schlosser, 2016).

DBP de-esterification to MBP, and subsequent de- and/or transesterification steps controlled by cytochrome P450-dependent initial oxidative dealkylation form the major DBP metabolization pathway in T. porosum, whereas DBP hydroxylation and further oxidation of corresponding metabolites seems negligible (Tables 7, 8). This yeast species was described to be inactive on the comparatively more hydrophobic and hence less water soluble PE dioctyl phthalate (DOP; log Kow = 7.32; Cousins and Mackay, 2000; Net et al., 2015; Sabev et al., 2006) possibly due to a lower bioavailability and/or mechanistic biochemical constraints of the degradability of DOP compared to DBP. Limited growth of Trichosporon DMI-5-1, a yeast isolate obtained from costal sediment, on different DMPEs was reported previously (Luo et al., 2011). Initial hydrolysis of DMPEs by Trichosporon DMI-5-1 led to the accumulation of aromatic products (monoesters, terephthalic acid), without their further breakdown.

Prominent initial bioconversion of DBP to MBP via oxidative O-dealkylation, and subsequent production of TP 217, TP 203, and PA, governed by cytochrome P450-dependent reactions is also suggested for both S. chlorohalonata and S. rugosoannulata (Tables 7, 8), although these fungi are phylogenetically distant. Contrary to T. porosum, cytochrome P450-dependent hydroxylation reactions can be deduced to appreciable extents for S. chlorohalonata and S. rugosoannulata.

The present study establishes a prominent role of cytochrome P450 monooxygenase-catalyzed reactions during DBP metabolism in the majority of the investigated fungi, with corresponding results remaining inconclusive only for the peatland isolate Acephala sp. and the Baltic Sea isolate P. arenariae (see sub-section Fungal DBP Removal and Influence of PB). DBP hydroxylation and oxidative O-dealkylation processes, as stipulated for the investigated fungi above and compiled in Figure 4, represent typical reactions of cytochrome P450s also relevant to mammal PE metabolism (Choi et al., 2012, 2013; Girvan and Munro, 2016; Cantú Reinhard and De Visser, 2017). Cytochrome P450-catalyzed oxidations are commonly substrate-specific, as well as regio-, and frequently stereoselective, with different isoenzymes being responsible for the respective type of reaction, its selectivity, and hence also product variability (Choi et al., 2012; Syed and Yadav, 2012; Girvan and Munro, 2016; Cantú Reinhard and De Visser, 2017). The enormous catabolic versatility of certain fungal lineages is partly based on corresponding inventories of multiple cytochrome P450-encoding genes (Harms et al., 2011; Syed and Yadav, 2012; Syed et al., 2013). The occurrence of isomeric DBP biotransformation products observed within the present study (Supplementary Table S1) has also been reported for human di-2-ethylhexyl terephthalate metabolism (Silva et al., 2015), and may well reflect superimpositions of reactions of P450 isoenzymes with different selectivities. The influence of cytochrome P450-dependent reactions on the formation of the potential TP 203 precursor TP 217 observed with S. chlorohalonata, S. rugosoannulata, and T. porosum (Table 7) may be explained by the cytochrome P450-catalyzed formation of an upstream intermediate, since TP 217 most likely directly arises from a transesterification and not from a cytochrome P450 reaction. The same may apply to TP 203 and PA, where an influence of cytochrome P450-dependent steps on compound formation by the aforementioned fungi was also observed (Table 7). However, TP 203 and PA could also be produced from TPs 217 and 203, respectively, by cytochrome P450-dependent O-demethylation reactions (Girvan and Munro, 2016). O-demethylation reactions are well-known from fungi, where cytochrome P450 lanosterol 14α-demethylase is a prominent target for antifungal agents (Durairaj et al., 2016; Wang et al., 2019), and also from bacteria (Mallinson et al., 2018). The successive demethylation of TP 217 (dimethyl phthalate ester) via TP 203 (monomethyl phthalate ester) to PA was proposed for complex microbial communities of soil (Cartwright et al., 2000).

Different from S. chlorohalonata, S. rugosoannulata, and T. porosum, cytochrome P450-dependent reactions did not control the production of TP 217 and PA by Ascocoryne sp. and Phoma sp. (Figure 4 and Table 7). In these fungi, transesterification and hydrolytic de-esterification reactions apparently govern the formation of TP 217 and PA, respectively. Hereby, PA could be produced from DBP in two successive hydrolytic steps, with MBP being formed as an intermediate. PA production by DEHP hydrolysis via the corresponding monoester has been proposed for the white-rot basidiomycete Pleurotus ostreatus (Ahuactzin-Perez et al., 2018). Rapid complete enzymatic hydrolysis of various PEs followed by spontaneous oxo-bridge formation to yield 1,3-isobenzofurandione (IBF) was reported for fungal cutinase, whereas application of fungal esterase to the same PEs yielded the corresponding monoesters in addition to IBF (Kim et al., 2003, 2005; Kim and Lee, 2005; Kim and Song, 2009). A bacterial esterase converting structurally diverse PEs into their corresponding monoesters, and a monoester hydrolase subsequently producing PA from such monoesters have also been described (Huang et al., 2019). PA can additionally be formed by hydrolytic demethylation steps from products of transesterification reactions such as TPs 217 and 203 (Figure 4). Dimethyl phthalate (i.e. TP 217 in Figure 4) hydrolysis to monomethyl phthalate (TP 203) and its subsequent hydrolysis to PA is known from the aforementioned bacterial esterase and monoester hydrolase, respectively (Huang et al., 2019). Alternatively, a novel bacterial feruloyl esterase has been reported to convert DBP, DEP, and dimethyl phthalate (TP 217) directly into PA via hydrolysis steps (Wu et al., 2019).

The transesterification reactions proposed within the present study (Figure 4) corroborate previous research addressing microbial PE metabolism (Cartwright et al., 2000; Kim et al., 2005; Lee et al., 2007; Okamoto et al., 2011). Nevertheless, as an alternative to transesterifications catalyzed by hydrolytic enzymes, methylated products such as those indicated in Figure 4 (TPs 291, 275, 247, 217, 203) could also be produced upon methylation of hydroxyl groups by fungal O-methyltransferases; a very common reaction in fungal metabolism of xenobiotics (Harms et al., 2011; Wang et al., 2014; Hofmann and Schlosser, 2016). Enzymatic transesterifications only proceed in the presence of alcohol, which is often used as a solvent for PEs in corresponding studies (Kim et al., 2003, 2005; Kim and Lee, 2005; Okamoto et al., 2011) and thus may bias corresponding results. The environmental relevance of such reactions remains to be established as environmental concentrations of alcohols is expectedly rather low (Okamoto et al., 2011).

It remains to be elucidated whether the central PE intermediate PA is further metabolized by the fungi investigated within the present study (Figure 4). At a first glance, the comparatively low relative intensities of this compound shown in Table 7 do not indicate its accumulation. The breakdown of the aromatic PA core of DEHP to butanediol by Fusarium culmorum, and complete degradation of PA by the white-rot fungus Pleurotus ostreatus were previously suggested (Ahuactzin-Perez et al., 2016; Ahuactzin-Perez et al., 2018). By contrast, monoaromatic breakdown products of DMPEs were not further degraded by Fusarium sp. and yeast (Luo et al., 2011, 2012). The bacterial utilization of non-toxic fungal DBP breakdown products as sole carbon and energy sources has been demonstrated before (Ahuactzin-Perez et al., 2014).

The considerably higher biotransformation rate of BPA observed with Phoma sp. compared to P. arenariae in the present study (Figure 3 and Tables 4, 6) could be attributed to BPA oxidation by extracellular laccases and/or peroxidases, for which activities were only recorded in Phoma sp., in addition to cell-bound enzymes (Cajthaml, 2015; Hofmann and Schlosser, 2016). The demonstrated concomitant biotransformation of more than one organic pollutant observed with several fungi (Figure 3 and Tables 3–6) is a typical fungal characteristic (Harms et al., 2011). To the best of our knowledge, bioconversion of BPA as suggested for P. arenariae (Figure 3 and Table 4) has not yet been reported. Phoma sp. was already previously shown to act on BPA as well as on other prominent micropollutants present in water (Hofmann and Schlosser, 2016). Moreover, S. rugosoannulata has been reported to metabolize BPA in addition to other organic environmental pollutants before (Kabiersch et al., 2011; Pozdnyakova et al., 2018).

The observed degree of micropollutant biosportion onto fungal mycelia recorded within the present study (DBP > BPA > DEP; Figure 3 and Tables 3–6) reflects the hydrophobicity of the tested compounds in terms of their respective octanol-water partition coefficients (log Kow values of 4.27, 3.32, and 2.54 for DBP, BPA, and DEP, respectively; Cousins and Mackay, 2000; Margot et al., 2013; Net et al., 2015). Individual differences observed with regard to the biosorptive capacities of the tested fungi (Figures 2, 3 and Tables 2–6) can be attributed to their individual cell surface properties, which may further change in response to growth conditions and proximity of hydrophobic environmental pollutants (Linder et al., 2005; Chau et al., 2009; Hanano et al., 2015). In addition to simple physical removal, biosorption has been implicated in aiding the efficiency and variety of micropollutants actively removed. Nguyen et al. (2014) reported increased biotransformation for a number of compounds via whole-cell treatment, compared to cell-free enzymatic processes. The authors argued that increased exposure to mycelium-associated/intracellular biocatalysts provided access to further catabolic processes in addition to those of extracellular secretions (compound specific). High biotransformation rates have been reported for compounds exhibiting strong sorption to fungal cell surfaces (Hofmann and Schlosser, 2016). One could argue that a local increase in compound concentration (i.e. association with mycelium) would establish a concentration gradient and thereby drive contaminant fluxes toward nearby biocatalysts (Johnsen et al., 2005; Semple et al., 2007). In the present study DBP showed strongest sorption, however it was not always the most efficiently biotransformed micropollutant (Figure 3 and Tables 3–6). Aside from other contributory effects (e.g. enzyme specificities, redox potentials, compound toxicity), it may also be postulated that strong biosorption impedes enzyme access to such compounds. In line with this argument, application of differently hydrophobic PEs to the flagellated protist Karenia brevis (the cause of the Florida red tide) resulted in an increase in bioaccumulation and toxicity, and a decrease in PE biodegradation with increasing PE hydrophobicity (Sun et al., 2019).

The results of the present study imply an environmentally ubiquitous fungal potential for the biocatalytic breakdown of plastic additives, which comprises ecophysiologically and phylogenetically diverse filamentous and yeast-like fungi dwelling in marine, freshwater and terrestrial habitats. Being part of the complex microbial communities of terrestrial as well as aquatic environments, such fungal activities may contribute to diminish concentrations and mitigate the adverse effects of PEs and other plastic additives following their release into the environment. The loss of plasticizers from polymers due to biocatalytic process proceeding on polymer surfaces (e.g. biodegradation by fungi-containing biofilms) may make plastics more brittle thus potentially contributing to polymer disaggregation and microplastics formation (Krueger et al., 2015a; Hahladakis et al., 2018). Potential adverse or positive environmental and human health impacts possibly resulting from such processes still need to be assessed (Krueger et al., 2015a; Hahladakis et al., 2018; Jiang, 2018). Finally, fungi capable of attacking plastic additives and other micropollutants could be exploited in biotechnologies aimed at the reduction of environmental contamination from sources such as wastewater treatment plants (Pezzella et al., 2017; Hofmann et al., 2018).
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Plastics, in all forms, are a ubiquitous cornerstone of modern civilization. Although humanity undoubtedly benefits from the versatility and durability of plastics, they also cause a tremendous burden for the environment. Bio-upcycling is a promising approach to reduce this burden, especially for polymers that are currently not amenable to mechanical recycling. Wildtype P. putida KT2440 is able to grow on 1,4-butanediol as sole carbon source, but only very slowly. Adaptive laboratory evolution (ALE) led to the isolation of several strains with significantly enhanced growth rate and yield. Genome re-sequencing and proteomic analysis were applied to characterize the genomic and metabolic basis of efficient 1,4-butanediol metabolism. Initially, 1,4-butanediol is oxidized to 4-hydroxybutyrate, in which the highly expressed dehydrogenase enzymes encoded within the PP_2674-2680 ped gene cluster play an essential role. The resulting 4-hydroxybutyrate can be metabolized through three possible pathways: (i) oxidation to succinate, (ii) CoA activation and subsequent oxidation to succinyl-CoA, and (iii) beta oxidation to glycolyl-CoA and acetyl-CoA. The evolved strains were both mutated in a transcriptional regulator (PP_2046) of an operon encoding both beta-oxidation related genes and an alcohol dehydrogenase. When either the regulator or the alcohol dehydrogenase is deleted, no 1,4-butanediol uptake or growth could be detected. Using a reverse engineering approach, PP_2046 was replaced by a synthetic promotor (14g) to overexpress the downstream operon (PP_2047-2051), thereby enhancing growth on 1,4-butanediol. This work provides a deeper understanding of microbial 1,4-butanediol metabolism in P. putida, which is also expandable to other aliphatic alpha-omega diols. It enables the more efficient metabolism of these diols, thereby enabling biotechnological valorization of plastic monomers in a bio-upcycling approach.
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INTRODUCTION

Plastics, in all forms, are an ubiquitous cornerstone of modern civilization. They contribute greatly to a more efficient society, i.e., through the reduction of packaging weight, the increase in shelf life of foods, and the insulation of homes and refrigerators. Although humanity undoubtedly benefits from the versatility and durability of plastics, these characteristics also make them a tremendous burden for the environment. To reduce this impact, strategies beyond incineration, landfill and inefficient recycling are needed.

One of these approaches involves bio-upcycling, the microbial degradation of plastics and its conversion into value-added material (Wierckx et al., 2015; Narancic and O’Connor, 2017). Proofs of principle for the microbial conversion of selected plastics are already available. For instance, polyethyleneterephthalate (PET) was pyrolized and subsequently converted to polyhydroxyalkanoates (PHA) (Kenny et al., 2008; Kenny et al., 2012). A similar processes enabled conversion of polystyrene and polyethylene to PHA (Ward et al., 2006; Guzik et al., 2014). Polyurethanes (PU) are hardly amenable to mechanical recycling due to their molecular diversity and the fact that many PU are thermosets which can’t be molten and re-molded. PU are produced by reacting aliphatic or aromatic diisocyanates with polyols and α,ω-diols as chain extenders. Depending on the monomer composition and chain lengths, polymer properties are diverse, which is key for PU’s versatility. Applications can be found in paints and coatings, in building insulation and as sealants, as well as in flexible foams and absorbents for many end-user products like pillows and mattresses. In the context of a bio-upcycling strategy, bacteria and fungi have been found to degrade PU, including several Pseudomonads which grow on PU at high rates (Howard, 2002). A range of PU-degrading ester- and urethane hydrolases have been identified (Hung et al., 2016; Schmidt et al., 2017; Danso et al., 2019; Magnin et al., 2019a, b). Besides this, chemical recycling of PU is also possible with more mature technologies (Zia et al., 2007; Behrendt and Naber, 2009). In addition to the diamines, which are relatively valuable and can be extracted (Bednarz et al., 2017), typical PU monomers like adipic acid, 1,4-butanediol, and ethylene glycol are released during the process of depolymerization. Degradation pathways for ethylene glycol (Franden et al., 2018; Li et al., 2019) and adipic acid (Parke et al., 2001) are known. Yet, surprisingly little is known about the microbial catabolism of 1,4-butanediol.

1,4-butanediol is one of the major chain extenders used in the production of polyurethanes. It is also a common co-monomer in many polyesters such as polybutylene terephthalate and polybutylene adipate terephthalate. As commodity chemical, 1,4-butanediol is used to manufacture 2.5 million tons of plastics and polyesters (Yim et al., 2011). Additionally, it is used as a platform chemical to produce tetrahydrofuran and γ-butyrolactone, with a total market size valued at USD 6.19 billion in 2015 and is still growing (Grand View Research, 2017). So far, research was mainly focused on the sustainable production of 1,4-butanediol (Burgard et al., 2016). Its de novo microbial production was achieved in E. coli by identifying and implementing artificial routes for 1,4-butanediol biosynthesis (Yim et al., 2011). The verified and tested pathway starts with the TCA cycle intermediate succinyl-CoA. The heterologous CoA-dependent succinate semialdehyde dehydrogenase (SucD) from Clostridium kluyveri and either a native or heterologous 4-hydroxybutyrate dehydrogenase from C. kluyveri, Porphyromonas gingivalis or Ralstonia eutropha catalyze the reaction from succinyl-CoA to 4-hydroxybutyrate. After CoA activation, 4-hydroxybutyryl-CoA will be further reduced by alcohol and aldehyde dehydrogenases to the final product 1,4-butanediol. In addition to this commonly used pathway, alternative potential routes via α-ketoglutarate, glutamate or acetyl-CoA were described (Yim et al., 2011). Conversion of xylose to 1,4-butanediol has also been described (Liu and Lu, 2015).

Butanol is a substrate with structural similarities to 1,4-butanediol. Usually, butanol concentrations above 1–2% (135–270 mM) are toxic or at least growth-inhibiting for most of microbes, including Pseudomonas putida BIRD-1, DOT-T1E, and KT2440 (Cuenca et al., 2016). Nevertheless, Pseudomonas exhibits promising traits on tolerating, assimilating or at least surviving butanol (Rühl et al., 2009). To cope with butanol, classic solvent defense mechanisms like efflux pumps, membrane modifications or rebalancing of the redox state are activated (Ramos et al., 2002; Basler et al., 2018). Further, P. putida KT2440 is capable of rapid butanol oxidation to butyrate via a variety of alcohol- and aldehyde dehydrogenases (Simon et al., 2015; Vallon et al., 2015; Cuenca et al., 2016). Prominent among these are PedE, PedH, and PedI alcohol and aldehyde dehydrogenases, encoded in the so-called ped cluster. These have a highly relaxed substrate specificity and are capable of oxidizing, among others, ethanol, phenylethanol, butanol, and butanal (butyraldehyde) (Wehrmann et al., 2017). The resulting butyrate is CoA-activated by acyl-CoA synthetases like AcsA1 (PP_4487), and subsequently undergoes β-oxidation.

Non-pathogenic Pseudomonads have an established track record in bioremediation and biodegradation processes (Samanta et al., 2002; Spini et al., 2018; Tahseen et al., 2019), and different strains of this genus are also suitable candidates to perform bio-upcycling (Kenny et al., 2008; Wierckx et al., 2015; Wilkes and Aristilde, 2017). One of the widely used biotechnological hosts is P. putida KT2440, which possesses extensive metabolic abilities (Nelson et al., 2002; Nikel et al., 2014; Nikel and de Lorenzo, 2018). Being a soil bacterium and therefore exposed to different environmental surroundings, it is equipped with tolerances and metabolic capabilities toward a broad spectrum of substances. The 6.18 Mb genome of P. putida KT2440 harbors a broad spectrum of oxygenases, oxidoreductases as well as hydrolases, transferases, and dehydrogenases (Belda et al., 2016). This wide range of enzymes enables P. putida KT2440 to modify an abundance of alcohols and aldehydes (Wierckx et al., 2011).

In this work, P. putida KT2440 strains with an enhanced growth rate on 1,4-butanediol are obtained by adaptive laboratory evolution (ALE), and analyzed by proteomics and genome resequencing in order to determine possible degradation routes. The improved growth phenotype was subsequently reverse-engineered into the wildtype, thereby generating a deeper understanding of 1,4-butanediol metabolism and broadening the applicability of P. putida for plastic upcycling.



MATERIALS AND METHODS


Chemicals, Media, and Cultivation Conditions

The chemicals used in this work were obtained from Carl Roth (Karlsruhe, Germany), Sigma-Aldrich (St. Louis, MO, United States), or Merck (Darmstadt, Germany) unless stated otherwise. Glycerol was kindly provided by Bioeton (Kyritz, Germany).

All strains used in this work are listed in Table 1. Cultivations were performed in LB – complex medium (10 g L–1 tryptone, 5 g L–1 yeast extract and 5 g L–1 sodium chloride) or, for quantitative microbiology experiments, in mineral salt medium (MSM) (Hartmans et al., 1989), solidified when needed with 1.5% agar (w/v), containing different amount of C source. Precultures were supplied with 20 mM glucose, whereas 20 mM 1,4-butanediol were used for studies with 1,4-butanediol.


TABLE 1. Pseudomonas putida strains used in this work with listed genotype and references.

[image: Table 1]For plasmid maintenance, E. coli strains and P. putida KT2440 strains were cultivated in media supplemented with 50 mg L–1 kanamycin, which was sterilized by using a 0.2 μm syringe filter (Carl Roth GmbH + Co. KG, Karlsruhe, Germany).

Liquid cultivations were incubated at 30°C for Pseudomonas and 37°C for E. coli, 200 rpm shaking speed with an amplitude of 50 mm in a Multitron shaker (INFORS, Bottmingen, Switzerland) using 100 mL non-baffled Erlenmeyer flasks with metal caps, containing 10 mL culture volume for a pre-culture and 500 mL non-baffled Erlenmeyer flasks with metal caps, containing 50 mL culture volume for a main culture.

For online growth detection, 96-well plates with 200 μL or 24-well plates with 4–3 mL culture volume were inoculated with a pre-culture containing 4–3 mL MSM with 20 mM glucose in 24-well System Duetz plates (Enzyscreen, Heemstede, The Netherlands), cultivated in a Multitron shaker (INFORS, Bottmingen, Switzerland) with a 300 rpm shaking speed with an amplitude of 50 mm. Inoculated Growth Profiler® plates were incubated at 30°C, 225 rpm shaking speed with an amplitude of 50 mm in the Growth Profiler® 960 (Enzyscreen, Heemstede, The Netherlands).

Adaptive laboratory evolution (ALE) was performed as follows: a pre-culture of P. putida KT2440, cultivated in MSM with 20 mM glucose, was used to inoculate 250 mL clear glass Boston bottles with Mininert valves (Thermo Fisher Scientific, Waltham, MA, United States) containing 20 mM 1,4-butanediol for the adaptation on 1,4-butanediol (final OD600 of 0.01). Serial transfers were reinoculated several times after the cultures reached an OD600 of at least 0.5, with a starting OD600 of 0.1. After growth was detected (usually overnight), single colonies were isolated from ALE cultures by streaking samples on LB agar plates. After ALE on 1,4-butanediol, two strains (B10.1 and B10.2) out of 72 strains were selected according to their growth behavior in MSM with 20 mM 1,4-butanediol determined using the Growth Profiler® 960 (Enzyscreen, Heemstede, The Netherlands).

Growth experiments for PHA accumulation were carried out in 250 mL Erlenmeyer flasks containing 50 mL of nitrogen limited MSM medium supplemented with 80 mM 1,4 butanediol. Nitrogen limited MSM medium contains 9 g/L Na2HPO4.12H20, 1.5 g/L KH2PO4, 0.25 g/l NH4Cl, trace elements. An overnight culture was prepared by inoculating 2 mL of medium with a single colony from a plate and incubating overnight at 30°C and shaking at 200 rpm. Five hundred micro liter of the 2 mL MSM overnight culture was used as an inoculum for the 50 mL cultures which were incubated under the same conditions for 48 h. Octanoic acid (20 mM) was added to some flasks after 24 h.



Molecular Work


DNA Procedures

The construction of plasmids was performed either by standard restriction-ligation or Gibson assembly (Gibson et al., 2009) using the NEBuilder HiFi DNA Assembly (New England Biolabs, Ipswich, MA, United States). DNA modifying enzymes were purchased from New England Biolabs, for dephosphorylation Fast AP Thermo Sensitive Alkaline Phosphatase (Thermo Fisher Scientific, Langenselbold, Germany) was used. Primers were purchased as unmodified DNA oligonucleotides from Eurofins Genomics (Ebersberg, Germany) and are listed in Supplementary Table S1. Clonal DNA sequences were amplified using the Q5 High-Fidelity Polymerase (New England Biolabs, Ipswich, MA, United States). DNA- ligations were performed by using T4 ligase from Fermentas (Thermo Fisher Scientific, Langenselbold, Germany) according to the protocol. Arbitrary-primed PCR was performed as described by Martínez-García et al. (2014). For the transformation of DNA assemblies and purified plasmids (Supplementary Table S2) into competent E. coli a heat shock protocol was performed (Hanahan, 1983). For P. putida transformations either conjugational transfer or electroporation were performed as described by Wynands et al. (2018). Knockout strains were obtained using the pEMG system described by Martínez-García and de Lorenzo (2011) with a modified protocol described by Wynands et al. (2018). Plasmid inserts and gene deletions were confirmed by Sanger sequencing performed by Eurofins Genomics (Ebersberg, Germany).

In order to perform PCR directly from bacteria the alkaline polyethylene glycerol-based method was used (Chomczynski and Rymaszewski, 2006). Therefore, cell material was picked and dissolved in 50 μL of the reagent, containing 60 g PEG 200 with 0.93 mL 2 M KOH and 39 mL water, with a pH of 13.4. After incubation for 3–15 min, 2 μL of the sample was used as template in a 25 μL PCR reaction.



Analytical Methods


Growth Monitoring Methods

Bacterial growth was monitored as optical density at a wavelength of λ = 600 nm (OD600) with an Ultrospec 10 Cell Density Meter (GE Healthcare, Little Chalfont, Buckinghamshire, United Kingdom). Growth rates (μ) are determined by fitting an exponential curve to a plot of OD600 over time of a culture in the exponential phase. The online analysis of growth using the Growth Profiler® was analyzed using the Growth Profiler® Control software V2_0_0. Cell densities are expressed as G-value, which is derived from imaging analysis of microtiter plates with transparent bottoms.



PHA Analysis

Cells were harvested by centrifugation at 3320 × g for 10 min and then lyophilized and weighed for determination of cell dry weight. PHA content was determined by subjecting lyophilized cells to acidic methanolysis (Brandl et al., 1988; Lageveen et al., 1988). Five to ten milligram of dried cells were resuspended in 2 mL of acidified methanol (15% H2SO4, v/v) and 2 mL of chloroform containing 6 mg/l benzoate methyl ester as an internal standard. The solution was placed in 15 mL Pyrex test tubes, sealed and incubated at 100°C for 3 h. The tubes were then placed on ice for 1 min. One milliliter of water was added to each tube and the solution mixed by vigorous vortexing. The phases were allowed to separate, and the organic phase was removed and passed through a filter before further analysis.

The 3-hydroxyalkanoic acid methyl esters were analyzed by gas chromatography (GC) using an Agilent 6890N chromatograph equipped with a HP Innowax column (30 m × 0.25 mm × 0.5 μm) and a flame ionization detector (FID). An oven ramp cycle was employed as follows, 120°C for 5 min, increasing by 3°C/min to 180°C, 180°C for 10 min. A 20:1 split was used with helium as the carrier gas and an inlet temperature of 250°C. Commercially available 3-hydroxyalkanoic acids (Bioplastech Ltd., Dublin, Ireland) were methylated as described above for PHA samples and used as standards to identify PHA monomers.



Extracellular Metabolites

For measuring extracellular metabolites, samples taken from liquid cultivation were centrifuged for 3 min at 17,000 × g to obtain supernatant for High-Performance Liquid Chromatography (HLPC) analysis using a Beckman System Gold 126 Solvent Module equipped with a Smartline 2300 refractive index detector (Knauer, Berlin, Germany). Analytes were eluted using a 300 × 8 mm organic acid resin column together with a 40 × 8 mm organic acid resin precolumn (both from CS Chromatographie, Langerwehe, Germany) with 5 mM H2SO4 as mobile phase at a flow rate of 0.7 mL min–1 at 70°C (Li et al., 2019).



Genome Sequencing

Genomic DNA for resequencing was isolated through a High Pure PCR Template Preparation Kit (ROCHE life science, Basel, Switzerland). Sequencing and SNP/InDel (single nucleotide polymorphism/insertion and deletion polymorphism) calling was done by GATC (Konstanz, Germany) using Illumina technology as paired-end reads of 125 base pairs. To map the reference sequence against the database, BWA with default parameters was used (Li and Durbin, 2009). SNPs and InDels, analyzed by GATK’s UnifiedGenotyper (McKenna et al., 2010; DePristo et al., 2011), were listed and visualized with the Integrative Genomics Viewer (IGV) (Thorvaldsdóttir et al., 2013).

The sequences have been deposited in the NCBI Sequence Read Archive (SRA) with the accession number SRP148839 for ethylene glycol ALE strains (including our laboratory wildtype SRX4119395 used in this study) and SRP148839 for the 1,4-butanediol ALE strains.



Proteomics

The evolved strains B10.1 and B10.2 were cultivated along with the wild type P. putida KT2440 in 50 mL MSM medium supplemented with 20 mM 1,4-butanediol or 13 mM glucose (both equivalent to 80 mM C). The cultures were harvested by centrifugation and prepared for proteomic analysis as previously described (Narancic et al., 2016). Samples were sent to T. Narancic at University of Dublin to perform the following protocol. For total protein concentrations, peptide fragments obtained by trypsin digestion were analyzed on the Q-Exactive Hybrid Quadrupole Orbitrap Mass Spectrometer (MS; Thermo Fisher Scientific) connected to a Dionex Ultimate 3000 (RSLCnano; Thermo Fisher Scientific) chromatography system (Buffer A: 97% water, 2.5% acetonitrile, 0.5% acetic acid; buffer B: 97% acetonitrile, 2.5% water, 0.5% acetic acid; all solvents were LC-MS grade). The mass spectrometer was operated in positive ion mode with a capillary temperature of 320°C and a potential of 2300 V applied to the frit. All data were acquired with the MS operating in automatic data-dependent switching mode. A high-resolution (70,000) MS scan (300–1600 m/z) was performed using the Q Exactive to select the 12 most intense ions prior to MS/MS analysis using HCD. The identification and quantification were performed using the Andromeda peptide identification algorithm integrated into MaxQuant (Cox and Mann, 2008; Cox et al., 2011). P. putida KT2440 protein sequence database downloaded from UniProt1 in April 2016 was used as a reference (The UniProt Consortium, 2019). Label-free quantification (LFQ) was used to compare the expression level of proteins across samples and growth conditions (Wang et al., 2003). Proteins with a twofold change or higher and a significant change in t-test (FDR 0.01) were automatically accepted, while spectra with no specific change were manually checked for quality.

Each sample had three biological replicates, and each biological replicate was then prepared for the proteomic analysis as a technical replicate. Statistical analysis was performed using Perseus and built-in Welche’s t-test with FDR set at 0.01 (Tyanova et al., 2016). The proteins with at least twofold change were functionally annotated using David bioinformatics (Huang et al., 2009a, b) and clustered into orthologous groups using EggNOG (Huerta-Cepas et al., 2016).



Detection of Dehydrogenase Activity

To perform the enzyme assay, cells from a pre-culture were used to inoculate the main culture containing 20 mM glucose and 5 mM 1,4-butanediol. After 16 h of cultivation, crude extract was isolated using BugBuster (Merck, Darmstadt, Germany) and was desalted using PD-desalting columns (GE Healthcare, Buckinghamshire, United Kingdom) and eluted in 100 mM glycinglycin buffer. Protein concentrations were estimated by standard Bradford test at 595 nm. For the dehydrogenase assay, a modified protocol from Kagi and Vallee (1960) was followed, in which 5 mM 4-hydroxybutyrate or 4% ethanol as control were used as substrate. The formation of NADH was measured at 340 nm in a 96-well-plate at 30°C in a well plate reader from Synergy Mx from Biotek (Bad Friedrichshall, Germany). To obtain a homogeneous mixture, after the addition of NAD+ or 4-hydroxybutyrate, the well-plate was shaken for 3 s at highest speed available.



Statistics

Statistical probability values were, if not stated otherwise, calculated using a paired Student’s t-distribution test with homogeneity of variance (n = 3, significance level of 0.05). In case of duplicates, errors are expressed as deviation from the mean (n = 2).



RESULTS


Isolation of Strain With Enhanced Growth on 1,4-Butanediol by ALE

To study the growth of P. putida KT2440 and possible intermediate production when metabolizing 1,4-butanediol, growth experiments in shake flasks were performed. The wildtype showed poor growth (μmax = 0.082 ± 0.004 h–1) on MSM with 20 mM 1,4-butanediol, requiring more than 50 h to consume all substrate (t = 49; 1.3 ± 0.1 mM), while secreting high levels of the oxidation product 4-hydroxybutyrate (t = 49 h; 16.8 ± 0.3 mM) (Figure 1). This slow growth implies that in principle the metabolic routes are present in P. putida KT2440, but they are not operating optimally under the chosen conditions.
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FIGURE 1. Adaptive laboratory evolution of P. putida KT2440 on 1,4-butanediol. (A) Three parallel sequential batch cultivations on MSM with 20 mM 1,4-butanediol. (B) Growth of single strains isolated from each ALE batch on MSM with 20 mM 1,4-butanediol. The strains B10.1 (purple triangle) and B10.2 (purple inverted triangle) were selected for further investigation. Growth was detected via a Growth Profiler® using a 96-well plate. (C) Biomass growth and (D) 1,4-butanediol (closed symbols, black lines) and 4-hydroxybutyrate (open symbols, red lines) measured in cultures of the wildtype and evolved strains B10.1 and B10.2 in MSM with 20 mM 1,4-butanediol. (E) Growth and PHA formation of strains B10.1 and B10.2 cultivated for 48 h in nitrogen-limited MSM medium with 80 mM 1,4-butanediol (BDO), supplemented with or without 20 mM octanoic acid (OCT) after 24 h. Cultures took place in 250 mL Erlenmeyer shake flasks with a culture volume of 50 mL. Error bars indicate the deviation of the mean (n = 2).


To enhance its ability to grow on 1,4-butanediol, wildtype P. putida KT2440 was subjected to ALE. This method is known to enable the selection of mutated strains with enhanced properties toward specific environments, likely affecting transcriptional regulatory systems (Dragosits and Mattanovich, 2013; Lennen et al., 2019; Li et al., 2019). Cultures of P. putida KT2440 were serially re-inoculated to fresh media containing 20 mM 1,4-butanediol ten times, as soon as growth was observed in form of optical densities above 0.8 (Figure 1). All three parallel evolution lines grew with the same trend. While the first three batches reached an OD600 between 0.8 and 2 after 3–4 days, later batches reached an OD600 between 2.5 and 3.5 after 2 days or less. The ALE was stopped after approximately 47 generations, when growth on 1,4-butanediol reached an OD600 of 2.5 overnight. Single colonies were isolated by streaking the three ALE cultures on LB plates. From each of the three evolution lines, 24 single colonies were tested for growth on 1,4-butanediol in a 96- well plate using a Growth Profiler® (Figure 1). Overall, the growth of these single clones was relatively similar, indicating a rather homogeneous evolved population. The two strains with the highest growth rates were selected, from different evolutionary lines, according to their growth in MSM with 20 mM 1,4-butanediol. These isolated clonal strains are named B10.1 and B10.2 (Figure 1).

The two evolved strains grew faster on 1,4-butanediol than the wildtype, even after several generations in complex medium or MSM containing glucose, indicating that the observed phenotype was evolutionary fixed in the genome. The single evolved isolates B10.1 and B10.2 reach growth rates of 0.33 ± 0.054 h–1 and 0.31 ± 0.001 h–1, respectively. In contrast to the wildtype they completely consume all carbon source, reaching maximum biomass concentrations of 1.05 ± 0.0 gcdw L–1 and 0.96 ± 0.02 gcdw L–1 after 33 h. This translates to an average biomass yield of 0.56 ± 0.025 g/g for the evolved strains. This relatively high yield is likely caused by the high degree of reduction of butanediol, providing considerable reducing equivalents especially in the initial oxidation reactions (Li et al., 2019). In contrast to the wildtype, the evolved strains only transiently accumulate low concentrations of 4-hydroxybutyrate, which are rapidly metabolized within 4 h (Figure 1). All 1,4-butanediol and derivatives that could be detected by HPLC were consumed within 25 h, although biomass still increased significantly beyond this point. Other intermediates not detected by HPLC, possibly the lactone of 4-hydroxybutyrate, could likely accumulate transiently in the cultures of the evolved strains. However, the high biomass yield suggests that all carbon source was consumed at the end of the culture.

In order to assess the applicability of these evolved strains in a bio-upcycling approach, they were cultured in a nitrogen-limited MSM medium with 80 mM 1,4-butanediol. Further cultures were supplemented with 20 mM octanoic acid after 24 h. These conditions enable the production of polyhydroxyalkanoate (PHA) from a (co-)feed of 1,4-butanediol. Without octanoic acid co-feed, strain B10.1 strains reached a final biomass concentration of 0.63 ± 0.11 g L–1, of which 19% (0.12 ± 0.003 g L–1) is PHA. Surprisingly, strain B10.2 reached a much lower biomass density, with only 3% PHA. With an octanoic acid co-feed, strain B10.2 reached the highest biomass concentrations of 0.89 ± 0.005 g L–1, of which 64% (0.57 ± 0.02 g L–1) is PHA (Figure 1). This proves that 1,4-butanediol can be used as a (co-)substrate for the production of a value-added biopolymer, thereby in principle enabling the upcycling of e.g., hydrolyzed PU or polyester waste.

Evolution successfully yielded strains with a 4- or 3.7-fold improved growth rate on 1,4-butanediol compared to the wildtype. The fact that the wildtype accumulates much more 4-hydroxybutyrate than the evolved strains indicates that this is likely the main metabolic bottleneck which was affected by ALE.



Systems Analysis of 1,4-Butanediol Degradation in P. putida KT2440

To investigate the molecular basis of their enhanced growth on 1,4-butanediol, the genomes of the evolved strains B10.1 and B10.2 were resequenced (NCBI SRA accession number SRP148839). The sequences were compared to our laboratory wildtype (SRX4119395) and a reference database genome of P. putida KT2440 (Belda et al., 2016, AE015451.2). A comparison of the latter two was previously described in the context of ethylene glycol metabolism in P. putida (Li et al., 2019). Therefore, we focus here only on differences between our laboratory wildtype and the B10 strains. In the evolved strains B10.1 and B10.2, seven and eight mutations, respectively, were identified in addition to the mutations already present in the laboratory wildtype. Most of these mutations were either silent or intergenic. In addition to these, in the genome of B10.1, an in-frame deletion of 69 bp was found in PP_2139, encoding DNA topoisomerase I. Since this enzyme is related to DNA replication and repair (Wang, 2002), this alteration is unlikely to affect 1,4-butanediol metabolism specifically. However, this mutation might still be favorable in a general sense by affecting growth rate through DNA replication. Furthermore, a missense mutation was identified B10.2 that affects PP_2889, encoding the transmembrane anti-sigma factor PrtR (Calero et al., 2018; Supplementary Table S3). An amino exchange (A240G, GCG/GGG) in this regulator, involved in temperature-related protease production (Burger et al., 2000), might enhance tolerance toward 1,4-butanediol and its oxidation products. Both of these mutations are likely related to general ALE effects selecting for faster growth or higher tolerance to chemical stressors, rather than affecting the operation of the metabolic network.

The PP_2046 gene, encoding for a LysR-type transcriptional regulator, stood out for being mutated in both evolved strains, with each carrying a different mutation. In B10.1, a nonsense mutation caused the loss of the start codon (ATG/ATA), while in B10.2 a missense mutation caused an amino acid exchange (E34G, GAG/GGG) in the helix-turn-helix DNA binding domain of the regulator (Supplementary Figure S1 and Supplementary Table S3). The mutations in this regulator likely affect the expression of the adjacent operon PP_2047-51 which encodes an iron-containing alcohol dehydrogenase, as well as enzymes involved in β-oxidation (Li et al., 2019).

In addition to the analysis of the changes on the genome level, proteomic analysis of the evolved strains and the wildtype during growth on glucose and 1,4-butanediol was conducted. This was done to identify relevant enzymes that are either constitutively expressed or natively induced by 1,4-butanediol. Three biological samples from each strain and culture condition, either grown on glucose or 1,4-butanediol in MSM, were harvested at mid-log phase (Supplementary Figure S2). The samples were normalized using total protein concentration to give the same starting protein concentration for all replicates.

In total, 2122 proteins were identified across all samples and growth conditions, representing 40% of the P. putida KT2440 proteome. The identified proteins exhibited a wide range of annotated biophysical (molecular mass, isoelectric point), biochemical (functional annotations) and structural (domains) properties, suggesting that the analysis was not biased in favor of, or against, any protein class.

When cultivated on 1,4-butanediol the evolved strain B10.1 expressed 19 proteins which were not present in the wildtype, while 313 proteins were up- or downregulated at least two-fold compared to the wildtype. When evolved strain B10.2 was compared to the wildtype, 138 proteins showed at least two-fold difference in expression. The two evolved strains differed in their expression of 126 proteins. A large fraction of the differentially expressed proteins have no known function (Figure 2 and Supplementary Data Files 2). The second-largest group can be categorized in amino acid metabolism and transport according to the clusters of orthologous groups (COG) classification (Tatusov et al., 1997). The likely reason for this large number of proteins with different expression levels is a large difference in growth rate of the B10 strains and the wildtype on 1,4-butanediol and the turnover of proteins during growth.
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FIGURE 2. Proteins with significantly different levels of expression between the evolved strain B10.1 and wildtype P. putida KT2440 (A), the evolved strain B10.2 and wildtype P. putida KT2440 (B), the proteins showing the same trend of upregulation or downregulation in both evolved strains compared to the wild type (C), and the proteins with different levels of expression in B10.1 and B10.2 (D) when grown with 1,4-butanediol (BDO) as a carbon and energy substrate. The number of proteins showing ≥ 2-fold change (T-test, FDR 0.01) in expression are given as clusters of orthologous groups (COG).


The top three highest expressed proteins during growth on glucose as well as 1,4-butanediol were PedE (ethanol dehydrogenase – PP_2674), PedI (aldehyde dehydrogenase – PP_2680) and Tu-B (PP_0452), an elongation factor which is involved in the regulation of protein synthesis by mediating aminoacyl tRNA into a free site of ribosomes (Noel and Whitford, 2016). The latter Tu-B is a general growth-associated protein (Klumpp et al., 2009). The former two proteins are encoded within the ped cluster (PP_2663-80) (Li et al., 2019). To focus on 1,4-butanediol metabolism, specific proteins with activities in putative catabolic pathways (Figure 3) and associated transport steps were further investigated.
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FIGURE 3. Hypothetical pathways for 1,4-butanediol metabolism (A) and expression levels (Label Free Quantification, LFQ; Tyanova et al., 2016) representing the sum of the ion signal recorded in the mass spectrometer for all peptides derived from each protein of the corresponding proteins (B). Colors correspond to LFQ levels, red for low, yellow for average, and green for high values. Proteins which are strongly upregulated in response to growth on MSM with 1,4-butanediol compared to growth with glucose, or which have high expression level in all tested conditions, are indicated in (A), with proteins further investigated in this work in bold. Protein expression levels (B) of selected proteins for P. putida KT2440 and the evolved strains B10.1 and B10.2 growing in MSM with glucose or 1,4-butanediol are listed as oxidoreductases (blue triangle), CoA-ligases (orange star), acyl-CoA dehydrogenases (yellow diamond), 3-hydroxyacyl-CoA dehydrogenase (green circle), enoyl-CoA hydratases (purple rectangle), and acetyl-CoA C-actyltransferase (red cross). n/d, not detected. In case of operons, associated transporters or accessory proteins are included, marked with *.


Genome sequencing uncovered mutations in PP_2046. The corresponding protein was not detected in the proteome analysis, indicating no or a low basal expression below the detection limit of the applied method, which is not uncommon for transcriptional regulators. Proteins encoded by the downstream β-oxidation-related operon were strongly upregulated in the wildtype grown on 1,4-butanediol vs. glucose, including a 3-hydroxyacyl-CoA dehydrogenase (PP_2047, 22-fold), an acyl-CoA dehydrogenase (PP_2048, 16-fold), an iron-containing alcohol dehydrogenase (PP_2049, 52-fold), and an acetyl-CoA acetyltransferase (PP_2051, 25-fold). The hypothetical protein PP_2050 was not detected. On top of this strong induction by 1,4-butanediol in the wildtype, the genes in this operon were even further induced by 2.4- to 3-fold in the evolved strains compared to the wildtype (Figure 3 and Supplementary Data Files 2).

Theoretically, 1,4-butanediol can be metabolized through three possible pathways, all branching off at the point of 4-hydroxybutyrate. This 4-hydroxybutyrate was rapidly formed in cultivations of wildtype P. putida KT2440 on 1,4-butanediol, and also accumulates transiently with the B10 strains (Figure 1). This shows that oxidation of 1,4-butanediol to 4-hydroxybutyrate via alcohol and aldehyde oxidases already occurs at a high rate in the wildtype. The high expression levels of PedE, PedH and PedI suggest that these enzymes are major players in these oxidation steps. Although the encoding genes were not affected by the ALE, and they are only marginally upregulated when the strains were grown with 1,4-butanediol in comparison with growth on glucose, they are constitutively expressed on a very high level. This indicates a considerable metabolic investment of P. putida to be prepared for alcohol and aldehyde oxidation. This rapid oxidation is especially important for tolerance against the highly toxic aldehydes (Franden et al., 2018). Apparently, P. putida encounters such aldehydes often enough in its native environment to warrant this high constitutive expression. Besides these two enzymes, a number of other oxidoreductases are strongly induced upon growth on 1,4-butanediol vs. glucose. These include the GMC family oxidoreductase PP_0056 (BetA-I, along with its associated transporter PP_0057), the iron-containing alcohol dehydrogenase PP_2049, the 3-hydroxybutyrate dehydrogenase PP_3073 (HbdH), the isoquinoline oxidoreductase PP_3621-3 (IorAB-adhB), and the aldehyde dehydrogenase PP_5258 (amaB).

The resulting 4-hydroxybutyrate can theoretically be further oxidized by the same enzymes. However, the presence of a negatively charged carboxylate moiety likely affects substrate binding and it is more plausible that one or several other oxidoreductases with annotated activities on molecules with a carboxylate group similar to 4-hydroxybutyrate perform these oxidations. Several of such enzymes were upregulated during growth on 1,4-butanediol vs. glucose, including a 3-hydroxyisobutyrate dehydrogenase (PP_4666, MmsB) and a methylmalonate semialdehyde dehydrogenase (PP_4667 MmsA-II) (Steele et al., 1992; Zhou et al., 2013) for the alcohol oxidation step. The resulting succinate semialdehyde can be oxidized by the annotated succinate semialdehyde dehydrogenases PP_0213 (GabD-I) and PP_3151 (SadI), but also possibly by the methylmalonate-semialdehyde dehydrogenase PP_4667 (MmsA-II). The resulting oxidation product succinate can be further metabolized in the TCA cycle. The low growth rate of the wildtype indicates that, although multiple putative proteins for both activities are expressed at a high level, these latter two oxidations only occur at a low rate at best, with a likely bottleneck in the oxidation of 4-hydroxybutyrate.

As an alternative hypothesis to this direct oxidation route, 4-hydroxybutyrate can also be CoA-activated via CoA ligases or transferases. After CoA activation, 4-hydroxybutyryl-CoA can undergo β-oxidation, possibly through enzymes encoded by the PP_2047-51 operon downstream of PP_2046, which would result in glycolyl-CoA and acetyl-CoA (Figure 4). Other β-oxidation related proteins were also identified by the proteome analysis. Glycolyl-CoA may be converted into glycolate and subsequently metabolized through native pathways of P. putida (Li et al., 2019). Theoretically, 4-hydroxybutyryl-CoA could also be further oxidized by acyl-CoA dehydrogenases to generate succinyl-CoA, provided that these have a side activity on the 4-hydroxy group instead of their usual 3-hydroxylated substrates.
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FIGURE 4. Analysis of knockout strains of P. putida KT2440. Biomass growth (A) and 1,4-butanediol concentrations (B) of the wildtype, evolved strains and the ΔpedE-I knockout cultivated in shake flasks in MSM with 20 mM 1,4-butanediol. Growth of selected strains on 20 mM 4-hydroxybutyrate (C). Growth of selected strains on MSM agar plates with 20 mM 1,4-butanediol after 24 h (D) and 48 h (E). Strain numbers next to the plates correspond to full strain names listed in Table 1. The contrast of the images was increased by 20% to improve visibility. Error bars indicate the deviation of the mean (n = 2).


Also of note was the relatively strong differential expression of genes related to the metabolism and transport of amines. The PP_0411-4 operon was highly expressed in the wildtype, but not in the evolved strains, during growth on 1,4-butanediol (Supplementary Data Files 2). This operon encodes a polyamine ABC transporter for spermidine and putrescine, which are structurally and chemically similar to 1,4-butanediol. In spite of this large differential expression, no genomic mutations were found in the evolved strains surrounding the operon, and the knockout of PP_0411-14 in P. putida KT2440 did not influence growth on 1,4-butanediol (data not shown). In contrast, operons encoding metabolic pathways for 4-aminobutanoate (PP_2013-15), ethanolamine (PP_0542-44), and ornithine (PP_0999-1001) were strongly upregulated on 1,4-butanediol vs. glucose (Supplementary Data Files 2). The metabolism of some of these amines shares metabolic intermediates with the putative 1,4-butanediol pathways (Bandounas et al., 2011). Possibly, the high accumulation of 4-hydroxybutyrate in the wildtype induced the expression of these genes, leading to a misregulation during growth on 1,4-butanediol. Alternatively, one of the aldehyde intermediates may undergo amination, or the diamine transporter may facilitate uptake of 1,4-butanediol or its oxidation products.



Pathway Validation

The abovementioned genomic and proteomic analyses indicate several possible genes and enzymes that are either natively expressed at a high level, upregulated in the presence of 1,4-butanediol, or activated by ALE. To test the relevance of these genes for 1,4-butanediol metabolism, several knockout strains were generated. The dehydrogenases encoded in the ped cluster (PP_2673-80) were constitutively expressed at a high level (Figure 3). To test the importance of these dehydrogenases to the degradation of 1,4-butanediol, the entire cluster (ΔpedE-I), as well as individual genes pedE and pedI, were knocked out in P. putida KT2440. When P. putida KT2440 ΔpedE-I was cultivated in MSM with 1,4-butanediol no growth could be observed, nor was the substrate taken up or converted to 4-hydroxybutyrate (Figure 4). Therefore, this cluster appears to be essential for the uptake and metabolism of 1,4-butanediol. The fact that no oxidation products were observed strongly suggests that these enzymes catalyze the initial oxidation steps.

The single knockouts of pedE and pedI were streaked on MSM plates containing 20 mM 1,4-butanediol as sole carbon source. Of these knockouts, P. putida KT2440 ΔpedE did not grow, while the ΔpedI strain displayed growth similar to the wildtype after 48 h (Figure 4). Thus, the PQQ-dependent alcohol dehydrogenase PedE is likely responsible for the oxidation of 1,4-butanediol, while, surprisingly, the aldehyde dehydrogenase PedI does not seem to play an essential role in the further oxidation steps, likely because of the high redundancy of aldehyde dehydrogenases in P. putida. PedE, a homolog to ExaA from P. aeruginosa, is an extensively investigated pyrroloquinoline quinone alcohol dehydrogenase with a broad substrate activity, including 1-butanol and 1,4-butanediol (Takeda et al., 2013). Furthermore, Wehrmann et al. (2017) showed activities of PedE toward structural similar alcohols and aldehydes of 1,4-butanediol, like 1-butanol and butyraldehyde. Additionally, the first steps of 1-butanol assimilation in P. putida BIRD-1 also involve homologs of the ped cluster (Simon et al., 2015; Vallon et al., 2015; Cuenca et al., 2016). The other dehydrogenases encoded within the ped cluster, PedH and also PedI, seem to be of minor relevance. PedE and PedH are both ethanol dehydrogenases but are inversely regulated by lanthanides. In the absent of those rare earth elements, pedE expression is induced and pedH is repressed (Wehrmann et al., 2017). Both PedE and PedH are highly expressed, but considering the absence of lanthanides, it is likely that PedH is not active.

The mutations found in PP_2046 and the upregulation of the adjacent operon PP_2047-51 strongly indicates an important role of the encoded enzymes. This operon contains an iron-containing alcohol dehydrogenase encoded by PP_2049 in addition to β-oxidation related genes. In literature, this dehydrogenase is placed in a context of β-oxidation, likely due to its association with the other genes in the PP_2047-51 operon (Poblete-Castro et al., 2012). However, PP_2049 is classified as an iron-containing alcohol dehydrogenase, which belongs to type III non-homologous NAD(P)+-dependent alcohol dehydrogenases (Mitchell et al., 2019). This family is known to have activity toward methanol, ethanol, propanol, and butanol (Hiu et al., 1987; Gaona-López et al., 2016). It is highly likely that PP_2049 oxidizes one or more of the alcohol groups of 1,4-butanediol. Thus, neither direct oxidation to succinate nor β-oxidation can be ruled out by the observed mutation in PP_2046 and the upregulation of the associated operon. In order to determine the relevance of the operon and to distinguish between the effect of the alcohol dehydrogenase and the β-oxidation related genes, the operon and individual genes PP_2046, PP_2049, and PP_2051 were knocked out in wildtype P. putida KT2440 and in the evolved strains B10.1 and B10.2. Care was taken to avoid polar effects in the in-operon knockouts by leaving start and stop codons of overlapping genes intact using the pEMG system (Martínez-García and de Lorenzo, 2011). Deletion strains were tested for their ability to grow on MSM with 1,4-butanediol or 4-hydroxybutyrate as sole carbon source (Figure 4).

Both the wildtype and the evolved strains were unable to grow on 1,4-butanediol or 4-hydroxybutyrate when the regulator PP_2046, or the alcohol dehydrogenase PP_2049 were deleted (Figures 4, 5). The knockout of the whole operon also abolished growth. In contrast, deletion of PP_2051 did not affect growth on 1,4-butanediol (Supplementary Figure S3). This strongly suggests that PP_2049 is the main enzyme involved in the oxidation of 4-hydroxybutyrate. Both individual knockout strains of PP_2049 and pedE were unable to grow on 1,4-butanediol, making it unlikely that they oxidize the same substrate. More likely, the PP_2049 dehydrogenase is essential for the oxidation of 4-hydroxybutyrate, while PedE oxidizes 1,4-butanediol. Attempts to obtain direct biochemical evidence for the oxidation hypothesis with dehydrogenase assays on whole cell extracts of P. putida KT2440 wildtype, B10.1, and ΔPP_2046 with 4-hydroxybutyrate as a substrate were unsuccessful (Supplementary Figure S4) although this might be caused by instability of the PP_2049 enzyme and should be investigated further. The lack of phenotype of the PP_2051 mutant suggests that β-oxidation is not involved, however, this is no clear proof since several other acetyl-CoA C-acetyltransferases are also expressed on a similar level (Figure 3).


[image: image]

FIGURE 5. (A) Biomass growth during the cultivation of P. putida KT2440 (black, circles), B10.1, B10.2 (purple, triangles), P. putida KT2440 ΔPP_2046 (black, circle) and P. putida KT2440 ΔPP_2046:14g (black, circled cross) in MSM medium with 20 mM 1,4-butanediol. (B) Biomass growth of P. putida KT2440 ΔPP_2046 transformants harboring an overexpressing construct for PP_2046 or PP_2046E and the empty vector cultivated in MSM with 20 mM 1,4-butanediol. Error bars indicate the deviation of the mean (n = 2).


The deletion of PP_2046 apparently causes a downregulation of the operon, while the mutations in PP_2046 in the evolved strains cause an overexpression of the adjacent operon. This is evident in the proteome data and also described in Li et al. (2019) for the E34G mutation in the context of ethylene glycol metabolism. In fact, the strains evolved on ethylene glycol also grow efficiently on 1,4-butanediol (Supplementary Figure S5). Expression in trans of the mutated regulator from B10.2 containing this mutation (denoted as PP_2046E) in P. putida KT2440 ΔPP_2046 enhanced growth of the wildtype on 1,4-butanediol, while expression of the native version could not restore growth (Figure 5). The regulator PP_2046 groups in the LysR-type family, which mainly contains transcriptional activators, repressors, and even dual function activators/repressors with a helix-turn-helix (HTH) DNA-binding domain at the N-terminus (Pérez-Rueda and Collado-Vides, 2000; Maddocks and Oyston, 2008). Both mutations found in the B10.1 and B10.2 evolved strains are located in the first third of the gene, in the HTH domain. While the B10.1 version of PP_2046 lost its native start codon, alternatives start codons are present (Supplementary Figure S1). The fact that only the mutated version of PP_2046 can enable growth on 1,4-butanediol, while its deletion abolishes growth, strongly suggests that this gene encodes an activator of the downstream operon, with an unknown inducer outside of the 1,4-butanediol context. It seems that a modification of the HTH domain is key to creating a constitutive activator.

In order to test whether overexpression of the PP_2047-51 operon alone was sufficient to enable faster growth on 1,4-butanediol, PP_2046 was replaced by the strong constitutive promotor P14g, facing the operon, resulting in the strain P. putida KT2440 ΔPP_2046:14g. Indeed, the growth on 1,4-butanediol was enhanced by 3.43-fold compared to the wildtype (Figure 5). This further indicates that the PP_2047-51 operon is the main determinant enabling fast growth on 1,4-butanediol. However, growth of this strain was somewhat slower than that of the evolved strains (ΔPP_2046:14g: 0.249 ± 0.004 h–1), indicating that other factors, possibly also regulated by PP_2046, are at play.

In this context, it should be noted that no gene encoding a CoA-ligase or transferase is present within the operon, which would be required for 1,4-butanediol degradation through β-oxidation. However, several of such enzymes were upregulated in the presence of 1,4-butanediol (Figure 3). To test whether the upregulation of this operon in the evolved strains enables enhanced β-oxidation, growth of the wildtype, the evolved strains, and ΔPP_2046 were analyzed on longer-chain α,ω-diols. The ΔPP_2046 strain did not grow on any of the tested diols. In contrast, both the evolved strain and the wildtype grew on 1,4-butanediol and 1,8-octanediol, with the evolved strains growing at a significantly higher rate (Figure 6). Surprisingly, none of the strains grew on 1,6-hexanediol or 1,7-heptanediol. A similar trend of faster growth by the evolved strains was also observed on butanol (Supplementary Figure S6). Since these substrates can only be metabolized through β-oxidation, these results strongly suggest that the upregulation of the PP_2047-51 operon enables higher activity of this pathway, and they prove that PP_2046 is an essential regulator for the metabolism of these short- to medium-chain alcohols.


[image: image]

FIGURE 6. Growth of P. putida KT2440 (black, circles), B10.1, B10.2 (purple, triangles) and ΔPP_2046 (gray, circles) on 1,4-butanediol (A,B) 1,8-octanediol. Growth was detected via a Growth Profiler® in 24-square well plates. Error bars depict the deviation from mean (n = 2).




CONCLUSION

Adaptive laboratory evolution was successfully used to enhance growth of P. putida KT2440 on 1,4-butanediol. Putative degradation pathways of this important plastic monomer were contextualized with leads from genome resequencing and proteome analysis, which were verified by knockout and overexpression analyses and physiological data. The alcohol dehydrogenases PedE and PP_2049 were found to be essential for growth on 1,4-butanediol, with the latter also being required for growth on 4-hydroxybutyrate. Mutations in the transcriptional regulator PP_2046 were the main cause of enhanced growth in the ALE strains. The evolved phenotype could be reproduced through reverse engineering, either by overexpression of the PP_2047-51 operon by promoter exchange, or through in trans expression of the mutated regulator. In all, the knockout analysis favors the hypothesis of direct oxidation of 1,4-butanediol, via 4-hydroxybutyrate, to succinate. However, the alternative β-oxidation hypothesis can’t be ruled out, and possibly both pathways operate simultaneously.
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The fate of plastic waste and a sustainable use of synthetic polymers is one of the major challenges of the twenty first century. Waste valorization strategies can contribute to the solution of this problem. Besides chemical recycling, biological degradation could be a promising tool. Among the high diversity of synthetic polymers, polyurethanes are widely used as foams and insulation materials. In order to examine bacterial biodegradability of polyurethanes, a soil bacterium was isolated from a site rich in brittle plastic waste. The strain, identified as Pseudomonas sp. by 16S rRNA gene sequencing and membrane fatty acid profile, was able to grow on a PU-diol solution, a polyurethane oligomer, as the sole source of carbon and energy. In addition, the strain was able to use 2,4-diaminotoluene, a common precursor and putative degradation intermediate of polyurethanes, respectively, as sole source of energy, carbon, and nitrogen. Whole genome sequencing of the strain revealed the presence of numerus catabolic genes for aromatic compounds. Growth on potential intermediates of 2,4-diaminotoluene degradation, other aromatic growth substrates and a comparison with a protein data base of oxygenases present in the genome, led to the proposal of a degradation pathway.
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INTRODUCTION

Plastics are heavily used in our modern society and the global production rates increase since decades. With about 3.5 million tons polyurethanes were the fifth most demanded synthetic polymers in Europe in 2015 (Plasticseurope, 2016). The uses of polyurethanes are manifold with the major field of application being insulation materials. Common precursors used to synthesize polyurethanes are polyisocyanates and polyols together with additives such as catalysts, cross linkers and chain extenders, among others. Despite forming urethane bonds with the polyisocyanates, polyols additionally can contain ether or ester bonds, resulting in polyether or polyester polyurethanes, respectively. On the other hand, the polyisocyanate compounds can have an aliphatic, polycyclic or aromatic nature. Two of the most widely used diisocyanates for PU synthesis are 4,4′-methylene diphenyl diisocyanate (MDI) and toluene-2,4-diisocyanate (TDI) and their precursors 4,4′-diaminodiphenylmethane (MDA) and 2,4-diaminotoluene (2,4-TDA), respectively. Next to an alcohol and carbon dioxide, primary amines are also formed after chemical hydrolysis of the urethane bond (Marchant et al., 1987).

Post-consumer plastics are already a major challenge for the environment and will be an even bigger one in the future. The biodegradation is often hampered by the durability, crystallinity and macroscopic structure of the polymers. For polyurethanes, the diverse chemical composition increases the obstacles for both, biological and chemical recycling. Reports on the degradation of polyurethanes mostly focus on polyester-based ones, fungal as well bacterial and enzymatic hydrolysis were reported (Wang et al., 1997; Russell et al., 2011; Krasowska et al., 2012; Shah et al., 2013; Magnin et al., 2019). The biodegradation of polyether-based PU is far less documented and was usually achieved by fungal activity (Matsumiya et al., 2010; Álvarez-Barragán et al., 2016).

The biodegradation of synthetic polymers in general is a two-step process. It involves the attack by extracellular enzymes overcoming the macromolecular structure of the polymers and providing monomers and oligomers for the second step, which is the mineralization of the latter inside the cell. The two steps can be carried out by a single species, or more likely by at least two. Regularly, aromatic monomers are released by the activity of extracellular enzymes. During microbial degradation of aromatic compounds typically mono- and dioxygenases are involved in ring hydroxylation and cleavage. The hydroxylation of the aromatic ring results in catecholic compounds (with at least two adjacent hydroxyl groups) reducing the aromatic character of the compound and facilitating the oxygenolytic cleavage of the ring. The latter can be intradiolic (ortho-cleavage) or extradiolic (meta-cleavage).

Studies that identified the products of PU hydrolysis found the diamines TDA and MDA (Matsumiya et al., 2010; Cregut et al., 2013; Magnin et al., 2019). Both amines have been proposed in the European Chemicals Agency to be identified as “Substances of Very High Concern,” specifically in the category of “Carcinogenic, Mutagenic or toxic to Reproduction” (European Chemicals Agency, 2019). The carcinogenicity of TDA compounds was demonstrated with experimental studies in animals (Baua, 2008). To understand the fate of the diamines released from PU degradation and in order to investigate the monomer and oligomer metabolism in plastics degradation in general, we screened for bacteria capable to degrade both, 2,4-TDA and PU oligomer (Polyurethane diol solution, Sigma-Aldrich). From a site rich in brittle plastic waste, a Pseudomonas species was isolated on 2,4-TDA and positively tested for growth on the PU oligomer as the sole source of carbon and energy. Genome sequencing and the screening for potential carbon substrates led to a hypothetic degradation pathway of 2,4-TDA in the isolated Pseudomonas strain.



MATERIALS AND METHODS


Growth Conditions

The bacteria were grown in mineral media, as reported before (Hartmans et al., 1989), containing the following compounds (per liter demineralized water): 7 g Na2HPO4 × 2 H2O; 2.8 g KH2PO4; 0.5 g NaCl; 0.1 g NH4Cl; 0.1 g MgSO4 × 7 H2O; 10 mg FeSO4; 5 mg MnSO4; 6.4 mg ZnCl2; 1 mg CaCl2 × 6 H2O; 0.6 mg BaCl2; 0.36 mg CoSO4 × 7 H2O; 0.36 mg CuSO4 × 5 H2O; 6.5 mg H3BO3; 10 mg EDTA; 146 μl HCl (37%). The nitrogen-deficient mineral media did not contain NH4Cl. As sole source of carbon and energy either 4 g/l disodium succinate (Sigma-Aldrich), 2 mM 2,4-TDA (Sigma-Aldrich) or 3 g/l PU oligomer (Sigma-Aldrich, dihydroxy-functional oligomer, aliphatic urethane of proprietary composition) was added. For growth on solid media 3.5% of agar was added. Cells were cultivated in 50 ml shaking cultures at 30°C at 150 rpm. All chemicals used were reagent grade and obtained from commercial sources. Optical density was measured at a wavelength of 560 nm (Perkin Elmer, Lambda 2S). Toluene, benzene, aniline, 2,4-dihydroxytoluene (4-methylresorcinol), methylsuccinate, sodium benzoate, 2-aminobenzoate (anthranilate), phenol, o-xylene, catechol, 4-methylcatechol and benzene-1,2,4-triol (hydroxyhydroquinone) were tested if they serve as sole source of carbon and energy for the isolated bacteria in 100, 200, and 300 mg/l concentrations and OD at 560 nm was measured to evaluate growth.



Bacterial Strain Isolation and Identification

For the isolation of bacteria from soil, three samples from a site rich in brittle plastic waste (Paunsdorf, Leipzig, Germany) were used. 1 g of each sample was dissolved in 9 mL of NaCl 0.9% m/V, diluted 1:10 and stored at 4°C. Afterward, dilution series of 10–1, 10–2, and 10–3 were prepared. 150 μL of the diluted soil solutions were added to agar plates containing mineral medium and different concentrations of 2,4-TDA (2, 5, and 10 mM) as sole carbon and energy source. The plates were stored at 30°C. After 5 days of incubation bacteria were transferred to fresh plates, agar plates without carbon source were used as control. The complete 16S rRNA gene sequence was obtained from the TDA1 genome and used for an alignment with other known Pseudomonas species by making use of the RDP data base (Wang et al., 1997).



Toxicity Test for 2,4-TDA

In order to test the toxic effect of 2,4-TDA on the isolated strain during growth with the readily metabolizable carbon source disodium succinate (4 g/L), 2,4-TDA was added at different concentrations to exponentially growing cultures as described earlier (Heipieper et al., 1995). The control was a culture growing with succinate as the carbon source without the addition of 2 4-TDA.



Membrane Lipid Fatty Acid Composition

The membrane fatty acid profile for selected strains was obtained. For the phospholipid fatty acids (PLFA) extraction, bacterial cells were harvested from an overnight culture and then centrifuged for 7 min at 13000 rpm. The pellet was washed with 1.5 mL of 10 mM KNO3, centrifuged and PLFA extraction was done as reported before (Bligh and Dyer, 1959), methylation was achieved by addition of 0.6 mL of 20% boron trifluoride in methanol (Morrison and Smith, 1964). The identification and quantification of the fatty acid methyl esters (FAME) was done using gas chromatography with flame ionization detector (GC-FID, Agilent Technologies, 6890N Network GC System, 7683B Series Injector). A CP-Sil 88 column (Varian CP7488) was used as stationary phase and helium as carrier gas. The temperature ramp programmed was: 2 min 40°C isotherm, a gradient increase to 220°C (8°C × min–1) and 10 min 220°C isotherm.



Genome Sequencing of Selected Strain

Genomic DNA was extracted (DNeasy® Blood & Tissue Kit, QIAGEN) according to the manufacture’s protocol for Gram-negative strains. The quantity of extracted DNA was checked by nanodrop followed by the library preparation with the Nextera XT DNA library kit (Illumina, San Diego, CA, United States). The library was checked with an Agilent technology Bioanalyzer 2100. Paired-end libraries were sequenced using Illumina v3 chemistry on a Illumina MiSeq sequencer with a 250-bp paired-end protocol according to the manufacturer’s instructions. The sequencing reads were demultiplexed by MiSeq reporter software (Illumina). The draft genome sequences were assembled using the Velvet assembly program (Zerbino and Birney, 2008). The RAST queue (Aziz et al., 2008) was used to annotate by using P. putida KT2440 as reference strain. For the annotation of dioxygenases the AROMADEG data base was used in addition (Duarte et al., 2014). To reveal similarities to known enzymes (mono- and dioxygenases, enzymes involved in aromatics degradation) amino acid sequences of genes present in the genome of TDA1 were compared to UniprotKB database or by using the basic local alignment search tool (BLAST) data base in NCBI as reported before (Altschul et al., 1997). The suggestion of genes possibly involved in the degradation was based on significant amino acid sequence similarities, i.e., a high coverage (at least 80%) and similarity (at least 30%) as well as a low E value (1 × 10–8 or lower) given by BLAST when compared to the sequences to known and described enzymes. Dioxygenases or enzymes with an aromatic substrate were analyzed mainly by deploying the AROMADEG data base.



HPLC MEASUREMENTS

2,4-TDA degradation was monitored by measuring the decrease in concentration. The experiment was performed in triplicates. 50 mL of 2 mM 2,4-TDA media were inoculated with the isolated bacterial strain. 1 mL of the culture was collected and mixed with an equal amount of methanol. A calibration curve for the concentrations between 0.1 mM and 3 mM of 2,4-TDA was prepared. All the samples were centrifuged (7 min, 13000 rpm) at room temperature and filtered through a 0.45 μm polyethersulfone membrane syringe filter (WhatmanTM-GE Healthcare). 75 μl of the sample was analyzed by high performance liquid chromatography (HPLC; LC- 20AB, Shimadzu). All the samples and standards were measured using a C18 column (LiChroCART® 125-4, RP-18e, 5 μm, Merck KGaA). Isocratic elution of 2,4-TDA was conducted with 39.5% methanol, 59.5% distilled water and 1.0% triethylamine at a flow rate of 0.65 ml min–1 (Freedman et al., 1996). The temperature of the column was kept constant at 25°C. Detection was done with a photodiode array detector, using a deuterium lamp as light source, at 278 nm (SPD-M20A, Shimadzu).



RESULTS

The screening performed with soil samples taken from a site rich in brittle plastic waste led to the isolation of two bacterial strains that grew on agar plates containing mineral medium with 2,4-TDA as sole carbon and energy source and showed growth in liquid media containing 2 mM 2,4-TDA. Any isolated bacteria that did grow on agar plates without any carbon source were discarded to exclude autotrophic growth on 2,4-TDA agar plates. One strain, named TDA1, was chosen for further investigations. Figure 1 shows the growth of the TDA1 isolate on 2 mM 2,4-TDA as sole carbon and energy source. The growth rate was 0.04 h–1 corresponding to a generation time of 14 h–1 during exponential growth phase. The degradation of 2,4-TDA was quantified using HPLC. The 2,4-TDA was consumed by the bacterial strain whereas the sterile control only shows a minor decrease in 2,4-TDA concentrations (Figure 1). 2,4-TDA at a concentration of 2 mM was shown to be the optimal concentration, because lower and higher concentrations yielded lower optical densities (data not shown). This was also verified in toxicity tests where 2,4-TDA was added to cells growing exponentially with succinate as carbon and energy source (Figure 2). The growth rate with succinate in the presence of 2 mM 2,4-TDA was reduced by 55% compared to the untreated control whereas higher concentrations caused significantly higher growth inhibition.
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FIGURE 1. Growth of Pseudomonas sp. TDA1 on 2,4-TDA. Circles: Growth of Pseudomonas sp. TDA1 on 2 mM 2,4-TDA as sole source of carbon and energy in mineral medium containing an additional nitrogen source (filled circles) and in nitrogen deficient mineral media (empty circles). Squares: Consumption of 2,4-TDA measured via HPLC during the course of cultivation of Pseudomonas sp. TDA1 on 1.5 mM 2,4-TDA as sole source of carbon and energy in mineral medium (filled squares) or in a sterile control containing 1.8 mM 2,4-TDA (empty squares) n = 3.
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FIGURE 2. Effect of 2,4-TDA on P. putida KT2440. Filled circles: Effect of 2,4-TDA on growth of P. putida KT2440. The growth rate after the addition of 2,4-TDA to exponentially growing cells is given relative to a control without 2,4-TDA. Empty circles: Effect of different 2,4-TDA concentrations on the trans/cis ratio of unsaturated fatty acids of P. putida KT2440.


Remarkably, strain TDA1 was also able to grow in a nitrogen-deficient mineral media containing only 2,4-TDA as sole carbon and nitrogen source. Optical densities were similar to those obtained with ammonium chloride as nitrogen source (Figure 1). Next to 2,4-TDA also other (aromatic) compounds were tested if they serve as sole source of carbon and energy for the isolated strain. Toluene, benzene, aniline, 2,4-dihydroxytoluene and methylsuccinate did not support growth of the TDA1 strain, whereas benzoate, 2-aminobenzoate (anthranilate), phenol, o-xylene, catechol, 4-methylcatechol and benzene-1,2,4-triol served as a growth substrate (Table 1). In addition, the strain grew on an aliphatic oligomeric PU substrate of proprietary composition (PU diol solution, Sigma-Aldrich). Optical densities of about 0.8 were obtained with a concentration of 3 g/l (about 9 mM) of the oligomeric PU as sole carbon and energy source (data not shown).


TABLE 1. Growth spectrum for Pseudomonas sp. TDA1.

[image: Table 1]The whole genome sequence has been deposited at DDBJ/ENA/GenBank under the accession WOVH00000000. The version described in this paper is version WOVH01000000. The gene locus tag is GNP06_XXXXX, the corresponding five-digit number is given in the text for each gene mentioned. Using the complete 16S rRNA gene sequence (gene 02555), the strain was identified as Pseudomonas sp. strain that shows high similarity with P. oryzihabitans and various P. putida strains. The strain TDA1 will be referred to as Pseudomonas sp. TDA1 in this paper. In addition, the phospholipid fatty acid profile of the strain TDA1 showed the presence of the following fatty acids: C14:0, C16:0, C16:1trans, C16:1cis, 17cyclo, C18:0, C18:1trans, C18:1cis, and 19cyclo (data not shown) comprising more than 95% of the total fatty acids of the strain. The fatty acid composition and pattern of TDA1 was the same as the one of strain P. putida KT2440 which was used as a control and benchmark. In addition, the gene for the cis-trans isomerase of unsaturated fatty acids (CTI), an important marker gene for the genus Pseudomonas (Palleroni, 2015; Eberlein et al., 2018), is present in the TDA1 genome (gene 13840) revealing more than 90% amino acid sequence identity with several Pseudomonas CTIs already present in the protein BLAST database (for example: Accession numbers Q8RJN7, A0A059V043, and F8FYU0). Also, the CTI phenotype, regularly given as solvent stress-depending increase in the trans/cis ratio of unsaturated fatty acids, was detected in the presence of 2,4-TDA in P. putida KT2440 (Figure 2).

Among pathways for degradation of central catecholic intermediates, genes encoding enzymes of the catechol branch of the 3-oxoadipate pathway (catechol 1,2-dioxygenase, muconate cycloisomerase and muconolactone isomerase, genes 25335, 25340, 25345) as well as those encoding the protocatechuate branch (α- and β-subunit of protocatechuate 3,4-dioxygenase, 3-carboxymuconate cycloisomerase and 4-carboxymuconolactone decarboxylase; genes 17435, 17430, 07520, and 07510) and the respective 3-oxoadipate enol-lactone hydrolases (genes 20490 and 07515, respectively) were identified. In addition, genes encoding enzymes for the formation of homogentisate (4-hydroxyphenylpyruvate dioxygenases, genes 05520 and 05730) and a homogentisate 1,2-dioxygenase pathway (genes 17645, 17650, and 17655) as well as a homoprotocatechuate pathway including a LigB type 3,4-dihydroxyphenylacetate 2,3-dioxygenase (gene 05110) were observed. Genes encoding enzymes of the corresponding meta-cleavage pathway for homoprotocatechuate were found: 5-carboxymethyl-2-hydroxymuconate semialdehyde dehydrogenase (gene 05115), 5-carboxymethyl-2-hydroxymuconate isomerase (gene 05105), 5-carboxymethyl-2-oxo-hex-3-ene-1,7-dioate decarboxylase (genes 05120 or 05125), and 2-oxo-hepta-3-ene-1,7-dioic acid hydratase (gene 05095). An additional dioxygenase was identified (gene 06545) which according to AROMADEG (Duarte et al., 2014) belongs to a family of extradiol dioxygenases of the vicinal oxygen chelate superfamily of extradiol dioxygenases comprising, among others, enzymes using miscellaneous substrates such as 2,3-dihydroxybenzoate and clustered with proteobacterial extradiol dioxygenases of unknown function (comprising among others YP_046462, an extradiol dioxygenase of Acinetobacter baylyi ADP1).

Genes coding for archetype catechol 2,3-dioxygenases such as xylE, catE, or nahA, extradiol dioxygenases belonging to family I.2 of the vicinal oxygen chelate superfamily, showing a preference for monocyclic substrates and specifically cluster in XXII according to the revised phylogeny of AROMADEG (Eltis and Bolin, 1996; Vaillancourt et al., 2004; Pérez-Pantoja et al., 2009), are not present in the genome of TDA1. Neither ring cleaving dioxygenases involved in aminoaromatic degradation like 5-aminosalicylate 1,2 dioxygenase (Stolz and Knackmuss, 1993), 2-aminophenol 1,6-dioxygenase (Takenaka et al., 1997; Wu et al., 2005) nor hydroxybenzoquinol 1,2-dioxygenase (Travkin et al., 1997; Kitagawa et al., 2004; Wang et al., 2007; Pérez-Pantoja et al., 2009) are encoded in the TDA1 genome.

At least seven genes encoding putative α-subunits of Rieske non-heme iron dioxygenases are present in the genome of TDA1. They were analyzed using AROMADEG (Duarte et al., 2014): it was shown, that genes 26235, 17905, and 06615 are distantly related to enzymes of the phthalate family of Rieske dioxygenases. Gene 26235 probably encodes a vanillate O-demethylase with 76.2% amino acid sequence similarity to P12609 from Pseudomonas strain ATCC 19151. The product of gene 06615 shows significant amino acid sequence similarity of 47% with toluene 4-sulfonate monooxygenase TsaM1 (accession P94679) from Comamonas testosteroni T-2 (Locher et al., 1991a, b). Among enzymes of documented function, also the product of gene 17905 shows similarity to toluene 4-sulfonate monooxygenase TsaM1, however, only to a low extent of 33%. The gene product of 06600 clearly is a member of the phthalate family of Rieske oxygenases. According to AROMADEG, it belongs to a cluster comprising putative phthalate 4,5-dioxygenase from Ralstonia eutropha JMP134 (accession YP298987). Gene 19420 encodes a protein with 73.8% similarity with CntA carnitine monooxygenase (accession D0C9N6) of Acinetobacter baumannii ATCC 19606 and thus may be responsible for carnitine transformation to form trimethylamine and malic semialdehyde. The protein encoded by gene 25270 belongs to cluster I of the benzoate family of Rieske dioxygenases (enzymes involved in indole acetic acid degradation and related enzymes). Gene 08315 encodes a benzoate 1,2-dioxygenase (cluster XI, benzoate and 2-chlorobenzoate dioxygenases of the benzoate family of Rieske dioxygenases) with 97.1% identity with BenA of P. putida GJ31 (accession AAX47023).

Neither gene clusters encoding proteins involved in the side-chain oxidation of methyl-substituted aromatics, namely the two-component xylene/p-cymene monooxygenase, which consist of a hydroxylase related to AlkB alkane hydroxylase and a reductase (Worsey and Williams, 1975; Eaton, 1996) were observed in the genome, nor are multicomponent soluble diiron benzene/toluene or phenol/methylphenol monooxygenases encoded. However, five genes coding for flavin depending monooxygenases were detected (genes 05080, 17225, 06905, 06505, 06585). Gene products of 05080 and 06585 show high amino acid sequence similarity to 4-hydroxyphenylacetate 3-hydroxylase from Acinetobacter baumannii (accession Q6Q272) of 72.1% and 72.6%, respectively (Thotsaporn et al., 2004). The product of gene 17225 exhibits high sequence identity to documented 4-hydroxybenzoate 3-monooxygenases such as the enzymes P00438 from P. fluorescens (74.9%) or P20586 from P. aeruginosa (74.6%). In contrast to that, the function of flavin monooxygenases 06505 and 06905 remains unknown.

The release of nitrogen from aromatic amines can occur before ring cleavage in form of ammonia (Aoki et al., 1983; Chang et al., 2003; Takenaka et al., 2003), but also after ring opening (Takenaka et al., 2000). The latter is done by 2-aminomuconate deaminase during 2-aminophenol degradation by Pseudomonas sp. AP-3. This enzyme belongs to the YjgF/YER057c/UK114 family (also known as the Rid family). Five members of this family were observed to be encoded in the genome of the strain TDA1 (genes 01225, 03255, 14860, 17920, 05035). For two of these gene products significant similarities to 2-aminomuconate deaminase of Pseudomonas sp. AP–3 (accession Q9KWS2) could be documented: 36% for the gene product of 14860 and 32% for the gene product of 05035.



DISCUSSION

A bacterial strain capable of degrading both, an oligomeric PU and a PU building block was obtained from soil samples. According to our knowledge, this is the first report on the isolation of a bacterial pure culture for the polyurethane precursor 2,4-TDA. A powerful metabolic potential of the strain is given because of the ability to use both as sole source of carbon and energy, a monomer and an oligomer of PU. 2,4-TDA was used not only as the carbon and but also as a nitrogen source. That concentrations higher than 2 mM 2,4-TDA did not increase the optical densities further, might be due to toxic effect. Also for P. putida KT2440 it was shown, that concentrations above 2 mM 2,4-TDA diminished growth. The isolate was identified as Pseudomonas sp. strain by 16S rRNA gene sequence analysis and by comparing the fatty acid profile to the one of P. putida KT2440. The isolation of a Pseudomonas strain from the same oligomeric PU material was reported before (Mukherjee et al., 2011). Moreover, microbial attack on polyurethanes by species of the genus Pseudomonas was documented earlier (Howard and Blake, 1998; Howard, 2002; Gautam et al., 2007; Peng et al., 2014; Hung et al., 2016). The fact that PU polymers or components do not only meet the carbon but also the nitrogen demand was confirmed in this study. Earlier reports also had shown that polyisocyanates may serve as nitrogen source (Darby and Kaplan, 1968; Crabbe et al., 1994; Nakajima-Kambe et al., 1995; Kloss et al., 2009).

Considering the genomic potential and the substrate spectrum a degradation pathway for 2,4-TDA with candidate genes encoding the enzymes involved can be suggested (Figure 3). Although also a monooxygenation of an aromatic ring lacking hydroxyl groups has been reported in the case of styrene (Beltrametti et al., 1997), an initiation of the degradation of not yet activated aromatics by flavin monooxygenases is rather unlikely (Van Berkel et al., 2006). In contrast to that, hydroxylation of substituents at the aromatic ring, like the methyl group of toluene, is common (Assinder and Williams, 1990). However, strain TDA1 does not grow on toluene (Table 1) and the only putative methyl group oxidizing enzymes encoded are those with similarity to toluene 4-sulfonate monooxygenase TsaM1 (accession P94679) from Comamonas testosteroni T-2 (Locher et al., 1991a, b). Therefore, it can be assumed that the methyl group is hydroxylated to a primary alcohol (candidate gene 06615) with the help of an electron transferring unit. For the latter, a gene encoding for a protein sharing 48.1% sequence similarity with toluene-4-sulfonate monooxygenase reductase subunit TsaB1 (accession P94680) in Comamonas testosteroni is located adjacent to 06615. Obviously, the methyl oxidizing enzyme present needs a substituent in para position on the aromatic ring to function as the strain cannot grow on toluene. The following steps yielding 2,4-diaminobenzoate (4-aminoanthranilate) would be catalyzed by an alcohol dehydrogenase and subsequently by an aldehyde dehydrogenase encoded elsewhere in the genome. Strain TDA1 uses anthranilate as the sole source of carbon and energy which typically is catalyzed by an anthranilate 1,2-dioxygenase (Cain, 1968; Eby et al., 2001; Schühle et al., 2001; Chang et al., 2003; Liu et al., 2010; Costaglioli et al., 2012; Kim et al., 2015). No such enzyme is encoded in the genome of TDA1. However, some benzoate dioxygenases are reported to transform anthranilate to catechol (Yamaguchi and Fujisawa, 1980; Haddad et al., 2001) and a gene cluster encoding a benzoate 1,2-dioxygenase α- and β-subunit as well as a ferredoxin reductase component (genes 08305, 08310, 08315) is conserved in the genome. It is therefore conceivable that 2,4-diaminobenzoate is transformed by benzoate 1,2-dioxygenase yielding 4-aminocatechol as central intermediate.


[image: image]

FIGURE 3. Proposed degradation pathway including extradiol cleavage of 4-aminocatechol for 2,4-TDA in the putative Pseudomonas sp. TDA1. 1: Toluene 4-sulfonate monooxygenase (candidate gene GNP06_06615) with toluene-4-sulfonate monooxygenase reductase (candidate gene GNP06_06620) and subsequent alcohol dehydrogenase (2) and aldehyde dehydrogenase (3) activity (encoded elsewhere in the genome). 4: Benzoate 1,2-dioxygenase with anthranilate dioxygenase activity (candidate genes for α- and β-subunit as well as a ferredoxin reductase component GNP06_08305, GNP06_08310 and GNP06_08315). 5: Extradiol 2,3-dioxygenase (candidate gene GNP06_06545 or GNP06_05110). 6, 8 and 9: Enzymes for the homoprotocatechuate meta-cleavage pathway (candidate genes GNP06_05115, GNP06_05105 and GNP06_05120/25). 7: 4-amino-2-hydroxymuconate deaminase (candidate genes GNP06_14860 or GNP06_05035).


Studies showed that aromatic compounds with electron-donating substituents, such as amino groups, are preferably degraded via the meta-cleavage pathway (Ribbons, 1965; Seidman et al., 1969; Bugg and Ramaswamy, 2008; Shukla et al., 2016). It can therefore be speculated that the putative intermediate 4-aminocatechol is transformed by an extradiol dioxygenase; and a respective extradiol dioxygenase of the vicinal chelate superfamily is actually encoded in the genome (candidate gene 06545). A second extradiol dioxygenase, a homoprotocatechuate 2,3-dioxygenase of the LigB superfamily (Roper and Cooper, 1990), is encoded by gene 05110 located within a gene cluster encoding enzymes for the further metabolism of the homoprotocatechuate ring-cleavage product via the meta-cleavage pathway. Several publications state that homoprotocatechuate 2,3-dioxygenase is promiscuous and may accept 4-nitrocatechol as a substrate (Groce et al., 2004; Henderson et al., 2012; Kovaleva and Lipscomb, 2012; Mbughuni et al., 2012). If the 06545 extradiol dioxygenase or a promiscuous homoprotocatechuate dioxygenase is involved in 2,4-TDA degradation by strain TDA1 remains to be elucidated. Further degradation of the putative ring-cleavage product 4-amino-2-hydroxymuconate semialdehyde may then be performed by homoprotocatechuate meta-cleavage pathway enzymes with 5-carboxymethyl-2-hydroxymuconic semialdehyde dehydrogenase encoded by gene 05115 forming 4-amino-2-hydroxymuconate. As the next step, the formed 4-amino-2-hydroxymuconate could be deaminated by an aminomuconate deaminase (candidate genes 14860 or 05035) similar to the deamination after ring cleavage in the degradation pathway of aminophenol in Pseudomonas sp. AP-3 (Takenaka et al., 2000) or in nitrobenzene degradation in Pseudomonas pseudoalcaligenes JS4 (He and Spain, 1997). For the latter, the enzyme 2-aminomuconate deaminase does not depend on cofactors and deamination of its substrate even happens spontaneously in acidic environments (Ichiyama et al., 1965). In the metabolization of 4-amino-3-hydroxybenzoic acid in Bordetella sp. 10d the amino group is cleaved off already from the muconic semialdehyde intermediate by a 2-amino-5-carboxymuconicsemialdehyde deaminase (Orii et al., 2006). The resulting intermediate 2,5-dihydroxy-muconate probably undergoes tautomerization (gene 05105) and could be further subjected to a decarboxylation step (gene 05120 or 05125). Following the meta-cleavage pathway, a hydroxylation would take place after the decarboxylation and the corresponding hydratase is also present in the genome of TDA1 (gene 05095). However, how exactly the degradation pathway is continued to lead to central metabolites of the citric acid cycle or amino acid metabolism needs to be elucidated in further studies.

To sum up, a preliminary degradation pathway of 2,4-TDA is proposed. In the peripheral pathway 4-aminocatechol is formed after oxidation of the methyl group of diaminotoluene and subsequent dioxygenation with concomitant decarboxylation and deamination. Ring cleavage of 4-aminocatechol in TDA1 would be possible in an extradiol manner (candidate gene 06545) and further employment of the homoprotocatechuate meta-pathway (genes 05115, 05105, 05120/25) with the second deamination potentially taking place after the formation of 5-amino 2-hydroxymuconate (candidate genes 14860 or 05035).

The majority of the enzymes involved in the proposed pathway must be promiscuous regarding their substrate specificity, i.e., they need to accept especially amino substituted analogs. Due to the low steric hindrance of an additional amino group substrate promiscuity might be favored. Enzymes involved in aromatics degradation exhibiting significant activity with substituted substrate analogs were reported before (Pascal and Huang, 1986; Smith et al., 1990; He and Spain, 1997; Eby et al., 2001; Chang et al., 2003; Guzik et al., 2011). However, the proposed degradation pathway of 2,4-TDA in the putative Pseudomonas strain TDA1 needs further confirmation via proteomic, transcriptomic analysis or in vitro assays with potential intermediates of the proposed pathway. Identifying the key enzymes for the degradation of both, 2,4-TDA as putative degradation product as well as precursor of PUs (Matsumiya et al., 2010; Magnin et al., 2019) and for the oligomeric PU could help to equip well known and biotechnological used lab strains like P. putida KT2440 for monomer degradation in two-step biorecycling processes.
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A growing accumulation of plastic wastes has become a severe environmental and social issue. It is urgent to develop innovative approaches for the disposal of plastic wastes. In recent years, reports on biodegradation of synthetic plastics by microorganisms or enzymes have sprung up, and these offer a possibility to develop biological treatment technology for plastic wastes. In this review, we have comprehensively summarized the microorganisms and enzymes that are able to degrade a variety of generally used synthetic plastics, such as polyethylene (PE), polystyrene (PS), polypropylene (PP), polyvinyl chloride (PVC), polyurethane (PUR), and polyethylene terephthalate (PET). In addition, we have highlighted the microbial metabolic pathways for plastic depolymerization products and the current attempts toward utilization of such products as feedstocks for microbial production of chemicals with high value. Taken together, these findings will contribute to building a conception of bio-upcycling plastic wastes by connecting the biodegradation of plastic wastes to the biosynthesis of valuable chemicals in microorganisms. Last, but not least, we have discussed the challenges toward microbial degradation and valorization of plastic wastes.
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INTRODUCTION

Synthetic plastics, including polyethylene (PE), polystyrene (PS), polypropylene (PP), polyvinyl chloride (PVC), polyurethane (PUR), and polyethylene terephthalate (PET) (Table 1), have become fundamental to almost every aspect of our lives. According to the latest statistics of Plastics-Europe, the global yield of plastics reached 348 million tons in 2018 (Plastics Europe, 2018). China and the European Union account for 29.4 and 18.5%, ranking first and second in the world, of all the world’s plastic use, respectively (China Plastics Industry, 2017; Plastics Europe, 2018). Concomitant with the growing consumption of plastics, the generation of plastic wastes increases rapidly around the world. It is predicted that up to 26 billion tons of plastic wastes will be produced by 2050, and more than half will be thrown away into landfills and finally enter ecospheres, such as oceans and lakes, leading to serious environmental pollution (Jambeck et al., 2015; Lönnstedt and Eklöv, 2016; Geyer et al., 2017). As a result, plastic wastes have become a malevolent symbol of our wasteful society.


TABLE 1. Types and properties of generally used synthetic plastics.

[image: Table 1]The current methods for disposing of plastic wastes mainly include landfilling, incineration, and mechanical and chemical recycling (Peng et al., 2018). In most countries, especially the developing countries, landfilling is the major method for plastic wastes disposal due to its operability and low cost. However, the accumulated plastic wastes have occupied a great amount of land. Incineration of plastic wastes can reduce the demand of landfills and recover heat energy, but we also need to reduce the environmental effects of secondary pollutants generated from the incinerating process, such as dioxins, carbon monoxide, nitrogen oxides, and so on. Although mechanical recycling has become the primary recycling method and is applied for reusing thermoplastic wastes, the properties of most recycled materials are significantly compromised after a number of processing cycles, and the resulting commercial values are thus limited. As an alternative, chemical recycling can recover the monomers and other chemicals from plastic wastes, but its success relies on the affordability of processes and the efficiency of catalysts (Rahimi and García, 2017). Nowadays, it is reported that only 9 and 12% of global plastic wastes is recycled and incinerated, while up to 79% is discarded into landfills or the natural environment, indicating that there is a great need for exploring innovative recycling methods to dispose of plastic wastes (Garcia and Robertson, 2017; Geyer et al., 2017).

In recent years, a number of studies have reported that several microorganisms and enzymes are capable of degrading synthetic plastics. Although numerous reviews and viewpoints on the topic of biodegradation of plastic have been published, they have mainly focused on the biodegradation of a single kind of plastic, such as PE (Restrepo-Flórez et al., 2014), PS (Ho et al., 2018), PP (Arutchelvi et al., 2008), PUR (Cregut et al., 2013; Peng et al., 2018; Magnin et al., 2019c), and PET (Wei and Zimmermann, 2017a; Kawai et al., 2019; Taniguchi et al., 2019). A comprehensive review into biodegradation of all main kinds of plastic is necessary (Wei and Zimmermann, 2017b). Moreover, a review focusing on not only the biodegradation but also the biological upcycling of plastic wastes is even more attractive (Wierckx et al., 2015; Salvador et al., 2019; Blank et al., 2020). In this review, we have summarized the microorganisms and enzymes that have been proven to be capable of degrading plastics, such as PE, PS, PP, PVC, PUR, and PET, as well as the microbial metabolic pathways of the plastic depolymerization products and the current attempts toward utilization of these products as feedstocks for microbial valorization. Based on the above understandings, we have attempted to develop a biologically upcycling conception for plastic wastes through building a metabolic link between biodegradation of plastic wastes and biosynthesis of valuable chemicals in microorganisms (Figure 1). Finally, we have discussed the existing knowledge gaps and challenges facing microbial degradation and valorization of plastic wastes.


[image: image]

FIGURE 1. The basic conception of bio-upcycling plastic wastes. A mixture of a variety of plastic wastes will be firstly mechanically grinded and biologically depolymerized by plastic-degrading microorganisms and enzymes. Then, the depolymerization products will be separated from the culture and utilized as feedstocks for microbial fermentation to produce chemicals with high value, such as polyhydroxyalkanoate (PHA), succinic acid, and biosurfactant.




MICROBIAL DEGRADATION OF SYNTHETIC PLASTICS

A number of microorganisms capable of degrading polyolefins (PE, PS, and PP), PVC, PUR, and PET have been isolated from the open environment, such as the soil of a plastic-dumping site, waste of mulch films, marine water, soil contaminated by crude oil, sewage sludge, landfills, and the guts of plastic-eating worms (Tables 2–7). The screening of plastic-degrading microorganisms is crucial for identifying the depolymerases and other key enzymes involved in plastic degradation.


TABLE 2. Bacteria, fungi, and enzymes associated with polyethylene (PE) biodegradation.

[image: Table 2]

PE

As early as the 1970s, Albertsson carried out an experiment on microbial degradation of 14C-labeled PE (average weight molecular weight of 300,000 Da) by using three different soil microbiotas as inocula (Albertsson, 1978). In terms of the release of 14CO2, the microbial degradation rate of PE was calculated to be in the range of 0.36–0.39% after 2 years (Albertsson, 1978). When the 14C-labeled PE was extracted with cyclohexane to get rid of its low molecular weight components (average weight molecular weight of 1,000 Da), the microbial degradation rate dropped to 0.16% (Albertsson, 1980). Therefore, it was concluded that the release of 14CO2 was mainly derived from the microbial degradation of the low molecular weight PE fraction, which was similar to the microbial degradation of straight-chain n-alkanes (Albertsson, 1980). After that, Kawai et al. claimed that the upper limit of molecular weight for PE degradation by microorganisms was about 2,000 Da based on the results of a numerical simulation (Kawai et al., 1999, 2002, 2004; Watanabe et al., 2003, 2004).

Although the high molecular weight was considered as a key factor impeding the microbial degradation of PE, the physicochemical pretreatments, including UV irradiation (Albertsson et al., 1987; Albertsson and Karlsson, 1988, 1990), chemical oxidizing agents (Brown et al., 1974), and thermo-oxidation (Lee et al., 1991), could facilitate the microbial degradation of long-chain PE since these pretreatments led to the depolymerization of long-chain PE as well as the formation of low molecular weight products (Albertsson et al., 1995, 1998; Erlandsson et al., 1998; Hakkarainen and Albertsson, 2004). Consequently, it was assumed that the environmental degradation of long-chain PE could be achieved by the synergistic actions of photo- or thermo-oxidation and the biological activity of microorganisms (Hakkarainen and Albertsson, 2004).

Nevertheless, it was intriguing to figure out whether the long-chain PE (molecular weight > 2,000 Da) could be degraded by microorganisms from nature. A number of strains capable of degrading un-pretreated PE have been isolated from a variety of environments, including mulch films, marine water, soil contaminated by crude oil, sewage sludge, and landfills (Table 2; Orr et al., 2004; Sivan et al., 2006; Sudhakar et al., 2008; Balasubramanian et al., 2010; Yoon et al., 2012; Tribedi and Sil, 2013; Harshvardhan and Jha, 2013; Yang et al., 2014; Azeko et al., 2015; Kowalczyk et al., 2016; Paço et al., 2017; Sarmah and Rout, 2018; Delacuvellerie et al., 2019). Some of these strains showed the ability to utilize un-pretreated PE as a carbon source based on the characterizations of biofilm formation on PE films, weight loss of PE materials, surface deterioration, and changes in the mechanical and thermal properties of PE (Table 2). For example, it was reported that the weight loss of un-pretreated PE degraded by a strain Serratia marcescens reached 36% in an incubation period of 70 days (Azeko et al., 2015). Moreover, two cyanobacteria, Phormidium lucidum and Oscillatoria subbrevis, exhibited the capability of degrading 30% of the initial weight of tested PE over a 42-day period (Sarmah and Rout, 2018). However, these promising reports of PE degradation based on weight loss are less convincing since there is no additional evidence to support that the weight loss is caused by the degradation of the long-chain PE other than the low molecular weight components in PE.

Notably, a few studies reported that the waxworms, possessing an inherent ability to feed on and digest beeswax, could chew, and eat PE films (Yang et al., 2014; Bombelli et al., 2017; Chalup et al., 2018; Kundungal et al., 2019). The biodegradation of PE has been detected through contact with the homogenate of the waxworm Galleria mellonella (Bombelli et al., 2017) or after passage through the gut of the lesser waxworm Achroia grisella (Kundungal et al., 2019), according to the changes in chemical compositions characterized by the analyses of Fourier transform infrared spectroscopy (FTIR) and nuclear magnetic resonance (NMR). However, further investigations are necessitated in order to determine whether the depolymerization of PE has occurred in the waxworm gut.

As intestinal microbial symbionts have been recognized as indispensable for the digestion of insects (Engel and Moran, 2013), we have hypothesized that the microbial symbionts in the waxworm gut also play an important part in the degradation of PE (Yang et al., 2014). Two bacterial strains, Enterobacter asburiae YT1 and Bacillus sp. YP1, were isolated from the gut of waxworm Plodia interpunctella, and their PE-degrading capability was documented within a limited incubation period of 60 days based on the characterizations of biofilm formation, changes in the PE physical properties (tensile strength and surface topography), chemical structure (hydrophobicity and appearance of carbonyl groups), molecular weight (accompanied by the formation of daughter products), and weight loss (Table 2). These findings indicated that the bacteria from waxworms could be a promising source for the further screening PE-degrading microbes (Yang et al., 2014; Yang et al., 2015a).

Although a diverse range of PE-degrading microbes has been reported, only four microbial enzymes have been shown to be responsible for PE degradation (Table 2). Iiyoshi et al. (1998) found that manganese peroxidase (MnP), from lignin-degrading fungi Phanerochaete chrysosporium, could decrease the tensile strength and average molecular weight of PE film. Zhao et al. (2004) also found that the combination of soybean peroxidase (SBP) and hydrogen peroxide could oxidize the surface of PE film and diminish the surface hydrophobicity. Santo et al. (2013) showed that the extracellular laccase secreted by the PE-degrading bacterium, Rhodococcus ruber C208, could oxidize the PE films to generate carbonyl groups and decrease the molecular weight. While these past studies have identified the above peroxidase and laccase to be capable of catalyzing the degradation of PE, their catalytic mechanisms in the process of microbial degradation of PE remained unclear. In addition, three alkane hydroxylase genes, alkB, alkB1, and alkB2, were cloned in Escherichia coli and the resulting recombinant strains were found to be able to degrade low molecular-weight PE (Table 2; Yoon et al., 2012; Jeon and Kim, 2015, 2016a). These results indicated that the alkB, alkB1, or alkB2 played a key role in the degradation of low molecular-weight PE. Additionally, a recent study based on quantum mechanics calculations also suggested that the enzymatic cleavage of carbon–carbon bonds of polyolefins (PE and PS) by oxidases or oxygenases was possible (Xu et al., 2019). However, future efforts are required to characterize the biochemical functions of the oxidases or oxygenases, such as the enzymes encoded by the genes alkB, alkB1, or alkB2, within the biodegradation of PE.



PS

Guillet et al. (1974) first used two types of 14C-PS (α- and β-14C) as substrates to assess microbial degradation of PS in both soil and activated sewage sludge, and they showed that less than 0.01% could be degraded to 14CO2 in the course of 8 weeks. Afterward, 14C-labeled PS was also used as a substrate to determine the degradation of PS by soil microbiota, 17 lignin-degrading fungi, and five mixed floras (Sielicki et al., 1978; Kaplan et al., 1979). According to the release of 14CO2, the degradation rate was only 1.5∼3.0% during 16 weeks, up to 0.24% within 5 weeks, and 0.04∼0.57% within 11 weeks (Sielicki et al., 1978; Kaplan et al., 1979).

Besides the mixed flora, researchers have also tried to isolate PS-degrading microbes from different environment samples (Table 3). Eisaku et al. (2003) reported that three soil microorganisms, Xanthomonas sp., Sphingobacterium sp., and Bacillus sp. STR-YO, could degrade PS. Mor and Sivan (2008) found that an actinomycete, Rhodococcus ruber C208, was able to utilize PS as its sole carbon source to grow, and this led to a weight loss of 0.8% within 8 weeks. In addition, three fungi and three bacteria were isolated from the soil-buried expanded PS films, and they could adhere and grow on PS (Table 3; Atiq et al., 2010; Atiq, 2011). However, the reported biodegradation rates of PS by these strains was quite low, and there was no evidence of changes in either the physical or chemical properties of its long-chain PS molecules after microbial degradation.


TABLE 3. Bacteria, fungi, and enzymes associated with polystyrene (PS) biodegradation.

[image: Table 3]Extraordinarily, mealworms (larvae of Tenebrio molitor) were reported to be able to eat and rapidly degrade up to 50% of ingested Styrofoam (trade name of PS foam) during 24 h, and this was supported by the change in chemical composition, reduction in molecular weight, and the isotopic trace after passage through the intestinal tract (Yang et al., 2015b). With the same protocols, the PS-degrading capability was also documented in a broader range of mealworms from 12 different locations worldwide, indicating that PS degradation in mealworms is ubiquitous (Yang et al., 2018). This discovery also inspired researchers to explore more insect species, such as dark mealworms (Tenebrio obscurus) (Peng et al., 2019) and superworms (Zophobas atratus) (Yang et al., 2020), that also could eat and degrade PS.

We wondered whether the microbial symbionts associated with mealworms and superworms contributed to the degradation of PS. While the gut microbial symbionts were suppressed with antibiotics, the PS-degrading capacity of mealworms or superworms was impaired. This result indicated that gut microbial symbionts played an important role in the biodegradation of ingested Styrofoam (Yang et al., 2015c, Yang et al., 2020). Furthermore, one strain of Exiguobacterium sp. YT2, isolated from the gut of Tenebrio molitor, was proven to be capable of degrading 7.5% weight of PS in vitro within 60 days, while the decrease in molecular weight of the residual PS pieces and the release of water-soluble daughter products were also detected (Yang et al., 2015c; Table 3). At the time of writing, more bacteria have been isolated from the gut of plastic-eating mealworms or superworms, and their potential for PS degradation is still under assessment (Xia et al., 2019).

With respect to the PS-degrading enzymes, only hydroquinone peroxidase, secreted by a lignin-degrading bacterium Azotobacter beijerinckii HM121, was able to depolymerize PS into low molecular products in the presence of non-aqueous medium of dichloromethane (Nakamiya et al., 1997).



PP

In 1993, microbial degradation of PP was firstly assessed by cultures enriched from sandy soils containing PE wastes (Cacciari et al., 1993). After an incubation period of 175 days, the amount of degradation products, which were extracted with methylene chloride, accounted for 40% of the initial weight of tested PP. However, 90% of the extracted products were identified as aromatic esters, which were derived from the plasticizers, a chemical added especially into plastic to adjust the flexibility, workability, or stretchability. Meanwhile, only 10% of the extracted products were identified as hydrocarbons (C10H22 to C31H64) that may be derived from the degradation of PP itself. This result indicated that the plasticizers, other than the PP itself, were prone to be degraded by the sandy soil microorganisms (Cacciari et al., 1993).

From that time on, several microorganisms from different environmental samples have been tested for their potential to degrade PP (Table 4). For example, when PP films were incubated with soil microbiota from a plastic-dumping site, 0.4% weight loss and 33% increase in the crystallinity of residual PP were observed after 12 months, implying that the amorphous parts of PP could be degraded by soil microbiota (Arkatkar et al., 2009). Additionally, it was found that three bacteria and two fungal strains (Table 4), isolated from the soil of a plastic-dumping site, could utilize PP as their carbon source for growth and degrade 0.05–5% of PP after incubation for 12 months (Arkatkar et al., 2010; Jeyakumar et al., 2013). Mixed consortia of four bacterial isolates, from waste management landfills and sewage treatment plants, could also degrade the PP strips and pellets with a weight loss of 44.2–56.3% after 140 days (Skariyachan et al., 2018). Moreover, two marine bacteria of Bacillus sp. strain 27 and Rhodococcus sp. strain 36, isolated from mangrove environments, were also able to grow in aqueous synthetic media containing PP microplastics and caused a weight loss of 4.0–6.4% after 40 days (Auta et al., 2018). However, it is hard to determine whether the weight loss caused by the reported microbes above was attributed to the depolymerization of the long-chain PP or the degradation of the low molecular weight components, as the analyses of changes in molecular weight were absent.


TABLE 4. Bacteria, fungi, and enzymes associated with polypropylene (PP) biodegradation.

[image: Table 4]A mesophilic strain, Stenotrophomonas panacihumi PA3-2, isolated from the soil of an open storage yard for municipal solid waste, was reported to be able to degrade two kinds of low molecular weight PP (Mn: 2,800, 3,600 Da) and one high molecular weight PP (Mn: 44,000 Da) with a biodegradability of 12.7–20.3% in terms of CO2 release and an increase in the molecular weight after 90 days (Jeon and Kim, 2016b). The results indicated that this strain could only degrade the low molecular weight fractions rather than the long-chain PP.

Until now, there are no enzymes reported to be capable of degrading PP, and little knowledge is available for the mechanism of microbial degradation of PP (Arutchelvi et al., 2008). However, similar to PE, it was found that the physicochemical pretreatments, including γ-irradiation (Alariqi et al., 2006), UV irradiation (Jeyakumar et al., 2013), thermo-oxidation (Jeyakumar et al., 2013), and blend with degradable additives, could facilitate the microbial degradation of PP (Jeyakumar et al., 2013; Jain et al., 2018).



PVC

Among all main kinds of synthetic plastics, PVC possesses the highest proportion of plasticizer (up to 50%). As plasticizers can be utilized by many fungi or bacteria as sources of nutrient carbons, plasticized PVC is usually susceptible to fungal or bacterial attack (Berk, 1950; Berk et al., 1957; Bessems, 1988; Kurane, 1988; Gumargalieva et al., 1999; Webb et al., 1999). For instance, a number of plasticized PVC bathroom items, such as bathtub lids, bath mats, and shower curtains, were found to be damaged by a variety of fungi (Table 5; Moriyama et al., 1993). Several fungal isolates (Table 5) from various environmental samples, such as atmosphere (Webb et al., 2000), plasticized PVC sheets buried in the grassland soil (Sabev et al., 2006; Ali et al., 2014), and plastic wastes disposal sites (Khatoon et al., 2019), also exhibited the ability to deteriorate the plasticized PVC. In addition, a number of bacterial strains (Table 5), isolated from garden soil, landfill leachate, waste disposal sites, and marine environments, have also been reported to be able to degrade the plasticized PVC (Nakamiya et al., 2005; Latorre et al., 2012; Anwar et al., 2016; Kumari et al., 2019; Giacomucci et al., 2019). However, these abovementioned plasticized PVC-degrading microorganisms just metabolized a component of the plasticizer [such as bis (2-ethylhexyl) phthalate, DEHP] rather than the backbone of PVC. Microorganisms capable of degrading both PVC and plasticizers have not been discovered so far. Thus, the key enzymes involved in the microbial degradation of PVC are still unknown.


TABLE 5. Bacteria, fungi, and enzymes associated with polyvinyl chloride (PVC) biodegradation.

[image: Table 5]In future screening experiments, it is important to characterize the ability of strains to depolymerize the long-chain molecules of PVC by using virgin plastic in which low molecular weight components (monomers, oligomers, and plasticizers) were extracted by use of a suitable solvent or determining the decrease in the average molecular weight and the broadening of the molecular weight distribution of the residues after degradation.



PUR

PUR is the universal nomenclature for the plastic derived from the condensation of polyisocyanates and polyols with the linkages of intramolecular urethane bonds (Table 1). Depending on the chemical structures of the polyols used, PUR synthesized from polyester polyol is designated as polyester PUR, while that synthesized from polyether polyol is termed as polyether PUR.

In 1968, the initial research into microbial degradation of PUR was made by Darby and Kaplan. They found that seven fungi can grow on the surface of solid polyester PUR (Table 6; Darby and Kaplan, 1968). Since then, a number of fungi have been proven to be able to degrade polyester PUR (Table 6; Crabbe et al., 1994; Cosgrove et al., 2007; Russell et al., 2011; Mathur and Prasad, 2012; Álvarez-Barragán et al., 2016; Khan et al., 2017; Osman et al., 2017; Magnin et al., 2019a). In addition to fungi, many bacteria also have been demonstrated to be capable of degrading polyester PUR (Table 6; Kay et al., 1991, 1993; Nakajima-Kambe et al., 1995, 1997; Howard and Blake, 1998; Ii et al., 1998; Howard et al., 1999, 2001a,b; Rowe and Howard, 2002; Oceguera-Cervantes et al., 2007; Gautam et al., 2007; Nair and Kumar, 2007; Shah et al., 2008, 2013a,b, 2016; Howard and Burks, 2012; Peng et al., 2014; Nakkabi et al., 2015a, b; Pérez-Lara et al., 2016).


TABLE 6. Bacteria, fungi, and enzymes associated with polyurethane (PUR) biodegradation.

[image: Table 6]With regard to polyether PUR (Table 6), it was much less susceptible to microbial degradation in comparison to the polyester PUR (Darby and Kaplan, 1968). Notwithstanding, in 1979, Filip observed growth of Aspergillus niger and Cladosporium herbarum in shake cultures with polyether PUR resilient foam as the sole nutrient source (Filip, 1979). Afterward, Jansen et al. isolated a strain of Staphylococcus epidermidis KH11 from an infected catheter and demonstrated its capacity to utilize polyether PUR in the absence of any organic nutrients (Jansen et al., 1991). In 2010, a fungus, Alternaria sp. PURDK2, was reported to be able to degrade 27.5% of the weight of tested polyether PUR foam in the Luria-Bertani (LB) glucose agar after 70 days. Furthermore, this fungus was also capable of degrading two small molecule analogs of PUR, ethylphenylcarbamate (EPC) and diphenylmethane-4,4′-dibutylurea (D-MDI), into aniline and ethanol, indicating that the fungus could secret urethane-bond–degrading enzymes (Matsumiya et al., 2010). In 2016, eight fungal strains (Table 6) were showed be able to grow in mineral medium with a polyether PUR varnish as the sole carbon source and degrade 65% of solid polyether PUR foams in 50% potato dextrose broth (PDB) over 21 days (Álvarez-Barragán et al., 2016). Stepien et al. found that three bacteria and one yeast (Table 6) could degrade commercial polyether PUR films (Tecoflex®) and cause a weight loss of 2.8–10.5% within 5 months (Stepien et al., 2017). Oprea et al. assessed the biodegradability of pyridine-based polyether PUR elastomers by a fungus Alternaria tenuissima, and found that the fungus could decrease the mechanical properties and deteriorate the surface morphology after 60 days (Oprea et al., 2018).

The genes and enzymes contributing to microbial degradation of polyester PUR have been widely investigated (Table 6). In 1994, Crabbe et al. purified an esterase from a polyester PUR-degrading fungus, Curvularia senegalensis, and showed that this esterase can cleavage the ester bonds in the soft segments of polyester PUR (Crabbe et al., 1994). While Akutsu et al. purified a cell surface-bond polyester PUR-degrading esterase from the polyester PUR-degrading bacterium Comamonas acidovorans TB-35, Nomura et al. cloned a gene pudA encoding polyester PUR-degrading esterase in this strain (Akutsu et al., 1998; Nomura et al., 1998). Howard et al. purified a protease from Pseudomonas fluorescens (Vega et al., 1999), an esterase from Comamonas acidovorans (Allen et al., 1999), three esterases from Pseudomonas chlororaphis (Howard et al., 1999; Ruiz et al., 1999), and a lipase from Bacillus subtilis (Rowe and Howard, 2002). All the purified serine hydrolases above have the same hydrolytic capacity to emulsify polyester PUR. In addition, they also cloned a gene named pulA from Pseudomonas fluorescens (Ruiz and Howard, 1999) and two genes, pueA and pueB, from Pseudomonas chlororaphis (Stern and Howard, 2000; Howard et al., 2001b). These genes encoded three different esterases involved in the microbial degradation of emulsified polyester PUR by Pseudomonas fluorescens and Pseudomonas chlororaphis. In 2017, Schmidt et al. found that four polyester hydrolases, LC cutinase, TfCut2, Tcur1278, and Tcur0390, were able to degrade emulsified polyester PUR (Schmidt et al., 2017). Among these three cutinase, LC cutinase caused weight losses of up to 4.9 and 4.1% of two commercial polyester PUR elastomers of Elastollan B85A-10 and C85A-10, respectively, within a reaction time of 200 h at 70°C. Recently, an esterase (E3576), screened from 50 commercially available hydrolases, was shown to be able to hydrolyze a waterborne polyester PUR dispersion and degrade a solid polycaprolactone polyol-based polyester PUR with weight loss of 33% after 51 days (Magnin et al., 2019b). However, this esterase (E3576) cannot degrade poly(hexamethylene adipate) diol-based polyester PUR films, indicating that the chemical structures of the polyol segments significantly affect the biodegradability of polyester PUR (Kim and Kim, 1998; Magnin et al., 2019b).

Although the above reported lipases or esterases were able to rapidly degrade the emulsified polyester PUR (Impranil DLN) by cleaving the ester bonds in the polyester polyols segments, they exhibited a weak capability of degrading the solid polyester PUR substrates, such as PUR film, foam, and elastomer (Schmidt et al., 2017). The degradation products were not identified, and the biochemical mechanism was still unclear. Moreover, no specific depolymerases have been reported to be able to degrade the polyether PUR and cleave the urethane bones in both polyester and polyether PUR.



PET

The purpose of initial efforts to find out the hydrolases capable of hydrolyzing PET was to modify the surface wettability of PET fabrics (Hsieh and Cram, 1998; Yoon et al., 2002; Gübitz and Paulo, 2003; Alisch et al., 2004; Fischer-Colbrie et al., 2004; O’Neill and Cavaco-Paulo, 2004; Zhang et al., 2004; Silva et al., 2005; Vertommen et al., 2005). In the process of enzymatic surface modification, ester linkages on the surface of PET were hydrolyzed to produce polar hydroxyl and carboxylic groups, but the inner bulk of PET was not degraded. In a recent review focusing on enzymatic degradation of PET, Kawai et al. defined those hydrolases with moderate surface-hydrolyzing capability as PET surface-modifying enzymes (Kawai et al., 2019). By contrast, the hydrolases with significant capability of hydrolyzing the inner bulk of PET (causing at least 10% weight loss) were termed as PET hydrolases (Kawai et al., 2019). Hereinafter, only the reported PET hydrolases were reviewed (Table 7).


TABLE 7. Enzymes associated with polyethylene terephthalate (PET) biodegradation.

[image: Table 7]In 2005, Müller et al. (2005) reported that a cutinase-like hydrolase TfH, from an actinomycete Thermobifida fusca, can effectively degrade up to 50% of the initial weight of low-crystallinity PET (lcPET, 9%) at 55°C for 3 weeks. This is the first report on the enzymatic degradation of the inner bulk of PET films that opens the door for enzymatic PET recycling in the future (Müller, 2006). Thereafter, Ronkvist et al. compared the PET-hydrolyzing activities of three cutinases from different microorganisms, Humicola insolens (HiC, now named Thermomyces insolens), Pseudomonas mendocina (PmC), and Fusarium solani (FsC), using lcPET films (7%) and high-crystallinity biaxially oriented PET films (hcPET, 35%) as substrates (Ronkvist et al., 2009). Results showed that HiC caused a 97% weight loss of lcPET film (7%) at 70°C within 96 h, while PmC or FsC only led to a weight loss up to 5%. Thus, HiC can be designated as PET hydrolase, while PmC and FsC should be ascribed to PET surface-modifying enzymes. However, the three cutinases could hardly hydrolyze the hcPET films (35%). After that, Sulaiman et al. (2012) found that a LC-cutinase, encoded by one gene from the metagenomic library of leaf-branch compost, can efficiently hydrolyze low-crystallinity PET package film (lcPET-P, 8.4%) at 50°C and generate up to 50% weight loss over 7 days. In addition, Kawai et al. found that a cutinase Cut190, from Saccharomonospora viridis AHK190, can hydrolyze the lcPET (7%) and lcPET-P (8.4%) at 63°C, resulting in a weight loss of 13.5 and 27.0% for lcPET and lcPET-P, respectively, over 3 days (Kawai et al., 2014). It was recently shown that the recombinant Thermobifida fusca cutinase TfCut2 expressed by B. subtilis could degrade the lcPET films (7%) with a weight loss up to 97.0% and two low-crystallinity PET samples from postconsumer packages (AP-PET, 5%; CP-PET, 6%) with maximum weight losses of 50.5 and 56.6%, respectively, within 120 h at 70°C (Wei et al., 2019a).

Remarkably, Yoshida et al. found a bacterium, Ideonella sakaiensis 201-F6, capable of degrading lcPET films (1.9%) at an ambient temperature, and they identified a PET-hydrolyzing enzyme, termed as IsPETase, from this bacterium (Yoshida et al., 2016). The IsPETase was heat-labile (20∼45°C) and exhibited greater PET degradation activity than the above reported PET hydrolases at a mesophilic temperature of 30°C (Yoshida et al., 2016; Taniguchi et al., 2019). Nevertheless, the degradation rate of lcPET film (7%) by IsPETase at 30°C over a 24 h-incubation period was only 1% (weight loss), which was markedly lower than that caused by the above reported PET hydrolases at a thermophilic temperature (50∼70°C) (Wei et al., 2019a, b). Moreover, the hydrolytic activity of IsPETase against lcPET films (1.9%) was obviously higher than that for hcPET films (30∼40%) (Yang et al., 2016; Yoshida et al., 2016).

Overall, the above reported PET hydrolases are prone to degrade the lcPET (<10%) but not the hcPET (Vertommen et al., 2005; Ronkvist et al., 2009; Yang et al., 2016; Yoshida et al., 2016; Wei et al., 2019a). The effect of different crystallinity on the enzymatic degradation could be explained by the changes in the macromolecular aggregate structures of the polymer. Polymer molecules generally pack together in a non-uniform way with a mixture of ordered regions (crystalline-like) and disordered domains (amorphous). As the polymer chains in the amorphous domains are less densely packed than those in the crystalline domains, the lcPET, comprising a high proportion of amorphous domains, is more susceptible to enzymatic degradation. However, the high-crystallinity PET (30∼40%) represents the most abundant types of postconsumer plastic, and methods for lowering the crystallinity of PET to enhance the enzymatic degradation are highly sought.

Additionally, the enzymatic hydrolytic reactions of PET are inclined to take place under the temperature close to the glass transition temperature of PET (Tg, 65∼75°C). Under such a thermophilic temperature, the polymer chains in the amorphous PET domains can gain enough mobility to access the active sites of PET hydrolases (Ronkvist et al., 2009; Wei and Zimmermann, 2017a; Kawai et al., 2019). As a result, it suggests that efficient enzymatic degradation of PET requires thermostable PET depolymerases. Approaches of glycosylation (Shirke et al., 2018) and rational protein engineering, such as the optimization of surface salt bridge (Shirke et al., 2016), mutation of Ca2+ and Mg2+ binding sites (Then et al., 2015), introduction of disulfide bridge (Then et al., 2016), stabilization of a β6-β7 connecting loop, and extension of subsite IIc (Son et al., 2019), have been applied to improve the thermostability of these PET hydrolases. Notwithstanding, there is room for increasing the half-life of PET hydrolases above 65°C.



MICROBIAL VALORIZATION OF PLASTIC WASTES

The initial step of the microbial degradation process is to secrete depolymerases to break down the long-chain polymers into low molecular weight oligomers or monomers, which can be further assimilated into microbial cells or metabolized into CO2. According to the principle of circular economy, these depolymerization products could be exploited for the biosynthesis of high-value chemicals through specific metabolic pathways, which could be considered as a way of valorizing plastic wastes (Wierckx et al., 2015).


From TPA, EG, and 6-Hydroxyhexanoate to Succinic Acids and Polyhydroxyalkanoate (PHA)

Enzymatic hydrolysis of PET could release constituent monomers ethylene glycol (EG), terephthalic acid (TPA), mono(ethylene terephthalate) (MHET), and bis(2-hydroxyethyl)TPA (BHET) by cleaving the ester bond (Ronkvist et al., 2009; Yoshida et al., 2016). Among these products, MHET could be further degraded into TPA and EG by the action of MHETase (Figure 2; Yoshida et al., 2016; Palm et al., 2019). In addition, the ester linkages in polycaprolactone polyol-based PUR (PCL-based PUR) could be hydrolyzed by an esterase (E3576) to generate 6-hydroxyhexanoate (Magnin et al., 2019b). These products could be further metabolized by specific microorganisms through different metabolic pathways (Figure 2; Brzostowicz et al., 2003; Yoshida et al., 2016).
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FIGURE 2. The metabolic pathways of depolymerization products of six kinds of plastics. Plastics: PE, polyethylene; PS, polystyrene; PP, polypropylene; PVC, polyvinyl chloride; PUR, polyurethane; PCL, polycaprolactone diol; PET polyethylene terephthalate. Enzymes: AH, alkane hydroxylase; AD, alcohol dehydrogenase; ALD, aldehyde dehydrogenase; RhlYZ, R-specific enoyl-CoA hydratase; RhlA, HAA synthetase; RhlB, rhamnosyltransferase 1; RhlC, rhamnosyltransferase 2; SMO, styrene monooxgenase; SOI styrene oxide isomerase; PAALDH, phenacetaldehyde dehydrogenase; PAAH, phenylacetate hydroxylase; HPAAH, 2-hydroxyphenylacetate hydroxylase; HGADO, homogentisate 1,2-dioxygenase; SDO, styrene dioxygenase; CGDH, cis-glycol dehydrogenase; CDO, catechol 2,3-dioxygenase; HMASALDH, 2-hydroxymuconic acid semialdehyde hydrolase; HPDEH, 2-hydroxypenta-2,4-dienoate hydratase; HOA, 4-hydroxy-2-oxovalerate aldolase; PDHC, pyruvate dehydrogenase complex; PhaA, β-ketothiolase; PhaB acetoacetyl-CoA reductase; PhaC, PHA synthase; PedH, quinoprotein alcohol dehydrogenase; PedE, quinoprotein alcohol dehydrogenase; PedI, aldehyde dehydrogenase family protein; PP_0545, aldehyde dehydrogenase family protein; GlcDEF, glycolate oxidase; Gcl glyoxylate carboligase; GlxR, tartronate semialdehyde reductase; TtuD, hydroxypyruvate reductase; PykF, pyruvate kinase; TPADO, TPA dioxygenase; TphB, 1,2-dihydroxy-3,5-cyclohexadiene-1,4-dicarboxylate dehydrogenase; PCDO, protocatechuate 3,4-dioxygenase; CMLE, β-carboxy-cis,cis-muconate lactonizing enzyme; CMD, β-carboxymuconolactone decarboxylase; ELH, enollactone hydrolase; TR, β-ketoadipate:succinyl-CoA transferase; TH, β-ketoadipyl-CoA thiolase; ChnD, 6-hydroxycaproate dehydrogenase; ChnE, 6-oxohexanoic dehydrogenase; ACoAL, adipate-CoA ligase; ACoAT, acetyl-CoA C-acyltransferase.


In bacterial species, a TPA transporter is implicated in the transport of TPA into the cell (Hosaka et al., 2013). Once inside the cell, the TPA can be transformed into 1,6-dihydroxycyclohexa-2,4-diene-dicarboxylate (DCD) by the activity of the TPA dioxygenase (TPADO). DCD is further oxidized by the 1,2-dihydroxy-3,5-cyclohexadiene-1,4-dicarboxylate dehydrogenase (TphB) to form protocatechuate (PCA) (Figure 2; Wang et al., 1995; Choi et al., 2005; Sasoh et al., 2006). The PCA could be degraded by the ortho-, meta-, and para-cleavage pathways under the catalysis of 3,4-dioxygenase (PCDO), 4,5-dioxygenase, and 2,3-dioxygenase, respectively (Harwood and Parales, 1996). Of these, the ortho-cleavage pathway has been thoroughly studied. The resulting metabolite, β-carboxymuconate (CM), will eventually be converted into acetyl-CoA and succinyl-CoA, which can enter the tricarboxylic acid (TCA) cycle to generate succinic acid (Figure 2).

In 2008, Kenny et al. first isolated three microorganisms, Pseudomonas putida GO16, Pseudomonas putida GO19, and Pseudomonas frederiksbergensis GO23, which could utilize TPA for not only growth but also accumulation of medium chain length PHA (mclPHA). Subsequently, they used the TPA fraction from PET pyrolysis as the feedstock for microbial production of mclPHA by these Pseudomonas species. The maximal production rate of PHA reached approximately 8.4 mg⋅l–1⋅h–1 (Kenny et al., 2008). When TPA and glycerol waste from biodiesel manufacture were co-supplied to Pseudomonas putida GO16 in a fed-batch bioreactor, the production rate of PHA reached approximately 108.8 mg⋅l–1⋅h–1 (Kenny et al., 2012).

EG could be metabolized by many kinds of microorganisms through two different pathways (Figure 2). In the pathway of acetogens, EG is degraded to ethanol and acetaldehyde, which is eventually transformed to acetate via acetyl-CoA (Trifunović et al., 2016). In contrast, through the pathway of Pseudomonas aeruginosa, EG is initially oxidized into glycolate by a series of dehydrogenases, and the generated glycolate will be further transformed into glyoxylate by the glycolate oxidase (GlcDEF). Glyoxylate could be converted into glycerate, which finally forms pyruvate (Figure 2; Child and Willetts, 1978; Kataoka et al., 2001).

P. putida KT2440 could accumulate mclPHA under nitrogen-limiting conditions but could not efficiently utilize EG as its sole carbon source. Through adaptive laboratory evolution, one mutant of P. putida KT2440 that could utilize EG as its sole carbon source was isolated. Comparative genomic analyses between the wild strain and the mutant revealed that a transcriptional regulator, GclR, played a central role in repressing the glyoxylate carboligase pathway (Li et al., 2019). With this knowledge, Franden et al. (2018) demonstrated that the overexpression of a combination of the glyoxylate carboligase (Gcl) operon with the glycolate oxidase (GlcDEF) operon endowed P. putida KT2440 with the ability to utilize EG as a sole carbon source for growth and accumulate in nitrogen-limiting M9 medium.

As for 6-hydroxyhexanoate, the hydrolysis product of PCL-based PUR, it is first converted to 6-oxohexanoic by the 6-hydroxyhexanoate dehydrogenase (ChnD). 6-oxohexanoic is eventually transformed into adipate by the action of the 6-oxohexanoic dehydrogenase (ChnE). After ligation with CoA, the adipate will be further converted to 3-oxoadipyl-CoA, which finally forms succinyl-CoA and acetyl-CoA that enter the TCA cycle with the production of succinic acid (Figure 2; Brzostowicz et al., 2003).



From Aromatic Hydrocarbons to Succinic Acids and PHA

Styrene, the aromatic monomer of PS, could be generated from the PS pyrolysis in the absence of air (Kaminsky and Kim, 1999) and is directly utilized as a carbon source by many microorganisms via two different catabolic pathways (Figure 2; O’Leary et al., 2002).

The first one is the direct aromatic ring cleavage pathway (Figure 2). In this pathway, the aromatic ring of styrene is firstly hydroxylated to styrene cis-glycol by styrene dioxygenase (SDO). Styrene cis-glycol is then further oxidized by a cis-glycol dehydrogenase (CGDH) to form 3-vinylcatechol. This product is degraded into pyruvate, which is further converted to acetyl-CoA by the pyruvate dehydrogenase complex (PDHC). Acetyl-CoA will finally enter the TCA cycle to generate succinic acid or be transformed into acetoacetyl-CoA, which could form β-D-Hydroxybutyryl-CoA or could be converted to PHA by an acetoacetyl-CoA reductase (PhaB) or a PHA synthase (PhaC), respectively (Anderson and Dawes, 1990). The other styrene metabolism pathway involves vinyl side-chain oxidation (Figure 2). Styrene is first converted into phenylacetic acid (PAA) by several enzymes, such as styrene monooxygenase (SMO), styrene oxide isomerase (SOI), and phenylacetaldehyde dehydrogenase (PAALDH). PAA is further hydroxylated and passed through the β-oxidation process to yield acetyl-CoA, which will then enter the TCA cycle or be converted into PHA (O’Leary et al., 2005; Oelschlägel et al., 2018).

In 2005, Ward et al. first found that Pseudomonas putida CA-3 could convert the metabolite of styrene, PAA, into polyhydroxyalkanoate (PHA) when a limiting concentration of nitrogen was added to the growth medium. Their finding built the metabolic link between styrene degradation and PHA accumulation in P. putida CA-3 and found a trail for the microbial valorization of PS waste into valuable chemicals (Ward et al., 2005; Nikodinovic-Runic et al., 2011).

Afterward, Ward et al. (2006) used the styrene oil, the pyrolysis products of PS waste at 520°C in a fluidized bed reactor, as the sole source of carbon and energy to support the growth and PHA accumulation of P. putida CA-3 in the shake flask experiments. In a run, the transformation rate from PS waste to PHA was 10%. In order to improve the conversion rate, Goff et al. performed a batch fermentation of P. putida CA-3 grown on styrene oil in a stirred tank reactor with an optimized nitrogen feeding strategy (Goff et al., 2007).



From Aliphatic Hydrocarbons to Fatty Acids, PHA, and Biosurfactants

Although PE, PP, and PVC, with similar carbon–carbon backbone chains, have been shown to be degraded by a number of microorganisms, the key depolymerases involved in the degradation process and the resulting depolymerization products remain unknown. However, pyrolysis in the absence of air could be an alternative method that can effectively depolymerize those plastic wastes into low molecular weight aliphatic hydrocarbons (Aguado et al., 2002).

It has been reported that the pyrolytic hydrocarbons of PE can be degraded via a terminal oxidation process similar to the microbial degradation pathway of n-alkane (Figure 2; Yoon et al., 2012; Jeon and Kim, 2015, 2016a). This process starts by the oxidation of a terminal methyl group by an alkane hydroxylase (AH) to generate a primary alcohol, which is further oxidized by an alcohol dehydrogenase (AD) to the corresponding aldehyde and finally converted into fatty acids by an aldehyde dehydrogenase (ADL) (Rojo, 2009). Fatty acids are then conjugated to CoA by an acyl-CoA synthase and further processed by β-oxidation to produce acetyl-CoA, L-β-hydroxyacyl-CoA, and trans-2-decenoyl-CoA (Figure 2). Acetyl-CoA can enter the TCA cycle to generate succinic acid or acetoacetyl-CoA, which can be finally converted to PHA under the appropriate condition (Anderson and Dawes, 1990). The L-β-hydroxyacyl-CoA is isomerized into D-β-hydroxyacyl-CoA, which can finally be converted into PHA through a PHA synthase (PhaC) (Sabirova et al., 2006). In addition, the trans-2-decenoyl-CoA is hydrated by the R-specific enoyl-CoA hydratase (RhlYZ) to form R-3-hydroxydecanoyl-CoA, which then acts as the direct lipid precursor used by the R-3-((R-3-hydroxyalkanoyl)oxy) alkanoic acids (HAA) synthase (RhlA) for the synthesis of HAAs. HAA, combined with dTDP-L-rhamnoses, can be converted into rhamnolipid biosurfactants by the rhamnosyltransferase 1 (RhlB) and the rhamnosyltransferase 2 (RhlC) (Abdel-Mawgoud et al., 2014).

Guzik et al. (2014) first used the pyrolytic hydrocarbons of PE as the starting material for microbial fermentation to produce PHA. Pseudomonas aeruginosa PAO-1, tested from 23 bacterial strains capable of degrading hydrocarbons or producing PHA, was reported to be able to accumulate PHA with almost 25% of cell dry weight when supplied with PE pyrolytic hydrocarbons and biosurfactants. Another bacterial strain, Ralstonia eutropha H16 (previously known as Cuprivadus necator or Wausternia eutropha), also exhibited PHA accumulation when supplied with non-oxygenated PE pyrolytic hydrocarbons as a carbon source in a nitrogen-rich tryptone soya broth (TSB) growth medium (Johnston et al., 2017). In contrast to PE pyrolysis in the absence of air, pyrolysis in the presence of air would not only cleave the long chains of PE but also introduce the carbonyl and hydroxyl groups into the backbone of pyrolytic hydrocarbons, which could improve the bioavailability of pyrolytic hydrocarbons as a carbon source for microbial fermentation to produce PHA by the strain Ralstonia eutropha H16 (Radecka et al., 2016).

In addition, PP could also be depolymerized into branched chain fatty alcohols and alkenes by pyrolysis. In 2019, Mihreteab et al. reported that strain Yarrowia lipolytica 78-003 was able to convert such depolymerization products to value-added fatty acids when mixed with biosurfactants and trace nutrients. During a period of 312 h, Y. lipolytica 78-003 assimilated more than 80% of the substrate and produced up to 492 mg L–1 lipids mainly composed of C16-C18 unsaturated fatty acids (Mihreteab et al., 2019). Johnston et al. (2019) found that R. eutropha H16 could utilize oxidized PP fragments as an additional carbon source to produce PHA in TSB medium.

As for PVC, although the pyrolysis at 300°C in the N2 flow has been showed to be able to depolymerize PVC into hydrocarbons along with the dechlorination in the form of HCl (Yuan et al., 2014), there are no reports about microbial strains that can utilize PVC pyrolysis products as carbon source so far. However, as these products are of similar chemical compositions to those of PE and PP, it is justifiable to believe that the strains of P. aeruginosa, R. eutropha H16, and Yarrowia lipolytica 78-003, which are able to assimilate the pyrolysis hydrocarbons of PE and PP, could also utilize PVC pyrolysis products to produce valuable chemicals.

Microbial growth on hydrocarbons is often associated with the production of biosurfactant, which can emulsify the hydrophobic hydrocarbons in aqueous media to increase the bioavailability of hydrocarbons to the cells. For instance, the strain Renibacterium salmoninarum 27BN was found to be able to produce rhamnolipids when grown on n-hexadecane (Christova et al., 2004). An oil-degrading bacterium Dietzia maris As-13-3, isolated from deep sea hydrothermal field, could also produce di-rhamnolipid as a biosurfactant, while tetradecane, n-hexadecane, and pristine were utilized as sole carbon sources (Wang et al., 2014). These results imply that pyrolysis hydrocarbons of PE, PP, and PVC could also be utilized as feedstocks to produce biosurfactants by these known hydrocarbon-degrading and biosurfactant-producing microorganisms.



CONCLUDING REMARKS AND FUTURE PROSPECTS

As described above, a number of plastic-degrading microorganisms and enzymes have been sourced from the environment. However, an understanding of depolymerases contributing to the breakdown of plastics remains scarce. Therefore, future efforts should be devoted to identifying more depolymerases from the plastic-degrading microorganisms. In addition, enhancing the efficiency of enzymatic degradation is a big challenge. On the one hand, the macromolecular aggregate structures of plastics, such as the crystalline structures and cross-linking networks, impede the enzymatic degradation. The development of physical pretreatments, such as mechanical grinding and γ-irradiations, may help disorder these macromolecular aggregate structures and improve enzymatic degradation (Alariqi et al., 2006). On the other hand, approaches of rational protein engineering and direction evolution are necessary to improve the activity and stability of depolymerases, which will benefit the enhancement of enzymatic degradation efficiency.

While the long-chain polymer molecules could have been effectively depolymerized into small subunits (monomers or oligomers) by depolymerases, these small depolymerization products would be incorporated into cells as the feedstocks for metabolism (Table 8). Based on the advances in the understanding of the depolymerases and the microbial metabolic pathways of depolymerization products, it is fascinating to apply synthetic biology to build microbial cell factories that could depolymerize plastic wastes and utilize the small depolymerization products to produce chemicals with high value (Wierckx et al., 2015; Salvador et al., 2019; Blank et al., 2020). If this is manageable, it would not only contribute to the disposal of plastic wastes but also establish an improved cyclic utilization of plastics.


TABLE 8. Strains for the valorization of depolymerization products of plastics.
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There is a strong need for novel and more efficient polyester hydrolyzing enzymes in order to enable the development of more environmentally friendly plastics recycling processes allowing the closure of the carbon cycle. In this work, a high throughput system on microplate scale was used to screen a high number of fungi for their ability to produce polyester-hydrolyzing enzymes. For induction of responsible enzymes, the fungi were cultivated in presence of aliphatic and aromatic polyesters [poly(1,4-butylene adipate co terephthalate) (PBAT), poly(lactic acid) (PLA) and poly(1,4-butylene succinate) (PBS)], and the esterase activity in the culture supernatants was compared to the culture supernatants of fungi grown without polymers. The results indicate that the esterase activity of the culture supernatants was induced in about 10% of the tested fungi when grown with polyesters in the medium, as indicated by increased activity (to >50 mU/mL) toward the small model substrate para-nitrophenylbutyrate (pNPB). Incubation of these 50 active culture supernatants with different polyesters (PBAT, PLA, PBS) led to hydrolysis of at least one of the polymers according to liquid chromatography-based quantification of the hydrolysis products terephthalic acid, lactic acid and succinic acid, respectively. Interestingly, the specificities for the investigated polyesters varied among the supernatants of the different fungi.

Keywords: screening, fungi induction, polyester hydrolyzing enzymes, plastic degradation, environmentally friendly


INTRODUCTION

Polymers and especially polyesters are components of materials with industrially interesting properties such as chemical resistance, low production costs and simple processability. Therefore, the use of plastics in food packaging, clothing, electronics, construction, and various other industrial fields resulted in a worldwide plastic production of 348 million tons in 2017 (Association of Plastics Manufacturers in Europe and European Association of Plastics Recycling and Recovery Organisations [EPRO], 2018). However, the release of petrol-based synthetic polymers into the environment poses a major threat to natural environment since they are barely biodegradable and accumulate in the ecosystems. Increased awareness of this problem led to intensive research for environmentally friendly alternatives in the last decades. One approach are biodegradable polymers, such as poly(lactic acid) (PLA) (Karamanlioglu et al., 2017), poly(butylene succinate) (PBS) (Pellis et al., 2016b) and poly(butylene adipate-co-terephthalate) (PBAT) (Perz et al., 2016c; Sisti et al., 2016).

Poly(butylene adipate-co-terephthalate) is a co-polyester consisting of the aliphatic monomers adipic acid and 1,4-butanediol and the aromatic monomer terephthalic acid (Vroman and Tighzert, 2009). Due to its special barrier properties it is widely used for food packaging or organic waste bags. Its biodegradability by microorganisms and enzymes is well known, therefore it is widely used as raw material for compostable plastics. (Perz et al., 2016b). PBAT is manufactured in industrial scale by several companies and can be used in combination with other polymers such as PLA to manufacture blended materials. To obtain PLA, mainly starches and sugars are fermented to lactic acid, which is further processed to the polymer. (Weng et al., 2013). Due to its high transparency and elastic modulus, PLA is used for disposable products and packing materials (Auras et al., 2004). The biodegradation of PLA under soil conditions is a slow process taking at least several months and depends on various factors like crystallinity and molecular weight (Shogren et al., 2003; Rudnik and Briassoulis, 2011a, b). Like PLA, PBS is another promising aliphatic biopolymer. The building blocks can be obtained via fermentative pathways from glucose or sucrose feedstock.

Organisms degrade polyesters by extracellular hydrolases which reduce the molar mass of the polymer to convert it to water-soluble intermediates and therefore to an accessible carbon source. Bacteria are well known producers of polyester degrading enzymes, especially of lipases and cutinases (Ronkvist et al., 2009; Ribitsch et al., 2011; Perz et al., 2016a,c). Furthermore, one of the most active enzyme on polyesters is from fungal origin, namely the cutinase from Humicola insolens (Weinberger et al., 2017a,b). Apart from the essential function in organisms, esterases and lipases are among the most widely used biocatalysts in the chemical industry (Wohlgemuth, 2010) and can potentially enable the recovery of the polymer building blocks. These building blocks can be used as carbon source for the fermentative production of products such as ethanol or lactic acid (Pellis et al., 2016b; Vecchiato et al., 2018). However, enzymatic hydrolysis of these polyesters is rather slow and hence more efficient enzymes would be required in order to implement an enzymatic recycling industry. In order to exploit nature for such polyester active enzymes, there is a strong demand for more efficient screening procedures which is addressed in this paper.



MATERIALS AND METHODS


Chemicals and Reagents

Poly(1,4-butylene succinate) (PBS) powders were supplied by Goodfellow (London, United Kingdom), PBAT powders were provided by BASF (Ludwigshafen am Rhein, Deutschland). PLA powders and all other chemicals and solvents were purchased from Sigma-Aldrich at reagent grade, and used without further purification if not otherwise specified. Molecular weights [kDa] are listed in ESI Supplementary Table S2.



Cultivation of Fungi

Fungi were cultivated in a modified Moser (1963) medium containing (per liter) 10 g casein peptone, 1 g yeast extract, 2.5 g K2HPO4, 0.25 g inositol, 375 mg CaCl2, 50 mg FeCl3, 750 mg MgSO4, 50 mg MnSO4, 5 mg ZnSO4, 50 g glucose, 6 g soy peptone, 0.2 g KCl, 1.44 g Na2HPO4, 0.24 g KH2PO4 and 10 g NaCl. When indicated, YES medium was also used which contains (per liter) 20 g yeast extract, 50 g sucrose, 500 mg MgSO4.7H2O, 10 mg ZnSO4.7H2O and 5 mg CuSO4.5H2O.

Fungal cultures were prepared from −80°C stocks stored as a mixture of spores and mycelium in glycerol. All isolates were isolated from environmental samples collected mainly form Central Europe and were of diverse origins ranging from soil, air and water samples to plant material or contaminated foodstuffs. Agar plates containing 33 g/L malt extract were inoculated using a sterile toothpick. Plates were then sealed and incubated in the dark at 24°C for up to 14 days or until sufficient growth and sporulation occurred. Spores were harvested by adding 10 mL sterile PBSA (Phosphate NaCl buffer) supplemented with 0.01% Tween 80 to each plate by gently scraping. The spore solution was then aspirated and stored at 4°C until further use.

A panel of 673 fungal isolates was screened for esterase activity. All pipetting steps were performed with a HAMILTON® liquid handling robot (Microlab STAR) to ensure reproducibility of the technical protocol. A standardized 24-well plate format fermentation enabled us to screen fungal isolates under induced (cultivation with polymer mix) and uninduced (without polymer mix) conditions. Each fermentation was set up with 1.6 mL of the modified Moser medium supplemented with 200 μL of a mixture containing PBS, PBAT, and PLA in equal amounts (10 g/L of each polymer) suspended in 0.1 M KH2PO4 buffer (pH 7), and 200 μL spore solution. For uninduced samples 200 μL 0.1 M KH2PO4 buffer was added instead of polymer mix. Samples were incubated for 24 days at 24°C with gentle shaking. A control was added to each batch by adding 200 μL sterile PBSA instead of the spore solution. Each fermentation was run in 12 replicates and supernatants were subsequently pooled.

Upon harvest, the mycelium was manually removed using a sterile toothpick, the supernatant was then aspirated, transferred into a fresh vial and centrifuged at 3200 g for 20 min to remove residual mycelium. Subsequently, the supernatant was filtrated using a 0.2 μm polystyrene filter to obtain sterile filtrate and stored at −20°C until further use.



Esterase Activity

For activity measurements of induced and uninduced supernatants, para-nitrophenyl butyrate (pNPB) was used as substrate. The final assay mixture consisted of 200 μL of the substrate solution (86 μL of pNPB and 1000 μL of 2-methyl-2-butanol, added to 25 mL 0.1 M KH2PO4 buffer pH 7) and 50 μL of sample. The increase of the absorbance at 405 nm due to the hydrolytic release of p-nitrophenol at 405 nm [ε405 nm = 9.72 (mM cm)–1] was measured over 10 min in cycles of 18 s at 30°C with a Synergy H1 microplate reader (BioTek Instruments, VT, United States) using 96-well micro-titer plates (Greiner 96 Well Flat Bottom Transparent Polystyrene). A negative control was included on each plate using 50 μL 0.1 M KH2PO4 buffer instead of supernatant. The activity was calculated in units (U), where 1 unit is defined as the amount of extract required to hydrolyze 1 μmol of substrate per minute under the given assay conditions.



Polymer Hydrolysis

Polymer powders (5.0 mg) were incubated with 1 mL of the culture supernatants showing a pNPB hydrolytic activity >50 mU/mL. Incubations were conducted for 21 days in an orbital shaker set at 100 rpm and 65°C since good enzyme stability and activity over time for the hydrolysis of various polyesters had been previously reported for these conditions (Pellis et al., 2016a; Gamerith et al., 2017b; Weinberger et al., 2017b). Blank reactions were carried out in YES medium. All reactions were performed in duplicates.



High-Performance Liquid Chromatography (HPLC)

After incubation, supernatants incubated with PBAT were diluted with ice-cold methanol (1:1 v/v) to precipitate the enzymes. The samples were centrifuged at 12,700 rpm (Centrifuge 5427 R, Eppendorf, Germany) for 15 min at 4°C, followed by a filtration through 0.45 μm nylon syringe filters into high performance liquid chromatography (HPLC) vials. For analysis of the samples, a HPLC-DAD system consisting of a 1260 Infinity (Agilent Technologies, Palo Alto, CA, United States) coupled with a reversed phase column C18 (Poroshell 120 EC-C18 2,7 μm 3.0 × 150 mm) was used. The PBAT hydrolysis products were separated using a non-linear gradient as previously described (Quartinello et al., 2017) and detected with a photodiode array detector (Agilent Technologies, 1290 Infinity II, Vienna, Austria) at the wavelength of 245 nm. For the quantification of the released products bis(4-hydroxybutyl) terephthalate (BTaB), mono(4- hydroxybutyl) terephthalate (BTa) and terephthalic acid (Ta) (BASF, Ludwigshafen am Rhein, Deutschland), was used. For the quantification of the degradation products, external calibration curves in the range 0.005-1 mM (see ESI, Supplementary Figure S1) were used. Blanks were subtracted from the results.

Hydrolysis samples with PLA and PBS were precipitated following the Carrez method (Perz et al., 2016b) and filtered through 0.20 μm Nylon filters (GVS, Indianapolis, United States). The analytes were separated by HPLC using refractive index detection (1100 series, Agilent Technologies, Palo Alto, CA, United States) equipped with an ICSep−ION−300 column (Transgenomic Organic, San Jose, CA, United States) of 300 mm by 7.8 mm and 7 μm particle diameter. Column temperature was maintained at 45°C. Samples (40 μL) were injected and separated by isocratic elution for 40 min at 0.325 mL min–1 in 0.005 M H2SO4 as the mobile phase. Lactic acid and succinic acid were used for the calibration. For the quantification of the degradation products, external calibration curves in the range 0.01–20 mM (see ESI, Supplementary Figure S2) were used. Blanks were subtracted from the results.



RESULTS AND DISCUSSION

Screening of a culture collection of environmental fungal isolates collected mainly in Central Europe was performed in a partially automated setup to increase reproducibility and speed of the technical protocols applied (see ESI, Supplementary Figure S3). Inoculation of fungi was performed on a Hamilton liquid handling robot (Hamilton Microlab STAR) while screening was conducted in a 2-stage process. First, fungi were challenged with a polymer mix containing PBS, PLA, and PBAT and supernatants were tested for esterase activity. Fungal isolates which showed an activity above a soft threshold of 50 mU/mL were selected for a further second round of screening. During this second screening, fungal isolates were additionally cultivated without polymer mix to identify polymer-inducible esterase activity.



INDUCIBILITY

To investigate the induction of secreted polyester hydrolyzing enzymes, 673 different fungi were cultivated in the presence of a polymer mix of different aliphatic and aromatic polyesters, namely, PBS, PLA, and PBAT. After 3 weeks incubation esterase activity of the supernatants from polymer induced and control incubations were measured as described earlier. Out of the 673 fungi investigated, 66 strains showed elevated activity when cultivated in the presence of polyesters (Figure 1). Several isolates generated supernatants with substantial esterase activity (>50 mU/mL) under induced conditions and are highlighted in Figure 1A. Figure 1B shows the distribution of esterase activities measured during our screen.
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FIGURE 1. pNPB esterase activities measured after cultivation of different fungi in presence of a polyester mix (induced) or without (uninduced). (A) Comparison of pNPB esterase activities under induced and uninduced conditions. Each point represents a fungal isolate. Isolates above the blue line produced supernatants with higher pNPB esterase activity when co-cultivated with a polymer mix. 24 isolates marked in red were selected for further investigation. (B) Histogram of pNPB esterase activity of all tested fungal isolates under induced and uninduced conditions. The vertical red line indicates the arbitrary threshold of 50 mU/mL, above which pNPB esterase activity was considered substantial.


The 24 strains exhibiting strongest induction are shown in Figure 2. These included three representatives of Aspergillus sp. and Fusarium sp., respectively, as well as Penicillum species, which are mold fungi and typical soil organisms. Representatives of all three genera were previously reported to produce extracellular esterases (Gautam et al., 2007; Mathur and Prasad, 2012; Hu et al., 2016; Álvarez-Barragán et al., 2016; Carniel et al., 2017; Khan et al., 2017; Osman et al., 2018). The highest induction from 1 to 261 mU/mL was found for Nectria cinnabarina_F55. Furthermore, Sarocladium kiliense_F121, Rhynchosporium secalis_F93, Ilyonectria radicicola_F99 and Mortierella alpina_F210 showed strong induction of extracellular esterase activity (see ESI, Supplementary Table S1).
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FIGURE 2. Induction of fungal extracellular pNPB esterase activity when cultivated in the presence of different aliphatic and aromatic polyesters. Comparison of pNPB esterase activity [mU/mL] in induced (gray) and uninduced (white) supernatants. All pNPB esterase measurements were conducted in triplicates with standard deviations indicated.


As fungal plant pathogens, N. cinnabarina_F55 are well known to produce extracellular enzymes capable of degrading cell wall components such as cutin, since they are essential during the invasion of the host. This is in good agreement with our previous results indicating that cutinases hydrolyze very efficiently synthetic polyesters (Pellis et al., 2016a; Weinberger et al., 2017b; Vecchiato et al., 2018). Enzyme production by N. cinnabarina_F55 was studied in the presence of natural substrates or plant cells (Purdy and Kolattukudy, 1973; Eddine et al., 2001; Hawthorne et al., 2001). Eddine et al. (2001) reported an extracellular lipase from Nectria haematococca (anamorph Fusarium solani f. sp. pisi) which showed an esterase activity of 12 U/mL for p-nitrophenyl palmitate, but was not tested on polymeric substrates. However, native and engineered esterases/cutinases from F. solani f. sp. pisi have previously been reported to hydrolyze polyesters including PET [poly(ethylene terephthalate)] (Araújo et al., 2007). Bridge et al. (1989) reported already in 1989 the production of esterases by different Sarocladium species (anamorph Acremonium sp.). Furthermore, Acremonium sp. was identified as producer of enzymes capable of degrading cellulose and chitin (Baldrian et al., 2011). R. secalis_F93 and I. radicicola_F99 are pathogens of barely and other plants such as Stellera chamaejasme L, so research is focused on defending mechanisms of the host and not on the enzymes of the fungi (Daâssi et al., 2016; Marzin et al., 2016; Penselin et al., 2016; Looseley et al., 2018). Overall, there is not much information available regarding the hydrolytic enzymes derived from these organisms.

A lipase was reported from Mortierella echinosphaera. Esterase activity was found on p-nitrophenyl esters of different chain length (C2–C16), and potential for catalysis of polymerization reactions (Kotogán et al., 2018). Addition of lipids to the cultivation medium of Mortierella sp. resulted in induction of activities (Gaspar et al., 1999; Kotogán et al., 2014).


Hydrolysis of Polyesters by Fungal Supernatants

Those fungal supernatants showing pNPB hydrolytic activity of above 50 mU/mL were subsequently incubated with PLA, PBS, and PBAT, respectively. The quantification of the resulting hydrolysis products is shown in Figure 3. Although the pNPB esterase activity is relatively low when compared to commercial esterases such as Lipase B from Candida antarctica and a cutinase from H. insolens, several species of Aspergillus, Fusarium, and Penicillium were found to efficiently hydrolyze the tested polyesters (Carniel et al., 2017). Forty one of the 50 polymer-active strains degraded PLA, but to a different extent. The highest amount of lactic acid (7 mM) was produced by Fusarium oxysporum f. sp. lycopersici_SG 101 Amongst the tested polymers, the F. oxysporum f. sp. lycopersici_SG 101 supernatant showed a high activity on PLA. Interestingly, this supernatant had a relatively low activity of 138 mU/mL on pNPB, compared to Aspergillus westerdijkiae_F 62 (433 mU/mL), Lanatonectria sp._F 44 (398 mU/mL) and Sarcopodium vanillae_F 160 (230 mU/mL). This demonstrates that activity on the small substrate pNPB is suitable for high throughput pre-screening. However, this activity cannot be used to predict hydrolysis activity on distinct polyesters (Gamerith et al., 2017a; Weinberger et al., 2017b). Various Fusarium sp. are known to produce cutinases (Zhao et al., 2005; Mao et al., 2015), lipases (Shimada et al., 1993; Dell et al., 2016; Facchini et al., 2018), and other esterases (Luo et al., 2015; Ahuactzin-Pérez et al., 2016). Although both PBS and PLA are linear polyesters, only 17 of the fungi were able to degrade PBS. Seven of those strains were active only on PBS. The most active strain, a Chrysogenum sp. 2_F 77, produced 3 mM succinic acid. The difference between PLA and PBS is most probably caused by the different crystallinities of these two aliphatic polymers. Since PBS is characterized by higher crystallinity, the tightly packed chains of this polymer avert enzymatic attack (Cho et al., 2001; Gigli et al., 2013). Chrysogenum sp. are known to produce acetyl xylan esterases able to cleave acetyl substituents from acetylated xylan, an important step for the degradation of lignocellulose. Yang et al. (2017) reported the activity of an acetyl xylan esterase from Chrysogenum P33 with an activity on p-nitrophenyl acetate of 35 mU/mg purified enzyme.
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FIGURE 3. Hydrolysis of different polyesters by supernatants of fungi cultivated in the presence of aliphatic and aromatic polyesters for enzyme induction. pNPB esterase activities [mU/mL] (gray) of fungal culture supernatants were compared with esterase activities on polymers which are shown as the amount of hydrolysis products after 3 weeks of incubation. Monomers from PBS (succinic acid) are shown in dark green, PLA products (lactic acid) are shown in green while hydrolysis products from PBAT (TA, BTA, BTAB) are shown in light green. All experiments were performed in duplicates as indicated by ± standard deviation.


It is not surprising that PBAT was the most difficult polymer to hydrolyze for the fungal esterases due to its partially aromatic nature. A. westerdijkiae_F 62 was most efficient in the hydrolysis of PBAT as judged by the formation of 2.8 mM hydrolysis products. In relation to the different activities on pNPB (short model substrate), the data show the different substrate specificities of the esterases secreted by the different fungi on PBAT, PBS, and PLA. The identification of such specificities can potentially enable the implementation of enzymes in processes related to substrate and product niches e.g., the selection of appropriate strains could be exploited for polymer degradation.



CONCLUSION

Our library screening procedure resulted in the identification of several fungal strains capable of producing enzymes with hydrolytic activity on aromatic and aliphatic polyesters. This function-based search method is the first step for the identification of fungi capable to become a novel source of enzymes active on polymers. In this work we demonstrated that the incubation of fungi with the target polymers can induce the production and secretion of enzymes hydrolyzing these polymers.

A further investigation of the supernatants resulting in identification and recombinant expression of the enzymes is currently ongoing and represents the next step toward a deeper understanding of the different tools that fungi could provide for an enhanced polymer degradation that would allow the closure of the carbon cycle.
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The biocatalytic degradation of polyethylene terephthalate (PET) emerged recently as a promising alternative plastic recycling method. However, limited activity of previously known enzymes against post-consumer PET materials still prevents the application on an industrial scale. In this study, the influence of ultraviolet (UV) irradiation as a potential pretreatment method for the enzymatic degradation of PET was investigated. Attenuated total reflection Fourier transform infrared (ATR-FTIR) and 1H solution nuclear magnetic resonance (NMR) analysis indicated a shortening of the polymer chains of UV-treated PET due to intra-chain scissions. The degradation of UV-treated PET films by a polyester hydrolase resulted in significantly lower weight losses compared to the untreated sample. We also examined site-specific and segmental chain dynamics over a time scale of sub-microseconds to seconds using centerband-only detection of exchange, rotating-frame spin-lattice relaxation (T1ρ), and dipolar chemical shift correlation experiments which revealed an overall increase in the chain rigidity of the UV-treated sample. The observed dynamic changes are most likely associated with the increased crystallinity of the surface, where a decreased accessibility for the enzyme-catalyzed hydrolysis was found. Moreover, our NMR study provided further knowledge on how polymer chain conformation and dynamics of PET can mechanistically influence the enzymatic degradation.
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INTRODUCTION

Polyethylene terephthalate (PET) is one of the most widely used plastic type, especially as packaging material for the food industry and as synthetic fibers for the textile industry (World Economic Forum, 2016; Geyer et al., 2017; PlasticsEurope, 2019). Due to its low weight, high strength, optical transparency and low CO2 permeability, PET is particularly suitable for the production of beverage bottles (Webb et al., 2013). In general, due to their versatile applicability and low manufacturing costs, plastics have become an indispensable part of our daily lives (Andrady and Neal, 2009), leading to a continuous increase in production which in 2018 amounted to 359 million metric tons worldwide (PlasticsEurope, 2019). However, without appropriate treatment, plastic waste can persist in nature for centuries (World Economic Forum, 2016) and accumulate as hazardous pollution causing a serious environmental crisis (Rochman et al., 2013). Hence, reduction of plastic consumption as well as recycling of in-use polymer materials have been proposed to be proper approaches to solve the plastics pollution within the framework of a sustainable circular economy (Hopewell et al., 2009).

For chemical recycling of PET, polymer chains are broken down into their monomers which can be used to produce virgin plastics or synthetic chemicals (Geyer et al., 2016). However, high temperatures and pressures as well as toxic chemicals are usually required for chemical PET recycling, making this process cost- and energy-intensive (World Economic Forum, 2016). Alternatively, biocatalytic degradation of PET which was shown to function under mild conditions in the absence of harmful chemicals, emerged as an option (Wei and Zimmermann, 2017; Kawai et al., 2019; Salvador et al., 2019; Bollinger et al., 2020). Compared to the mesophilic PET hydrolases, e.g., the PETase from Ideonella sakaiensis (Yoshida et al., 2016; Han et al., 2017; Austin et al., 2018), thermophilic microbial enzymes are advantageous to the hydrolysis of the ester bonds in PET due to the fact that polymer chains are more easily accessible near its glass transition temperature (Tg) between 75 and 79°C (Ronkvist et al., 2009; Wei and Zimmermann, 2017; Wei et al., 2019a, b). However, long-term incubation in the Tg range is mandatory for PET degradation using the most active PET hydrolase identified so far (Wei and Zimmermann, 2017). Consequently, increased crystallinity of the polymers as a result of physical aging at this condition has been shown to hamper the enzymatic PET degradation (Wei et al., 2019a). Very recently, distinct conformations of PET segments derived by computational modeling and NMR experiments have provoked scientific discussions about the exact molecular mechanism of enzymatic PET degradation (Austin et al., 2018; Joo et al., 2018; Wei et al., 2019b). This knowledge would facilitate further exploration and engineering of enzyme variants toward enhanced PET hydrolytic activity, as well as of feasible pretreatment approaches to lower the degradation obstacle in terms of the polymer substrate.

UV light, an electromagnetic radiation in the 100-to-380-nm wavelength range, can induce photodegradation of recalcitrant polyolefins by generating free radicals (Ammala et al., 2011) and consequently facilitate the subsequent microbial degradation (Albertsson et al., 1987). PET can also absorb UV light as evidenced by photodegradation by sunlight under natural conditions leading to discoloration and brittleness on a macroscopic level (Day and Wiles, 1972b). These surface effects are likely to be associated with the cleavage of polymer chains resulting in a decrease of molecular weight and an increase of the amount of carboxylic acid end groups, accompanied by the evolution of volatile products like CO and CO2 (Day and Wiles, 1972a, b, c; Blais et al., 1973). Moreover, PET structural and morphological changes caused by UV irradiation have been reported previously (Fechine et al., 2002). Enzymatic PET degradation is dependent on the mobility of the amorphous regions as well as on the degree of crystallinity (Vertommen et al., 2005; Ronkvist et al., 2009; Wei et al., 2019a). Therefore, it is worthwhile to determine whether UV pretreatment has an effect on the dynamics of the shortened polymer chains and could possibly accelerate the biocatalytic degradation of PET.

In this study, we identified changes in enzymatic degradability and chain dynamics of PET caused by UV irradiation. The UV-induced PET chain scissions were quantified by both ATR-FTIR and 1H NMR spectroscopic techniques. The biodegradability of PET before and after UV treatment was assessed using the thermophilic polyester hydrolase LC-cutinase (LCC) originated from a plant-containing compost (Sulaiman et al., 2012). To examine the UV-induced changes in crystallinity and chain dynamics over a time scale of sub-microseconds to seconds, four different types of solid-state NMR experiments, centerband-only detection of exchange (CODEX), T1ρ, dipolar chemical shift correlation (DIPSHIFT), and cross polarization (CP) were conducted at both 30 and 70°C. The data contribute to an extended understanding of the exact enzymatic degradation mechanism at a molecular level.



MATERIALS AND METHODS


PET Samples

For the enzymatic degradation and solution NMR experiments, amorphous PET films with a thickness of 250 μm (Goodfellow, Ltd., Bad Nauheim, Germany, product number ES301445) were used. The PET film was cryogenically ground to powder with a particle size (Ø) ranging from 0.25 to 0.5 mm for solid-state NMR measurements. UV irradiation of the PET samples was carried out over 14 days using a 1-kW xenon arc lamp (Müller GmbH Elektronik-Optik, Moosinning, Germany) which generated an emission spectrum similar to sunlight with a cut-off in the UV region at ca. 250 nm. Due to the heating effect, the IR radiation was filtered out by using a water filter. A water bath was used for further cooling the samples during irradiation (Figure 1A). The sample temperature monitored with an IR thermometer was kept below 45°C throughout the irradiation process.


[image: image]

FIGURE 1. (A) Experimental setup for the UV irradiation of the PET powder sample. (B) ATR-FTIR spectra of the PET powder sample before (cyan) and after (red) UV treatment showing only the characteristic region from 2250 to 4000 cm–1. (C) Proposed products obtained by UV irradiation of PET. (D) 1H solution NMR spectra of untreated and UV-treated PET showing the relevant spectral regions from 3.8 to 4.8 ppm and 7.8 to 8.2 ppm. The relative integral ratios are given below the respective signals with the CH2 signal at 4.01 ppm as the unit. Intensities of the HFIP signal (green) and the CH2 signal (purple) are increased by a factor of 4 and 32, respectively. The 13C satellites of the parent HFIP signal are marked with asterisks.




ATR-FTIR Measurements

ATR-FTIR spectra were recorded with a Bruker Vector 22 FTIR spectrometer assembled with ATR accessory using a wavenumber range of 500–4000 cm–1 with a resolution of 4 cm–1.



1H Solution NMR Measurements

1H NMR experiments were performed with a Bruker DRX-600 NB spectrometer equipped with a 5-mm TXI probe (Rheinstetten, Germany) at a read-out temperature of 27°C. The optimized 1H 90° pulse length was 9.0 μs. The data were recorded with 1 or 2 k scans and a recycle delay of 10 s. An exponential line broadening of 0.2 Hz was applied prior to data processing. The baseline was corrected manually afterward. Processed data were further analyzed using MestReNova 12.0.0 (Mestrelab Research S.L., Santiago de Compostela, Spain). Both untreated and UV-treated PET samples were dissolved in hexafluoroisopropanol (HFIP, ≥ 99%, Carl Roth GmbH + Co. KG, Karlsruhe, Germany) and stored at room temperature for 5 days before measurement. The filtered PET solutions with a final concentration of approximately 14.3 μg/μL were pipetted into a 5-mm NMR tube and mixed at a ratio of 1:16 with chloroform-d (CDCl3, 99.8% D, ARMAR AG, Döttingen, Switzerland) containing 0.03% (v/v) tetramethylsilane (TMS) as an internal standard (δH, 0.00 ppm).



Enzymatic Degradation Tests

Untreated and UV-treated PET films were cut into chips of 3 cm × 0.5 cm with an average weight of 44.7 and 44.3 mg, respectively. One PET chip was placed in a 2-mL reaction vial containing 1.8 mL of K2HPO4/Cl (1M, pH = 8.0) and 100 μg purified LC-cutinase, corresponding to a concentration of 2 μM or 1.2 nmol/cm2 of PET film surface area. LC-cutinase was expressed in E. coli BL21(DE3) and purified by immobilized metal ion chromatography similarly as previously reported (Schmidt et al., 2016). Degradation was performed by shaking the reaction vials on a thermoshaker TS1 (Biometra, Göttingen, Germany) at 70°C and 1000 rpm for 24 h. The reaction was stopped by cooling the samples in an ice bath, followed by withdrawing and washing the PET films sequentially with 0.1% SDS, ultrapure water and 70% ethanol. The PET films were dried at 50°C for > 24 h before they were subjected to gravimetric determination of the weight loss.



Solid-State NMR Measurements

Solid-state NMR experiments were performed with a Bruker AVANCE III 400 WB spectrometer (Rheinstetten, Germany) equipped with a 4-mm double resonance magic-angle spinning (MAS) probe. For all measurements approximately 80 mg of PET powder was packed into a 4-mm zirconia rotor. Prior to NMR acquisition, in situ incubation of the PET sample was performed for at least 12 h to avoid spectral changes during the experiments caused by physical aging (Hutchinson, 1995). All experiments were carried out at an ambient temperature of 30°C as well as at 70°C slightly below the Tg of PET.

1H to 13C magnetization transfer was achieved by using linear 70–100% 1H-ramped CP (Schaefer and Stejskal, 1976; Metz et al., 1994) with a contact time of 2 ms and a 13C r.f. lock field of 67 kHz, fulfilling the Hartmann–Hahn condition. Heteronuclear decoupling during acquisition was achieved with swept-frequency two-pulse phase modulation (Thakur et al., 2006; Vinod Chandran et al., 2008) at 1H r.f. field of 100 kHz. Optimized 1H and 13C 90° pulse lengths were 2.5 and 3.0 μs, respectively. 13C CP/MAS spectra were collected at a spinning frequency of 12.5 kHz with 2 k scans and a recycle delay of 2.5 s. Overall, 1604 data points were recorded. For the data processing, an exponential window function and zero filling to 8192 data points was applied prior to Fourier transformation.

DIPSHIFT (Hong et al., 1997) data were collected with a recycle delay of 4 s. The 1H–1H homonuclear dipolar decoupling during the t1 evolution period was accomplished by using the phase modulated Lee–Goldburg (PMLG5) (Vinogradov et al., 2001) scheme. Each PMLG5 block consisted of 10 pulses with the following phases: 339.22, 297.65, 256.08, 214.51, 172.94, 352.94, 34.51, 76.08, 117.65, and 159.22° (m5m shape in Top-Spin 3.2 library). The optimized PMLG5 pulse was 2.08 μs with 80 kHz r.f. amplitude. For different experiments the number of scans per increment was varied between 768 and 1168. An exponential window function was applied and the data was zero-filled to 8192 points prior to Fourier transformation. The rigid-limit values for CH and CH2 groups were determined experimentally by measuring DIPSHIFT curves for crystalline bis(2-hydroxyethyl) terephthalate (BHET) and fitting them in a site-specific manner. All DIPSHIFT curves were fitted with SIMPSON simulations (Bak et al., 2000) taking into account the PMLG scaling factor of 0.5 which was determined by observing the J-splitting of the CH and CH2 groups of adamantane under PMLG5-decoupling using the same conditions.

CODEX (deAzevedo et al., 1999) data were recorded with a recycle delay of 2.5 s. At 30°C, 2k scans were accumulated, while at 70°C the number of scans was around 4 k (in multiples of 128). An exponential window function was applied and the data points were zero-filled to 8192 prior to Fourier transformation. A tz filter time of 1.28 ms and mixing times (tm) between 0.02 and 1.2 s were employed. The sum of the preparation and refocusing time was 10 tr (N = 10). An extended phase cycle (Reichert et al., 2001) was used for proper cancelation of unwanted transverse components during tm and tz under fast MAS.

T1(1H) relaxation times were measured with 392 and 784 scans for the untreated and UV-treated samples, respectively. A 66 kHz 1H spin-lock field and a recycle delay of 4 s were used. The length of the spin-lock pulse was incremented in 13 steps varying between 0.01 and 50 ms. An exponential window function was applied in the 13C dimension for processing while the data points were zero-filled up to 16 and 2048 data points in the 1H and 13C dimension, respectively. T1(1H) relaxation times were obtained by least-squares fitting of the normalized peak intensities to a single exponential:
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Here, M(0) and M(τ) represent the initial intensity and the intensity at the applied spin-lock time τ, respectively.

For T1(1H) and CODEX analysis OriginPro 8G (OriginLab Corporation, Northampton, MA) was used. Spectral fitting was done with MestReNova 12.0.0 (Mestrelab Research S.L., Santiago de Compostela, Spain). 13C chemical shifts were externally referenced to the COO– signal of solid tyrosine hydrochloride at 172.1 ppm.



RESULTS


ATR-FTIR and 1H Solution NMR Analysis of PET Chain Scission Caused by UV Irradiation

To determine the chain scissions of PET by UV light (Figure 1A), surface sensitive ATR-FTIR measurements (Day and Wiles, 1972b, c; Blais et al., 1973; Fechine et al., 2004) were performed. The untreated PET sample (Figure 1B, cyan) showed the characteristic absorption bands, as expected. The band at 3060 cm–1 can be assigned to the aromatic C–H stretching and the corresponding aliphatic C–H stretching modes are represented by the bands at around 2960 and 2880 cm–1 (see also Holland and Hay, 2002). The first overtone of the fundamental C=O absorption at 1710 cm–1 (Supplementary Figure 1) appeared at ∼3430 cm–1 (Day and Wiles, 1972b). The same bands can be identified in the spectrum of the PET sample exposed to UV light for 14 days (Figure 1B, red). However, clear differences in the range between 2250 and 3700 cm–1 were observed. The broad absorption bands centered at around 3500 and 3250 cm–1 can be attributed to O–H stretching vibrations from the –COOH and –OH functional groups, respectively (Day and Wiles, 1972b). The shoulders at 2660 and 2550 cm–1 most likely originate from overtones and combination bands, characteristic for dimeric carboxylic acids (Schrader and Meier, 1974; Günzler and Gremlich, 2003). These distinctive absorption bands can therefore be ascribed to an increased carboxyl end group content in the UV-treated PET sample relative to the untreated one. It is also clear that the formation of additional carboxyl end groups was caused by the breakage of the ester C–O bonds in the main chain (Figure 1C), while the concentration of carboxyl end groups is too low and therefore not detectable in the corresponding ATR-FTIR spectrum of the untreated sample.

To quantify the intra-chain scissions of the UV-treated PET, the degree of polymerization (DP) was determined by 1H NMR spectroscopy similarly as described before (Wei et al., 2019a). Both 1H NMR spectra display two sharp singlets with almost identical integrals (< ± 1%) at 8.06 and 4.67 ppm (Figure 1D) which can be readily assigned to the four protons of the terephthalate ring and the oxyethylene units in the main chain, respectively (Kenwright et al., 1999; de Ilarduya and Muñoz-Guerra, 2014). A much weaker signal with δH of 4.01 ppm (2H, t, 3J ≈ 4.5 Hz) corresponds to the methylene protons in α-position to the hydroxyl end group of the PET chain (Figure 1C). The DP value was determined according to the relative integral ratios of these three signals. Assuming that each PET chain possesses a single hydroxyl end group, a DP of 181.7 ± 1.6 was obtained for the untreated sample, while the UV-treated sample showed a DP value of 149.7 ± 0.4 with a reduction of 17.6%. Considering the molecular weight of 192.17 g/mol of a single PET repeating unit, the two DP values for the untreated and the UV-treated samples corresponded to an average molecular weight of about 35000 and 29000 g/mol, respectively.



Enzymatic Degradation of UV-Treated PET Films

To assess the effect of UV pretreatment on the enzymatic degradation of PET, we performed hydrolytic degradation of the untreated and the UV-treated PET films at 70°C for 24 h using purified recombinant LC-cutinase. The weight loss of the PET films after enzymatic hydrolysis was determined gravimetrically to evaluate the degradation performance. According to a previous study, weight loss of amorphous PET films could be quantitatively correlated with the release of degradation monomers including terephthalic acid, ethylene glycol (EG), mono(2-hydroxyethyl) terephthalate (MHET) and BHET (Barth et al., 2015). As shown in Figure 2, an absolute weight loss of 26.1 ± 0.5 mg (57.9 ± 2.4%) and 18.2 ± 0.9 mg (41.0 ± 1.3%) was determined for the control sample and the UV-treated PET sample, respectively, as a result of 24 h enzymatic hydrolysis.
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FIGURE 2. Average percentage of weight loss of (A) untreated and (B) UV-treated PET films after enzymatic degradation performed at 70°C for 24 h. The standard deviations are obtained from at least triplicate experiments.




13C CP/MAS Experiments to Determine the Degree of Crystallinity in PET Before and After UV Irradiation

13C CP/MAS spectra were recorded to determine the trans/gauche (t/g) ratio of the PET samples before and after UV irradiation. Amorphous PET exists as a mixture of t and g conformers, whereby the g content usually significantly exceeds the t content. On the contrary, crystalline PET consists of 100% t conformation. The average OC–CO torsion angle of t and g states is about 180 and ± 60°, respectively (Schmidt-Rohr et al., 1998). A quantification for the t/g ratio was done by deconvolution of the ethylene carbon signals (Figure 3A), composed of both t and g conformations, corresponding to the crystalline and the amorphous phase of PET, respectively (Gabriëlse et al., 1994; Choudhury et al., 2012). For the untreated PET sample, a t/g ratio of 0.19 ± 0.03 was calculated from the spectra at 30°C and a value of 0.23 ± 0.06 was determined at 70°C. After UV treatment the t/g ratio of the PET sample was increased at both 30 and 70°C with the values of 0.49 ± 0.08 and 0.67 ± 0.16, respectively. The conformational changes of the PET chains associated with the UV treatment were also evident from the splitting of the carbonyl signals after UV irradiation (data not shown).
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FIGURE 3. (A) 13C CP/MAS spectra showing only the characteristic spectral region for the carbons of the ethylene glycol (EG) unit before (left) and after (right) UV irradiation at 30 and 70°C using a spinning frequency of 12.5 kHz. The trans and gauche contents were quantified by fitting a Voigt function to the experimental spectra (purple). Trans and gauche conformations were assigned according to Gabriëlse et al. (1994). (B) 1H–13C dephasing curves for the EG (left) and the phenylene unit of PET (right) obtained from DIPSHIFT experiments at 30 and 70°C using a spinning frequency of 8 kHz. DIPSHIFT curves were fitted by using 17 and 16 points, respectively, for the ethylene and the aromatic C-H groups.




Site-Specific and Segmental PET Chain Dynamics

To analyze dynamical changes of untreated and UV-treated PET over a time scale of sub-microseconds to seconds, three different solid-state NMR experiments were conducted.

The DIPSHIFT experiment is used to quantify localized dynamics of proteins or polymers on the sub-microseconds time scale (Huster et al., 2001; deAzevedo et al., 2008; Ivanir-Dabora et al., 2015). Here, the order parameters S (ranging from 0 to 1 representing isotropic motion and a rigid limit, respectively) were determined at both 30 and 70°C for the PET samples before and after UV irradiation. The 1H–13C dephasing curves extracted from the DIPSHIFT experiments including the calculated order parameters are shown in Figure 3B. The rigid limit with the order parameter S = 1 is represented here by BHET.

For the untreated PET sample an order parameter of S = 0.89 and 0.75 was obtained for the aromatic C–H group at 30 and 70°C, respectively. In the UV-treated PET sample, however, the phenylene unit revealed larger order parameters at both temperatures (S = 0.93 and 0.87 at 30 and 70°C, respectively). It is clear that more pronounced chain motions are detected for both samples at the higher temperature. Furthermore, after UV irradiation, the phenylene unit shows reduced mobility on the sub-microseconds time scale at both temperatures with larger order parameters (S = 0.93 vs. 0.89 at 30°C, and S = 0.87 vs. 0.75 at 70°C). For the ethylene unit, the order parameters S for both t and g conformations were calculated. After UV treatment an order parameter of S = 0.98 was found for the g conformation, slightly larger than that of the untreated sample at 30°C (S = 0.95). At 70°C, S = 0.91 and 0.96 were observed before and after UV irradiation, respectively. For the t conformation of the ethylene unit S = 0.85 and 0.87 were determined for the untreated and UV-treated PET at 30°C, respectively. The order parameter obtained at 70°C for the untreated PET sample was S = 0.85 and 0.86 for UV-illuminated PET. The overall increased order parameters clearly indicate that the ethylene unit of PET is getting less mobile after UV degradation.

In addition, we also employed the CODEX experiment for characterization of slower segmental reorientations of the phenylene unit over a time scale of milliseconds to seconds (deAzevedo et al., 1999) which was reported to undergo ring-flip motions in PET about its 1,4-axis (Wilhelm and Spiess, 1996; Choudhury et al., 2012). By plotting the normalized exchange intensity which is the ratio of pure-exchange CODEX intensity to the reference intensity, against the different mixing times (tm), the correlation time of the reorientation can be obtained (deAzevedo et al., 1999). In the case of PET, the curve was characterized by the following equation representing a stretched exponential (Choudhury et al., 2012):
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Here, E is the final exchange intensity and β is the stretch exponent. Moreover, τc represents the center of the correlation time distribution of the motion. Furthermore, the number M of equivalent orientational sites accessed by a specific carbon in the motional process as well as the fraction fm of mobile segments can be calculated by means of E (deAzevedo et al., 1999):
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The normalized pure-exchange CODEX intensities of the protonated aromatic carbons of the untreated and the UV-treated samples are plotted in Figure 4. At 70°C, a final exchange intensity of E = 0.770 ± 0.040 and 0.412 ± 0.004 was determined for the untreated and the UV-treated sample, respectively. At 30°C, E = 0.276 ± 0.016 was obtained for untreated PET and E = 0.274 ± 0.015 for the UV-treated PET sample. The fraction of mobile segments is fm = 54.9 ± 3.0 and 55.2 ± 3.2% for the UV-treated and the untreated PET sample at 30°C, respectively. The results are therefore similar at a temperature of 30°C. However, at 70°C the mobile fractions are increased, with fm = 82.5 ± 0.9% for the UV-treated sample and fm = 96.3 ± 5.0 or 102.7 ± 5.3%, depending on the chosen value for M, for the untreated PET sample. The number of equivalent orientational sites (M) accessed by one protonated aromatic carbon is M = 2 for the UV-treated sample at both temperatures and for the untreated PET sample at 30°C, indicating the 180° phenylene ring flip. For the untreated sample at 70°C the value of M is assumed to be 4 or 5, suggesting more complex motions of the phenylene ring. Since the correlation time values are quite sensitive to curve shapes and single data points, their errors are large and these values are therefore not taken into account for evaluating dynamical changes of the PET samples (Choudhury et al., 2012). Results of the fitting of experimental data to a stretched exponential (Eq. 2) and data analysis using Eq. 3 are shown in Supplementary Table 1.
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FIGURE 4. Pure-exchange CODEX signals as a function of mixing time (tm) for the protonated aromatic carbons at 30 and 70°C before (dark/light blue) and after (red/pink) UV irradiation. CODEX experiments were performed at a spinning frequency of 12.5 kHz. Solid lines represent fits of the experimental data to a stretched exponential. The final exchange intensity E and the fraction fm of mobile segments is given for each curve. The number M of equivalent orientational sites accessed by a specific carbon in the motional process which was used for calculating fm is shown in brackets.


Furthermore, T1ρ(1H) relaxation times were measured for both PET samples which provide segmental information on dynamics over a time scale of microseconds to milliseconds (Schmidt-Rohr and Spiess, 1994). Since T1ρ(1H) experiments are susceptible to 1H spin diffusion which results in the averaging of relaxation times, more global information about the PET chain motions can thus be obtained (VanderHart and Garroway, 1979; Gabriëlse et al., 1994). To determine T1ρ(1H) times the normalized peak intensities were plotted against the spin-lock time τ and fitted to a single exponential for untreated and UV-treated PET. The values are summarized in Figure 5.
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FIGURE 5. The T1ρ(1H) relaxation times (in milliseconds) for the different carbons of PET before (blue) and after (red) UV irradiation at 30°C (A) and at 70°C (B). T1ρ(1H) experiments were performed at a spinning speed of 8 kHz with varying spin-lock pulse lengths between 0.01 and 50 ms. T1ρ(1H) values and corresponding error bars were obtained from the fits of the normalized peak intensities against the spin-lock time to a single exponential curve.


At 70°C, T1ρ(1H) relaxation times determined for both untreated and UV-treated samples were shorter than those at 30°C, indicating shorter average motional correlation times and thus faster motions, for example T1ρ(1H)70^C = 5.2 ± 0.1 ms vs. T1ρ(1H)30^C = 6.6 ± 0.1 ms for the protonated aromatic carbons in the untreated PET sample. After UV irradiation, the T1ρ(1H) values were larger at both temperatures, for example the T1ρ(1H) value was 12.2 ± 0.3 and 6.6 ± 0.1 ms for the protonated aromatic carbons in the UV-treated and the untreated sample at 30°C, respectively. The ethylene and carbonyl peaks were deconvoluted into amorphous and crystalline components for the UV-treated sample. For carbons in t conformation, the T1ρ(1H) times were significantly larger than those in g conformation (e.g., T1ρ(1H)t = 20.3 ± 0.8 and T1ρ(1H)g = 8.2 ± 0.3 for the ethylene carbons in the UV-treated sample at 30°C), indicating that crystalline regions of PET with relatively high t content are more rigid than amorphous regions with chains in g conformation. The values for the ethylene carbons in t and g conformations at 30°C are very similar to those determined by Choudhury et al. (2012) for semicrystalline PET.



DISCUSSION

The enzymatic degradation of post-consumer PET has emerged as an eco-friendly method for future applications in plastic recycling processes (Wei and Zimmermann, 2017). UV irradiation is a major abiotic factor responsible for the environmental plastic degradation (Gewert et al., 2015), and is thus considered as a potential pretreatment to mitigate the hurdles for biodegradation caused by polymer microstructures. Photodegradation-based pretreatment has proven to be beneficial for subsequent biodegradation of selected polyolefins (Koutny et al., 2006a, b; Restrepo-Flórez et al., 2014), however, so far rarely investigated for PET. Chain scission has been verified with PET samples exposed to sunlight for up to 42 days already in the 1970s (Day and Wiles, 1972b) providing a fundamental background for further studies. The PET samples in this study were exposed to a UV light source which shows an emission spectrum similar to sunlight, thus making it possible to mimic natural illumination conditions. We used ATR-FTIR and 1H solution NMR spectroscopy to analyze the PET samples after UV exposure. Both spectroscopic methods revealed an increased amount of end groups and a decreased average molecular mass from 35000 to 29000 g/mol (Figure 1D) thereby suggesting the PET sample has been partially photodegraded by the UV light.

However, the UV-treated PET samples showed an increased resistance against enzymatic degradation yielding lower weight losses of the material compared to an untreated control (Figure 2). To clarify this seeming contradiction, solid-state NMR spectroscopy is the method of choice as it provides detailed information at the atomic level. Therefore, we performed a series of solid-state NMR experiments with both the UV-treated and control PET samples. The 13C CP/MAS experiment was used to determine the t/g ratio of the PET samples (Figure 3A), where a higher t content is detected for the UV-treated PET, indicative of an increased crystallinity as a result of UV exposure. These results are consistent with a previous study which reported a 100% increase of crystallinity of a semicrystalline PET sample after exposure to sunlight for 670 days determined by density measurement and differential scanning calorimetry (Aljoumaa and Abboudi, 2016). UV degradation is known to be a surface sensitive process (Day and Wiles, 1972b; Blais et al., 1973), and accordingly, the resulting increased crystallinity is considered to affect only the surface of the sample. DIPSHIFT, T1ρ(1H) and CODEX experiments provide information about the dynamics of polymer chains in the untreated and the UV-irradiated PET on different time scales. Higher order parameters S (Figure 3B) were observed for the EG and the phenylene C–H groups after UV photodegradation, indicating that both regions became less mobile. Moreover, CODEX experiments revealed that the number of equivalent orientational sites M accessed by one carbon is highest for the untreated sample measured at 70°C (Figure 4), suggesting more complicated chain motions in untreated PET at this temperature. For the UV-treated sample only two-site jumps were observed at both temperatures which can be attributed to the already known 180° phenylene ring flip about the 1,4-axis indicating a partially restricted rotation at 70°C in comparison with that of the untreated sample. The t and g conformations were indistinguishable in the CODEX spectra, the lower mobility can thus be ascribed to the higher crystalline content in PET after UV irradiation, representing a more ordered system with for example a more hindered ring-flipping motion of the phenylene unit. In agreement with CODEX and DIPSHIFT data, the T1ρ(1H) relaxation times became larger after UV irradiation (Figure 5) which clearly indicates a reduction in segmental dynamics over a time scale of microseconds to milliseconds. The overall slower chain motions of the UV-treated PET sample can be ascribed to the change of microstructure in the surface layer. UV light can result in spontaneous chain scission in PET by oxidation and consequently shorten the polymer chains (Day and Wiles, 1972c). The shorter PET polymer chains are more prone to have fold among themselves and thus to be rearranged into inter-crystalline domains (Launay et al., 1994; Badia et al., 2012). Due to the increase in local temperature of the surface layer exposed to UV light, physical aging of short PET chains with a trend to more ordered structure thus occurred more easily. Increased crystallinity in the surface layer and consequently decreased polymer chain dynamics hampers the efficiency of biocatalytic degradation which is well-known as a surface erosion process (Ronkvist et al., 2009).

Recent studies on the mechanism of biocatalytic degradation by computational simulation and solid-state NMR indicated that the flexibility of both the polymer chain and the substrate binding cleft on the surface of the enzyme is crucial to ensure a high degradation performance against PET (Austin et al., 2018; Wei et al., 2019b). Here, for the PET sample treated with UV irradiation, an overall increased chain rigidity including the partially prohibited ring-flip motions of the phenylene units was observed. This would hamper the hydrophobic interactions between the aromatic phenylene units and the neighboring amino acids in the active site required for the binding of PET substrate (Austin et al., 2018; Wei et al., 2019b) and consequently diminish the efficiency of the enzymatic hydrolysis.

Besides the –COOH and –OH groups, the broadened C=O band at 1800–1750 cm–1 in the ATR-FTIR spectrum of UV-treated PET (Supplementary Figure 1) gives an indication for vinyl ester end groups (Hesse et al., 2005). Additionally, the formation of aldehyde end groups is also conceivable (see also Gewert et al., 2015). The increased complexity of the PET surface upon UV irradiation supports the original proposal of a radical-based mechanism in photo-oxidative degradation (Day and Wiles, 1972a; Gotoh et al., 2011; Gewert et al., 2015). Since the biocatalytic degradation of low-crystalline PET has been shown to follow a processive exo-mechanism (Wei et al., 2019a), the formation of these alternative end groups as a result of UV treatment would impair the recognition of the polymer chain ends by the polyester hydrolase and consequently reduce the efficiency of a biocatalytic PET degradation.

In addition to the use of purified enzymes, the biodegradation of PET has also been shown with natural and engineered microbes in pure cultures at ambient temperatures (Yoshida et al., 2016; Moog et al., 2019). Using these whole-cell based systems, the degradation performance of PET was shown to rely on the activity and amount of the PET hydrolase expressed and secreted. A colonization of the PET polymer by the microbes has been considered as a requirement for an efficient degradation by their secreted enzymes. Nevertheless, only colonization of Ideonella sakaiensis on amorphous PET materials has been evidenced so far in correlation with a notable polymer degradation (Yoshida et al., 2016). More recently, another study speculated that microbial biofilm formation might be more pronounced on PET materials exposed to UV radiation for 30 min (Vague et al., 2019). However, the biodegradation of PET could not be unambiguously verified by either demonstrating the release of degradation products or by a significant weight loss. Therefore, the question whether UV treatment will influence a microbial colonization of PET at ambient temperatures remains still unsolved. Our recent study has indicated that thermophilic conditions at ≥ 70°C are preferred for an efficient PET biodegradation (Wei et al., 2019b). A whole-cell based system with simultaneous microbial growth, enzyme expression and biocatalytic PET degradation at elevated temperature is a target of the ongoing research.

The UV fraction of natural sunlight has been shown to have similar aging effects on PET materials as the artificial light source used in this study (Aljoumaa and Abboudi, 2016). Concerning marine litter, the PET debris is largely coming from PET beverage bottles with a higher crystallinity than the amorphous PET used in this study. A further exposure to sunlight can be expected to render them even less biodegradable serving as a vehicle for microbial attachment rather than a substrate for the accumulation of specific consortia able to degrade and assimilate the plastic (Oberbeckmann et al., 2014, 2016).

In summary, we investigated the chain conformational and dynamic changes as well as biodegradability of amorphous PET after UV pretreatment. Analysis by various spectroscopic techniques and enzymatic degradation studies revealed the formation of a surface layer with increased crystallinity as a result of UV treatment which consequently decreased polymer chain dynamics causing significantly retarded enzymatic hydrolysis. Our findings suggest that the exposure to UV light is not a feasible pretreatment approach to enhance the following biocatalytic degradation of PET, despite the occurrence of shorter polymer chains as a result of photodegradation. Further NMR studies are needed for in-depth understanding of how the polymer chain conformation and dynamics can influence the enzymatic biodegradation of PET at the molecular level.
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Stenotrophomonas panacihumi Soil of waste PP film 90 - Increased - Jeon and Kim, 2016b

storage yard
Aneurinibacillus aneurinilyticus; Landfills and PP film and pellets 140 22.8-27.0 - Detected Skariyachan et al., 2018
Brevibacillus agri; Brevibacillus sp.; sewage
Brevibacillus brevis
Bacillus sp. strain 27; Mangrove PP microplastic 40 4-6.4 - - Auta et al., 2018
Rhodococcus sp. strain 36 environments
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Incubation

Weight Molecular Degradation

Strain/Enzyme Isolated source Tested PVC time, d loss,% weight products References
Alternaria sp. TOF-46 Japanese bathrooms Plasticized PVC rim 180 - - - Moriyama et al., 1993
Poliporus versicolor; Pleurotus Lignocellulosic waste PVC film 30 - - Detected ?

sajor caju

Aureobasidium pullulans Leaf/wood surfaces Plasticized PVC 7 - - - Webb et al., 1999
Aspergillus niger PVC wires Plasticized PVC film 365 - - - Gumargalieva et al., 1999
Aureobasidium pullulans Atmosphere Plasticized PVC film 42 3.7 - - Webb et al., 2000
Penicillium janthinellum PVC buried in soil Plasticized PVC sheet 300 = = = Sabev et al., 2006
Mycobacterium sp. NKO301 Garden soil Plasticized PVC film 3 - - Detected Nakamiya et al., 2005
Chryseomicrobium imtechense; Landfill leachate Plasticized PVC curtain 34 - - - Latorre et al., 2012
Lysinibacillus fusiformis;

Acinetobacter calcoaceticus;

Stenotrophomonas pavanii

Phanerochaete chrysosporium; PVC film buried in soil PVC film 300 - Decreased Detected Ali et al., 2014
Lentinus tigrinus; Aspergillus niger;

Aspergillus sydowii

Acanthopleurobacter pedis; Plastic disposal sites PVC film 90 - Decreased Detected Anwar et al., 2016
Bacillus cereus; Pseudomonas

otitidis; Bacillus aerius;

Bacillus sp. AlIW2 Marine Un-plasticized PVC fim 90 0.26 = Detected Kumari et al., 2019
Phanerocheate chrysosporium Plastic disposal site PVC film 28 31 - Detected Khatoon et al., 2019
Pseudomonas citronellolis Soil Plasticized PVC film 45 13 Decreased - Giacomucgi et al., 2019
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Strain/Enzyme
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Aspergillus tubingensis
Aspergillus sp. S45
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Bacillus pumilus
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sp. AF9; Micrococcus sp. 10;
Arthrobacter sp. AF11;
Corynebacterium sp. AF12

Bacillus subtilis; Pseudomonas

aeruginosa
Pseudomonas putida
Bacillus safensis

Aspergillus niger; Cladosporium

herbarum

Staphylococcus epidermidis
Alternaria tenuissima
Pseudomonas denitrificans,
Pseudomonas fluorescens,

Bacillus subtilis, Yarrowia lipolytica
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lipase
pulA

pueA

pueB
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An intravenous catheter
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Protéus (France)
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Plastics Abbreviation Structure formula Tm (CP° Tg (O Xc (%)° Recyeling codes

High-density polyethylene HDPE M 200-300 -120 80-90
02
n
HOPE
Low-density polyethylene LDPE 160-260 -120 45-65 N
(4]
LOPE
Polystyrene PS 240 63-112 - N
C.
P?
n
Polypropylene PP \e)\) 130 —10-18 60-70 N
C,
n P;)
Polyvinyl chloride PVC cl 100-260 60-70 - N

3
(%2

Polyethylene terephthalate 260 80 40-60

5>

PET (_/_o o
d‘ : o
Polyester polyurethane  Polyester PUR O [ [ 8-20 (soft) ~75 10 —50 (soft) 185-205 (hard)  40-50

don g, &

OTHER

k]
m
q

>

Polyether polyurethane  Polyether PUR @ o -95 (soft) 100 (hard) 10 to 45 (soft) 190-240 (hard)
O,Rz.oﬁz.o%
n

T, melting temperature. PTg, glass transition temperature. °Xg, crystallinity.
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Incubation  Weight Molecular Degradation
Strain/Enzyme Isolated source Tested PE time, d loss, % weight products References
Rhodococcus ruber C208 Soil of disposal site LDPE fim 30 4 - - Orr et al., 2004
Bacillus sphericus Alt; Marine water LDPE film 180 2.5-10 - - Sudhakar et al., 2008
Bacillus cereus BF20
Arthrobacter sp. GMB5; Plastic waste dumpsites HDPE film 30 12-15 - - Balasubramanian et al., 2010
Pseudomonas sp. GMB7
Pseudomonas sp. E4 Soil LMWPE 80 - - - Yoon et al., 2012
Pseudomonas sp. AKS2 Waste dumping soil LDPE fim 45 5 - - Tribedi and Sil, 2013
Bacillus subtilis H1584 Marine water LDPE fim 30 1.75 - = Harshvardhan and Jha, 2013
Enterobacter asburiae YT1; ~ Gut of waxworm LDPE film 60 6-11 Decreased Detected Yang et al., 2014
Bacillus sp. YP1
Serratia marcescens Ground soil LLDPE film 70 36 - - Azeko et al., 2015
Achromobacter Soil HDPE film 150 9.38 - - Kowalczyk et al., 2016
xylosoxidans
Zalerion maritimum Marine environment PE pellets 28 - - - Pago et al., 2017
Phormidium lucidum; Domestic sewage water LDPE fim 42 - - - Sarmah and Rout, 2018
Oscillatoria subbrevis
Alcanivorax borkumensis Mediterranean Sea LDPE fim 7 3.5 - - Delacuvellerie et al., 2019
manganese peroxidase Phanerochaete chrysosporium  PE film 12 - Decreased - liyoshi et al., 1998
soybean peroxidase Soybean HDPE film 2h - - - Zhao et al., 2004
laccase Rhodococcus ruber C208 LDPE film 30 2.5 Decreased - Santo et al., 2013
alkB gene Pseudomonas sp. E4 LMWPE sheet 80 19.3 - - Yoon et al., 2012
alkB1, alkB2 gene Pseudomonas aeruginosa E7  LMWPE film 50 19.6-27.6 - - Jeon and Kim, 2016a
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Crystallinity, Reaction Incubation Weight
Enzyme Isolated source Tested PET % temperature, °C time, d loss, % References
TfH Thermobifida fusca PET bottle and pellets 9 55 21 54.2 Muller et al., 2005
HIiC; PmC; PsC  Humicola insolens; Low-crystallinity PET film 70 6 97% Ronkvist et al., 2009
Pseudomonas mendocina;
Fusarium solani
LC-cutinase Compost metagenomic Low-crystallinity PET film 8.4 50 7 50 Sulaiman et al., 2012
library
Cut190 Saccharomonospora viridis Low-crystallinity PET film 8.4 63 3 27 Kawai et al., 2014
IsPETase Ideonella sakaiensis Low-crystallinity PET film 1.9 30 0.75 - Yoshida et al., 2016
IsPETase Ideonella sakaiensis Low-crystallinity PET film - 30 1 1 Wei et al., 2019b
TfCut2 Thermobifida fusca Low-crystallinity PET chip 7 70 5 97 Wei et al., 2019a
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Pollutant,
cultivation variant
and share of
biotransforma-

Removal rate (nmol/h/g)

tion Initial rate 24 h Rate Overall rate
BPA

Active cultures FNS 114 £ 579 49 £+ 45
NaN3z-inactivated FNS 218 £ 214 22+ 14
cultures

Biotransformation NA 0 27 + 47
DBP

Active cultures 223 + 569 377 £ 359 241 £+ 36
NaN3z-inactivated FNS 441 £123 43+ 13
cultures

Biotransformation NA 0 198 + 39
DEP

Active cultures 3610 + 640 2274 + 549 311 £43
NaN3z-inactivated FNS 146 +£ 372 32+ 20
cultures

Biotransformation NA 2128 + 663 279 + 47

Removal rates of BPA, DBR and DEP observed with active and NaN3-inactivated
C. aquatica cultures (controls) were always based on corresponding fungal dry
biomasses at the time point of addition of pollutant mixtures. The fungal dry
biomasses were 0.90 £ 0.07 and 0.47 + 0.05 g/L for active and NaN3z-inactivated
cultures, respectively (values always means + standard deviations from triplicate
cultures). For further explanations please refer to Table 3.
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and share of
biotransforma-
tion

BPA
Active cultures

NaN3z-inactivated
cultures
Biotransformation
DBP

Active cultures
NaN3z-inactivated
cultures
Biotransformation
DEP

Active cultures
NaN3z-inactivated
cultures
Biotransformation

Removal rate (nmol/h/g)

Initial rate

1448 + 89
31+ 40

1147 £ 97

4547 + 1032
FNS

NA

1053 + 116
FNS

NA

24 h Rate

1019 £+ 226
342

722 £410

1310 4 148
799 + 257

511 £ 315

9156 £ 231
276 £ 418

639 + 478

Overall rate

125+ 15
44 + 24

81 k129

117 £13
82 £+ 20

35+ 24

129+ 15
35+ 29

94 £+ 33

Removal rates of BPA, DBR, and DEP observed with active and NaN3z-inactivated
Phoma sp. cultures (controls) were always based on corresponding fungal dry
biomasses at the time point of addition of pollutant mixtures. The fungal dry
biomasses were 2.10 £ 0.03 and 1.58 &+ 0.12 g/L for active and NaN3z-inactivated
cultures, respectively (values always means + standard deviations from triplicate
cultures). For further explanations please refer to Table 3.
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DBP transformation products were sorted in descending order according to their molecular masses. Labeling of the proposed chemical structures and respective chemical
alterations (compared to parent DBP) indlcated beneath correspond to those applied in the Supplementary Table S1. Relative intensities (%) were expressed as peak
areas of DBP biotransformation products in UPLC-QTOF-MS total ion current chromatograms relative to the parent DBP peak area recorded at the time point of DBP
addition (start of the experiment), respectively. Blue and red bars indicate refative transformation product intensities in active and PB-inhibited fungal cultures, respectively
(means = standard deviations from triplicate cultures are always shown). For fungi displaying DBP metabolites with relative intensities below one tenth of the maximum
value recorded for the metabolite of concem in any fungus, bar graphs were omitted (corresponding intensity ranges are given instead). Fungal cultures were sampled for
UPLC-QTOF-MS analysis at the beginning of experiments (time point of DBP adition; to), after 1.5 (Ascocoryne sp., Phoma sp.) and 3.5 h (all other fung), respectively
(t1), after 48 h (all tested fung; ty), and at the respective termination of experiment (192 h for Ascocoryne sp. and Phoma sp.; 216 h for all other tested fungi) (ts).
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DBP biotransformation products were grouped according to the number of addtional oxygen atoms (i.e. one or two) in their structures and then sorted in descending
order accordling to their molecular masses. Labeling of the proposed chemical structures and respective chemical alterations (compared to parent DBF) indicated beneath
correspond to those applied in the Supplementary Table S1. Relative intensities (%) were expressed as peak areas of DBP biotransformation products in UPLC-QTOF-
IS total ion current chromatograms relative to the parent DBP peak area recorded at the time point of DBP addition (start of the experiment), respectively. Blue and
red bers indicate relative metabolite intensities in active and PB-inhibited fungal cultures, respectively (means + standard deviations from trplicate cultures are ahways
shown). For DBP biotransformation products occurring in the form of diferent isomers (see Supplementary Table S1) only the isomer appearing with the highest relative
intensity, respectively, is shown. For fungi displaying DBP metabolites with relative intensities below one tenth of the maximum value recorded for the metabolte of
concern in any fungus, bar graphs were omitted (corresponding intensity ranges are given instead). TPs 305 and 291 (Supplementary Table S1) are not shown because
of their generally low relative intensities (below 1.0 and 0.5% in any fungus, respectively). Fungal cultures were sampled for UPLC-QTOF-IMS analysis at the beginning of
experiments (time point of DBP addition; to), after 1.5 (Ascocoryne sp., Phoma sp.) and 3.5 h (all other fung), respectively (tz), after 48 h (all tested fungi; tz), and at the

respective termination of experiment (192 h for Ascocoryne sp. and Phoma ¢

216 h for all other tested fungi) (ts).
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Fungal strain Phylogeny Habitat/ References

(phylum, characteristics

class, order)
Acephala sp. strain Ascomycota, Peatland isolate Singh et al.,
JU-A-2 (DSM Leotiomycetes, 2014
27592) Helotiales
Ascocoryne sp. Ascomycota, Marine isolate This study
strain Leotiomycetes,
1-DS-2013-S2 Helotiales
Clavariopsis Ascomycota, Aquatic Junghanns
aquatica De Wild. Sordariomycetes, hyphomycete, et al., 2008a
strain WD(A)-00-01 Microascales freshwater

isolate

Paradendryphiella Ascomycota, Marine isolate This study
arenariae (Nicot) Dothideomycetes,
Woudenberg and Pleosporales
Crous strain
1-DS-2013-S4
Phoma sp. strain Ascomycota, Freshwater Junghanns
UHH 5-1-03 (DSM Dothideomycetes, isolate et al., 2008a
22425) Pleosporales
Stachybotrys Ascomycota, Constructed Singh et al.,
chlorohalonata Sordariomycetes,  wetland isolate 2014
Andersen and Hypocreales
Trane strain
A-2008-2 (DSM
27588)
Stropharia Basidiomycota, Litter inhabiting, Singh et al.,
rugosoannulata Agaricomycetes, causes 2014
Farlow ex Murrill Agaricales white-rot decay
DSM 11372 of lignocellulose
Trichosporon Basidomycota, Peatland isolate Singh et al.,
porosum (Stautz) Tremellomycetes, 2014
Middelhoven, Trichosporonales

Scorzetti and Fell
strain JU-K-2 (DSM
27593)

Strains without a DSM accession number, which denotes deposition at the
German Collection of Microorganisms and Cell Cultures (DSMZ; Braunschweig,
are available from the strain collection of the Department
of Environmental Microbiology at the Helmholtz Centre for Environmental
Research - UFZ (Leipzig, Germany). The provided phylogenetic information
was derived from the NCBI taxonomy database (https://www.ncbi.nim.nih.gov

Germany),

/Taxonomy/Browser/wwwtax.cgi).
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Fungus and mode of rate calculation Removal rate (nmol/h/g) PB inhibition (%)

Active NaNgz-inactivated Biotransformation PB-inhibited
Ascocoryne sp.
Initial rate 5442 £ 1773 7649 + 2266 0 295 + 62 95 + 37
24 h rate 738 + 224 1071 £132 0 359 52 51417
Overall rate 70+ 9 95 +17 0 79+9 0
P. arenariae
Initial rate 5095 + 852 FNS NA 5486 + 1670 0
24 hrate 205 + 21 179 4+18 26 + 26 198 +£ 17 3+0
Overall rate 1542 1443 1448 171 0
C. aquatica
Initial rate 3050 + 445 171 £ 76 2879 + 451 280 + 106 91+ 37
24 hrate 954 + 48 317 +20 B37 152 472 + 42 5145
Overall rate 69+ 4 41+ 11 28412 76+ 4 0
Phoma sp.
Initial rate 3090 + 354 2389 + 239 701 4+ 427 2470 + 406 20+ 4
24 h rate 170 £ 19 156 + 20 14428 183 & 21 0
Overall rate 12 +1 11 +1 12 1442 0
Acephala sp.
Initial rate 4091 + 678 1790 + 387 2301 + 781 5708 + 1273 0
24 h Rate 290 + 12 356 + 18 0 314 £ 10 0
Overall rate 2842 27 k12 0 2542 0
T. porosum
Initial rate 86 + 14 FNS NA FNS NA
24 hrate 86 + 10 6246 24 + 11 90 + 11 0
Overall rate 17 +£1 7 +1 10 £1 17 +£1 0
S. chlorohalonata
Initial rate FNS FNS NA 61 £23 NA
24 h rate 105+ 23 181 17 0 81+9 2245
Overall rate 11 £1 943 243 16+ 1 0
S. rugosoannulata
Initial rate 7341 + 585 FNS NA 3624 + 616 51 +10
24 hrate 626 + 67 199 + 18 427 £ 70 572 + 94 92
Overall rate 46 +5 943 3746 47 4 0

Fungal strains were first sorted according to their origin (marine-derived, freshwater, peatland, constructed wetland, soil litter) and then in alphabetical order, in line with
Figure 2. Removal rates of DBP observed with active, PB-inhibited and NaNs-inactivated fungal cultures (controls) were always based on corresponding fungal dry
biomasses at the time point of DPB addition. The fungal dry biomasses were 2.31 + 0.26 and 1.22 + 0.05 (Ascocoryne sp.), 8.73 + 0.68 and 6.09 + 0.15 (P, arenariae),
2.71£0.13and 1.79 + 0.12 (C. aquatica), 11.24 + 1.26 and 11.17 + 0.88 (Phoma sp.), 8.81 £ 0.23 and 7.44 + 0.14 (Acephala sp.), 8.32 £ 0.38 and 6.77 + 1.94
(T. porosum), 7.22 + 0.56 and 5.19 + 0.94 (S. chlorohalonata), and 3.47 + 0.23 and 1.97 + 0.30 g/L (S. rugosoannulata) (first value always for both fully active and
PB-inhibited cultures, second value always for NaNs-inactivated cultures; values always means + standard deviations from triplicate cultures). Initial (maximal) removal
rates were calculated from exponential fits of DBP concentrations over time. Fits yielding COD values < 0.9 were considered as insufficient and initial rates were omitted
in such cases (FNS, fit not sufficient). Alternatively, removal rates were also calculated based upon the reduction of DBP concentrations over time periods of 24 (24 h rate)
and 336 h (end of the incubation period; overall rate). Removal rates attributed to biotransformation were expressed as the difference between the removal rates obtained
from active (representing biotransformation + biosorption) and NaNs-inactivated fungal cultures (representing biosorption only). PB inhibition is the relative inhibition (%)
of DBP removal in PB amended compared to fully active fungal cultures. Data represent means + standard deviations (standard errors in case of initial rates and the
thereof derived parameters) from triplicate cultures (calculated according to Gaussian error propagation rules). NA, not applicable.
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Pollutant/description Removal rate (nmol/h/g)

Initial rate 24 h Rate Overall rate
BPA
Active cultures FNR 679 + 228 47 £ 12
NaNg-inactivated FNR 917 £ 252 71 +21
cultures
Biotransformation NA 0 0
DBP
Active cultures 4367 + 1101 2828 + 478 299 + 16
NaNj3-inactivated FNR 1452 + 202 94 £+ 25
cultures
Biotransformation NA 1376 £ 519 205 £+ 30
DEP
Active cultures FNS 1638 + 358 232 + 28
NaNjs-inactivated FNS 690 + 512 67 +£28
cultures
Biotransformation NA 948 + 629 165 + 40

Removal rates of BPA, DBR and DEP observed with active and NaN3-inactivated
Ascocoryne sp. cultures (controls) were always based on corresponding fungal
dry biomasses at the time point of addition of pollutant mixtures. The fungal dry
biomasses were 0.69 £ 0.02 and 0.46 + 0.05 g/L for active and NaN3z-inactivated
cultures, respectively (values always means + standard deviations from triplicate
cultures). Initial (maximal) removal rates were calculated from exponential fits of
micropollutant concentrations over time. Fits yielding COD values < 0.9 were
considered as insufficient and initial rates were omitted in such cases (FNS, fit
not sufficient). Also, formally successful fits yielding unrealistic removal rates due to
initial sharp decreases in micropollutant concentrations and resulting steep curve
cuts by the related bottom asymptotes were not considered (FNR, fit not realis-
tic). Alternatively, removal rates were also calculated based upon the reduction
of micropollutant concentrations over time periods of 24 (24 h rate) and 312 h
(end of the incubation period; overall rate). Removal rates attributed to biotrans-
formation were expressed as the difference between removal rates obtained
from active (representing biotransformation + biosorption) and NaNs-inactivated
fungal cultures (representing biosorption only). Data represent means =+ standard
deviations (standard errors in case of initial rates and the thereof derived share of
biotransformation) from triplicate cultures (calculated according to Gaussian error
propagation rules). NA, not applicable.
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Pollutant,
cultivation variant
and share of
biotransforma-

Removal rate (nmol/h/g)

tion Initial rate 24 h Rate Overall rate
BPA

Active cultures FNS 168 + 48 62 + 10
NaN3z-inactivated FNS 37 £ 52 6+4
cultures

Biotransformation NA 131 £ 71 56 + 11
DBP

Active cultures 1145 £ 260 572 £ 64 69+ 4
NaN3z-inactivated 2279 + 474 401 £ 98 29+ 10
cultures

Biotransformation 0 171 £ 117 40 + 11
DEP

Active cultures 2198 + 680 1088 70 8248
NaN3z-inactivated FNS 21 +121 4+9
cultures

Biotransformation NA 1038 + 140 78 £ 10

Removal rates of BPA, DBR and DEP observed with active and NaN3-inactivated
P, arenariae cultures (controls) were always based on corresponding fungal dry
biomasses at the time point of addition of pollutant mixtures. The fungal dry
biomasses were 3.13 £ 0.17 and 2.78 + 0.13 g/L for active and NaN3z-inactivated
cultures, respectively (values always means + standard deviations from triplicate
cultures). For further explanations please refer to Table 3.
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Strain Genotype References

AW N =

KT2440 wildtype Cured, restriction-deficient derivative of P. putida mt-2 Bagdasarian et al., 1981
B10.1 KT2440 ALE in BDO, single strain A6 This work
B10.2 KT2440 ALE in BDO, single strain C2 This work
KT2440 APP_2046 APP_2046 in KT2440 This work
B10.1 APP_2046 APP_2046 in B10.1 This work
B10.2 APP_2046 APP_2046 in B10.2 This work
KT2440 APP_2046:14g APP_2046:14g in KT2440 This work
B10.1 APP_2046:14g APP_2046:14g in B10.1 This work
B10.2 APP_2046:14g APP_2046:14g in B10.2 This work
KT2440 Aped ApedE-1 in KT2440 Lietal., 2019
KT2440 ApedE ApedE in KT2440 This work
KT2440 ApedH ApedH in KT2440 This work
KT2440 Apedl Aped! in KT2440 This work
KT2440 APP_2047-2051 knockout PP_2047-51 in KT2440 This work
B10.A APP_2047-2051 knockout PP_2047-51 in B10.A This work
B10.B APP_2047-2051 knockout PP_2047-51in B10.B This work
KT2440 APP_2049 APP_2049 in KT2440 This work
B10.1 APP_2049 APP_2049 in B10.1 This work
B10.2 APP_2049 APP_2049 in B10.2 This work
KT2440 APP_2051 APP_2051 in KT2440 This work
B10.1 APP_2051 APP_2051 in B10.1 This work
B102 APP_2051 APP_2051 in B10.2 This work
KT2440 APP_0411-13 APP_0411-13 This work
B10.1 APP_0411-13 APP_0411-13 This work
B10.2 APP_0411-13 APP_0411-13 This work
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A ~_-OH A oxidoreductase @ 3-hydroxyacyl-CoA dehydrogenase
PP 0056 (BetAl)  °

PP_2674 (PedE) 1,4-butanediol Y CoA ligase / transferase B enoyl-CoA hydratase
PP_2679 (PedH) acyl-CoA dehydrogenase acetyl-CoA C-acetyltransferase
PP_2049 A l y yeree + acety v
PP_3073 (HbdH)
e
PP_2680 (Pedl) 4-hydroxybutyraldehyde PP_2351 (PrpE)
PP_3621 (LorA-Il) PP_3122 (AtoA) PP_1893 (FadE) PP_1412
PP_3622 A PP_3123 (AtoB) PP_2047 PP_3491

PP_3623 (AdhB)

O * 0 0 ] OH O
PP_5258 (AmaB) HOM _ X o Ho v \/\)k Ho\)\)L
OH SCoA HO X SCoA SCoA

4-hydroxybutyate 4-hydroxybutyryl-CoA 4-hydroxycrotonyl-CoA 3,4-hydroxybutyryl-CoA
PP_2049 ® PP_2048
PP_2426 (CalA) A?l @& ?l l PP_3755 (Hbd)
PP_4666 (MmsB) O Q o 0
X OH SCoA PP 2048 SCoA
succinate semialdehyde succinyl-CoA semialdehyde PP_3755 (Hbd) 4-hydroxy-3-keto-butyryl-CoA
PP_0213 (GabD-I) 4 PP_2051
PP_3151 (Sad-II) A ?l @ ?l PP_3754 (BktB)
PP_4667 (MmsA-Il) 0 O S 5 PP_4636 (YgeF)
o |
0] e HO\)\
- OH SCoA SCoA H3CJ\SCoA
OH OH
succinate succinyl-CoA glycolyl-CoA acetyl-CoA
1,4-butanediol glucose 1,4-butanediol glucose 1,4-butanediol glucose
wt B10.1 B10.2 wt | B10.1 B10.2 wt ‘ B10.1 B10.2|| wt |B10.1 B10.2 wi B10.1 B10.2|| wt |B10.1 B10.2
A oxidoreductases A oxidoreductases acyl-CoA-dehydrogenases

PP_0056 4,1x10% | 1,3x100%  4,8x1008 PP_3073 5,2x1008 PP_0370 - nd.
PP_DD57* 2,1:(1009 2’0x1m9 5}5,(1078 PP_3151 4,2)‘10)7 2,8)(1@8 3,611@7 PP_1893 1,2x10°9 5,4)(1005 7,2)(100'8 (LUK ‘"7“'7 3
PP_0072 1,8x1000 | 2,5x100°  1,1x100° 1,5x10%°  6,9x10°% PP_3547 3,9%1008  3,1x100% 1x1008 PP_2048 2,7x10% | 7,4x10%  7,4x10% Sl
PP 0213 8,7x10%% | 8,9x100° 3,7x100°  3,4x1002 PP_3602 2,1x100%  2,3x100° PP_3492 ERERENET, SIS o 0E ) 3. 7x10% SSK IO
PP 0214 raaoe B - PP 3621 6,3x10% PP 3638 2,7x10°8 | 5,1x10%5  3,2x1008
PP 0545 3,7x10% | 6,8x100  5,2x1000 PP 3622 2,2x10% PP_od =l
PP_0592 5,1x1008 | 3,8x100%  1,9x1008 Ax1008 PP_3623* Frtred
PP_1481 7,4x1005 | 7,2x1005  4,8x1008 || 1,2x1005 1,2x: PP_3720 I-CoA hvdrat
enoyl-Co ratases
PP_1720 3,4x10% | 3,5x10%  3,4x100% || 1,8x1008 | 2,3x1008 PP 3839 2,2x108|  2,0x1008 op :412 :
5 | 2,1x1008
PP_1816 3,1x10% | 2,3x1008  2,0x100% || 1,6x1008 PP_4666 ' ofl 1,4x1005| 7,1x1008  1,1x100% -
PP 2217 1,1x10% 1,6x100° 7,7x10%  6,8x1008
PP_2049 7,6x1008 | 1,7x100°  2,0x100° 2,1x1008 PP_4667 1,0x1010 4l 2,9%x100%| 8,6x1008
PP 3491 8,0x1008|  4,7x1008 9,1x100%  1,3x1008
PP_2426 1,8x100¢ | 2,7x100% PP_4760 2,0x10°5|  2,3x1098 x1
3
PP_2673 PP_5192 ZILTE R 3-hydroxyacyl-CoA dehydrogenases
PP_2674 PEa2iD PP_2047 9,8x10%8 2,6x10%  3,4x1
PP_2675* 3,7x1002 PP_5258 4,3x1008 PP 2214
PP 2676 * 1,8x10° | 6,7x100 2,8x1008  5,3x1006 * CoA-ligase / transferase pp_3755
PP 2677 * 1,5x100% | 5,9x1008 2,6x1008  4,7x1008 PP_0582
PP_2678* 1,5x10° | 6,0x1008 1,8x10°%  4,1x1008 PP_0763 acetyl-CoA C-acetyltransferase
PP 2679 PP_2213 PP_0582 1,9%108
PP_2680 PP_2351 PP_2051 2,3x10%  4,8x100°
PP 2682 PP_3071 | 1 PP_2215 3,5x10%|  2,7x1008
PP 3122 1,4x100 1,6x1000 2,7x10° 2, ' PP 3754 1,2x10%¢  1,2x10% 2,0x1008
PP 3123 1,1x102| 1,7x10%°  2,8x10° PP_4636 3,3x10% 2,8x1008
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Phylum
Class

Basidomycota

Temellomycetes
Ascomycota

Sorda

mycetes

Glomeromycetes

Stropharia rugosoannulata
Trichsporon porosum
Paradendryphiella arenariae
Phoma sp.
Ascocoryne sp.
Acephala sp.

Clavariopsis aquatica

Stachybotrys chlorohalonata
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Name

S171A

D217A

H249A

G2548

S256N

1257S

Y258N

N259Q

ext.loop

Y2508

Q294A

1219Y

Sequence (5'->3)

GGCGTCATTGGCTGGGCGATGGGCGGTGGCGGC
GCCGCCACCGCCCATCGCCCAGCCAATGACGCC
CTTTGCCTGTGAGTCGGCGGTGATCGCGCCGGTC
GACCGGCGCGATCACCGCCGACTCACAGGCAAAG
CAATGGTGGCAGCGCGTACTGCGGTAATGGC
GCCATTACCGCAGTACGCGCTGCCACCATTG
CACTACTGCGGTAATAGCGGCAGCATCTACAAC
GTTGTAGATGCTGCCGCTATTACCGCAGTAGTG
GCGGTAATGGCGGCAACATCTACAACGATGTG
CACATCGTTGTAGATGTTGCCGCCATTACCGC
GGTAATGGCGGCAGCAGCTACAACGATGTGCTG
CAGCACATCGTTGTAGCTGCTGCCGCCATTACC
GTAATGGCGGCAGCATCAACAACGATGTGCTGAGC
GCTCAGCACATCGTTGTTGATGCTGCCGCCATTAC
GGCGGCAGCATCTACCAGGATGTGCTGAGCCGG
CCGGCTCAGCACATCCTGGTAGATGCTGCCGCC
GCAGCCACTACTGCGGTAATTCGGGCAACTCGAATCAGGATG
CCGAACCGGCTCAGCACATCCTGATTCGAGTTGCCCGAATTAC
AATGGTGGCAGCCACTCCTGCGGTAATGGCGGC
GCCGCCATTACCGCAGGAGTGGCTGCCACCATT
CACACTTCCGACTCTGCCATCTCCGATTATCGC
GCGATAATCGGAGATGGCAGAGTCGGAAGTGTG
GTGAGTCGGATGTGTACGCGCCGGTCCTCCAG
CTGGAGGACCGGCGCGTACACATCCGACTCACA
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Family Genus.

Micromonosporaceae  Micromonospora

Pseudonocardiaceae  Amycolatopsis

‘Saccharothrix

Kibdelosporangium

Pseudonocardia

Streptoalioteichus

Streptomycetaceae Streptomyces

Streptosporangiaceae  Thermopolyspora

Nonomuraea

Thermomonosporacese  Thermomonospora

Actinomadura

*Obtained from JCM {Japan Collection of Microorganisms):

Species/strain

Micromonaspora
echinospora 812-1
Micromonospora
virditaciens B7-3
Amycolatopsis sp.
HT-32

Amycolatopsis
3118

Amycolatopsis sp.
KFs-9
Amycolatopsis
mediterranei ATCC
27649
Amycolatopsis sp.
a

Amycolatopsis sp.
K104-1
Amycolatopsis
orientalss ssp.
orientalis
Amycolatopsis
thailandensis
CMU-PLAOTT
Amycolatopsis
oliiviils
SCMMK2-4
Saccharothrix
(Lentzea)
waywayandensis
Kibdelosporangium
aridum

Pseudonocardia
ahi AS4.15317

Pseudonocardia
sp. RM423.
Streptoaloteichus
.

Streptomyces sp.
APL3

Streptomyces sp.
KKU215

Thermopolyspora

Thermopolyspora
flexuosa FTPLA

Nonomuraea
teminata L44-1
Nonomuraea
fasticiosa T9-1
Thermomonospora.

Thermobifida alba
AHK119.

Actinomadura
Keratiniytica T16-1

Actinomadura sp.
T

‘Sample sources

Soi
Soi

Sol form paddy
fields, weed fields,
roadsides, and
dumping grounds

Not specified

Not specified

Not specified

Not specified

Sail

“IFO 12362

Natural park soi

Agricultural soils.

*JoM9114

*JoM 7912

Chinese culture:
colection

Kasetsart
University, Thailand
*JCM and **IFO

Compost solls

Botanical garden
sol

Compost

Compost

Compost

Compost

Soil

Compost sols

Isolation medium

Emuisified PLA
agar
Emuisified PLA
agar

0.1% (wh)
emuisified PLA

Basal medium

PLLA emulsified
and sik plates

Emulsified PLA

0.1% emulsified

Basal medium with
PLAfim

Emulsified PLA
agar

Basal medium with
0.1% (wh) gelatin
and 50 mg PLA
fims

Emuisified-PLA

Emuisified-PLA and
sik fibroin agar

Emulsified PLA
agar
Emulsified PLA
agar

Mineral agar media
with PLA
suspension
Emulsified PLA
agar

Emulsified PLA

Emuisified PLA
agar
Emulsified PLA
agar

Obtained from IFO (Institute for Fermentation, Osaka).

Isolation method

Plate count and
clear zone.
Plate count and
clear zone.
Plate count and
cloar zone

Plate count and
clear zone

Plate count and
clear zone

Plate count and
clear zore.

Plate count and
dloar zone

Plate count and
clear zone

Plate count and
clear zone

Clear zone.

Plate count and
clear zone

Plate count and
clear zone
Plate count and
dlear zone

Molecular
technique

Plate count and
TGGE method

Plate count and
clear zone.
Plate count and
dlear zone
Molecular
technique

Plate count and
clear zone
Plate count and
clear zone.

Degradation
detection method

Turbicity method
Turbidity method

Fiim-weight loss;
monomer
production

Fim-weight loss;
monomer
production

Clear zone method

Film-weight loss;
monomer
production
Turbidity method

Fiim-weight loss

Turbidity method

Fim-weight loss;
monomer
production
Fim-weight loss;
monomer
production
Fim-weight loss;
menomer
production

Fim-weight loss;
COp content
Total organic

carbon (TOC);
resicual fims in the
culture broth

PLA-packaging
weight loss and
surface change

Turbidity method

Turbidity method

Turbidity method

Enzyme type

Protease

Protease

Protease

Protease

Serine protease

Serine protease

Protease,
esterase and

lipase
Protease

Protease

Serine
hydrolase

Cutinase

Serine protease

Serine
hydrolase
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Species/Strains Accession number Genome size (bp) Contigs No. of coding sequences tRNAs G + C content (%)

Amycolatopsis alba DSM 442627 KB913032 9,811,274 1 9228 62 68.7
Amycolatopsis balhimycina DSM 445917 AJ508239 10,858,503 1 10190 65 70.8
Amycolatopsis japonica MG417-CF17 CP008953 8,961,318 1 8532 67 68.9
Amycolatopsis mediterranei U32 CP002000 10,236,715 1 9946 63 71.3
Amycolatopsis orientalis B-37 CPCC200066 9,490,992 1 8647 62 68.8
Amycolatopsis thailandensis JOM 163807 NZ_NMQT00000000.1 9,348,263 421 8990 67 68.8

Amycolatopsis tolypomycina DSM 445447 NZ_FNSO00000000 10,363,431 4 9780 64 7
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MAG

Madre1
Madre2
Madre3
Madred
Madre5
Madre6

Completeness (%)

92.60
97.40
98.13
54.63
76.65
72.41

Contamination (%)

1.80
226
2.20
0.00
226
1.72

Quality

83.60
86.10
87.13
5463
65.35
6381

Genome size (Mbp)

3585
561
4.40
1.50
277
277

'MAGS with a quality score (% completeness — 5 x % contamination) greater than 50 were considered high quality.

Contigs

434
410
330
389
339
201

Gc%

59.8
505
46.9
50.0
39.7
411

Taxonomy

Desulfovibrio
Desulfobacteraceae
Desutobulbaceae
Spirochastaceae
Gammaproteobacteria
Gammaproteobacteria
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ClusterID Genome  Num  Contig “Completeness  PRelative Novelty ~ GC Identification Genes. Proteins

Size(bp) ~ Contigs NSO (%) Abundance (%)  Score (%) (%) assigned  assigned
1 4275656 282 51,004 894 577 16 67.8  Paracoccussp. 4,225 4073
BP8

2 2157639 388 7,081 956 a7 987 473 Chyseobacterium 2,253 2,185
sp. BPB.2

3 5478545 1008 6493 95 125 92 481  Parapedobacter 5310 5173
p.BPB.3

4 2790120 158 39,967 o7.7 36 940 713 CMicrobacteriaceae 2,850 2705

bacterium BP8.4
5 2916513 1146 2823 710 225 25 584  Ochrobactum 3472 3,162
intermedium BPB.5

2Completeness was caloulated based on 40 single copy gene markers (Parks et l,, 2015). All the genomes’ drats have at least 18 tRNAS and, except for cluster 5, at
least one rDNA gene copy. ®Relative abundance was normalized according to the reads distribution along the deconvoluted taxon. ©For Microbacteriaceae bacterium
BP8.4 no further classification was possible even that nine single-copy markers were analyzed.
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Culture time Mn Mw PDI
(days) (g/mol) (g/mol)

Non-inoculated 101,896 + 8,098 208,490 + 7,600 2.0+0.3
5 96,798 £ 712 210, 837 £ 26, 098 22+0.1
10 89,258 + 5, 825 223,581 + 18,736 25+0.3
15 82,577 £ 1,168 229,372 + 26,416 274+03
20 73,406 + 9, 225 187,925 + 50, 737 24+03
25 65,609 + 990 169,925 + 5,080 2.6+0.2

Number-average molecular weight (Mn), weight-average molecular weight (Mw)
and polydispersity index (PDI) were calculated by Gel permeation chromatog-
raphy with monodisperse polystyrene calibration standards and using THF as

eluent. n = 3.
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