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Editorial on the Research Topic
 Forces in Biology - Cell and Developmental Mechanobiology and Its Implications in Disease



Mechanobiology despite widely regarded as an emerging discipline, its concept, is proposed more than a hundred years ago by mathematical biologist D'Arcy Wentworth Thompson. In his 1917's book On Growth and Form (Thompson, 1992), life forms were envisioned to reflect physics and mathematical principles. Since then mechanobiologists endeavored to transform cell and developmental biology into a field of quantitative science and technology, accelerated by the development and application of new approaches including virtual power theory (Putra et al.) and random positioning machines (Bradbury et al.).

In the past three decades, the authoritative concept that “phenotype can dominate over genotype” (Nelson and Bissell, 2006) by Mina Bissell and others have further underscored the overarching role of tissue and cellular mechanisms in health and disease. Indeed, an increase of matrix stiffness can promote tissue transformation through abnormal mitosis and signaling from adhesion receptors (Butcher et al., 2009; Knouse et al., 2018). Nevertheless, the quantitative nature of sequence analysis in the field of genomics have almost realized the promise of personalized medicine. In this post-genomic era, we envision that cell, developmental mechanobiology and its pathogenesis could, in principle, drive a new form of personalized medicine; that would emerge from the quantitative description of molecular, cell, and tissue dynamics (Putra et al.). In this issue, we highlight recent developments in six chapters: namely (1) stem cells mechanobiology, (2) bone biomechanics & cellular physiology, (3) Rho GTPases signaling, (4) cardiovascular mechanobiology, (5) mechanobiology of the brain, and (6) molecular mechanisms of mechanobiology.


CHAPTER 1: STEM CELLS MECHANOBIOLOGY

Stem cells and their local microenvironment communicate via mechanical cues to regulate gene expression that influence developmental processes. Domingues et al. showed that Cofilin-1 is a mechanosensitive regulator of transcription in human umbilical cord mesenchymal stem/stromal cells. Cofilin-1 activity is regulated by substrate stiffness and activated cofilin-1 promoted transcription in human umbilical cord mesenchymal stem/stromal cells (Domingues et al.).

With regards to stem cell-based treatment, pluripotent stem cells can revolutionize regenerative medicine as they have the potential to form organs. However, the scaling up of pluripotent stem cells expansion is required to achieve the goal of therapeutic use. Chan et al. reviewed recent advances in pluripotent stem cell expansion focusing on in vitro design of two-dimensional surface modification and three-dimensional encapsulation, which can provide the mechanical cues required for the expansion of pluripotent stem cells.

Besides regenerative medicine, the integration of big data obtained from mechanobiology and stem cell studies remains a challenge. To that end Putra et al. summarize various approaches, including a perfusion chamber platform, to analyse biomechanics. They proposed the study of mechanobiology at the “omics” level, thus termed mechanomics. To integrate “omics” data, various computational modeling approaches are applied for the mapping of the mechanome of biological systems including stem cells, bones and tissues (Putra et al.).



CHAPTER 2: BONE BIOMECHANICS AND CELLULAR PHYSIOLOGY

The osteochondral interface between the bone and cartilage facilitates signaling crosstalk and nutritional molecules exchange, thus enabling an integrated response to mechanical stimuli. Oliveira Silva et al. describe the molecular interactions and transport in the osteochondral interface and discuss the potential of using contrast agents for studying molecular transport and structural changes of the joint.

Cellular physiology and our bones are profoundly influenced by gravitational forces. Bradbury et al. reviewed the impact of simulated microgravity on the cytoskeleton, extracellular matrix synthesis and bone cell signaling.



CHAPTER 3: RHO GTPASES SIGNALING

GTPase signaling is an important aspect of mechanobiology. In particular, RhoGTPases are canonical upstream regulators of actomyosin structure and function controlling cellular mechanics (Wu and Priya). Feedback signaling pathways are found to complete the RhoGTPases signaling loop. Myosin II controls RhoGTPases signaling through multiple mechanisms, namely contractility driven advection (Moore et al., 2014), scaffolding (Priya et al., 2015), and sequestration of signaling molecules. Wu and Priya discuss these mechanisms by which myosin II regulates RhoGTPase signaling in cell adhesion, migration, and tissue morphogenesis.

The genetic regulation of Rho GTPases may also play an important role in pathology such as recurrent miscarriage. The small G-protein Rnd3 (or RhoE) is implicated as a therapeutic target in recurrent miscarriage. Ma et al. suggest that the upregulation of Rnd3 by forkhead box D3 (FOXD3), a key transcription factor that binds to the RND3 core promoter region, regulated trophoblast migration and proliferation via the RhoA-ROCK1 signaling pathway and inhibits apoptosis via ERK1/2 signaling.



CHAPTER 4: CARDIOVASCULAR MECHANOBIOLOGY

Forces emerge from and act on the cardiovascular system during development and from the heart pumping of blood flow. Simpson et al. reviewed the role of biomechanical stress-induced translational control in the heart and vascular cells. Several specific areas were reviewed including protein translation regulation by mechanical stimuli, mTOR signaling, endoplasmic reticulum stress, atherosclerosis, and cardiac hypertrophy.

Next, Gaetani et al. reviewed a combination of theoretical models of cell and tissue mechanics and experimental findings. Tissue engineering and induced pluripotent stem cell (iPSC) technologies were then discussed as potential personalized medicine strategies to treat heart failure.



CHAPTER 5: MECHANOBIOLOGY OF THE BRAIN

Besides the cardiovascular system, the neuronal system is another exciting area covered in this issue including cell interactions and migration of neurons. Veeraval et al. reviewed the role of adherens junctions in cortical brain development. The reciprocal interactions between adherens junctions and the epithelial polarity complexes that promote glial apicobasal polarity are highlighted. Several key processes of cortical brain development are integrated including asymmetric cell division, with a focus on the mechanisms that integrate adherens junctions and the actin cytoskeleton (Wu and Yap, 2013; Wu et al., 2014). Processes underlying cortical malformations are also discussed.

In the brain, neuronal migration is a critical step during the formation of functional neural circuits. Nakazawa and Kengaku reviewed the synergistic role of actomyosin microfilaments and microtubule motor proteins, in generating mechanical forces to translocate the nuclei of newborn neurons through confined space. In addition, the authors concluded that the mechanical properties of the nucleus and surrounding tissues not only contribute to force transmission but also present a physical barrier to nuclear translocation.



CHAPTER 6: MOLECULAR MECHANISMS OF MECHANOBIOLOGY

Following up on cytoskeletal force exertion on the nucleus. Terriac et al. describe and measure the turnover of vimentin intermediate filament rings that deform the nucleus during cell spreading in cells. Indeed, force exertion on nucleus can often lead to transcriptional changes. Accordingly, Martinez et al. highlighted the regulation of Yap/Taz nuclear translocation, transcription and mechanotransduction with the use of atomic force microscopy.

Lastly, with a focus on the epithelium of mammary gland, pancreas, and urinary system. Stewart and Davis review the role of the mechanosensitive ion channel PIEZO1 in the development, function, and dysfunction of epithelia.

In this issue, we presented a broad spectrum of work from fundamental cell biology to articles at the interface of development and disease. We believe that this issue will be of interest to students and researchers studying the molecular and cellular mechanisms in development and diseases, enabling them to appreciate how clearer understanding of these mechanisms can inspire therapeutics and diagnostics.
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The mechanical properties of the extracellular environment are interrogated by cells and integrated through mechanotransduction. Many cellular processes depend on actomyosin-dependent contractility, which is influenced by the microenvironment’s stiffness. Here, we explored the influence of substrate stiffness on the proteome of proliferating undifferentiated human umbilical cord-matrix mesenchymal stem/stromal cells. The relative abundance of several proteins changed significantly by expanding cells on soft (∼3 kPa) or stiff substrates (GPa). Many such proteins are associated with the regulation of the actin cytoskeleton, a major player of mechanotransduction and cell physiology in response to mechanical cues. Specifically, Cofilin-1 levels were elevated in cells cultured on soft comparing with stiff substrates. Furthermore, Cofilin-1 was de-phosphorylated (active) and present in the nuclei of cells kept on soft substrates, in contrast with phosphorylated (inactive) and widespread distribution in cells on stiff. Soft substrates promoted Cofilin-1-dependent increased RNA transcription and faster RNA polymerase II-mediated transcription elongation. Cofilin-1 is part of a novel mechanism linking mechanotransduction and transcription.

Keywords: mechanotransduction, Cofilin-1, cytoskeleton, transcription, hUCM-MSCs, proteomics


INTRODUCTION

Cells sense and respond to the mechanical properties of the extracellular environment. Specifically, mechanotransduction originated at the cell-extracellular matrix (ECM) interface (or cell-substrate interface in case of in vitro cell culture) initiates at the focal adhesions (FAs). FAs encompass several proteins like integrins (transmembrane receptors that bind to EMC proteins, constituting anchoring points of adherent cells), adapter proteins like talin and vinculin (bridging integrins with the actin cytoskeleton), as well as signalling proteins like focal adhesion kinase (FAK) (reviewed in Vining and Mooney, 2017). Upon activation of integrins, these proteins interact with each other, leading to the formation of FAs and subsequent recruitment of the actin cytoskeleton (Humphries et al., 2007; Thievessen et al., 2013). The formation of FAs leads to the activation of a wide range of signalling pathways, several of which converge on and activate RhoA, a member of the Rho GTPase family (Lessey et al., 2012). In turn, active RhoA engages its downstream effector Rho-associated protein kinase (ROCK), and subsequently, the motor protein non-muscle myosin-II (NMM-II) (Marjoram et al., 2014; Burridge et al., 2019). Activation of NMM-II leads to the contraction of actin stress fibres, constituted by crosslinked anti-parallel filamentous (F)-actin bundles, resulting in the build-up of intracellular tension. Hence, intracellular tension occurs as the result of the contractile forces generated by actomyosin spanning from the plasma membrane (at FAs) to the nucleus (through the linker of nucleoskeleton and cytoskeleton — LINC — complex) (Jaalouk and Lammerding, 2009; Burridge and Guilluy, 2016), which dictates to a great extent the mechanical properties of the cell. If the stiffness of the extracellular matrix (or substrate if in vitro) is high, the reinforcement of FAs occurs, resulting in increased intracellular contractility and mechanical stress exerted on the ECM and the nucleus (Moore et al., 2010; Klapholz and Brown, 2017). Hence, cells probe the ECM by exerting forces (intrinsic forces), subsequently responding according to the mechanical properties of the environment. Likewise, cells also sense and respond to forces originating on the ECM/substrate (extrinsic forces). The intrinsic or extrinsic forces occurring as the result of actomyosin contractility as a function of ECM/substrate stiffness, or other mechanical cues provided by the microenvironment influence many aspects of cell biology, including proliferation, differentiation and gene expression (Sun et al., 2012; Discher et al., 2017; Kumar et al., 2017; Uhler and Shivashankar, 2017; Vining and Mooney, 2017).

Another consequence of the activation of RhoA and ROCK is the stabilisation of F-actin by a mechanism involving LIM Kinase 1 (LIMK1), which in turn phosphorylates and inhibits Cofilin-1 (Yang et al., 1998; Maekawa et al., 1999; Mizuno, 2013; Prunier et al., 2017). Cofilin-1 is an essential actin-regulating protein, promoting the severing of actin filaments and disassembly of F-actin into globular actin (G-actin), playing a central role in actin cytoskeleton dynamics (Bamburg and Bernstein, 2010; Ohashi, 2015). Interestingly, both RhoA and ROCK activity and F-actin/G-actin ratio increase with substrate stiffness (Engler et al., 2006; Fu et al., 2010; Trichet et al., 2012; Gupta et al., 2015; Gerardo et al., 2019). The activity and subcellular localisation of Cofilin-1 depend on the phosphorylation state of its Ser3, a target of LIMK1. Phosphorylated Cofilin-1 is inactive and remains in the cytosol, while the non-phosphorylated form is active and able to severe and depolymerise F-actin (Nebl et al., 1996; Yang et al., 1998), adopting a subsequent nuclear localisation (Munsie et al., 2012). Other important cellular functions have been described for Cofilin-1. It is required for the nuclear transport of G-actin (through a mechanism mediated by importin 9) (Dopie et al., 2012; Percipalle, 2013) and together promote transcription elongation mediated by RNA polymerase II (Obrdlik and Percipalle, 2011). More recently, Cofilin-1 was identified as an essential protein for normal nuclear structure and function in distinct cell types (Wiggan et al., 2017).

In this study, we sought to explore how the proteome of human mesenchymal stem/stromal cells obtained from the umbilical cord matrix (hUCM-MSCs) is regulated when cells are cultured on substrates with distinct stiffness. There are two reasons for using this cellular model. First, MSCs are highly mechanosensitive and have been used extensively for studies in the field of mechanobiology (Engler et al., 2006; Fu et al., 2010; Yang et al., 2014; Gerardo et al., 2019). Second, MSCs are very promising for clinical applications, but require extensive in vitro expansion before being used. It is known that in vitro expansion of MSCs using standard cell-culture conditions leads to the loss of cell potency (Hoch and Leach, 2014; Müller et al., 2015; Galipeau et al., 2016). Increasing evidence suggests that the high stiffness of substrates typically used in standard cell culture conditions (like for example tissue culture polystyrene — TCPS —, with Young’s modulus in the GPa range), several orders of magnitude higher than the natural cellular microenvironment, contributes significantly to such loss (Lee et al., 2014; Yang et al., 2014; Kusuma et al., 2017). Interestingly, a recent report indicates that the proliferative and differentiation potential of MSCs (at least toward the adipogenic lineage) is prolonged and senescence is delayed when cells are extensively cultured on a polyacrylamide 5 kPa substrate in comparison with stiff TCPS, while maintaining typical MSC surface markers (Kureel et al., 2019). Although in a distinct context, our studies also indicate that MSC stemness is favoured by soft substrates (Gerardo et al., 2019).

MSCs are a heterogeneous population of stromal cells, including multipotent adult stem cells, that can be isolated from vascularised tissues like bone marrow, adipose tissue and umbilical cord (Wagner et al., 2005). MSCs possess well-known cell-surface markers (positive expression of CD105, CD90, CD73 and negative expression of haematopoietic markers like CD34, CD45, HLA-DR, CD14 or CD11B, CD79α or CD19) and can differentiate in vitro into osteoblasts, chondroblasts and adipocytes (Pittenger et al., 1999; Dominici et al., 2006). MSCs can migrate in vivo to damaged tissues in response to cytokines/chemokines, growth-factors or adhesion molecules and therein provide potent immunomodulatory and regenerative responses (Kim and Cho, 2013). Also, MSCs have been extensively used for cell-based therapies in clinical trials (Squillaro et al., 2016). Furthermore, it was recently reported that MSCs retain mechanical information from their past physical extracellular environment, developing mechanical memory that is dependent on the time in culture, or mechanical dosing. This has significant implications in stem cell function and differentiation (Yang et al., 2014; Peng et al., 2017), reinforcing the need to develop new strategies for stem cell maintenance and expansion in vitro. Currently, a variety of substrates that mimic distinct aspects of the ECM are available for cell culture, providing cell adhesion and mechanical support (Green and Elisseeff, 2016). The influence of mechanical and biochemical properties of such ECM-like substrates for the differentiation of MSCs into distinct lineages has been studied for a decade now (Engler et al., 2006; Fu et al., 2010). However, the effect of biophysical elements on proliferating undifferentiated MSCs is largely unknown and remains to be studied employing biologically relevant and comprehensive approaches.

This study presents a comparative and quantitative proteomics analysis of hUCM-MSCs cultured on stiff TCPS and soft polydimethylsiloxane (PDMS) substrates, which allowed the identification and characterisation of Cofilin-1 as a mechanosensitive protein involved in the regulation of transcription in response to substrate stiffness. To our knowledge, this is the first report of a quantitative and comprehensive characterisation of the MSC proteome in the mechanobiology field, with an expected impact on future studies evaluating MSCs’ therapeutic effectiveness and clinical value. The link between mechanotransduction, Cofilin-1 and transcription is also novel, which will open a new research avenue regarding the regulation of gene expression upon modulation by mechanical factors.



MATERIALS AND METHODS


Cell Culture

Human umbilical cords were obtained after birth from healthy donors upon informed consent from the parent(s) and the study was approved by the Ethics Committee of the Faculty of Medicine, University of Coimbra, Portugal (ref. CE-075/2019). All methods were carried out in accordance with national and European guidelines and regulations. MSCs were isolated from cryopreserved fragments of human umbilical cord matrix (UCM) as described (Leite et al., 2014) with some modifications, as indicated. Briefly, cryopreserved fragments from human UCM were thawed at 37°C and washed with Alpha-MEM medium supplemented with 100 U/ml of Penicillin, 10 μg/ml Streptomycin and 2.5 μg/ml Amphotericin B (all from Life Technologies). Groups of 30 fragments were transferred to 21 cm2 TCPS (Corning Costar) and left to dry for 30 min. Then, the proliferation medium [Alpha-MEM with 10% (v/v) MSC-qualified foetal bovine serum (FBS) (Hyclone, GE Healthcare) and antibiotics (as above)] was added to the culture plates until the fragments were immersed. Plates were incubated at 37°C with 5% CO2/95% air and 90% humidity until the formation of well-defined MSC colonies was observed by phase-contrast microscopy. Next, fragments were removed, and adherent cells were detached using Trypsin (500 μg/ml)-EDTA (200 μg/ml) solution (Life Technologies) and re-seeded on a new plate (passage 1 – P1) in order to homogenise the culture. hUCM-MSCs were expanded in TCPS until P1 and then seeded and maintained on the distinct cell culture substrates between P2 and P4. For proliferation kinetics experiments, cells were passaged until P6.

The human foetal lung fibroblast cell line (MRC-5) (Steurer et al., 2018) was cultured in DMEM/F12 with 10% (v/v) FBS (both from Life Technologies) and antibiotics (as above).



Flow Cytometry

Immunophenotypic characterisation of hUCM-MSCs was performed at P4 for four independent samples. Cells were dissociated using Accutase (LifeTechnologies) and then stained with the monoclonal antibodies (mAbs) for surface antigens during 30 min in the dark, at room temperature (RT). The mAb panel used for the characterisation of hUCM-MSCs is detailed in Supplementary Table S1. For all mAbs, we used the concentration recommended by the manufacturer. Then, cells were washed and resuspended in PBS, and immediately acquired in a FACSCantoTMII (BD) flow cytometer equipped with the FACSDiva software (v6.1.2; BD). Data analysis was performed using the Infinicyt software (version 1.7; Cytognos SL, Salamanca, Spain).



Proliferation Kinetics

hUCM-MSCs were cultured on TCPS and 40:1 PDMS at 3,000 cell/cm2 from P2 to P6. Cells were counted once they reached 80% confluence at each passage and the following parameters were calculated (Leite et al., 2014): total numbers of cells, population doubling, cumulative population doubling and generation time. Total numbers of cells was calculated using the formula TNC = NH×B/NI, in which NH represents the number of cells harvested at the end of each passage, B represents the total number of cells from the previous passage and NIthe number of cells plated in each passage. Population doubling rate was calculated using the equation NH/NI = 2PD or PD = [log10⁡(NH)−log10⁡(NI)]/log10⁡(2). The population doubling for each passage was calculated and added to that of the previous passages to obtain cumulative population doubling. The generation time – average time between two cell doublings – was calculated from P3 to P6 using the following formula: GT = [log10⁡(2)×Δt]/[log10⁡(NH)−log10⁡(NI)].



Pharmacological Treatments

For pharmacological treatments, hUCM-MSCs were seeded at 7,000 cells/cm2 on coated custom-made 40:1 PDMS, glass coverslips or TCPS. Twenty four hour after seeding, cells on soft PDMS were incubated with 25 μM of lysophosphatidic acid (LPA – Enzo, BML-LP100) for 2 h. Cells on glass coverslips or TCPS were incubated with 30 or 50 μM of racemic Blebbistatin (Calbiochem, 203389-5MG), respectively, for 24 h. Cells cultured on TCPS were incubated with 10 or 12 μM of LIM Kinase inhibitor (Limki-3 – Calbiochem, 435930) for 24 h. Stock solutions were prepared in dimethyl sulfoxide (DMSO, Santa Cruz Biotechnology) and the incubations were performed in a serum-free medium. For MRC-5 cells the procedures were similar. Briefly, cells were cultured at 4,000 cells/cm2 on glass coverslips or 1.5 kPa PDMS (IBIDI). Cells on glass coverslips were cultured for 32 h and then incubated with 25 μM of Blebbistatin for an additional 40 h. Cells on PDMS were cultured for 70 h and then incubated with 1 μM of LPA for 2 h. In both cases, cells were fixed after 72 h in cultured and immunostained as indicated.



Preparation of Cell Culture Substrates

The substrates used for cell culture included TCPS (Corning Costar), glass coverslips (Thermo Fischer Scientific) and PDMS (1.5 and 15 kPa μ-Dish from IBIDI and ∼3 kPa custom-made substrates).

Custom-made PDMS substrates were prepared by mixing the silicone elastomer base with the curing agent (Sylgard 184; Dow Corning/Dowsil) on a 40:1 proportion. In order to remove air bubbles, the mixture was degassed under vacuum (−5 inHg) at RT for 40 min. Next, a specific volume of that mixture was poured according to the area of each platform used in order to create substrates approximately 300 μm thick (higher than the recommended substrate thickness to avoid cells from sensing the underlying stiff support) (Buxboim et al., 2010). PDMS substrates were then cured at 80°C for 4 h in an incubator (Memmert).

Since PDMS is highly hydrophobic and does not readily bind to cell-adhesion proteins, all PDMS substrates were chemically treated (based on existing literature; Yu et al., 2009; Kuddannaya et al., 2013) in order to become more hydrophilic and receptive to protein coating and cell culture as described before (Gerardo et al., 2019). Solution 1 [double deionised (dd) H2O, 37% hydrochloric acid (Fluka) and 30% (w/w) hydrogen peroxide (Sigma) in a volumetric proportion of 5:1:1] was added over the PDMS surface for 5 min at RT. Substrates were then washed three times with abundant ddH2O and treated with Solution 2 [10% (v/v) of 3-aminopropyltrimethoxisilane (3-APTMS, Alfa Aesar) in 96% ethanol (Merck)] for 30 min at RT. Next, the substrates were washed three times with ddH2O (10 min each) with agitation. Finally, the substrates were incubated with Solution 3 [3% (w/v) glutaraldehyde in PBS] for 20 min at RT followed by three washes with ddH2O (5 min each) with agitation. Glass coverslips were treated as described for PDMS except that 1M NaOH (Merck) was used (30 min with agitation) instead of Solution 1. After functionalisation, PDMS substrates and glass coverslips were exposed to ultraviolet light for 30 min in an air flow cabinet for sterilisation.

To allow cell adhesion, the surface of PDMS substrates and glass coverslips were coated with human plasma purified fibronectin (FN) (Merck Millipore) and rat tail type-I collagen (COL-I) (BD Biosciences) in PBS at a final concentration of 10 and 17 μg/ml, respectively. The coating solution was used at 143 μl/cm2, resulting in 1.4 μg/cm2 of FN and 2.4 μg/cm2 of COL-I. All substrates were incubated with the coating solution for 4 h at 37°C, and then washed once with sterile PBS before cell seeding. The TCPS dishes used in this study were not coated.



Characterisation of PDMS Substrates

The rheological characterisation of custom-made 40:1 PDMS substrates was performed by small-strain oscillatory shear tests using a Kinexus Pro rheometer and rSpace software (Malvern) fitted with a parallel plate geometry (stainless steel wrinkled plate, 4 cm diameter). Frequency sweeps were performed from 10 to 0.1 Hz (five reads per decade) with 1% strain at 37°C and under a normal force of 0.5 N to guarantee adherence. The Young’s modulus (E) was calculated using the values measured for viscoelastic shear modulus and using the formula E = 2G′(1+ν), in which G′ is the shear storage modulus at 1 Hz and ν the Poisson’s ratio, assumed to be 0.5 as for materials whose volume do not change upon stretching.

To measure the thickness of the PDMS substrates, a pre-polymer to curing agent ratio of 10:1 was used, since polymers prepared with this formulation could readily be detached from the dishes in which were cured. After curing (as described above), the substrates were detached from the dishes and sliced across the centre. The thickness of the central zone of the PDMS substrates was measured using a phase-contrast microscope (Axiovert 40C) and the AxioVision software (both from Zeiss).



Subproteome Fractionation

Subproteome fractionation was performed using hUCM-MSCs at the end of P4 after expansion in TCPS or custom-made PDMS from P2 to P4, using the protocol described in Anjo et al. (2017). Briefly, cells were washed once with PBS and then incubated with extraction buffer [50 mM Tris-HCl pH 7.4 supplemented with protease inhibitors – Protease Inhibitor Cocktail tablets, Complete EDTA-free (Roche)]. Next, cells were subjected to ultrasonication in a H2O-bath (Vibra-Cell 750 watts, Sonics) with 40% amplitude and 30 s cycles. After centrifugation (1,000 × g) for 5 min at 4°C, supernatants were ultracentrifuged (126,000 × g) for 1 h at 4°C (Beckman Coulter), and the pellet corresponding to the membrane-enriched fraction was solubilised in SDS sample buffer [1.7% (w/v) SDS and 100 mM DTT in 50 mM Tris pH 6.8]. Five volumes of cold acetone were added to each supernatant (corresponding to the soluble fraction) and samples were stored at −20°C to precipitate the protein content, which was recovered by centrifugation at 4,000 × g during 30 min at 4°C and then the protein pellets were washed with cold acetone. Next, the pellet corresponding to the soluble fraction was resuspended in SDS sample buffer. Protein quantification was performed using the Direct Detect Spectrometer (Millipore) according to the manufacturer’s instructions, and 100 μg of protein (soluble or membrane fraction) were used for sequential windowed data independent acquisition of total high-resolution mass spectra (SWATH-MS) analysis.



SWATH-MS Analysis

After denaturation at 95°C, samples were alkylated with acrylamide and subjected to in-gel digestion using the short-GeLC approach (Anjo et al., 2015). Pooled samples were created for protein identification and the same amount of MBP-GFP was added to all samples to be used as an internal standard. Samples were analysed on a Triple TOFTM 5600 System (AB Sciex®) in two phases: information-dependent acquisition (IDA) of the pooled samples for protein identification and SWATH acquisition of each individual sample for quantification (detailed in the Supplementary Methods). A specific library of precursor masses and fragment ions was created by combining all files from the IDA experiments, and used for subsequent SWATH processing. Libraries were obtained using ProteinPilotTM software (v5.1, AB Sciex®) searching against a database composed by Homo sapiens from Swiss-Prot and the sequence of the recombinant protein MBP-GFP. SWATH data processing was performed using SWATHTM processing plug-in for PeakViewTM (v2.0.01, AB Sciex®). Peptides were selected automatically from the library and up to 15 peptides with up to 5 fragment ions were chosen per protein. Quantitation was attempted for all proteins in the library file that were identified below 5% local FDR from ProteinPilotTM searches, by extracting the peak areas of the target fragment ions of those peptides using an extracted-ion chromatogram (XIC) window of 3 and 4 min (for soluble and membrane-enriched fraction, respectively) with 20 ppm XIC width.

All the peptides that met the 1% FDR threshold in at least one sample were retained and the levels of the proteins were estimated by summing the respective transitions and peptides that met the criteria established (an adaptation of Collins et al., 2013). For comparisons between experimental conditions, the protein levels were subjected to two steps of data normalisation: (1) normalised to the internal standard (MBP-GFP) followed by (2) a normalisation using the sample total intensity.

The mass spectrometry proteomics data have been deposited to the ProteomeXchange Consortium via the PRIDE (Vizcaíno et al., 2016) partner repository with the dataset identifier PXD017674.



Bioinformatics and Data Analysis

PANTHER Classification System was executed for Gene Ontology analysis. Gene Ontology enrichment analysis was performed for proteins identified using the web-based application Gene Ontology enrichment analysis and visualisation tool – GOrilla. In order to identify and collect information about the proteins that were found, UniProt was used. Venn graphs were generated using BioVenn web application.



Protein Extracts and Western Blot Analysis

To obtain whole-cell protein extracts from hUCM-MSCs (P2–P4), cells were detached using a cell scraper in the presence of Laemmli buffer [120 mM Tris-HCl pH 6.8, 4% SDS (w/v) and 20% glycerol (v/v)], heated for 5 min at 95°C and passed ten times through a 25G needle. Total protein was quantified using PierceTM 660 nm Protein Assay (Thermo Fischer Scientific) according to manufacturer’s instructions followed by addition of DTT to each protein sample at a final concentration of 0.1 M. Protein extracts (10 or 20 μg) were separated by SDS-PAGE as previously described (Leite et al., 2014) and transferred onto polyvinylidene fluoride (PVDF) membranes (Bio-Rad). The membranes were blocked in TBS- or PBS-0.1% (v/v) Tween 20 containing 5% (w/v) non-fat dried milk for 1 h at RT. Incubations with the antibodies indicated in the Supplementary Table S2 were performed with gentle agitation overnight (ON) at 4°C followed by 1 h at RT. All membranes were washed with TBS- or PBS-0.1% (v/v) Tween 20 and then incubated for 1 h at RT with gentle agitation with the respective alkaline phosphatase-conjugated secondary antibody (Jackson ImmunoResearch) diluted in blocking solution. Next, membranes were incubated with enhanced chemifluorescence (ECF) kit (GE Healthcare) according to the manufacturer’s instructions and detection was performed on a Molecular Imager FX Pro Plus system using the software Quantity One (both from Bio-Rad). To quantify the total protein in each lane, the membranes were stained using SERVA purple (SERVA electrophoresis, Enzo) according to the manufacturer’s guidelines. The integrated density of antibody-stained protein bands and total protein content of each lane were measured using Quantity One software (Bio-Rad).



Immunocytochemistry, Fluorescence Microscopy and Image Analyses

hUCM-MSCs between P2–P4 on glass coverslips or custom-made PDMS substrates were fixed with 4% (w/v) paraformaldehyde (PFA, Santa Cruz Biotechnology) in PBS for 20 min at RT. Immunocytochemistry (ICC) was performed as detailed in Leite et al. (2014). Fixed cells were washed three times with PBS and permeabilised with 0.1% Triton X-100 in PBS for 20 min. Cells were blocked with 1% (w/v) BSA (Calbiochem) in PBS for 30 min at RT and then incubated with primary antibodies (Supplementary Table S2) diluted in blocking solution ON at 4°C in humidified conditions. Next, cells were washed with PBS and incubated with the appropriate secondary antibodies (Supplementary Table S2) in PBS with 1% (w/v) BSA for 1 h at RT. For nuclear staining, cells were incubated with DAPI (Supplementary Table S2) for 5 min. To visualise polymerised actin, cells were stained with TRITC-labelled Phalloidin (Supplementary Table S2) for 1 h at RT and then washed three times with PBS (5 min each) to remove unbound reagent. Fluorescence microscopy was performed using a Zeiss Axiovert 200M microscope using AxioVision Release 4.8 software (Zeiss). Exposure time was the same for each analysed marker and for each independent experiment. To quantify the mean of fluorescence intensity (MFI) of F-actin, the regions of interest (ROIs) were defined as limiting cells by the edges. DAPI images were used to defined ROIs to measure the MFI of Cofilin-1 in the nucleus. The MFI of Cofilin-1 in the cytoplasm was quantified using ROIs defined by segmented lines within the whole cytoplasm. Image processing and analyses were performed using ImageJ (Fiji) software.



5-FUrd Incorporation

To quantify transcription, hUCM-MSCs were seeded at P2 and 48 h later were incubated with 2 mM of 5-fluorouridine (5-FUrd, Sigma-Aldrich) in proliferation medium during 15, 30, and 45 min at 37°C. Next, cells were washed once with cold PBS, permeabilised with 1% Triton X-100 for 20 min and fixed with 4% (w/v) PFA in PBS for another 20 min. 5-FUrd incorporation was analysed by ICC using an anti-BrdU antibody (Supplementary Table S2) previously described to recognise 5-FUrd (Obrdlik and Percipalle, 2011). Quantification of fluorescence levels was performed by calculating the corrected total cell fluorescence using DAPI to define ROIs and quantify the integrated density and nuclear area using Fiji software. The slopes were calculated by performing linear regression analysis of the corrected total cell fluorescence values of FUrd incorporation considering the time points between 15 and 45 min (GraphPad Prism 8).



Cofilin-1 Gene Silencing

To knockdown Cofilin-1, hUCM-MSCs were transfected at P2 according to the manufacturer’s instructions on TCPS or custom-made 40:1 PDMS using lipofectamine 3000 (Thermo Fisher Scientific) with 150 nM of SignalSilence® Cofilin siRNA I or SignalSilence® Control siRNA as control (Cell Signalling Technology). 5-FUrd incorporation experiments were performed 72 h after transfection.



Fluorescence Loss in Photobleaching (FLIP) and Image Analysis

Fluorescence Loss in Photobleaching (FLIP) was performed using a Zeiss LSM 710 confocal microscope with stage heated at 37.5°C and the Zen software was used for image acquisition (Zeiss). For this experiment MRC-5 cells were seeded at 15,000 cells/cm2 on 1.5 kPa PDMS or μ-slide well glass (both from IBIDI) and maintained in culture for 3 days. The experiment was performed according to Das Neves et al. (2010), Lima et al. (2018), and Steurer et al. (2018). Briefly, to photobleach GFP-RNA POL II in MRC-5 cells, rectangles covering approximately half of each nucleus were selected and 100% laser power was applied to bleach all fluorescent molecules in these areas. The bleaching acquisition cycles were run in a continuous mode during 1,800 s. A set of images were taken and the fluorescence intensity of GFP in the nucleus was quantified at the unbleached area using Fiji software. The fluorescence decay was plotted against the time of photobleaching, fitting data in a three-phase exponential decay curve to obtain half-life values attributed to the elongation time (GraphPad Prism 8).



Statistical Analysis

Proteomics data were presented as the mean fold change of 40:1 PDMS over the respective TCPS sample for three biological replicates (umbilical cord samples from three different donors). Statistical analysis was performed using the SPSS® Statistics V22 (IBM) for all proteins that presented PDMS/TCPS ratio with coefficient of variation (CV) below 30%. Data normality was assessed by Shapiro–Wilk test performed in infernoRDN and the One-Sample t-student test against a theoretical value of 1 was used to test the variations. Statistical significance was considered for p < 0.05.

Statistical analysis of the remaining data was performed using GraphPad Prism 8 software. Values are expressed as mean ± standard error of the mean (SEM) or median with range (as indicated) for at least three independent experiments. Differences between two groups were tested using Student’s t-test, One-Sample t-test (theoretical mean of 1) or the non-parametric Mann–Whitney test. Parametric analysis of variance (ANOVA) followed by Dunnett’s multiple comparisons test was used to compare more than two groups. For all statistical analysis, differences were considered significant for p < 0.05.



RESULTS


Characterisation of Human Umbilical Cord Mesenchymal Stem/Stromal Cells (hUCM-MSCs) and 40:1 PDMS Substrates

MSCs are plastic-adherent cells that proliferate readily in vitro when maintained in standard culture conditions, being positive for CD105, CD73 and CD90 and negative for CD45, CD34, HLA-DR, CD14 or CD11B, CD79α or CD19 surface markers, as described by the International Society for Cellular Therapy (Dominici et al., 2006). For this study, we isolated hUCM-MSCs as previously described (Leite et al., 2014). The immunophenotypic characterisation of the cells in P4 by flow cytometry confirmed their identity, being positive for CD10, CD13, CD90, and CD105, and negative for CD34, CD45, and HLA-DR (Figure 1A).
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FIGURE 1. hUCM-MSCs can proliferate on and respond to mechanical cues provided by a soft PDMS substrate. (A) Immunophenotypic characterisation of hUCM-MSCs (average of four independent samples at P4). Cells were labelled with antibodies against the indicated antigens and analysed by flow cytometry. In parallel, unlabelled hUCM-MSCs were also acquired in the flow cytometer as negative controls. In the histograms, y-axis represents the number of cells (density); and x-axis represents the amount of protein expressed per cell, measured as mean fluorescence intensity (MFI). Labelled hUCM-MSCs are represented as pink lines, whereas green lines correspond to unlabelled hUCM-MSCs (negative control). hUCM-MSCs were positive for CD10, CD13, CD90, and CD105, and negative for CD34, CD45 and HLA-DR. (B) Total number of cells calculated for hUCM-MSCs on each passage (P2–P6) in culture on TCPS or 40:1 PDMS (as indicated). Bars represent mean ± SEM of at least three independent experiments using cells obtained from different donors. Statistical analysis was performed using the non-parametric Mann–Whitney test with significant differences indicated as *p < 0.05. (C) Representative fluorescence microscopy images and (D), respective MFI of F-actin of hUCM-MSCs cultured on stiff or soft 40:1 PDMS substrates from P2 to P4 (as indicated). At each of the indicated passages, cells were seeded on stiff glass coverslips or soft 40:1 PDMS substrates for 48 h and then fixed and stained with TRITC-Phalloidin (to stain F-actin, in red) and DAPI (to counterstain nuclei, in blue). Bars represent mean ± SEM of three independent experiments. Statistical analysis was performed using a two-tailed Student’s t-test with significant differences indicated as **p < 0.01 and ****p < 0.0001.


For this study, polydimethylsiloxane substrates with a pre-polymer to curing agent ratio of 40:1 (40:1 PDMS) were produced for cell culture. The rheological analysis was performed to assess the shear elastic (storage modulus, G′) and viscous (loss modulus, G′′) properties of the substrates. A frequency sweep between 0.1 and 10 Hz was performed using a rheometer (Supplementary Figure S1B). Our results indicate that the elastic properties of the substrate are dominant, since tan⁡δ (tan⁡δ = G′′/G′) values were lower than 1 and G′ and G′′ were essentially independent of the measurement frequency (Rosales and Anseth, 2016) (Supplementary Figures S1B,C).

The Young’s modulus (E) was determined at 1 Hz as being 2870 ± 625 Pa (∼3 kPa) (Supplementary Figure S1C). To guarantee that the custom-made PDMS substrates reached the minimum thickness described to prevent cells from sensing the stiff supporting material underneath the elastomer (>100 μm) (Buxboim et al., 2010), substrate thickness was determined to be 315.5 ± 4.6 μm (Supplementary Figure S1), sufficient to allow the cells to sense only the soft material.

In order to evaluate the proliferative capacity of hUCM-MSCs when cultured on stiff (TCPS) or soft (40:1 PDMS) substrates, the total number of cells was determined between P2 and P6 (Figure 1B). In general, the total number of cells obtained on TCPS was higher when compared with PDMS, showing that cells cultured on soft substrates exhibit lower proliferative profile in comparison with those cultured on stiff TCPS (Figure 1B). Nevertheless, except in P2, no significant differences were found for the total number of cells, indicating some adaptation of the cells to the new soft environment. These results are in agreement with previous studies reporting higher cell proliferation on stiffer substrates (Provenzano and Keely, 2011). Additionally, population doubling, cumulative population doubling, and generation time were evaluated between P2 and P6 (Supplementary Figure S2), indicating a trend for slower proliferation kinetics of hUCM-MSCs on PDMS, but no significant differences were found.

To confirm that hUCM-MSCs respond to the distinct degrees of stiffness, P1 cells were seeded in parallel on glass coverslips (stiff) and 40:1 PDMS substrates (soft). After reaching P2, P3, or P4 on each substrate, F-actin levels were assessed to evaluate intracellular contractility, which is known to scale with the stiffness of the environment in mechanosensitive cells (Engler et al., 2006; Fu et al., 2010; Gerardo et al., 2019). As expected, F-actin levels were significantly lower in cells cultured on soft PDMS substrates when compared with cells maintained on stiff glass coverslips in all passages tested (Figures 1C,D).



Substrate Stiffness Modulates the Proteome of hUCM-MSCs

To explore the influence of mechanical cues, and in particular the effect of substrate stiffness on the proteome of hUCM-MSCs, a SWATH-MS/MS proteomics analysis was performed using cells maintained on stiff TCPS or soft 40:1 PDMS substrates from P2 until P4 (workflow in Figure 2A). To obtain samples with less complexity (and to achieve a more comprehensive protein coverage), the intracellular contents were fractionated into soluble and membrane-enriched fractions. 796 proteins were identified in the soluble fraction, 558 of which were detected in cells cultured on both substrates (TCPS and 40:1 PDMS), representing 70% of the total number of proteins identified. On the other hand, 173 and 65 proteins were exclusively detected in the proteome of cells cultured on soft or stiff substrates (Figure 2B). Similarly, in the membrane-enriched fraction, 1125 proteins were identified, being 744 common for cells on TCPS and PDMS, representing 66% of the total proteins identified in that fraction. Hundred and thirty seven and 244 proteins were exclusively identified in the proteome of cells cultured on soft or stiff substrates (Figure 2B). To further characterize the differences between the cells cultured on the two systems, protein quantification was attempted to all the proteins identified (Figure 2C). Through SWATH-MS/MS analysis, 633 proteins were quantified in the soluble fraction obtained from cells cultured on both substrates, and among those 33 showed lower abundance, while 27 displayed higher expression in cells cultured in PDMS in comparison with TCPS (Figure 2C). In the membrane fraction, 624 proteins were quantified, with 43 and 19 proteins showing lower and higher expression, respectively, in cells maintained on the soft versus stiff substrate (Figure 2C).
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FIGURE 2. Substrate stiffness influences the proteome of hUCM-MSCs. (A) Experimental workflow. hUCM-MSCs were isolated from umbilical cord explants obtained from three distinct donors on TCPS plates and passaged (into P1) when the colonies were well developed. Cells were then maintained in parallel in culture from P2 until P4 on stiff TCPS and soft 40:1 PDMS substrates. Cells were lysed and then the membrane- and soluble-enriched fractions were obtained by ultra-centrifugation. The proteins from the two fractions were precipitated and/or solubilised, resolved by SDS-PAGE and analysed by mass spectrometry. (B) Venn diagrams illustrating the total number of proteins and the number of exclusive and common proteins identified in cells cultured on TCPS or 40:1 PDMS present in the soluble (left) or membrane (right) enriched fractions. (C) Volcano plots representing proteins with statistically significant differences (p < 0.05, blue dots) or non-significant differences (p > 0.05, green dots) between proteins found in the proteome of soluble (left) and membrane (right) fractions obtained from cells cultured on soft PDMS substrates relative to stiff TCPS. The blue and magenta areas surround the proteins with statistically significant lower or higher expression in cells cultured on soft PDMS versus stiff TCPS, respectively. Black circle and arrows pinpoint Cofilin-1 found in soluble (left) and membrane (right) fractions of cells cultured on soft PDMS versus stiff TCPS. Statistical analysis was performed using One-Sample t-test (theoretical mean of 1.0). (D) Bar chart representing the top 20 most significant (p < 0.05) and (E) differentially abundant proteins (fold change) present in soluble and membrane fractions obtained from cells cultured on 40:1 PDMS versus TCPS substrates. (*) marks proteins involved in mechanotransduction or actin cytoskeleton regulation. Bars represent –log10 of the p-value (D) or log10 of the fold change (E). All data were collected from three independent experiments using cells obtained from three distinct donors.


Next, we analysed the twenty most statistically significant proteins more abundantly expressed in cells cultured on PDMS when compared with TCPS and vice versa (among both fractions). Data show that several of the identified proteins are involved in the regulation of actin cytoskeleton, hence putative modulators of mechanotransduction (Figures 2D,E). Within this category, Filamin-A/B, Lamin-A/C and Actin were more abundant in TCPS in comparison with PDMS, while subunit 4 of the Arp2/3 complex and Cofilin-1 were more expressed in cells in 40:1 PDMS when compared with TCPS (Figures 2D,E). Cofilin-1 presented good p-value and increased expression of approximately 1.3-fold (PDMS vs. TCPS; Supplementary Table S3) in the membrane fraction, being one of the most differentially expressed proteins in the proteome of hUCM-MSCs cultured on the soft when compared with the stiff substrate. Additionally, Cofilin-1 is a pivotal regulator of actin dynamics (Bamburg and Bernstein, 2010; Ohashi, 2015) and in turn the actin cytoskeleton is one the most important players in mechanotransduction (Harris et al., 2018). Hence, Cofilin-1 seemed to be a promising protein to focus on and to characterise further in the context of mechanotransduction and attempt to find implications in other important biological processes regulated by the protein such as transcription (Obrdlik and Percipalle, 2011; Percipalle, 2013).



Cofilin-1 Is More Abundantly Present in Cells Cultured on Soft Versus Stiff Substrates

In order to validate and further explore the results obtained by mass spectrometry regarding Cofilin-1, western blot (WB) analysis was performed to measure the protein’s level in whole-cell extracts prepared from cells cultured on stiff (TCPS) or soft (40:1 PDMS) substrates until P2, P3, and P4. The results show that Cofilin-1 levels became gradually higher in cells cultured from P2 to P4 on the soft substrate when compared to those maintained on the stiffer one, achieving statistical significance in P4 (Figure 3A). This is consistent with the proteomics data regarding the increased presence of Cofilin-1 on the soft substrate in P4 (Figures 2D,E). As a control, we further analysed vinculin (Supplementary Figure S3), another protein related to mechanotransduction (Carisey et al., 2013) whose expression levels did not significantly change in the proteomics analysis (Supplementary Table S3). As expected, WB analysis confirmed the SWATH-MS/MS results.
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FIGURE 3. Cofilin-1 is highly present in cells cultured on soft versus stiff substrates. (A) Western blot analysis (top) of Cofilin-1 present in whole-cell protein extracts (separated by SDS-PAGE) obtained from hUCM-MSCs isolated and cultured on TCPS until P1 and then cultured on stiff TCPS or soft 40:1 PDMS until P2, P3, or P4 (as indicated). For quantification analysis (bottom), Cofilin-1 expression was normalised using the respective total protein level assessed by staining the WB membrane using SERVA purple (top). Bars (bottom) represent mean ± SEM of three independent experiments. Statistical analysis was performed using One-Sample t-test (theoretical mean of 1.0) with significant differences indicated as *p < 0.05; ns, non-significant. (B) Representative fluorescence microscopy images and (C) respective MFI quantification of Cofilin-1 in the nucleus or cytoplasm of cells cultured on glass coverslips or 40:1 PDMS until P2, P3, or P4 (as indicated). (D) MFI quantification of Cofilin-1 ratio (nucleus/cytoplasm) present in cells cultured as in (C). Cells were fixed and stained with an anti-Cofilin-1 antibody (green) and DAPI for nuclear counterstaining (blue). In (C,D) bars represent mean ± SEM of cells analysed from three independent experiments. Statistical analysis was performed using a two-tailed Student’s t-test, with significant differences indicated as *p < 0.05, ***p < 0.001, and ****p < 0.0001.


To gain further insight into the regulation of the protein, the levels of Cofilin-1 were also assessed specifically in the nucleus and in the cytoplasm of cells cultured on soft and stiff (glass coverslips) substrates until P2, P3, and P4 by immunofluorescence microscopy. Data show a significant increase of the MFI of Cofilin-1 in both subcellular spaces (nucleus and cytoplasm) for all passages tested (Figures 3B,C). Taken together, these results strongly indicate that Cofilin-1 levels are higher in cells cultured on soft when compared with stiff substrates.



Substrate Stiffness and Soluble Modulators of Actomyosin Influence Cofilin-1 Subcellular Localisation and Phosphorylation State

The immunofluorescence images of Cofilin-1 in hUCM-MSCs immediately suggested that the protein’s subcellular localisation might be influenced by substrate stiffness (Figure 3B). Image quantification revealed that the ratio of nuclear/cytoplasmic Cofilin-1 increased significantly in cells cultured on the soft substrates when compared with those on stiff glass coverslips (Figure 3D and Supplementary Figure S4). Cofilin-1 activity and subcellular localisation (Nebl et al., 1996) were reported to be largely regulated by phosphorylation on Serine 3 by its cognate kinase LIMK1 (Yang et al., 1998). Our results showed that after incubating cells with a pharmacological inhibitor of LIMK (LIMKi-3), the phosphorylation levels of Cofilin-1 on Ser3 drastically decreased in a dose-dependent manner (Supplementary Figure S5).

It is also described that phospho-Cofilin-1 (p-Cofilin-1) is inactive and remains in the cytosol. When dephosphorylated, Cofilin-1 is active and hence able to severe and depolymerise actin filaments into globular actin, subsequently remaining bound to G-actin (Percipalle, 2013). Then, still bound to G-actin, Cofilin-1 translocates into the nucleus through a mechanism mediated by importin 9 (Dopie et al., 2012; Percipalle, 2013). To assess if the changes in subcellular localisation of Cofilin-1 in response to substrate stiffness correlated with the phosphorylation state of the protein, we measured the levels of p-Cofilin-1 on Ser3 and total Cofilin-1 (by western blot analysis) in cells cultured on TCPS and 40:1 PDMS. We observed a significant decrease in the ratio of Cofilin-1 (pSer3)/total Cofilin-1 (Figure 4A) in cells cultured on the soft in comparison with those on the stiff substrate. The phosphorylation of Cofilin-1 on Ser3 was also detected by proteomics analysis. The ratio of Cofilin-1 (pSer3)/total Cofilin-1 measured in cells cultured on soft (PDMS) was only about 40% of the value found in cells maintained on stiff (TCPS) until P4 (Supplementary Figure S6). Hence, data indicate that the expected correlation between the subcellular localisation and phosphorylation state of Cofilin-1 reported in the abovementioned literature holds true when these changes occur in response to substrate stiffness.
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FIGURE 4. Substrate stiffness and soluble modulators of actomyosin influence Cofilin-1 subcellular localisation and phosphorylation state. (A) Cofilin-1 and phospho-Cofilin-1 (pSer3) levels were evaluated by western blot analysis of whole-cell protein extracts separated by SDS-PAGE (left) obtained from cells cultured on TCPS or 40:1 PDMS between P2 and P4. For the quantification (right) values were normalised by the respective total Cofilin-1 protein level in TCPS or PDMS for each independent experiment. Bars represent the mean of the ratio of Cofilin-1 (pSer3)/total Cofilin-1 ± SEM of four independent experiments. Statistical analysis was performed using One-Sample t-test (theoretical mean of 1.0) with significant differences indicated as *p < 0.05. (B) Representative fluorescence microscopy images and (C) respective MFI quantification of Cofilin-1 nucleus/cytoplasm ratio and F-actin (TRITC-Phalloidin) for cells cultured on glass coverslips or 40:1 PDMS after treatment or not with Blebbistatin or LPA (as indicated). Cells seeded on stiff glass coverslips (left) were cultured for 24 h and then incubated or not with Blebbistatin (30 μM) for an additional 24 h; cells seeded on soft 40:1 PDMS (right) were cultured for 46 h and then incubated or not with LPA (25 μM) for an additional 2 h. In both cases, cells were fixed after 48 h in culture and stained with anti-Cofilin-1 antibody (green), TRITC-Phalloidin for F-actin (red) and DAPI for nuclear counterstaining (blue). Bars represent mean ± SEM of cells analysed from three independent experiments. Statistical analysis was performed using One-Way ANOVA followed by Dunnett’s multiple comparisons test between all conditions (**p < 0.01; ****p < 0.0001). (D) Western blot analyses were performed to detect Cofilin-1 and phospho-Cofilin-1 (pSer3) as described in (A), using whole-cell extracts obtained from cells cultured on stiff TCPS and treated or not with Blebbistatin or cultured on soft 40:1 PDMS and treated or not with LPA (as indicated), with seeding and treatment regimens similar to those described in (B,C). For the quantification (bottom) values were normalised by the respective total Cofilin-1 protein level in TCPS (left) or PDMS (right) for each independent experiment. Bars represent the mean of the ratio of Cofilin-1 (pSer3)/total Cofilin-1 ± SEM of four independent experiments. Statistical analysis was performed using One-Sample t-test (theoretical mean of 1.0) with significant differences indicated as *p < 0.05.


To further understand the response of Cofilin-1 to mechanical stimuli in terms of subcellular localisation and phosphorylation state, we devised an experiment to mimic stiff conditions while cells were cultured on a soft substrate and vice versa. To that end, cells were seeded on stiff glass coverslips or soft 40:1 PDMS substrates and then incubated with Blebbistatin or LPA, respectively. Blebbistatin is a NMM-II inhibitor, causing relaxation of the cellular actin network (typical of cells cultured on a soft condition) (Engler et al., 2006; Lourenco et al., 2016) and LPA leads to activation of RhoA, inducing actomyosin contractility (typical of cells on stiff substrates) (Sun et al., 2014), hence mimicking a soft condition on stiff substrates and vice versa. When cells on glass coverslips were incubated with Blebbistatin, the ratio of nuclear/cytosolic Cofilin-1 increased significantly compared to untreated cells. Conversely, cells incubated with LPA cultured on soft PDMS showed a significant decrease in the nuclear/cytosolic ratio of the protein when compared to the respective control (Figures 4B,C). Additionally, we analysed the levels of F-actin upon incubation with Blebbistatin or LPA using TRITC-phalloidin. As expected, a significant decrease or increase of F-actin was observed in cells incubated with Blebbistatin or with LPA (respectively) comparing with their respective controls (Figures 4B,C), indicating that the treatments with the actomyosin-modulating soluble-factors tested were indeed effective.

To assess the phosphorylation state of Cofilin-1 in cells incubated with Blebbistatin or LPA, WB analysis was performed. After incubation with Blebbistatin, the ratio of Cofilin-1(pSer3)/total Cofilin-1 in cells cultured on a stiff substrate decreased significantly. Conversely, in cells incubated with LPA while cultured on a soft substrate, this ratio was significantly higher than in control cells (Figure 4D).

These results indicate that cells cultured on stiff substrates (or on soft but in the presence of LPA) display high intracellular actomyosin tension (Figures 1C, 4B), which is accompanied by a low nuclear/cytosolic ratio distribution of Cofilin-1 and high phosphorylation of the protein on Ser3 (Figures 4A,D). Conversely, MSCs cultured on soft substrates (or on stiff but in the presence of Blebbistatin) present low intracellular contractility (Figures 1C, 4B), which correlates with a high ratio of nuclear/cytosolic distribution of Cofilin-1 and low phosphorylation of the protein on Ser3 (Figures 4A,D).



hUCM-MSCs Respond to Soft Substrates With Increased Overall Transcription in a Cofilin-1-Dependent Manner

Knowing that Cofilin-1 (in combination with G-actin) is required for RNA polymerase II-mediated transcription elongation (Obrdlik and Percipalle, 2011; Percipalle, 2013), we sought to elucidate if the increased presence of Cofilin-1 in the nucleus of hUCM-MSCs cultured on soft substrates correlated with increased transcription. Hence, to measure global transcriptional activity, cells (cultured on stiff glass coverslips or soft 40:1 PDMS) were subjected to a FUrd pulse-chase (Obrdlik and Percipalle, 2011). We observed that FUrd incorporation in cells maintained on stiff substrates occurred mostly in discrete nucleolar foci for short incubation times, with increasing nucleoplasmic signal with time (Figure 5A), as validated by ICC analysis against the nucleolus-associated protein Nucleolin (Supplementary Figure S7). On the other hand, for cells cultured on the 40:1 PDMS substrate, data show multiple and more intense nucleoplasmic foci (Figure 5A) in addition to the nucleolar signal similar to that observed on the stiff condition. This strongly suggests that the increase in FUrd incorporation observed in cells on the soft substrate relies on RNA polymerase II- (with nucleoplasmic localisation) and not on RNA polymerase I- (with nucleolar localisation) mediated transcription (Szentirmay and Sawadogo, 2000). Quantification of FUrd incorporation over time showed that the slope of the curve within a linear range (between 15 and 45 min of incorporation) was significantly higher in cells cultured on the soft substrate when compared to the stiff (Figure 5B). Since the slope is proportional to the overall transcription, these results indicate that soft 40:1 PDMS substrates enhance hUCM-MSCs transcriptional activity by favouring the formation of nascent transcripts.
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FIGURE 5. Soft substrates induce overall increased transcription in hUCM-MSCs in a Cofilin-1-dependent manner. (A) Representative fluorescence microscopy images of the nuclei of cells cultured on glass coverslips or 40:1 PDMS. After 48 h in culture, hUCM-MSCs were incubated with FUrd during 15, 30, and 45 min, fixed and stained with an anti-BrdU antibody that recognises FUrd (green) to identify the new transcripts and nuclei were counterstained with DAPI (blue). (B) Linear regression of FUrd nuclear incorporation (CTCF, corrected total cell fluorescence) as a function of time occurring in cells on each substrate (data represent mean ± SEM of 6 independent experiments). Linear regression analysis (using the linear regression tools of GraphPad Prism 8) shows that the slopes of the two curves are significantly different from each other (p = 0.0173), indicating increased transcriptional activity in cells cultured on soft PDMS substrates (blue line) when compared with glass (red). (C) Representative fluorescence microscopy images of FUrd incorporation during 15 and 45 min in control and Cofilin-1 knock-down cells (using siRNA). Cells were immunostained with anti-Cofilin-1 (green) and anti-BrdU/FUrd (red) antibodies and nuclei were counterstained with DAPI (blue). (D) Bars represent the mean ± SEM of the slope values of FUrd incorporation (as determined in B) for each of the indicated conditions. Only cells effectively knocked-down for Cofilin-1 (representative images highlighted with circles) were taken into account during corrected total cell fluorescence quantification of FUrd. Statistical analysis was performed for 6 independent experiments using One-Way ANOVA followed by Dunnett’s multiple comparisons test comparing all conditions against 40:1 PDMS (ns, non-significant; *p < 0.05; ***p < 0.001).


To assess if the increase of transcriptional activity in cells cultured on soft substrates is Cofilin-1-dependent, we performed similar FUrd pulse-chase experiments after performing Cofilin-1 knockdown using siRNA (as confirmed by western blot and fluorescence microscopy in Supplementary Figure S8). Data show that in cells in which Cofilin-1 was effectively silenced, the transcriptional activity was drastically decreased, resulting in few to almost non-existent nucleoplasmic foci (Figure 5C). Quantification analysis of the FUrd incorporation curve slopes revealed that the transcriptional activity in untreated cells cultured on soft substrates (40:1 PDMS) was not significantly different from those treated with scrambled siRNA, but was statistically higher than in hUCM-MSCs in which Cofilin-1 was effectively silenced (siRNA Cofilin-1), as well as in cells left untreated but maintained on a stiff substrate (glass), which were used as a control (Figure 5D). Hence, data indicate that soft substrate-induced increase of transcriptional activity observed in hUCM-MSCs is, at least in part, dependent on Cofilin-1.



RNA Polymerase II Transcription Elongation Is Faster in Cells Cultured on Soft PDMS Substrates

To understand if the enhanced transcriptional activity measured in cells cultured on soft versus stiff substrates was at least in part due to faster RNA polymerase II transcription elongation, the mechanism in which Cofilin-1 is described to be involved in (reviewed by Percipalle, 2013), we performed FLIP assays. To that end, we used human fibroblasts engineered with GFP-RNA polymerase II (MRC-5 cells) (Steurer et al., 2018) cultured for 3 days on stiff glass or soft 1.5 kPa PDMS. This was the time required to verify Cofilin-1 nuclear distribution (Supplementary Figure S9A) similar to that observed in hUCM-MSCs on a soft substrate, hence demonstrating that MRC-5 cells were mechanoresponsive. Additionally, similar to hUCM-MSCs, Cofilin-1 in MRC-5 cells also responded to soluble modulators of actomyosin contractility (Supplementary Figure S9B), with a significant increase or decrease of the ratio of nuclear/cytosolic Cofilin-1 in cells treated with Blebbistatin or LPA (respectively). Regarding FLIP, data show a faster decay of fluorescence in cells cultured on soft PDMS when compared with those cultured on stiff conditions, indicating that the transcriptional elongation is faster on soft substrates (Figure 6A). By quantifying the fluorescence decay in single cells as a function of time during the FLIP assay allowed the creation of three-phase exponential decay curves (Figure 6B). By analysing curves parameters attributed to the elongation phase — half-life slow (Das Neves et al., 2010; Lima et al., 2018; Steurer et al., 2018) —, the elongation half-life time of RNA polymerase II in cells cultured on the soft substrate was significantly lower than that in cells maintained on stiff conditions (Figure 6C). This indicates that RNA polymerase II transcription elongation speed is higher in cells maintained on soft than on stiff substrates.
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FIGURE 6. RNA polymerase II transcription elongation is faster in cells cultured on soft PDMS substrates. (A) Representative confocal microscopy images of MRC-5 cells (expressing GFP-RNA polymerase II) during fluorescence loss in photobleaching (FLIP) experiments. MRC-5 cells were cultured on stiff μ-slide glass wells or soft 1.5 kPa PDMS and after 72 h in culture cells were subjected to FLIP assay. In the zoomed images on the right panel (from the highlighted regions indicated with the yellow rectangles on the left panel), the dashed white lines circumscribe the bleached areas and the solid yellow lines represent the fluorescence measurement areas. (B) Representative three-phase exponential decay curves of GFP-RNA polymerase II signal of two single cells cultured on each substrate (glass or PDMS). (C) RNA polymerase II elongation half-life time was calculated based on the half-time slow parameter of the three-phase exponential decay curves obtained from cells cultured on stiff or soft substrates. Bars represent the median with range of at least four independent experiments. For each experiment, at least 10 cells were quantified. Statistical analysis was performed using the non-parametric Mann–Whitney test, with significant differences indicated as *p < 0.05.


The overall results indicate that the increased presence of Cofilin-1 in the nucleus of mechanosensitive cells in response to soft substrates facilitates transcription, through a mechanism that is consistent with enhanced RNA polymerase II transcription elongation speed.



DISCUSSION

This study explores the effects of substrate stiffness in the proteome of proliferating undifferentiated hUCM-MSCs. In vitro expansion of MSCs has been associated with the loss of cell potency due to extensive proliferation, which is required for example, to obtain a clinically relevant number of cells for therapeutic purposes (reviewed in Hoch and Leach, 2014; Müller et al., 2015; Galipeau et al., 2016). Recently, there is growing evidence suggesting that such loss of potency may at least in part be related to the mechanical properties of standard cell-culture substrates (Lee et al., 2014; Yang et al., 2014; Kusuma et al., 2017), like TCPS, much stiffer than most tissues present in biological systems.

MSCs are well known for being highly mechanosensitive cells, scaling intracellular contractility according to the stiffness of the surrounding environment (Fu et al., 2010; Swift et al., 2013; Gerardo et al., 2019), which greatly affects their differentiation potential toward distinct lineages (Engler et al., 2006; Fu et al., 2010; Gao et al., 2010), as well as reprogramming into iPSCs (as previously shown by our laboratory (Gerardo et al., 2019). However, the impact of mechanical cues and in particular of substrate stiffness in proliferating undifferentiated MSCs is still largely unknown.

Our results demonstrate that the proteome of hUCM-MSCs presents differences between cells cultured (at least between P2 and P4) on stiff TCPS (standard cell culture conditions) or on soft PDMS substrates. A putative limitation is that the TCPS used for the proteomics approach was not coated with the ECM proteins used on the PDMS substrate, although the glass coverslips used for subsequent experiments were treated in a way similar to the elastomeric surface. In this study, we focussed our attention on proteins that could be identified in both cell culture conditions, but whose relative abundance was significantly different. Among such proteins, many are involved in the regulation and modulation of the actin cytoskeleton, hence being putative good candidates to be involved in mechanotransduction mechanisms. Within this group, Filamin-A/B, Lamin-A/C and Actin were found to be more abundantly present in TCPS in comparison with PDMS. To our knowledge, Filamin-A/B and Actin were not previously reported to change their levels in response to changes in substrate stiffness. Concerning Lamin-A, our data is in line with previous studies showing that the protein is mechanoresponsive and that its levels scale with the stiffness of the microenvironment (Swift et al., 2013; Swift and Discher, 2014; Toh et al., 2015). Similar to subunit 4 of the Arp2/3 complex (involved in the regulation of actin cytoskeleton (May, 2001), Cofilin-1 was one of the proteins whose levels increased mostly in the proteome of hUCM-MSCs cultured on soft PDMS compared to stiff TCPS substrates (as confirmed by western blot and ICC). For that reason and being Cofilin-1 an important actin-regulating protein, together with the lack of information about its role in the context of cellular mechanobiology, our studies became focussed on this protein.

ICC analysis revealed that Cofilin-1 present in hUCM-MSCS cultured on soft substrates exhibited a preferential nuclear localisation, in contrast with cells on stiff substrates, in which Cofilin-1 presented a more widespread distribution. Moreover, the phosphorylation state of Cofilin-1 [by its cognate kinase LIMK1 (Yang et al., 1998)] in hUCM-MSCs cultured in soft versus stiff substrates also changed. WB analysis showed that the ratio of Cofilin-1 (pSer3)/total Cofilin-1 in hUCM-MSCs cultured on soft substrates was significantly lower than when cultured on stiff conditions (which was also supported by the proteomics data). Our results are in line with a report showing that mechanical force applied to cells via integrins caused Rho/ROCK/LIMK-dependent phosphorylation of Cofilin-1 (Zhao et al., 2007). Moreover, as it was previously shown using Cofilin-1 Ser3 phosphorylation mutants, the non-phosphorylated mimetic (Ser3→Ala) tends to accumulate in the nucleus, while the WT is consistent with a predominantly cytosolic localisation (Nebl et al., 1996). Taken together, our results strongly indicate that Cofilin-1 nuclear localisation increases when cells are cultured on soft substrates, and in these conditions Cofilin-1 is less phosphorylated. On the other hand, on stiff substrates, the protein presents a widespread localisation and is highly phosphorylated on Ser3 by LIMK1. Additionally, Cofilin-1 and other cytoskeletal proteins were recently identified as novel neddylation substrates, suggesting that this post-translational modification could generally modulate cytoskeletal proteins (Vogl et al., 2020). Specifically, Cofilin-1 activity seems to increase when neddylation is inhibited, at least in neurons. Interestingly, NEDD8-conjugating enzyme Ubc12, one of the pivotal proteins for neddylation, was found more abundantly present in the proteome of hUCM-MSCs cultured on the soft 40:1 PDMS substrate (as shown in the proteomics data). This observation prompts us to speculate that regulation of the cytoskeleton by mechanotransduction may involve neddylation of cytoskeletal proteins, and Cofilin-1 in particular, which should be explored in future studies.

The Cofilin-1 localisation data is also consistent with literature indicating that Cofilin-1 is not able to bind to actin filaments which are under tension and/or populated by myosin (Ngo et al., 2016), which would be expected to occur in cells cultured on stiff substrates. We can speculate that, if Cofilin-1 is not able to bind to and depolymerise F-actin filaments into G-actin, the protein should not be able to migrate to the nucleus, since both Cofilin-1 and G-actin seem to migrate together with importin-9 (Pendleton et al., 2003; Dopie et al., 2012).

Knowing that Blebbistatin inhibits NMM-II, promoting the relaxation of the actin cytoskeleton (Engler et al., 2006; Lourenco et al., 2016), and that LPA induces intracellular contractility by activating RhoA and consequently favouring NMM-II activity (Sun et al., 2014), we sought to promote changes in the intracellular tension of hUCM-MSCs to further study the role of Cofilin-1 in mechanotransduction. Hence, by mimicking soft conditions on stiff substrates, and vice versa, using an inhibitor or a stimulator of actomyosin contractility (Blebbistatin or LPA, respectively), we confirmed that hUCM-MSCs respond to these modulators with a significant increase of the nuclear/cytosolic ratio of Cofilin-1 in response to Blebbistatin and a significant decrease in cells incubated with LPA. Moreover, the phosphorylation of Cofilin-1 on Ser3 decreased upon incubation with Blebbistatin and increased in response to LPA. Hence, Cofilin-1 seems to change in terms of intracellular localisation and phosphorylation state in response to low (Blebbistatin or soft substrates) or high (LPA or stiff matrices) intracellular contractility, reinforcing its role as a mechanotransduction player.

It has been reported that Cofilin-1 dephosphorylated on Ser3 is the active form of the protein, becoming capable to severe and depolymerise F-actin (Wioland et al., 2017). As a consequence of F-actin severing or depolymerisation activity, Cofilin-1 remains bound to G-actin, forming a complex that is imported into the nucleus (Dopie et al., 2012; Percipalle, 2013). Hence, our results regarding the increased nuclear presence of Cofilin-1 and its lower phosphorylation on Ser3 (in cells cultured on soft substrates or treated with Blebbistatin) are consistent with the abovementioned literature.

Moreover, our results indicate that soft substrates induce an increase of hUCM-MSCs overall transcriptional activity. In the nucleus, Cofilin-1 (in association with G-actin) was reported to be required for RNA polymerase II transcription elongation (Obrdlik and Percipalle, 2011; Percipalle, 2013). In fact, as a consequence of Cofilin-1 gene silencing, we observed a global decrease of transcription in cells cultured on soft substrates with few to almost non-existent nucleoplasmic foci (which are associated with RNA polymerase II activity) (Szentirmay and Sawadogo, 2000). By performing FLIP assays, we observed that the half-life elongation time of RNA polymerase II was significantly lower in mechanoresponsive fibroblasts (MRC-5 cells expressing GFP-RNA polymerase II) cultured on soft when compared with those cultured on a stiff substrate. This result indicates a higher RNA polymerase II transcription elongation speed in cells cultured on soft comparing to stiff substrates. Therefore, our findings strongly suggest that in soft conditions Cofilin-1 localises preferentially in the nucleus, facilitating transcription through the enhancement of RNA polymerase II transcription elongation.

Overall, our data indicate that Cofilin-1 is a central player of a newly identified mechanism coupling mechanotransduction and regulation of transcription, opening a new avenue for future studies in this field. Other mechanisms involved in the regulation of transcription in response to mechanotransduction stimuli have been reported. Some involve mechanosensitive transcription factors (Mammoto et al., 2012), like YAP/TAZ (Dupont et al., 2011; Morgan et al., 2013), Runx2 (Kanno et al., 2007) or NKX2.5 (Dingal et al., 2015). In fact, the LIMK/Cofilin-1 pathway was shown to modulate the activity of YAP/TAZ by regulating the formation of F-actin and stress fibres. Cofilin-1 depletion leads to high F-actin content and consequent increase in YAP/TAZ nuclear localisation, transcriptional activity, and cell proliferation (Aragona et al., 2013). Other involve changes in nuclear architecture and modulation of chromosome territories. The existence of physical links and bi-directional force transmission between the ECM and the nucleus (namely through the protein-protein interactions existing between integrins and focal adhesion proteins, the cytoskeleton, the LINC complex and the nucleoskeleton) (Jaalouk and Lammerding, 2009; Wang et al., 2009; Yu et al., 2009) influence the nuclear architecture and in turn modulate the genome’s organisation and gene expression (Wang et al., 2009; Shivashankar, 2011, 2019). Another example is a group of epigenetic changes occurring in response to mechanical cues, which can be generically encompassed within the concept of mechanoepigenetics (Missirlis, 2016). Some of the best-known mechanisms concerning chromatin epigenetic modifications in response to mechanical stimuli involve changes in histone acetylation and/or methylation (Downing et al., 2013; Hernandez et al., 2016; Roy et al., 2018; Gerardo et al., 2019), although many of the detailed mechanisms involved remain elusive.

We showed that the proteome of proliferating and undifferentiated hUCM-MSCs changes depending on the stiffness of the extracellular environment. As a consequence of such finding, we identified and characterised Cofilin-1 as a new mechanotransduction player that responds (in terms of abundance, intracellular localisation and phosphorylation/activation state) to changes in the extracellular stiffness and intracellular contractility, playing a significant role in transcription mediated by RNA polymerase II (Figure 7). This study contributes with new fundamental knowledge in cell biology and in particular in the field of cellular mechanobiology, further establishing hUCM-MSCs as being highly mechanosensitive. It also shows that substrate stiffness is a highly relevant aspect for the expansion of this cell type in vitro, with impact in both research and clinical settings.
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FIGURE 7. Schematics illustrating the modulation of Cofilin-1 by substrates stiffness or soluble factors affecting intracellular contractility. Stiff substrates or actomyosin tension induced by LPA favour elevated levels of F-actin, Cofilin-1 phosphorylation and Cofilin-1 adopts a mainly cytosolic localisation. On the other hand, soft substrates or low actomyosin tension caused by treatment with Blebbistatin induce low amounts of F-actin, no Cofilin-1 phosphorylation and Cofilin-1 adopts a nuclear localisation. The presence of Cofilin-1 in the nucleus is consistent with enhanced/faster RNA polymerase II-dependent transcription.
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Pluripotent stem cells (PSCs) have great potential to revolutionize the fields of tissue engineering and regenerative medicine as well as stem cell therapeutics. However, the end goal of using PSCs for therapeutic use remains distant due to limitations in current PSC production. Conventional methods for PSC expansion have limited potential to be scaled up to produce the number of cells required for the end-goal of therapeutic use due to xenogenic components, high cost or low efficiency. In this mini review, we explore novel methods and emerging technologies of improving PSC expansion: the use of the two-dimensional mechanobiological strategies of topography and stiffness and the use of three-dimensional (3D) expansion methods including encapsulation, microcarrier-based culture, and suspension culture. Additionally, we discuss the limitations of conventional PSC expansion methods as well as the challenges in implementing non-conventional methods.
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INTRODUCTION

Pluripotent stem cells (PSCs), including embryonic and induced pluripotent stem cells (ESCs and iPSCs, respectively), are unique for their unlimited self-renewal and ability to differentiate into any cell of the three germ layers. These potentials could revolutionize the fields of disease modeling and regenerative medicine. Conventional PSC expansion methods, including feeder layers and the addition of growth factors to feeder-free culture, have been shown to maintain the undifferentiated state of PSCs efficiently. However, using feeder layers to expand human PSCs (hPSCs) is limited by concerns of transmission of animal pathogens and immunogens for clinical applications (Villa-Diaz et al., 2013) and are laborious to work with, having to culture two types of cells. Additionally, both methods can be irreproducible due to the poorly defined xenogenic culture conditions. Although xeno-free and defined media for hPSC expansion (Chen G. et al., 2011; Baghbaderani et al., 2016; Yasuda et al., 2018) are available, such media are expensive to scale-up for clinical use (Chen et al., 2014). Thus, much research has gone into novel methods that can improve hPSC expansion such as using mechanobiological principles, including surface topography, stiffness and surface modification. Mechanobiological principles have shown promises in reducing or replacing the need for biochemical growth factors in PSC culture (Ireland and Simmons, 2015; Argentati et al., 2019). For example, the transforming growth factor-beta (TGF-β) pathway, which is essential to maintaining hPSC pluripotency (James et al., 2005), can be activated by mechanotransduction, eliminating the need for supplementing TGF-β (Eyckmans et al., 2011; Rys et al., 2016). Use of the synthetic PSC niche is motivated by their low cost and high availability (Brafman et al., 2010; Fan et al., 2015). This review will focus on two types of emerging methods for improving PSC expansion: (1) two-dimensional (2D) methods that employ mechanobiological principles (e.g. topography and stiffness) and (2) three-dimensional (3D) methods of expansion including use of encapsulation, microcarriers, and suspension. Figure 1 summarizes both conventional and emerging strategies for enhancing PSC expansion.
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FIGURE 1. Illustration summarizing conventional methods of PSC expansion as well as mechanobiological strategies and emerging 3D methods for enhancing PSC expansion.


As the field is not yet mature, the majority of studies have used mouse models as groundwork for human PSC studies. It is noteworthy, however, that results are not necessarily consistent between the two species due to differences in pathways associated with maintenance and the state of pluripotency of the cell. Mouse ESCs (mESCs) are in the naïve state of pluripotency, in which there has been no lineage specification (Ying et al., 2008); while hPSCs are in the primed state of pluripotency after isolation from the blastocyte (Huang et al., 2012), though generation of naïve hPSCs has been recently achieved (Zimmerlin et al., 2016; Yang et al., 2017; Lipsitz et al., 2018) with much of the knowledge gained from studying mESCs. Although the overall goal for improvement of PSC expansion, we will discuss mPSC studies in addition to hPSC studies to highlight the importance of mechanobiology in regulating PSC fate as most work in mechanobiology relating to PSC expansion has been done in mouse PSCs (mPSCs). Due to the differences in pluripotency states, the numerous differences in patterns of pluripotency-associated gene expression, morphology, culture requirements, differentiation behavior and molecular profiles will determine different expansion methods for mPSCs and hPSCs (Nichols and Smith, 2009; Davidson et al., 2015). We suggest an excellent review by Davidson et al. (2015) for a comprehensive understanding of the differences and significances of mouse and human pluripotency.



CONVENTIONAL METHODS OF PSC EXPANSION

PSCs are commonly cultured using feeder layers or feeder-free systems (Table 1) that require the use of a biological matrix supplemented with chemical growth factors. Feeder layers consist of cells that create and maintain the stem cell niche required for expanding and maintaining the pluripotency of PSCs (Johnson et al., 2008). Feeder cells provide the biochemical factors required by PSCs for self-renewal and proliferation, along with biophysical cues, including topography and stiffness (López-Fagundo et al., 2016). We suggest a comprehensive review on feeder layers by Llames et al. (2015).


TABLE 1. A summary of conventional methods of PSC expansion with their advantages and limitations.

[image: Table 1]The other conventional methods of culturing PSCs involve using ECM components with cell culture media supplemented with growth factors that regulate genes related to pluripotency (Srinivasan et al., 2016) – either to up-regulate promoters of pluripotency or down-regulate inhibitors of pluripotency. The growth factors used depend on the pathways to be regulated, which depend on the cell type. For example, mPSC culture depends on growth factors such as leukemia inhibitory factor (LIF) (Smith et al., 1988; Williams et al., 1988) to maintain pluripotency, while hPSC maintenance depends on fibroblast growth factor 2 (FGF2) (Dvorak et al., 2006) and Activin A (Beattie et al., 2005). Despite containing animal-derived products (bovine serum albumin), the most commonly used feeder-free media for hPSC expansion is mTeSR media and is typically used with the animal-derived Matrigel coating.

Xeno-free and chemically defined systems have been developed for PSC expansion. However, their high cost limits its use in large-scale production of PSCs (Chen G. et al., 2011). The most basic xeno-free medium for hPSC expansion is Essential 8 (E8). These media are used with a vitronectin coated culture vessel to make the expansion system completely defined and xeno-free. However, E8’s use in hPSC expansion is limited due to inconsistencies and slower growth rates (Hey et al., 2018). Therefore, it is worth exploring the use of physical and mechanical cues in PSC maintenance and expansion, which could improve the large-scale xeno-free expansion. We recommend a book chapter (Srinivasan et al., 2016) for a comprehensive review of conventional hPSC expansion, a review by Dakhore et al. (2018) that compares hPSC expansion media, and a review by Hayashi and Furue (2016) that summarizes substrates used in hPSC expansion.



NON-CONVENTIONAL METHODS OF PSC EXPANSION

Due to the limitations of conventional methods PSC expansion, new expansion methods that improve PSC expansion are needed to make progress toward therapeutic use of PSCs. Additionally, these non-conventional methods aim to improve efficiency, reproducibility and cost. For clinical use, current Good Manufacturing Practice (GMP) is an important aspect to consider. However, most mechanobiological studies of PSC expansion have not covered this area yet. We recommend the recent review by Bedford et al. (2018) for a comprehensive review of cGMP for cell therapy and the review by De Sousa et al. (2016), which reviews cGMP in hPSC expansion specifically.


Two-Dimensional (2D) Non-conventional Methods

2D methods focus on surface and materials properties of the expansion substrate, which can scale-out expansion in 2D and be implemented into a 3D culture for scaling up expansion. The 2D mechanobiological strategies that have been studied include growth factor immobilization (Alberti et al., 2008; Sohi et al., 2018) and micropatterning with proteins (Mosiewicz et al., 2013; Hammad et al., 2016) or other ECM molecules (Meade et al., 2013), surface chemistry (Saha et al., 2011; Kimura et al., 2018), and nanomaterials including graphene (Chen G.Y. et al., 2012) and carbon nanotubes (Akasaka et al., 2011; Pryzhkova et al., 2014). However, we will only discuss topographical cues and stiffness in this review.


Topographical Cues for PSC Expansion

Topography plays a key role in determining PSC fate (Ankam et al., 2013, 2015, 2018; Chan et al., 2013), including maintaining pluripotency and regulating self-renewal and proliferation. Table 2 lists examples of studies of micro and nanotopographies on PSC maintenance and expansion. Studies of hPSCs suggest that smaller topographical features promote their undifferentiated state (Bae et al., 2014; Reimer et al., 2016; Ko et al., 2017). Using a TopoChip with over 1000 patterns made of tissue culture polystyrene (T), small feature size with high feature density were found to promote hPSC pluripotency best (Reimer et al., 2016). Comparatively, another study found that nano-pillars and nano-grooves of around 200 nm on polydimethylsiloxane (PDMS) promoted proliferation and maintenance of hiPSCs in feeder-free conditions (Ko et al., 2017). A study using nanopillars of 120–360 nm in diameter, found that pillars with diameters 120–170 nm retained the most pluripotency marker expression and had the least amount of colony spreading (Bae et al., 2014). Meanwhile, hESCs cultured on vitronectin-coated micro-patterns, binary colloidal crystals of 2 and 5 μm, resulted in improved maintenance of pluripotency (Wang et al., 2018), though this study did not involve nano-sized patterns. In contrast, Chen W. et al. (2012) compared hESC expansion on 150 nm rough glass surface to expansion on a smooth glass surface and found that Oct4 expression of hESCs was lower on the nanorough surface compared to the smooth surface.


TABLE 2. Summary of examples of studies of human or mouse pluripotent stem cells (hPSCs and mPSCs, respectively) on topographical features and their results.
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While topography undoubtedly contributes significantly to PSC maintenance, a common consensus on which topographies are the most important for PSC maintenance has not been reached. Studies have implied that surface topography alone cannot maintain pluripotency (Ankam et al., 2013; Abagnale et al., 2017; Wang et al., 2018). Interestingly, in studies of mPSCs and hPSCs, it was hypothesized that topography affects focal adhesion formation, which affects colony morphology and stem cell fate. Colonies with retained pluripotency and compact, circular morphology on patterned areas showed significantly fewer focal adhesions compared to the colonies that spread out and grew in irregular shapes on flat surfaces (Jeon et al., 2012; Ji et al., 2012; Bae et al., 2014; Ko et al., 2017; Macgregor et al., 2017). Surface topography may prevent focal adhesion formation, which reduces spreading and leads to the compact, circular colonies associated with preserved pluripotency (Hashemi et al., 2011; Jeon et al., 2012; Ji et al., 2012; Kong et al., 2013; Bae et al., 2014; Ko et al., 2017). It has also been hypothesized that topography affects ECM protein adsorption, affecting the cell adhesion, proliferation and morphology, thus synergistically maintaining PSCs (Zandén et al., 2014; Macgregor et al., 2017).



Stiffness of Substrate on PSC Expansion

Substrate stiffness plays a significant role in controlling cellular behavior and stem cell fate. Synthetic biomaterials, including hydrogels, are useful tools for studying the effects of stiffness. Hydrogels can be modified to have different stiffness, depending on the molecular weight or concentration of polymer, and the crosslinking density (Caliari and Burdick, 2016), which depends on crosslinker concentration and crosslinking time. Polyacrylamide (PA) hydrogels (Pelham and Wang, 1997; Mih et al., 2011) and polydimethylsiloxane (PDMS) (Evans et al., 2009; Sun et al., 2012), with large tunable ranges of stiffness are examples used for studying the impact of stiffness on PSCs.

Mouse ESCs were cultured on PDMS substrates with varying stiffness and showed increased cell spreading and proliferation with increasing substrate stiffness (0.041–2.7 MPa) along with increased differentiation (Evans et al., 2009). Similarly, mESCs cultured on a stiff poly-L-lysine/hyaluronic acid (PLL/HA) hydrogel film showed increased cell adhesion and proliferation, while weak cell adhesion, and round colonies retaining pluripotency were observed on the softer PLL/HA films (Blin et al., 2010). Soft PA substrates maintained mESC pluripotency better than stiff substrates including TCPS (Chowdhury et al., 2010a). When cultured on substrates similar to mESC intrinsic stiffness (0.5–0.6 kPa), mESCs had improved self-renewal and retention of pluripotency, thus proposing stiffness matching as a method for maintaining mESCs (Chowdhury et al., 2010b). Later, mESCs cultured on PA hydrogels of varying stiffness preserved their pluripotency regardless of the surface topography, with increased Oct4 and Nanog expression on all soft substrates compared to the stiff substrates; topography only influenced pluripotency on cells cultured on stiff substrates (Lü et al., 2014).

The effects of stiffness observed in mESCs are not translated to hPSCs. There is limited consensus on the effects of stiffness, with some groups finding little to no influence of stiffness on pluripotency (Keung et al., 2012; Maldonado et al., 2015; Przybyla et al., 2016; Price et al., 2017) and others finding the opposite (Musah et al., 2012; Sun et al., 2012; Kim et al., 2018; Sung et al., 2018). Nonetheless, observations made by several groups imply that stiffer substrates are more suitable for hPSC expansion. Using PDMS with effective moduli of 1.92 kPa (soft), 14.22 kPa (medium rigid), and 1218.4 kPa (rigid), hESC cytoskeleton contractility was found to increase with matrix rigidity along with maintained pluripotency (Sun et al., 2012). Consistent with these findings, hESCs and hiPSCs, cultured on PA hydrogels functionalized with a glucosaminoglycan binding peptide, attached better and formed more spread out and robust colonies on substrates coated with and without a Matrigel coating (Musah et al., 2012). The stiffest substrates (10 kPa) were found to support hESC expansion in five different hESC lines, with high levels of YAP/TAZ nuclear localization, an indicator of pluripotency. Later studies also found that YAP/TAZ nuclear localization decreases in soft substrates (Price et al., 2017; Lee et al., 2019). Although YAP/TAZ nuclear localization decreased in soft substrates, pluripotency marker expression remained similar between soft and stiff substrates with higher proliferation in stiff substrates (Price et al., 2017). Similarly, as substrate stiffness increased, cell proliferation increased, and substrate stiffness has an inverse relationship with spontaneous differentiation (Maldonado et al., 2015). Ligand density also affects how cells respond to their substrate stiffness; with the right number of functional groups, soft materials can support hPSC attachment proliferation and self-renewal similar to that of a stiff hydrogel (Lee et al., 2019). Despite the inconclusiveness of exactly how substrate stiffness affects hPSC behavior, especially as material choice also affects pluripotency and the absolute stiffness required for PSC culture, it is clear that stiffer substrates are more suitable for hPSC expansion in contrast with softer substrates for mPSC expansion.



Three-Dimensional (3D) Methods of PSC Expansion

Recently, 3D methods of stem cell culture have gained traction due to the need for scalable stem cell expansion to obtain therapeutically relevant number of cells. 3D cell culture methods offer the opportunity to significantly scale-up the expansion of hPSCs. The 3D methods of PSC culture are divided into three categories: (i) PSC encapsulation in hydrogels, (ii) microcarrier-based 3D PSC culture, and (iii) PSC suspension culture.

A growing body of literature suggests that 3D cell culture systems recapitulate the in vivo microenvironment of cells that could help to improve stem cells expansion. In a landmark study of PSC encapsulation, a defined and scalable 3D cell encapsulation system in a thermo-responsive hydrogel was developed for hPSC expansion and differentiation; it also enabled efficient retrieval of the cells from the hydrogels following expansion, without using the cell dissociation enzymes (Lei and Schaffer, 2013). The cells expanded ∼80-fold in 3D culture compared to ∼9-fold expansion in 2D over 15 days. Cumulatively, 3D cell culture led to 1072-fold expansion over 60 passages (Lei and Schaffer, 2013). PSCs are mechanosensitive as previously discussed; however, the role of biophysical signals and cell-matrix interactions in the context of 3D PSC expansion was not investigated. Scaffolds used for 3D expansion of PSCs should provide a balance between cell–cell contact and cell–matrix interactions (Li et al., 2012). An alginate-based hydrogel with tethered polypeptides comprising of a cell-binding sequence of E-cadherin for 3D PSC expansion has shown to improve the proliferation rate of PSCs without compromising pluripotency marker expression resulting in up to 23-fold higher expansion in HAV10 peptide conjugated gels (Banerjee et al., 2018). Matrix degradability and remodeling by encapsulated PSCs are other parameters that affect PSC fate. Encapsulated PSCs are known to remodel their environment during proliferation and differentiation (Khetan et al., 2013; Madl et al., 2017). However, the capacity of PSCs to remodel the environment and their effect on the pluripotency related markers are poorly understood. This should be studied in greater detail to design more informed and tailor-made 3D scaffolds for enhanced stem cell expansion.

Microcarrier-based systems are another method for PSC expansion, which combine 2D cell adhesion in microcarriers with a 3D configuration of the bioreactor system to expand the area available for PSC expansion. Microcarriers act as supporting substrates for adherent cell culture with a diameter varying from 10 μm up to 5 mm (Le and Hasegawa, 2019). The major benefit of using microcarriers is their capacity to provide large surface areas for cell growth while being compatible with adherent cell culture systems. Cells can form a confluent layer around the microporous microcarrier; while in macroporous microcarriers, they are entrapped inside the pores of the microcarriers (Badenes et al., 2014). Factors including the type of materials used to fabricate the microcarriers, the shape of the microcarrier, and the type of ECM coating used for cell adhesion influence the yield and pluripotency of the PSC culture in a microcarrier system (Chen A.K.L. et al., 2011). For instance, use of matrigel coating led to up to 18-fold higher PSC expansion compared to uncoated microcarriers (Chen A.K.L. et al., 2011). Recently, dissolvable microcarriers have been developed, which allow the retrieval of cells without using enzymatic dissociation (Badenes et al., 2014; Shekaran et al., 2016; Rodrigues et al., 2019).

By leveraging the self-aggregation property of PSCs, suspension-based cell culture systems are being developed to improve yield. Such systems promote cell-cell interactions while inhibiting the cell-matrix interactions. Usually, such systems consist of single cell culture in the presence of rho kinase (ROCK) inhibitor (Olmer et al., 2010; Abbasalizadeh et al., 2012), which supports long-term PSC survival in an undifferentiated state. PSCs grow in a monoclonal fashion and form suspended spheroids of varying sizes. Microfabrication technology has been used to further improve the homogeneity of PSC colonies (Hsiao and Palecek, 2012; Hookway et al., 2016). Optimization of bioreactor hydrodynamic conditions using combinations of static and stirred culture has enabled size-controlled aggregates of hPSCs (Abbasalizadeh et al., 2012). Traditionally, the yield of hPSCs is lower compared to mPSCs in suspension bioreactor cultures (Lipsitz et al., 2018). Recently, Lipsitz et al. found that the use of naïve hPSCs, as opposed to primed hPSCs, was a critical element for enabling high-yield expansion of PSCs (Over all 25-fold expansion; up to 5.7-fold higher compared to primed hPSCs) in suspension culture (Lipsitz et al., 2018). Despite tremendous progress in suspension-based cell culture, more research is needed in maintaining the homogeneity of cell aggregates in scalable suspension culture. Additionally, cells on the surface of the suspension aggregates experience uncontrolled shear stress, which could also lead to heterogeneous cell populations, as shear stress is known to affect stem cell fate (Toh and Voldman, 2011; Vining and Mooney, 2017).



CONCLUSION AND FUTURE OUTLOOK

Conventional methods of PSC expansion have clear and significant limitations in expansion. For development of large scale, defined and xeno-free PSC expansion systems, research should look toward using approaches with mechanobiological principles and 3D strategies for enhancing cell pluripotency retention and proliferation to improve current xeno-free expansion systems. Despite great progress in these fields, studying each physical cue in isolation is difficult as they are interconnected. It is challenging to draw conclusions regarding the effects of topography and stiffness due to many variations in study parameters, while 3D culture systems have much to be optimized. Nonetheless, these non-conventional methods have shown to improve PSC yield in xeno-free systems and thus should continue to be studied. Additionally, studies suggest that mechanobiological cues used with current PSC culture methods can enhance current PSC culture methods. The knowledge obtained in organoid cultures, mechanobiology, new advances in microfabrication and stimulus-responsive materials could contribute to future development of non-conventional systems for scaling up PSC expansion and revolutionize the field of regenerative medicine.
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Mechanomics represents the natural progression of knowledge at the intersection of mechanics and biology with the aim to codify the role of mechanical environment on biological adaptation. Compared to the mapping of the human genome, the challenge of mapping the mechanome remains unsolved. Solving this grand challenge will require both top down and bottom up R&D approaches using experimental and computational tools to visualize and measure adaptation as it occurs. Akin to a mechanical test of a smart material that changes its mechanical properties and local environment under load, stem cells adapt their shape, cytoskeletal architecture, intrinsic mechanical properties, as well as their own niche, through cytoskeletal adaptation as well as up- and down-regulation of structural proteins that modulate their mechanical milieux. Recent advances in live cell imaging allow for unprecedented study and measurements of displacements, shape and volume changes in stem cells, reconfiguring of cytoskeletal machinery (nucleus, cytoskeleton), in response to controlled mechanical forces and stresses applied at cellular boundaries. Coupled with multiphysics computational and virtual power theoretical approaches, these novel experimental approaches enable mechanical testing of stem cells, multicellular templates, and tissues inhabited by stem cells, while the stem cells themselves evolve over time. The novel approach is paving the way to decipher mechanisms of structural and functional adaptation of stem cells in response to controlled mechanical cues. This mini-review outlines integrated approaches and methodologies implemented to date in a series of studies carried out by our consortium. The consortium’s body of work is described in context of current roadblocks in the field and innovative, breakthrough solutions and is designed to encourage discourse and cross disciplinary collaboration in the scientific community.

Keywords: mechanoadaptation, stem cell, live imaging, cell motility, cell adherence, mechanomics


INTRODUCTION

Mechanomics studies the influence of forces on biological structure and function, across length scales, from molecules to cells, to tissues, to organs and organ systems that make up organisms. Mechanomics encapsulates the natural progression of knowledge at the intersection of mechanics and biology, from an understanding of biomechanics and mechanobiology, with the aim to codify the role of mechanical environment on biology. Substituting the words “mechanics” and “genetics,” mechanomics could be considered the mechanics equivalent of genomics, which addresses the role of genetics on structure and function in biology. While the genome includes genes or genetic material encoded chemically (base pairs) and structurally (chromosomes) within a cell or organism, the mechanome comprises the genome’s environmental equivalent that literally shapes the organism at every length scale, throughout organismal life and evolution of species. The mechanome, like the genome, is unique to each individual. Yet the mechanome is not pre-programed at conception. Indeed, the mechanome is quite the opposite–it is adaptive, making it challenging to codify while also compelling to emulate, as a means to promote well being and to harness for therapeutic purposes throughout life (Anderson and Knothe Tate, 2007a; Knothe Tate et al., 2008, 2016a; Knothe Tate, 2017).



EMERGING CONCEPT

The basic concept that forces intrinsic to life on Earth shape the structure, and thereby modulate function and adaptation of living organisms, from conception and throughout life, has a rich history. Centuries of research and observations recorded in a vast body of scientific literature underpin the concept, e.g., among others, Leonardo Da Vinci (1452–1519), Giovanni Borelli (1608–1679), D’Arcy Thompson (1860–1948), and Friedrich Pauwels (1885–1980) (Anderson et al., 2008; Knothe Tate et al., 2016a). Mapping the mechanome is an emerging concept that follows in the progression of the large scale human genome mapping project initiated in 1990 and completed in 2003, where circa 3.3 billion base pairs of the human genome were sequenced and identified (Collins et al., 2003).

In contrast to mapping the human genome, the challenge of mapping the mechanome remains unsolved, likely because it presents further dimensions of complexity, the principal one being the adaptation of living material over time, which itself plays out in development, growth, adaptation and aging of individuals over a lifetime and evolution of species and phyla over generations. Indeed, understanding and mapping the underlying mechanisms of mechanical adaptation of cells and the tissues they create, making up organs and organ systems of living organisms, over time periods ranging from periods of development to lifetimes to evolutionary time periods is a grand challenge of biology (Figure 1) (Knothe Tate et al., 2010b, 2016a).


[image: image]

FIGURE 1. Multiscale and multidisciplinary approaches to mechanomics. (A) Mechanoadaptation of tissues and organs aligns closely with mechanoadaptation at a cellular level, since cells manufacture the structural proteins making up the extracellular tissue matrix and the matrix in turn modulates how exogenous mechanical signals are transferred to cells and their nuclei, after (Ng et al., 2017), used with permission. (B) A recently updated first map of the mechanome includes data points from a number of labs in which volume and shape changing stresses were mapped against time and lineage commitment was noted by the shape of the data point, after (Anderson and Knothe Tate, 2007a; McBride et al., 2008; Ng et al., 2017), used with permission. (C) Fate map for mesenchymal stem cells. Mesenchymal condensation (blue dotted box, E11.5 in the mouse), the first step in skeletogenesis, is followed by lineage commitment toward chondrogenic (orange), osteogenic (blue), and adipogenic (green) fates. Transcription levels for factors (red and blue font) at points in time can be used to benchmark stages of development along specific lineages, after (Song et al., 2013), used with permission. (D) Each oval represents a 95% confidence area for specific lineage commitment (indicated by color) associated with areas ranges of shear and normal stress states, some of which overlap, after (Song et al., 2013), used with permission.


Solving this grand challenge will require both top down and bottom up R&D approaches using experimental and computational tools to visualize and measure adaptation as it occurs (Anderson et al., 2005; Anderson and Knothe Tate, 2008). Top down approaches start with the big picture, in full cognizance of the system complexity, and provide invaluable contextual information regarding the system’s building blocks, i.e., cells, in their natural and or model environments. Bottom up approaches piece together units to build complexity (Knothe Tate, 2011). In the context of mechanomics, one could argue that the most basic unit comprises the totipotent and/or pluripotent stem cell which itself arises from the fertilized egg, through which the complex organismal system emerges over a lifetime.

Akin to a mechanical test of a smart material that changes its mechanical properties and local environment under load, stem cells adapt their shape, cytoskeletal architecture, intrinsic mechanical properties, as well as their own niche, through cytoskeletal adaptation as well as up- and down-regulation of structural proteins that modulate their mechanical milieu. Recent advances in live cell imaging allow for unprecedented study and measurements of displacements, shape and volume changes in stem cells, their cytoskeletal machinery (nucleus, cytoskeleton) and local environment, in response to controlled mechanical forces and stresses applied at cellular boundaries. Together, these enable experimental studies akin to mechanical testing of stem cells, multicellular templates, and tissues inhabited by stem cells, while the stem cells themselves evolve over time. The approaches are paving the way to decipher mechanisms of structural and functional adaptation of stem cells in response to controlled mechanical cues (Anderson et al., 2008; McBride and Knothe Tate, 2008; Song et al., 2010, 2012, 2013; McBride et al., 2011a).

Similarly, new approaches to mechanics of materials enable characterization of the cell’s stress state using virtual power theory. This mathematical approach predicts the energy expended over time (power) during a virtual mechanical test of an idealized cell model, where the cell is idealized as a collection of infinitesimally small material elements. Through iterative implementation of the model, mechanoadaptation of a cell can be predicted over time (Knothe Tate et al., 2016b). Displacements and/or stresses and strains measured in the experimental models noted above serve as inputs for the analytical and/or computational models and enable formation of mechanome maps based on 95% confidence intervals of actual data (Figure 1) (Song et al., 2013).

This mini-review outlines integrates different approaches and methodologies implemented to date (provided below section “Different Approaches”) in series of studies carried out by our consortium. This body of work is described context of current roadblocks in the field (Current Research Gaps) and innovative, breakthrough solutions (Future Developments in the Field). While the focus of the mini-review is on presenting for the first time an integrative perspective on studies from our consortium, we aim to raise awareness, encourage discussion and build collective understanding through interactive posting of comments and insights as part of the online Frontiers publication.



DIFFERENT APPROACHES

A multitude of models and approaches are necessary to unravel the complexity of multiscale mechanoadaptation via cells (Figure 2). Through a breadth of studies modeling prenatal development and postnatal healing, the exquisite mechanosensitivity of stem cells to their mechanical environment has been documented (McBride et al., 2008). While this mini-review focuses on our consortium’s body of work, recent reviews and original articles offer further perspectives, i.a. (Heo et al., 2015; Steward and Kelly, 2015; Le et al., 2016; Ladoux and Mege, 2017; Stumpf et al., 2017; Ni et al., 2019).


Engineering and Culture of Model Tissue Anlagen or Templates

Consortium studies from over a decade ago demonstrated the modulatory effect of cell density seeding protocol (either seeded at density or proliferated to density) on baseline gene expression of transcription factors indicative of pre-, peri-, and post-mesenchymal condensation, an event marking the initiation of skeletogenesis in the embryo and occurring at development stage E11.5 in the mouse. Remarkably, through the choice of stem cell seeding protocols or biophysical effects intrinsic to cell density at seeding, it was possible to form model tissue templates and to guide their differentiation toward mesenchymal condensation (McBride and Knothe Tate, 2008; Zimmerman and Knothe Tate, 2011). Through imaging and gene transcription studies it could be shown that increasing density at seeding results in changes to stem cell volume while seeding at density compared to proliferating to density results in changes to stem cell nucleus shape. Hence cell seeding density and protocols for reaching density provide physical mechanisms by which force transmission between cells can translate to conformational and gene transcription changes within the nucleus (Zimmerman and Knothe Tate, 2011).



Development and Implementation of a Testing Platform for Controlled Mechanical Testing of Model Tissue Templates

To study effects of controlled mechanical forces on stem cell lineage commitment, our consortium aimed to identify experimental platforms that mimicked physiological conditions while introducing minimal artifacts and enabling live cell imaging during testing procedures (Figures 2F,G) (Sorkin et al., 2004; Anderson et al., 2006; Anderson and Knothe Tate, 2007b). In testing then state-of-the-art, commercialized parallel flow chambers used in mechanotransduction studies, we discovered that none of the commercialized chambers studied delivered the flow regimes predicted by fluid dynamics. The lack of reproducibility of flow regimes between chambers, within and between manufacturers, called into question the comparability of a host of published studies using such chambers. In addition, none of the commercialized chamber manufacturers had tested flows in the presence of cells (Anderson et al., 2006; Anderson and Knothe Tate, 2007b).

Hence we developed an R&D program integrating computational fluid dynamics simulations (computational) and bench top imaging and fluid dynamics studies to study flows in the absence and presence of cells (Figures 2F,G). These studies enabled development of a novel perfusion chamber platform, which we provided on an open source, at cost basis (Anderson et al., 2006; Anderson and Knothe Tate, 2007b), and commercialized non-exclusively by Harvard Apparatus for industry. The so-called ProFlow chamber lent itself for studies of cells seeded on coverslips, permeable membranes, PDMA substrates, and tissue templates and subjected to low, laminar flow regimes typical for in vivo mechanical environments (Harvard apparatus catalog).

Contrary to contemporary understanding at the time, our consortium’s series of studies showed that flow regimes exposed cells and multicellular templates not only to the expected shear (deviatoric) stresses at fluid-cell and cell-cell interfaces but also to normal stresses (dilatational: compression, tension) (Figure 2G) (Figures 2F,G) (Song et al., 2013). Furthermore, through spatiotemporal control of flow velocities (achieved through chamber geometries and/or flow pumps), changes in fluid viscosity, and template design considerations (seeding density and protocol), the platform proved ideal to deliver controlled shape (deviatoric) and volume (dilatational) stresses to cells within the chamber while imaging volumes within the chamber, using a laser scanning confocal or multiphoton microscope (Anderson et al., 2005, 2006; Anderson and Knothe Tate, 2007b, 2008; McBride et al., 2008).
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FIGURE 2. Cross length and time scale experimental and coupled computational approaches to map the mechanome. (A) Ultra high resolution digital image correlation and (B) strain mapping of the periosteum milieu using high definition television lenses and ex vivo loading of the sheep femur to mimic stance shift loading after treatment of a critical sized defect with periosteum in situ. After (Knothe Tate et al., 2007; McBride et al., 2011a), used with permission. (C) High resolution imaging of collagen (green) and periosteum derived stem cell nuclei ex vivo to visualize hypothesized mechanism of modulating stem cell quiescence via loss of intrinsic prestress with injury. After (Yu et al., 2017), used with permission. (D,E) In its natural, healthy state, periosteum is attached under prestress to every bone surface like Velcro, through a multitude of collagenous Sharpey’s fibers. When the Sharpey’s fibers become detached, e.g., due to trauma, the pre-tensioned, crimped collagen relaxes and becomes more crimped (less stretched), after (Yu et al., 2017), used with permission. (F) Using computational fluid dynamics predictions and computer-aided design and manufacture, perfusion chambers were manufactured to deliver precise volumetric flow fields to cells and tissue templates cultured within. The system was designed to enable concomitant microscopy, demonstrating the effect of cells themselves on local flow fields, when seeded at low density (top) and at near confluence (bottom), after (Song et al., 2010, 2012, 2013), used with permission. (G) After full computational and experimental validation of the system, including mechanical stresses delivered and resulting deformation on cell/tissue surfaces, tissue templates were tested using the same experimental platform and paired with multiphysics computational methods to enable near-real time mechanical testing of cells and tissue templates as they evolve (change phenotype and/or change their baseline gene expression of transcription markers typifying lineage commitment pathways), after (Song et al., 2010, 2012, 2013), used with permission. ∗Indicates a significant differences, as defined by a p < 0.05.


Using micro-particle image velocimetry (micro-PIV), we calculated the precise flow field in each plane of focus of the microscope by measuring the direction and distance traveled of micron sized fluorescent particles introduced into the fluid, and then visualized the flow field in three dimensions, in the absence and presence of cells (Song et al., 2010; Song et al., 2012) (Figures 2F,G). Similarly, we calculated displacements on cell surfaces by tracking displacements of microspheres coated with Concanavalin A, a lectin carbohydrate binding protein that binds covalently to the glycocalyx of the cell (Song et al., 2013). In this way, we measured at subcellular resolution the delivery of forces and the resulting deformation of the cell or cell constructs/tissue templates in near-real time (Song et al., 2010, 2012, 2013) (Figures 2F,G).

The spatial and temporal data including the flow fields and cells/tissue templates were used as inputs for a coupled multi-physics computational model (Figure 2G), enabling calculation of changes in modulus of elasticity of the cells over time as well as between experimental cohorts of different seeding densities, protocols and substrates/tissue templates. This, together with measurements of changes in baseline gene transcription of factors indicative of lineage commitment (osteogenesis, chondrogenesis, adipogenesis, vasculogenesis, and hematopoiesis) provided thousands of single cell data points that could be depicted as 95% confidence intervals, relating stress and strain to lineage commitment (Figure 1D), forming the basis of the first mechanome map of model embryonic murine mesenchymal stem cells (Song et al., 2013).



Role of Cell and Nucleus Shape, Volume as Well as Cytoskeletal Proteins Actin and Tubulin in Mechanoadaptation

In our consortium’s earliest studies of mechanoadaptation, we realized that cell fixation itself changed the shape and volume of individual cells, underscoring the importance of live cell imaging in study of mechanoadaptation (Zimmerman and Knothe Tate, 2011). Live imaging required the use of new methods to assess cytoskeletal proteins including compression resisting tubulin and tension resisting actin. Initial work used the BacMam vector to tag fluorescently actin or tubulin monomers during transcription and live imaging to follow the tagged monomers in space and time within cells exposed to forces through seeding density/protocols and/or delivery of forces via flow (Chang and Knothe Tate, 2011; Zimmerman and Knothe Tate, 2011) In addition to exerting dilatational (pressure) forces on cells, increasing seeding densities were observed to result in higher concentrations (fluorescence intensities) of tubulin within the cell (Zimmerman and Knothe Tate, 2011). Exposure to normal and shear stresses via fluid flow, in combination with seeding density resulted in differential expression of actin in the cells (Chang and Knothe Tate, 2011). Hence, the mechanical loading and imaging platform lent itself well for observation and measurement of mechanoadaptation in stem cells via cytoskeletal re-/modeling.

To characterize mechanoadaptation as a function of changes in cell and nucleus shape and volume concomitant to cytoskeletal re-/modeling, new methods were recently developed for cells seeded on substrates and tissue templates as well as cells ingressing into Matrigel-based, tissue templates (Putra et al., 2019 accepted conditional to revision). It is expected that these methods will enable prospective probing of the mechanome, i.e., application of mechanical loads predicted to lead to desired differentiation (from 95% confidence intervals of retrospective plots) and testing of efficacy in achieving target lineages.



Modulation of Mechanoadaptation Through Control of Boundaries via Cell-Cell Adhesion Complexes

To mimic processes of emergent architecture and loss of such architecture in a controlled model of tissue neogenesis our consortium developed novel models using primary mouse and human mesenchymal cells. We first used primary mouse mesoderm stem cells from wild type mice and a mouse model with conditional knockout for beta-catenin, a protein linking cell-cell adhesion proteins (cadherins) to the actin cytoskeleton within the cell (Falls et al., 2008; Knothe Tate et al., 2010b). Mesoderm was resected, dissociated and cultured from embryonic mice at E11.5, the stage when mesenchymal condensation initiates. Cells from conditional knockouts were compared to wild type cells under exposure to low amplitude (1 dyn/cm2) flow. Exposure of primary murine mesodermal cells to stress via fluid flow significantly up-regulated Col1a1 transcription in the cells lacking β-catenin and down-regulated transcription in cells not lacking β-catenin. Transcription of Sox9 and AGC, Runx2 and Osx, and Ppar-γ (transcriptional markers of chondrogenesis, osteogenesis, and adipogenesis, respectfully) was not significantly affected by exposure to flow. Previous studies showed that cells lacking β-catenin do not reassociate in culture to the same degree as normal cells after dissociation from the mesoderm. Using computer models, we demonstrated that more isolated cells (lacking β-catenin) would be exposed to higher levels of stress than reassociated, normal cells. These data showed, for the first time to our knowledge, that gene transcription activity of primary embryonic mesenchymal cells can be modulated by mechanical cues even in the absence of β-catenin, a protein that links cadherins to the cytoskeleton (Falls et al., 2008; Knothe Tate et al., 2010b).

In a second study we created a biosynthetic platform to mimic processes of cellular self assembly and emergent phenotype at early stages of tissue neogenesis, e.g., during postnatal healing. Using primary mesenchymal stem cells derived from human periosteum (PDCs), our consortium engineered solid-supported lipid bilayers (SSLB) to model large scale cell membranes. PDCs express both N-cadherin, a hallmark of mesenchymal condensation, and ZO-1 proteins which build tight junctions and confer epithelial membrane function. By functionalizing the SSLBs with recombinant N-cadherin and using different cell seeding densities and protocols to probe cell aggregation and emergent tissue architectures it was possible to engineer prospectively cellular contexts similar to mesenchymal condensations and formation of epithelia, two key tissue architectures underpinning tissue and organ development and physiology (Evans et al., 2013).



Coupled Computational – In vivo Models of Postnatal Tissue Genesis in Critical Sized Defects

While in vitro experimental platforms enable significantly greater control of variables than in vivo approaches, it is essential to observe processes in physiologically relevant contexts to maximize translation to human wellbeing and health outcomes. In vivo models themselves are also idealized approximations of true system complexity intrinsic to human physiology and, though idealizing true system complexity, are in some cases invaluable for understanding and elucidating mechanisms of adaptation. For example, our consortium carried out a series of in vivo ovine experiments to study postnatal healing of critical sized bone defects via stem cells. The series of studies tested the efficacy of periosteum, a niche for stem cells, and/or periosteum substitutes mimicking the natural tissue as a delivery vehicle for stem cells and tissue genesis via the stem cells. Though the study design was relatively simple, the number of variables and their interactions was not trivial (Knothe Tate et al., 2007, 2010a, 2011; Knothe et al., 2010; McBride et al., 2011a, b, c; Moore et al., 2016).

To understand the interplay between mechanics, mechanically modulated transport of cells and molecular factors, tissue genesis via stem cells, and subsequent cell and tissue differentiation in the series of in vivo ovine models, we would have had to carry out thousands of experiments to probe each permutation as well as interactions of the respective variables. Instead we developed a mechanistic, mathematical model to predict the dynamics of tissue neogenesis by mesenchymal stem cells deriving from the periosteum or a periosteum substitute implant. By coupling a mechanical finite element model with a cell dynamics model, we simulated the clinical scenario by which a patient’s own periosteum or a novel substitute periosteum implant would be used to heal a critical sized bone defect in a human patient. The model predictions, which incorporated mechanical feedback, matched spatial and temporal patterns of tissue neogenesis and differentiation observed in the series of preclinical (ovine) experiments. The model platform incorporating computational, physical and engineering science approaches with an understanding of cell and developmental biology, provides a platform to test new hypotheses in silico (Moore et al., 2014, 2016).



In situ Imaging – Mechanical Regulation of Live Progenitor Cell Niche Quiescence ex vivo

In the in vivo model we observed, from quantitative histological analysis coupled with cellular resolution digital image correlation (live mechanical testing) of tissue strains under stance shift loading, that volumes of maximal tissue genesis in the defect correlated with areas of periosteum which had the greatest shift in baseline strain prior to and after surgery (Figures 2A,B) (McBride et al., 2011a, b) (Figures 2A,B). Previous in vitro studies showed that periosteum is prestressed in situ, like curly hair that is stretched and held in place; upon release of the periosteum from bone surfaces, the tissue shrinks (Figures 2C,D) (McBride et al., 2011c). We hypothesized that stem cell adherence and motility are regulated mechanically but needed a way to see how changes in stress state of the periosteum were felt by individual cells. We initiated a live cell and second harmonic imaging of collagen study on fresh, ex vivo tissue preparations of periosteum. In the natural, prestressed state, collagen was stretched out and cells were adherent with a flattened shape. Upon release of the prestress, collagen curled up slightly and cells rounded (Figures 2C–E), providing evidence for our working hypothesis that the mechanical state of the tissue may regulate stem cell shape and, potentially motility and later lineage commitment (Figure 2E) (Yu et al., 2017).

While these studies continue, the concept that injury to a stem cell niche exerts mechanical effects that may modulate cell behavior is new. Of course, these mechanical effects occur simultaneous to release of cytokines and other healing modulatory biochemical factors, the molecular transport of which is modulated by prevailing mechanical stress states. Nonetheless, the concept of a mechanical trigger for regulation of stem cell quiescence is quite exciting in a therapeutic and in an engineering design context (Knothe Tate et al., 2016b).



CURRENT GAPS AND FUTURE DEVELOPMENTS IN THE FIELD

Given the burgeoning body of evidence, at virtually every length and time scale addressed by scientific investigation and discovery to date, an understanding of mechanomics is key to elucidating mechanisms of stem cell behavior in context of tissue neogenesis, both during prenatal development as well as postnatal healing. Integration of top–down and bottom–up approaches, and use of a multivalent toolset including live imaging across length and time scales, computational modeling, creation of benchmarking research tools such as validated flow/imaging chambers and microfluidics platforms, and models that cross species as well as development contexts, enables unraveling of the system complexity in different physiological contexts. Integration of engineering with fundamental biology and chemistry and physics approaches is also key; until educational training catches up with these multidisciplinary needs, research and development teams can aim for diversity across disciplines and cultural contexts to develop, test and probe with new scientific platforms that enable deciphering of emergent behavior underpinning life and living architectures of tissues, organs, and organisms comprising organ systems (Knothe Tate, 2017). Validation of new platforms, from microfluidics to organoid models, is essential, to insure that datasets are comparable between labs and are relatable across length scales and experimental models.
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Articular joints are comprised of different tissues, including cartilage and bone, with distinctive structural and mechanical properties. Joint homeostasis depends on mechanical and biological integrity of these components and signaling exchanges between them. Chondrocytes and osteocytes actively sense, integrate, and convert mechanical forces into biochemical signals in cartilage and bone, respectively. The osteochondral interface between the bone and cartilage allows these tissues to communicate with each other and exchange signaling and nutritional molecules, and by that ensure an integrated response to mechanical stimuli. It is currently not well known how molecules are transported between these tissues. Measuring molecular transport in vivo is highly desirable for tracking cartilage degeneration and osteoarthritis progression. Since transport of contrast agents, which are used for joint imaging, also depend on diffusion through the cartilage extracellular matrix, contrast agent enhanced imaging may provide a high resolution, non-invasive method for investigating molecular transport in the osteochondral unit. Only a few techniques have been developed to track molecular transport at the osteochondral interface, and there appear opportunities for development in this field. This review will describe current knowledge of the molecular interactions and transport in the osteochondral interface and discuss the potential of using contrast agents for investigating molecular transport and structural changes of the joint.
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INTRODUCTION

Within a lifetime joints can undergo changes and progressive degeneration as a result of natural ageing or injury. These are the primary risk factors for the development of osteoarthritis (OA), a painful and debilitating condition affecting millions worldwide (Felson et al., 2013; Sanchez-Adams et al., 2014). The joint is a complex structure that relies on mechanical and biological integrity to function properly. To investigate these events, mechanobiology has emerged as a field that can address the dynamic interactions between cells and their mechanical environment. Understanding the complex interactions of the joint tissues, as well as the cellular, biochemical and mechanical responses at work, may provide insights into joint degeneration and OA (Lepage et al., 2019).

The joint is comprised largely of bone and cartilage, separated by an osteochondral interface that is comprised of deep layers of cartilage and the underlying subchondral bone. These individual components interact cooperatively to make a complex functional unit (Yuan et al., 2014). Due to the proximity of the joint layers, homeostasis is maintained through tightly regulated mechanoregulatory pathways that facilitate communication between tissues and responses to the environment (Li et al., 2013). Among the signaling molecules involved, transforming growth factor-β (TGF-β) and the protein Wnt, are key components in the development, growth, maintenance and repair of cartilage. Alterations in these pathways contribute to OA progression (Finnson et al., 2012).

In response to mechanical or biological stimuli, increased vascular activity and angiogenesis occurs in the subchondral bone. This process is largely mediated by vascular endothelial growth factor (VEGF), expressed by multiple sources within the joint. During OA, new blood vessels invade the deep layers of articular cartilage creating porous channels between the tissues. The newly formed channels increase the capacity for transport across the bone-cartilage interface, suggesting a direct path for the migration of biological factors and nutrients, thus enhancing the overall crosstalk and molecular interactions at the osteochondral interface (Greenwald and Haynes, 1969; Lane et al., 1977). Despite evidence for increased transport via vascular channels from the subchondral bone, the primary route for nutrients to access the extracellular matrix (ECM) and chondrocytes of the articular cartilage is via diffusion (Pan et al., 2009; Sharma et al., 2013; Villalvilla et al., 2013).

Both molecular size and mechanical loading affect diffusion transport rates at the osteochondral interface (Malinin and Ouellette, 2000; Sophia Fox et al., 2009; Di Luca et al., 2015). There is evidence to suggest an increase in molecular transport in OA, however, a lack of understanding of how materials transport to and from the tissues still remains, limiting our ability to develop new treatments for OA (Yuan et al., 2014). Since contrast agents may also be transported via diffusion through the cartilage ECM, contrast agent enhanced imaging modalities such as fluorescence microscopy, magnetic resonance imaging or X-ray computed tomography (CT), may serve as efficient, non-destructive techniques for investigating molecular transport at the osteochondral interface (Joshi et al., 2009; Kulmala et al., 2010; Choi and Gold, 2011; DiDomenico et al., 2018; Pouran et al., 2018). To date, few studies using contrast agent-based imaging have been performed to investigate solute transport through articular cartilage (Kulmala et al., 2010; Silvast et al., 2013; Arbabi et al., 2015; Kokkonen et al., 2017).

This review describes the structure and biological properties of the osteochondral interface, providing background for the reader. Followed by current knowledge on molecular interactions and transport at the osteochondral interface. Finally, we seek to highlight methods for investigating molecular transport, specifically with a view to understanding transport across the osteochondral interface and changes induced by disease progression.



THE OSTEOCHONDRAL INTERFACE IS A KEY STRUCTURE IN JOINT PATHOPHYSIOLOGY

The osteochondral interface is a gradient tissue that consists of articular cartilage ∼90%, calcified cartilage ∼5%, and subchondral bone ∼5% (Figure 1). These tissues present different structural, mechanical and biological properties allowing the individual components to interact cooperatively forming an integrated functional unit (Yuan et al., 2014; Longley et al., 2018).
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FIGURE 1. The osteochondral interface and bone and cartilage zones. The osteochondral interface lies between the connecting layers of articular cartilage and subchondral bone. The articular cartilage consists of three zones: superficial zone, transitional zone, and deep zone and finishes at the tidemark. Below this lies the calcified cartilage layer. The subchondral bone is located below the calcified cartilage and consists of the subchondral bone plate and subchondral trabecular bone. Vascular channels lie within the subchondral bone.


The articular cartilage consists of three zones, beginning at the joint space and finishing at the tidemark: (1) superficial zone (at the articular surface); (2) transition/middle zone, and (3) radial/deep zone (Sophia Fox et al., 2009; Suri and Walsh, 2012). This is followed by the tidemark and adjoining calcified cartilage layer. The subchondral bone layer lies at the bottom and includes the subchondral bone plate (Figure 1).

Articular cartilage is an avascular and alymphatic tissue, composed of ECM and embedded chondrocytes. Chondrocytes constitute only 2% of the total volume in cartilage and are responsible for the synthesis of the ECM (Hunziker et al., 2002). As they are the sole cell type present, chondrocytes are essential for maintaining cartilage integrity, by responding to growth factors, mechanical loads, and other physicochemical stimuli (Muir, 1995; Akkiraju and Nohe, 2015).

The ECM is comprised largely of collagen type II and proteoglycans. These components retain water within the cartilage, providing strength and stabilization to the tissue (Sophia Fox et al., 2009). The composition of ECM, its water content, and cell density vary in the different layers. The superficial zone makes up ∼10–20% of articular cartilage thickness, has the highest density of chondrocytes, and collagen fibrils that are tightly packed and aligned parallel to the articular surface. It also has the highest water content (∼80%) and solute transport compared to other zones (Eyre, 2002; Akkiraju and Nohe, 2015).

The transition zone makes up ∼40–60% of cartilage thickness. This layer has a low density of chondrocytes with cells spherical in shape. The collagen fibers are thick and have an oblique orientation (Sophia Fox et al., 2009).

The deep zone makes up ∼30% of cartilage thickness. This layer has the highest level of proteoglycans and the lowest water content (∼60%). The chondrocytes are aligned in typical columns, perpendicular to the articular surface. Collagen fibers are thick and orientated parallel to the cell columns (Sophia Fox et al., 2009).

The layer that interfaces with the subchondral bone is the calcified cartilage, anchoring the articular cartilage to the bone with collagen fibers of the cartilage deep zone (Martel-Pelletier et al., 2008). The calcified layer is split into zones by the tidemark and presents characteristics of both cartilage (the deposition of collagen type X) and bone (presence of alkaline phosphatase and mineral deposits). It contains a very low density of hydrophobic chondrocytes (Martel-Pelletier et al., 2008).

The subchondral bone is comprised of both inorganic and organic components. Crystalline hydroxyapatite is the most abundant inorganic component of the bone matrix, while calcium, carbonate, phosphate and other inorganic elements are also present at low levels (Feng, 2009). The organic components are collagen type I fibers (90%), and proteins including enzymes, cytokines, and growth factors. The subchondral bone contains vessels and channels which are essential for supplying nutrients to the bone and potentially the deeper layers of cartilage, thus also providing transport pathways for signaling molecules and factors across the osteochondral interface (Robling et al., 2006; Li et al., 2013).

With the onset of OA (Figure 2), the subchondral bone plate begins to thicken and perforate. The bone is a poor-quality (low mineral) bone, the trabecular architecture alters, and bone cysts appear. In the cartilage, there is a breakdown in the collagen network, leading to swelling and eventual reduction in proteoglycan content, as well as fissures and cracks across the osteochondral interface. The tidemark becomes irregular. Additionally, bone remodeling stimulates new vascularization and nerve growth from already formed blood vessels and nerves in the subchondral bone (Goldring and Goldring, 2016; Lepage et al., 2019). These structural alterations are tightly linked to molecular signaling interactions at the osteochondral interface.
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FIGURE 2. Differences between normal and osteoarthritic osteochondral tissues. The features of the healthy osteochondral interface are homogeneous articular surface, normal chondrocytes and vascularization of the subchondral bone. With the onset of OA, the articular surface exhibits fissures; chondrocyte hypertrophy and clusters; while cysts appear in the calcified cartilage; with increased angiogenesis and nerve growth penetrating the tide mark; and decreased bone mineral density and increased bone formation in the subchondral bone.




MOLECULAR SIGNALING INTERACTIONS AT THE OSTEOCHONDRAL INTERFACE

Among the diverse mechanoregulatory pathways involved in joint pathophysiology, TGF-β and Wnt play an integral role in both the maintenance and degradation of cartilage via signaling across the osteochondral interface. Specifically, deregulation of TGF-β and Wnt signaling causes instability in ECM structure and function, and alters chondrocyte development, contributing to OA progression (Finnson et al., 2012).


TGF-β

The TGF-β family are multipurpose growth factors that play a fundamental role in cartilage development, homeostasis and repair. They consist of up to 35 members including TGF-βs, bone morphogenetic proteins (BMPs), growth and differentiation factors (GDFs) and activins (Finnson et al., 2012; Thielen et al., 2019). To initiate signaling (Figure 3), growth factors bind to membrane-bound activin-like kinase receptors (ALK5 or ALK1), in turn activating SMAD2/SMAD3 phosphorylation or SMAD1/5/8 signaling pathways, respectively. The availability of TGF-β determines which signaling pathway is activated (Remst et al., 2014; van der Kraan, 2017). During regular physiological loading of healthy joints, readily available TGF-β will signal via the ALK5-SMAD2/3 pathway, thus driving a protective role for cartilage by maintaining chondrocyte metabolism and survival. In a pathologic setting such as OA or in aging, the role of TGF-β may shift and the ALK1-SMAD1/5/8 pathway dominates. This causes a hypertrophic phenotype in chondrocytes, resulting in an imbalance in ECM turnover (Retting et al., 2009; Li et al., 2010; Chen et al., 2012). The TGF-β/SMAD signaling pathways are essential for maintaining cartilage integrity and importantly, chondrocyte function.
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FIGURE 3. Schematic representation of the signaling pathways of TGF-β and Wnt involved in joint pathophysiology. TGF-β can bind to ALK5, that activates SMAD2/3 leading to chondrocyte homeostasis (blue pathway arrows). TGF-β can also bind to ALK1, activating SMAD1/5/8 that may lead to hypertrophic phenotype of chondrocytes (red pathway arrows). Wnt binds to receptors Fz or LRP5/6 activating β-catenin synthesis. A healthy expression of β-catenin leads to bone/cartilage homeostasis (purple pathway arrows) while imbalanced β-catenin can result in an OA-phenotype (pink pathway arrows).


The importance of TGF-β in OA has been well established in numerous studies to date. Animal models with genetic alterations in signaling molecules of the TGF-β pathway including Smad gene mutations, ALK5 knock-outs, and overexpression of TGF-β receptor II develop features of OA, including cartilage damage and alterations in chondrocyte differentiation (Serra et al., 1997; Yang et al., 2001; Blaney Davidson et al., 2006; Shen et al., 2013; Wang et al., 2017). Mice with modifications to the Smad3 gene show a loss of articular cartilage, reduced proteoglycans and increased chondrocyte differentiation (Yang et al., 2001). Conditional knockout mice for TGF-β receptor II in chondrocytes specifically, developed a severe form of OA-like disease with hypertrophic chondrocytes and degraded cartilage (Shen et al., 2013).

TGF-β signaling also contributes to cartilage maintenance and integrity by controlling inflammatory cytokine production. The proinflammatory cytokines, IL-1β and TNF-α are produced by multiple sources in joint tissue including chondrocytes (Wojdasiewicz et al., 2014). They are potent inducers of matrix metalloproteinases (MMPs) that are responsible for cleaving ECM components to maintain normal matrix remodeling and excessive degradation of cartilage during OA (Vincenti and Brinckerhoff, 2001; Burrage et al., 2006; Wojdasiewicz et al., 2014). The proteases MMP-1 and MMP-13 are among the most prevalent in OA cartilage and target collagens I, II, and III, thus contributing directly to disease progression (Mitchell et al., 1996; Vincenti et al., 1998; Martel-Pelletier et al., 2008). Another key activator of MMPs in OA tissue is the Wnt glycoproteins. The Wnt signaling pathway has a key role in maintaining cartilage and bone homeostasis (Zhou et al., 2017).



Wnt Signaling

One of the common pathways that Wnt molecules use to drive their downstream transcriptional events is the canonical signaling pathway (Figure 3). Wnt binds to its receptors, Frizzled (Fz) and low-density lipoprotein receptor-related protein 5/6 (LRP5/6), activating β-catenin synthesis which in turn accumulates in the cell nucleus for use in gene transcription. In the absence of Wnt, β-catenin is degraded and prevented from translocating to the cell nucleus (Krause and Gregory, 2012; Li et al., 2012). There is a fine balance between the level of Wnt-Fz activation and the accumulation of β-catenin in cells that can escalate to an OA-like phenotype. Both excessive and insufficient Wnt activation, as well as increased and reduced β-catenin signaling, can result in cartilage degradation, chondrocyte apoptosis, subchondral bone damage and osteophyte formation (Lories et al., 2007; Zhu et al., 2008, 2009; Zhou et al., 2017).

Mice with a chondrocyte-specific transgene for β-catenin and T cell factor (ICAT) have reduced β-catenin signaling that causes significant articular cartilage damage and high levels of chondrocyte apoptosis (Zhu et al., 2008). Similarly, preventing the natural degradation of β-catenin (which occurs in the absence of Wnt-Fz activation) by inhibiting the kinase, GSK3β, results in reduced β-catenin signaling (Miclea et al., 2011). Mouse cultured metatarsal explants with the GSK3β inhibitor had reduced chondrocyte proliferation, loss of proteoglycans and cartilage degradation. Microarray analysis showed increased MMP expression and down-regulation of cartilage ECM proteins (Miclea et al., 2011). On the contrary, transgenic mice with conditional β-catenin activation have an increase in β-catenin levels in articular chondrocytes. This causes an overall accelerated OA-like phenotype with increased rates of chondrocyte development (Zhu et al., 2009).



TRANSPORT AT THE OSTEOCHONDRAL INTERFACE

The presence of vascular networks in the subchondral bone and, to a lesser extent, the calcified cartilage regions of normal healthy joints has been well established (Bullough and Jagannath, 1983). Early evidence for these transport pathways was observed using electron microscopy in healthy tissue. This included the appearance of holes with vessel-like features in the subchondral bone of human tibias (Duncan et al., 1987). Studies done in the joints of rabbits and canines further supported these observations showing small vascular canals and capillaries running through the subchondral bone region. Interestingly, the majority of these structures were not present in calcified or deeper layers of the cartilage (Clark, 1990).

In contrast, during the early stages of OA (Botter et al., 2011; Goldring and Goldring, 2016), bone remodeling stimulates new vascularization from already formed blood vessels in the subchondral bone (Figure 2). Histological evidence in human knee cartilage has shown porous channel formation and accompanying blood vessels that pass through the calcified cartilage, across the tidemark and into the deep zone of articular cartilage (Suri et al., 2007; Walsh et al., 2007). Models of OA in both rabbits and rats as well as human clinical samples have also shown a positive correlation between increasing angiogenic activity and increased vascular invasion in articular cartilage in the early stages of disease (Franses et al., 2010; Ashraf et al., 2011; Saito et al., 2012; Li et al., 2013).

Despite the evidence for transport across the osteochondral interface via de novo vasculature formation penetrating the cartilage tissue during OA, there is currently no functional evidence to support this route of transfer, and thus diffusion of solutes and nutrients is considered the primary method of transport.

Solute transport through the ECM is crucial to chondrocyte physiology and maintenance of biochemical and mechanical integrity (Evans and Quinn, 2005). Solute physicochemical properties (size, shape, charge, and concentration), mechanical environment (such as loading or unloading), and tissue properties (composition and structure) are all factors that contribute to effective molecular transport at the osteochondral interface (Knothe Tate et al., 1998; Knothe Tate and Knothe, 2000; Farnum et al., 2006; Serrat et al., 2009, 2014; Knothe Tate et al., 2012; Ngo et al., 2018). Changes in tissue structures during OA would affect solute diffusion kinetics in the osteochondral interface due to altered subchondral bone porosity, tide mark perforations and cartilage permeability (Figure 2).


Solute Physicochemical Effect on Molecular Transport

Molecular size is one of the most important factors determining the nature and rate of transport, affecting the interaction of the molecule and the pores in the cartilage. There is an inverse relationship between the molecular size and its diffusivity (also called mass diffusivity or diffusion coefficient) (Leddy and Guilak, 2003). Diffusivity is the rate of material transport; i.e., quantity of a substance fluxing through a surface per unit of time. Molecular size also has an inverse correlation to partition coefficient, which is the ratio of the concentrations of a solute in two layers after equilibrium (Kokkonen et al., 2017).

Since different layers of articular cartilage have different structures, diffusivity of a single molecule varies as it passes through these zones. An ex vivo study of the transport kinetics of different size dextrans showed that small and large dextrans (with radii of ∼2 and 15 nm, respectively) have their highest diffusivity in the superficial zone, however, surprisingly, the middle sizes (with radii of ∼6–7 nm) had the highest diffusivity in the middle and deep zones (Shoga et al., 2017).

In contrast to cartilage, bone tissue has both vascular networks and lacunar-canalicular systems that enable transport of nutrients from blood circulation to osteocytes. To affect osteocytes, it is critical for macromolecules to be able to pass through the canaliculi to reach the cells. In humans, the average canalicular diameter has been shown to be ∼315 nm, while the diameter of the osteocyte dendritic process is ∼145 nm, leaving a pericellular space surrounding each process of ∼85 nm (Dallas et al., 2013). Murine samples with an average ∼260 nm canalicular diameter and ∼100 nm osteocyte dendritic process, have a similar pericellular space (∼80 nm), suggesting that molecules larger than this size cannot pass through the lacunar-canalicular system (Wang, 2018).

Studies have shown that the rate of transport depends on both size and shape of solute (summarized in Table 1). This was assessed by using fluorescent tracers between ∼375 and 43,000 Da in size and a range of shapes (linear, spherical and globular). Transport of larger and linear molecules in bone, was slower than smaller molecules of the same shape and also globular molecules of similar molecular weight, respectively (Li et al., 2009).


TABLE 1. Overview of studies testing solute diffusion kinetics within bone-cartilage.

[image: Table 1]Due to the close association between bone and articular cartilage, studies have also investigated the solute transport at the osteochondral interface. Solute transport was assessed using sodium fluorescein (376 Da) and fluorescence loss induced by photobleaching (FLIP) methods. The results showed a significantly lower (three to four-fold) diffusivity across the osteochondral interface, compared to that of calcified cartilage (Pan et al., 2009). Calculated average diffusion within bone tissue based on previously published results of diffusion with the same tracer in the lacunar-canalicular system, assuming the porosity of the lacunar-canalicular system in the subchondral bone is 5–10% (Wang et al., 2005). By comparing their result with this average diffusivity in subchondral bone, they suggested that calcified cartilage and subchondral bone both have high permeability.

This provides new insight into diffusion at the osteochondral interface however, since these two studies have used different methods for measuring diffusion, a direct comparison is misleading. In addition, calculations and mathematical models proposed by the authors had many assumptions including a homogeneous matrix, the amount of porosity of the lacunar-canalicular system, and the neglect of the other surrounding cells (Pan et al., 2009). Further research is required to compare the diffusion within the subchondral bone and cartilage to that at the osteochondral interface. Overall, the results suggest that solute transport does occur at the osteochondral interface. Electron microscopy of the calcified cartilage matrix also shows non-mineralized regions (∼22% volume fraction), which contains porous channels that may enable solute transport (Pan et al., 2009).

Molecular transport has also been quantified by injecting different size fluorescent tracers in aged guinea pigs, a natural model for OA (Ngo et al., 2018). After a single intracardiac injection of low (10 kDa) and high (70 kDa) molecular weight tracer, the 70 kDa tracer was abundantly detected in the marrow cavity. In contrast, the 10 kDa tracer was detected in meniscus, ligament, and tendon, while none of these tracers were found in articular cartilage. Volumes of tissue containing 10 kDa tracer were significantly lower in older animals compared to younger ones, indicating that molecular transport decreases with age (Ngo et al., 2018).

These studies suggest that tissue sieving properties of the osteochondral interface determine the movement of molecules based on their size. Small molecules can diffuse through the osteochondral interface, however, this transport is altered with age and disease. In contrast, large molecules are unlikely to penetrate some tissues regions in a healthy osteochondral interface, that become available through structural alterations with disease (Ngo et al., 2018). Diffusive transport may also be increased by applying a mechanical load.



Mechanical Loading Effect on Molecular Transport

Mechanical loading can increase the diffusive transport of molecules across the osteochondral interface. For example, mechanical loading of bone increased the transport and velocity of parvalbumin, a low molecular weight protein (12.3 kDa), which has a size similar to signaling molecules such as sclerostin, in the osteocyte-canaliculi network (Wang et al., 2013).

Molecular transport processes and fluid flow within bone under controlled mechanical loading conditions have been studied on sheep metacarpus using an ex vivo perfusion model (Knothe Tate and Knothe, 2000). In this study, before applying mechanical loading, a bolus of tracer was introduced intra-arterially. After loading, the concentration of tracer was significantly higher in loaded bone verses unloaded controls, suggesting that loading can increase molecular transport in bones.

The effect of mechanical loading on transport via the ulna radius interosseous membrane ligament was investigated using different molecular weight fluorescent dextrans. Mechanical loading increased penetration of low molecular weight dextrans (3–500 kDa) through the matrix ligament (Knothe Tate et al., 2012). However, high molecular weight dextrans (2,000 kDa) were only observed in vascular and lymphatic spaces of the bone. They were not detected in the matrix ligament, or in the absence of and after mechanical loading (Knothe Tate et al., 2012). This suggests that although loading increases the magnitude of molecular transport, it cannot overcome the size barrier of the lacunar-canalicular system.

These studies suggest that load-induced fluid flow represents a potential mechanism to increase molecular transport at the osteochondral interface. However, static compression reduces fluid volume and increases charge density of cartilage, resulting in an overall decrease in diffusion, indicating tissue properties also affect diffusive transport of molecules at the osteochondral interface.



Tissue Properties Effect on Molecular Transport

Under physiological conditions, ECM composition can affect the diffusion of large molecules. This is due to the density and orientation of collagen fibres, whereby higher density and orientation opposite to the direction of solute transport, can reduce solute mobility and diffusivity.

Changes in ECM due to mechanical injury of articular cartilage explants saw increased diffusion of a range of fluorescent solutes, including fluorescein isothiocyanate, dextrans, insulin, chondroitin sulfate and the X-ray contrast agent sodium iodide (Chin et al., 2013). Since chondrocytes were not functional in these explants, the results highlight a role for solute-matrix interactions, independent of the role of cells. Although OA is associated with changes in the gene expression and activity of chondrocytes and bone cells, it is also associated with structural changes at the osteochondral interface, such as loss of proteoglycans, increased subchondral bone thickness, increased vascularization, formation of osteophytes and microcracks.

At early stage OA, high bone turnover causes bone loss and structural changes in the subchondral bone. This is followed by a reduction in bone remodeling, which results in sclerosis of subchondral bone (Bellido et al., 2010). These changes are expected to affect the molecular transport of signaling molecules and crosstalk of these tissues during disease. Interestingly, measuring diffusion at the osteochondral interface and in calcified cartilage of two animal models of mild OA (aging mice and surgical destabilization of the medial meniscus, DMM) showed no significant difference between diffusivity of OA mice and controls (Pan et al., 2009). This might be due to the limitation of the FLIP method for studying large-scale structures. Consequently, improved and non-invasive high-resolution techniques are required to address this issue and track the changes in molecular transport at the osteochondral interface in vivo.



THE USE OF CONTRAST AGENT ENHANCED IMAGING TECHNIQUES TO STUDY MOLECULAR TRANSPORT IN CARTILAGE

Different techniques have been used to study molecular transport at the osteochondral interface, however, their application has been limited to ex vivo studies. This includes the use of fluorescence recovery after photobleaching (FRAP) which allows measurement of diffusion of fluorescently labeled molecules. Although FRAP has been be used to study small areas of cartilage or biofabricated scaffolds, it is not feasible for use in large-scale for cartilage tissue due to its complex structure (Nettles et al., 2004). Diffusion cell experiments and solute absorption/desorption techniques measure the transport across the tissue ex vivo and cannot be used in vivo since the setup relies on optical microscopy. Moreover, they are not accurate for heterogenous tissues, such as articular cartilage, which is comprised of different layers with different structural properties.

Among the methods that have been proposed so far, CT imaging of articular cartilage can be used in vivo and at large scale (Joshi et al., 2009; Kulmala et al., 2010; Choi et al., 2019). Contrast agent-based clinical imaging of articular cartilage, such as CT imaging, relies on the transport of contrast agents to and through the cartilage ECM. This method of studying molecular transport can be used as a diagnostic technique to track changes at the osteochondral interface in degenerative diseases, such as OA. It can also provide useful information to design therapeutic molecules and drug delivery systems for these conditions (DiDomenico et al., 2018). Diffusion through the articular surface is the primary route of transport for contrast agents within cartilage (Bashir et al., 1996; Nelson et al., 2018; Bhattarai et al., 2020; Freedman et al., 2020; Meng et al., 2020). A summary of the relevant studies using contrast agent-based diffusion methods for micro-CT is shown in Table 2.


TABLE 2. Overview of studies using contrast agent-based diffusion within cartilage.
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Diffusion of Contrast Agents Within Cartilage

Measuring the diffusion of four contrast agents, ioxaglate, gadopentetate, iodide and gadodiamide in bovine articular cartilage, showed that the diffusion coefficients of these agents were relatively low (142.8–253.7 m2/s). However, diffusion through the articular surface was faster than deep cartilage (Kulmala et al., 2010). In addition, iodide diffuses into cartilage significantly faster than the other three contrast agents in both surface and deep zones, likely due to its atomic size (Kulmala et al., 2010). This study suggests that the diffusion coefficient correlates with cartilage composition, which may be used as a tool for tracking cartilage structural changes.

Differences in transport of solutes across cartilage zones has also been investigated by combining experimental and modeling approaches (Arbabi et al., 2015). Axial diffusion of the neutral solute, iodixanol into cartilage was monitored using calibrated microCT images for up to 48 h. A biphasic-solute computational model was fitted to the experimental data to determine its diffusion coefficients in cartilage. Cartilage was modeled either using one single diffusion coefficient (single-zone model) or using three diffusion coefficients corresponding to superficial, middle, and deep cartilage zones (multizone model). The results showed that the diffusion coefficient of iodixanol in the superficial zone was at least one order of magnitude higher than that of the middle zone. One of the main differences between these zones is their amount of glycosaminoglycan (GAG) content. By having a negative charge, GAG repel the contrast agents with negative charge (inverse correlation) and bind to the ones with positive charge (direct correlation). However, since iodixanol is neutral, GAG content alone cannot explain the large differences between the diffusion coefficients of the different cartilage zones (Arbabi et al., 2015). This finding suggests that diffusion across different zones of the cartilage is affected not only by the charge of solutes and GAG content of cartilage, but also by ECM composition and/or structure, such as water content and the orientation of collagen fibers. Diffusion across cartilage may also be affected by concentration of the contrast agent.

Alteration of ECM structure and solute-matrix interactions due to cartilage injuries additionally affects solute transport through cartilage (Kokkonen et al., 2011; Chin et al., 2013). Effects of mechanical injury on transport of negatively charged contrast agents in cartilage has been investigated (Kokkonen et al., 2017). Using cartilage plugs injured by mechanical compression protocol, effective partition coefficients and diffusion fluxes of different contrast agents were measured using high resolution microCT imaging. For all contrast agents studied (Sodium iodide, sodium diatrizoate and Gd-DTPA) effective diffusion fluxes increased significantly, particularly at early time points of the diffusion process. Moreover, the results suggest that alterations in contrast agent diffusion flux provides a more sensitive indicator for assessment of cartilage matrix integrity than partition coefficient and the equilibrium distribution of solute.



Effect of Concentration on the Transport of Contrast Agents in Cartilage

The effect of concentration on diffusion of anionic contrast agents like ioxaglate and iodide in cartilage have been investigated in vitro (Silvast et al., 2013). Samples were imaged with a clinical peripheral quantitative CT scanner before immersion in contrast agent, and after several time points in the diffusion and partition coefficients of these contrast agents were not affected by concentration at the equilibrium. One possible explanation given by authors for these results is that dependency of diffusion to concentration is only minor in diluted solutions (Silvast et al., 2013). Changes in contrast agent diffusion reflect the changes in composition and structure of articular cartilage (Leddy and Guilak, 2003; Evans and Quinn, 2005; Arkill and Winlove, 2008). However, clinical use of contrast agents for this purpose, requires highly consistent concentration before their administration.

Although these ex vivo microCT studies provide insights into the diffusion transport of contrast agents through articular cartilage, it is unknown whether the same mechanisms are relevant in in vivo transport of molecules at the osteochondral interface. In vivo experiments would enable time-lapse study of changes, and correlation of these changes with OA progression.



CONCLUSION AND PERSPECTIVES

The osteochondral interface plays a critical role in joint function and disease by connecting joint compartments and allowing the exchange of signaling and nutritional molecules between them. Chondrocytes and osteocytes sense and respond to chemical and mechanical stimuli by releasing the signaling molecules that they produce. The exchange of molecules between these two tissues provides an integrated response to environmental stimuli affecting joint homeostasis.

Studies using a novel imaging method based on FLIP have shown intravenous administration of fluorescent molecules can diffuse through the bone-cartilage interface (Knothe Tate et al., 1998; Pan et al., 2009). Using this method, transport capacity was higher in mouse models of OA than normal joints (Pan et al., 2012), however, this approach is not compatible with time-lapse measurement. Capturing transport variations over time is the next step toward expanding the knowledge of OA pathways. Coupling mechanical tests and microCT longitudinal measurement approach may enable measurement of joint remodeling responses at both organ and tissue levels. It may also provide insights into the association between molecular transport alteration and joint disease progress under mechanical loading.

Currently, there is no single preclinical imaging modality available for imaging molecular transport and its correlation with the structural changes of the osteochondral interface at the onset and during the progression of joint diseases, such as OA. Capturing in vivo molecular transport over time in the osteochondral interface is the next step toward expanding the knowledge of OA nutrient pathways.

To achieve this goal, a non-toxic contrast agent for high-resolution molecular transport imaging is desirable for imaging in vivo molecular transport changes in the osteochondral interface. MicroCT is used for capturing high resolution structural details of cartilage and bone (Stok et al., 2016). By using a non-toxic contrast agent capable of diffusing through the osteochondral interface, it could be possible to track in vivo molecular transport and structural changes of the tissues. The fundamental knowledge provided by this method may be beneficial for designing advance drug delivery systems for joint disorders. This method could be also be used for time-course studies, at the research level, minimizing the number of animals used per study, and providing improved controls for interpreting results. In addition, this method would be non-invasive, and a promising diagnostic tool to track structural changes of cartilage with the progress of disease in subjects, in a longitudinal manner.
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A lack of gravity experienced during space flight has been shown to have profound effects on human physiology including muscle atrophy, reductions in bone density and immune function, and endocrine disorders. At present, these physiological changes present major obstacles to long-term space missions. What is not clear is which pathophysiological disruptions reflect changes at the cellular level versus changes that occur due to the impact of weightlessness on the entire body. This review focuses on current research investigating the impact of microgravity at the cellular level including cellular morphology, proliferation, and adhesion. As direct research in space is currently cost prohibitive, we describe here the use of microgravity simulators for studies at the cellular level. Such instruments provide valuable tools for cost-effective research to better discern the impact of weightlessness on cellular function. Despite recent advances in understanding the relationship between extracellular forces and cell behavior, very little is understood about cellular biology and mechanotransduction under microgravity conditions. This review will examine recent insights into the impact of simulated microgravity on cell biology and how this technology may provide new insight into advancing our understanding of mechanically driven biology and disease.
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INTRODUCTION

Humans are subjected to persistent gravitational force and the importance of gravity for maintaining physiological function has been revealed by the detrimental impacts of space travel on human health. During space flight, astronauts are exposed to a prolonged state of microgravity and develop a myriad of physiological disruptions including a loss of muscle mass and bone density, impaired vision, decreased kidney function, diminished neurological responses, and a compromised immune system (White and Averner, 2001; Horneck et al., 2003; Crucian et al., 2014; White et al., 2016). This review will discuss recent data that highlight the impact of microgravity at the cellular level. Additionally, this review addresses how such research can be conducted on earth by simulating the microgravity state. These studies are not only important for understanding how humans are affected by microgravity but have the potential to elucidate the role of mechanical stimuli on cellular function and the development of mechanically driven disease states.

Mechanobiology is the study of how cells are influenced by their physical environment. This emerging field of research provides an important perspective on understanding many aspects of cellular function and dysfunction. Cells can convert mechanical inputs into biochemical signals to initiate downstream signaling cascades in process known as mechanotransduction. Gravitational force is presumed to play a crucial role in regulating cell and tissue homeostasis by inducing mechanical stresses experienced at the cellular level. Thus, the concept of mechanical unloading (a decrease in mechanical stress) is associated with the weightlessness of space and can be replicated by simulating microgravity conditions, allowing for investigation of the mechanobiology aspects of cell function. The mechanical unloading of cells under microgravity conditions shifts the balance between physiology and pathophysiology, accelerating the progression and development of some disease states. For example, kidney stone formation is accelerated under microgravity conditions compared to Earth’s gravity (1 g) (Pavlakou et al., 2018). Similarly, osteoporosis can take decades to develop under normal gravitational loading, yet this disease can be modeled under microgravity over shorter time scales (Pajevic et al., 2013). The mechanisms by which human physiology are disrupted in microgravity remain unknown, rendering numerous open questions regarding the adaptive changes that occur at the cellular and molecular level in response to microgravity.



SIMULATING MICROGRAVITY

One of the key challenges in using microgravity as an investigative tool is creating a microgravity condition that can be applied at a cellular level, on Earth. The process of conducting space research missions is costly and time consuming, thereby limiting the advancement of microgravity research and widespread application of this approach. Currently, there are a number of microgravity devices available for purchase that are designed to achieve microgravity conditions. Microgravity simulators specific to cellular studies include strong magnetic field-induced levitation (i.e., diamagnetic simulation), as well as two-dimensional and three-dimensional clinostats, rotating wall vessels and random positioning machines (RPMs) (Huijser, 2000; Russomano et al., 2005; Herranz et al., 2012; Ikeda et al., 2017). Each of the simulation techniques has shown advantages and disadvantages however, when chosen correctly for a given experiment, the results obtained are similar to those observed in Space flight studies (Stamenkovic et al., 2010; Herranz et al., 2013; Martinez et al., 2015; Krüger et al., 2019b). For cell culture studies, the use of RPM is common as the system achieves microgravity by continually providing random changes in orientation relative to the gravity vector and thus an averaging of the impact of the gravity vector to zero occurs over time (Beysens and van Loon, 2015). This averaging is achieved by the independent, yet simultaneous, rotation of two axes – with one axis rotating in the X-plane, and the second axis rotating in the Y-plane. It is important that the cell culture flask/sample be placed at the midpoint of the x-axis, cell culture flasks placed at a distance from the center of the x-axis will be subjected to a greater rotational force resulting in cells experiencing both centrifugal force and an increased gravity load (Beysens and van Loon, 2015). Furthermore, the RPM is designed to subject the cells to 10–3 g (or as close to this value as possible) but cannot achieve complete zero gravity and hence termed microgravity (Huijser, 2000; Beysens and van Loon, 2015).



THE IMPACT OF MICROGRAVITY OF CELL CYTOSKELETON

Cellular response to mechanical loading has been well documented over the decades however, the response that occurs when cells are placed under conditions of mechanical unloading remains in its infancy. The most apparent cellular changes that occur following exposure to a microgravity environment are alterations to cell shape, size, volume, and adherence properties (Buken et al., 2019; Dietz et al., 2019; Thiel et al., 2019b). These microgravity induced changes to cellular morphology reflect modifications to cytoskeletal structures, namely microtubules and actin filaments (F-actin), as cells sense a reduced gravitational load and therefore mechanical unloading (Crawford-Young, 2006; Corydon et al., 2016a; Thiel et al., 2019a). Microgravity, whether in Space or simulated in the laboratory, offers a unique mechanical unloading environment to explore cellular mechanotransduction by providing an unparalleled research environment to investigate the relationship between mechanical unloading and cellular response.

Numerous studies have been conducted on a myriad of cell types highlighting morphological sensitivity to microgravity (Ingber, 1999; Vorselen et al., 2014), with the first documented morphological change reported by Rijken et al. (1991). Morphological changes as a result of microgravity conditions, either real or simulated, have been shown to have altered transcription, translation, and organization of cytoskeletal proteins (Vassy et al., 2001; Infanger et al., 2006b; Tauber et al., 2017). Fundamental work carried out by Tabony, Pochon, and Papaseit showed that while tubulin self-assembly into microtubules occurs independent of gravity, the assembly and organization of the microtubule network is gravity dependent (Papaseit et al., 2000; Tabony et al., 2002). Importantly, this gravity-dependent organization of the microtubule network has since been described in multiple cell lines during both real and simulated microgravity exposures (Vassy et al., 2001; Uva et al., 2002; Hughes-Fulford, 2003; Rosner et al., 2006; Janmaleki et al., 2016) and possibly be the result of a poorly defined microtubule organizing center (MTOC) (Lewis et al., 1998). Taken together these data highlight an important regulatory role for the microtubule network and the MTOC following exposure to a microgravity environment. However, the data surrounding the response of the actin cytoskeleton to microgravity exposure are less clear. Many studies have reported that microgravity exposure had decreased expression of actin and actin-associated proteins, namely Arp2/3 and RhoA, subsequently resulting in the disorganization of the actin cytoskeleton (Carlsson et al., 2003; Higashibata et al., 2006; Corydon et al., 2016a, b; Louis et al., 2017; Tan et al., 2018). However, other studies have showed increased F-actin and stress fiber formation that accompanied the development of lamellipodia protrusions following exposure to microgravity (Gruener et al., 1994; Nassef et al., 2019). Contrary to this, Rosner et al. (2006) reported no changes to actin structure or organization and further suggested that the actin cytoskeleton is only regulated in a hyper-gravity environment. Thus, the data surrounding cellular morphological changes in response to microgravity and the role of actin is confounding and at times contradictory.

The actin cytoskeleton, its organization and ability to generate force are critical for cellular mechanosensing and importantly any changes to these processes can initiate pathophysiological disruption. Transduction of mechanical forces by integrins requires clustering of these transmembrane receptors and the subsequent formation of focal contacts and adhesions that physically link the extracellular matrix (ECM) to the cytoskeleton (Wang et al., 1993; Ingber, 1997; Maniotis et al., 1997). Binding of integrins to matrix proteins promotes the bundling of F-actin at the cell-matrix adhesion and the subsequent maturation of both the focal adhesion and the actin stress fiber (Zaidel-Bar et al., 2003; Wolfenson et al., 2009, 2011) to generate the tension required for cell adherence, migration, and tissue homeostasis. Exposure to microgravity reduces the formation, number, and total area of focal adhesions per cell (Guignandon et al., 2003; Tan et al., 2018) consequently affecting cellular adherence, migration capacity, and viability (Plett et al., 2004; Nabavi et al., 2011; Shi et al., 2015; Ahn et al., 2019; Dietz et al., 2019), albeit with contradictory results. Mechanical unloading has been shown to significantly reduce gene expression of a number of focal adhesion proteins, including FAK, DOCK1, and PTEN, while caveolin and p130Cas expression were shown to be increased (Grenon et al., 2013; Ratushnyy and Buravkova, 2017). Thus, the activity of the downstream signaling pathways that govern the microgravity-induced cytoskeletal changes are significantly impaired and are at least in part due to the microgravity-triggered inhibition of FAK and/or RhoA signaling (Higashibata et al., 2006; Li et al., 2009; Tan et al., 2018). Furthermore, recent data suggest that changes to the cytoskeleton may also impact signaling via mechanically activated ion channels and contacts in response to both cell-generated (Nourse and Pathak, 2017; Ellefsen et al., 2019) and externally applied mechanical inputs (Bavi et al., 2019). Thus, downstream signaling of the numerous mechanotransduction pathways depend on the concerted interaction of the cytoskeleton, cell adhesion molecules, and force sensing proteins, including mechanically activated ion channels. To date, there is little information regarding the role of mechanically activated ion channels in microgravity environments.



MICROGRAVITY IMPACT BONE CELL SIGNALING RESPONSE AND CARTILAGE ECM SYNTHESIS

The accelerated loss of bone and muscle mass as a result of microgravity has been well documented over the decades (Burger and Klein-Nulend, 1998; Harris et al., 2000; Fitts et al., 2001). Osteocytes and osteoblasts are known mechanosensitive bone cells responsible for maintaining the balance of bone absorption and resorption – a process that is coordinated by both the actin cytoskeleton and microtubule network (Okumura et al., 2006). Bone cell morphology is significantly modified following exposure to microgravity when compared to control cells (Guignandon et al., 1995; Hughes-Fulford, 2003). To adapt to the new mechanical environment the bone cells have reduced transcription and translation of cytoskeletal and cytoskeletal-associated proteins (Xu et al., 2017; Mann et al., 2019), decreased focal adhesion formation, together resulting in the increased formation of osteoclast resorption pits (Nabavi et al., 2011). Furthermore, the actin cytoskeleton of osteoblasts subjected to 4 days of microgravity exposure completely collapsed (Hughes-Fulford, 2003), significantly impacting multiple downstream signaling pathways, most notably, the inhibition of bone morphogenic protein (BMP) signaling axis (Patel et al., 2007; Xu et al., 2017). The BMP family of proteins regulates the expression of an important mechanosensing protein, sclerostin, found exclusively in osteocytes (Poole et al., 2005; Kamiya et al., 2016), whereby mechanical unloading increases sclerostin protein expression to promote bone resorption and cause a loss of bone density (Robling et al., 2008) – a phenotype that closely mimics both osteoporosis and osteonecrosis. Thus by applying the unique mechanical unloading environment offered by both real and simulated-microgravity to bone (specifically, osteoporosis) research has led to the introduction of the FDA approved drug, Evenity, a monoclonal antibody that works as an anabolic agent to increase bone mass via the sclerostin pathway (Scheiber et al., 2019).

While a significant number of studies have identified the importance of mechanical unloading in regulating bone structure and function, the articular cartilage (AC) is also particularly susceptible to the effects of mechanical loading and unloading (Sanchez-Adams et al., 2014). The cells found in AC, chondrocytes, sense and respond to changing mechanical loads in order to maintain the balanced production of ECM molecules ensuring that the tissue maintains the ability to resist tensile and compressive forces. Both mechanical unloading and overloading of chondrocytes can disrupt the homeostatic balance in the cartilage leading to cartilage degradation and osteoarthritis thereby tipping the balance from homeostatic maintenance to pathophysiology, leading to cartilage degradation and osteoarthritis (Vanwanseele et al., 2002; Kurz et al., 2005). To study the effect of extended microgravity on AC specifically on the joint tissue, mice were exposed to 30 days of spaceflight during the Bion-M1 mission (Fitzgerald et al., 2019). Interestingly, tissue degradation was observed only in the AC of load-bearing joints, but not in minimally loaded sternal fibrocartilage highlighting a differential response to mechanical unloading and the predisposition of load bearing joints, but not structural joints, to mechanical stimuli. Additionally, decreased proteoglycan levels were found in the AC of the mice after the 30 days (Vanwanseele et al., 2002) further characterizing a mechanical unloading pathology specific to AC atrophy. Importantly, reduced proteoglycan levels have also been reported in hindlimb unloading and limb immobilization studies in various animals (Salter et al., 1980; Haapala et al., 1996; O’Connor, 1997). The reduced proteoglycan levels paired with the augmented regulation of ECM-associated genes and proteins that help protect against osteoarthritic changes, including collagen type I, II, and X, β1integrin, vimentin, and chondrocyte sulfate (Ulbrich et al., 2010; Aleshcheva et al., 2013, 2015), suggest that while the microgravity-induced osteoarthritic pathology is observed cartilage recovery of the AC is possible. Further to this, cell-based studies have shown that primary chondrocytes are to adapt to a microgravity environment within 24 h (Aleshcheva et al., 2013). There is a clear need for more research into the response of AC and specifically chondrocytes as elucidation of the molecular mechanism that underpins chondrocytes mechanoadaptation to a microgravity environment, holds great promise for novel osteoarthritic treatments.



MICROGRAVITY-INDUCED CYTOSKELETAL REGULATION OF IMMUNE AND CANCER CELLS

The function of the immune system is strongly impacted (Frippiat et al., 2016; Smith, 2018) with several studies reporting dysregulation or immunosuppression following simulated or real microgravity conditions (Boonyaratanakornkit et al., 2005; Crucian et al., 2015; Martinez et al., 2015; Thiel et al., 2017). Peripheral monocytes collected from astronauts post short-duration Space missions (13–16 days) showed that there was no change in the numbers of circulating monocytes indicating that the change to an immunosuppressive phenotype was not due a reduced cell number (Crucian et al., 2011). However, peripheral monocytes showed a significantly decreased expression of surface markers CD26L and HLA-DR, known regulators of lymphocyte-endothelial cell adhesion and tissue migration (Crucian et al., 2011). In vitro studies performed during Space flights have revealed that lymphocytes exhibit important changes in their cytoskeletal properties, suggesting that T cell activation may be compromised at the level of the T cell receptor (TCR) interaction (Sonnenfeld et al., 1992). It has been hypothesized that immunosuppression produced in microgravity is due to impaired TCR activation resulting from cytoskeletal disruption (Bradley et al., 2019); however, the underlying molecular mechanisms remain unknown.

When applied to tumor cells microgravity has been found to impact tumor cell adhesion, proliferation, migration, and viability (Grimm et al., 2002; Plett et al., 2004; Infanger et al., 2006a; Shi et al., 2015; Tan et al., 2018), and to induce cell autophagy (Jeong et al., 2018). Changes in apoptotic rate were also observed in colorectal cancer cells (DLD-1) and a lymphoblast leukemic cell line (MOLT-4), accompanied by reduced transcription of the genes involved in colony formation, oncogenic progression, and metastatic potential (Vidyasekar et al., 2015). The foremost changes to tumor cell following exposure to microgravity are alterations of cell shape, size, and adhesion, indicating changes in cytoskeletal organization (Figure 1). Modulation of the cytoskeletal network have been demonstrated to occur after just minutes (Rijken et al., 1992; Sciola et al., 1999) or hours (Lewis et al., 1998; Vassy et al., 2001) in microgravity. Microtubule disorganization was observed in both the breast cancer MCF-7 cells and the thyroid cancer cell line FTC-133 when exposed to real microgravity (Kopp et al., 2018a, b). In contrast, no changes in Rac-controlled F-actin were detected in the neuroblastoma cell line, SH-Y-5Y (Rosner et al., 2006), highlighting the differing responses of distinct cell types to mechanical unloading. The expression of focal adhesion proteins, moesin and ezrin, was found to be significantly down-regulated after 24-h of microgravity exposure (Kopp et al., 2018a). There remains a gap in the understanding of the molecular mechanisms that drive changes in the cytoskeleton in response to mechanical unloading and the physiological systems that will be impacted by microgravity. Thus, there is a dual potential of microgravity studies in both elucidating the underlying importance of mechanical signaling in human physiology and in developing understanding and countermeasures for long-duration space flights.


[image: image]

FIGURE 1. The morphology and physiology alterations of adherently growing cells after microgravity exposure. Cytoskeleton components of actin, microtubules and intermediate filament are displayed in inset circles. In adherent cells, microtubules form radiation arrangement near nuclear. Actin fibers anchor to cell membranes. Intermediate filament forms loose network around nuclear. Among cells under microgravity influence, the microtubules are shortened and curved. Less actin fibers but more condense intermediate filament are observed. This illustration was inspired by long-term thyroid cells culture in simulated microgravity environment (Kopp et al., 2015; Krüger et al., 2019a).




DISCUSSION

Microgravity research conducted on the International Space Station (ISS) and in simulated microgravity has highlighted the importance of cellular mechanotransduction in human health and disease (Table 1). Understanding the molecular mechanisms by which cells respond to mechanical unloading will not only be important for preparing humans for longer-term space exploration but may also contribute to therapeutics for the treatment of diseases that depend on mechanical interactions, highlighting opportunities to manipulate and correct certain disease states. The discovery of sclerostin and the subsequent generation and use of the sclerostin monoclonal antibody to treat both osteoporotic patients has been a major outcome of the field (Martin et al., 2020). Thus, Space and microgravity biological research constitute extreme environments in which novel mechanotransduction molecules and mechanosensing mechanisms can be identified and may prove helpful in better designing immunotherapies or developing better and more targeted anti-cancer therapies. Studies that leverage these low gravity environments have the unique potential to unveil important physiological changes that occur in response to changing mechanical loads and are of considerable importance in expanding our understanding of mechanobiology.


TABLE 1. Effects of sub-cellular functions concerning various cell types and exposure duration in microgravity environment.

[image: Table 1]
With the privatization and commercialization of the ISS and a global push toward the exploration of space, the gateway for conducting research under simulated and Space microgravity is becoming more accessible. In particular the development of different variations of the RPM device provides a simulated microgravity environment on Earth for investigating the changes in cellular function due to mechanical unloading. Over the last several years, experiments involving the use of microgravity to study cellular mechanobiology and disease mechanisms have continued to rise, reinforcing the importance of this platform. This area of research has highlighted the importance of mechanical cues in maintaining cell and tissue homeostasis. The emergence of Space mechanobiology will continue to rise in the foreseeable future as it is evident that the benefits of such research can catapult survival of astronauts in space for extended duration as well as developing understanding and better treatments for Earth-borne diseases.
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RhoGTPase activation of non-muscle myosin II regulates cell division, extrusion, adhesion, migration, and tissue morphogenesis. However, the regulation of myosin II and mechanotransduction is not straightforward. Increasingly, the role of myosin II on the feedback regulation of RhoGTPase signaling is emerging. Indeed, myosin II controls RhoGTPase signaling through multiple mechanisms, namely contractility driven advection, scaffolding, and sequestration of signaling molecules. Here we discuss these mechanisms by which myosin II regulates RhoGTPase signaling in cell adhesion, migration, and tissue morphogenesis.

Keywords: pulsatility, morphogenesis, GTPase signaling, adhesion and migration, active fluid media, actomyosin


INTRODUCTION

Non-muscle myosin II is a major determinant of cell and tissue morphogenesis (Vicente-Manzanares et al., 2009; Wu and Yap, 2013; Priya and Yap, 2015). Myosin II is best characterized as a cytoskeletal motor-protein, which binds to filamentous actin and generates forces as an actomyosin complex (Even-Ram et al., 2007; Conti and Adelstein, 2008; Vicente-Manzanares et al., 2009; Lee et al., 2010; Gomez et al., 2011; Kuo et al., 2011; Shin et al., 2014; Priya et al., 2015). Myosin II regulates forces in cells by cross-linking the filamentous actin network across the cytoplasmic cortex of a cell (Cai et al., 2006, 2010; Luo et al., 2013). In extension to the well-established pathway of active Rho GTPase activating myosin II, strikingly, myosin II can also feedback to regulate Rho GTP signaling by scaffolding signaling molecules and through generating contractile forces (Priya et al., 2015; Munjal et al., 2015).



ACTOMYOSIN PULSATILITY FEEDBACKS TO RHO SIGNALING

Pulsatile behavior of the medipoapical actomyosin network regulates epithelial elongation changes during morphogenesis (Munjal et al., 2015; Figure 1). Pulsatility of actomyosin network induced by lateral cadherin clusters also promotes dissipation of local tensile stress at the junctions of tightly packed cells limiting apical extrusion of cells out of the epithelia (Wu et al., 2014a,b, 2015; Figure 1). At the medial apical region of cells during intercalation, myosin II contractility initially amplifies then dampens Rho GTPases signaling (Munjal et al., 2015). First, actomyosin contraction locally concentrates (activators of myosin II) Rho and Rho kinase (Figure 1B). Subsequently, this contractility dependent recruitment of actomyosin network and activators then amplifies local RhoGTP activation and tension (Munjal et al., 2015). Second, many F-actin associated regulators, such as formins and coronin 1B, can also organize actomyosin into tensile cortical networks that are highly contractile and stiff (Priya et al., 2016; Acharya et al., 2017). A stiff and tensile actomyosin network would lead to immobilization of the cell cortex (Wu et al., 2014b; Munjal et al., 2015), slowing down the contractility driven recruitment of Rho and Rho kinase. Thus, instead of recruitment, there will be an overall higher rate of dissociation of these actomyosin components. Consequently, relaxation of the actomyosin network occurs (Munjal et al., 2015) (Figure 1B).
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FIGURE 1. (A) Localization of the medial apical cortex, zonula adherens and lateral adherens junction in epithelial tissues (left). A top down view of the organization of actomyosin bundles at the zonula adherens in established epithelial monolayer (right). (B) Model for self-organization of the biomechanical cortical network at the lateral adherens junction and the medial apical cortex of cells.



Similarly, contractile stress-induced disassembly of tensile actomyosin cables can also relax the actomyosin network (Wu et al., 2014a,b; Jodoin et al., 2015). Actomyosin pulsatility observed at cell-cell junctions (Wu et al., 2014a,b) and medial apical region of cells (Munjal et al., 2015) can be reproduced with computer simulations that model actomyosin as an active fluid, where both extremely dense and low density of simulated actomyosin produces an immobile behavior (Moore et al., 2014). Indeed, overexpression of formins or treatment of cells with jasplakinolide, which increases the density of actomyosin, immobilizes the cortex whereas inhibition of myosin II also leads to an immobile cortex (Munjal et al., 2015; Wu et al., 2014a,b). Only at the intermediate density, cyclical events of contraction and relaxation of a pulsatile network is observed (Moore et al., 2014).



MYOSIN II PROMOTES STABILITY OF ACTIVE RHOA AT THE ZONULA ADHERENS

In addition, myosin II can scaffold signaling molecules to regulate RhoGTPase activity (Conti and Adelstein, 2008). Myosin II has a head domain that binds and exerts forces on F-actin, and also rod domains which self-associate to form bipolar filaments of Myosin molecules (Figure 2). Strikingly, myosin II can regulate signaling via its rod domain. Indeed, we find that myosin II rod domain plays an important role in preventing the inactivation of RhoA at the zonula adherens. The zonula adherens is an apical cell-cell contact zone of concentrated E-cadherin (Figures 1, 2) which is linked to an enrichment of a variety of cytoskeletal proteins (Smutny et al., 2010; Leerberg et al., 2014; Han et al., 2014). We find that the rod domain of myosin II can further reinforce RhoA GTPases activation by preventing the inactivation of RhoA GTPase (Choi et al., 2008; Smutny et al., 2010; Ma et al., 2012; Priya et al., 2015). How does the rod domain of myosin II prevent the inactivation of RhoA GTPase? This is achieved via myosin IIA rod domain regulation of RhoA GAP signaling (Priya et al., 2015; Figure 2). Rho GTPase is inhibited by GAP and activated by Guanine Exchange Factors (GEFs) (McCormack et al., 2013). In brief, the rod-domain of myosin II scaffolds Rho kinase (ROCK-1) at the zonula adherens, where ROCK-1 phosphorylates Rnd3 GTPase rendering it inactive. Inactivating Rnd3 GTPase is essential to maintain active RhoA because active Rnd3 inhibits RhoA by recruiting and activating p190B Rho GAP (Priya et al., 2015). Thus, myosin IIA recruitment of ROCK-1 supports RhoA signaling by inhibiting the cortical localization of Rnd3-p190B GAP RhoA complex (Priya et al., 2015).
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FIGURE 2. A non-muscle Myosin II minifilament cross linking F-actin filaments (left). ROCK1 binding to myosin II regulates GTP–RhoA, ROCK1, Rnd3, and p190B RhoGAP signaling at the zonula adherens (right). Arrows and T-junctions represent stimulation and repression of junctional recruitment.



Myosin IIA supports RhoGTPase signaling by scaffolding ROCK-1 independent of myosin IIB. This is consistent with myosin IIA and myosin IIB responding to distinct upstream signals at zonula adherens; myosin IIA is activated by the RhoA pathway while myosin IIB is primarily regulated by Rap1 signaling (Smutny et al., 2010, 2011; Gomez et al., 2015). The rod domain of myosin II exhibits greater dissimilarity in protein sequence between different paralogs and thus, could potentially explain why these myosin isoforms respond to distinct signaling pathways (Conti and Adelstein, 2008; Vicente-Manzanares et al., 2009; Heissler and Manstein, 2013). For example, the rod domain of myosin II harbors unique regulatory modifications like phosphorylation sites (Rosenberg and Ravid, 2006).



MYOSIN II REGULATES RAC AND CDC42 GTPASES

Myosin II can also affect Rac GTPase signaling. The GEFs that activates Rac-1 includes Tiam-1 and β-pix. GEFs including Tiam-1 and β-pix activates Rac-1 by binding to the inactive Rac-1 GDP, catalyzing the sequential release of GDP and binding of GTP, to activate Rac-1. Rac GTPase signaling regulates cell migration, by stimulating cellular protrusions through inducing Arp2/3 branched actin formation (Ridley, 2015). Interestingly, consistent with the commonly reported antagonism between Rac1 and RhoA, myosin II can activate RhoA but dampen Rac activation. Indeed, myosin IIA was implicated as negative regulator of Rac GTP dependent cell migration (Even-Ram et al., 2007). Inhibition of myosin IIA stabilized microtubules which then recruited Rac GEF Tiam1 to activate Rac GTPase at the leading edge of cells. Thus, active myosin II can retard cell migration by reducing Tiam-1 mediated Rac activation. Alternatively, active myosin II can also dampen Rac GTPase signaling by sequestering Rac1-GEF β-pix from RacGTPase (Kuo et al., 2011). Inhibiting myosin II by blebbistatin or plating fibroblasts on a compliant substrate to reduce cellular contractility stimulated the localization of Rac1-GEF β-pix to focal-adhesions thus activating Rac-1. Similarly, the gain of function experiments in CHO epithelial cells, by expressing myosin II phosphomimetic regulatory light chain (RLD-DD) reduces the localization of Rac GEFs β-pix to cortical Rac GTPase, thus dampening Rac GTPase activation (Vicente-Manzanares et al., 2011). Taken together, myosin II can retard cell-migration by preventing the colocalization of Rac1 activators such as Tiam-1 and β-pix to Rac GTPase.

Additionally, myosin II is reported to affect the Rho GTPase-CDC42. Myosin II was found to regulate neuronal morphology by modulating CDC42 signaling (Shin et al., 2014). In the growth cone of hippocampal cells, blebbistatin mediated inhibition of myosin II released the β-pix GEFs from myosin II-GEF complex to associate with and activate CDC42. Thus, promoting actin dependent protrusions and filopodia formation from the neurite shaft.

Then, how does myosin II block the recruitment of these activators to Rac and CDC42? Interestingly, myosin II was found to directly interact with various Dbl family of GEFs including β-pix and Tiam1 (Lee et al., 2010). The ATPase activity and actomyosin filament assembly were necessary for this interaction. Indeed, blebbistatin, ATPase-defective mutants or obliteration of filamentous-actin from the lysates compromised myosin II interaction with these GEFs. Myosin II perturbs the catalytic activity of these bound GEFs. Thus, the contractile actomyosin filament may suppress cell-migration by sequestering Dbl-family of GEFs which activates Rac and CDC42.

In summary, myosin II regulates Rho GTPase signaling in many developmental related processes including cell adhesion, migration and morphogenesis. Since Rho GTPases signaling are commonly misregulated in cancer (Lozano et al., 2003), how myosin II-regulated signaling is regulated in cellular processes related to cancer including cell-contact inhibition of growth (Chiasson-MacKenzie et al., 2015) and epithelial-to-mesenchymal transition (Thiery and Sleeman, 2006; Mangold et al., 2011; Greenlees et al., 2015; Wu et al., 2015) remains to be explored.



AUTHOR CONTRIBUTIONS

SW and RP wrote the manuscript and made figures.



FUNDING

SW is supported by a Leukemia and Lymphoma Society Fellow Award (5454-17). RP is supported by an EMBO Long-Term Fellowship (ALTF 1569-2016) and a post-doctoral fellowship from the Alexander von Humboldt Foundation.



ACKNOWLEDGMENTS

We thank Alpha Yap and Guillermo Gomez for discussions and apologize to all colleagues whose work could not be cited owing to space limitations.



REFERENCES

Acharya, B. R., Wu, S. K., Lieu, Z. Z., Parton, R. G., Grill, S. W., Bershadsky, A. D., et al. (2017). Mammalian diaphanous 1 mediates a pathway for e-cadherin to stabilize epithelial barriers through junctional contractility. Cell Rep. 18, 2854–2867. doi: 10.1016/j.celrep.2017.02.078

Cai, Y., Biais, N., Giannone, G., Tanase, M., Jiang, G., Hofman, J. M., et al. (2006). Nonmuscle myosin IIA-dependent force inhibits cell spreading and drives F-actin flow. Biophys. J. 91, 3907–3920.

Cai, Y., Rossier, O., Gauthier, N. C., Biais, N., Fardin, M. A., Zhang, X., et al. (2010). Cytoskeletal coherence requires myosin-IIA contractility. J. Cell. Sci. 123, 413–423. doi: 10.1242/jcs.058297

Chiasson-MacKenzie, C., Morris, Z. S., Baca, Q., Morris, B., Coker, J. K., Mirchev, R., et al. (2015). NF2/Merlin mediates contact-dependent inhibition of EGFR mobility and internalization via cortical actomyosin. J. Cell. Biol. 211, 391–405. doi: 10.1083/jcb.201503081

Choi, C. K., Vicente-Manzanares, M., Zareno, J., Whitmore, L. A., Mogilner, A., and Horwitz, A. R. (2008). Actin and alpha-actinin orchestrate the assembly and maturation of nascent adhesions in a myosin II motor-independent manner. Nat. Cell. Biol. 10, 1039–1050. doi: 10.1038/ncb1763

Conti, M. A., and Adelstein, R. S. (2008). Nonmuscle myosin II moves in new directions. J. Cell. Sci. 121, 11–18.

Even-Ram, S., Doyle, A. D., Couti, M. A., Matsumoto, K., Adelstein, R. S., Yamada, K. M., et al. (2007). Myosin IIA regulates cell motility and actomyosin-microtubule crosstalk. Nat. Cell. Biol. 9, 299–309.

Gomez, G. A., McLachlan, R. W., Wu, S. K., Caldwell, B. J., Moussa, E., Verma, S., et al. (2015). An RPTPalpha/Src family kinase/Rap1 signaling module recruits myosin IIB to support contractile tension at apical E-cadherin junctions. Mol. Biol. Cell 26, 1249–1262. doi: 10.1091/mbc.E14-07-1223

Gomez, G. A., McLachlan, R. W., and Yap, A. S. (2011). Productive tension: force-sensing and homeostasis of cell-cell junctions. Trends Cell. Biol. 21, 499–505. doi: 10.1016/j.tcb.2011.05.006

Greenlees, R., Mihelec, M., Yousoof, S., Speidel, D., Wu, S. K., Rinkwitz, S., et al. (2015). Mutations in SIPA1L3 cause eye defects through disruption of cell polarity and cytoskeleton organization. Hum. Mol. Genet. 24, 5789–5804. doi: 10.1093/hmg/ddv298

Han, S. P., Gambin, Y., Gomez, G. A., Verma, S., Giles, N., Michael, M., et al. (2014). Cortactin scaffolds Arp2/3 and WAVE2 at the epithelial zonula adherens. J. Biol. Chem. 289, 7764–7775. doi: 10.1074/jbc.M113.544478

Heissler, S. M., and Manstein, D. J. (2013). Nonmuscle myosin-2: mix and match. Cell. Mol. Life Sci. 70, 1–21. doi: 10.1007/s00018-012-1002-9

Jodoin, J. N., Coravos, J. S., Chanet, S., Vasquez, C. G., Tworoger, M., Kingston, E. R., et al. (2015). Stable force balance between epithelial cells arises from F-Actin turnover. Dev. Cell 35, 685–697. doi: 10.1016/j.devcel.2015.11.018

Kuo, J. C., Han, X., Hsiao, C. T., Yates, J. R. III, and Waterman, C. M. (2011). Analysis of the myosin-II-responsive focal adhesion proteome reveals a role for beta-Pix in negative regulation of focal adhesion maturation. Nat. Cell. Biol. 13, 383–393. doi: 10.1038/ncb2216

Lee, C. S., Choi, C. K., Shin, E. Y., Schwartz, M. A., and Kim, E. G. (2010). Myosin II directly binds and inhibits Dbl family guanine nucleotide exchange factors: a possible link to Rho family GTPases. J. Cell. Biol. 190, 663–674. doi: 10.1083/jcb.201003057

Leerberg, J. M., Gomez, G. A., Verma, S., Moussa, E. J., Wu, S. K., Priya, R., et al. (2014). Tension-sensitive actin assembly supports contractility at the epithelial zonula adherens. Curr. Biol. 24, 1689–1699. doi: 10.1016/j.cub.2014.06.028

Lozano, E., Betson, M., and Braga, V. M. (2003). Tumor progression: small GTPases and loss of cell-cell adhesion. Bioessays 25, 452–463.

Luo, W., Yu, C. H., Lieu, Z. Z., Allard, J., Mogilner, A., Sheetz, M. P., et al. (2013). Analysis of the local organization and dynamics of cellular actin networks. J. Cell. Biol. 202, 1057–1073. doi: 10.1083/jcb.201210123

Ma, X., Kovács, M., Conti, M. A., Wang, A., Zhang, Y., Sellers, J. R., et al. (2012). Nonmuscle myosin II exerts tension but does not translocate actin in vertebrate cytokinesis. Proc. Natl. Acad. Sci. U.S.A. 109, 4509–4514. doi: 10.1073/pnas.1116268109

Mangold, S., Wu, S. K., Norwood, S. J., Collins, B. M., Hamilton, N. A., Thorn, P., et al. (2011). Hepatocyte growth factor acutely perturbs actin filament anchorage at the epithelial zonula adherens. Curr. Biol. 21, 503–507. doi: 10.1016/j.cub.2011.02.018

McCormack, J., Welsh, N. J., and Braga, V. M. (2013). Cycling around cell-cell adhesion with Rho GTPase regulators. J. Cell. Sci. 126, 379–391. doi: 10.1242/jcs.097923

Moore, T., Wu, S. K., Michael, M., Yap, A. S., Gomez, G. A., and Neufeld, Z. (2014). Self-organizing actomyosin patterns on the cell cortex at epithelial cell-cell junctions. Biophys. J. 107, 2652–2661. doi: 10.1016/j.bpj.2014.10.045

Munjal, A., Philippe, J. M., Munro, E., and Lecuit, T. A. (2015). Self-organized biomechanical network drives shape changes during tissue morphogenesis. Nature 524, 351–355. doi: 10.1038/nature14603

Priya, R., Gomez, G. A., Badnar, S., Verma, S., Cox, H. L., Hamilton, N. A., et al. (2015). Feedback regulation through myosin II confers robustness on RhoA signalling at E-cadherin junctions. Nat. Cell. Biol. 17, 1282–1293. doi: 10.1038/ncb3239

Priya, R., Wee, K., Budnar, S., Gomez, G. A., Yap, A. S., and Michael, M. (2016). Coronin 1B supports RhoA signaling at cell-cell junctions through Myosin II. Cell Cycle 15, 3033–3041.

Priya, R., and Yap, A. S. (2015). Active tension: the role of cadherin adhesion and signaling in generating junctional contractility. Curr. Top. Dev. Biol. 112, 65–102. doi: 10.1016/bs.ctdb.2014.11.016

Ridley, A. J. (2015). Rho GTPase signalling in cell migration. Curr. Opin. Cell. Biol. 36, 103–112. doi: 10.1016/j.ceb.2015.08.005

Rosenberg, M., and Ravid, S. (2006). Protein kinase Cgamma regulates myosin IIB phosphorylation, cellular localization, and filament assembly. Mol. Biol. Cell 17, 1364–1374.

Shin, E. Y., Lee, C. S., Yun, C. Y., Won, S. Y., Kim, H. K., Lee, Y. H., et al. (2014). Non-muscle myosin II regulates neuronal actin dynamics by interacting with guanine nucleotide exchange factors. PLoS One 9:e95212. doi: 10.1371/journal.pone.0095212

Smutny, M., Cox, H. L., Leerberg, J. M., Kovacs, E. M., Conti, M. A., Ferguson, C., et al. (2010). Myosin II isoforms identify distinct functional modules that support integrity of the epithelial zonula adherens. Nat. Cell. Biol. 12, 696–702. doi: 10.1038/ncb2072

Smutny, M., Wu, S. K., Gomez, G. A., Mangold, S., Yap, A. S., and Hamilton, N. A. (2011). Multicomponent analysis of junctional movements regulated by myosin II isoforms at the epithelial zonula adherens. PLoS One 6:e22458. doi: 10.1371/journal.pone.0022458

Thiery, J. P., and Sleeman, J. P. (2006). Complex networks orchestrate epithelial-mesenchymal transitions. Nat. Rev. Mol. Cell. Biol. 7,131–142.

Vicente-Manzanares, M., Ma, X., Adelstein, R. S., and Horwitz, A. R. (2009). Non-muscle myosin II takes centre stage in cell adhesion and migration. Nat. Rev. Mol. Cell. Biol. 10, 778–790. doi: 10.1038/nrm2786

Vicente-Manzanares, M., Newell-Litwa, K., Bachir, A. I., Whitmore, L. A., and Horwitz, A. R. (2011). Myosin IIA/IIB restrict adhesive and protrusive signaling to generate front-back polarity in migrating cells. J. Cell. Biol. 193, 381–396. doi: 10.1083/jcb.201012159

Wu, S. K., Budnar, S., Yap, A. S., and Gomez, G. A. (2014a). Pulsatile contractility of actomyosin networks organizes the cellular cortex at lateral cadherin junctions. Eur. J. Cell. Biol. 93, 396–404. doi: 10.1016/j.ejcb.2014.09.001

Wu, S. K., Gomez, G. A., Michael, M., Verma, S., Cox, H. L., Lefevre, J. G., et al. (2014b). Cortical F-actin stabilization generates apical-lateral patterns of junctional contractility that integrate cells into epithelia. Nat. Cell. Biol. 16, 167–178. doi: 10.1038/ncb2900

Wu, S. K., Lagendijk, A. K., Hogan, B. M., Gomez, G. A., and Yap, A. S. (2015). Active contractility at E-cadherin junctions and its implications for cell extrusion in cancer. Cell Cycle 14, 315–322. doi: 10.4161/15384101.2014.989127

Wu, S. K., and Yap, A. S. (2013). Patterns in space: coordinating adhesion and actomyosin contractility at E-cadherin junctions. Cell. Commun. Adhes. 20, 201–212. doi: 10.3109/15419061.2013.856889

Conflict of Interest Statement: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2019 Wu and Priya. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.












	 
	ORIGINAL RESEARCH
published: 13 March 2020
doi: 10.3389/fcell.2020.00153





[image: image]

Upregulation of RND3 Affects Trophoblast Proliferation, Apoptosis, and Migration at the Maternal-Fetal Interface

Xiao-Ling Ma1, Xiao Li2, Fu-Ju Tian1, Wei-Hong Zeng1, Jun Zhang3, Hui-Qin Mo1, Shi Qin1, Li-Qun Sun1, Yu-Chen Zhang1, Yan Zhang3* and Yi Lin1*

1Shanghai Key Laboratory of Embryo Original Diseases, International Peace Maternity and Child Health Hospital, Shanghai Jiao Tong University School of Medicine, Shanghai, China

2Department of Obstetrics and Gynecology, Shanghai Jiao Tong University Affiliated Sixth People’s Hospital, Shanghai, China

3Department of Obstetrics and Gynecology, Renmin Hospital of Wuhan University, Wuhan, China

Edited by:
Guillermo Alberto Gomez, University of South Australia, Australia

Reviewed by:
Jiang Chang, Texas A&M University, United States
Melanie D. White, Agency for Science, Technology and Research (A∗STAR), Singapore

*Correspondence: Yan Zhang, zyan2200@gmail.com; Yi Lin, yilinonline@126.com

Specialty section: This article was submitted to Cell Adhesion and Migration, a section of the journal Frontiers in Cell and Developmental Biology

Received: 06 November 2019
Accepted: 25 February 2020
Published: 13 March 2020

Citation: Ma X-L, Li X, Tian F-J, Zeng W-H, Zhang J, Mo H-Q, Qin S, Sun L-Q, Zhang Y-C, Zhang Y and Lin Y (2020) Upregulation of RND3 Affects Trophoblast Proliferation, Apoptosis, and Migration at the Maternal-Fetal Interface. Front. Cell Dev. Biol. 8:153. doi: 10.3389/fcell.2020.00153

Trophoblasts as the particular cells of the placenta play an important role in implantation and formation of the maternal-fetal interface. RND3 (also known as RhoE) is a unique member of the Rnd subfamily of small GTP-binding proteins. However, its function in cytotrophoblasts (CTBs) at the maternal-fetal interface is poorly understood. In the present study, we found that RND3 expression was significantly increased in trophoblasts from the villous tissues of patients with recurrent miscarriage (RM). RND3 inhibited proliferation and migration and promoted apoptosis in HTR-8/SVneo cells. Using dual-luciferase reporter and chromatin immunoprecipitation assays, we found that forkhead box D3 (FOXD3) is a key transcription factor that binds to the RND3 core promoter region and regulates RND3 expression. Here, the level of FOXD3 was upregulated in the first-trimester CTBs of patients with RM, which in turn mediated RND3 function, including inhibition of cell proliferation and migration and promotion of apoptosis. Further, we found that RND3 regulates trophoblast migration and proliferation via the RhoA-ROCK1 signaling pathway and inhibits apoptosis via ERK1/2 signaling. Taken together, our findings suggest that RND3 and FOXD3 may be involved in pathogenesis of RM and may serve as potential therapeutic targets.
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INTRODUCTION

Recurrent miscarriage (RM), defined as two or more consecutive spontaneous abortions, occurs in approximately 1–5% of all couples trying to conceive (Rai and Regan, 2006; Practice Committee of American Society for Reproductive Medicine, 2013). Numerous studies have shown that trophoblasts as the particular cells of the placenta play an important role in implantation and formation of the maternal-fetal interface (Red-Horse et al., 2004). The special structure of maternal-fetal interface is composed of differentiation of villous cytotrophoblast (CTB) cells at the tips of anchoring villi and migrating into the decidual tissue (Yilmaz and Christofori, 2009). Impaired trophoblast function is related to RM, intrauterine growth retardation, preeclampsia (PE), and many other pregnancy-related complications. Although trophoblast function appears to be tightly regulated, the mechanisms underlying trophoblast migration and apoptosis are complex and unknown.

The members of the Rho family of GTPases as a subfamily of the Ras family are included in the regulation of cellular functions and the basics of cellular biology, such as cell adhesion, proliferation, migration and survival, and play a critical role in tumor and other normal cells (Jaffe and Hall, 2005). There are 22 mammalian genes encoding Rho GTPases and they are divided into eight subgroup (Aspenström and Fransson, 2004). Most members of the Rho family can cycle by the ratio of an active, GTP-bound conformation and an inactive, GDP-bound conformation, and GDP/GTP exchange process is regulated by several classes of regulators, including GDP/GTP exchange factors (GEFs) and GTPase-activating proteins (GAPs) (David et al., 2012). But RND3 (also known as RhoE), a unique member of the Rnd subfamily, is found that it do not hydrolyze GTP, and thus remains constitutively active upon expression without regulation by GEFs/GAPs cycling (Jie et al., 2015).

Foster et al. (1996) firstly cloned RND3 which was shown to display no detectable GTPase activity, similar to RND1 and RND2, indicating that RND3 has a different manner in which to regulate its activity. Data from this study imply that RND3 may be a special small GTPase. The basic role of RND3 is to inhibit signaling downstream of RhoA to cause actin cytoskeleton dynamics, which contributes to migration, invasion of rounded tumor cells and neuron polarity. Besides, RND3 plays multiple roles in arresting cell cycle, inhibiting cell growth, and inducing apoptosis and differentiation (Belgiovine et al., 2010; Lin et al., 2013; Liu et al., 2016). Interestingly, previous research shows that RND proteins have an important function in the human uterus. It has been demonstrated that RND1, RND2, and RND3 proteins are expressed in the human myometrium, and the level of RND2 and RND3 proteins is upregulated during pregnancy (Lartey et al., 2006; Fortier et al., 2008; Lartey and Lopez Bernal, 2009). Moreover, Collett et al. (2012) found that RND3 promotes fusion of BeWo choriocarcinoma cells via cyclic AMP.

Forkhead box D3 (FOXD3) which is presented in human chromosome 1p31 is an important member of the FOX transcription factor family. It is originally shown that FOXD3 binds to DNA by identified with the consensus sequence 5′-A [AT]T[AG]TTTGTTT-3′ to initiate transcription (Sutton et al., 1996). FOXD3 functions in cell development is established as it has reported to be expressed in embryonic stem cells in the late-stage gastrula inner cell mass, in mouse and human embryonic stem cells, and is required in the preimplantation mouse embryo (Hanna et al., 2002; Tompers et al., 2005; Perera et al., 2006). FOXD3 as a tumor suppressor has been reported to affect growth, metastasis, invasion, and angiogenesis of many tumors. FOXD3 silencing in lung cancer cells was shown to promote cell growth and inhibit apoptosis (Yan et al., 2015; Xu et al., 2019).

Together, with evidence of RND3 associated with human diseases and abnormal animal phenotypes, these studies led us to examine its important role in the pathogenesis of diseases. Here, we found that RND3 expression was upregulated in patients with RM. To investigate expression and functional role of RND3 in trophoblasts, a series of experiments were performed in this study. We found that FOXD3 directly binds to the promoter regions of RND3 and enhances its protein expression. Besides, FOXD3 regulated RND3 function, including cell proliferation, apoptosis, and migration. Moreover, we further identified two pathways that regulated RND3 function.



MATERIALS AND METHODS


Human Tissue Samples

Twenty-three patients with RM (age, 26–36 years) and twenty-four healthy pregnant women (HC) (age, 22–38 years) who had been treated at the Department of Obstetrics and Gynecology of the International Peace Maternity and Child Health Hospital of the China Welfare Institute, Shanghai Jiao Tong University School of Medicine, China, between April 2016 and March 2017. Patients were recruited did not have the following features: (1) chromosomal abnormality of parents or embryo, (2) abnormal immune function, (3) endocrine disorders, (4) abnormal uterine anatomy, (5) infectious disease, and (6) other identified causes of miscarriage.

The HC group have had previous pregnancies without spontaneous abortion, preterm labor, or PE and undergone painless induced abortions to terminate their unwanted pregnancies. Unwanted pregnancies refer to unintended pregnancies or unplanned pregnancies due to contraceptive failure. We exclude the patients who are unable to bear pregnancy because of physical condition, or whose fetus was diagnosed as malformation or congenital disease. Pregnancy interruption follows the individual will of women and is legal in China according to the Chinese Maternal and Child Health Law, Women’s Rights Protection Law and the Population and Family Planning Law. All villous tissue samples collected at 8–12 weeks of gestation were immediately collected, cleaned the clot with saline, and stored in liquid nitrogen. Two groups patients’ demographic information is showed in Table 1.


TABLE 1. Demographic information of the study population.

[image: Table 1]The Medical Ethics Committee of International Peace Maternity and Child Health Hospital of the China Welfare Institute approved this study. Written informed consents were obtained from all patients who participated in the study before enrollment.



Quantitative Real-Time PCR (qRT-PCR)

Total RNA was extracted from the villous tissue using TRIzol reagent (Life Technologies, Grand Island, NY, United States), and used to generate cDNA with the PrimeScriptTM RT reagent Kit with gDNA Eraser (RR047Q, Takara Bio, Kusatsu, Shiga, Japan). SYBR® Premix Ex Taq (RR420A, Takara Bio) was used to perform PCR according to the manufacture’s instructions, on an ABI 7900 real-time PCR instrument. The PCR products were quantified using the 2–ΔΔCt method relative to Glyceraldehyde-3-phosphate dehydrogenase (GAPDH) to normalized gene expression levels. The specific primers used are showed in Supplementary Table S1.



Western Blot Analysis

Cells or tissue were lysed and analyzed by western blotting as described previously (Ma et al., 2017). Briefly, cells were washed twice with cold phosphate buffered saline (PBS) and harvested. Cell were lysed in radio immunoprecipitation assay buffer containing protease inhibitor on ice for 20 min. Proteins were detected using 10 or 12% polyacrylamide gels and transferred onto polyvinylidene fluoride (PVDF) membranes. 5% non-fat milk were used to block with PVDF membranes. Then they were incubated with primary antibody in 5% non-fat milk at 4°C overnight. The primary antibodies used are listed in Supplementary Table S2. After washing three times, membranes were incubated with secondary antibodies (1:5000; Yeasen, Shanghai, China) labeled with horseradish peroxidase (HRP). Signals were detected using an autoradiography film.



Immunohistochemical and Immunofluorescence Staining of Tissues

Immunohistochemical staining was performed as described in our previous work (Li et al., 2019), using the Mouse- and Rabbit-specific HRP/DAB (ABC) Detection IHC Kit (ab64264; Abcam, Cambridge, United Kingdom) following the manufacturer’s protocol. Briefly, the tissue sections were deparaffinized and rehydrated. Epitope retrieval was performed in ethylenediaminetetraacetic acid (EDTA). After incubation with primary antibody overnight, HRP conjugated secondary antibody was used. For immunohistochemical detection, tissue was subsequently counterstained with diaminobenzidine, hematoxylin and hydrated. It is replaced the primary antibody with PBS as negative controls. Staining intensity was evaluated by ImageJ-Pro Plus 6.0 software. Pictures were captured under a Leica DMi8 microscope (Wetzlar, Germany).

Immunofluorescence staining of tissues was performed as described previously (Zhang et al., 2018).



Cell Culture

The HTR-8/SVneo cell line (HTR-8, human extravillous trophoblast cell line, EVTs) were a kind gift from Dr. PK Lala (University of Western Ontario, ON, Canada). The cells were grown in Dulbecco’s modified Eagle’s medium (DMEM)/F12 plus 10% fetal bovine serum (FBS, Gibco, Grand Island, NY, United States) at 37°C with 5% CO2. Cells were cultured in a 10 cm2 dish, with a medium change every 48 h. For passaging, trypsin (Sigma-Aldrich, St. Louis, MO, United States) were used to detach cells at 37°C for 3 min.



Small Interfering RNA (siRNA), Plasmids, and Transfection

RND3 and FOXD3 ON-TARGET plus SMART pool siRNAs and non-targeting siRNAs (siNC) were purchased from Thermo Scientific (Dharmacon RNAi Technologies, Lafayette, CO, United States; RND3: L-007794-00-0005, FOXD3: L-009152-00-0005, siNC: D-001810-10-15). HTR-8 cells were then transfected with 25 nM siRNA using DharmaFECTTM Transfection reagents (Dharmacon RNAi Technologies) according to the manufacturer’s instructions. siROCK1-1 (5′-CCAGCUGCAAGCUAUAUUATT-3′) and siROCK1-2 (5′-GCAGAUGAAACAGGAAAUATT-3′) are purchased from GenePharma (Shanghai, China) and transfected into the cells at a final concentration of 100 nmol/L using oligofectamine reagent (Life Technologies). The RND3 overexpression plasmid was constructed by cloned the coding region sequence (CDS) of human RND3 into vector GV358 (GeneChem, Shanghai, China). JetPRIME® reagent (Polyplus-transfection® SA, Strasbourg, France) was used to perform cell transfection.



Cell Proliferation Assay

After transfection about two thousand HTR-8 cells per well were plated in 96-well plates. Ten microliter per well the cell counting kit-8 (CCK-8) regents (Dojindo, Kumamoto, Japan) were added to cells to assess cell viability at 0, 24, 48, 72, and 96 h. After incubation with CCK-8 reagent for 2 h, the optical density value was detected at 450 nm using the Synergy H1 microplate reader (BioTek, Winooski, VT, United States).



Immunofluorescence Staining of Cells

A suitable size slide was placed into 24-well plate each. HTR-8 cells cultured in a 24-well plate were fixed with 4% formaldehyde. Blocking buffer contained 0.3% Triton X-100 and 5% FBS was used to permeabilize cells for a minimum of 30 min. Then, cells were incubated with primary antibodies overnight (Supplementary Table S2). The next day, after washing three times with PBS cells were incubated with the appropriate secondary antibodies (1:1000; Thermo Fisher Scientific, Waltham, MA, United States). Concurrently, it is replaced the primary antibody with PBS alone as negative controls. HTR-8 cells were incubated for 2 h in the dark and washed with PBS. 4′,6-diamidino-2-phenylindole (DAPI; Abcam) was used to stain with the nuclei of HTR-8 cells. Slips which covered with cells were placed on the marked glass slides and images were captured under a microscope.



Flow Cytometry Analysis for Apoptosis and Cell Cycle Assay

After transfection with siRNA or overexpression plasmid for 48 h, cells were detached and apoptosis was detected with the APC Annexin V Apoptosis Detection kit with 7-aminoactinomycin D (7-AAD) (BioLegend, Inc., San Diego, CA, United States) according to the manufacturer’s manual. For cell cycle analysis, cells were evaluated using propidium oxide using the Cycle Test Plus DNA Reagent kit (BD Biosciences, Franklin Lakes, NJ, United States) following the instruction manual. The percentage of apoptosis was analyzed by FlowJo software. And the percentage of cell cycle stage was analyzed by ModFit software. The apoptosis rate of HTR-8 cells in different phase was assessed.



Transwell Assay

Transwell chambers (8 mm pores; Costar Corp., Cambridge, MA, United States) were used to perform cell migration assay as described previously (Tian et al., 2015). Briefly, serum-starved HTR-8 cells were detached and suspended. We loaded the upper chamber with 105 cells in 200 μL 1% FBS DMEM/F12 medium and the chamber below with 700 μL medium with 15% FBS. After 24 h, non-migratory cells were removed gently and the migratory cells on the undersurface were fixed with 4% paraformaldehyde for 15 min and washed three times with PBS. 0.1% crystal violet was used to stain HTR-8 cells for 20 min and lastly we counted in 3–4 random fields to analyze.



Explant Culture

Twenty-four-well culture dishes precoated with Matrigel® substrate (Corning Life Sciences, New York, NY, United States) (Zhang et al., 2017) is prepared before one hour. Then first-trimester human placental villi (6–10 weeks) were immediately obtained from healthy patients after curettage surgery and put in cold ice during transport. And then the villi were dissected in small sections and explanted in overnight. About 8–10 tissue sections were placed into a well of a 24-well culture dish (Costar Corp.). The next day, villi that successfully grown in the Matrigel matrix were used for subsequent experiments, and were referred to as 24 h samples. Twenty-five nanometer siRND3 or 1 μg RND3 overexpression plasmid and their negative controls were transfected into the extravillous explants. Pictures were captured using a Leica microscope after 72 h overgrowth. ImageJ-Pro Plus 6.0 software was used to analysis cell migration.



RND3 Promoter Luciferase Construction

A purification kit (Qiagen, Dusseldorf, Germany) was used to extract genomic DNA from HTR-8 cells and then the genomic DNA was used as a template for PCR. The RND3 promoter (nucleotides −1000 to +1, relative to the translation initiation site; GenBank accession number: MN685775, Supplementary Table S3) was synthesized by PCR and cloned into the plasmid pGL3-basic (Promega, Madison, WI, United States) with containing firefly luciferase activity by KpnI and XhoI cleaved sites (Thermo Fisher Scientific). Following E. coli transformation, shaking, plasmid extraction, digestion, and purification steps were performed to successfully generate the RND3 promoter luciferase construct. Lastly, the right digestion fragment was sent to Sangon for sequencing (Shanghai, China). RND3 promoter luciferase report plasmid carrying mutations in the putative FOXD3 binding sites were generated using a QuikChange Lightning Muti Site-Directed Mutagenesis Kit (Stratagene, La Jolla, CA, United States).

For HTR-8 cells, the full-length FOXD3 cDNA was obtained from total RNA using PCR. The FOXD3 primers used were as follows: 5′-ATTGGATCCATGA CCCTCTCCGGCGGCG-3′ (forward) and 5′-AGGCTCGAGC TATTGCGCCGGCCATTTGG-3′ (reverse). The FOXD3 products were cloned into the vector pcDNA3.1 (+) (Invitrogen) to generate pcDNA3.1-FOXD3 overexpression plasmid.



Dual-Luciferase Reporter Assay

HTR-8 cells were transfected with the control vector or FOXD3 overexpression plasmid, the RND3 promoter luciferase reporter plasmids and the Renilla luciferase expression vector pRL-TK (Promega), and using jetPRIME® reagent. At 48 h post transfection, cells were lysed, and detected intracellular luciferase activity with a Dual-Luciferase® Reporter Assay System (E1910; Promega) according to the manufacturer’s manual. Luciferase activities were detected with a microplate reader.



Chromatin Immunoprecipitation (ChIP) Assay

The EZ-Magna ChIPTMA/G Kit (17-10086; Millipore, Billerica, MA, United States) was used to detect the binding of FOXD3 to RND3 according to the manufacturer’s manual. Five million cells were fixed in 1% formaldehyde for 10 min at room temperature. Cells were broken open and the crosslinked DNA was sheared to an average fragment size of 200–2000 bp. Subsequently, FOXD3 antibody (1 μg/105 cells; Abcam) was used to immunoprecipitate with chromatin. The purified chromatin was subjected to qualitative PCR analysis using Premix Ex TaqTM Hot Start Version (RR030Q; Takara) and quantified by qRT-PCR using SYBR® Premix Ex Mix (Takara). The primer pairs used are showed in Supplementary Table S4. In this text, an input sample, 1% of starting chromatin was obtained from the ChIP assay each as a control for DNA contamination according the manufacturer’s protocol.



Evaluation of the Activity of ROCK1

The ROCK1 activity was evaluated by immunoprecipitating ROCK1 and then performing an in vitro kinase activity assay (Mong and Wang, 2009; Han et al., 2016). Cells were lysed using a lysis buffer and then incubated for 1 h at 4°C with 2 μg of isotype control IgG, rabbit anti-ROCK1. And then the mixture was incubated with protein A/G agarose (Sigma-Aldrich) at 4°C overnight. Next day, the beads were pelleted, washed and incubated for 30 min at 30°C with a buffer containing 50 μM ATP and 0.5 μg of purified MYPT-1 (Millipore). Examination of phosphorylated MYPT-1 or immunoprecipitated ROCK1 was performed using western blotting.



Statistical Analysis

Data are shown as means ± standard deviation (SD). All in vitro experiments were performed at least three times. Statistical analysis was calculated using the SPSS 15.1 (SPSS Inc., Chicago, IL, United States) and GraphPad Prism 5 (GraphPad Software, San Diego, CA, United States). Data were evaluated using Student’s t-test and two-way analysis of variance (ANOVA). A difference at P < 0.05 was considered statistically significant.



RESULTS


RND3 Is Upregulated in Trophoblasts From Patients With RM

We first analyzed the RND3 expression at the first-trimester villi in patients with RM. qRT-PCR and western blotting results indicated that RND3 expressions were significantly increased in patients with RM as compared to those in HC (Figures 1A,B,D and Supplementary Figure S1). Immunohistochemistry results confirmed these findings (Figures 1C,E). We also found that the RND3 protein is present in the cytoplasm of CTB and syncytiotrophoblast (STB). According to previous studies, villous CTB cells as progenitor cells with a significantly proliferative ability differentiates into EVT or STB. Further, RND3 has been shown to promote the fusion of BeWo choriocarcinoma cells (Collett et al., 2012). In this text, we mainly explored the function of RND3 in CTB.


[image: image]

FIGURE 1. RND3 is upregulated in first-trimester placental CTB in patients with RM. (A,B,D) RND3 expression in first-trimester human villi tissues from patients with RM or HC was determined using qRT-PCR (n = 11) and western blot analysis (n = 6). (C,E) Immunohistochemical analysis of paraffin-embedded villous tissues showed that RND3 expression was increased in patients with RM compared with that in HC (n = 18). Scale bar = 100 μm. (D) Histogram showing the relative expression level of RND3 protein in HTR-8 cells as determined using ImageJ software. (E) The staining intensity of RND3 in both CTB and STB in paraffin-embedded villous tissues was quantified using Image-Pro Plus 6.0. CTB, cytotrophoblast; STB, syncytiotrophoblast. ***P < 0.001, ****P < 0.0001 vs. HC.




RND3 Inhibits Trophoblast Proliferation, Blocks G1 Phase Cell Cycle Progression and Promotes HTR-8 Cell Apoptosis

In our previous study, we demonstrated that the expression of Ki-67 expressed among proliferating cells was significantly decreased in patients with RM compared to those in HC (Li et al., 2019). Here, HTR-8 cells were transfected with siRND3 or RND3 overexpression construct to explore the function of RND3 (Supplementary Table S5). The CCK-8 assay revealed that RND3 knockdown promoted proliferation, whereas RND3 overexpression had the opposite effect (Figure 2A). In order to investigate how RND3 inhibits cell proliferation, we performed cell cycle assay. We found that downregulation of RND3 led to reduction in degrees of cells in the G0/G1phase (41.26 ± 0.706 vs. 34.55 ± 2.071) and upregulation of RND3 led to accumulation of cells in the G0/G1 phase (43.41 ± 0.332 vs. 51.23 ± 0.2569). And upregulation of RND3 led to reduction in degrees of cells in S phase (50.5 ± 1.637 vs. 37.32 ± 3.705). There were no differences in the percentage of cells in the G2/M phase (Figures 2B–D). Ki-67 which is only expressed in the proliferative phases such as G2/M and S phases was decreased after transfection with GFP-RND3 overexpression plasmid which transfection efficiency is around 50% by using GFP as a report gene (Figure 2E). The expression of cyclin D1, a G1-S phase cell cyclic protein, was increased in RND3 knockdown cells and decreased in RND3-overexpressing cells compared with that in their respective control groups (Figures 2F,G). Taken together, these experimental results suggest that RND3 inhibits cell proliferation by preventing S-phase entry.
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FIGURE 2. RND3 inhibits trophoblast proliferation, blocks G1 phase cell cycle progression and promotes HTR-8 cell apoptosis. (A) CCK-8 cell proliferation assay of RND3 knockdown and RND3-overexpressing HTR-8 cells and their respective control groups. (B–D) Cell cycle assay of RND3 knockdown and RND3-overexpressing HTR-8 cells and their respective control groups. The proliferation rate of cells in each phase was assessed. (E) Immunofluorescence staining with GFP-RND3 (green), Ki-67 (red), and DAPI (blue). Original magnification: ×200. Scale bar = 25 μm. (F–G) Western blot analysis of cyclin D1 levels in RND3 knockdown and RND3-overexpressing HTR-8 cells and their respective control groups. (H,I) Flow cytometry analysis of the apoptosis rate of RND3 knockdown and RND3-overexpressing HTR8 cells and their respective control groups. Histogram of Annexin V APC+/7-AAD– represents early apoptotic cells. Histogram of Annexin V APC+/7-AAD+ represents late apoptotic cells. The sum of the former two categories equals the total number of apoptotic cells. (J,K) Western blot analysis of BAX and cleaved caspase-3 expression in RND3 knockdown and RND3-overexpressing HTR8 cells and their respective control groups. Data represent the means ± SD of three independent experiments. *P < 0.05, **P < 0.01, ***P < 0.001 vs. siNC or Vector group.


In our previous study, TUNEL staining results showed accumulated apoptosis in the placenta villi from patients with RM (Wu et al., 2017). In this text, we further investigated the effect of RND3 on apoptosis by flow cytometry after Annexin V and 7-AAD staining. Our results showed that RND3 overexpression aggravated cell apoptosis at all stages, but RND3 knockdown attenuated early stage and total apoptosis (Figures 2H,I). The expression of BAX and cleaved caspase-3, two key components for cellular induced apoptosis, was increased in RND3-overexpressing cells and decreased in RND3 knockdown cells compared with that in their respective control groups (Figures 2J,K).



RND3 Inhibits Trophoblast Migration in vitro and Outgrowth in a Villous Explant Culture Model

The migration and invasion potential of trophoblasts play an important role in embryo implantation. Hence, we explored the effect of RND3 on trophoblast migration. Transwell assay results showed that RND3 knockdown increased migration ability, while RND3 overexpression drastically decreased migration ability of HTR-8 cells (Figures 3A,C). Matrix metalloproteinase (MMP)-2 and MMP-9 are two vital members of the MMP family that can facilitate trophoblast cell movement by degrading fibronectin. MMP-2 and MMP-9 expression were found to be increased in RND3 knockdown cells and decreased in RND3-overexpressing cells compared with those in their respective control groups (Figures 3B,D). The function of RND3 in trophoblast migration in vitro was verified by villous explants derived from healthy samples cultured on Matrigel-coated plates. Immunofluorescence staining and western blotting confirmed the effects of knocking down or overexpressing RND3 using cytokeratin 7 (CK7) as trophoblast cell marker to identify trophoblast in the villous plants (Supplementary Figure S2). Results showed that RND3 knockdown or RND3-overexpressing enhanced or weakened the migration ability of trophoblasts, respectively (Figures 3E,F). To further confirm the role of RND3 in trophoblast invasion and migration in vivo, explants were obtained from HC and RM and planted into Matrigel. After 24 h of culture, the explants from RM anchored on to the Matrigel were separated into two groups. They were treated with siNC and siRND3. At 72 h of in vitro culture, RM group explants showed smaller migration and proliferation capacities than HC group. However, the hindered migration of RM group can be rescued by siRND3 treatment (Figures 3G,H). All these results demonstrated that RND3 plays an importance role in trophoblast migration.
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FIGURE 3. RND3 promotes trophoblast migration in vitro. (A,C) Transwell migration assay of RND3 knockdown and RND3-overexpressing HTR-8 cells and their respective control groups. Original magnification: ×100. Scale bar = 50 μm. (B,D) Western blot analysis of MMP-2 and MMP-9 expression in HTR-8 cells at 48 h after transfection with siNC, siRND3, control vector, or RND3 overexpression vector. (E,F) Villous explants were obtained from HC at 8–10 weeks of gestation and cultured on Matrigel. Tissues were then transfected with siRND3 or RND3 overexpression vector. Images were acquired after in vitro culture for 24 and 72 h. Original magnification: ×100. Scale bar = 100 μm. Immunofluorescence staining images of trophoblasts expressing RND3 (red) and CK7 (green). Original magnification: ×200. Scale bar = 25 μm. (G,H) Villous explants were obtained from HC and RM at 8–12 weeks of gestation and cultured on Matrigel. RM tissues were then transfected with siRND3. Images were acquired after in vitro culture for 24 and 72 h. Original magnification: ×40. Scale bar = 200 μm. Data represent the means ± SD of three independent experiments. *P < 0.05, **P < 0.01 vs. siNC, Vector, HC or RM group.




Verification of RND3 Core Promoter Region and FOXD3 as a Key Transcriptional Enhancer for RND3

We selected a 1000 bp region (positive −1000 to +1) located upstream of the RND3 initiation codon as the core promoter region. According to the forecasting result, we designed the different length fragments (966, 699, 617, 313, and 126 bp) of RND3 promoter. These fragments were subjected to PCR amplification using total DNA from human trophoblasts (Supplementary Table S6). After identifying a series of incomplete promoter fragments by double-enzyme digestion, they were subcloned into the pGL3-basic luciferase reporter vector. The positive samples were subjected to sequencing, and the results were as expected, indicating that the vectors were successfully constructed and named F1–F5 (Figures 4A,B). HTR-8 cells were transfected with the reporter plasmids and pRL-TK plasmids. After 48 h, reporter activity was measured by dual-luciferase reporter assay. Results showed that the activity of F4 plasmid was significantly higher than that of F5 plasmid or basic plasmid, while that of F3 plasmid was significantly increased. The activity of F2 plasmid was higher than that of F3 plasmid (Figure 4C). These results indicated the presence of important regulatory elements at the promoter region of −125 to −698 bp.
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FIGURE 4. Identification of RND3 core promoter region and FOXD3 as a transcriptional enhancer for RND3 in HTR-8 cells. (A) Specific primers for sequences upstream of the RND3 transcription initiation site were designed and (B) cloned into pGL3-basic vector. (C) Relative luciferase activity of F1–F5 and basic plasmids. *P < 0.05, ****P < 0.0001. (D,E) ChIP assay of the combination of RND3 promoter. *P < 0.05 vs. the IgG group. (F) Relative luciferase activity of F2–F4 and basic plasmids in HTR-8 cells at 48 h after transfection with control vector or RND3 overexpression vector. *P < 0.05 vs. Vector group. (G) Prediction of two FOXD3 binding sites in the RND3 core promoter region (–663 to –572) (underlined) and construction of the FOXD3 binding site mutant reporters. (H) Relative luciferase activity of RND3 reporter plasmids (WT) and FOXD3 binding site mutant reporters (Mut-1 and Mut-2). Data represent the means ± SD of three independent experiments. *P < 0.05, **P < 0.01, ***P < 0.001 vs. Vector group or FOXD3 group.


Next, we attempted to identify the transcription factor at −125 to −698 bp region that regulates RND3 expression using the TRANSFAC tool (ALGGEN-PROMO and JASPAR). According to the candidate transcription factor score, relative score, dissimilarity, matching degree, and some other standards, we identified FOXD3 as the highest scoring transcription factor in the −125 to −698 bp region (Supplementary Tables S7, S8). We focused on the sequence with a candidate transcription factor score greater than 6.5, a relative score greater than 0.8, relatively smaller dissimilarity and positive strand. At the same time, we removed some repetitive sequences in one method and chose the same segments in two tools. To determine binds to this genomic locus, ChIP assay was performed in HTR-8 cells. Four pairs of RND3 primers were designed for standard end-point PCR and qRT-PCR using the DNA obtained from the ChIP assay. ChIP results indicated that FOXD3 binds directly to the identified promoter region of RND3 (−649 to −239 bp) (Figures 4D,E). The reporter plasmids F2–F4 were transfected into HTR-8 cells in conjunction with the control plasmid or FOXD3 expression plasmid. Dual-luciferase reporter assay showed that the activity of F2 and F3 plasmids increased after transfection with FOXD3 overexpression plasmid compared with that after transfection with control vector (Figure 4F). Based on the above results, we predicted two FOXD3 binding sites in the RND3 core promoter region (−663 to −572). Furthermore, two luciferase reporters were constructed with control of either the wild-type RND3 reporter plasmid (WT, also F1 plasmids) or two mutants in which two putative FOXD3 binding sites had been mutated (Mut-1 and Mut-2 reporter, respectively) (Figure 4G). As expected, the activity of the reporter plasmid was decreased in HTR-8 cells which were transfected with Mut-1 or Mut-2 reporter as compared with transfection in WT reporter (Figure 4H). These results suggest that FOXD3 acts as a transcriptional enhancer for RND3 in HTR-8 cells.



FOXD3 Is Upregulated in Trophoblasts From Patients With RM

Next, we explored the FOXD3 level at the first-trimester villi in patients with RM. qRT-PCR and western blotting results indicated that FOXD3 expression was increased in patients with RM as compared to those in HC (Figures 5A,B,D). Immunohistochemical and immunofluorescence staining results further confirmed these findings (Figures 5C,E,F). Our results also demonstrated that the FOXD3 protein was present in the cytoplasm of CTB, with almost no expression in STB.
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FIGURE 5. FOXD3 is upregulated in first-trimester placental CTB in patients with RM. (A,B,D) FOXD3 expression in first-trimester human villi tissues from patients with RM or HC was determined using qRT-PCR (n = 10) and western blot analysis (n = 6). (C,E) Immunohistochemical analyses of paraffin-embedded villous tissue showed that FOXD3 expression was increased in patients with RM compared with that in HC (n = 17). Original magnification: ×200. Scale bar = 100 μm. (D) Histogram showing the relative expression level of FOXD3 protein in HTR-8 cells as determined using ImageJ software. (E) The staining intensity of FOXD3 in paraffin-embedded villous tissues was quantified using Image-Pro Plus 6.0. (F) Two-color immunofluorescence staining analyses of paraffin-embedded villous tissues revealed expression of FOXD3 (red) and CK7 (green), and counterstaining with DAPI (blue). Original magnification: ×200. Scale bar = 50 μm. CTB, cytotrophoblast; STB, syncytiotrophoblast. *P < 0.05, **P < 0.01 vs. HC.




FOXD3 Regulates RND3 Expression, Inhibits Proliferation and Migration, and Promotes Apoptosis in HTR-8 Cells

As FOXD3 directly regulates RND3 expression, we examined whether FOXD3 influences the biological behavior of trophoblasts. The results of CCK-8 assay showed that knockdown of FOXD3 promoted HTR-8 cell proliferation, while overexpression of FOXD3 inhibited HTR-8 cell proliferation (Figure 6A). In order to claim that FOXD3 regulates RND3 function, we transfected FOXD3-overexpressing cells with siRND3 or FOXD3 knockdown cells with RND3 overexpression plasmid, respectively. Transwell assay results showed that FOXD3 overexpression inhibited HTR-8 cell migration and RND3 knockdown can reverse the effect. In addition, FOXD3 knockdown-promoted HTR-8 migration was weakened by RND3 overexpression (Figures 6B,D). Flow cytometry analysis showed that FOXD3 knockdown decreased the ratio of early apoptotic and total apoptotic cells but did not alter the proportion of late apoptotic cells, while RND3 overexpression can reverse the effects. FOXD3 overexpression increased the ratio of early apoptotic and late apoptotic cells, and RND3 knockdown can suppress the effect (Figure 6C). RND3 and FOXD3 mRNA expression in first-trimester villi in patients with RM and HC was analyzed by qRT-PCR. Results showed that RND3 mRNA expression was correlated positively with FOXD3 mRNA expression in the first-trimester villi (Figure 6E). Western blot analysis showed that Cyclin D1, MMP2 level was upregulated and BAX level was downregulated in HTR-8 cells transfected with siFOXD3 as compared with that in their respective control groups (Figures 6F,H). In contrast, Cyclin D1, MMP2 level was downregulated and BAX level was upregulated in cells transfected with FOXD3 overexpression plasmid (Figures 6G,I). In addition, RND3 overexpression or RND3 knockdown can partly rescue the change in FOXD3 knockdown cells or in FOXD3-overexpressing cells (Figures 6F–I). These results confirmed that FOXD3 acts as a transcriptional enhancer for RND3 in HTR-8 cells and regulates RND3 function.
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FIGURE 6. FOXD3 regulates RND3 expression, inhibits proliferation and migration, and promotes apoptosis in HTR-8 cells in vitro. (A) CCK-8 assay of FOXD3 knockdown and FOXD3-overexpressing HTR8 cells and their respective control groups. (B,D) Transwell migration assay of FOXD3 knockdown without or with RND3 overexpression and FOXD3-overexpressing without or with siRND3 HTR-8 cells and their respective control groups. Original magnification: × 100. Scale bar = 100 μm. (C) Flow cytometry analysis of the apoptosis rate of siNC, siFOXD3, siFOXD3 + RND3 and Vector, FOXD3, FOXD3 + siRND3 group. Histogram of Annexin V APC+/7-AAD– represents early apoptotic cells. Histogram of Annexin VAPC+/7-AAD+ cells represents late apoptotic cells. The sum of the former two categories equals the total number of apoptotic cells. (E) The mRNA expression level of RND3 and FOXD3 in the villous tissues of patients with RM and HC was determined using qRT-PCR (n = 24). RND3 mRNA expression was correlated with FOXD3 mRNA expression in villous tissues. Correlation analysis was performed using Spearman’s rank correlation test. (F–I) Western blot analysis of FOXD3, RND3, MMP2, Cyclin D1, and BAX expression in HTR-8 cells at 48 h after transfection with siNC and siFOXD3 or control vector and FOXD3 overexpression vector. AT 24 h after transfection with siFOXD3 or FOXD3 overexpression vector, HTR-8 cells were transfected RND3 overexpression vector or siRND3 again. Data represent the means ± SD of three independent experiments. *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001 vs. siNC, Vector, siFOXD3 or FOXD3 group.




RND3 Regulates Trophoblast Migration and Proliferation via the RhoA- Rho-Associated Coiled-Coil Containing Kinase 1 (ROCK1) Signaling Pathway

Previous findings have suggested that RND3 is closely related to the RhoA-ROCK pathway (Riento et al., 2005; Riento and Ridley, 2006). Hence, we analyzed ROCK1/2 and RhoA expression in HTR-8 cells after RND3 interference. Results showed that ROCK1 and RhoA expression was increased in RND3 knockdown cells and decreased in RND3-overexpressing cells (Figures 7A,B). However, no significant difference in ROCK2 expression between both these groups was observed. Besides, ROCK1 activity was examined by measuring the phosphorylation state of a major ROCK1 substrate, MYPT-1, at Thr853 by western blotting. We found that p-MYPT1 was upregulated in RND3 knockdown cells consistent with the change of total ROCK1 level (Supplementary Figure S3C). siROCK1 and Y-27632 (Selleck Chemicals), a specific inhibitor of ROCK, was used to inhibit ROCK expression. Western blot analysis revealed that Y-27632 can inhibit ROCK1 expression at concentrations ranging from 5 to 25 μM. Hence, we chose 10 μM as a working concentration for following experiments (Supplementary Figure S3A). CCK-8 and transwell assay results showed that Y-27632 and siROCK1 treatment inhibited proliferation and migration in RND3 knockdown HTR-8 cells (Figures 7C–F). However, flow cytometry results showed no differences in migration and proliferation in the presence or absence of Y-27632 or siROCK1 in RND3 knockdown HTR-8 cells (Supplementary Figure S4). These findings indicate that RND3 regulates trophoblast migration and proliferation via the RhoA-ROCK1 signaling pathway, but ROCK1 is not involved in RND3-induced apoptosis in HTR-8 cells.
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FIGURE 7. RND3 regulates trophoblast proliferation and migration via the RhoA-ROCK1 signaling pathway and regulates trophoblast apoptosis via the ERK1/2 signaling pathway. (A,B) Western blot analysis of ROCK1, ROCK2, and RhoA expression in HTR-8 cells at 48 h after transfection with siNC and siRND3 or control vector and RND3 overexpression vector. (C) Western blot showing ROCK1 levels in HTR-8 cells transfected with siROCK1. (D,E) HTR-8 cells were transfected with siNC, siRND3, siROCK1 for 36 h, and then treated with Y-27632 for 12 h. Trophoblast migration was assessed by crystal violet staining. Original magnification: ×100. Scale bar = 100 μm. (F) CCK-8 assay of siNC- and siRND3-transfected HTR-8 cells in the presence or absence of Y-27632 or siROCK1. (G,H) Western blot analysis of p-ERK and ERK expression in HTR-8 cells at 48 h after transfection with siNC and siRND3 or control vector and RND3 overexpression vector. (I,K) HTR-8 cells were transfected with control vector or RND3 overexpression vector for 36 h, and then treated with U0126 for 12 h. The apoptosis rate was assessed by flow cytometry. (J,L) Western blot analysis of p-ERK, ERK, cleaved caspase-3, and RND3 expression in HTR-8 cells at 48 h after transfection with control vector or RND3 overexpression vector in the presence or absence of U0126. Data represent the means ± SD of three independent experiments. *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001 vs. siNC, Vector or RND3 group.




RND3 Regulates Trophoblast Apoptosis via the Extracellular Signal-Regulated Protein Kinases 1 and 2 (ERK1/2) Signaling Pathway

In order to identify the unknown pathways or key molecules involved in trophoblast apoptosis, we explored various signaling pathways, including the p53, phosphatidylinositol-3 kinase-protein kinase B, JAK (Janus kinase)/STAT, and ERK1/2 pathways. We discovered that the expression of phosphorylated ERK1/2 (p-ERK) was decreased in RND3 knockdown HTR-8 cells and increased in RND3-overexpressing cells (Figures 7G,H). In order to determine the part of the ERK1/2 pathway in RND3 function, U0126 (Sigma-Aldrich), an inhibitor of mitogen-activated protein kinase (MAPK), was used to inhibit the ERK1/2 pathway. Western blot analysis revealed that U0126 can inhibit phosphorylated ERK1/2 expression at concentrations ranging from 5 to 25 μM. Hence, we chose 5 μM as a working concentration for following experiments (Supplementary Figure S3B). Flow cytometry results showed that although treatment with U0126 increased the percentage of apoptotic cells, U0126 can rescue some percentage of apoptosis caused by overexpression-RND3 in HTR-8 cells (Figures 7I,K). Besides, western blotting results revealed that cleaved caspase-3 expression was decreased in RND3-overexpressing HTR-8 cells in the presence U0126 compared with that in the absence of U0126 (Figures 7J,L). Interesting, we found that p-ERK level in first-trimester human villi tissues from patients with RM or HC was upregulated by western blot analysis (Supplementary Figures S5A,B). Immunohistochemical analyses of paraffin-embedded villous tissue showed that p-ERK protein is present in cytoplasm of CTB (Supplementary Figure S5C). These results suggest that RND3 regulates HTR-8 cell apoptosis via the ERK1/2 pathway.

In order to further understand the regulatory mechanism of RND3, we explored the relation between the RhoA/ROCK1 and ERK1/2 pathways. Interestingly, western blot analysis showed that Y-27632 treatment increased p-ERK expression and U0126 treatment increased ROCK1 expression (Supplementary Figure S6). These findings indicate that ROCK1 and ERK1/2 act as antagonists in HTR-8 cells.



DISCUSSION

An in depth understanding of the molecular mechanisms and functions of RND3 in different tissues is required to identify novel therapeutic targets for the diagnosis and treatment of human diseases (Jie et al., 2015). RND3 plays a complex role in cells. It can regulate cell proliferation and plays a key role in regulating metastasis and invasion in tumor cells (Paysan et al., 2016). Accumulating evidence has shown that RND3 plays an important role in the regulation of trophoblast function (Collett et al., 2012; Xu et al., 2017; Li et al., 2018); however, there are no studies reporting its function in RM and little is known about its underlying regulatory mechanism in trophoblasts.

Our study provides the first insight into the function of RND3 in CTB proliferation, apoptosis, and migration and its potential character in RM (Figure 8). Our results showed that RND3 was expressed in CTB and STB in first-trimester human placental villous tissues, and its expression in patients with RM was significantly higher than that in normal villi (Figure 1). Further, we found that overexpression of RND3 suppressed HTR-8 cell proliferation and blocked G1 phase cell cycle progression. In addition, overexpression of RND3 promoted HTR-8 cell apoptosis (Figure 2). These data are consistent with the results that trophoblasts of RM exhibit a low percentage of proliferation and a high percentage of apoptosis. Normal CTB function play a vital role for embryo implantation, spiral artery remodeling and maternal-fetal communication. Abnormal CTB proliferation and apoptosis show a connection with RM and many other pregnancy-associated disease, such as PE and fetal growth restriction (Wu et al., 2016). Besides, our study demonstrated that overexpression of RND3 suppressed HTR-8 cell migration (Figure 3). RM is related with the dysfunction of proliferative and migratory capacities of trophoblasts. Thus, RND3-targeted strategies may provide a new choice for the diagnosis and treatment of RM patients with trophoblasts dysfunction in early pregnancy.
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FIGURE 8. A schematic illustration of the role of RND3 in trophoblast function. RND3 regulates trophoblast migration, proliferation, and apoptosis through different but related pathways. The red arrows show the changes in patients with RM compared with HC. The red T sign indicates the inhibitor effect.


We systemically investigated the transcriptional regulation of RND3 in HTR-8 cells using ChIP and dual-luciferase reporter assays. We found that FOXD3 functioned as a transcriptional enhancer for RND3 and predicted two FOXD3 binding sites in the RND3 core promoter region (Figure 4). So far, little is known about the function of FOXD3 compared to other members of the FOX family in adult cells. Many experimental evidences suggest that FOXD3 is a transcriptional repressor in adult cells. However, in our study, we found that FOXD3 directly binds to the promoter regions of RND3 to regulate RND3 function, including inhibition of proliferation and migration and promotion of apoptosis in HTR-8 cells (Figure 6), thus suggesting a novel mechanism underlying the regulatory effect of FOXD3 in RM. Moreover, our results demonstrated that FOXD3 and RND3 were highly expressed in the CTB of patients with RM and a positive correlation between their transcript levels was observed (Figure 6E).

Rho GTPases which can regulate cell migration, cell cycle and cell morphogenesis are regarded as vital downstream targets of G protein-coupled receptors (Sah et al., 2000). ROCK activity has been involved in the function of migration of tumor cells, particularly in amoeboid cell motility (Hu et al., 2019; Steurer et al., 2019). Many evidences suggested that RhoA and ROCK play important role in the migration of first-trimester EVT cells (Shiokawa et al., 2002). In our study, we demonstrated that RND3 suppressed RhoA-ROCK activates and expression and the pathway mediated HTR-8 cells migration and proliferation of RND3 (Figures 7A–F). Next, we found that the level of p-ERK was decreased in RND3 knockdown HTR-8 cells and increased in RND3-overexpressing cells (Figures 7G,H). ERK1/2, as members of the MAPK superfamily, mainly regulate cell proliferation and apoptosis. Some studies have suggested that the balance between the intensity and duration of pro-apoptotic or anti-apoptotic signals conveyed by ERK1/2 determines the proliferation or apoptosis of cells (Mebratu and Tesfaigzi, 2009). Sinha et al. (2004) found that withdrawal of soluble survival factors from mouse renal proximal tubular cells lead to apoptosis which was induced by ERK1/2 activity and U0126 or PD98059 can inhibit the activity. The stimuli type and the cell type which provide sufficient ERK1/2 substrates determine that ERK1/2-induced signaling lead to proliferation or apoptosis (Sinha et al., 2004). In the present study, we found that knockdown of RND3 increased ERK1/2 activation-induced apoptosis. However, inhibition of ERK1/2 phosphorylation in RND3-overexpressing HTR-8 cells by U0126 treatment decreased ERK1/2-induced apoptosis. Moreover, previous findings have indicated that ERK1/2 and ROCK1 correlate in a signaling network. Hensel et al. (2014) found that there was a two-way stream of information between ROCK and ERK, with inter-suppression of both molecules in NSC34 cells. But, this process became an unidirectional crosstalk, ultimately leading to dysregulation of neurite outgrowth in a model of spinal muscular atrophy (Hensel et al., 2014). Using western blot analysis, we demonstrated that ROCK and ERK were mutual inhibited in HTR-8 cells (Supplementary Figure S6). These data indicate that RND3 function is regulated by these two pathways (Figure 8).



CONCLUSION

In conclusion, our study showed that RND3 and FOXD3 expression was significantly increased in the CTB of patients with RM. FOXD3 is a key transcription factor that binds to the RND3 core promoter region and regulates RND3 expression, inhibits proliferation and migration, and promotes apoptosis in HTR-8 cells. Besides, RND3 regulates CTB migration and proliferation via the RhoA-ROCK1 signaling pathway and inhibits apoptosis via the ERK1/2 pathway in HTR-8 cells. Our findings emphasize the importance of RND3 to human pregnancy and provide the basis for the development of molecular therapies for RM. Nevertheless, further research is required for the application of theory to clinical practice.
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The cardiovascular system can sense and adapt to changes in mechanical stimuli by remodeling the physical properties of the heart and blood vessels in order to maintain homeostasis. Imbalances in mechanical forces and/or impaired sensing are now not only implicated but are, in some cases, considered to be drivers for the development and progression of cardiovascular disease. There is now growing evidence to highlight the role of mechanical forces in the regulation of protein translation pathways. The canonical mechanism of protein synthesis typically involves transcription and translation. Protein translation occurs globally throughout the cell to maintain general function but localized protein synthesis allows for precise spatiotemporal control of protein translation. This Review will cover studies on the role of biomechanical stress -induced translational control in the heart (often in the context of physiological and pathological hypertrophy). We will also discuss the much less studied effects of mechanical forces in regulating protein translation in the vasculature. Understanding how the mechanical environment influences protein translational mechanisms in the cardiovascular system, will help to inform disease pathogenesis and potential areas of therapeutic intervention.
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FORCES IN BIOLOGY

Mechanical forces can occur on the whole body to microscopic scale. During development, mechanical forces govern cell shape and migration and hence orchestrate the growth of multicellular biological tissues (Mammoto and Ingber, 2010; LeGoff and Lecuit, 2016). Mechanical signals drive organogenesis in the late stages of embryonic development in nearly every system. Force drives the formation of the vasculature (Lucitti et al., 2007), lungs (Gutierrez et al., 2003), brain (Anava et al., 2009), musculoskeletal system (Stokes et al., 2002; Kahn et al., 2009) hematopoietic system (Adamo et al., 2009; North et al., 2009) and the heart (Hove et al., 2003; Forouhar et al., 2006). Impaired force sensing or altered mechanotransduction signaling is linked to defects in development of tissues and organs in addition to disease in later life such as cardiovascular diseases and cancer (Jaalouk and Lammerding, 2009).

External forces such as those imposed by gravity and exercise influence musculoskeletal growth and strength. Skeletal muscle requires mechanical load which acts to upregulate protein synthesis and promote myocyte growth and maintenance. Bone growth and metabolism requires frequent pressure and tensile forces generated through skeletal muscle contractions and gravity (Kohrt et al., 2009). Mechanical loading is essential for musculoskeletal homeostasis as withdrawal of force leads to regression and atrophy of these tissues (reviewed well by Felsenthal and Zelzer, 2017). Atrophy is often observed with aging but also in environments such as microgravity in space where force bearing on the skeleton is lower than on Earth (LeBlanc et al., 2007; Amin, 2010). These changes involve alterations in protein synthesis mechanisms, which, in the absence of mechanical stimuli, contribute to reduced growth and cell turnover.

Respiration is another highly mechanical process requiring repeated expansion and subsequent deflation of the lungs in order to oxygenate blood and remove gaseous waste from the body. This vital continual loop generates an array of mechanical forces within the pulmonary system, such as longitudinal or circumferential stretch, surface tension on the alveoli cells of the lungs or fluid shear stress within the pulmonary vasculature caused by blood flow (Breen et al., 1999). Increased ventilation is associated with remodeling of the lungs that involves increases in both protein and DNA as a result of mechanical force (Gutierrez et al., 2003). Mechanical forces are also implicated in lung diseases, for example, force imbalances arising from pulmonary hypertension can remodel the pulmonary vasculature and induce smooth muscle and fibroblast proliferation in conjunction with increased collagen and elastin protein synthesis and gene expression (Wirtz and Dobbs, 2000). Disturbed mechanical forces exerted on pulmonary vascular endothelial cells induces changes in protein synthesis and expression of pro-inflammatory molecules such as IL-8, TNF-α and CXCL5 (Tang et al., 2016).



MECHANICS IN THE CARDIOVASCULAR SYSTEM

Atherosclerosis is characterized as a chronic inflammatory disorder resulting from the accumulation of fatty deposits in the arterial intima which can form plaques occluding blood flow. This disease is highly focal in nature as a result of differential mechanical forces exerted by blood flow in different regions of the vascular network. Briefly, disturbed and complex blood flow profiles arise where blood vessels branch or curve sharply and this primes these areas to have low but chronic inflammation, leaving them more vulnerable to plaque accumulation (Davies, 1995; Hahn and Schwartz, 2009). Conversely, straight regions of the vasculature experience smooth, uniform blood flow which promotes anti-inflammatory pathways and thus keeps them relatively protected from atherosclerotic plaques. Atherosclerotic lesions leave arteries thicker and less compliant therefore they cannot modulate or adapt to changes in blood flow. Rapid changes in shear stress gradients at lesion sites has been shown to be the primary driver of platelet aggregation and activation which increases plaque accumulation (Nesbitt et al., 2009). Disturbed blood flow at injury sites can increase risk of plaque rupture and thrombotic complications downstream. This can be fatal if it occurs in the coronary vessels of the heart. In addition to atherosclerosis, changes to blood flow parameters in the aorta can promote abnormal swelling and weakening of the vessel wall known as aortic aneurysms. Under mechanical strain, these bulges will eventually rupture, leading to potentially fatal complications (Bäck et al., 2013).

The organ that is perhaps the most influenced by biomechanical forces is the heart. The heart beats continuously to transport oxygenated blood and nutrients to the rest of the body to maintain normal organ function. The activity and integrity of the heart itself is highly influenced by biomechanics and mechanical stress is a critical mediator of cardiomyocyte function and extracellular matrix composition (Voorhees and Han, 2015). Biomechanical forces regulate the activity and function of the cells of the heart: cardiomyocytes, fibroblasts, and the vascular cells of the coronary blood vessels (Hahn and Schwartz, 2009; Voorhees and Han, 2015; van Putten et al., 2016; Herum et al., 2017). In response to biomechanical stress, cardiomyocytes undergo hypertrophic growth (Hannan et al., 2003). Hypertrophic adaptive remodeling can occur under physiological settings such as exercise or during pregnancy where the heart undergoes compensatory hypertrophy to deal with increased mechanical load in order to maintain cardiac function and output (Heineke and Molkentin, 2006). In response to chronic endurance exercise undertaken by elite athletes, the heart must remodel to handle the considerable increase in mechanical load (George et al., 2012). Physiological hypertrophy seen in the athlete’s heart is typically not associated with myocyte damage, although some studies have shown myocardial death during intense exercise as well as fibrosis in long-term endurance athletes (La Gerche et al., 2012; Galderisi et al., 2015). Nevertheless, most elite athletes will present a healthy physiological adaptation to prolonged bouts of intense exercise that can be distinguished from pathological hypertrophy to pressure overload. Under pathological settings, such as hypertension, the heart deals with sustained, chronic levels of mechanical strain and this can lead to persistent activation of protein synthesis pathways such as mammalian target of rapamycin (mTOR) which regulate cardiomyocyte growth (Heineke and Molkentin, 2006). This hypertrophic remodeling response is chronic and can ultimately result in heart failure (Lyon et al., 2015).



PROTEIN TRANSLATION AND CARDIOVASCULAR FUNCTION

Protein translation is a highly conserved and tightly regulated process which is fundamental for cellular homeostasis. The canonical mechanism of protein synthesis typically involves two major steps: transcription of a messenger RNA (mRNA) transcript in the nucleus and translation of this mRNA into a protein by the translational machinery in the cytoplasm (Clancy and Brown, 2008). Protein translation occurs globally throughout the cell to maintain general function but localized or polarized protein synthesis occurring for example at the leading edge of migrating cells (Katz et al., 2012), allows for efficient translation of specific proteins required for cell motility in the correct location. It is important to emphasize that mRNA levels do not always correlate to protein expression levels and this disconnect is a result of post transcriptional mechanisms (Spriggs et al., 2010). Having this additional level of translational control enables cells to rapidly respond and adapt to changing micro-environmental conditions.

Translation is segmented into four stages: initiation, elongation, termination and ribosome recycling. Modulation of translation typically occurs at the initiation stage which requires the co-ordination of many translational factors and ribosomal subunits (Sonenberg and Hinnebusch, 2009). Eukaryotic initiation factors (eIFs) are involved in mediating the start of translation through assembly of initiation complex on the 40S ribosomal subunit and chaperoning of the 60S subunit to join the 40S (Sonenberg and Hinnebusch, 2009). The activity of eIFs are controlled via phosphorylation and the most common mechanism for switching off global translation is through phosphorylation of eIF2α subunit at its Serine 51 (Jackson et al., 2010). This highlights the importance of translation modulation under conditions of cell stress or when the cell needs to conserve energy. Having the ability to switch off global translation and shift the proteomic landscape to synthesize specific proteins required to maintain cellular function is critical for cell survival.

The highly conserved regulatory pathway, mTOR plays a crucial role in many processes including transcription and protein translation, ribosomal and mitochondrial biogenesis, and cell growth and division (Sciarretta et al., 2014). mTOR is a serine/threonine protein kinase, part of the phosphoinositide 3-kinase (PI3K) family, which interacts with many adaptor proteins to form two distinct signaling complexes, namely mTORC1 and mTORC2. These complexes were distinguished by their relative sensitivity to Rapamycin, which inhibits mTORC1 signaling without disrupting mTORC2 signaling. Broadly, mTORC1 regulates protein synthesis, cell growth and proliferation, cell metabolism and stress responses, whereas mTORC2 regulates cell survival, cytoskeletal organization and polarity (Figure 1). Both complexes are relatively large with multiple adaptor proteins which give them their unique signaling identity. Of the two complexes, mTORC1 has been more extensively studied and its upstream inputs and downstream targets are better understood than that of mTORC2, in the cardiovascular system and the rest of the body (Sciarretta et al., 2018).
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FIGURE 1. Schematic representation of mTOR signaling. In response to mechanical force, PI3K activates Akt and mTORC2 directly. mTORC2 can further activate Akt which can also directly activate mTORC1. Rheb can directly activate mTORC1 when in its active GTP bound form. Activation of mTORC1 positively regulates S6K1/p70S6K leading to downstream ribosome and mRNA biogenesis. In addition, activation of mTORC1 also negatively regulates 4EBP1 allowing for the formation of the eIF4F translation initiation complex. This combined signaling promotes protein synthesis and cell growth. When mTORC2 is activated it also promotes cell growth and survival through its downstream effectors SGK1 and PKCα. Adaptor proteins, Raptor and Rictor, are specific to mTORC1 and mTORC2, respectively, and are required for active signal transduction. The TSC1/2 complex can prevent mTORC1 activation by Rheb by keeping Rheb in its inactive GDP form. The TSC1/2 complex can be activated by both AMPK and GSK3β signaling to dampen mTORC1 activity in times of cellular stress. GSK3β can also inhibit eIF2α mediated protein translation again to reduce global protein synthesis during cellular stress. In addition, there are four kinases which can phosphorylate and inactivate eIF2α mediated protein translation under distinct stress conditions: PERK, GCN2, PKR and HRI. Phosphoinositide-3-kinase–protein kinase B/Akt (PI3K-PKB/Akt), Mammalian target of rapamycin (mTOR), Tuberous sclerosis protein (TSC), 5′ adenosine monophosphate-activated protein kinase (AMPK), Glycogen synthase kinase 3β (GSK3β), Ras homolog enriched in brain (Rheb), Eukaryotic initiation factor 2α (eIF2α), Protein kinase R (PKR)-like endoplasmic reticulum kinase (PERK), General control non-derepressible 2 (GCN2), Protein kinase RNA-activated (PKR), Heme-regulated inhibitor kinase (HRI), Ribosomal protein S6 kinase beta-1 (S6K1) or p70S6 kinase (p70S6K), Eukaryotic translation initiation factor 4E (eIF4E)-binding protein 1 (4EBP1), Serine/threonine-protein kinase Sgk1 also known as serum and glucocorticoid-regulated kinase 1 (SGK1), Protein kinase C alpha (PKCα).


The major downstream substrates of mTORC1 related to protein synthesis are S6 kinase 1 (S6K1) and eukaryotic ignition factor 4E (eIF4E)-binding protein (4E-BP1) and these have been thoroughly studied (Shin et al., 2011). Once activated, mTORC1 phosphorylates and in turn activates S6K1 which stimulates mRNA biogenesis and the protein translation machinery. mTORC1 negatively regulates 4E-BP1 and in doing so this allows for the formation of the eIF4F initiation complex that promotes the canonical cap-dependent pathway of protein translation. Protein kinase B, or Akt, can directly activate mTOR through phosphorylation whilst also repressing the endogenous mTORC1 inhibitor, PRAS40, and thereby augment mTOR downstream effects. The 5′ adenosine monophosphate-activated protein kinase (AMPK) pathway is a well-established negative regulator of mTORC1 activity. AMPK is normally activated in times of cellular stress e.g., when nutrients, amino acids and energy are scarce. Under stressed conditions, AMPK will stimulate the tuberous sclerosis protein (TSC) 1/TSC2 complex which can inhibit mTORC1 signaling indirectly by converting mTORC1 activator Ras homolog enriched in brain (Rheb) into its inactive GDP-bound form. The active GTP-bound state of Rheb normally directly interacts with and promotes mTORC1’s kinase functions (Laplante and Sabatini, 2012). In addition to AMPK, glycogen synthase kinase (GSK) 3β is a potent activator of the TSC1/TSC2 complex and so can also contribute to dampening of mTORC1 activity during times of cellular stress (see Figure 1 for summary of signaling). It is well established that mTOR signaling can be activated by amino acids, stress, oxygen, energy status and growth factors such as insulin (Laplante and Sabatini, 2012). There is also evidence indicating mechanical force can stimulate mTOR signaling (Kraiss et al., 2000; Guo et al., 2007; Hornberger, 2011; Philip et al., 2011; Jacobs et al., 2017; Vion et al., 2017) and this will be discussed in more detail below.



PROTEIN TRANSLATION IN RESPONSE TO BIOMECHANICAL FORCES IN THE HEART

Force-derived signaling regulates the development of cardiomyopathy and left ventricular remodeling following an infarct by contributing to tissue fibrosis and scarring. Elevated stress and pressure overload on the heart in conditions such as hypertension and valvular disease can promote ventricular hypertrophy and diastolic heart failure (Merino et al., 2018). The most common model used to mimic human cardiovascular disease and elucidate mechanisms of cardiac hypertrophy and heart failure is the transverse aortic constriction (TAC) model in the mouse (Rockman et al., 1991; Merino et al., 2018). In this model, pressure overload is produced by aortic ligation and provides a reproducible model of cardiac hypertrophy and gradual heart failure. Several studies have used this model to evaluate protein synthesis pathways and investigate the therapeutic benefit of their modulation.

The mTOR pathway plays an essential regulatory role in cardiovascular physiology and pathology. Both mTORC1 and mTORC2 signaling are crucial for embryonic cardiovascular development and preserving function in the adult (Sciarretta et al., 2018). Specific cardiac ablation of mTOR is embryonic lethal and disruption of mTORC1 components postnatally is associated with increased cardiac dysfunction, apoptosis, metabolic changes and heart failure (Sciarretta et al., 2014). It is widely accepted that mTORC1 activation and signaling is required for the development of adaptive hypertrophy and maintenance of heart function in response to pressure overload (Sciarretta et al., 2018). In the absence of mTOR signaling, inadequate remodeling of the heart under increased mechanical strain leads to dilated cardiomyopathy (Zhang et al., 2010). Rapamycin, a potent mTORC1 inhibitor, alleviates established hypertrophy and improves cardiac function following TAC-induced pressure overload in murine models (Shioi et al., 2003; McMullen et al., 2004; Gao et al., 2006). Cardiac hypertrophy promoted by increasing systolic blood pressure in the spontaneously hypertensive rat model could also be attenuated with application of rapamycin (Soesanto et al., 2009). It is important to note, however, that while mTORC1/2 signaling is necessary for cardiomyocyte survival and adaptive hypertrophy in response to mechanical or ischemic trauma, persistent activation of mTOR in a disease setting contributes to pathological hypertrophic remodeling, accumulation of misfolded proteins, energy stress and impaired ventricular and overall heart function (Buss et al., 2009). It has been demonstrated that partial mTORC1 inhibitors are effective in reducing an exaggerated hypertrophic response under pressure overload or chronic myocardial infarction and thereby alleviate tissue damage and heart failure (Shioi et al., 2003). On its own, mTOR signaling is not enough to induce hypertrophy but it is a major contributor and hence has become an attractive target for therapeutic intervention under settings of sustained mechanical stress on the heart (Shen et al., 2008). Partial inhibition of mTORC1 during cardiac stress has been under intense investigation in order to achieve dampening of the maladaptive effects of sustained mTORC1 signaling without disrupting its normal physiological actions. Other studies have investigated the role of components of the mTORC1 complex in the heart under physiological and pathological conditions, such as the adaptor protein Raptor. Mice deficient in myocardial raptor display cardiac dysfunction leading to heart failure in response to pressure overload induced by TAC; this is associated with a lack of adaptive cardiomyocyte growth due to reduced protein synthesis (Shende et al., 2011). It has also been demonstrated that cardiac specific overexpression of the gene encoding the mTORC1 endogenous inhibitor, PRAS40, is associated with blunted pathological remodeling after pressure overload and preservation of cardiac function (Völkers et al., 2013a, b).

The role of mTORC2 in cardiac pathology has received considerably less attention. Bénard et al. showed that stromal interaction molecule 1 (STIM1) is required for the initiation of compensatory hypertrophy in response to TAC-induced overload. STIM1 directly activates mTORC2/Akt signaling in order to preserve cardiac function (Bénard et al., 2016). The adaptor protein rictor is unique to and critical for mTORC2 signaling. Cardiomyocyte specific inducible deletion of RICTOR leads to cardiac dysfunction in response to pressure overload, again reinforcing the importance of mTOR signaling in the short term, adaptive response to increased mechanical strain (Shende et al., 2016). A similar observation of cardiac dysfunction was seen by Völkers et al. in their RICTOR knockdown model which was tested under chronic infarction induced by permanent ligation. In addition to mTOR, the Hippo pathway is another major regulator of cell growth, division and apoptosis. While mTOR signaling promotes growth, the Hippo pathway exerts the opposite effect through negative regulation of its downstream effectors; transcriptional co-activators, yes-associated protein (YAP) and transcriptional coactivator with a PDZ-binding domain (TAZ) (Hansen et al., 2015). The Hippo kinases, MST1/2 in mammals, when active phosphorylate and activate the kinases LATS1/2 which in turn phosphorylate and inactivate YAP and TAZ. When inactive, YAP/TAZ are retained in the cytoplasm where they undergo degradation. When not repressed and in their active form, YAP/TAZ translocate to the nucleus where they predominantly interact with transcription factors from the TEA domain members (TEADs) to promote activation of genes linked with growth (Meng et al., 2016). There has been some research highlighting the cross-talk between Hippo and mTOR signaling during disease states of increased cell growth and proliferation such as cancer (Artinian et al., 2015), however, very little is known with regards to cardiac hypertrophy. One key study has demonstrated that mTORC2 signaling preserves cardiac function following pressure overload induced by TAC by inhibiting the Hippo kinase, MST1 (Sciarretta et al., 2015).

GSK-3β is a negative regulator of protein synthesis and plays a critical role in the cardiomyocyte hypertrophic response to increased mechanical strain. The mechanical stimulus of aortic banding results in a significant decrease in GSK-3β activity which allows for the classic cardiomyocyte hypertrophic response – increased protein accumulation as a result of enhanced protein synthesis, enhanced sarcomere organization and re-expression of the fetal gene program (Haq et al., 2000). Constitutive activation or increased expression of the active form of GSK-3β attenuates pressure overload-induced cardiac hypertrophy in vivo, in part due to inactivation of NFAT target genes (Haq et al., 2000; Antos et al., 2001). Active GSK-3β represses eIF2α-mediated protein translation (Antos et al., 2001) and GSK-3β is the primary kinase that phosphorylates eIF2Bε at Serine 535 in rat cardiomyocytes thereby impeding the initiation of translation and resulting in decreased cardiomyocyte hypertrophy (Hardt et al., 2004).

Protein translation rates in the adult heart are generally one of the lowest in the body because cardiomyocytes terminally differentiate soon after birth and therefore show little growth potential and have low cell turnover (Garlick et al., 1980; Paradis et al., 2014). It is only once the heart is mechanically stimulated in an intense and/or prolonged manner e.g., endurance exercise or heart failure, that protein synthesis rates increase, and cardiomyocytes become hypertrophic. One possible mechanism by which biomechanical forces can alter translational control in the heart is via a poly(A) tail based modulatory mechanism. All mature mRNA transcripts in mammalian cells possess a long tail sequence at one end composed of adenosine nucleotide repeats referred to as the poly(A) tail (Hocine et al., 2010). Certain factors can bind onto the poly(A)tail and influence the fate of the mRNA i.e., how efficiently it is translated or degraded (Burgess and Gray, 2010). PABPC1 is a poly(A)tail binding protein known to facilitate mRNA translation (Kini et al., 2016). A recent study by Chorghade, Seimetz and colleagues investigated how PABPC1 mediates protein translation using mouse and human cells. They highlight that PABPC1 is highly expressed in the heart before birth but is downregulated to almost undetectable levels in the adult heart. They found that this decrease in PABPC1 expression was not a result of lower transcription levels but due to changes in translation of the mRNA transcript. The mRNA for PABPC1 has a much shorter poly(A) tail in the adult heart and this affects its translational efficiency causing low protein expression in the adult vs. neonatal heart. This study highlighted that the length of the PABPC1 mRNA poly(A) tail can be extended, and therefore, protein production can be re-established in the adult heart when it has been subjected to hypertrophic conditions triggered by endurance exercise or cardiovascular disease. Experimental re-introduction of PABPC1 in adult hearts allowed for an interaction with pre-initiation factor, eIF4G, which promotes the recruitment of ribosomes and the activation of protein translation (Chorghade et al., 2017).

Impaired force sensing or changes to mechanical signaling that regulates protein translation are clearly linked to cardiac remodeling. Further investigation is required into the mechanical regulation of components of the translational machinery and factors that govern the initiation of protein translation in the context of increased mechanical strain, in both physiological and pathological contexts.



ER STRESS AND BIOMECHANICAL STRESS

The endoplasmic reticulum (ER) plays a crucial role in protein synthesis, folding and quality control to maintain cellular and tissue function (Walter and Ron, 2011). Under pathological mechanical stress such as pressure overload, the tight balance of protein expression and quality control is disrupted, leading to changes in post-translational modifications, increased protein aggregates and misfolding, decreased protein stability and ultimately an ER stress response (Doroudgar et al., 2015). The ER stress response can activate the unfolded protein response (UPR), thus promoting an acute decrease in protein synthesis, increased protein degradation of defective or misfolded proteins and increased synthesis of protective proteins (Glembotski, 2007). These acute mechanisms are cardioprotective in response to dynamic and physiological changes in pressure stimuli, however, their prolonged activation is associated with cardiac cell death (Sun et al., 2015).

In response to biomechanical stress, phosphorylation of eIF2α blocks initiation of translation and, as such, helps relieve the excess burden of increased protein synthesis and accumulated unfolded proteins in the ER (see Figure 2) (Doroudgar et al., 2015). Attenuation of eIF2α phosphorylation by cardiomyocyte-specific gene deletion of one of its kinases (PERK) resulted in disruption of the cardiac stress response and exacerbated cardiomyocyte hypertrophy, fibrosis and apoptosis (Liu et al., 2014). While deletion of the gene encoding PERK (EIF2AK3) appears to be detrimental in the overloaded heart, gene deletion of other eIFα kinases such as GCN2 (EIF2AK4) and PKR (EIF2AK2) appears to confer some benefit in pressure overload mouse models. When compared to wildtype mice, GCN2 gene deletion did not reduce the degree of cardiac hypertrophy but did protect against ventricular dysfunction, cardiac fibrosis and apoptosis following pressure overload (Lu et al., 2014). Similarly, PKR gene knockout mice are less prone to pressure overload-induced cardiac fibrosis and have preserved left ventricular function despite displaying similar cardiac hypertrophy to their wildtype littermates (Wang et al., 2014). The molecular mechanisms responsible for the different phenotypes of eIF2α kinase gene knockout mouse models following pressure overload remain incompletely understood, but there is increased appreciation for roles of GCN2, PERK and PKR independent of eIF2α phosphorylation. For instance, PERK is a transmembrane protein spanning the ER membrane and not only reduces protein burden via eIF2α-mediated translation block but has been linked to sensing protein folding interactions in the ER during the unfolded protein response (Donnelly et al., 2013). Therefore, cardiac deletion of the gene encoding PERK would ablate ER homeostasis which the other cytoplasmic eIF2α kinases may not be able to fully compensate for and hence cause a more severe reaction to pressure overload.


[image: image]

FIGURE 2. Cellular ER Stress signaling in response to mechanical force. Increased protein synthesis results from chronic mechanical activation of pathways such as mTOR. This results in an increase in protein burden, accumulation of misfolded proteins and ER stress. In an attempt to re-establish ER homeostasis, the UPR is triggered and this consists of three main branches. The eIF2α kinase PERK is an ER transmembrane protein which acts as a sensor to increased protein load and accumulation of unfolded proteins in the ER. Once stimulated, PERK will phosphorylate eIF2α and thereby block global translation initiation to help reduce protein burden in the ER. Phosphorylation of eIF2α also leads to translation of a specific subset of mRNA which will help maintain cellular function and promote cell survival during stress conditions. In times of ER stress, ATF6 will translocate from the ER to the Golgi where it will become cleaved and function as an active transcription factor, promoting the transcription of ER chaperones. IRE1catalyses the splicing of key mRNAs that will become functional transcriptions factors and similar to ATF6, these will promote the transcription and ultimate translation of ER chaperones which will facilitate proper protein folding and degradation to alleviate ER burden. Endoplasmic reticulum (ER), Mammalian target of rapamycin (mTOR), Unfolded protein response (UPR), Eukaryotic translation initiation factor 2-alpha kinase 3, also known as protein kinase R (PKR)-like endoplasmic reticulum kinase (PERK), Activating transcription factor 6 (ATF6), Serine/threonine-protein kinase/endoribonuclease inositol-requiring enzyme 1 (IRE1), Eukaryotic initiation factor 2α (eIF2α).


Reperfusion of the ischemic heart is essential in order to salvage the myocardium, however, it also imposes mechanical stress and injury to the heart. Ischemia-reperfusion (IR) injury induces marked oxidative stress and intracellular calcium overload, leading to ER stress and activation of the UPR. An important regulator of the UPR in the cardiomyocyte in response to hypertrophy is Activating Transcription Factor 6 (ATF6) (Glembotski, 2014). Upon ER stress, ATF6 is activated and triggers expression of key proteins which will re-establish normal ER function and folding capacity (Figure 2; Martindale et al., 2006). Acute activation of ATF6 protects the heart following I/R injury by reducing necrosis and apoptosis (Jin et al., 2017), however, sustained activation of ATF6 and its pro-apoptotic target genes could have detrimental effects on the heart under pathological mechanical stress (Choi et al., 2016). A possible mechanism by which ATF6 regulates cardiac function in response to biomechanical stress is via Rheb-dependent activation of the mTORC1 signaling pathway and downstream protein synthesis (Blackwood et al., 2019). Rheb regulates mTORC1’s kinase functions and activity such that when Rheb is in its active GTP-bound state it will directly interact with and activate mTORC1. Another mechanism is via regulation of ubiquitination in the stressed myocardium during compensatory and pathological hypertrophy via the ATF6 target gene Hrd1 (Sun et al., 2015). Targeted suppression of Hrd1 in vivo was associated with pronounced pathological hypertrophic remodeling in response to pressure overload, whereas overexpression of Hrd1 in the heart led to a significant repression in hypertrophy and preserved heart function under pressure overload.

Heat shock proteins and chaperones protect the heart against pathogenic misfolded and accumulated proteins occurring under biomechanical stress (Ranek et al., 2017). Heat shock protein 70 and its protein homolog, heat shock cognate 70 (HSP70 and HSC70, respectively) defend against cardiomyocyte damage by facilitating folding and transport of new proteins and protein degradation at the proteasome. In response to biomechanical stress, HSP70 expression increases in order to alleviate the increased misfolded protein burden. Animal models of inducible HSP70 expression have indicated a cardioprotective role for HSP70 in response to acute cardiac mechanical stress (Bernardo et al., 2016). Interestingly, increased HSP70 expression may only provide protection under acute mechanical stress, such as exercise or I/R, as studies using mice exposed to chronic pressure overload- induced hypertrophy demonstrated no benefit having increased expression of HSP70 (Weeks et al., 2012; Sapra et al., 2014).

Carboxyl terminus of HSC70-interacting protein (CHIP) is expressed in cardiac muscle and functions as a co-chaperone, facilitating the refolding of misfolded proteins either by itself or by mediating its co-chaperones (heat shock proteins HSP70, HS70 and HSP90) (Kettem et al., 2010). CHIP also plays a critical role in protein degradation through its ubiquitin ligase activity therefore it has an essential role in myocardial protein quality control and expression (McClellan and Frydman, 2001). While overexpression or loss of the gene encoding CHIP (ATCHIP) does not affect steady state heart function, manipulation of CHIP gene expression levels has profound effects on myocardial function following an increased mechanical load emphasizing the importance of cardiac CHIP levels in preserving heart function under stress (Zhang et al., 2005). CHIP gene KO mouse models exhibit adverse cardiac hypertrophy in response to either exercise or pressure overload as measured by increased cardiomyocyte size, heart weights and wall thickness (Schisler et al., 2013; Willis et al., 2013). Mice with suppressed CHIP expression and subjected to pressure overload had increased mortality rate associated with severe cardiac hypertrophy and fibrosis (Schisler et al., 2013), impaired HSP70 expression (Zhang et al., 2005) and increased mTOR signaling (Dickey et al., 2008), while mechanical stress from MI or I/R injury in CHIP KO mice causes considerably larger, more damaging infarcts and decreased survival.



MECHANICAL FORCES AND PROTEIN TRANSLATION IN VASCULAR CELLS


Vascular Smooth Muscle Cells (VSMCs)

VSMCs are the major contractile component of blood vessel walls and experience cyclic strain but are generally shielded from shear stress under physiological conditions (Wang et al., 2018). Endothelial cells (ECs) respond to their mechanical environment and crosstalk with VSMCs in order to maintain vascular tone and mediate vascular remodeling. Under stressed or pathological states where there is vessel injury, the endothelial layer is compromised or endothelial signaling is dysfunctional, such as in hypertension or atherosclerosis. Under such conditions, VSMCs are vulnerable to exposure of shear stress from blood flow or their signaling and function can change as a result of inappropriate EC activation (Scott et al., 2012; Kim et al., 2017). Pathological mechanical trauma and changes to cyclic stretch triggers VSMCs to undergo gene, protein expression and phenotypic changes. Examples of this are decreases in contractile genes such as SM22α and those encoding myosin light chain, and increases in cell hypertrophy, proliferation and migration (Huang et al., 1999; Feil et al., 2004; Chiu et al., 2013; Wang et al., 2018). The dysregulated proliferative VSMC phenotype is associated with cardiovascular states where the mechanical environment is perturbed such as pulmonary hypertension and atherosclerosis (Morrell et al., 2009; Bennett et al., 2016).

The mTOR signaling pathway has been shown to be activated in VSMCs in response to cyclic strain (Li et al., 2003) and has since been investigated both in vitro and in vivo in pathological hypertensive settings. Houssaini et al. induced pulmonary hypertension in rats and observed both mTORC1 and mTORC2 activation which contributed to increased pulmonary artery SMC (PASMC) growth compared to control rats. When they treated the hypertensive rats with rapamycin to inhibit mTORC1 signaling, they observed a decrease in SMC proliferation and reduced vessel remodeling (Houssaini et al., 2013). A more recent study by Tang and colleagues evaluated the contribution of mTORC1 and mTORC2 in the development and progression of pulmonary hypertension in mouse models. They functionally disrupted mTORC1 and mTORC2 specifically in SMCs by knocking out genes encoding the adaptor proteins raptor or rictor, respectively (Figure 1). When they disrupted mTORC1 signaling, in agreement with previous studies, they observed amelioration of SMC proliferation and therefore reduced development of hypertension. In contrast, when they knocked out RICTOR and therefore interfered with mTORC2 signaling, this caused spontaneous pulmonary hypertension as a result of upregulation of platelet derived growth factor receptors (Tang et al., 2018). This therefore suggests that mTORC2 confers some protective benefit to the SMC phenotype and vascular remodeling, however, the mechanisms and signaling involved require further clarification especially as other studies have shown mTORC2 plays a key role in proliferation and survival of pulmonary artery SMCs in pulmonary arterial hypertension (Goncharov et al., 2014).

Mechanical forces can stimulate ER stress signaling in VSMCs and chronic activation of this response mediates vascular disease progression such as in atherosclerosis, hypertension and aneurysms (reviewed in Shanahan and Furmanik, 2017). Cheng et al. subjected rat aortic SMCs to cyclic stretch to mimic the hemodynamic environment found in arterial vessels. They found that the downstream target of ER stress transmembrane protein PERK, C/EBP homologous protein (CHOP), was upregulated by cyclic stretch suggesting ER stress activation (Figure 2; Cheng et al., 2008). Another study by Wan et al. suggested that under mechanical stress induced by hypertension, a positive feedback loop is triggered in aortic SMCs whereby increased mechanical trauma activates the ER stress response and this further exacerbates hypertension. The mechanism by which this occurs is increased splicing of the conductance Ca2+ voltage activated K+ channels which are essential for maintaining vascular tone and contractility (Wan et al., 2015). A complementary study by Liang et al. demonstrated that aberrant ER stress in VSMCs increases their contractility and as such promotes elevated blood pressure; activation of AMPK counteracted high blood pressure by reducing the effects of ER stress in vivo and is therefore essential for vascular homeostasis (Liang et al., 2013).

It has been established for some time that ribosomal proteins have extra-ribosomal functions beyond that of the classical biochemistry of protein translation (Wool, 1996; Graifer et al., 2014; Zhou et al., 2015). Ribosomal protein L17 (RpL17) is a component of the large 60S ribosomal subunit but has also been shown to act as a VSMC growth inhibitor. Smolock et al. were first to show that RpL17 expression is inversely correlated with VSMC growth and that RPL17 depletion promotes VSMC proliferation using a mouse model of partial carotid ligation. This study suggested that RpL17 could therefore represent a potential therapeutic candidate for limiting VSMC proliferation during carotid intima-media thickening (Smolock et al., 2012). It remains to be further investigated how the ribosome-free ribosomal proteins are balanced or coordinated with their traditional roles in protein synthesis and ribosome biogenesis during normal cell growth and proliferation.



Endothelial Cells (ECs)

There is little study on how mechanical forces from blood flow influence EC function with regards to protein synthesis mechanisms and components of the translational machinery (ribosomes, polysomes, elongation and initiation factors, aminoacyl-tRNA synthetases) and how they could mediate general EC-shear stress responses aside from ER stress in disturbed flow settings. ECs reside in a highly dynamic mechanical microenvironment, and as such, need to be able to adapt quickly changing mechanical stimuli. Translation can occur independently of transcription, suggesting a rationale for specific force-dependent mechanisms that can regulate translation of proteins to bring about rapid cellular responses to force (Brant-Zawadzki et al., 2007). ECs are at the frontline in responding to mechanical cues which alter their activity and phenotype and influence the biologic behavior of the vessel wall i.e., contraction-dilation of blood vessels to mediate changes in blood pressure and re-direct blood flow under exercise training or times of stress (Givens and Tzima, 2016). ECs can also respond to various agonists in the circulation but mechanotransduction, the sensing of a biophysical signal which is converted into an intracellular biochemical response, is more rapid than ligand-receptor signaling (Na et al., 2008). Mechanotransduction responses in ECs involves the dynamic modification of proteins via phosphorylation/de-phosphorylation which will ultimately influence transcriptional and translational control mechanisms. While transcriptional control mechanisms require a longer timeframe to employ, separate translation-only control mechanisms allow ECs to mount a more immediate response to a change in mechanical stimuli, ensuring cell homeostasis while longer term transcriptional changes to gene expression can be put in place.

There is limited study on how fluid shear stress influences protein translation in ECs independent of changes at the transcriptome level. Kraiss et al. were first to demonstrate that fluid shear stress, in the absence of growth factors or hormones, independently activates the mTOR pathway in ECs through phosphorylation of mTOR downstream target, p70S6K (Figure 1). In this same study, the investigators highlighted that FSS can modulate protein expression without changing mRNA levels, again revisiting this idea of the disconnect between mRNA and protein levels as a result of translational control. The activation of p70S6K controls translation of a specific set of mRNA transcripts into protein. One of these is the protooncogene, Bcl-3, which was used in this study to detect changes in protein expression following p70S6K activation by shear stress. They found that Bcl-3 expression was rapidly induced following short-term shear stress and its upregulation was attenuated in the presence of Rapamycin but not in response to actinomycin D, suggesting that upregulation is due to translation and not transcription (Kraiss et al., 2000).

An additional study by Kraiss et al. demonstrated that fluid shear stress can modulate the protein expression of adhesion molecule, E-selectin, on the EC cell surface independent of changes to E-selectin mRNA levels. To further investigate this post-transcriptional mechanism, they recovered the polysome fractions of ECs which had been stimulated to express E-selectin and compared them with pre-stimulated ECs which had then been subjected to shear stress. Fluid shear stress markedly reduced the amount of E-selectin mRNA bound to active polysomes compared to the stimulated only ECs, which had a high level of mRNA associated with actively translating polysomes. To ensure this result was not attributed to a general overall decrease in protein translation following shear stress, they used a radiolabeled methionine incorporation assay to measure relative global protein synthesis occurring in the flowed vs. non-flowed samples. The predominant response of ECs exposed to fluid shear stress shifted toward an overall increase in global protein synthesis compared to their static counterparts therefore indicating a specific downregulation of E-selectin expression. This suggests that the mechanical stimulus of shear stress can influence translational control and specifically control a subset of mRNAs. Interestingly, unlike with Bcl-3, the application of Rapamycin did not affect the flow-mediated response of E-selectin expression suggesting its translation is mTOR/p70S6K independent (Kraiss et al., 2003).

Other studies have examined the effects of different types of shear stress on protein translation mechanisms. Both laminar and disturbed fluid shear stress induce rapid phosphorylation of mTOR at its Serine 2448 and its downstream target p70S6K which is important for protein translation and cell growth. Activation of p70S6K persists under oscillatory shear stress but shows a transient activation following sustained exposure to laminar shear stress (Guo et al., 2007). This highlights the differential actions of different mechanical forces on protein translational signaling. Additionally, mTOR can be also be activated in response to low shear stress as shown by increased phosphorylation of downstream target 4EBP1 (Vion et al., 2017).

In addition to shear stress, pressure also regulates protein translation signaling. Rice et al. investigated pressure-induced activation of p70S6K and other protein synthesis regulators, Akt and GSK3β, in rat aortae from young and aged rats. P70S6K mediates the translation of mRNA transcripts related to cell cycle progression and the translational machinery. They found that pressure-induced phosphorylation of p70S6K and Akt-dependent GSK3β (Serine 9) was attenuated in the aged rat aorta compared to the young adult group suggesting that physiological aging elicits changes to protein synthesis and cell growth pathways (Rice et al., 2005). This study also showed that aged vessels are less compliant as aortic wall thickness increased in the aged animals. More studies are required to highlight the differential mechanisms that occur with normal aging to mechanotransduction pathways in the vasculature which may have different signaling pathways to that which occurs in vascular disease or with age.

The ER stress response, also referred to as the unfolded protein response (UPR), promotes an acute decrease in protein synthesis to ensure ER capacity can match demands of protein load (Walter and Ron, 2011). Activation of the ER stress response also leads to increased protein degradation of defective or misfolded proteins whilst augmenting synthesis of protective proteins (Glembotski, 2007). Protein misfolding is a result of increased protein synthesis, changes in protein oxidation, post-translational modifications and decreased proteasome capacity (Sun et al., 2015). In regions of disturbed flow, such as the inner curvature of the aortic arch, ER stress activates adaptive UPR signaling (see Figure 2; Davies et al., 2013). A study by Civelek et al., 2009 observed upregulated gene expression of ERN1 (IRE-1) and ATF6, both transducers of the UPR response, in the aortic arch compared to the descending aorta. This stress response in the aortic arch could be persistently active in order to mitigate the effects of the imbalanced mechanical environment which promotes sustained protein translation and contributes to the accumulation of pathological levels of misfolded proteins. Further analysis of differential effects of shear stress on the EC ER stress response was performed by Bailey and colleagues. They subjected human aortic ECs to low and high shear stress and examined the levels of key factors involved in the ER stress response. They found that low shear stress (2 dynes/cm2) induced high expression of eIF2α and Xbp1 and high shear stress (12 dynes/cm2) was associated with low Xbp1 expression (Bailey et al., 2017). This data coincides with Zeng et al. who found that Xbp1 was highly expressed in areas of the vasculature which are susceptible to disturbed flow patterns e.g., branch points. In addition, there were similar high and low expression patterns in their in vitro studies when analyzing disturbed and laminar flow, respectively (Zeng et al., 2009).



Perspectives

The control of protein expression in the cardiovascular system is incredibly sensitive to the effects of mechanical forces. Protein translation in the heart is relatively low unless mechanical signaling increases substantially and/or is sustained which can be of a physiological or pathological nature. Endurance exercise causes increases in hemodynamic forces which, if sustained, will trigger protein synthesis mechanisms and adaptive cardiac hypertrophy to cope with increased mechanical demands. In conditions where hemodynamic forces are perturbed, such as hypertension, atherosclerosis and heart failure, dysregulated protein synthesis can contribute to worse outcomes in heart and vessel function and disease progression. These can include dysregulation of mTOR signaling or components which modulate protein translation initiation, such as eIF2α. Signaling systems such as those involved in the ER stress response are highly mechanosensitive and help to regulate protein burden in conditions of mechanical disturbance. Pharmacologic and/or genetic inhibition of protein translation pathways has been shown to extend life span in mammals and reduce cardiac remodeling and heart failure in response to increased biomechanical stress. These studies suggest that targeting of protein translation pathways, especially when they are aberrantly activated in conditions of mechanical disturbance, may represent a novel therapeutic strategy to confer cardioprotection and vessel homeostasis.
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During embryonic morphogenesis, the heart undergoes a complex series of cellular phenotypic maturations (e.g., transition of myocytes from proliferative to quiescent or maturation of the contractile apparatus), and this involves stiffening of the extracellular matrix (ECM) acting in concert with morphogenetic signals. The maladaptive remodeling of the myocardium, one of the processes involved in determination of heart failure, also involves mechanical cues, with a progressive stiffening of the tissue that produces cellular mechanical damage, inflammation, and ultimately myocardial fibrosis. The assessment of the biomechanical dependence of the molecular machinery (in myocardial and non-myocardial cells) is therefore essential to contextualize the maturation of the cardiac tissue at early stages and understand its pathologic evolution in aging. Because systems to perform multiscale modeling of cellular and tissue mechanics have been developed, it appears particularly novel to design integrated mechano-molecular models of heart development and disease to be tested in ex vivo reconstituted cells/tissue-mimicking conditions. In the present contribution, we will discuss the latest implication of mechanosensing in heart development and pathology, describe the most recent models of cell/tissue mechanics, and delineate novel strategies to target the consequences of heart failure with personalized approaches based on tissue engineering and induced pluripotent stem cell (iPSC) technologies.
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INTRODUCTION

In recent years, the assessment of biomechanical-dependent molecular machinery has become a new insightful approach to decipher cellular dynamics inside tissues, with implications in morphogenesis, tissue renewal, and pathology progression. For example, mechanical-dependent coordination of tissue growth is one of the major determinants in either preimplantation or postimplantation embryonic patterning (Bredov and Volodyaev, 2018), as well as in pathologic evolution such as cancer (Papalazarou et al., 2018). Moreover, progenitor cells differentiation has been directly linked to compliance of the extracellular matrix (ECM) (Engler et al., 2006) or to the topography and characteristics of the substrate in which they are cultured. Similarly, when cells are confined onto geometrically defined adhesions surfaces (McBeath et al., 2004; Nelson et al., 2005), aligned in specific patterns onto microgrooved structures (Downing et al., 2013), or exposed to cyclic strain (Ugolini et al., 2016), mechanical stress sensed by the cytoskeleton results in a broad variety of cellular responses such as differentiation, proliferation, or maturation. However, what links mechanical stimuli to cell biology and how mechanical pathways are transduced inside the cell to activate proliferation and/or alternative differentiation pathways are still not fully understood. A greater discernment of these mechanisms is of fundamental importance in order to better understand the development and progression of various cardiac diseases in which a dysregulation of the mechanosensing-mediated pathways are involved. Similarly, it is now evident that the same molecular mechanisms are also involved in the maturation of a functional tissue, both in vitro and in vivo. They should be further considered when trying to engineer and develop in vitro new cardiac tissue, for both regenerative medicine and research applications. In this review, we will address the latest implication of mechanosensing in heart development and pathology, describe the most recent models of cell/tissue mechanics, and delineate novel strategies to target the consequences of heart failure with personalized approaches based on tissue engineering and induced pluripotent stem cell (iPSC) technologies.



CELL MECHANICS AND HEART DEVELOPMENT/DISEASE


From Cytoskeleton Tensioning to Mechanical Sensing and Gene Expression Programming

Mechanical cues are converted into biochemical stimuli by connections established between the cytoskeleton [a network of protein filaments composed of microtubules (MTs), microfilaments (MFs), and intermediate filaments (IFs) involved in many cellular functions because of their role in, e.g., cell shaping, migration, and intracellular architecture conditioning] and the external ECM through focal adhesion contacts and multi-protein structures connecting the actin bundles to the ECM. Among all the proteins present in focal adhesions, integrins are transmembrane heterodimeric receptors, composed of α and β subunits, which bind to the ECM and activate different signal transduction within the cells. Similar to receptor–ligand interactions, mechanical signaling originates from receptor-mediated nucleation of adhesions structures, and further organization of intracellular cytoskeleton with consequent force generation (from intracellular or external stimuli) and intracellular mechanical transduction (Burridge and Wittchen, 2013; Brouhard and Rice, 2018). Downstream of mechanical activation (e.g., increasing force generation by cells attached to substrates with increasing stiffness) is the activation of gene transcription signaling that may have consequences for alternative differentiation of cells with progenitor characteristics. Typical is the example of mesenchymal cells that were shown to differentiate into adipose or osteogenic cells depending on the compliance of the ECM (Engler et al., 2006). This differentiation process occurs by engaging signaling cascades, for example, the so-called Hippo pathway (Piccolo et al., 2014), whose activity is directly dependent on the tension of the cytoskeleton, determining the reversible nuclear translocation of the Yes-associated protein and transcriptional activator with PDZ-binding motif (YAP/TAZ) transcription complex (Dobrokhotov et al., 2018; Dasgupta and McCollum, 2019; Pocaterra et al., 2020).

Mechanical signaling may also determine longer time effects and permanent programming of cell phenotype through specific setting of the epigenome. For example, experiments performed with hydrogels with defined compliance showed that exposure to a stiff three-dimensional (3D) environment modifies permanently gene expression with permanently established “mechanical memory” effects (Yang et al., 2014) that cannot be reversed even by shifting cells into an environment with higher compliance. In line with these evidences, it was observed that forcing cells to acquire specific geometries determines permanent changes in epigenetic marks that likely translate in long-term gene activation/repression at the chromatin level (Downing et al., 2013).

The link between intracellular mechanical signaling and permanent epigenetic changes may depend on the direct effects that generation of intracellular forces has on the opening and closing of the nuclear pores and the accessibility of the chromatin to transcriptional machineries due to long-range interactions with proteins of the nuclear envelope. For example, it was recently observed that connection of the contractile cytoskeleton to the nuclear lamina is important to promote nuclear straining and translocation of the YAP/TAZ complex by physical opening of the nuclear pores independently of the Hippo signaling (Elosegui-Artola et al., 2017; Lomakin et al., 2017). The structure of the chromatin may itself result from generation of intracellular forces due to peculiar conformation of the surrounding environment. For example, confinement of cells into specific geometric patterns resulted in topological chromatin rearrangement due to force-dependent distribution of epigenetically active enzymes [e.g., histone deacetylases (HDACs)], and this may cause permanent opening/compaction of the chromatin in specific gene loci (Jain et al., 2013). This intriguing possibility seems to be linked to the association existing between chromatin and components of the nuclear envelope (e.g., lamins), which, other than a structural function in the nucleus, may also have mechanical transduction and topological insulation functions (Stephens et al., 2018). Recently, Cho et al. (2019) demonstrated that nuclear lamina regulates and reduces the nuclear rupture and leak of DNA repair factors, suggesting a role of the nuclear lamina as a “cushion” potentially protecting from cytoskeleton-dependent nuclear mechanical stress. Together, these evidences support an integration of mechanical forces into the wider control mechanism of cell identity and function and establish spatial and mechanical criteria for correct tissue development and homeostasis.



Mechanosensitive Control of Heart Development and Growth

Biophysical regulation of chromatin organization appears to be important also in lineage specification and pathway activation from the earliest stages of embryonic development. For example, it has been hypothesized that nuclear translocation of the YAP/TAZ transcriptional complex in response to straining of the cells outside the forming blastocysts may establish the first separation between the embryonic and extraembryonic lineages in preimplantation mammalian embryos (Nishioka et al., 2009; Biggins et al., 2015). On the other hand, cell-to-cell contacts in the inner cells activate the Hippo pathway resulting in the phosphorylation and inactivation of the YAP/TAZ, thus preventing the translocation into the nuclei and allowing pluripotency markers to be expressed (Nishioka et al., 2009; Biggins et al., 2015). This straining effect is likely related to the establishment of the apical domain of the presumptive trophectodermal cells, resulting in molecular determination of the first extraembryonic lineage by cell positioning outside the forming blastocyst and induction of pluripotency in its interior domain (Korotkevich et al., 2017).

Development of the heart is one of the first morphogenetic events occurring in the developing embryos with a complex series of cell migrations and phenotypic transformations also involving mechanical cues. Although we redirect to more specific reports describing the various lineages contributing to the formation of the heart (Meilhac and Buckingham, 2018), it is important to highlight that the origin of the coordinated heartbeat arising in the cardiac tube before its primary looping may have a pure mechanical basis rather than an electromechanical basis. This hypothesis emerges from studies showing that perturbations of mechanosensitive Ca2+ channels expressed by cardiac progenitors (Tyser et al., 2016) are determined by a progressive increase in the matrix stiffness leading to a coordinated beating of the newly differentiated myocardial cells (Majkut et al., 2013, Majkut et al., 2014; Chiou et al., 2016) before the onset of electromechanical coupling.

Mechanical cues seem to be profoundly involved in controlling myocyte proliferation and hypertrophy after birth. At this stage, a dramatic increase in the pumping efficiency of the heart is necessary to compensate cessation of the embryonic shunts redirecting circulation of the oxygenated blood from the placenta to the lungs, and the transition from a quasi-zero to a normal gravity level (Kennedy-Lydon and Rosenthal, 2017). The increase in mechanical performance requires a structural and functional maturation of the myocytes, with the conversion from the fetal to the adult structure of the sarcomeres (Ehler, 2016), a change in shape from polygonal to rod-like, and a sudden reduction of their proliferation with an increase in their volume. In parallel, sequestering of YAP by the dystrophin/dystroglycan complex (DGC) due to Hippo pathway-dependent phosphorylation acts as a negative feedback loop preventing further myocyte proliferation (Morikawa et al., 2017). Mechanical maturation of the heart, finally, does not only involve maturation of the contractile cell mass. In fact, the cardiac matrix undergoes a significant stiffening from a value <0.2 kPa (Young modulus) of the cardiac tube, to a value >20 kPa at birth (Majkut et al., 2013, Majkut et al., 2014; Chiou et al., 2016), when it reaches its physiological stiffness. Interestingly, a coordinated control of cardiac myosin expression in myocytes and collagen I deposition by cardiac fibroblasts (CFs) orchestrates maturation of the tissue, preparing it for the increase in mechanical load occurring at birth (Majkut et al., 2014). The connection of myocytes to the surrounding matrix through costameres establish a very sensitive feedback mechanism controlling mitotic block other than cellular mechanical integrity (Sessions and Engler, 2016), and perturbation of this system could be amenable to induce cardiac regeneration. In line with this hypothesis, it was observed that administration of Agrin, a specific component, in the neonatal cardiac matrix promotes dissociation of YAP from the DGC complex and myocyte cell cycle re-entry (Bassat et al., 2017). Because administration of drugs with a matrix softening activity prolongs the cardiac regeneration period in neonatal mice (Notari et al., 2018), it is tempting to speculate that modulating mechanical properties of the myocardial matrix could be a viable strategy to promote heart regeneration in adulthood.



CELL AND TISSUE LEVEL MECHANICAL MODELING: MOLECULAR AND SUBCELLULAR LEVEL MODELING

The pathways of mechanotransduction, that is, the cascade of events originating from mechanical cues eventually leading to biological responses, are known to differ considerably both between different cellular phenotypes and between distinct mechanical stimuli (Omens, 1998; Humphrey, 2001). Historically, the molecular players of mechanotransduction were categorized into the following groups (Ingber, 1997): (1) mechanical-signal-responding ion channels, (2) integrin receptors, (3) protein complexes linking the integrin receptors to the cytoskeleton, and (4) cytoskeleton components, that is, MTs, IFs, and actin MFs. Each one of these players, synergistically and sequentially involved in transmitting mechanical signals from the ECM to the inside of the cell, has benefited from new insights provided by computational theories at various length scales and timescales. Among these theories, computational molecular modeling has gained great momentum in the past 20 years, as a theoretical set of methodologies able to predict conformational and thermodynamic properties of biological building blocks and macromolecular super-assemblies by means of models characterized by atomic or quasi-atomic resolution. In this context, molecular dynamics (MD) simulations have been widely used in the last decades to obtain new insights into biological functions of proteins by studying such molecular systems at the atomistic level (Soncini et al., 2007; Lepre et al., 2017; Grasso et al., 2018, 2019a,b). After McCammon et al. (1977) investigated the dynamic behavior of small proteins on the basis of MD simulations, the method was widely employed for helping experimental design and data rationalization, with the drawback of an accessible timescale in the order of several hundreds of nanoseconds up to a microsecond (Abraham et al., 2015; Hollingsworth and Dror, 2018), in contrast with the generally much larger timescale encompassing protein function (nanoseconds up to seconds). As a matter of fact, the choice of the proper computational simulation approach is usually related to the timescale to be investigated, the size of the molecular system, and also the properties under investigation. The mechanics of large protein structures is still computationally inaccessible by all-atom MD (AAMD), which, as the name suggests, is based on the explicit modeling of all atoms of the simulated system and all the bonded and non-bonded interactions thereof. Thus, researchers working in the field tried to develop simulation approaches requiring less computational power (Chu and Voth, 2005, 2006, 2007; Marrink et al., 2007; Monticelli et al., 2008; Pfaendtner et al., 2010; Deriu et al., 2012; Bidone et al., 2015). Some of these methods are based on simplified models for describing the protein structure, such as normal mode analysis (NMA) of elastic network models (ENMs) used as a coarse-grained (CG) approach for protein dynamics (Tama et al., 2000; Tama and Sanejouand, 2001; Li and Cui, 2002; Eom et al., 2007; Tatke et al., 2008; Yang and Chng, 2008; Deriu et al., 2010; Cifra et al., 2015). These techniques represent a valid computational alternative to atomistic simulations for understanding the mechanics of large proteins. All these approaches, both atomistic and non-atomistic (Figure 1) will be discussed for each of the aforementioned biological players of mechanotransduction, starting from the cell–ECM contact and conceptually moving downstream the mechanotransduction pathway toward the cytoskeleton.
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FIGURE 1. Schematic representation of the different timescales and length scales typically accessible to different computational and experimental techniques, starting from quantum mechanics (QM) and hybrid quantum mechanics/molecular mechanics (QM/MM), and progressively moving up the scales to all-atom molecular dynamics (AA-MD), coarse-grained MD (CG-MD), and elastic networks, up to Brownian dynamics and continuum mechanics, and at the top right in vitro approaches. The dashed line encompasses techniques deploying the principles of molecular mechanics. The bottom arrows highlight the typical timescales of different types of biological motions.



Mechanosensitive Ion Channels

From a cellular perspective, effective translation of mechanical cues from the environment into appropriate biological responses requires a competent transduction pathway connecting the ECM to subcellular structures. For this reason, contacts between the cell and the ECM are being increasingly investigated both in vitro and through the application of the tools provided by computational molecular modeling, given the intimate link between mechanotransduction and protein conformational changes (Hoffman et al., 2011). Mechanosensitive ion channels (MSCs), sometimes referred to as stretch-activated channels (SACs), being located at the interface between the cell membrane and the surrounding environment, are a first candidate for the transduction of mechanical stimuli, with functional implications on a variety of biological processes including, for example, the mechano-electric feedback loop in cardiovascular physiology, where force is known to significantly alter ion conductance (Teng et al., 2014). SAC opening and closing dynamics in response to mechanical stress have been investigated both in vitro and in silico (Kizer et al., 1997; Sachs, 2010) for a variety of cellular phenotypes, and in this context, computational molecular modeling is providing valuable insights into the molecular mechanisms behind the response to mechanical stimuli. Examples of this include computational studies of the bacterial mechanosensitive channels, which are commonly categorized into mechanosensitive channels of small conductance (MscS) and mechanosensitive channels of large conductance (MscL). Sotomayor and Schulten (2004) investigated the dynamics of MscS through MD simulations both restrained to its crystallographic state and unrestrained: in the former case, the open conformation was preserved, and intermittent permeation of water was observed, whereas in the latter, unrestrained case, the presence of local surface tension was shown to mechanically induce widening of the pore. Elmore and Dougherty (2003) computationally investigated the effect of lipid membrane composition on MscL dynamics, highlighting a conformational change in the channel’s C-terminal region depending on membrane lipid composition and structural rearrangements following the thinning of the bilayer in response to mechanical tension. The gating mechanism of MscL has been further evaluated computationally by Gullingsrud et al. (2001) through the use of steered MD (SMD), where the application of lateral tension mimicking the bilayer environment subjected to mechanical stress allowed for the characterization of the dynamics of the single molecular events leading to the transition from the closed state to the first open state, in good agreement with experimental data (Sukharev et al., 1999; Kloda and Martinac, 2001). More recently, Sawada et al. (2012) identified a single residue as the main responsible for transmitting the force from the membrane bilayer to the rest of the channel, thereby characterizing the chain of events eventually leading to the first stage of channel opening, with the calculated energy difference between the closed and first conductance states in agreement with experimental data. Overall, the last two decades saw the increasing application of computational modeling techniques to MSCs, effectively shedding light on those molecular events that from the application of mechanical stimuli lead to structural rearrangements of the channels and eventually to the conformational switch to the open state. Given the crucial role of ion-channel mechanics and dynamics in the regulation of cardiovascular function, this approach is promising and expected to provide insights into the causative relationships between the cell’s mechanical environment and functional consequences in healthy and pathological myocardial conditions.



Integrin Receptors

Integrins are cell adhesion heterodimers composed of two glycoprotein subunits named α and β, each consisting of an extracellular portion terminating with a globular shaped head, a multidomain “leg,” a transmembrane helix, and a cytoplasmic tail region. A total of nine types of β subunits and 24 types of α subunits exist, combining to form functionally distinct heterodimers (Moreno-Layseca et al., 2019). They constitute a well-known contact point between the cell and both the ECM and adjacent cells, and they have been extensively studied in terms of their mechanical properties in the context of transmitting mechanical signals downstream of focal adhesions, which are supramolecular contact points between the cell and ECM enabled by the clustering of adhesion-mediating proteins. Integrins generally bind to specific components of the ECM, which bear a distinct integrin-binding domain consisting in an Arg-Gly-Asp (RGD) triplet. The most common substrates for human integrins are laminins (α3β1 α6β1 α7β1, α6β4, α1β1, and α2β1), collagens (α1β1, α2β1, α10β1, α11β1, αvβ8, and α9β1), and fibronectin (α5β1 α8β1 αvβ1, αvβ3, αIIbβ3, αvβ6, αvβ8, α4β1, and α4β7) (Moreno-Layseca et al., 2019). The location and accessibility of RGD domains thus play a pivotal role in integrin binding, and the exposure of buried RGD triplets as a result of mechanical stress arguably constitutes a first path for mechanotransduction. Different models of the integrin activation process have been proposed. A first model postulates that inactive integrins are in a bent state, with the heads facing the cell membrane. Events such as talin binding in the intracellular region are then thought to lead to a switchblade-like motion, in which the head swings outward toward the extracellular space, thus activating the integrin (Takagi et al., 2002). A second model explained integrin activation as a consequence of the vertical sliding of the stalks in response to the same intracellular binding events (Xiong et al., 2003). Perhaps most importantly, both models explained integrin activation as a function of conformational changes enhancing the affinity of the globular heads for their extracellular ligands. Molecular modeling methods have been deployed to investigate the dynamics of integrin conformational change and activation, for example, the swing-out motion of the hybrid domain in β3 integrins. Indeed, MD and SMD simulations allowed to describe the allosteric pathway leading to hinge-angle opening in α5β3 integrins at the atomistic scale (Puklin-Faucher et al., 2006), also highlighting how RGD-sequence-containing ligand binding and ligand-dependent force application accelerate the conformational alterations (Puklin-Faucher and Vogel, 2009). The conformational dynamics of the β3 integrin headpiece hybrid domains have also been investigated by Gaillard et al. (2009) through MD and NMA, (1) underlining the low-frequency nature of the conformational transition involving the I-like and hybrid domains, (2) detailing the role of the α1 and α7 helices in the conformational transition, and (3) linking local conformational alterations of the identified regions to wider-scale structural rearrangements, allowing for integrin activation. Further studies hinted, again using targeted MD and ENMs, at common structural changes of the I-like domain essential for β3 integrin activation (Matsumoto et al., 2008; Provasi et al., 2009) and detailed the nature of the transition from inactive to active state (Chen et al., 2011). In summary, given the central role of integrins in mediating cell–cell and cell–ECM contacts and their potential as pharmacological targets (Paulhe et al., 2005), and because physiological cardiovascular function is intrinsically liked to correct mechanical coupling between its cellular and extracellular components, computational molecular modeling applied with specific methodological endpoints to the characterization of integrin-receptor mechanics and dynamics shall prove a valuable approach for the investigation of mechanotransduction, also in the context of cardiovascular function.



The Integrin–Cytoskeleton Coupling

The coupling between integrin receptors and the cytoskeleton sees the involvement, among others, of talin and vinculin (Figure 2). Moving further downstream of the mechanical chain connecting the cell environment to the inside of the cell, computational modeling has again proven to be a valuable tool in synergy with experimental approaches to unveil the causative factors of the translation of mechanical stimuli into competent or aberrant cellular responses. Talin, a globular protein crucial for linking integrins to the actin cytoskeleton, has been suggested through MD simulations to undergo a conformational change of its helical bundles when force is applied at the focal adhesion, effectively exposing cryptic binding residues crucial for vinculin binding (Lee et al., 2007), leading to the strengthening of focal adhesions, as shown by more recent works (del Rio et al., 2009; Yao et al., 2014). Vinculin, simultaneously binding to talin and F-actin, is also known to be essential for the maturation of stable focal adhesions. As Lee and co-workers suggested (Lee et al., 2007), the requirement of an external force to induce vinculin recruitment might be a crucial component in the overall mechanotransduction pathway. In their study, MD simulations were employed and a binding mechanism between the vinculin head subdomain (Vh1) and the talin vinculin-binding site (VBS) was proposed as characterized at the atomic scale in terms of consecutive structural events from hydrophobic insertion on VBS into Vh1 to a conformational rotation of the former (Lee et al., 2007). The predominantly hydrophobic nature of the VBS–vinculin interaction has been later confirmed again through MD simulations by Golji et al. (2011), further confirming the hypothesis of the insertion of the VBS of talin into the hydrophobic vinculin domain 1 core. Interestingly, the more general validity of the proposed mechanism suggested by Lee et al. (2008) constitutes a first example of how the understanding of molecular mechanisms in this context through computational models constitutes an important piece of knowledge, which might eventually lead, in tandem with experimental validation, to a broader multiscale model of mechanotransduction. Moreover, in the light of studies highlighting the importance of vinculin and in general of the cytoskeleton-binding proteome in heart contractility, cytoskeletal stiffening, and cardiac aging and disease (Heling et al., 2000; Kaushik et al., 2015), it is legitimate to expect that progress in the understanding of cardiac biomechanics can be effectively aided by computational, multiscale molecular models able to explain the functional and causative link between proper mechanotransduction and physiological function.
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FIGURE 2. (A) Simplified schematic of the three main constituents of the cytoskeleton, that is, actin microfilaments, intermediate filaments, and microtubules, with their basic constitutive units highlighted. (B) Schematic representation of the connection between the extracellular matrix (ECM) and the actin cytoskeleton through integrins. Atomistic models available for the vinculin-binding site (VBS) of talin and the vinculin Vh1–talin VBS complex are shown. Created with Biorender.com.




Computational Investigation of Cytoskeleton Mechanics and Dynamics

Mechanotransduction involves a continuous dynamic rearrangement of the cytoskeleton as an instantaneous response to mechanical stimuli on the cell. Molecular mechanisms driving its activity are still not completely understood, but in the last decades, many experimental studies have been carried out in order to better understand how the cytoskeleton filaments behave under different stress conditions. Specifically, several studies in the past were purposed to shed light on mechanical properties of single cytoskeleton filaments (Figure 2), that is, MTs, which are polymers of hierarchically assembled tubulin heterodimers, actin MFs, which are polymers of G-actin, and IFs, which are polymers of intermediate diameter of around 10 nm, commonly divided into six classes on the basis of their composition (Cooper, 2007): computational approaches allowed to add valuable information to the experimental studies aimed at characterizing the biological cytoskeleton filament building blocks. These will be briefly described below.

Microtubules have been widely investigated by modeling approaches spanning from atomic level to continuum, with the common aim to shed light on the causative elements of their peculiar mechanical and electrical properties. To this regard, intracellular processes in the cell are thought to involve electric fields and, because MTs are polar structures and vibrate with frequencies of the order of MHz to GHz (Cifra et al., 2011, 2015), it has been hypothesized that MT charge motion produces electric fields that can interact with subcellular structures and organelles in such processes. In more detail, MTs have been suggested to be excellent conductors of electrical signals and able to amplify an electrical current and axial ionic movements (Priel et al., 2006) in virtue of pores in their lattice structure (Freedman et al., 2010). The latter’s proximity to negative-charge-bearing C-terminal tails further enables the interaction with ions, causing conduction through the lumen. Considering the essential role of electrical signal propagation for the cardiovascular function, the exploration of ionic currents through the MT might also be of interest in heart biomechanics. In terms of vibrational properties, the analysis of molecular reasons beneath MT mechanics and vibrations has been a highly considered research field in the scientific community. Molecular modeling has provided much information regarding this topic by synergistically coupling with classical continuum theories. There have been a number of computational studies dealing with MT elasticity, starting from one-dimensional models of the protofilament chain (Pokorný et al., 1997) to the development of hollow cylinders consisting of parallel beams, up to a two-dimensional lattice structure for the MT (Kis et al., 2002; Kasas et al., 2004a, b). A series of studies addressed the characterization of MT longitudinal vibrations (Pokorný et al., 1997; Kis et al., 2002; Kasas et al., 2004a, b; Deriu et al., 2010; Cifra et al., 2011; Barzanjeh et al., 2017). These models allowed to elucidate relationships between tubulin molecular structure and arrangement in the MT lattice and filament principal modes of motion. Vibration dispersion relations accounting for the geometrical architecture of MT as well as insights on protein–protein interactions were predicted in detail. Also, a strong dependence of the microscopic vibration properties of the MTs on the number of the MT protofilaments and MT lattice type has been found (Portet et al., 2005). By analyzing the normal modes of motion, it has been found that circumferential bending, controlled by circumferential bending stiffness, is dominant in circumferential vibrations. Therefore, the excitation of the vibrations could lead to a large deformation of the MT section, thus influencing both the mechanical performances and the structural integrity (Wang and Zhang, 2008; Zhang and Wang, 2014). Several theoretical models have been developed in order to justify experimental evidence demonstrating that the mechanical behavior of the MT could be better described by using the elasticity theory for transversally anisotropic structures (Kis et al., 2002; Kasas et al., 2004b). New insights about MT mechanical properties have been obtained by inspecting the MT mechanical characteristics starting from the atomic level, using a bottom-up approach. For example, anisotropic network model approaches have been able to shed light on the global dynamics of the tubulin dimer (Keskin et al., 2002) and even to predict vibration modes of entire MTs still maintaining an atomic resolution (Deriu et al., 2010).

Just as for MTs, computational investigations of the mechanical properties of actin were initially performed by considering actin filaments as homogeneous and isotropic rods (Yoshimura et al., 1984). However, soon, it has been understood that a potentially vast range of motions and flexibilities of the filaments remained elusive in this approach and that the isotropic rod model does not account for the hierarchical structure of actin filaments, composed of a double helix of G-actin polymers. This was corroborated by the observation of the peculiar 3D atomic models of the actin filament with its unique structural features (ben-Avraham and Tirion, 1995), again showing how the atomistic-scale bottom-up approach yields enhanced insights into mechanical characteristics. At the same time, owing to the huge computational cost of modeling cytoskeleton filaments while keeping their atomic structure into account, CG approaches have been introduced for the same purpose (Deriu et al., 2011, 2012; Bidone et al., 2015). One of the first MD simulations of G-actin in explicit solvent was performed by Wriggers and Schulten (1997), providing an understanding of actin dynamics and functional activity and revealing a propensity of G-actin to alter its structural conformation through a modification of the nucleotide binding cleft. It was soon understood that the application of mechanical stress does indeed play a role in the kinetics of G-actin and thus in the transduction of mechanical stimuli to the cytoskeleton. Lee and colleagues (Lee et al., 2019) recently determined experimentally how the history of the applied forces, especially cyclic mechanical stress, conditions the G-actin–G-actin and G-actin–F-actin association and dissociation kinetics and strengthens the inter-dimer contacts between G-actin dimers, leading to a mechanical reinforcement, thus acting as a possible mechanotransduction mechanism that allows for the formation of stable cytoskeletal networks as a result of a form of mechanical conditioning. Moreover, SMD studies provided an insight on how the application of force can induce the formation of salt bridges between G-actin subunits, hence significatively altering G-actin dynamics (Lee et al., 2013). Studies employing a CG approach (Chu and Voth, 2005, 2006) allowed to understand how protein conformational changes may significantly modify the inter-monomer interactions of actin assemblies, leading to wider, shorter, and more disordered filaments. Other computational approaches coupled microscopic- and macroscopic-scale levels to predict actin polymerization-related phenomena such as protrusive forces for the directional motion of a virtual lamellipodium. Modeling approaches also allowed to highlight how very stiff MFs are able to generate protrusive force also with a low concentration of G-actin monomer, whereas non-stiff MFs can only generate a protrusive force when enough G-actin monomers are supplied for actin polymerization. Collective long-range deformations of a filament, such as bending, twisting, and stretching, were investigated by NMA-based approaches useful to get information on principal components of the filament motion (ben-Avraham and Tirion, 1995).

Lastly, properties of IFs and IF-associated proteins were investigated by molecular modeling and often by SMD simulations, a powerful technique to characterize protein mechanics. The transition of the spectrin α-helix domain from a folded to an unfolded arrangement in response to the application of a tensile load was discussed in several computational works (Paramore and Voth, 2006). Moreover, in the light of study findings on the capability of IFs (especially keratin, vimentin, and desmin), to sustain large deformations above 250% (Herrmann et al., 2007; Kreplak et al., 2008), the tensile properties of IFs were investigated through computational models specifically on the vimentin dimer using SMD to evaluate the mechanical response to strain and link the macroscopic mechanical properties to structural and geometrical changes in the dimer (i.e., its unfolding state) with atomic resolution (Qin et al., 2009). This is but one example of how computational models can elucidate the key structural features responsible for the final mechanical behavior, with good agreement with experimental data.



MECHANOSENSING IN CARDIAC DISEASE

As mentioned above, the mechanosensing machinery plays a fundamental role in the development and maturation of the heart as well as its physiological function. In the healthy heart, cardiomyocytes (CMs) are exposed to the passive stiffness of the cardiac muscle (independent of the muscle activity) and to the active force of the heart contractile apparatus. In cardiac disease, the active force of the heart changes owing to the loss of CMs or the expression of motor proteins together with changes in the cardiac load and output (Roca-Cusachs et al., 2012; Andres-Delgado and Mercader, 2016). Two different modeling strategies for CMs mechanotransduction have been proposed. The “localized” model involves the generation of a stretch signal in close proximity to the plasma membrane, whereas the decentralized model involves forces generated at the cell surface, which are transmitted via the cytoskeleton to other part of the cells (Tavi et al., 2001; Knoll et al., 2003). The generation of a stretch signal near the cell may involve non-selective ion channels that can be activated by longitudinal stretch of the cell. These channels induce an increase in cations (Na+ and Ca2+), which cause a release of Ca2+ from the sarcoplasmic reticulum, thereby acting as a transducer of a mechanical force into a biochemical signal. Another, and probably the most known, stretch sensor in CMs involves the cytoskeleton and allows the process of mechanotransduction to occur at a different site from where the strain is applied (Ingber, 2003a, b). These models are supported by in vitro studies where it has been shown that the application of a mechanical stimulus to isolated CMs or stem cells results in changes in gene and protein expression that are indicative of a (patho)physiological response or cell maturation and differentiation (Vining and Mooney, 2017; Kim et al., 2018; Wong et al., 2018). A possible mechanism for this involves many different proteins ranging from the ECM molecules to membrane and intracellular proteins that bind to the cytoskeleton and orchestrate the cellular response to different microenvironments. The ECM is fundamental in providing mechanical signals to the cells through different integrin receptors, which bind to the focal adhesion complex (FAC) and connect integrin receptors to the cytoskeleton (Belkin and Koteliansky, 1987; Bois et al., 2006; Ye et al., 2014). During development, the expression of the ECM in the developing cardiac tissue is tightly regulated, and several studies, using different animal models, have highlighted the ECM dynamics during embryonic development and in the adult heart. Briefly, collagen I is predominant in both developing and adult tissue, but in the latter, its density and cross-linking are upregulated, and the ratio between collagen I and collagen III decreases (Thompson et al., 1979; Borg, 1982; Hanson et al., 2013; Gonzalez et al., 2019). Fibronectin is highly expressed during embryonic development and is downregulated in the adult tissue (Kim et al., 1999; Lockhart et al., 2011). Conversely, elastin expression has been found to increase in the adult heart (Kim et al., 1999). These changes are generally associated with an increase in cardiac stiffness, with the heart tissue becoming less compliant during heart development, and CM differentiation. In CMs, the cytoskeleton is also anchored to the sarcomeric Z-disk and the myosin protein is stabilized by titin and other structural proteins, suggesting that the sarcomeric proteins also play an important role in CM mechanotransduction (Frank and Frey, 2011; Buyandelger et al., 2014). Several cardiac diseases are characterized by altered mechanical load and are characterized by morphological changes of the ventricular tissue and myocyte shape (Gerdes and Capasso, 1995). Dilated cardiomyopathies are characterized by volume overload and eccentric hypertrophy in which the sarcomere proteins are added in series, resulting in elongated myocytes. These changes ultimately lead to dilation of the ventricular chamber and thinning of the ventricular wall (Grossman et al., 1975; Beltrami et al., 1995). Conversely, hypertrophic cardiomyopathies are characterized by a pressure overload and concentric myocyte hypertrophy in which sarcomeric proteins are added in parallel, causing an increase in cross-sectional area of the myocytes. These changes lead to reduction in the volume of the ventricular chamber, thickening of the ventricular wall, and diastolic dysfunction (Zierhut et al., 1991; Katz, 2002). Both changes in myocytes shape are ultimately associated with impaired contractility and heart failure due to the altered force produced by CMs, indicating the importance of the mechanosensory machinery in the development and progression of cardiac disease (Gjesdal et al., 2011; Wilson et al., 2014; Janssen, 2019). The maladaptive response of the myocytes are also associated with several genetic mutations in sarcomeric proteins (β-myosin heavy chain, troponin T, and troponin I) (Kamisago et al., 2000) or protein associated with force transmission to the ECM, such as dystrophin (Lapidos et al., 2004). Mutations in these proteins suggest that the proper interaction of the contractile apparatus or the mechanosensing machinery with the cytoskeleton could be altered, thus resulting in a maladaptive response of the myocytes to mechanical loading. Another important feature of most of the cardiomyopathies is ECM remodeling. This is evidenced by numerous studies reporting that both the composition of the ECM and the expression of different integrin receptors are altered in many cardiomyopathies, with ischemic or non-ischemic origins. The remodeling phase associated with myocardial infarction is characterized by an increase in fibronectin and collagen deposition, which ultimately leads to fibrosis (Frangogiannis, 2017) and to an increase in myocardial stiffness (Berry et al., 2006), and it is also associated with a differential expression of α1, α3, and α5 integrins in both acute and chronic stages of myocardial infarction (Nawata et al., 1999). Similar to ischemic cardiomyopathies, pressure overload and genetic-based cardiomyopathies are also characterized by fibrosis and altered expression of integrin levels (Samuel et al., 1991; Schaper and Speiser, 1992; Ross and Borg, 2001; Ross, 2002). Integrin receptors are important in many cellular physiological processes, including cytoskeletal remodeling, and are the main receptors associated with mechanical signaling interacting with various adhesion complex proteins. Their changes in response to the diseased environment affect the mechanical signaling pathway and can ultimately lead to disease progression. An important player in all the previously mentioned pathological features is the cytoskeleton. In consequence of altered mechanical stimuli, genetic mutation, or ECM remodeling, the cytoskeleton responds in different ways ranging from a diminished affinity of the cytoskeletal elements to their binding proteins, thus impairing a physiological response to the mechanical stress, to structural changes in the cytoskeleton following an increase mechanical stress resulting in changes in cell phenotype and reorganization of the sarcomeric apparatus (Sequeira et al., 2014). The understanding of the cytoskeletal remodeling and its adaptation to physiological/pathological stimuli is therefore of fundamental importance in order to better understand the contribution of the mechanosensing machinery to the development and progression of most cardiomyopathies, and it may open new potential therapeutic targets in numerous cardiac diseases.



MECHANOSENSING IN TISSUE REGENERATION AND MODELING

With the development of new emerging technologies in tissue generation and the use of iPSC-derived CMs, the in vitro generation of cardiac tissue has become a valid option to re-create in vitro different models of healthy and pathologic cardiac tissue to use both for regenerative medicine application and for research purposes. In order to generate in vitro cardiac-like tissue, either in the form of 3D construct or in the form of organoids, a combination of soluble (e.g., growth factors) and physical cues is necessary to form a fully mature and functional tissue. The soluble cues have been extensively studied (Paige et al., 2015; Denning et al., 2016; van den Berg et al., 2016; Leitolis et al., 2019), whereas the role of the physical cues is only recently been explored as a valuable approach to induce fully the maturation of the generated tissue (Lindsey et al., 2014). Despite great improvements in the differentiation of human pluripotent stem cell-derived CMs (hPSC-CMs) using a variety of approaches, the main limitation for the experimental use of these cells still remains their immature phenotype (Lieu et al., 2013). As we mentioned previously, mechanical stretch and electrical activity are important factors in the development, maturation, hypertrophy, and disease progression of the heart and should be considered in order to generate a functionally mature phenotype of the hPSC-CMs. Among the physical factors that should be taken into consideration for the development of a fully mature cardiac tissue are the ECM or scaffold in which the cells are cultivated, its rigidity and topography, mechanical loading and stretch, shear stress, and electrical stimulation. The ECM plays a fundamental role in presenting both biochemical and physical signals. When the cells are cultured in a 3D environment, the scaffold in which they are cultivated provides both biochemical and physical signal as the cells feel their environment and pull it. We have previously mentioned that MSCs respond to the substrate stiffness and differentiate according to the compliance of the different tissues (Engler et al., 2006). Similarly, it has been shown that also embryonic stem cell (ESC) differentiation could be driven by the rigidity of the substrate in which they are cultivated (Evans et al., 2009), and it should be taken into consideration in the development of in vitro cardiac-like tissue. Another important aspect of the ECM component is the biochemical composition. A decellularized cardiac matrix has been shown to be advantageous in culturing progenitor cells as well as ESC-CMs (Williams et al., 2014, 2015; Gaetani et al., 2016; Bejleri et al., 2018), probably due to its complex biochemical composition. Similarly, Jung et al. (2015) identified fibronectin, laminin-111, and collagen type 1 signaling to be very important in driving the differentiation of murine-derived iPSC-CMs. In the human body, the ECM is mainly synthetized by the fibroblast in response to different stimuli. It has been shown that the differentiation of ESC or iPSCs-CMs in a 3D culture is enhanced when the cells are co-cultured with fibroblast (Liau et al., 2011; Ou et al., 2011; Valls-Margarit et al., 2019). The fibroblast plays an important role in maintaining and influencing CM function by secreting growth factors (Ottaviano and Yee, 2011), propagating the electrical impulse (Gaudesius et al., 2003; Ogle et al., 2016), and secreting ECM (Zhang et al., 2012; Ogle et al., 2016). In a 3D scaffold, mainly, if it is a hydrogel or soft gel with poor compliance than the heart tissue, the fibroblast can act by remodeling the ECM and allowing a more robust gel compaction and remodeling, which results in a better cell-to-cell contact and likely an increase in tissue mechanical properties, thereby enabling the mechanosensing-mediated signaling, which is fundamental for tissue maturation. Interestingly, in a recently published work, the authors reveal a unique gene signature defining specific quiescent CF and showed that co-culture of hPSC-CFs with hPSC-CMs alter the electrophysiological properties of the CMs, as compared with co-culture with dermal fibroblasts, indicating the importance of tissue specificity, and could be used not only to improve the maturation of cultured cells but also to reveal the specific molecular signaling that regulates, and is regulated by, mechanosensing (Zhang et al., 2019). Another important aspect in the generation of functionally 3D cardiac tissue is the perfusion, which allows enough nutrient supply to the cultured cells, and it overall results in better cell survival, cell organization, and tissue compaction (Carrier et al., 2002; Radisic et al., 2008). Several systems have also integrated electrical stimulation into a perfusion bioreactor showing that the electrical stimulation is important in driving cell maturation and allows synchronous contraction of the perfused construct (Radisic et al., 2008). Nunes et al. (2013) generated a platform named biowire by 3D culturing human iPSC (hiPSC) or ESC-CMs together with supporting cells into a template of polydimethylsiloxane (PDMS) channel, around a sterile surgical suture in type I collagen gels. After 1 week, the cells organized along the suture and were electrically stimulated with increasing intensity over time. The authors demonstrated that the combination of geometric control and electrical stimulation resulted in improved electrical and ultrastructural properties of human cardiac tissue, resulting in cell maturation (Nunes et al., 2013). Similar results were observed in another recent work. Ronaldson-Bouchard et al. (2018) used early stage iPSC-derived CMs, soon after the initiation of spontaneous contractions, and electrically stimulate them with increasing intensity over time. This approach allowed increased maturation of the iPSC-CMs, which showed a gene expression profile and cell ultrastructure, including sarcomeres, T-tubules, and mitochondria, similar to the adult myocytes (Ronaldson-Bouchard et al., 2018, 2019). Another physical stimulus that has been frequently used in cardiac tissue engineering application is mechanical stimulation that consists in the external application of a mechanical stretching apparatus. The applied tension can be static or cyclic, and the stretching can be uniaxial, biaxial, or multiaxial (Cao et al., 2015). The approach of mechanical stretch to induce myocyte maturation has been used for the first time almost two decades ago (Zimmermann et al., 2000) using neonatal rat ventricular myocytes, and the advantages of this pioneering work have been further confirmed by numerous other studies. More recently, when human ESC and iPSC-CMs were 3D cultured in collagen gels and subjected to static or cyclic mechanical stress; the 3D culture promoted a better differentiation of the seeded progenitors, and mechanical stretch influenced maturation and structure of the differentiated tissue (Ruan et al., 2015). In another recently published work, the authors combined mechanical stimulation with electrical stimulation showing that the mechanical stimulation increases cell morphology, alignment, and contractility, whereas additional electric pacing resulted in an additional increase in force production (Ruan et al., 2016).

As of now, we know very little about the molecular mechanisms involved in the maturation of the 3D tissue, as most of the studies aimed at the generation of functional tissue and their characterization. However, it is likely that the same mechanosensing pathways described previously allow also the maturation of the different cultured 3D tissues. Recently, it has been shown that following mechanical stretch, Piezo1, phosphorylated-Ak transforming serine473 (P-AKTS473), and phosphorylated-glycogen synthase kinase-3 beta serine9 (P-GSK3) expression was downregulated in the human CM cell line AC16 (Wong et al., 2018). In another study, the mechanical stretch induces endothelial nitric oxide synthase gene expression in neonatal rat CMs (Cheng et al., 2009). Understanding the molecular pathways associated with mechanical stimuli-mediated maturation of the tissue could be important not only in the generation of functional cardiac in vitro tissues but also in the generation of pathological models that resemble the human pathology and could be important in our understanding of the diseased tissue but also in finding a new molecular target for clinical applications.



CONCLUSION AND FUTURE PERSPECTIVE

Independently from the etiology, heart failure is the funnel neck of the balance between genetic and epigenetic (inflammatory and fibrogenic) specific factors involved in the tissue damage and the constant variables to which these factors need to match, that is, mechanosensing and mechanotransduction. With the development of new technologies and a better understanding of the different biochemical and physical stimuli that allow the development, growth, and physiological function of a tissue, it is becoming more realistic to re-create in vitro healthy or pathological tissue that can be used for regenerative medicine or drug screening purposes.

The investigation of the mechanics of proteins involved in cell–cell and cell–ECM contacts, from integrins and stretch-sensing ion channels to cytoskeleton filaments, has been a very widely investigated topic by both experimental and computational studies, given the high importance of shedding light on the ability of cells to respond to external stimuli and given the importance thereof in a variety of physiological functions, including in particular the biomechanics of cardiac tissue. Consequently, molecular and multiscale simulations can help experimental studies to shed light on the many debated issues concerning cell mechanics and the broader phenomenon of mechanotransduction. It is also clear that modeling shall not be a substitute of experimental studies but rather a valuable tool to add complementary information, ultimately helping the interpretation or rationalization of experimental results. The possibility to simulate a fraction of the cytoskeleton, for example, a network of interconnected MTs, MFs, and IFs, maybe even connected to transmembrane transducers such as integrins, seems now to be an explorable possibility. The refinement of methodologies combined with the fast growth of computational capabilities might leave us astonished in the upcoming future.

On the other hand, the discovery of iPSCs has represented a major development in the generation of healthy and diseased functional cells or tissue. The possibility to generate CMs from healthy and diseased patients allows us to generate tissue that can be used for replacement therapy or for drug screening or validation. hIPSC-CMs have been generated from numerous patients with inherited cardiomyopathies and have allowed us to better understand the molecular pathways responsible in the development of the pathological phenotype (Hoes et al., 2019). However, as mentioned previously, the canonical 2D culture and differentiation of these cells still has major limitations, most notably their immature phenotype, which lacks to fully represent developed tissue. The development of new biomaterials (Reis et al., 2016; Wissing et al., 2017; Kuraitis et al., 2019) and the emerging of new technologies such as tissue printing (Charbe et al., 2019; Tomov et al., 2019), organ on a chip (Marsano et al., 2016; Ugolini et al., 2018; Wan et al., 2018), and different types of bioreactors that allow mechanical, perfusion, or electrical stimulation (Freed et al., 2006; Lei and Ferdous, 2016; Paez-Mayorga et al., 2019) allow us to generate cardiac tissue that more closely recapitulate the (patho)physiological features of the developed myocardium. Moreover, these models represent an optimal tool not only to test and validate new drugs or to re-create tissue substitute for regenerative medicine application but also to allow a better understanding of the molecular mechanisms behind disease development and progression. This is particularly important for the mechanosensing machinery and the generation of biochemical signals from physical cues, which are very difficult to recapitulate in static 2D culture conditions. As mentioned previously, these mechanisms are at the basis of many, if not all, cardiomyopathies, whether inherited or not, and could potentially open up new approaches and discover potential new targets for the cure of these pathologies. However, numerous challenges still remain to be addressed, such as the differentiation state of the CMs, the proper stimuli, when and how apply them, and how to coordinate in vitro the plethora of the different biochemical and physical signals that are responsible in vivo for the development and physiology of the functional tissue.
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Apical radial glia comprise the pseudostratified neuroepithelium lining the embryonic lateral ventricles and give rise to the extensive repertoire of pyramidal neuronal subtypes of the neocortex. The establishment of a highly apicobasally polarized radial glial morphology is a mandatory prerequisite for cortical development as it governs neurogenesis, neural migration and the integrity of the ventricular wall. As in all epithelia, cadherin-based adherens junctions (AJs) play an obligate role in the maintenance of radial glial apicobasal polarity and neuroepithelial cohesion. In addition, the assembly of resilient AJs is critical to the integrity of the neuroepithelium which must resist the tensile forces arising from increasing CSF volume and other mechanical stresses associated with the expansion of the ventricles in the embryo and neonate. Junctional instability leads to the collapse of radial glial morphology, disruption of the ventricular surface and cortical lamination defects due to failed neuronal migration. The fidelity of cortical development is therefore dependent on AJ assembly and stability. Mutations in genes known to control radial glial junction formation are causative for a subset of inherited cortical malformations (neuronal heterotopias) as well as perinatal hydrocephalus, reinforcing the concept that radial glial junctions are pivotal determinants of successful corticogenesis. In this review we explore the key animal studies that have revealed important insights into the role of AJs in maintaining apical radial glial morphology and function, and as such, have provided a deeper understanding of the aberrant molecular and cellular processes contributing to debilitating cortical malformations. We highlight the reciprocal interactions between AJs and the epithelial polarity complexes that impose radial glial apicobasal polarity. We also discuss the critical molecular networks promoting AJ assembly in apical radial glia and emphasize the role of the actin cytoskeleton in the stabilization of cadherin adhesion – a crucial factor in buffering the mechanical forces exerted as a consequence of cortical expansion.
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INTRODUCTION

Uniquely human attributes such as consciousness, creativity and language as well as other higher order functions, including sensory perception, learning and memory arise as a consequence of the enormous array of excitatory pyramidal neurons that populate the six-layered neocortex. As a general principle, neurons of a given subtype are associated with a specific cortical layer (Molyneaux et al., 2007; Fame et al., 2011). For example, the corticospinal motor neurons which project their axons subcerebrally to the spinal cord are the principal pyramidal subtype of layer 5. In contrast, cortical projection neurons predominantly populate layers 2/3 and send their axons across the corpus callosum to the contralateral hemisphere. However, in reality, cortical architecture is considerably more complex as a variety of subtypes exist within each layer, and conversely, one subtype can be found in multiple layers (O’Leary and Koester, 1993; Kasper et al., 1994; Molyneaux et al., 2007; Fame et al., 2011). This elaborate cytoarchitecture is fundamental to the establishment of the neuronal circuitry which dictates the extent and quality of information flow across the cortex and between the cortex and subcortical regions. Our ability to effectively interact with the world is therefore dependent on the fundamental cell biological processes regulating the birth of new neurons and their subsequent migration to their predetermined cortical layer.

The neural progenitors that give rise directly or indirectly to all pyramidal neurons in the neocortex are classified as apical radial glia (apical RGs) and comprise the pseudostratified neuroepithelium lining the embryonic ventricles (Figure 1A) (Kriegstein and Alvarez-Buylla, 2009; Paridaen and Huttner, 2014; Taverna et al., 2014). The highly apicobasally polarized morphology of apical RGs is a mandatory requirement for successful cortical development as it governs the mode of cell division, neuronal production, specification and migration, and the integrity of the ventricular wall. Adherens junctions (AJs), the sites of cadherin-mediated cell–cell adhesion, play an obligate role in the induction and maintenance of apical RG polarity and are thus pivotal determinants of progenitor function and the establishment of a functional neocortex (Stocker and Chenn, 2015; Bustamante et al., 2019). Throughout the developmental period AJs undergo constant remodeling as RGs divide, new progenitors re-establish adhesion and their progeny detach from the neuroepithelium. Concomitantly, it is essential that RG junctions resist the mechanical stresses exerted as a consequence of these cellular behaviors as well as the forces incurred from increasing cerebrospinal fluid (CSF) volume and flow.
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FIGURE 1. Cortical malformations arise from a failure to assemble AJs. (A) Apicobasally polarized RGs undergo symmetric divisions to expand the progenitor pool and then switch to asymmetric division, generating a new apical RG and a neuron or intermediate progenitor. Neurons undergo radial migration along basal processes to populate the cortical plate. AJs encircle the apical RG at the border of the apical and lateral membranes. Failure to assemble AJs and the subsequent loss of RG polarity leads to (B) subcortical band heterotopia due to the retraction of basal processes, and (C) periventricular heterotopia due to the retraction of basal processes and disruption of the ventricular wall. (D) Ependymal cells derive from apical RGs (arrow) and form an apicobasally polarized epithelium. (E) Hydrocephalus arises from a failure to establish a cohesive ependymal layer due to the disruption of AJs in apical RGs and ependymal cells. Ctx, cortex; CP, cortical plate; INM, interkinetic nuclear migration; SVZ, subventricular zone; Ven, ventricle; VZ, ventricular zone.


Junctional instability leads to the collapse of apical RG morphology, disruption of the ventricular surface and cortical lamination defects due to failed neuronal migration (Kadowaki et al., 2007; Cappello et al., 2012; Gil-Sanz et al., 2014; O’Leary et al., 2017). As in all epithelia, adhesive strength is determined by reciprocal interactions between the cadherins and the actin cytoskeleton which also regulates junctional tension through actomyosin contractility (Priya and Yap, 2015; Yap et al., 2017). It is now clear that junctional failure underpins the etiology of cortical malformations where the inability to assemble AJs leads to reduced neuronal production, the accumulation of neurons in ectopic positions (neuronal heterotopias), incorrect cortical layering and disruption of the ventricular wall. Mutations responsible for inherited cortical malformations have been identified in genes known to control junction formation (Fox et al., 1998; Sheen et al., 2003; Ferland et al., 2009; Lian and Sheen, 2015). These cortical malformations have profound consequences for survival and the individual’s quality of life. Therefore, the molecular pathways that promote cadherin adhesion and actin remodeling are crucial factors safeguarding the fidelity of cortical development.

During late embryonic and early postnatal life apical RGs transform into ependymal cells which line the ventricles throughout the adult central nervous system. Ependymal cells form an apicobasally polarized, multi-ciliated epithelium that acts as a bidirectional barrier to transport CSF components between the ventricle and the brain parenchyma (Del Bigio, 2010). The establishment of cadherin-based AJs and a polarized ependymal morphology is essential for barrier function. Hydrocephalus, a prevalent neurodevelopmental disorder associated with neonatal lethality, severe intellectual impairment and motor dysfunction, is characterized by the dilation of the lateral ventricles and reduction in cortical tissue volume (ventromegaly) resulting from excessive CSF (Kousi and Katsanis, 2016). Failure to establish a cohesive ependymal layer in the neonatal telencephalon due to the disruption of AJs in ependymal cells and their predecessors, the apical RGs, is causal for hydrocephalus (Dominguez-Pinos et al., 2005; Rodriguez et al., 2012; Guerra et al., 2015). Moreover, the occurrence of hydrocephalus is often coincident with neuronal heterotopias, indicating that these cortical malformations share a common etiology – the loss of AJs (Sheen et al., 2004; Rodriguez et al., 2012; Jimenez et al., 2014; Guerra et al., 2015).

In this review, we focus on the mechanisms by which AJs ensure successful cortical development and reflect on how our knowledge of apical RG and ependymal junction biology has led to a deeper understanding of the aberrant molecular and cellular processes contributing to devastating cortical malformations. We will explore the pivotal animal studies that have revealed important insights into the role of AJs in maintaining apical RG and ependymal morphology and function, and discuss the important molecular interactions underpinning AJ assembly. We highlight the reciprocal interactions between junctions and the epithelial polarity complexes which govern the establishment of RG apicobasal polarity. In addition, we discuss the role of the actin cytoskeleton in the stabilization of cadherin adhesion – a crucial factor in buffering the mechanical forces exerted as a consequence of cortical expansion. We begin, however, with a brief summary of the key features of cortical development. For more in-depth reviews on this topic see Paridaen and Huttner (2014), Taverna et al. (2014), Lodato and Arlotta (2015), Hansen et al. (2017), and Huttner and Wieland (2019).


A Brief Summary of Cortical Development

In the early vertebrate embryo the brain and spinal cord arise from the pseudostratified neuroepithelial stem cells of the neural tube. Corticogenesis begins in the dorsal telencephalon when these cells transform into apical RGs which retain their apicobasal polarity throughout development by anchoring their basal end feet to the pial extracellular matrix and their apical end feet to the ventricular surface (Figure 1A) (Kriegstein and Alvarez-Buylla, 2009; Paridaen and Huttner, 2014). Production of cortical neurons is temporally restricted, with deep layer 5/6 neurons born in the early phase of corticogenesis and upper layer 2/3 neurons generated in the later developmental period (Molyneaux et al., 2007; Fame et al., 2011). Initially, apical RGs undergo symmetric self-renewing divisions to expand the progenitor pool and then switch to asymmetric neurogenic divisions, generating a progenitor and a neuron which is destined to populate deep layers 5/6 (Miyata et al., 2004; Huttner and Kosodo, 2005; Konno et al., 2008; Paridaen and Huttner, 2014; Oberst et al., 2019). As corticogenesis proceeds the generation of neurons directly from asymmetric RG division ceases, and instead, an array of diverse intermediate progenitor populations are produced (Farkas and Huttner, 2008; Kowalczyk et al., 2009; Postiglione et al., 2011). These secondary progenitors then undergo neurogenic division above the ventricular zone (i.e., in the subventricular zone; Figure 1A) to give rise predominantly to upper layer pyramidal neurons. It is the evolutionary expansion of these apical RG-derived intermediate progenitor populations that is responsible for the extensive production of pyramidal neurons that gives rise to the gyrencephalic architecture of the human neocortex. The evolution and cell biology of these fascinating progenitor populations have been comprehensively reviewed by others (Smart et al., 2002; Reillo et al., 2011; Betizeau et al., 2013; Kelava et al., 2013; Huttner and Wieland, 2019). It should be further noted that the mechanical gradients generated in the embryonic cortical tissue and the biomechanics of cortical folding associated with the expansion of the gyrencephalic cortex do not involve apical RGs. Instead, cortical folding arises as a consequence of the massive accumulation of neurons within the cortical plate. The vast majority of these neurons are generated from the basal radial glia (intermediate progenitors) within in the subventricular zone (Striedter et al., 2015; Llinares-Benadero and Borrell, 2019).

Due to the requirement to accommodate large numbers of progenitors within a confined space apical RGs undergo a specialized form of cell division, interkinetic nuclear migration, in which their nuclei migrate toward the pial surface during the G1 phase of the cell cycle (Figure 1A) (Sauer, 1935; Murciano et al., 2002; Taverna and Huttner, 2010). S-phase is completed at the ventricular-subventricular interface before the nucleus returns to the ventricular surface to undergo mitosis. During interkinetic nuclear migration the apical RG maintains its attachment to the ventricular surface, thereby ensuring that the primary cilium and associated centrosomes are retained at the apical membrane throughout the cell cycle (Taverna and Huttner, 2010; Das and Storey, 2014). This distinctive mode of cell division demarcates the proliferative ventricular zone, endows the neuroepithelium with its pseudostratified cytoarchitecture and is a prerequisite for the expansion of the progenitor pool.

As new-born neurons populate the emerging cortical plate, the basal processes of the apical RGs increase in length (Figure 1A) (Miyata et al., 2001; Noctor et al., 2002). It has been estimated that the lateral membrane of the basal process comprises the vast majority of the RG plasma membrane, whereas the apical (ventricular) membrane encompasses only 2% of the total surface area (Kosodo et al., 2004). Attachment of the basal end feet to the pial extracellular matrix is dependent on the α6β1, α3β1 and αVβ3 integrins and their deletion leads to the detachment of RG basal processes (Haubst et al., 2006; Jeong et al., 2013). Laminin/β1 integrin interactions are also required to anchor the apical end feet to the ventricular surface (Loulier et al., 2009). Blocking these interactions induces RG detachment, retraction of the basal process and cortical layering defects.

Retention of the highly polarized RG morphology is essential for the expansion and lamination of the six-layered cortex (Nadarajah et al., 2001; Farkas and Huttner, 2008; Kriegstein and Alvarez-Buylla, 2009). Each layer of the cortex is sequentially generated as waves of neurons migrate along the basal processes (radial migration, Figure 1A) to populate their predetermined cortical layer. In the early phase of corticogenesis the deep layer pyramidal neurons arising from RG asymmetric neurogenic divisions dissociate from the ventricular surface, attach to the basal processes and undergo radial migration to establish layers 5/6. Subsequently, the upper layer neurons, generated by intermediate progenitor neurogenic divisions, also employ radial migration along the basal processes in order to migrate through the pre-established deep layer neurons.

In summary, the highly polarized morphology of apical RGs is a mandatory prerequisite for cortical development as it directly influences the expansion of the RG progenitor pool, the decision to exit the cell cycle, acquisition of neuronal identity and cortical lamination, all of which are tightly synchronized in space and time. As in all epithelia, cadherin-based AJs play an obligate role in the induction and maintenance of RG apicobasal polarity and are therefore essential to the fidelity of cortical development.



Adherens Junctions Preserve Cortical Architecture

Adherens junctions encircle the RG at the border of the apical and lateral membranes within the apical end feet (Figure 1A). In contrast to other epithelia, apical RGs do not have tight junctions and thus rely on cadherin-based AJs to maintain polarity and tissue cohesion (Aaku-Saraste et al., 1996). Cortical malformations such as subcortical band heterotopia in which neurons accumulate below the cortical plate and periventricular heterotopia, characterized by ectopic neuron-containing nodules protruding into the lateral ventricle (Figures 1B,C) have previously been attributed to defects in neuronal motility. However, recent studies in rodents and humans have recognized that the principal mechanism contributing to the etiology of these malformations is the disruption of apical RG morphology as a consequence of the inability to assemble AJs (Rodriguez et al., 2012; Lian and Sheen, 2015). Moreover, mutations in genes known to control junction formation have been shown to be causative for inherited forms of these cortical malformations (Fox et al., 1998; Sheen et al., 2003; Ferland et al., 2009), reinforcing the concept that apical RG junctions are critical determinants of successful corticogenesis.

This concept is best illustrated in the cortices of mice lacking N-cadherin or other key junctional proteins, including Afadin, αE-catenin, Neogenin, and RhoA (Table 1) (Lien et al., 2006; Kadowaki et al., 2007; Katayama et al., 2011; Cappello et al., 2012; Yamamoto et al., 2013; Gil-Sanz et al., 2014; Schmid et al., 2014; O’Leary et al., 2017; Rakotomamonjy et al., 2017). In these mutants failure of AJ assembly triggers apical RG deadhesion, the collapse of RG morphology and detachment from the ventricular wall. As a consequence, mitotic RGs are no longer restricted to the ventricular surface, but instead redistribute throughout the cortical plate. In addition, retraction of the basal processes prevents radial migration, resulting in neuronal heterotopias.


TABLE 1. Apical RG junctional proteins and associated cortical malformations.

[image: Table 1]Cadherin density at the AJ is regulated by vesicular trafficking from the Golgi complex (the biosynthetic pathway) and recycling between internal and plasma membrane pools (Mary et al., 2002; Lock and Stow, 2005; Linford et al., 2012). Disruption of the endosomal system phenocopies loss of N-cadherin. Mutations in the human FILAMIN-A (FLNA) gene have been identified in inherited and sporadic periventricular heterotopia (Fox et al., 1998; Sheen and Sheen, 2014), whereas periventricular heterotopia can occur with or without microcephaly in patients carrying mutations in the ARFGEF2 gene which encodes BIG2, a guanine nucleotide exchange factor (Sheen et al., 2003). Both FLNA, an actin binding protein, and BIG2 regulate cadherin trafficking between the Golgi complex and the cell surface. Depletion of FLNA or mutations in Arfgef2 inhibit AJ assembly and RG polarization in the rodent embryonic cortex resulting in severe disruption of the ventricular surface and the protrusion of nodules into the ventricle (Table 1) (Sheen et al., 2003; Ferland et al., 2009; Carabalona et al., 2012; Sheen and Sheen, 2014). These studies emphasize the importance of maintaining steady-state levels of cadherin at the apical RG junction. In addition, FLNA is known to directly affect the actin cytoskeleton and cytokinesis, and as such, may operate at multiple levels in apical RGs (Sheen and Sheen, 2014).


AJ Assembly and Disassembly Govern Corticogenesis

Successful corticogenesis relies on the balance between AJ assembly and disassembly. During symmetric and asymmetric division the acquisition of junctional components allows AJs to reassemble in RG-fated daughters, thereby maintaining polarity and ensuring that they remain integrated into the neuroepithelium. Conversely, commitment to the neural fate is tightly coordinated with the down-regulation of junctional components, allowing detachment from the ventricular surface. For example, at the completion of asymmetric division delamination of the new-born neuron or intermediate progenitor from its RG sister is mandatory for the initiation of radial migration. Upon activation of proneural genes in the neurally-fated daughter, the Scratch transcription factors repress cadherin expression, inducing delamination from the ventricular surface and triggering radial migration (Itoh et al., 2013). When Scratch activity is suppressed cells committed to the neural fate fail to detach and instead accumulate at the ventricular surface. A similar delamination process has evolved in higher order mammals to produce the array of diverse neuronal subtypes underpinning the complexity of the gyrencephalic neocortex. In the ferret the generation of neuronally committed intermediate progenitors, major contributors to cortical expansion, is under precise temporal control (Martínez-Martínez et al., 2016). Within a 2 day embryonic period delamination of the intermediate progenitors is initiated by cadherin down-regulation during asymmetric division. However, increasing cadherin levels prevent intermediate progenitor detachment, a situation which would be predicted to have a profound effect on the development of the gyrencephalic cortex.

Adherens junction assembly is also important for preserving the balance between proliferation and neuronal differentiation. Failure to exit the cell cycle and sustained RG proliferation is a prevalent phenotype observed after genetic deletion of junctional components in apical RGs throughout the embryonic neuroepithelium (Klezovitch et al., 2004; Lien et al., 2006; Katayama et al., 2011; Cappello et al., 2012; Rakotomamonjy et al., 2017; Zhang et al., 2019). The decision to remain an apical RG or exit the cell cycle and adopt a neural fate is under the strict control of environmental proliferative and neurogenic factors that are spatially restricted within the neuroepithelium or present within the CSF (Lehtinen et al., 2011; Vitali et al., 2018; Oberst et al., 2019). In these mutants extensive junctional loss results in the widespread collapse of apical RG morphology. The concomitant withdrawal of the apical end feet and primary cilium from the ventricular surface precludes access to environmental regulatory cues, leading to unrestrained proliferation. This is exemplified by the occurrence of highly proliferative apical RG populations ectopically positioned in the mutant cortical plate which lacks the appropriate regulatory cues.

In addition to their non-cell autonomous adhesion function, AJs also influence cell cycle exit in a cell autonomous manner. Stable AJ assembly is dictated by the formation of the core cytoplasmic cadherin-catenin complex comprising β-catenin and α-catenin which link the cadherin to the actin cytoskeleton in a tension-dependent manner (Figure 2) (Drees et al., 2005; Buckley et al., 2014). The interaction between β-catenin and the cadherin intracellular domain is essential for maintaining effective homophilic cadherin binding. β-Catenin is also a key effector of the canonical Wnt pathway that regulates cell cycle exit and cell fate determination throughout the embryo by modulating gene expression. In the absence of Wnt activation, cytoplasmic β-catenin is targeted for degradation by the proteasome. Upon Wnt binding to the Frizzled receptor complex, β-catenin is rescued from degradation and is free to translocate into the nucleus where it activates the transcription of target genes involved in cell fate specification and progenitor proliferation (for detailed reviews see Stocker and Chenn, 2015; Nusse and Clevers, 2017).
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FIGURE 2. Apical RG AJ assembly is dependent on the reciprocal interactions between cadherins and the actin cytoskeleton. α-catenin links cadherin to F-actin via β-catenin in a tension-dependent manner and also recruits Formin-1 to catalyze linear actin polymerization. RhoA regulates junctional contractility in response to acute tension by promoting phosphorylation of the Myosin regulatory subunit. Ena/VASP adds G-actin to the barbed end of the growing actin filament. N-WASP and mDia act downstream of Cdc42 and RhoA, respectively, to induce Ena/VASP actin polymerization. Branched actin nucleation is initiated at the cadherin adhesion complex by Arp2/3 which is activated by N-WASP or the WRC. Neogenin recruits the WRC and Arp2/3 to cadherin ensuring that branched actin nucleation is confined to the junctional membrane. Ena/VASP binds to WAVE to enhance Arp2/3-mediated branched actin nucleation.


During corticogenesis, canonical Wnts are concentrated adjacent to the ventricular surface and thus are perfectly positioned to control the decision to exit the cell cycle. Moreover, β-catenin is expressed highly in apical RGs and is suppressed upon neural commitment (Woodhead et al., 2006; Stocker and Chenn, 2015). Overexpression in RGs of a stabilized form of β-catenin which is able to bind cadherins, but lacks the degradation targeting sites, produces a substantial enlargement of cortical volume due the extensive expansion of the progenitor pool and subsequently excessive neuronal production (Chenn and Walsh, 2002). This dramatic phenotype has been attributed to the inability to exit the cell cycle as a consequence of persistent β-catenin transcriptional activity (Chenn and Walsh, 2002; Stocker and Chenn, 2015). Conversely, depletion of β-catenin triggers early exit from the cell cycle and premature acquisition of neural fate (Machon et al., 2003; Woodhead et al., 2006). In these mutants, AJs fail to form and the proliferative Wnt transcriptional program is silenced. Thus the ability of cadherins to sequester β-catenin at the membrane is likely to be an important modulator of β-catenin transcriptional activity. AJs therefore influence the decision to re-enter the cell cycle by acting as integration sites for cell adhesion and the signaling networks relaying environmental information.

Adherens junctions also influence RG cell fate acquisition through their ability to preserve polarized apical RG morphology. Many studies have demonstrated that multiple interconnected structural factors contribute to apical RG identity, including the retention of the basal process and primary cilium, and the centrosome containing the mother centriole (Konno et al., 2008; Wang et al., 2009; Shitamukai et al., 2011; Wilsch-Brauninger et al., 2012; Paridaen et al., 2013). Establishment of apicobasal polarity, a process dependent on junctional reassembly during cytokinesis, is a prerequisite for retention of these structures. The primary cilium is inherited by the RG-fated daughter and is required for re-entry into the cell cycle, due to its ability to transduce proliferative and morphogenic signals (Eggenschwiler and Anderson, 2007; Oberst et al., 2019). Retention of the primary cilium in the RG-fated cell is dependent on high levels of N-cadherin (Das and Storey, 2014). Conversely, suppression of N-cadherin in the neural daughter by the proneural transcription factor Neurogenin2 prevents the reconstruction of the primary cilium. AJ assembly, therefore, lies upstream of the acquisition of apicobasal polarity and RG cell fate. Induction of RG polarity is governed by multiple polarity complexes whose primary role is to segregate the apical and basolateral membranes. Establishment and maintenance of the polarized state is reliant on the bidirectional interaction between polarity proteins and AJ components.



Interplay Between AJs and Polarity Complexes Impose RG Apicobasal Polarity

The defining attribute of all epithelia is their apicobasally polarized morphology which is characterized by compartmentalized apical and basolateral domains comprising distinct repertoires of proteins and organelles. The apicobasally polarized state emerges as a consequence of the synchronized interplay between networks of polarity complexes which act to break symmetry and magnify asymmetry (reviewed in Peglion and Goehring, 2019). A major outcome of polarity network activity is the establishment of AJs which demarcate the border between the apical and lateral membranes. The Par3/Par6/aPKC/Cdc42 polarity complex delineates the apical membrane and opposes Lgl/Dlg/Scribble activity to maintain apical identity (Betschinger et al., 2003; Dollar et al., 2005). Conversely, the Lgl/Dlg/Scribble complex maintains lateral identity by overriding Par complex activity (Yamanaka et al., 2003). Studies in invertebrates and in in vitro models (Peglion and Goehring, 2019) have shown that Par3 is localized to nascent sites of cell–cell adhesion and recruits Par6 and aPKC to the adjacent apical membrane. As the epithelial cell matures Par3 dissociates from Par6/aPCK in response to Cdc42-mediated aPKC phosphorylation and relocates to the cadherin adhesion complex, thereby stabilizing the apical domain and emerging AJs (Tanentzapf and Tepass, 2003; Yamanaka et al., 2003). In parallel, exclusion of the Lgl/Dlg/Scribble polarity complex from the apical membrane is achieved through localized deactivation of Lgl by phosphorylated aPKC. Lgl/Dlg/Scribble activity, however, is maintained in the lateral membrane by the pool of non-phosphorylated Lgl which acts to exclude the Par3/Par6 complex from this domain. These spatially restricted interactions reinforce AJ stability and partition the apical and lateral membranes (Betschinger et al., 2003, 2005; Plant et al., 2003; Jossin et al., 2017). During the establishment of polarity the Par3 complex also interacts with Crumbs/Pals/PatJ to reinforce apical identity (Morais-de-Sa et al., 2010; Walther and Pichaud, 2010). Concomitant with the recruitment of Par3 to the AJ, dissociated Par6/aPKC recombine with Pals and Crumbs, a membrane bound receptor confined to the apicolateral membrane. Blocking the Par6-Pals interaction inhibits the redistribution of Par6/aPKC to the apical domain (Hurd et al., 2003).

As in all epithelia, the relationship between RG polarity proteins and AJs is bidirectional. Initiation of junction assembly is dependent on polarity protein signaling, and consolidation of the polarized state requires that AJ components confine polarity proteins to the appropriate membrane compartment. The Par3/Par6/aPKC/Cdc42, Lgl/Dlg/Scribble, and Crumbs/Pals/PatJ polarity complexes play pivotal roles in promoting RG apicobasal polarity and AJ formation (Figure 3 and Table 1), and as a consequence, are key factors in determining progenitor fate. However, whether AJs play an instructive role in regulating cell fate commitment and cell cycle exit independently of their role in adhesion remains an open question.
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FIGURE 3. Polarity proteins promote AJ formation and impose RG cell fate. (A) Polarity complexes stabilize AJs, promote symmetric RG division and maintain RG polarity by partitioning the apical and lateral membranes. (B) Depletion of polarity proteins leads to loss of AJs and RG morphology, RG detachment from the ventricular wall, increased intermediate progenitor production and premature neurogenesis. (C) Par3/Par6/aPKC localize adjacent to nascent AJs. Cdc42 induces phosphorylation (Pi) of aPKC. Par3 dissociates from Par6/aPCK and relocates to the cadherin adhesion complex, stabilizing the apical domain and emerging AJs. Par6/aPKC recombine with Pals/Crumbs/PatJ to define the apical membrane. aPKC also phosphorylates Lgl, leading to exclusion of Lgl/Dlg/Scribble from the apical membrane (green line). Non-phosphorylated Lgl excludes Par3/Par6/aPKC from the lateral membrane (red line). CP, cortical plate; SVZ, subventricular zone; Ven, ventricle; VZ, ventricular zone.


Direct evidence that the Par complex and AJs collaborate in imposing the apical RG phenotype is patently demonstrated by deletion of the polarity determinants aPKC, Par3 or the small GTPase Cdc42, a Par complex activator (Cappello et al., 2006; Imai et al., 2006; Bultje et al., 2009). Loss of these polarity proteins promotes AJ failure, the retraction of the RG basal process and the withdrawal of the apical end feet from the ventricular surface (Figure 3). As a result RGs undergo precocious differentiation into intermediate progenitors and neurons (Cappello et al., 2006; Bultje et al., 2009). The inhibition of AJ-Par complex interactions therefore promotes the adoption of the neurogenic fate at the expense of the proliferative RG fate, leading to premature neurogenesis. As a consequence of the imbalance in cell fate specification, inadequate numbers of progenitors are generated early in corticogenesis, resulting in long-term depletion of neuronal populations, a phenotype underpinning the etiology of microcephaly (Pinson et al., 2019). This also appears to be the modus operandi of Zika virus which causes microcephaly by preferentially infecting apical RGs (Yoon et al., 2017). Zika proteins interact with multiple AJ components resulting in impaired AJ assembly, suppression of RG proliferation and premature neurogenesis in the mouse cortex and in human iPSC-derived organoids.

The Pals polarity protein links Crumbs/PatJ to the Par3/Par6/aPKC complex which act together to define the apical membrane domain. Therefore, it is not surprising that genetic deletion of Pals in apical RGs also has devastating consequences for cortical development (Kim et al., 2010). As seen in the Par3 mutant, apical RGs lacking Pals undergo premature cell cycle exit and extensive neuronal differentiation early in corticogenesis. In the absence of Pals, Crumbs and aPKC no longer associate with the junctional complex, leading to AJ disassembly or a basal shift in AJ location, and the abrogation of RG apicobasal polarity. However, in contrast, to the Par3 mutant, a rapid induction of neuronal cell death was observed in late cortical development due to the inhibition of the mTOR cell survival pathway.

Inhibition of the Lgl/Dlg/Scribble polarity complex also has profound effects on cortical development. Genetic depletion of Lgl prevents AJ formation and RG polarization and disrupts the ventricular wall (Klezovitch et al., 2004; Beattie et al., 2017; Jossin et al., 2017; Zhang et al., 2019). Both periventricular and subcortical heterotopias are observed in these mutants. Failure to exit the cell cycle translated into excessive RG proliferation and increased neurogenesis, further exacerbating the subcortical heterotopia phenotype. In the absence of Lgl a substantial decrease in N-cadherin endocytosis was observed (Jossin et al., 2017). In vitro and in vivo experiments revealed that N-cadherin internalization and AJ stabilization require a direct interaction between Lgl and N-cadherin, and that this interaction is inhibited by aPKC-mediated phosphorylation of Lgl. Together, these findings suggest a model whereby Lgl triggers N-cadherin endocytosis at the lateral membrane, but is prevented from doing so at the AJ due to inhibition by junctionally localized aPKC. As a result, high levels of N-cadherin are confined to the junction. This hypothesis is bolstered by a previous study demonstrating that the deletion of aPKC in the embryonic cortex also prevents AJ formation and the establishment of polarized RG morphology (Imai et al., 2006). The central role of the Lgl/Dlg/Scribble complex in the regulation of cadherin recycling at RG junctions is further supported by Dlg5 loss-of-function embryos which exhibit reduced membrane N-cadherin and phenocopy the Lgl mutants (Nechiporuk et al., 2007). In vitro studies show that the efficient delivery of cadherin containing vesicles to the membrane relies on the interaction between Dlg5 and Syntaxin4, a member of the q-SNARE membrane fusion complex as well as between Dlg5 and the junctional component, β-catenin (Nechiporuk et al., 2007). These data lead to the hypothesis that Dlg5 anchors the vesicular fusion machinery to AJs to reinforce apical RG junctional integrity.

Adherens junctions also influence the decision to re-enter the cell cycle by spatially coordinating extrinsic signals with polarity complex activity. The stem cell determinant Notch is localized to the apical RG junctional membrane where it associates with the cadherin adhesion complex. AJ assembly is required for Notch activation and retention of the RG fate by sequestering Par3 during asymmetric division (Del Bene et al., 2008; Bultje et al., 2009; Ohata et al., 2011; Hatakeyama et al., 2014). Notch functions downstream of Par3 to specify progenitor identity, whereby the daughter cell inheriting the greatest proportion of Par3 exhibits high Notch activity. Overexpression of Par3 forces cells to adopt the apical RG fate due to the enrichment of Par3 and Notch activity in both daughter cells, whereas Par3 suppression deactivates Notch and confers neuronal identity to both cells. Intriguingly, several studies have revealed an explicit link between Notch signaling and cadherin-mediated adhesion. Numb, a known regulator of Notch clathrin-mediated endocytosis, promotes the acquisition of neuronal cell fate during RG asymmetric division by antagonizing Notch signaling (Rasin et al., 2007; Bultje et al., 2009). Moreover, Numb is found in the apical end feet at interphase where it specifically localizes to cadherin-positive recycling endocytic vesicles and directly interacts with cadherins (Rasin et al., 2007). Silencing Numb activity results in mislocalization of cadherin to the RG apical membrane and prevents junctional assembly, leading to loss of RG morphology, ectopic positioning of neurally fated cells and aberrant cortical lamination. Conversely, overexpression of Numb provokes persistent apical RG anchoring to the ventricular surface, sustained apicobasal polarity and retention of progenitor identity in both siblings. These observations provide persuasive evidence that junction assembly and cell fate determination are tightly coordinated.



Do AJs Influence the Mode of Cell Division?

During symmetrical proliferative divisions retention of junctions and the associated polarity proteins promotes re-establishment of apicobasal polarity and confers RG progenitor identity, whereas depletion of these factors after asymmetric division bestows neural fate. Pioneering studies have revealed that the inheritance of the Par complex and junctional components is dependent on the position of the cleavage plane during cytokinesis (Huttner and Kosodo, 2005; Konno et al., 2008; Marthiens and Ffrench-Constant, 2009; Paridaen et al., 2013). In the early phase of corticogenesis when progenitors are undergoing symmetric self-renewing divisions, mitotic spindles are orientated in the planar orientation (vertical cleavage plane). Cleavage along the vertical plane bisects the apical membrane resulting in the equal distribution of junctional and polarity proteins between the daughters, thereby promoting the proliferative RG fate. As apical RGs switch to asymmetric neurogenic divisions, the mitotic spindle re-orientates such that the cleavage plane becomes horizontal or oblique, favoring the production of neurons or intermediate progenitors (Huttner and Kosodo, 2005; Konno et al., 2008; Postiglione et al., 2011; Paridaen and Huttner, 2014). In this situation retention of the RG fate is associated with the acquisition of the greater fraction of AJ components and polarity proteins. Conversely, the exclusion of these factors promotes commitment to the neurogenic fate. Whether or not AJs directly influence spindle orientation remains controversial. However, increased oblique divisions and a subsequent increase in intermediate progenitors and their neuronal offspring have been reported after deletion of the junctional component Afadin (Rakotomamonjy et al., 2017), suggesting that AJ component inheritance favors the apical RG fate and inhibits asymmetric division. This premise is supported by studies in other epithelia where Afadin binding to F-actin and LGN, a microtubule motor regulator of spindle orientation, promotes symmetric proliferative division (Carminati et al., 2016). Thus, junctional stability, apicobasal polarity and the direction of cytokinesis are intimately linked.



The Actin Cytoskeleton Fortifies Apical RG Adherens Junctions

In the embryonic brain AJs must resist the mechanical stresses exerted by dynamic cellular behaviors and increased CSF pressure. As in other epithelial tissues the maintenance of apical RG morphology and neuroepithelial integrity relies on the adhesive strength dictated by reciprocal interactions between the cadherins and the circumferential actin ring which runs parallel to the AJ within the RG apical end feet (Figure 1). Adhesive strength is dependent on the continual turnover of the actin cytoskeleton, and actomyosin contractility regulates junctional tension and thus resilience to stress (Maître et al., 2012; Priya and Yap, 2015; Yap et al., 2017). Failure to remodel the actin cytoskeleton in apical RGs leads to AJ disassembly, loss of polarized morphology and perturbation of the neuroepithelial cytoarchitecture. The fundamental role of actin remodeling in maintaining polarized RG morphology and neuroepithelial integrity is reinforced by the emergence of cortical malformations in mice lacking actin regulators (Table 1).

Spatiotemporal regulation of actin polymerization is coordinated through the Rho GTPases RhoA, Rac1, and Cdc42 which govern actin remodeling by directly linking a diverse array of actin modulators to cell surface receptors and downstream effectors (Figure 2) (Priya and Yap, 2015; Lee et al., 2016; Braga, 2017; Acharya et al., 2018; Schaks et al., 2018). RhoA is a major regulator of junctional actomyosin contractility and is also recruited to AJs in response to acute tension, thereby reinforcing the actin cytoskeleton (Priya and Yap, 2015; Acharya et al., 2018). Conditional deletion of RhoA in apical RGs inhibits incorporation of G-actin into the F-actin filament, leading to the destabilization of the actin cytoskeleton and AJ disassembly (Cappello et al., 2006; Katayama et al., 2011). Subsequent RG detachment from the ventricular surface leads to ectopic positioning above the ventricular zone. In addition, although loss of RhoA was found not to affect neuronal motility per se, neurons were unable to undergo radial migration due to the retraction of the RG basal processes. Instead, neurons accumulated under the cortical plate forming subcortical band heterotopias. RhoA activation of formins such as mDia promotes F-actin elongation (Figure 2). Therefore, it is not surprising that the ablation of the RhoA effector mDia in RGs phenocopies the RhoA mutants, whereby junctional disruption provokes neuronal heterotopias (Thumkeo et al., 2011).

The importance of a direct link between cadherin and the RG actin cytoskeleton is further demonstrated by the conditional deletion of αE-catenin (Lien et al., 2006; Schmid et al., 2014). In epithelial tissues the assembly of functional AJs is dependent on the interaction between cadherin and the cytoplasmic effector, α-catenin which couples the cadherin cytoplasmic domain (via β-catenin) to the actin cytoskeleton (Figure 2) (Drees et al., 2005; Buckley et al., 2014). Loss of αE-catenin in apical RGs induces AJ disassembly due to the inability to generate a stable actin cytoskeleton, leading to the retraction of the basal process which in turn severely affects radial migration. Here clusters of neurons accumulate below the cortical plate forming a second neuronal layer equivalent to that seen in subcortical band heterotopia. Insight into the mechanisms underpinning αE-catenin function at RG junctions comes from in vitro experiments using optical trap-based assays to quantify α-catenin-actin binding under applied force (Buckley et al., 2014). These experiments revealed that α-catenin is a tension-sensing molecule as it is only able to couple F-actin to cadherins when force is applied (Buckley et al., 2014). It is likely, therefore, that αE-catenin acts in a similar manner at RG junctions, thereby providing a sensitive mechanism with which to detect and modulate junctional tension at the ventricular surface.

Actomyosin activity is dynamic and responds to forces experienced at the junction by modulating cadherin adhesion and promoting actin remodeling, thereby ensuring AJ stability (Smutny et al., 2011; Borghi et al., 2012; Priya and Yap, 2015; Yap et al., 2017). Myosin II drives actomyosin contractility at AJs and therefore plays a central role in the regulation of junctional tension. Upon myosin binding to the actin filament, RhoA-dependent phosphorylation of the myosin regulatory subunit triggers contractility (Figure 2). Coupling of myosin to the cadherin cytoplasmic domain enables conduction of force across the junction and facilitates the transmission of actomyosin-induced tension across cell ensembles (Smutny et al., 2011; Borghi et al., 2012; Priya and Yap, 2015). Early pioneering studies using genetic deletion of Myosin IIB provide compelling evidence that actomyosin activity plays an essential role in maintaining apical RG junctional integrity and neuroepithelial cohesion (Tullio et al., 2001; Ma et al., 2007). As seen in N-cadherin loss-of-function mutants, deletion of Myosin IIB leads to AJ failure, collapse of apical RG morphology and disruption of the ventricular surface throughout the neuraxis. Within the forebrain, aggregations of neurons and progenitors protrude into the ventricular space, a phenotype reminiscent of the periventricular heterotopias seen in humans. Furthermore, actomyosin contractility has been shown to play a central role in promoting the abscission of new-born neurons from the ventricular surface during asymmetric RG division, a process required for the initiation of radial migration (Das and Storey, 2014). This activity lies downstream of N-cadherin as increased N-cadherin or inhibition of myosin activity prevents abscission of the prospective neuron.

A common feature of mutants lacking key actin regulators (αE-catenin, RhoA, Myosin IIB, Arp2/3), is the occurrence of apical RG rosettes within the cortical plate where clusters of polarized progenitors assemble around a central lumen (Tullio et al., 2001; Lien et al., 2006; Kadowaki et al., 2007; Katayama et al., 2011; Cappello et al., 2012; Schmid et al., 2014; Wang et al., 2016). The subapical membrane localization of cadherin, catenin, and Par3 preserves cohesion despite the depletion of junctional actin. This is in stark contrast to the ventricular wall where AJ stability in the RG apical end feet is clearly diminished, indicating that in the absence of the actin regulators junctional adhesive strength is manifestly attenuated and unable to buffer the forces exerted at the ventricular surface. The mechanical stresses experienced within the cortical plate, however, would be substantially lower, allowing the compromised junctions to support adhesion. These observations highlight the critical role played by the actin cytoskeleton and its network of regulatory proteins in reinforcing tissue cohesion while preserving junctional flexibility in the embryonic neuroepithelium.



Branched Actin – The Epicenter of the Junctional Cytoskeleton

Investigations using in vitro epithelial cell models have revealed that the junctional actin cytoskeleton consists of a dense network of branched actin which seeds the growth of the linear F-actin filaments comprising the actin ring (Verma et al., 2012; Brieher and Yap, 2013; Han et al., 2014; Lee et al., 2016). Branched actin nucleation is initiated at the cadherin adhesion complex and is mediated by the Arp2/3 enzymatic complex, an inefficient actin nucleator (Pizarro-Cerda et al., 2017). Arp2/3 is activated by the pentameric WAVE regulatory complex (WRC), a pivotal branched actin regulator composed of five subunits organized into the Cyfip/Nap and WAVE/Abi/HSPC300 subcomplexes (Figure 2) (Chen et al., 2010, 2014). Arp2/3 activity is triggered upon binding to the WAVE subunit, and this interaction is dependent on activated Rac1 binding to Cyfip1 within the holocomplex (Chen et al., 2014; Schaks et al., 2018). Both Arp2/3 and the WRC are tightly associated with AJs and play an important role in the epithelial response to mechanical stress as their dissociation from the cadherin adhesion complex induces junctional disassembly and the attenuation of junctional tension (Verma et al., 2012; Han et al., 2014; Lee et al., 2016).

In RG junctions branched actin nucleation is also dependent on Arp2/3 and the WRC, both of which are concentrated within the RG apical end feet (Yoon et al., 2014; Wang et al., 2016; O’Leary et al., 2017). Conditional deletion of the obligatory Arp2 subunit in the mouse embryonic cortex results in depletion of the actin cytoskeleton from the subapical membrane, loss of N-cadherin and other key junctional proteins and disassembly of AJs (Yoon et al., 2014; Wang et al., 2016). As a consequence of junctional failure, RGs detach from the ventricular surface and form ectopic rosettes in the cortical plate. Moreover, those RGs remaining at the ventricular surface undergo premature commitment to the neuronal fate, which ultimately leads to a decrease in mature pyramidal populations. Similarly, depletion of the WRC subunits Abi1 or Cyfip1 results in the loss of AJs and polarized RG morphology with concomitant ectopic RG redistribution to the upper cortical layers and marked perturbation of the neuroepithelium (Yoon et al., 2014).

Branched actin nucleation precisely at the AJ requires that the WRC and Arp2/3 is spatially restricted to the cadherin complex. A critical molecular mechanism responsible for the recruitment of Arp2/3 and the WRC to cadherins has recently been discovered. Neogenin, a multi-functional receptor for Netrin and the Repulsive Guidance Molecules (Rajagopalan et al., 2004; De Vries and Cooper, 2008; Kee et al., 2008; O’Leary et al., 2015; Siebold et al., 2017), has been identified as a pivotal component of the branched actin nucleation machinery governing junctional stability and tension (Lee et al., 2016; O’Leary et al., 2017). The WRC interacting receptor sequence (WIRS), found in the intracellular domain of Neogenin, binds to a highly conserved binding pocket within the WRC composed of the Cyfip1 and Abi subunits (Figure 2) (Chen et al., 2014; Lee et al., 2016). Using an in vitro epithelial model it was demonstrated that Neogenin recruitment of the WRC to the cadherin adhesion complex ensures that Arp2/3 actin nucleation is confined precisely to the junctional membrane, thereby promoting actin ring stability and junctional integrity. Loss of Neogenin severely perturbs AJ integrity due to the attenuation of junctional tension resulting from fragmentation of the actin ring (Lee et al., 2016). As would be predicted, blocking the interaction between Neogenin and the WRC subunits Cyfip1 and Abi in RGs prevents Arp2/3-mediated actin nucleation, leading to the loss of F-actin, disintegration of the actin ring and AJ destabilization (O’Leary et al., 2017). The ensuing retraction of RG basal processes and disruption of the ventricular wall prevents radial migration into the cortical plate, resulting in the emergence of periventricular and subcortical band heterotopias.

The activity of the branched actin nucleation machinery and tension-sensing factors are coordinated to ensure that actin remodeling is responsive to local forces generated within the epithelium. Biallelic mutations in the human αN-catenin gene CTNNA2 is causative for a recessive form of pachygyria (reduction in gyrus formation) (Schaffer et al., 2018). This study and an earlier biochemical study (Drees et al., 2005) revealed that in addition to its role in coupling linear actin to the cadherin complex, α-catenin is able to regulate branched actin polymerization by competing with Arp2/3 for G-actin binding in migrating pyramidal neurons. This competitive behavior is dependent on high concentrations of free cytoplasmic α-catenin, a situation that is likely to arise as AJs mature and cadherin-α-catenin interactions become saturated. As α-catenin also recruits formins to catalyze the polymerization of linear actin filaments at AJs (Kobielak et al., 2004), this suggests that α-catenin may modulate junctional tension by balancing the synthesis of branched and linear actin and that perturbation of this regulatory mechanism is likely to impact junctional stability. We would therefore speculate that αE-catenin functions in a similar manner to stabilize RG junctions.

Branched actin nucleation and linear elongation factors work in unison to reinforce the bidirectional interplay between the cadherin adhesion complex and the actin cytoskeleton. Actin nucleation is the rate-limiting step for polymerization of both branched and linear actin. N-WASP, like its close relative WAVE, is an Arp2/3 activator (Figure 2) (Rohatgi et al., 1999). It also functions to stabilize linear actin filaments at AJs and in doing so sustains contractile tension (Kovacs et al., 2011; Wu et al., 2014). The elongation factor Ena/VASP promotes the addition of G-actin to the barbed end of the growing actin filament (Siton-Mendelson and Bernheim-Groswasser, 2017). N-WASP and the formin mDia act downstream of Cdc42 and RhoA, respectively, to induce Ena/VASP-mediated growth of linear actin from branched nodes (Figure 2). Silencing this signaling pathway in the neuroepithelium by deleting N-WASP, mDia, RhoA or Cdc42 interferes with junctional integrity, leading to cortical malformations (Symons et al., 1996; Cappello et al., 2006; Katayama et al., 2011; Thumkeo et al., 2011; Cappello et al., 2012; Jain et al., 2014). In addition, Ena/VASP has been shown in vitro to bind to WAVE and potentiate Arp2/3-mediated branched actin nucleation (Havrylenko et al., 2015). Together, these observations implicate the WAVE/WASP proteins as a central signaling hub at RG junctions that acts to ensure synergistic linear and branched actin polymerization in order to modulate junctional tension and maintain tissue cohesion.



Adherens Junctions, the Ependymal Epithelium and Hydrocephalus

Ependymal cells form a multi-ciliated cuboidal epithelial monolayer that acts as a bidirectional barrier between the ventricle and the brain parenchyma, and the establishment of an apicobasally polarized ependyma is essential for the maintenance of brain homeostasis (Figure 1D) (Del Bigio, 2010; Jimenez et al., 2014). The vectoral transport of proteins, nutrients and waste products across the ependymal epithelium is driven by transporters and channel proteins which are asymmetrically distributed at the apical membrane facing the CSF or the basal membrane adjacent to the parenchyma. In addition, a polarized epithelium is necessary for the elaboration of the motile cilia on the apical surface which propel CSF through the ventricular system. Loss of ependymal integrity resulting from progressive ventricular denudation beginning early in fetal life is the underlying pathology in some forms of perinatal hydrocephalus (Dominguez-Pinos et al., 2005; Rodriguez et al., 2012; Guerra et al., 2015). Denudation of the ependymal epithelium severely hampers nutrient and toxin exchange, and the absence of a multi-ciliated epithelium directly impacts CSF flow further exacerbating ventricle dilation.

Ependymal cells are derived from the apical RGs of the embryonic neuroepithelium (Ortiz-Álvarez et al., 2019; Redmond et al., 2019). In the human embryo, RG expansion and neurogenesis occur between gestational weeks 12 and 22 (Jimenez et al., 2014; Guerra et al., 2015). In parallel, a subpopulation of RGs differentiate into ependymal cells with the mature ependyma being established by gestational week 28. The assembly of resilient AJs is critical to the integrity of the ependymal epithelium which must resist the tensile forces arising from increasing CSF volume and other mechanical stresses associated with the expansion of the ventricles in the embryo and neonate. Evidence is now accumulating that denudation and thus hydrocephalus originate in the embryonic neuroepithelium prior to the onset of ependymal maturation due to the failure of junctional assembly in apical RGs and subsequently ependymal cells (Figure 1E) (Jiménez et al., 2009; Rodriguez et al., 2012; Guerra et al., 2015). Moreover, the occurrence of hydrocephalus is often coincident with neuronal heterotopias. For example, periventricular heterotopias are accompanied by the disruption of the ependymal epithelium in postmortem brains of patients carrying FLNA mutations (Sheen et al., 2004; Ferland et al., 2009; Jimenez et al., 2014; Lian and Sheen, 2015). Thus hydrocephalus and some forms of cortical malformations share a common etiology – the loss of AJs.

This hypothesis is unequivocally supported in mouse models in which the molecular pathways governing AJ assembly have been disrupted. In the embryonic mouse cortex apical RGs are specified as ependymal cells between embryonic days 14 and 16 (Ortiz-Álvarez et al., 2019; Redmond et al., 2019). However, in contrast to the human, committed apical RGs do not transform into a cuboidal ependymal epithelium until the first week of postnatal life (Tramontin et al., 2003; Spassky et al., 2005). By the end of the second postnatal week all RGs have terminally differentiated into ependymal cells. Hydrocephalus occurs in mice lacking AJ-associated proteins, such as N-cadherin, Yap, Afadin, mDia, Dlg5, Numb, or Plekha7 (Nechiporuk et al., 2007; Rasin et al., 2007; Thumkeo et al., 2011; Oliver et al., 2013; Yamamoto et al., 2013; Park et al., 2016; Tavano et al., 2018), all of which control cadherin adhesion in the apical RG end feet. In addition, disruption of cadherin trafficking has profound effects on both neuroepithelial and ependymal integrity. A mutation in αSNAP, a regulator of SNARE-mediated vesicular fusion, has been identified in the hydrocephalus mouse model, hyh which also exhibits periventricular heterotopia (Chae et al., 2004; Paez et al., 2007; Ferland et al., 2009; Jiménez et al., 2009). In these mice the failure to deliver cadherin to the plasma membrane prevents AJ formation, leading to severe ventricular disruption from early corticogenesis onwards.

As described above, depletion of the branched actin regulators Neogenin, the WRC and Arp2/3 induces cortical heterotopias due to the inability to establish stable RG junctions. In addition, genetic depletion of Neogenin results in extensive denudation of the ventricular wall by postnatal day 3 and ongoing loss of mature ependymal cells throughout the adult ventricular system, resulting in severe hydrocephalus (O’Leary et al., 2017). In vitro and in vivo studies confirmed that blocking Neogenin-WRC interactions prohibits the formation of both RG and ependymal junctions. These studies highlight the pivotal role played by the Neogenin-WRC-Arp2/3 actin regulatory network in promoting actin remodeling, AJ stability and the integrity of the embryonic neuroepithelium and the postnatal ependymal epithelium. The fundamental role of actin in maintaining the fidelity of both these epithelia is further reinforced by the emergence of neuronal heterotopias and hydrocephalus in mice lacking actin modulators, including RhoA, Myosin IIB, mDia, and N-WASP (Tullio et al., 2001; Ma et al., 2007; Thumkeo et al., 2011; Jain et al., 2014).



CONCLUSION

We now have a robust understanding of the key interactions between junctional components and the epithelial polarity complexes which govern RG apicobasal polarity as well as the essential molecular networks promoting AJ assembly and stability (e.g., actin regulators). Nonetheless, we have a limited understanding of how the activity of these many AJ interactors are spatiotemporally coordinated at the junctional interface in the steady state and in response to environmental stresses. Clearly there is a large number of proteins competing for binding sites at the RG junction. However, we currently have little insight into the nanodomain organization of these protein complexes. Do the cadherins form large multi-protein complexes or do they form discrete nanodomains comprising one or a few proteins? Is the mobility of these nanodomains coordinated in time and space? How are these protein–protein interactions synchronized at the nanoscale level in response to regulatory signals and what are the kinetic principles driving these interactions? With the advent of powerful super-resolution microscopic technologies such as dSTORM (stochastic optical reconstruction microscopy) and sptPALM (single-particle tracking photoactivated localization super-resolution microscopy) we are now in a position to address these intriguing and important questions.

It was not until the late 1980s and early 1990s that apical RGs were recognized as the neural stem cells responsible for the generation of all pyramidal neurons of the mammalian cortex (Misson et al., 1988; Malatesta et al., 2000; Hartfuss et al., 2001). Prior to this, RGs were thought to be a fully committed, non-dividing astroglial cell type derived from a lineage distinct from that giving rise to neurons. As such, apical RGs were believed to play only a supportive role in the developing cortex. This review provides a glimpse into the tremendous progress that has been made over the past 30 years in unraveling the fundamental, multifaceted role of apical RGs in the development of the neocortex. As underscored here, AJs play an obligate role in the establishment of RG apicobasal polarity and hence function. The fidelity of cortical development is therefore critically dependent on AJ assembly and stability. This is overwhelmingly illustrated by the occurrence of debilitating cortical malformations, including perinatal hydrocephalus, arising as a consequence of junctional failure.
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Neuronal migration is a critical step during the formation of functional neural circuits in the brain. Newborn neurons need to move across long distances from the germinal zone to their individual sites of function; during their migration, they must often squeeze their large, stiff nuclei, against strong mechanical stresses, through narrow spaces in developing brain tissue. Recent studies have clarified how actomyosin and microtubule motors generate mechanical forces in specific subcellular compartments and synergistically drive nuclear translocation in neurons. On the other hand, the mechanical properties of the surrounding tissues also contribute to their function as an adhesive support for cytoskeletal force transmission, while they also serve as a physical barrier to nuclear translocation. In this review, we discuss recent studies on nuclear migration in developing neurons, from both cell and mechanobiological viewpoints.
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INTRODUCTION

Over a 100 years ago, Wilhelm His and Santiago Ramón y Cajal recognized that neurons were generated in specific germinal zones and migrated to their individual sites of function in the developing brain. Today researchers have caught up to their visionary studies and visualized neuronal migration through live imaging studies. Neuronal migration in earlier stages is critical for neuronal network formation in the later stages of brain development (Stiles and Jernigan, 2010; Silva et al., 2019). Disruption of neuronal migration thus causes brain malformations such as lissencephaly, which is accompanied by defects in neural network organization, manifesting as epilepsy, intellectual disability, and mental disorders. Previous studies have identified mutations in several genes encoding cytoskeletal motors and their associated molecules as the causes of these disorders (Manzini and Walsh, 2011; Cooper, 2013; Moon and Wynshaw-Boris, 2013; Buchsbaum and Cappello, 2019). These studies have expanded our knowledge of the roles of cellular signaling, including post-translational modifications of cytoskeletal molecules, in neuronal migration (Silva et al., 2018, 2019).

Migratory cells move long distances, frequently through confined spaces between other cells and extracellular matrices (ECMs) in tissues. Delivery of the nucleus, the largest and stiffest cargo, presents the biggest physical challenge for the cell to penetrate such confined environments. The nucleus is either pulled or pushed by the mechanical force generated by cytoskeletal motors, which are regulated by intracellular signals governing motor protein activity and cell polarity formation (Li and Gundersen, 2008; Fletcher and Mullins, 2010; Gundersen and Worman, 2013). In many migratory cells, the nucleus is harnessed to adhesions via actin cables and pulled forward by actomyosin contractility and integrin-mediated traction at the leading edge (Wolf et al., 2013; Wu et al., 2014). In contrast, other migratory cells including leucocytes in confined spaces require actomyosin contraction at the back in order to squeeze the nucleus through narrow pores (Lämmermann et al., 2008; Thomas et al., 2015). Rapid advances in mechanobiology have revealed how mechanical strains generated by physical confinement affect cytoskeletal dynamics in migrating cells (Stroka et al., 2014; Liu et al., 2015; Ruprecht et al., 2015).

However, our understanding of how the mechanical forces generated and sensed by cytoskeletal molecules drive nuclear translocation in migrating neurons lags behind that of other mesenchymal cells (Kengaku, 2018). In addition to intracellular signaling regulating cytoskeletal dynamics, one should consider the impact of mechanical properties of the nucleus, which is physically coupled to the cytoskeleton, in order to understand the mechanics of nuclear migration.

In this review, we summarize recent work on the role of mechanics in nuclear translocation in migrating neurons. First, we describe characteristic features of nuclear translocation and related nuclear machinery in neurons (see sections “Nuclear Migration in Neurons” and “The Machinery of the Nucleus: Its Mechanical Properties and Force Transmission”). Next, we illustrate how cytoskeletal motors drive nuclear translocation during neuronal migration in the brain with examples (see Section “Active Nuclear Translocation by Cytoskeletal Molecules in Neuronal Cells”). Finally, we discuss how the mechanical properties of the nucleus and extracellular environment impact nuclear translocation (see section “Cellular and Extracellular Mechanical Properties Affecting Nuclear Translocation in Neuronal Cells”).



NUCLEAR MIGRATION IN NEURONS

Migrating neurons have a clear cell polarity and are subdivided into distinct compartments such as the growth cone, leading process, and cell body (Fletcher and Mullins, 2010; Cooper, 2013). These compartments are propelled independently by differential subsets of cytoskeletal systems, which coordinately regulate overall cell movement. Generally, neuronal migration is driven by two steps (Figure 1). The first step is the elongation of the leading process, where the plasma membrane at the growth cone is pushed by polymerizing F-actin. F-actin filaments are coupled by a molecular clutch to adhesions, thereby converting the myosin II-driven retrograde flow to a driving force for growth cone extension (Lin and Forscher, 1995; Lin et al., 1996; Bard et al., 2008; Lowery and Van Vactor, 2009; Kerstein et al., 2015). The second step is nuclear translocation, which is regulated differently from growth cone extension because of the physical separation of the nucleus from the growth cone. Differential regulation of these two steps causes a unique saltatory movement of the nucleus into the leading process (Edmondson and Hatten, 1987; Komuro and Rakic, 1995; Schaar and McConnell, 2005; Umeshima et al., 2007). This is in contrast to mesenchymal migration where the leading edge extension and nuclear translocation are regulated as sequential events.
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FIGURE 1. Neuronal migration is driven by leading process elongation and nuclear translocation independently. Leading process elongation is accompanied by growth cone extension driven by actin filament elongation and myosin II-dependent contraction. Nuclear translocation is driven by microtubule motor activities (dynein and kinesin) and actomyosin contraction.




THE MACHINERY OF THE NUCLEUS: ITS MECHANICAL PROPERTIES AND FORCE TRANSMISSION

The nucleus is the largest and stiffest cargo in migrating cells. The nucleus is demarcated by the nuclear envelope (NE), a double membrane barrier that separates the chromosomes from the cytoplasm. The inner nuclear membrane is underlined by the nuclear lamina, a meshwork of lamin intermediate filaments, which are critical for structural support of the nucleus (Aebi et al., 1986; Burke and Stewart, 2013; Gruenbaum and Foisner, 2015; Turgay et al., 2017; Ungricht and Kutay, 2017). Lamins are associated with the NE via the LINC (linker of nucleoskeleton and cytoskeleton) complexes formed by SUN (Sad1 and UNC-84) proteins and KASH (Klarsicht, ANC-1, and Syne Homology) proteins (Crisp et al., 2006; Sosa et al., 2013). SUN proteins are embedded in the inner nuclear membrane and bind to lamins in the nucleoplasm, whereas KASH proteins are in the NE lumen (Padmakumar et al., 2005; Sosa et al., 2013) and span the outer nuclear membrane, binding to actin and microtubule motors dynein and kinesin in the cytoplasm (Starr and Han, 2002; Zhen et al., 2002; Zhang et al., 2009). The nucleus inevitably receives significant mechanical strains during its active translocation into the tapering leading process. The driving forces for nuclear translocation are generated by actomyosin contraction and microtubule motor activity, which are transmitted to the NE via the LINC complex (Figure 1).



ACTIVE NUCLEAR TRANSLOCATION BY CYTOSKELETAL MOLECULES IN NEURONAL CELLS


Actin-Myosin Based Nuclear Translocation

Of central importance to nuclear translocation are actomyosin-generated forces, yet previous studies have revealed a diversity in the sites of force generation, depending on cell types and assay systems. Granule cells and periglomerular cells, inhibitory interneurons in the olfactory bulb, arise in the anterior subventricular zone (SVZa) in the telencephalon and migrate rostrally to the olfactory bulb during development and throughout adult life. Dynamics of the rostral migration of SVZa neural precursor cells can be recapitulated in a culture of small SVZa explants embedded in a 3D Matrigel (Schaar and McConnell, 2005) (Figure 2A). The nucleus shows a characteristic saltatory movement toward a dilation formed in the leading process. Nuclear translocation is preceded by localization of non-muscle myosin IIB and membrane blebbing at the rear of the nucleus. Inhibition of myosin II activity at the nuclear rear by local application of blebbistatin suppresses nuclear translocation, suggesting that actomyosin generates a pushing force behind the nucleus. Accumulation of actomyosin at the nuclear rear is also observed during migration of cortical inhibitory interneurons from the medial ganglionic eminence (MGE) in the ventral telencephalon (Bellion et al., 2005; Martini and Valdeolmillos, 2010) (Figure 2A). Nuclear migration in MGE neurons is similarly inhibited by blebbistatin treatment, suggesting that myosin activation at the rear is critical for nuclear translocation. How does actomyosin contractility at the rear of the cell drive nuclear transport in these cells? Adhesion sites in the rear need to be detached for cell migration. A possible mechanism for detachment at the rear of the cell could be the mechanical disruption of integrin-ECM bonds by the actomyosin force behind the nucleus. Previous studies using keratocytes and cancer cell lines have demonstrated that actomyosin generates a traction force on focal adhesions which readily break integrin-ECM bonds (Jurchenko et al., 2014; Zhao et al., 2018). However, adhesions and stress fibers are less prominent in migrating neurons than in fibroblasts, seemingly downplaying the importance of de-adhesion at the cell posterior for neuronal migration (Jiang et al., 2015). Another possibility is that actomyosin contraction at the cell cortex constricts the cytoplasm at the rear and squeezes the nucleus to the front (Schaar and McConnell, 2005).
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FIGURE 2. Schematic overview of actomyosin-based nuclear translocation in neurons. (A) Myosin II-dependent contraction of cortical actin (red arrows) at the rear of the nucleus might push the nucleus forward in a 3D environment. (B) On a 2D substrate, actomyosin contraction between the nucleus and adhesions (red arrows) in the leading process generates a traction force that pulls the nucleus. Direct interaction between actin filaments and the nucleus has not been confirmed in migratory neurons (Left). Actin filaments in the proximal leading process may transmit traction force to the nucleus via the perinuclear microtubules that are associated by microtubule-actomyosin coupling proteins such as drebrin (Right).


In contrast to the above mentioned inhibitory interneurons, dissociated cerebellar granule cells cultured on laminin-coated glass exhibit myosin IIB localization at the front of the nucleus prior to its saltatory movement (Solecki et al., 2009). Further studies using traction force microscopy (TFM) have demonstrated the generation of a force dipole at the site of myosin IIB accumulation in the leading process during neuronal migration (Jiang et al., 2015; Umeshima et al., 2019). These studies suggest that actomyosin is anchored to cell adhesions in the leading process and it exerts a pulling force to the nucleus in cerebellar granule cells cultured on a flat surface (Figure 2B). However, it remains elusive how the actomyosin force is transmitted to the nucleus during neuronal migration. It has been shown that F-actin is connected to the NE through the N-terminal CHD (Calponin Homology Domain) of nesprin-1/2 (Zhen et al., 2002; Padmakumar et al., 2004; Rajgor and Shanahan, 2013). Although the loss of nesprin-1 and 2 causes morphological defects in the mouse brain, an interaction between F-actin and nesprin-1/2 has not been detected in migrating neurons (Zhang et al., 2009). Recent studies have demonstrated that actomyosin in the leading process is anchored to perinuclear microtubules via an adaptor protein drebrin, rather than directly interacting with NE proteins (Trivedi et al., 2017).

The apparent diversity in actomyosin dynamics either in front or behind the nucleus has been attributed to differences among neuron types and/or diversity in migration substrates in different migration models (Trivedi and Solecki, 2011). Recent cell migration assays using rat and human mesenchymal cells and zebrafish germ layer progenitor cells have revealed that the subcellular localization of actomyosin in these cells is dramatically altered in 2D free surface and 3D confined space (Bergert et al., 2015; Liu et al., 2015; Ruprecht et al., 2015). Similarly, neuroepithelial cells alter the subcellular distribution of actomyosin and adopt different force mechanisms during nuclear translocation depending on cell shape and tissue morphology (Yanakieva et al., 2019). It is thus possible that neurons might also adopt differential cytoskeletal dynamics depending on the extracellular mechanical environment.



Microtubule Based Nuclear Translocation

Previous studies have implicated microtubule motors as important regulators of nuclear translocation in the developing brain. Migrating neurons are polarized along the direction of migration, with the centrosome typically positioned in front of the nucleus. During neuronal migration, the centrosome and Golgi apparatus first move to a distal dilation that emerges in the leading process, and the nucleus then translocates toward the centrosome in the dilation (Bellion et al., 2005; Nishimura et al., 2017). Here, microtubules are thought to uniformly orient their plus-ends to the nucleus, harnessing the NE to the centrosome via the LINC complex. It is widely accepted that the nucleus is pulled forward to the centrosome by the minus-end-directed motor activity of cytoplasmic dynein, as the inhibition of dynein or its regulator LIS1 attenuates nuclear displacement (Hirotsune et al., 1998; Shu et al., 2004; Tanaka et al., 2004; Tsai et al., 2007). In this scenario, the centrosome has to be anchored to the cell cortex of the leading process in order to generate a traction force against the cell membrane or ECM, which pulls the nucleus forward (Aumais et al., 2001; De Simone et al., 2018). However, previous live imaging studies have revealed dynamic movement of the centrosome around the nucleus, raising doubts about whether the centrosome is tightly associated to the cell cortex (Umeshima et al., 2007; Wu et al., 2018) (Figure 3). More recent studies using cerebellar granule cells have suggested that the actin- and microtubule tip-binding protein drebrin links the perinuclear microtubules to F-actin in the leading process and mediates a strong actomyosin traction force at the integrin-ECM bonds to the nucleus (Ong and Solecki, 2017; Trivedi et al., 2017) (Figure 2). Other studies have indicated that perinuclear microtubules are associated with non-centrosomal microtubules in the leading process, which may be anchored to actomyosin and/or the cell cortex (Rao et al., 2016).
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FIGURE 3. Schematic overview of microtubule-based nuclear translocation in neurons. The centrosome mostly locates in the front of the nucleus and emanates perinuclear microtubules. The centrosome may be anchored to the cell cortex via microtubule networks and actin filaments in the leading process or unknown membrane-associated adaptors. During neuronal migration, microtubules appear to repeat attachment and detachment to the nucleus via interactions of their associated motors with the LINC complex.


We have recently demonstrated that the nucleus undergoes frequent rotation during migration of cerebellar granule cells (Wu et al., 2018). Live-cell imaging suggests that microtubules around the nucleus are of mixed polarity and dynamically attach to and detach from the nucleus (Figure 3). This evidence supports the idea that kinesin and dynein motors exert transient forces to multiple small points on the NE, and thereby induce forward translocation when the net force acts on the center, which otherwise generates torque and drives rotation (Wu and Kengaku, 2018).

As another example, neuroepithelial cells in the developing neural tube show cyclic nuclear translocation between the apical and basal surface of the ventricular zone (VZ) in concert with the cell cycle, in a process known as interkinetic nuclear migration (Figure 4) (Spear and Erickson, 2012b; Lee and Norden, 2013; Miyata et al., 2015). The centrosome is anchored to the apical endfoot and emanates microtubules along the cell longitudinal axis with their plus-ends toward the basal side (Spear and Erickson, 2012a). Thus, dynein motor activity drives nuclear translocation from the basal side to the centrosome, which is anchored to the apical surface (Tsai et al., 2007; Hu et al., 2013). In contrast, the plus-end-motor activity of KIF1A has been implicated in nuclear translocation from the apical to basal surface away from the centrosome, although the anchor point at the basal side remains unclear (Tsai et al., 2007). An alternative mechanism for apical-to-basal migration involves actomyosin behind the nucleus, constricting the plasma membrane around the apical surface. In this case, the nucleus is squeezed toward the basal side, similarly to SVZa neurons (Norden et al., 2009; Schenk et al., 2009). Thus, synergistic transactions between microtubules and actomyosin are important for the generation and transmission of the force driving nuclear translocation in various contexts.
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FIGURE 4. Mechanical regulation of nuclear translocation in neuroepithelial cells. Differentiating cells in the subventricular zone work as a physical fence which prevents invasion of the S phase nuclei in the upper ventricular zone (Top, blue region). On the apical surface, lateral expansion of mitotic cells is suppressed by the reactive force of surrounding non-M phase cells. Apical constriction by actomyosin further assists basal translocation of the dividing nuclei (Bottom).




CELLULAR AND EXTRACELLULAR MECHANICAL PROPERTIES AFFECTING NUCLEAR TRANSLOCATION IN NEURONAL CELLS

The nucleus is exposed to high shear stress from the surrounding tissue during migration in confined interstitial spaces. Besides cytoskeletal forces generated within the cell, the mechanical properties of the nucleus and extracellular microenvironment are important determinants of nuclear translocation.


Nuclear Stiffness and Lamins

The nucleus shows extensive deformation when it passes through constrictions in the interstitial spaces in brain tissue (Wu et al., 2018). Accordingly, the nucleus should have an optimal viscoelastic property that allows flexible deformation and tolerance against shear stress during migration. A critical determinant of nuclear stiffness is the set of type V intermediate filament proteins, called lamins, which underlie the inner nuclear membrane. Lamins are composed of four major isoforms: lamins A and C (products of the LMNA gene by alternative splicing), lamin B1 (encoded by LMNB1) and lamin B2 (encoded by LMNB2). The stoichiometry of lamin A/C and lamin B1/B2 determines the viscoelastic properties of the NE and provides mechanical strength to the nucleus against various physical strains from the cytoplasm and extracellular environment (Swift et al., 2013; Harada et al., 2014).

Lamin A/C levels vary greatly among cell types, with strong correlations to tissue stiffness (Swift et al., 2013). Importantly, the laminA/C level is determined by both transcriptional and post-transcriptional regulation. Transcription of lamin A/C is activated by a transcription factor RARG that is translocated to the nucleus when cells are cultured on stiff substrate. The level of lamin A/C transcripts is thus low in soft tissues, including the brain (Swift et al., 2013). Additionally, lamin A/C proteins are phosphorylated at specific sites, and are thereby subjected to proteolysis under low mechanical stress in soft tissues (Buxboim et al., 2014). It has also been shown that lamin A abundance in the brain is further reduced by a brain-specific micro RNA miR-9 which specifically suppresses the 3′ UTR of the lamin A splice form (Jung et al., 2012, 2013). Generally, lamin A expression in migratory cells, such as immune cells and metastatic cancer cells, is lower than in adherent cells (Shin et al., 2013; Matsumoto et al., 2015; Irianto et al., 2016). Migrating neurons in the developing brain also express very low levels of lamin A/C (Coffinier et al., 2011). Nuclei containing low levels of lamin A are softer, and might be adept at deforming and passing through tiny interstitial spaces during migration.

A very low abundance of lamin A/C has been observed in embryonic cells, and LMNA knockout mice show little or no pathology during development, although postnatal mice develop cardiomyopathy or muscular dystrophy (Sullivan et al., 1999). In contrast, genetic ablation of B-type lamins causes abnormal neuronal migration and malformation of the brain cortex (Coffinier et al., 2011; Young et al., 2012, 2014). In experiments that specifically depleted lamin B1 in the forebrain of mice, the nucleus of migrating cortical neurons showed blebbing and/or fragmentation at the nuclear front (Jung et al., 2013). On the other hand, lamin B2 ablation causes abnormal elongation of the front of the nucleus in migratory neurons (Coffinier et al., 2010). These observations suggest that loss of B-type lamins impairs nuclear lamina integrity and tolerance to cytoskeletal pulling forces during neuronal migration.

It has been shown that the mechanical properties of the nucleus are also affected by the positioning and structure of chromatin (Pajerowski et al., 2007; Mazumder et al., 2008; Furusawa et al., 2015; Shimamoto et al., 2017). In most eukaryotic nuclei, heterochromatin regions primarily associate with nuclear lamina via lamins, forming lamina associated domains (LAD) which contribute to nuclear stiffness. In neuronal cells with low expression of lamin A, the inner nuclear membrane protein lamin B receptor plays important roles in LAD formation (Clowney et al., 2012; Solovei et al., 2013). Thus, lamin B receptor might have complementary roles with lamin A in neurons.

Nuclear lamins might have an important role for protection of the genomic architecture and DNA from mechanical stress. Recent studies have shown that knockdown of lamin A increases nuclear rupture and DNA damage in cancer cell lines (Xia et al., 2018). Similarly, mechanical stress in confined spaces induces excessive nuclear deformation and nuclear rupture, followed by DNA repair responses in bone marrow derived dendritic cells and cancer cell lines with low lamin A expression (Denais et al., 2016; Raab et al., 2016). In contrast, it has never been reported that young neurons with very low lamin A are susceptible to nuclear rupture during migration (Chen et al., 2019). Instead, disruption of lamin B1or lamin B2 has been shown to cause nuclear rupture and precocious cell death in migrating neurons, supporting that B-type lamins are more critical for brain development (Jung et al., 2013; Chen et al., 2019). It is unknown how the nuclear envelope with low lamin A maintains structural integrity, but other lamins such as lamin B and lamin B receptor may possibly substitute for lamin A in organizing the nuclear lamina structure in young neurons. Further studies are required to understand the relationships of lamin subtypes and their precise contributions to nuclear stiffness and durability.



Mechanical Properties of the Extracellular Environment

Mechanical properties of surrounding tissues also contribute to interkinetic nuclear migration in neuroepithelial cells in the ventricular zone (Miyata et al., 2015). These cells undergo mitosis that causes cell crowding and increased pressure at the apical surface, contributing to pushing the nucleus up to the basal side (Kosodo et al., 2011; Okamoto et al., 2013). Further studies have demonstrated that the apical surface of the ventricular zone undergoes actomyosin-dependent contraction, further crowding the apical surface with elastic processes of surrounding progenitor cells. These dense processes exert a centripetal force on the dividing nuclei, thereby enhancing their dorsal displacement (Shinoda et al., 2018) (Figure 4). Recent studies have also demonstrated that apical-to-basal migration stops at the boundary of the ventricular zone and the SVZ by the physical fence made by differentiated SVZ neurons (Watanabe et al., 2018) (Figure 4).

The ECM is a scaffolding architecture for cells, which binds to integrins and promotes the formation of adhesions, thereby regulating various cellular functions including migration (Hynes, 2009; Bonnans et al., 2014). It has been shown that the mechanical properties of the ECM affect integrin signaling in migrating fibroblasts, so that cell migration is directed toward more rigid substrates in a process known as durotaxis (Choquet et al., 1997; Wang et al., 2002; Plotnikov et al., 2012; Sunyer et al., 2016). In developing neurons, growth cone extension also depends strongly on local mechanical properties (Kostic et al., 2007; Suter and Miller, 2011; Koser et al., 2016). However, whether and how substrate stiffness might affect nuclear translocation is not well understood.

Mechanical stresses to the nucleus influence the interior genome architecture and may affect cellular responses, including gene expression (Uhler and Shivashankar, 2017). It has been demonstrated that the rigidity of the extracellular environment is sensed and transmitted to biochemical signals that induce cytoskeletal remodeling and cytoplasmic-to-nuclear translocation of transcription factors including YAP/TAZ, and thereby affect cell differentiation, morphology, and survival (Engler et al., 2006; Dupont et al., 2011; Nakazawa et al., 2016; Smith et al., 2018; Wolfenson et al., 2018; Yang et al., 2019). Recent studies have also demonstrated that brain stiffness exhibits sharp gradients across layers and regions, which may affect multiple steps of neuronal differentiation including cell fate determination and circuit pathfinding (Iwashita et al., 2014; Koser et al., 2016; Barnes et al., 2017). In fact, the culture substrate with the stiffness of living brain tissue promotes production of dorsal cortical neurons from neural stem cells, suggesting a deep impact of mechanical properties of extracellular environment on gene expression in differentiating neurons (Iwashita et al., 2019). It remains of great interest to clarify if mechanical properties of surrounding tissues affect genome architecture and/or gene expression during neuronal migration.



CONCLUSION

In this review, we summarized recent studies on the mechanical regulation of nuclear translocation in neurons. It is clear that the nucleus is translocated by both actomyosin traction forces and microtubule motors walking along rigid microtubule cables. However, it remains unclear how these cytoskeletal elements are stabilized on the substrate (anchor points) to transmit the force to the nucleus (application points). The research field is awaiting further improvements of emerging techniques for quantification of small mechanical forces in soft and complex tissues (Campàs et al., 2014; Roca-Cusachs et al., 2017; Mongera et al., 2018). For instance, a nesprin tension biosensor is a promising new tool for the quantification of the local, transient force applied to the nucleus in live cells (Arsenovic et al., 2016).

Additionally, increasing evidence highlights the need to carefully consider the impact of mechanical properties of the nucleus and the extracellular environment, and perhaps those of the cytoskeleton and the cell membrane, on nuclear translocation in 3D confined tissue. Recent studies using leukocytes and cancer cell lines suggest that the nucleus serves as a mechanical guide to choose paths of a proper width during confined space migration (Lautscham et al., 2015; Renkawitz et al., 2019). Manipulation of the mechanical properties of the extracellular environment in 3D tissue is required to demonstrate the physiological significance of these findings in vitro. A combination of organoid culture and mechanobiology is becoming a powerful system to overcome some of the limitations of in vivo experiments (Okuda et al., 2018; Garreta et al., 2019). Similarly, further improvement of micro/nanofabrication techniques to design 3D patterned substrates with various mechanical properties is needed to study the interplay between migrating cells and the surrounding tissue.

DNA damages by mechanical stress during confined migration may cause heterogeneity in cancer cells. It has been shown that nuclear deformation by confined migration induces prolonged DNA breaks due to mislocalization of DNA repair factors in the cytosol, which causes accumulation of chromosomal aberrations (Irianto et al., 2017). Extrapolating from this notion, an interesting hypothesis is that the nuclear deformation under mechanical stress during confined migration might influence the genome architecture and gene expression, and thereby affect the final fate and destination of migrating neurons. Emerging techniques for visualization of genome architecture in live cells in combination with high throughput genome sequencing analyses will offer greater opportunities to answer these questions (Miyanari et al., 2013; Natale et al., 2017; Conic et al., 2018).
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Vimentin Intermediate Filament Rings Deform the Nucleus During the First Steps of Adhesion
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During cell spreading, cells undergo many changes to their architecture and their mechanical properties. Vimentin, as an integral part of the cell architecture, and its mechanical stability must adapt to the new state of the cell. This study focuses on the structures formed by vimentin during the first steps of cell adhesion. Very early, ball-like structures, or “knots,” are seen and often vimentin filaments emerge in the shape of rings around the nucleus. Although intermediate filaments are not known to be associated to motor proteins to form contractile systems, these rings can nonetheless strongly deform the cell nucleus. In the first 6 to 12 h of adhesion, these vimentin knots and rings disappear, and the intermediate filament network returns to the state seen before detachment of the cells. As these vimentin structures are very transient in the early steps of cell spreading, they have rarely been described in the literature. However, they can also be seen during mitosis, which is an event that involves partial detachment and re-spreading of the cells. Interestingly, the turnover dynamics of vimentin are reduced in both the knots and rings, compared to vimentin in the lamellipodia. It remains to define how the force is transmitted from the ball-like structures to the rings, and to measure the impact of such strong nuclear deformation on gene expression during cell re-spreading and the rearrangement of the vimentin network.
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INTRODUCTION

During embryogenesis, as also in the more detrimental context of metastasis, cells translocate from their original surrounding or tissue in other tissues (Greenburg and Hay, 1982; Hay, 1995; Davies, 1996; Nieto et al., 2016; Li et al., 2017; Roche, 2018). Upon arrival at their new location, the cells need to anchor to their new environment. During these processes, to correctly migrate, cells detach, by at least partial down-regulation of the expression of E-cadherin, among other factors, and up-regulation of the expression of mesenchymal markers, like N-cadherin and vimentin (Grunert et al., 2003; Christofori, 2006). This is referred to as epithelial-to-mesenchymal transition (Kalluri and Weinberg, 2009; Lamouille et al., 2014). Eventually, the cells will re-spread in a new environment, and will thus undergo the reversed transition called mesenchymal-to-epithelial transition (Davies, 1996). In vitro cell migration studies often require full detachment of cultured cells from their original surface, with these studies then carried out once the cells have re-adhered a new surface. To understand how cells move from one surface, or tissue, to another, an understanding of the mechanisms of cell detachment and cell spreading is crucial.

Several studies have compared cells in adhered and suspended states, and it is clear that the cellular properties are very different. In particular, the mechanical properties of the cells are strongly altered in those two cases (Maloney et al., 2010; Chan et al., 2015). These detachment and spreading transitions whereby cells can adapt to a new state have been studied for many decades (Aoyama and Okada, 1977; Urushihara et al., 1977; Okano et al., 1995; Wakatsuki et al., 2003; Lynch et al., 2013).

Cellular mechanics are mainly governed by the cytoskeleton (Fletcher and Mullins, 2010) through the cytoskeleton fiber types: actin microfilaments, microtubules, and intermediate filaments. Several proteins fall in this last category (Fuchs and Weber, 1994; Herrmann and Aebi, 2016) and it has been shown that different cell types express different intermediate filament proteins, and that failure of correct expression of intermediate filament proteins can lead to several diseases (Danielsson et al., 2018). In the context of epithelial-to-mesenchymal transition, and in the reverse process, the expression for intermediate filaments changes between mainly keratin (epithelial) to mainly vimentin (mesenchymal).

In the present study, we show that during the first hours of adhesion, vimentin forms ball-like structures in close vicinity to the nuclei. These “knot” structures are transient and generally disappear within the first 6 h after re-spreading of the cells. These structures are often associated with vimentin rings around the nuclei, which can also slide along the nuclei. However, most surprisingly, while the non-polar vimentin filaments are not associated with molecular motors, these rings can exert force on the nuclei, and can even cause them to become deformed. We further show that this transient phenomenon can also be observed after re-spreading of mitotic cells.



MATERIALS AND METHODS

Cell Culture

Immortalized retinal pigmented epithelium (hTERT-RPE1) cells were cultured in DMEM/F12 medium (Gibco) with 10% fetal bovine serum (Fisher Scientific), 1% GlutaMAX (Fisher Scientific) and 1% penycilin/streptomycin (Gibco). Human foreskin fibroblasts (HFFs) were cultured with DMEM (Gibco) supplemented in the same manner.

Wild-type hTERT-RPE1 cells were from American Type Culture Collection (ATCC CRL-400). TALEN-edited cell lines included hTERT-RPE1 cells expressing mEmerald-vimentin and mTagRFP-tubulin, and HFFs expressing mEmerald-vimentin, and these were kindly provided by Gaudenz Danuser (UT Southwestern, Dallas, TX, United States). The genome editing has been described previously (Gan et al., 2016; Costigliola et al., 2017). These cell lines express the aforementioned proteins at levels comparable to their respective parental cell lines. The amount of the fluorescent protein, compared to the total amount of protein, was reported to be 4% for mEmerald-vimentin in HFFs, 8 and 5% for mEmerald-vimentin and mTagRFP-tubulin, respectively, in hTERT-RPE1 cells.

Immunostaining

Cells were fixed for 10 min in 4% paraformaldehyde in phosphate-buffered saline (PBS) and were rinsed three times for 5 min each in PBS. The cell membranes were permeabilized for 10 min in a 0.5% Triton X-100 in PBS, followed by three rinsing steps. Before immunostaining, the cells were blocked in 3% bovine serum albumin in PBS solution for 1 h. Vimentin was stained overnight with an Alexa Fluor 647 tagged human anti-vimentin V9 antibody (sc-6260; Santa Cruz) at 0.2 μg/mL in 3% bovine serum albumin in PBS. Actin was stained with fluorescently labeled phalloidin (phalloidin-iFluor 488; ab176753; Abcam) at a dilution of 1:1000, accordingly to the manufacturer protocol. After staining, the cells were rinsed three times in PBS and once in MilliQ water, and then they were mounted on glass slides using Fluoromount-G (Thermo Fisher Scientific), which contained DAPI to counterstain the cell nuclei.

Imaging

Epi-fluorescence images were acquired on different inverted microscopes (Ti-Eclipse; Nikon). The light sources used were either an Intensilight Epi-Fluorescence illuminator (Nikon) or a Sola Light engine (Lumencor). The microscopes were equipped with a temperature controlled (37°C) environmental chamber (Okolab) that provided 5% CO2 and 100% humidity for the live-cell imaging. Confocal images were acquired on a confocal microscope (LSM 880; Zeiss). For live-cell imaging, the confocal images were acquired on an inverted microscope (Ti-Eclipse; Nikon) equipped with a Yokogawa spinning disk head (CSU-W1; Andor Technology) and a “fluorescence recovery after photobleaching/ photoactivation” (FRAPPA; Andor Technology) module. Live-cell imaging was performed in 23 mm diameter glass-bottomed dishes (World Precision Instruments). When mentioned, the dishes were pre-coated after 30 s of activation with plasma (Harrick PDC 32G), with a 25 μg/mL solution of bovine plasma fibronectin (F1141; Merck) and rinsed three times with PBS before adding cells.



RESULTS

Vimentin Ball-Like Structures and Rings Deform the Cell Nuclei During the First Hours of Adhesion

To investigate the cytoskeleton of single cells during their spreading, we used epithelial-like hTERT-RPE1 cells that were genetically edited to express mEmerald-vimentin and mTagRFP-tubulin (Gan et al., 2016). RPE cells are of epithelial origin, although in culture they show attributes of both epithelial cells, such as collective migration in wound-closure assays (Gan et al., 2016), and mesenchymal cells, such as high levels of vimentin expression (Yang et al., 2018). Of note, they also show higher expression of N-cadherin than E-cadherin (Youn et al., 2006), which is also a marker attributed to mesenchymal phenotypes. As such, RPE cells are a good model for initiation of mesenchymal-to-epthelial transition, i.e., for cell attachment and spreading to a new surface.

These cells were allowed to spread on glass coverslips, which were incubated overnight in the cell growth medium. They were then fixed at different times after re-adhesion (1, 3, 5, and 24 h). The nuclear staining was added prior to the epi-fluorescence imaging. Figure 1A shows representative images of the cells at these times. In these images, large ball-like structures, or knots, can be seen close to the nuclei. In some cases, those structures were accompanied by thin lines of vimentin that span the nuclei, and which were related to nuclear deformation. As an example, Figure 1A (zoom) shows a high-magnification image of a cell.
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FIGURE 1. Appearance of vimentin rings around the nuclei during the first hours of cell adhesion and spreading. (A) Top: Representative fluorescence images of fixed RPE1 cells after 1, 3, 5, and 24 h of adhesion on medium-incubated glass slides (20× magnification). Bottom: Magnification of the cell indicated with a ∗ above. Green, vimentin; blue, nucleus. Scale bar: 50 μm (top); 10 μm (bottom) (B) Representative spinning disk confocal images of a vimentin ring. Left: maximum intensity projection in height image. Middle, right: three-dimension representation of left image at 45° and 90° angles, respectively. Green, Vimentin; red, tubulin; blue, nucleus. Scale bar: 10 μm. (C) Quantification of the proportion of cells with vimentin rings, based on fluorescence images of (A). Data are means ± standard deviation; the number in each column corresponds to the total number of cells analyzed; ∗ and ∗∗p < 0.05 and p < 0.01, respectively, compared to the 1 h condition, one-way ANOVA with Bonferonni’s test. (D) Representative images of high magnification (100×) fluorescence images of cells after 3 h of adhesion and spreading. Left: Green, vimentin; red, tubulin; blue, nucleus. Right: Red, vimentin; Green, actin; blue, nucleus. Scale bars: 10 μm.



To determine whether these linear structures corresponded to a more complex three-dimensional (3D) assembly, confocal images were obtained (Figure 1B). Through to the projections of the 3D images reconstructed at different angles, it could be seen that the thin vimentin lines previously observed corresponded to rings of vimentin around the nucleus. These rings appeared to be under enough tension for local deformation of the nuclei.

We quantified the numbers of cells that had vimentinn rings at 1, 3, 5, and 24 h after re-adhesion (Figure 1C). Here, we noted that some cells had several rings, and some of these rings had more of a shape of a shaft around the nuclei, i.e., thick bundles of vimentin filaments, seen in the high-magnification shown in Figure 1A, rather than as thin structures. The number of cells with a vimentin ring rapidly decreased during the first hours of spreading, from nearly 40% after 1 h, to around 20% after 5 h (Figure 1C). These structures are very rarely seen after 24 h of cell adhesion.

To determine whether these effects were a consequence of the fluorescent tag fused to vimentin and tubulin, we performed immunofluorescence analysis in wild-type RPE1 cells. Here there were also rings, and therefore we concluded that the rings were not artifacts of the genetic editing performed on these cells (Supplementary Figure S1). In order to assess the need of vimentin to form the ring structures, we compared cells during adhesion after they were treated for 30 min in suspension with withaferin A, a steroidal lactone that has been shown to destabilize the vimentin filaments network, and is not expected to be lethal at short time scales (Grin et al., 2012). We observed that rings were appearing at a later time in the case of the withaferin A treated cells. We could also see that the appearance of the rings were corresponding to synchronous nuclear deformation (Supplementary Materials and Methods, Supplementary Figure S2, and Supplementary Movies S1, S2).

As vimentin intermediate filaments are known to interact with other cytoskeletal components, such as actin (Wiche et al., 1993; Cary et al., 1994; Foisner et al., 1995; Svitkina et al., 1996; Esue et al., 2006) and tubulin (Svitkina et al., 1996; Sakamoto et al., 2013; Gan et al., 2016), we looked for these two proteins in these rings. Figure 1D shows representative images of cells with vimentin rings where they were also stained for actin and tubulin. While the rings were seen in the vimentin channels and the nuclei are deformed, there does not appear to be any link with actin. For tubulin, its association with the ring was possible, as seen in the high-magnification panel of Figure 1A, but not necessary as seen in Figure 1D.

Altogether, these data show that during the first hours of cell adhesion, vimentin intermediate filaments form ball-like structures in close vicinity to the nuclei. Thin vimentin filaments then emerge from these vimentin “knots,” and they appear to form rings around the nuclei. These rings appear to deform the nuclei and to create invaginations in the nuclear surface. They also generally appear not to be related to other cytoskeletal structures, as actin is not found in them, and as tubulin is not necessarily present.

Rings Are Transient Structures That Slide Along the Nucleus

As the ball-like structures and rings disappear with time, to better define their dynamics, we carried out time-lapse recordings over several hours of cell spreading. For the rings, it was difficult to establish the timing of their disappearance, especially when several of them could be present within a single cell. Figure 2A (extracted from Supplementary Movie S3) shows an example of the disappearance of a ring. In this case, the ring started to disappear about 5 h after cell adhesion. At that moment, it slid along the nucleus. Upon reaching the edge of the nucleus, the ring became smaller, and then it fused into the knot from which it had initially emerged. We could also see that the deformation of the nucleus was aligned with the position of the vimentin ring. In the Supplementary Figure S3, images of the same sequence than Figure 2A are depicted with a smaller time interval and with black and white balance settings chosen in order to saturate the vimentin knot signal to better emphasize the vimentin rings. Arrows are aligned to show that the deformation of the nucleus corresponds to the position of a vimentin ring.
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FIGURE 2. Vimentin rings are transient and are accompanied by vimentin knots. (A) Representative images of deformation of a nucleus by a vimentin ring and its recovery after the sliding of the vimentin ring. Spinning disk confocal images were acquired at different times after call adhesion (t1, 400 min). Green, vimentin; blue, nucleus. Scale bar: 20 μm. The full movie is available as Supplementary Material. (B) Quantification of the proportions of cells with vimentin ball-like structures during cell adhesion and spreading, based on quantification of Figure 1B; the number in each column corresponds to the total number of cells analyzed; ∗∗ and ∗∗∗p < 0.01 and p < 0.001, respectively, compared to the 1 h condition, one-way ANOVA with Bonferroni’s test. (C) Quantification of proportions of cells with vimentin ball-like structures, over 60 h of cell adhesion and spreading, including different coatings and different cell concentrations. Each time point represents the proportion of knot for a minimum of 125 cells for the 37,500 cells per dish conditions and 250 cells for the 75,00 cells per dish condition.



This raised the question of the stability of the knot itself. To quantify this, the images used in the quantification of Figure 1B were further analyzed, to determine the proportions of ball-like structures at the four different times. Considering the proportions of cells with a vimentin ring (Figure 1B), Figure 2B shows a similar decrease in the proportions of these ball-like vimentin knots, compared to the vimentin rings. However, the total proportions for the knots are a lot higher. Indeed, after 1 h of spreading, more than 75% of the cells showed the knot structures. This decreased to roughly 10% after 24 h.

To better quantify the disappearance of the vimentin rings and the vimentin ball-like structures during cell re-attachment, the spreading of the cells was monitored over 60 h. Time-lapse movies were analyzed automatically with FiJi software (Schindelin et al., 2012) by setting a threshold that excluded vimentin as the more diffused network (low homogeneous intensities taken from the last time points), and thus quantified only the (brighter) ball-like structures. In parallel, the numbers of cell nuclei were automatically quantified (according to DAPI staining). In Figure 2C, the proportions of the ball-like structures over 60 h are shown.

At the same time, the potential influences of cell-cell adhesion, cell secretion, and cell-substrate affinity were tested, in terms of varying the concentrations of the cells added to the dishes (either 37,500 or 75,000 cells per 23 mm diameter dish) or the coatings of the dish surface for cell attachment (bare glass, or 25 μg/mL fibronectin pre-coating).

Here, there were strong decreases in the proportions of cells showing the ball-like structures during the first hours of cell spreading. This stabilized between 2 and 10% after 12 h. Over this time, while the number of cells added to the dishes appeared to have little effect, the pre-coating of the dish had an important role. With the uncoated glass dishes, the proportion of cells with vimentin knot structures stabilized to 10% after 12 h, where it then remained for the duration of the experiment. For the fibronectin-coated dishes, the proportion of cells with vimentin knot structures stabilized to the lower level of around 2% after 12 h, and then remained low throughout.

To determine whether these changes in the appearance of vimentin rings and the ball-like vimentin knots are a particular phenotype of the epithelial-like hTERT-RPE1 cell type, this was repeated in HFFs, that were genetically engineered in the same manner as the RPE cells, although only regarding for vimentin (Costigliola et al., 2017). Similar data were obtained (Supplementary Figure S4), which thus showed that this phenotype is not cell-type specific.

These data thus demonstrate that during cell attachment and spreading, while a relatively low proportion of cells show the nucleus-deforming rings of vimentin, the majority show the ball-like juxtanuclear vimentin knots. These two structures are not fully independent of each other, as during the sliding of a ring along the nucleus, the ring remains anchored to the ball-like structure it emerged from. Also, these ball-like structures only persist through the first few hours of cell adhesion and spreading, and after roughly 12 h, very few cells still show them. Furthermore, this behavior is not a phenotype specific being to the RPE cells, and the strength of the adhesion of the cells to different surfaces appears to have a role in the rate of disappearance of these ball-like vimentin knots.

Vimentin Ball-Like Structures and Rings Are Also Observed During Mitosis

During mitosis, cells do not fully detach, but they do ‘round up’ for the cell division, and during cytokinesis, both of the daughter cells spread back onto the surface. Here, during this re-spreading of the daughter cells after division, it was possible to see the ball-like vimentin knots, and sometimes also the nucleus-deforming vimentin rings (Figure 3 and Supplementary Movie S4). However, these were not always clear in all cells, nor did they necessarily proceed in parallel. Indeed, Figure 3A, shows a case of daughter-cell asymmetry over the first 6 h from mitosis. In one daughter-cell, from 2 h 40 min from mitosis (Figure 3A, ∗∗), the vimentin network was rapidly reformed without any vimentin rings seen, and thus without deforming the nucleus. On the other hand, the second daughter cell, (Figure 3A, ∗, see also higher magnification in Figure 3B) showed a vimentin knot structure that was accompanied by nucleus-deforming vimentin rings while it was spreading (4 h after mitosis). This nucleus was seen to be bound by three nucleus-deforming vimentin rings (Figure 3B). In this case, the ball-like vimentin knot remained for longer than for the other daughter cell. This thus also shows that the vimentin ball-like knot or the deformation of the nucleus by vimentin rings might delay the reassembly of the vimentin network after cell division.


[image: image]

FIGURE 3. Vimentin knots and rings are observed during mitosis. (A) Representative images of a cell dividing over time. Initially, the cell is shown 1 h 40 before cell division, then at cell division, and at three times after cell division. The original cell is indicated by the arrow on the two first panels. The daughter cells are indicated as ∗ and ∗∗ in the color-merged views. Scale bar: 20 μm. (B) Magnification of the daughter cell [framed in (A)] showing the vimentin rings, (arrows). Scale bar: 10 μm.



Vimentin Turnover Is Lower in the Ring Than in the Ball-Like Structure

The dynamics of the vimentin in the ball-like knot and the ring structures, were examined using fluorescence recovery after photobleaching (FRAP) experiments. Initially, the vimentin was bleached in three different regions: the lamellipodium and the juxtanuclear ball and ring (Figures 4A,B). Using a high intensity laser for the bleaching phase also allowed monitoring of the recovery of tubulin in the lamellipodium, as a control for recovery. These data were analyzed according to the protocol of Kappel and Eils (Kappel and Eils, 2004) and plotted accordingly (Figure 4C). Due to the low number of cases and the lack of a more refined model for the dynamic of vimentin, only the final values of recovery (plateau values at 10 min) were compared.


[image: image]

FIGURE 4. Vimentin dynamics in the knot and ring structures measured by fluorescence recovery after photobleaching. (A) Representative image of a cell before photobleaching and the labeling of the three regions of interest: lamellipodium, and vimentin knot and ring. Green, vimentin; red, tubulin; blue, nucleus. (B) Fluorescence recovery after photobleaching time-lapse. Red squares: Three regions where photobleaching occurred, and where recovery was measured. Arrows, where the ring was initially. (C) Photorecovery curves of vimentin in the lamellipodium ([image: image]), knot ([image: image]), and ring (•). Line, example of recovery of tubulin in the lamellipodium (same region), as comparison.



A recovery of 30% to 35% of the vimentin bleaching in the vimentin ball-like knots and the lamellipodia was seen over the 600 s recording following the bleaching. As a control, the recovery of the bleaching of the microtubules was measured in the same lamellipodial region, which reached 100% over the time of recording. However, only about 10% of the vimentin in the rings was recovered within the same time. At this level of analysis, the vimentin in the knots and lamellipodia appears to be 3–5 fold more dynamic than the vimentin in the ring structures.



DISCUSSION

During the spreading of cells in a new tissue in vivo or in a new sample environment in vitro, they undergo drastic changes in their architecture, protein expression, and mechanical properties. Cells can adapt to such transitions due to their plasticity. Here, we have looked at the rearrangement of the vimentin intermediate filaments network during cell attachment and spreading as this protein is one contributor to cell mechanics (Wang and Stamenovic, 2000; Mendez et al., 2014).

Prahlad et al. (1998) described the interplay between vimentin filament precursors and microtubules at the cell periphery during the early stages of cell spreading. Furthermore, Lynch et al. (2013) showed that this interaction between vimentin and microtubules was required for spreading of the endoplasm, whereby for correct spreading of the endoplasmic cage, small fragments of vimentin are connected following their transport along microtubules. In both of these studies, the images presented showed a large accumulation of vimentin around the nuclei.

In the present study, we focused on these ball-like structures, or “knots,” of vimentin. We detected vimentin rings that spanned from this structure, using confocal microscopy. While no motors are known to act directly on vimentin filaments to provide a contractile system, our data show that these rings can cause deformation of the nuclei of the spreading cells.

These rings are reminiscent of the structures reported by Parysek and Eckert (1984) for spreading neutrophils. They described loose juxtanuclear knots of vimentin from which filaments can radiate. However, they did not further investigate the radiating filaments, which might have also included rings of vimentin. Furthermore, while electron micrographs of spreading cells have shown deformed nuclei, it would have been difficult to attribute this effect specifically to the vimentin rings, particularly as neutrophil nuclei are known to be poly-lobulated (Campbell et al., 1995).

Ring-like structures composed of intermediate filaments and their creation of nuclear invaginations were previously reported by Kamei (1994) in different cancer cell lines, where they were mainly prominent in PaCa cells (i.e., undifferentiated human pancreatic carcinoma cells). However, neither the resilience of the structures nor their temporal relationships to cell adhesion and spreading were touched upon, as the main aspects that we have addressed in the present study. However, this PaCa cell line might represent a specific model for the formation of long lasting vimentin ring structures.

During the spreading of the cells in the present study, the two vimentin structures, as knots and rings, disappeared over time. After 3 h, less than 50% of the cells still showed those structures, and after 12 h, they were almost all gone, for both the hTERT-RPE1 cells and HFFs during cell attachment and spreading on fibronectin-coated glass. This might be the reason why these vimentin ring structures have not been described previously. Indeed, most in vitro studies have been actually performed on cells that have been left to adhere for several hours, to give the cells time to adapt to their new environment.

A reversed effect was reported by Hirano et al. (1992). They treated 3T3 fibroblasts with the protein phosphatase inhibitor calyculin A. This led to partial detachment of the cells with the description of ball structures of vimentin that formed around the nuclei and deformed them. In some of their micrographs some vimentin ring-like structures can indeed be recognized. However, their study might be more difficult to interpret, as calyculin A is often use as a vimentin disassembling molecule (Eriksson et al., 2004).

Interestingly, it is possible to see ball-like vimentin structures, and even vimentin rings, in cell that have undergone mitosis. During cell division, the cells partially detach from their substrate to assemble the mitotic spindle. Once mitosis has occurred, then they re-spread on the surrounding surface. During mitosis, vimentin interacts with the actin cortex via its tail domain, and indeed, selective deletion of amino acids in the tail domain of vimentin has shown to impair cell progression through mitosis (Duarte et al., 2018).

Here, in a daughter cell, we observed the assembly of several vimentin rings that resulted in the deformation of the cell nucleus, which was not seen for the other daughter cell. It has recently been shown that vimentin is involved in asymmetric partitioning of “Juxta nuclear quality control” (JUNQ) inclusion bodies, which are responsible for the degradation of misfolded proteins (Ogrodnik et al., 2014). Our observations are in line with what they reported, although we also show here that similar behavior can be seen outside of the mitosis context.

We also quantified the turn-over of vimentin in these ball-like vimentin knots and rings, and in lamellipodia, using FRAP. Compared to other cytoskeletal fibers, like microtubules, the vimentin filaments are much less dynamic. This is in line with previous reports (Yoon et al., 1998). It is also especially true for formed filaments, which have lower rates of subunit exchange than unit-length filaments (Robert et al., 2015). In the present study, we even show differences in the recovery amount of vimentin along the rings, in the vimentin knots and in the lamellipodia.

It can be hypothesized that the vimentin rings interact with the nuclei, and hence this might slow down the exchange of the vimentin. It has been shown, that nesprin-3 connects both plectin and vimentin to the nuclear envelope in Sertoli cells (Ketema et al., 2013). In the ball-like vimentin structure, the vimentin turn-over also appear to be impaired compared to the lamellipodia as the signal needs more time to reach the final recovery value. These reduced vimentin dynamics might also arise from interactions between vimentin and other cellular proteins: indeed inactive ROCK might represent one such factor (Sin et al., 1998). This interaction has been suggested to be a way for migrating fibroblast to maintain their polarity, by controlling both the stress at the back of the cell and the Rac1-activating vimentin squiggles at the front of the cell (Terriac et al., 2017). This is also not necessarily the only occurrence of interactions between intermediate filaments and the contractile system of cells; another study has indeed shown that keratin K8/K18 can modulate cell stiffness through its interactions with the RhoA-ROCK pathway (Bordeleau et al., 2012).

We hypothesize that interactions between ROCK and vimentin are involved in the observed structures here. During the early stage of cell spreading, cells first down-regulate active ROCK via phosphorylation of p190RhoGAP (Arthur et al., 2000; Huveneers and Danen, 2009). This step is assumed to allow the relief of the stress in the spreading cell. Later on, ROCK becomes active through activation of p190RhoGEF, and can then be used for stress fiber formation, as well as for polarity initiation (Lim et al., 2008). Vimentin, on the other hand, can be phosphorylated at the amino-acid S71 by ROCK, which leads to its own reorganization (Lei et al., 2013; Hyder et al., 2015). We speculate that in our case the disappearance of the vimentin ball-like structures during cell adhesion is mainly due to the activation of ROCK over time. Moreover, integrin signaling is involved in the activation of RhoA during the later stage of cell adhesion (Danen et al., 2002). This is in line with the present study, where we show that on uncoated glass surfaces, the ball-like vimentin knots required more time to disappear.



CONCLUSION

In conclusion, our study shows that during cell adhesion and spreading, vimentin intermediate filaments can assemble into ball-like structures, or knots. These vimentin knots may be reminiscent of the previously vimentin assembled network before cell detachment. During the re-spreading of cells on a new surface, the vimentin knots might be the origin of the vimentin rings that are seen to strongly deform the cell nuclei. The origin of the force that must act on the nuclei during this deformation is for now unclear, as vimentin intermediate filaments are not known to form a contractile system, as does acto-myosin. Thus, at this stage, it would appear that this nucleus deformation is the result of the transmission of force generated during the re-arrangement of the vimentin knots. In the later steps of spreading, the vimentin filaments are reorganized into a flat and more homogeneous network. The implications of such strong deformation of the nuclei also remain unclear. It is known that gene expression can be affected by external forces exerted on the nucleus (Miroshnikova et al., 2017). As such, the strong deformation that we have observed here might have also an impact on gene regulation during cell adhesion and spreading.
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Mechanoreciprocity refers to a cell’s ability to maintain tensional homeostasis in response to various types of forces. Physical forces are continually being exerted upon cells of various tissue types, even those considered static, such as the brain. Through mechanoreceptors, cells sense and subsequently respond to these stimuli. These forces and their respective cellular responses are prevalent in regulating everything from embryogenic tissue-specific differentiation, programmed cell death, and disease progression, the last of which being the subject of extensive attention. Abnormal mechanical remodeling of cells can provide clues as to the pathological status of tissues. This becomes particularly important in cancer cells, where cellular stiffness has been recently accepted as a novel biomarker for cancer metastasis. Several studies have also elucidated the importance of cell stiffness in cancer metastasis, with data highlighting that a reversal of tumor stiffness has the capacity to revert the metastatic properties of cancer. In this review, we summarize our current understanding of extracellular matrix (ECM) homeostasis, which plays a prominent role in tissue mechanics. We also describe pathological disruption of the ECM, and the subsequent implications toward cancer and cancer metastasis. In addition, we highlight the most novel approaches toward understanding the mechanisms which generate pathogenic cell stiffness and provide potential new strategies which have the capacity to advance our understanding of one of human-kinds’ most clinically significant medical pathologies. These new strategies include video-based techniques for structural dynamics, which have shown great potential for identifying full-field, high-resolution modal properties, in this case, as a novel application.
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INTRODUCTION

Cancer is defined as a set of diseases in which cells bypass the mechanisms that normally limit their growth and replication capacity (Hanahan and Weinberg, 2000; Brower, 2007). This uncontrolled growth is characterized by overexpression of oncogenes, coupled with the loss of tumor suppressor genes (Hanahan and Weinberg, 2000). Eventually, this uncontrolled replication is followed by the invasion of nearby or distant tissue (Hanahan and Weinberg, 2000). Metastasis, or the spreading of a secondary cancer via the translocation of cancer cells to different parts of the body, is the cause of over 90% of human cancer deaths (Weigelt et al., 2005; Brower, 2007). This stark percentage highlights the importance of understanding the metastatic processes in cancer and the need to explore and elucidate more effective treatment options. These efforts are currently hindered by many factors, one of them being that a tumor’s microenvironment imparts anti-cancer drug resistance (Lin et al., 2017), making a tumor’s milieu an attractive area of study in the search for novel and unique anti-cancer strategies. Although, several environmental factors have been shown to increase the risk of cancer development (Evanthia et al., 2012; Di Ciaula et al., 2017), it is well known that the human genome plays a crucial role (Thean et al., 2017; Wilson et al., 2017; Gooskens et al., 2018) suggesting that future studies most employ a holistic approach in both the undertaking and subsequent interpretation.



MICROENVIRONMENTS AND MECHANICAL CELL SIGNALING

Over the last 30 years, studies have emerged which highlight the effect of mechanical signals on cell behavior (Dupont et al., 2011; Wei et al., 2015; Lachowski et al., 2017). These signals, which emerge from the cells’ microenvironment are influenced by a wide variety of physical forces, including blood flow, gravity, muscle contractions and tissue rigidity (Butcher et al., 2009; Discher et al., 2009; Jaalouk and Lammerding, 2009; Panciera et al., 2017). The prevalence of physical forces, and its implications are observed in a range of fields spanning embryology, physiology as well as pathology. For example, mechanical force has been implicated in directing embryonic development (Farge, 2003; Ruiyi et al., 2006; Page-McCaw et al., 2007; Krieg et al., 2008). Studies show that force is necessary for proper tissue organization. Mesenchymal stem cells differentiate to lineages based on the specific composition of its surrounding matrix (Engler et al., 2006).



EXTRACELLULAR MATRIX COMPOSITION AND CANCER PROGRESSION

It is clear that the ECM balances forces that maintain tissue homeostasis. The ECM is a dynamic, 3-dimensional, non-cellular structure that is constantly undergoing remodeling in response to mechanical and genetic cues (Bateman et al., 2009; Figure 1). ECM is composed of over 300 different proteins, all in compositional homeostasis, regulating respective structure and function, the precise configuration of which varies with tissue type (Hynes and Naba, 2012). The ECM comprises both the interstitium, as well as the basement membrane, and in this capacity is poised to be in constant interactions with epithelial cells. These interactions enable signal transduction processes which potentially regulate cell health/survival, apoptosis, migration and cell division among many others functions (Hynes, 2009; Hynes and Naba, 2012; Mushtaq et al., 2018; van Helvert et al., 2018). The main structural component of the ECM are collagens- which provide tensile strength and limit distensibility (Hynes and Naba, 2012). Other components include varying types of proteoglycans and glycoproteins, which include elastin (Hynes and Naba, 2012). Additional noteworthy components of the ECM are lysyl oxidase and hydroxylase (LOX and LOXL) (Kirschmann et al., 2002; Payne et al., 2007; Nilsson et al., 2016; Esposito et al., 2018). These secreted copper-dependent amine oxidases function to cross-link collagen and elastin, enabling them to play key roles in tumor progression and metastasis (Nilsson et al., 2016; Esposito et al., 2018). Indeed, many studies have outlined the effects and mechanism of action of LOX/LOXL in a myriad of oncogenic settings (Palamakumbura et al., 2009; Barker et al., 2012; Cox et al., 2016).
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FIGURE 1. Schematic representation and general overview of extracellular matrix (ECM) matrix and its relationship with transcriptional activation, or repression. Integrins, consisting of, and labeled as alpha and beta subunits, are transmembrane heterodimeric glycoprotein receptors are comprised of an extracellular domain, a transmembrane domain, and a cytoplasmic tail. This schematic represents how the integrin cytoplasmic domains directly associates with various cytoskeletal proteins (1) and intracellular signaling molecules (2), which are crucial for modulating fundamental cell processes and functions including cell adhesion, proliferation, migration, and survival (3).



The importance of maintenance of ECM biophysical properties can be extrapolated from studies showing that inappropriate alterations are associated with fibrotic conditions and metastatic cancer. Indeed, it is well recognized that the ECM of a tumor is largely distinct from its counterpart in healthy cells (Aszódi et al., 2006; Cox and Erler, 2011; Sotgia et al., 2012; Leight et al., 2017). Studies which outline how post-translational cross-linking of the ECM in premalignant breast cancer is a necessary step for transformation into a malignant cancer suggest that the ECM’s biochemical composition is of paramount importance in cancer progression in this response (Paszek et al., 2005; Levental et al., 2009). This highly impactful data underscores the significance of ECM homeostasis and highlights the necessity to better understand the mechanism(s) that drive ECM remodeling in the context of oncology.



FROM MECHANICAL TO MOLECULAR

The topology and rigidity of the extracellular matrix (ECM) is used as a counterbalancing external force against internal pulling forces (Vogel and Sheetz, 2006). Cell structure appears to be regulated by cycles of mechano-sensing, mechano-transduction and mechano-response; where a local sensing of spatial geometry is translated into biochemical cues which can eventually control cell growth, differentiation, shape changes and cell death as previously mentioned (Vogel and Sheetz, 2006). It is through this mechanism that macroscopic cues reach the microscopic scale, regulating cell fate through the modulation of gene expression.

Thus, it is now well established that mechanical cues comprise an integral part of both normal and abnormal physiology, or pathology (Jaalouk and Lammerding, 2009). However, the mechanism(s) by which such cues are translated into molecular signals which subsequently drive increases in gene expression are unclear. Given that cells can perceive their position and shape by interpreting such mechanical cues, it is not surprising that any missteps in the translation of such signals can also lead to abnormalities such as cancer. Understanding the molecular mechanisms involved in this process can thus provide strategies for the identification and treatment of cancer. The focus of this manuscript will be on mechano-transducing transcriptional co-activators, changes in whose expression can potentially mediate the development of cancer.



MECHANO-TRANSDUCING TRANSCRIPTIONAL CO-ACTIVATORS IN CANCER

Yes-associated protein (YAP) and transcriptional co-activator with PDZ binding motif (TAZ), are oncogenic transcriptional co-regulators which are part of the Hippo pathway, and have recently been identified as mechano-transducing transcriptional co-activators (Panciera et al., 2017). YAP/TAZ have been tightly linked to actin cytoskeleton architecture, promoting cancer drug resistance through actin remodeling; by interacting with transcriptional enhancer factor TEF-1, also known as TEA domain family member (TEAD). These transcription factors are able to translate mechanical cues such as ECM rigidity into genomic transcriptional changes which can then promote processes such as stem cell behavior and regeneration (Kim et al., 2016; Panciera et al., 2017). This translational regulation is mediated via Rho GTPase activity, making YAP/TAZ necessary for the ECM stiffness-mediated mesenchymal stem cell differentiation described earlier (Deng et al., 2006; Dupont et al., 2011). Mechanical stimuli and tension create force-dependent mechanical restriction, which results in the inhibition of nuclear pores for molecular transport, thereby directly driving YAP nuclear translocation (Elosegui-Artola et al., 2017). YAP and TAZ are thus re-localized into the nucleus in cells that experience enhanced signaling from processes such as cytoskeletal tension, or increased stretch (Elosegui-Artola et al., 2017), resulting in YAP-dependent and TAZ-dependent biological effects, including cell proliferation (Aragona et al., 2013). In addition, results suggest that the restriction of transport/translocation is further regulated via the addition of mechanical stability, a property which the transported protein exhibits (Elosegui-Artola et al., 2017). This determines both the active and passive nuclear transport of YAP, as well as other proteins (Elosegui-Artola et al., 2017). YAP and TAZ are thus necessary for uncontrolled cell proliferation, overcoming contact inhibition, and consequently, are very important in cancer development and metastasis (Kanellos et al., 2015; Zanconato et al., 2016). The microenvironment of tumors is known to impart specific mechanical inputs, which are a consequence of aberrant tissue organization, metalloproteinase-mediated ECM remodeling and ECM stiffening (Tang et al., 2013), which in turn induce YAP and TAZ overactivity in cancer cells. ECM remodeling and stiffening are interesting candidates of study in the understanding of YAP- and TAZ-mediated conversion of benign neoplastic cells into cancer stem cells. Intrinsically, cells appear to be tumor-suppressive, and while remaining in relatively unagitated mechanical conditions, experience low mechanical forces, which leads to low levels of YAP/TAZ. However, in disturbed tissue architecture ECM stiffening induces YAP/TAZ activation/nuclear translocation (Finch-Edmondson and Sudol, 2016; Wang et al., 2016). Recent published studies have validated that active nuclear import indeed controls YAP localization by using AFM as a means for force application on nuclei, results of which suggest that increased active nuclear import is the mediator of YAP nuclear translocation when force is applied both directly as well as indirectly (Elosegui-Artola et al., 2017).

The mechanism linking tissue rigidity and YAP/TAZ-mediated uncontrolled proliferation in tumor cells is not well understood, and offers possible new research targets against epithelial mesenchymal transition (EMT). For example, it is still not clear whether the development of cancer results in mechanical stimuli which induces YAP activity or whether Yap induction contributes to the reorganization, however it is likely that both scenarios are possible, one being driven by genetic predispositions for example, while the other, likely environmental. EMT is a cellular process by which immotile epithelial cells are converted into motile mesenchymal cells via the degradation of the underlying basement membrane. In normal cells, epithelial cells tightly adhere to the basement membrane, which is thus responsible for holding the cells in place (Yang and Weinberg, 2008). The transformation of epithelial cells to motile mesenchymal cells is characterized by the attainment of migratory capacity, invasiveness, resistance to apoptosis and increased ECM production leading to cell rigidity (Kalluri and Weinberg, 2009).

A critical element of EMT is an actin-dependent protrusion of cell pseudopodia; resulting in the destabilization of the actin cytoskeleton, which is a key component of EMT-driven cancer metastasis (Shankar et al., 2010). Known mesenchymal cell markers included FTS binding protein FAP, FSP-1, N-cadherin, vimentin, fibronectin, and β- catenin, among others (Kalluri and Weinberg, 2009; Fernandez-Garcia et al., 2014). Given that YAP is a regulator of these markers, it is not surprising that EMT is promoted by YAP overexpression (Yuan et al., 2016). Recent studies have affirmed that cytoskeleton stability plays an important role in cancer metastasis, given its association with EMT (Sun et al., 2015). Understanding the physical interplay of this intracellular filament network, and its real-time contribution to cancer metastasis is an intriguing therapeutic target against cancer, and the focus of our research. Studies to date have focused on actin cytoskeleton reorganization using live cell imaging and GFP-coronin, as an F-actin reporter (Mun and Jeon, 2012). In a study investigating the relationship of matrix stiffness in EMT, it was found that in genetically engineered pancreatic cancers, fibrotic rigidities promote elements of EMT (Rice et al., 2017). Pancreatic cancer is one of the stiffest of all human solid carcinomas (Rice et al., 2017). Pancreatic ductal adenocarcinoma (PDAC) is an aggressive malignancy characterized by the presence of extensive desmoplasia and myofibroblast-like, high matrix secreting phenotype (Lachowski et al., 2017). Stiffness is also an associated finding in other cancers. For instance, in breast cancer ECM stiffness induces EMT through mechano-transduction, leading to nuclear translocation of YAP and TAZ (Dupont et al., 2011; Wei et al., 2015). In HER2-amplified breast cancer cells, fibronectin, type IV collagen, and matrix rigidity all contribute to drug resistance as tumor microenvironments modulate and dampen the efficacy of targeted anti-cancer therapies (Allen and Louise Jones, 2011; Lin et al., 2017).



BRIDGING THE GAP – NEW METHODS TOWARD UNDERSTANDING THE CELLULAR BIOPHYSICS IN CANCER

There is a need for more sensitive techniques in order to address the gaps in this field; current research aims are to develop and use sensitive image analyses techniques for quantitatively characterizing structural dynamics at the cellular level- specifically, in cells undergoing cancer metastasis. There still exists significant gaps in quantitatively analyzing the data from current techniques, and in using them to verify and validate finite element models describing the mechanics of cells. This is primarily because of the lack of comprehensive techniques to measure the full-field structural stiffness of cells. With its resolution in the order of fractions of a nanometer, atomic force microscopy (AFM) is one of many methods currently being evaluated in order to obtain high-resolution imaging of cell surface topography as it offers the convenience of being able to measure forces and elasticity in fixed and living cells (Naitoh et al., 2010; Garcia and Proksch, 2013). Applications thus far have included the study of cellular events including locomotion, differentiation and aging, physiological activation and electromotility, as well as cell pathology (Lekka et al., 1999; Nagayama et al., 2001; Müller and Dufrêne, 2011). Bimodal force microscopy uses AFM with several eigenmode excitations frequencies which can be detected, allowing the different resonances to act as channels, which can then be used to isolate material properties such as Young’s modulus of elasticity (a measure of stiffness) (Rodrìguez and Garcìa, 2004; Proksch, 2006). The detection of the cantilever interaction with the sample is monitored and translated into a three-dimensional image (Mozafari et al., 2005), which can reveal heterogeneities of mechanical properties of both the surface and subsurface of cells (Kuznetsova et al., 2007). The methods so far discussed have allowed us to gain preliminary insight into the contribution of mechanical signals and changes in the development and propagation of cancer. However, even with AFM, there are limitations such as the addition of unwanted background flow modes from piezoelectric shakers (Guan et al., 2017). Additionally, AFM sensitivity significantly decreases when probing properties in a liquid medium, given that frequency modulation and dual-frequency imaging are designed for operation in air (Minary-Jolandan et al., 2012). Recently, this limitation has been averted with a unique technique which images cells using AFM with a long-needle probe using only the tip of the probe as the point of interaction with a liquid medium, and spares the cantilever’s high-quality resonant modes by maintaining its air-functioning quality and providing non-contact viscoelastic imaging of living cells (Guan et al., 2017). AFM interrogation of YAP/TAZ has shown that force application to the nucleus is enough to enable YAP translocation independent of rigidity, focal adhesions, the actin cytoskeleton, and also cell-cell adhesion using a constant force of 1.5 nN to the cell nucleus, using cantilevers with 20-μm spherical tips (Elosegui-Artola et al., 2017). In addition, force application to the nucleus increased the nuclear/cytosolic YAP ratio, and then proceeded to return to baseline levels when the force was withdrawn, suggesting that force disrupts YAP distribution and that the observed equilibrium lasts only while force is being applied (Elosegui-Artola et al., 2017). Additionally, it should be noted that these studies have found that there were no measurable differences in YAP ratios when the probe was used to press outside the nucleus, suggesting that the forces produced by exposure to a stiff environment are exerted through focal adhesions and are thereby able to reach the nucleus (Elosegui-Artola et al., 2017). Lastly, because a force- induced breakage of the nucleocytoplasmic barrier cannot be responsible for such an immediate nuclear export, it rules out the possibility that these translocation are simply due to high nuclear deformations (Elosegui-Artola et al., 2017).

Another interesting non-contact/non-intrusive imaging method currently used for diagnostic purposes is interferometric phase microscopy (IPM), which provides several advantages over AFM (Bishitz et al., 2014). The appeal of IPM is that it captures the entire amplitude and phase data from the optical illumination of the sample, generating an optical thickness fluctuation map, which indicates rigidity strength for every cell in the field of view (Bishitz et al., 2014), with the added benefit of cell to cell comparison. However, even as we circumvent existing limitations and find novel techniques that increase imaging sensitivity, it is imperative to note that we are only beginning to understand the relationship between biophysical properties of cells, and their potential to regulate tumorigenesis and motility (Paszek and Weaver, 2004). There is a need for novel and unique imaging techniques develop that provide verification and validation of finite element models of cellular structure.
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Mechanical forces play important roles in shaping mammalian development. In the embryo, cells experience force both during the formation of the mammalian body plan and in the ensuing phase of organogenesis. Physical forces – including fluid flow, compression, radial pressure, contraction, and osmotic pressure – continue to play central roles as organs mature, function, and ultimately dysfunction. Multiple mechanisms exist to receive, transduce, and transmit mechanical forces in mammalian epithelial tissues and to integrate these cues, which can both fluctuate and coincide, with local and systemic chemical signals. Drawing near a decade since the discovery of the bona fide mechanically activated ion channel, PIEZO1, we discuss in this mini-review established and emerging roles for this protein in the form and function of mammalian epithelia.

Keywords: mechanotransduction, PIEZO1, calcium channel, calcium signaling, epithelial biology


INTRODUCTION

The transformation of a fertilized egg into a multicellular organism in the reproductive tract of female mammals is a complex and multifactorial process that is completed over a period of less than 3 weeks in mice. Visualization of this process (from gastrulation to early organogenesis) in toto at single cell resolution has recently been achieved using adaptive light-sheet microscopy (McDole et al., 2018), producing a dynamic map of embryogenesis and the cellular rearrangements that occur as mammalian organs form and take shape. These data reinforce pioneering studies in vertebrate models describing force production and propagation during gastrulation and organogenesis (Lewis, 1947; Beloussov, 1980; Keller et al., 2003; Krieg et al., 2008) and provide compelling visual evidence that mechanisms-of-multicellularity and mechanosensing in mammals are inextricably linked (Nelson et al., 2005; Orr et al., 2006; Miller and Davidson, 2013). The shaping of epithelial tissues is no exception (Behrndt et al., 2012; Guo et al., 2012).

Development of the mammary gland, the namesake epithelial organ of mammals, commences at around E10 in mice with the formation of the mammary lines, which resolve into five pairs of placodes by E11.5 (Cowin and Wysolmerski, 2010). Expansion of the placodes cause these structures to physically bulge above the plane of the surrounding epidermis and ultimately to invaginate into the underlying mesenchyme, creating a series of light bulb-shaped (ball and stick) mammary buds (Figure 1A; Watson and Khaled, 2008; Cowin and Wysolmerski, 2010). This early reorganization of mammary stem cells and their progeny also corresponds with the elongation, condensation, and radial rearrangement of surrounding cells to create the primary mesenchyme (Cowin and Wysolmerski, 2010).
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FIGURE 1. Examples of events that occur in mouse epithelial tissues during development that are associated with extensive cellular rearrangements and morphological changes. 3D confocal imaging of (A) female and (B) male mouse mammary buds at embryonic day E14.5 immunostained with epithelial cell markers keratin K8 (magenta) and K5 (gray). (C) Mammary gland wholemount (methyl green) shows pubertal epithelial branching in the female mouse at postnatal day (PND) 42. Boxed region shows terminal end buds, enlarged in the adjacent sub-panel. (D) 3D confocal imaging of mouse lacrimal gland branching at PND1. Cells are stained with DAPI (gray). Arrow indicates the intra-orbital lobe (io). Boxed region shows the exorbital lobe (xo) and is enlarged in the adjacent sub-panel.


Of particular interest in the context of mechanobiology, the mesenchyme surrounding the epithelial stalk of male mice condenses to such a degree that it physically amputates the mammary bud from the overlying epidermis (Figure 1B; Dunbar et al., 1999; Heuberger et al., 2006), a process that presumably generates considerable compressive forces on epithelial cells. The intact female bud, however, later sprouts to invade the embryonic fat pad, with subsequent rounds of branching morphogenesis occurring both prenatally in the late embryo and postnatally at puberty (Figure 1C; Watson and Khaled, 2008). Similar branching morphogenesis is observed in other epithelial tissues including lacrimal gland (Figure 1D), salivary gland, kidney, lung, pancreas, and prostate (Iber and Menshykau, 2013). Epithelial branching morphogenesis can involve lateral branching, planar bifurcation, orthogonal bifurcation, and (in some tissues) trifurcation of proliferating epithelial structures, which may be regulated by both local signaling gradients and physical constraints (Iber and Menshykau, 2013). The relative contribution of chemical and mechanical signaling, the interplay and integration of these environmental cues and the potential for pathway compensation, however, remains an area of active investigation. The continued development of genetically engineered mice with targeted disruptions to specific ligand-activated receptors and mechanosensing machinery will complement computational modeling of in vivo epithelial branching (Iber and Menshykau, 2013; Hannezo et al., 2017; Menshykau et al., 2019) and continue to shed new light on this important aspect of mammalian morphogenesis.

Once epithelial tissues are formed, they continue to experience mechanical load (Latorre et al., 2018). For example, mechanical forces prevent collapse of the lungs, which are considered a stress-supported structure (Waters et al., 2012). Moreover, epithelial cells in the lung undergo cyclical distension during the process of respiration, which can greatly vary in frequency and amplitude to precisely match physiological demands (Orr et al., 2006). Studies investigating the micromechanics of alveolar distension using real-time optical sectioning microscopy in rats have revealed that increasing the alveolar pressure from 5 cm H2O to 20 cm H2O (hyperinflation) increases alveolar diameter on average by 15% (Perlman and Bhattacharya, 2007). Expansion, however, is not uniform and alveolar type 1 cells experience greater load compared to type 2 cells (Perlman and Bhattacharya, 2007). This heterogeneity in the division of strain between neighboring cells is not uncommon in epithelial systems (Latorre et al., 2018). Like the lung, epithelial cells lining the urinary system (Nauli et al., 2003; Araki et al., 2008) as well as epithelial cells of functionally mature mammary gland (Stewart et al., 2019) and pancreas (Mamidi et al., 2018) experience a range of applied and intrinsic forces during normal function – including fluid flow, distension, compression, and contraction – which can both fluctuate and coincide. The magnitude, duration, and pulsatility of each of these forces is also likely to vary within and between tissues. Frictional forces exerted by flowing milk on luminal epithelial cells that line mammary ducts and alveoli, for example, conceivably change with milk composition and volume throughout the stages of lactation (Neville et al., 1991) and, owing to viscosity, are likely to generate distinct mechanical responses when compared to frictional forces exerted on cells lining other fluid transporting structures (Orr et al., 2006; Baeyens and Schwartz, 2016).

Multiple mechanisms exist to sense, transduce, and transmit force in epithelial cells and tissues, including mechanosensitive ion channels (e.g., transient receptor potential channels, the epithelial sodium channel, and PIEZO channels), focal adhesions and cadherin based cell-cell adhesions (Martinac, 2014; Gomez et al., 2011). It is important to note that these modes of force detection are not mutually exclusive and have been demonstrated to interact (McHugh et al., 2010; Nourse and Pathak, 2017). For example, in endothelial cells, shear force activates calcium entry though PIEZO1 channels, which promotes the proteolytic cleavage of cytoskeletal and focal adhesion proteins (Li et al., 2014).

Due to space constraints, we will limit our discussion in this mini-review to established and emerging roles of the recently identified, mechanically activated ion channel PIEZO1 in the development and physiology of mammalian epithelia. Roles for PIEZO1 in endothelial cells have recently been reviewed (Beech, 2018; Hyman et al., 2017) and will not be discussed further here.



THE MECHANOSENSITIVE ION CHANNEL PIEZO1

PIEZO1 represents one half of the recently identified PIEZO family of mechanically activated ion channels (Coste et al., 2010). Since their discovery, important roles for both PIEZO1 and PIEZO2 have been described in mammals, with major insights gained from the development of conditional gene deletion models (Li et al., 2014; Ranade et al., 2014; Nonomura et al., 2018; Romac et al., 2018; Segel et al., 2019; Solis et al., 2019) and descriptions of hereditary mutations in humans (Zarychanski et al., 2012; Alper, 2017). These include the perception of touch (Murthy et al., 2018; Zhang et al., 2019), red blood cell volume regulation (Zarychanski et al., 2012; Cahalan et al., 2015) and vascular development (Li et al., 2014; Ranade et al., 2014). While both PIEZO1 and PIEZO2 are able to convert physical force into biochemical information, PIEZO2 is largely expressed in cells of neuronal origin, has recently been reviewed in this context (Anderson et al., 2017) and will thus not be discussed further here.

PIEZO1 was discovered in 2010 (Coste et al., 2010). Details of the structure and gating of this channel have only recently started to emerge and have largely been based on studies of mouse PIEZO1 (Ge et al., 2015; Saotome et al., 2018; Wang et al., 2018; Zhao et al., 2018; Lin et al., 2019). While investigations into the specific mechanisms of PIEZO1 gating are ongoing, studies using heterologous expression systems and reconstituted lipid bilayers have confirmed mechanical force as a direct regulator of channel opening (Syeda et al., 2016). A chemical activator of PIEZO1 has also been developed (Syeda et al., 2015), suggesting a complexity in channel gating that is yet to be fully understood. Upon its initial discovery, elevated Piezo1 transcripts were identified in various mouse epithelial tissues, including bladder, colon, kidney, lung, and skin (Coste et al., 2010). Since then, a number of studies have investigated the physiological roles of PIEZO1 in specific epithelial tissues known to be the subject of mechanical forces (Peyronnet et al., 2013; Miyamoto et al., 2014; Martins et al., 2016; Michishita et al., 2016; Ihara et al., 2018; Romac et al., 2018; Stewart et al., 2019).

Roles for PIEZO1 channels in the morphogenesis and maintenance of epithelial tissues can also be inferred from studies linking this channel to life and death symmetry in healthy epithelia, including human colon epithelia (Eisenhoffer et al., 2012; Gudipaty et al., 2017). These studies have shown that overcrowding-strain in Madin-Darby canine kidney (MDCK) epithelial cell cultures resulted in live cell extrusions, which were blocked by inhibitors of Rho kinase and sphingosine-1 phosphate signaling as well as the non-selective ion channel blocker gadolinium (Gd3+) (Eisenhoffer et al., 2012). Genetic knockdown of Piezo1 also inhibited homeostatic cell extrusions in the epidermis of developing zebrafish, producing localized epidermal cell masses (Eisenhoffer et al., 2012). This work set the scene for subsequent studies investigating cell extrusion and stretch in the development and homeostasis of other epithelial tissues in vivo, including the mammary gland (discussed in further detail below). This same group subsequently demonstrated that epithelial cell stretch at areas of low cell density was also detected and translated by PIEZO1, leading to cell division (Gudipaty et al., 2017). Comprehensive assessment of roles for PIEZO1 in controlled cell death and division in the developing mammalian embryo, however, have been hindered by embryonic lethality in Piezo1-null mice by E14.5, an effect that has largely been attributed to impaired vascular development (Li et al., 2014; Ranade et al., 2014). Analysis of epithelial development and branching morphogenesis using conditional Piezo1 knockout mice will yield important new insights into the role of this channel in the formation of mammalian epithelial tissues.

The following sections of this review will specifically describe physiological roles for PIEZO1 mechanically activated ion channels in three epithelial organ-systems in mammals: the mammary gland, pancreas, and urinary system.



MAMMARY GLAND

As discussed, mammary epithelial cells experience mechanical forces in the embryo and during pubertal ductal morphogenesis. However, epithelial cells in the mammary gland also experience applied and cell-generated forces during lactation – when the mammary gland produces and expels milk to fulfill its sole biological role – and in the phase of post-lactational regression (involution) (Watson and Khaled, 2008; VanHouten et al., 2010; Davis et al., 2015). Shed cells have long been observed in the early phase of mammary gland involution (Watson, 2006). During this period, lactation can be resumed upon re-initiation of infant suckling (Watson and Kreuzaler, 2011). This is an important feature of mammalian biology, as it allows female mammals to continue nursing their offspring after modest periods of absence (e.g., during hunting or foraging). During this time, mammary epithelial cells experience substantial pressure due to milk accumulation in the alveolar lumen (Stewart et al., 2019). The apical extrusion of cells from the alveolar epithelium may help to preserve epithelial barrier integrity during this period of protracted tissue strain (Eisenhoffer et al., 2012). If it is live cells that are extruded from the epithelium during mammary gland involution to subsequently die via anoikis in the alveolar lumen as previously reported (Watson, 2006), this process may be mediated wholly or in-part by PIEZO1 (Eisenhoffer et al., 2012). To investigate this hypothesis, we recently generated mice with conditional deletion of Piezo1 in luminal (secretory) mammary epithelial cells (Stewart et al., 2019, pre-print). The number of cleaved caspase 3 (CC3)-positive shed cells during the early phase of involution was not affected in mice with luminal cell Piezo1 deletion (Stewart et al., 2019). In contrast to previous reports, however, CC3-positive cells were observed in both the alveolar lumen and the alveolar wall in this study, suggesting that, unlike live cell extrusions in other epithelial systems, cell death may precede cell extrusion in the involuting mouse mammary gland (Stewart et al., 2019), making a role for PIEZO1 unlikely.

Milk is ejected upon infant suckling, a response that most likely involves mechanical activation of sensory neurons at the nipple. This results in the release of centrally produced oxytocin into the circulation (Gimpl and Fahrenholz, 2001). Studies performing multi-scale activity imaging on live mammary tissue during lactation have revealed in unprecedented detail oxytocin-mediated, calcium-dependent contractions of alveolar myoepithelial cells (Stevenson et al., 2019, pre-print). These contractions cause alveolar units to eject their supply of milk and ductal myoepithelial contractions help to propel milk toward the nipple (Stevenson et al., 2019). These actomyosin-based contractions cause considerable warping of the ductal and alveolar structures, which may activate mechanosensing proteins. Piezo1 deletion in luminal epithelial cells, however, has no effect on milk ejection or postnatal pup development (Stewart et al., 2019). These results, again, suggest that PIEZO1 channels either do not have a major role in the physiology of the functionally mature mammary gland or that their role can be compensated for by another pathway. It is interesting to note, however, that whilst suckling of one nipple generates a systemic oxytocin response, milk ejection is principally limited to the physically stimulated nipple. How a localized mechanical stimulus produces systemic release of a ligand to ultimately result in a highly localized response remains an unanswered question in mammalian biology. In any case, milk production, secretion, and coordinated ejection does not appear to depend on luminal cell expression of the mechanically activated ion channel Piezo1 (Stewart et al., 2019).



PANCREAS

Pancreatic development commences at E9.5 in the mouse, with obvious branching morphogenesis of epithelial buds observed at around E12.5 (Villasenor et al., 2010). As mentioned above, embryonic organogenesis is a dynamic process involving significant cellular rearrangements and cell-cell and cell-extracellular matrix (ECM) interactions (Orr et al., 2006). Using a Pdx1-Cre;Itgb1fl/fl knockout mouse model, initiation of branching morphogenesis was shown to rely on β1 integrin-mediated interactions between pancreatic progenitors and localized regions of the ECM (Shih et al., 2016). Further supporting a role for mechanosignaling in pancreas development, are recent findings from Mamidi et al. (2018), who, using embryonic stem cells, identified a distinct role for ECM-integrin α5 interactions in driving ductal lineage specification of bipotent pancreatic progenitors. In addition to cell fate determination, integrin signaling regulates a range of cellular processes important in development, including remodeling of the cytoskeleton, cell adhesion, and migration (reviewed in Bökel and Brown, 2002). Early studies identified a role for Piezo1 (known as Fam38A at the time) in regulating β1 integrin activation and cell adhesion in HeLa cells (McHugh et al., 2010). Since then, the majority of studies of PIEZO1 function have been assessed in the context of externally generated forces; however, recent findings by Pathak and colleagues, using super resolution imaging techniques, identified highly localized PIEZO1-dependent calcium flickers in response to cell generated traction forces (Ellefsen et al., 2019). It would be informative to investigate the impact of targeted Piezo1 deletion under native conditions and to assess its role in epithelial cell-ECM signaling events in early embryonic development [for a comprehensive review of the relationship between PIEZO1, internally generated forces and the cytoskeleton, see (Nourse and Pathak, 2017)].

The mature exocrine pancreas consists of two main epithelial cell types: pancreatic ductal epithelial cells and acinar cells, with acinar cells representing the predominant cell type (>90%) (Romac et al., 2018; Gál et al., 2019). Unique to the pancreas, is its exquisite sensitivity to touch (Romac et al., 2018). Recently, Piezo1 expression was confirmed in pancreatic acinar cells, where it has been proposed to mediate touch and pressure sensitivity (Romac et al., 2018). In vivo studies performed by Romac et al. (2018) showed that mouse pancreas exposed to the PIEZO1 agonist, Yoda1, exhibited signs of cellular injury similar to that caused by high intraductal pressure. Furthermore, damage caused by high intraductal pressure is reduced in the presence of GsMTx4 as well as by targeted deletion of Piezo1 in acinar cells (Romac et al., 2018). While levels of Piezo1 mRNA specifically in pancreatic ductal epithelial cells have not been reported, perfusion of mouse pancreas tissue slices with the bile acid, chenodeoxycholic acid, is associated with transient calcium increases in these cells (Gál et al., 2019). Given its role in the transport of pancreatic secretions and this tissue’s sensitivity to physical obstruction and compression (Hegyi and Petersen, 2013; Romac et al., 2018), it would be valuable to know whether PIEZO1 is also active in epithelial cells lining the pancreatic duct.

To date, few studies have assessed the role of PIEZO1 in the pancreas. As mentioned above, the cell-intrinsic forces encountered during its development, combined with its unique pressure sensitivity, makes the pancreas an interesting candidate for future investigations into how the magnitude and nature of mechanical stimulation can influence its normal growth and functioning.



URINARY SYSTEM

Unlike the mammary gland and pancreas, epithelial cells of the urinary system have been the focus of a number of studies investigating physiological roles of PIEZO1 (Peyronnet et al., 2013; Miyamoto et al., 2014; Martins et al., 2016; Michishita et al., 2016; Ihara et al., 2018). Fluid flow, distension, and contraction are just some examples of the dynamic forces faced by epithelial cells lining the urinary system, which includes the urinary bladder, ureters, and renal pelvis (Andersson and Arner, 2004). Of the epithelial tissues assessed by Coste et al. (2010) mouse Piezo1 transcript levels were shown to be highly expressed in the bladder, supporting a potential role in mechanosensory processes in tissues of the urinary system. Indeed, an early study assessing PIEZO1 function in cultured proximal convoluted tubule (PCT) cells identified a reduction in endogenous stretch activated channel activity upon siRNA-mediated Piezo1 knockdown (Peyronnet et al., 2013). Further, this group showed that stretch activated channel activity is reduced upon co-expression of the calcium permeable ion channel, Polycystin-2 (PC2), and Piezo1, suggesting a regulatory role of PC2 (Peyronnet et al., 2013). The physiological relevance of this interaction remains unknown; however, it would be interesting to evaluate the expression and activity of PIEZO1 in disease states in which PC2 is mutated, such as autosomal dominant polycystic kidney disease (Mochizuki et al., 1996).

The urothelium, a highly specialized epithelium lining the urinary bladder, ureters, and renal pelvis, plays an important role in sensing and responding to forces generated within the bladder (Mochizuki et al., 2009; Birder, 2011; Negoro et al., 2014). Similar to studies in PCT cells, knockdown of Piezo1 in primary cultured mouse bladder urothelial cells resulted in a reduced response to mechanical stimuli (Miyamoto et al., 2014). This group also showed a reduction in urothelial cell stretch-mediated adenosine triphosphate (ATP) release as a consequence of either Piezo1 knockdown or GsMTx4 treatment, illustrating a potential role for PIEZO1 channels in the translation of mechanical force into downstream signaling events in bladder cells. Yet another function of PIEZO1 in epithelia of the urinary tract was recently identified, this time in collecting duct epithelial cells of the kidney (Martins et al., 2016). Using a conditional Piezo1 knockout model targeted to epithelial cells of the collecting ducts and renal tubules in adult mice, Martins et al. (2016) demonstrated a role for PIEZO1 in the regulation of urine osmolarity post-dehydration or fasting, via an as yet unknown mechanism.

As discussed briefly in the studies presented above, there is mounting evidence for a role for PIEZO1 in the normal functioning of various epithelial cell types of the urinary tract. Currently, the majority of studies assessing PIEZO1 have largely relied on the use of in vitro primary and immortalized cell lines. It will be interesting to see whether these phenotypes are reproduced and expounded in the future using targeted knockout animal models.



CONCLUDING REMARKS

In this review, we considered the physical forces that are exerted on epithelial cells as they evolve into complex tissues and perform their basic physiological functions. Applied and cell-generated forces are encountered in a developmental stage- and tissue-specific manner as cells proliferate, reorganize and interact with neighboring cells and their physical environment (Chen, 2008; Latorre et al., 2018). The sheer scale of force experienced (often simultaneously) by cells in multicellular systems is unlikely to be detected, decoded, and transferred by a single protein or family of proteins (Orr et al., 2006), nor do physical forces act in isolation from chemical signaling (Orr et al., 2006; Li et al., 2018; Stewart and Davis, 2019). Whilst our focus in this mini-review has been on PIEZO1, it is important to note that PIEZO1 is only one recently identified piece of a highly complex puzzle. It is also important to note that mechanical tension is not only a feature of normal development and physiology, as discussed here, it is also an integral component of disease signaling. Asthma (Gunst and Tang, 2000; Waters et al., 2012), pulmonary fibrosis (Waters et al., 2012), pancreatitis (Romac et al., 2018), and breast cancer (Li et al., 2015) are all examples of epithelial pathologies that are linked to altered mechanosensing. Lessons learned from epithelial mechanobiology will no doubt provide important new insights into epithelial “mechanopathologies.”
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and Yu et al. (2007) for the first human
iPSC (hiPSC) cultures

Uses human cells, such as fetal
fibroblasts (Richards et al., 2002), adult
fallopian tube epithelial cells (Richards
et al., 2002), foreskin fibroblasts
(Hovatta et al., 2003; Amit et al., 2004;
Yang et al., 2016), and autologous
dermal fibroblasts (Takahashi et al.,
2009), to create and maintain the stem
cell niche by providing the biochemical
growth factors and biophysical cues
required for expanding and maintaining
the pluripotency of PSC

Produced by incubating hPSC media
(DMEM/F12, Knockout Serum
Replacement, L-glutamine,
non-essential amino acids, and
B-mercaptoethanol) with MEF overnight
(Tomishima, 2014) or can be purchased
commercially

Fibroblast growth factor 2 (FGF2) is
added to the media before use

Used with a vitronectin coating for a
defined culture

Only the essential 8 factors for hPSC
propagation: DMEM/F12, human
insulin, human transferrin, selenium,
ascorbic acid, sodium hydrogen
carbonate, human recombinant FGF2,
and transforming growth factor b (or
NODAL) (Chen G. et al., 2011)
Currently the most common system
used for hPSC expansion

Typically used with a Matrigel ECM
coating

Contains bovine serum albumin

Used with vitronectin or laminin 521
coatings for completely defined,
xeno-free culture system

Advantages

Commonly used
Inexpensive
Well-documented

Commonly used
Inexpensive
Well-documented
Xeno-free

Feeder free
Well-documented

Xeno-free
Chemically defined
Feeder free

Less expensive

Feeder free
Well-documented
Easy to use

Less laborious

Robust and consistent

Xeno-free

Feeder free
Chemically defined
Well-documented
Easy to use

Less laborious

Limitations

Xenogenic

Difficult to scale up expansion into 3D
Laborious

Two cultures

Undefined components

Batch to batch variation (Amit and
Itskovitz-Eldor, 2006)

Cannot up-scale expansion into 3D
Laborious

Two cultures

Chemically undefined

Batch to batch variation (Amit and
Itskovitz-Eldor, 2006)

Chemically undefined
Xenogenic components
Batch to batch variation

Inconsistent and less robust than
mTeSR (Hey et al., 2018)

More laborious

Slow growth rates

Higher radical oxygen species (ROS)
resulting in increased genotoxic stress
(Bangalore et al., 2017)

Xenogenic components

Not completely defined

Matrigel is undefined and may vary from
batch to batch

Higher radical oxygen species (ROS)
resulting in increased genotoxic stress
(Bangalore et al., 2017)

Expensive and costly (Chen G. et al.,
2011)
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Cell type Feature type

Mouse embryonic stem
cell (ESC)

Hierarchically
structured surfaces

Hierarchically
structured surfaces
N/A

Nanotopography

Roughness

Grooves
Hexagonal
Square pillar

Size

Micro-nano (MN) (9 wm
height, 919 £ 22 nm
average surface
roughness)
Nano (68 &+ 30 nm
average surface
roughness)
Smooth (2 + 0.4 nm
average surface
roughness

16 nm
38 nm
68 nm

Root-mean square
average roughness less
than 392 nm

Ridge 5 pm

Ditch 15 pm
Depth 5pum

Ridge 5 pm

side length 15 wm
Depth 5pm

Side length 10 pm
nter-pillar gap size
10 pm

Depth 5 pm

Substrate
material and ECM
coating

2-hydroxyethyl
methacrylate-co-
ethylene
dimethacrylate
(HEMA-EDMA) (no
coating)
HEMA-EDMA
(no coating
HEMA-EDMA
(no coating

Gold nanoparticles
treated with
allylamine, acrylic
acid or octadiene
and coated with
fibronectin
Aminated gold
nanoparticle layers

Polyacrylamide
hydrogel
functionalized with
collagen |

Media used

Leukemia inhibitory
factor
(LIF)-containing
mESC media
LIF-containing
mESC media
LIF-containing
mESC media

mESC media

LIF-containing
mESC media

Mouse embryonic
fibroblast
(MEF)-conditioned
media

Characterizations performed

Colony circularity increased

in MN substrates compared to on

eeder layers after 4 passages
Western blot showed increased Oct4 and Nanog protein levels

after 4 passages

Immunofluorescent (IF) imaging)
Similar number of cells to feeder layer control

Higher percentage of OCT4 + compared to feeder layer control

igher percentage of OCT4
IF imaging)
Fewer cells than on feeder
Higher percentage of OCT4
IF imaging)
Fewer cells than on feeder
16 nm topography showed

substrates with roughness |

+ compared to feeder layer control

ayer control
+ compared to feeder layer control

ayer control
the lowest mean cell area;

significantly less spreading and proliferation From IF imaging, all
opographies maintained pluripotency gene expression (Oct4
and Nanog) after 72 h, except when treated with acrylic acid

mmunocytochemistry (ICC) for Oct4 showed positive in

ess than 392 nm

CC for phalloidin and vinculin showed that nanoroughness

supported focal adhesion formation while microroughness
decreased focal adhesion formation

MTT proliferation and viability assay showed higher proliferation
rates in substrates with roughness less than 392 nm

Alkaline phosphatase (ALP)

activity significantly higher in

substrates with roughness less than 392 nm than substrates
with roughness greater than 573 nm

Quantitative (g)-PCR showed no significant decrease in Oct4
expression in substrates with roughness less than 392 nm

Reverse transcriptase (RT)-
ectoderm markers found in
than 573 nm

IF images showed increase

PCR for endoderm, mesoderm and
substrates with roughness more

d pluripotency (Nanog and Oct4) on

hexagonal substrates compared to the smooth substrates
Similar colony area on all substrates

References

Jaggy et al., 2015

Macgregor et al.,
2017

Lyu et al., 2014

Lietal, 2014
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Nanofibres

Nanofibers

Irregular nanopatterns

BioSurface structure
assay; 504 different
microstructures of
square and round
pillars

Fiber diameter
550-750 nm

N/A

7-8 nm

Alternating square and
round pillars 1 wm
laterally and 2 pm gap
spacing

Polyethersulfone
(PES) and

collagen-grafted
PES (PES-COL)

Polyamide
(Ultra-Web) coated
with gelatin

Polydimethyl-
siloxane (PDMS)
coated with
poly-D-lysine (PDL)

Silicon coated with
100 nm tantalum
oxide layer

LIF-containing
mMESC media

LIF-containing
mESC media

LIF-containing
mMESC media

mMESC media with
and without LIF

nanofibers compared to gelatin coated plates

proliferation than on gelatin coated plates

expression than on gelatin coated plates
ALP assay showed the highest percentage of ALP

RT-PCR for Oct4 and Nanog significantly higher on PES and PES-COL

MTT proliferation assay showed PES-COL fibers had the significantly
highest proliferation though PES fibers still had significantly higher

mmunocytochemistry (ICC) for SSEA-1 and Oct4 showed the highest
expression and dome shaped morphology in cells cultured on
PES-COL fibers though cells on PES fibers still had significantly higher

in cells cultured on

PES-COL fibers after 7 passages though cells on PES fibers still had

significantly higher expression than cells cultured on gelatin coated
plates, which spontaneously differentiated after 1-2 passages

Colony sizes and proliferation rates of undifferentiat

ed mESC were

significantly larger on Ultra-Web substrates than on glass slides
Rac activity was significantly higher in mESC cultured on Ultra-Web

while Rho and Cdc42 activity was unchanged; impl

mESC cultured on Ultra-Web in the presence of ret

lies that Rac is

essential to MESC proliferation on nanofibrous substrates

inoic acid expressed

GFAP and Nestin while mESC cultured on Ultra-Web without retinoic
did not express GFAP and Nestin; therefore, mESC cultured on

Ultra-Web retain their ability to differentiate

proliferation similar to on tissue culture polystyrene
PDMS showed low cell attachment

anog and Kif4 in cells cultured on nanopatterned

both Oct4 and SSEA-1
Phosphorylation of FAK, Src, JNK| c-Fos, and ERK
cultured on nanopatterned PDMS, indicating that LI

anopatterned PDMS coated with PDL showed cell attachment and

(TCPS) while flat

CC and g-RT-PCR showed increased expression of Oct4, Sox2,

PDMS Flow

cytometry showed in cells cultured on nanopatterned PDMS expressed

decreased in cells
F and FAK

pathways modulate upregulation of self-renewal-associated proteins

and the suppression of spontaneous differentiation

mESC were differentiated into the three germ cell lineages; the cells
cultured on nanopatterned PDMS had a higher percentage of cells

di
undifferentiated state

Circular, well-defined compact colonies

erentiated, thus these cells maintained a higher quality

Cells passaged on this pattern produced 1 chimera with 100% germ

line offspring and 4 sterile males, which was similar
passaged on feeder layers
Colonies were positive for Oct3/4 and Nanog

to the cells

Hashemi
et al., 2011

Nur-E-Kamal
et al., 2005

Jeonetal.,
2012

Markert et al.,
2009
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Human embryonic
stem cell (hESC)

Human induced
pluripotent stem
cell (hiPSC)

Spheres

Multi-architectural
(MARC) chip; consists
of gratings, pillars and
holes

Binary colloidal crystals

Nanopillars

Microfiber

Nanoroughness
Smooth

400 nm

2 wm grating, 2 pm
height, 2 um spacing

2 wm grating, 120 nm
height, 1 um spacing

1 wm grating, 80 nm
height, 2 um spacing
250 nm grating,

250 nm height, 250 nm
spacing
1 um pillar, 6.5 wm
pitch, 1 wm height

2 wm holes, 12 pum
pitch, 2 wm height

2 wm silica particles
and 0.11 pm PMMA
5 wm silica particles
and 0.4 pm PMMA
120-360 nm with
400 nm spacing

1.3 pm 0.25 pm
fiber diameter

Root-mean square
average roughness
150 nm Root-mean
square average
roughness 1 nm

Silica coated with
collagen |

PDMS coated with
Matrigel

PDMS coated with
laminin

Silica and polymethy!
methacrylate (PMMA)
with vitronectin
coating

Polystyrene (PS)
coated with gelatin

Polyurethane plasma
treated with argon,
hydrogen or oxygen

Glass coated with
vitronectin

LIF-containing mESC
media

mTeSR1 medium
Unconditioned hESC
medium without
supplements

Semi-quantitative PCR showed up-regulation of pluripotency
markers and down-regulation of endoderm markers compared to
on glass and in embryoid bodies

Light interferometry showed reduced cell spreading on the silica
spheres compared to on glass

Scanning electron microscopy (SEM) formed rounder, more
spherical colonies than on cover slips

ICC for Nanog showed maintained high levels of the pluripotency
marker Nanog but low levels of Nestin

ICC for Oct4 showed decreased Oct4 expression in 2 pm and

1 wm gratings, while the 250 nm gratings, 1 wm pillars and 2 um
holes had higher levels of Oct4

Essential 8 (E8) media ICC showed that both surfaces of interest were positive for

hESC medium
supplemented with
10 mM rho kinase
(ROCK) inhibitor
(removed after

2 days)

DEF-CS culture
system (Cellectis)

Human-Cell-
Conditioned Medium
(hCCM) with
fibroblast growth
factor 2 (FGF2)

pluripotency markers Tra-1-60 and Oct4 Cells culture on the
substrates of interest without a vitronectin coating were no
maintained

SEM images showed circular colony morphology on all pattern
sizes, however, on the area with patterns 120-170 nm in size, there
were less focal adhesions formed and less spreading
ICC showed that patterns from 120 to 170 nm had the highest
population of Oct4 + and SSEA4 + cells (93%) compared to on
170-190 nm patterns (79%) and 290-360 nm patterns (82%
though all were higher than on the flat control (53%)
qPCR showed increased pluripotency marker (Oct4, Sox2, Nanog)
expression in 120-290 nm sized pillar areas compared to the flat
control; however, the 120-70 nm pillars had the significantly highest
expression

CC showed a large percentage of cells was Oct4 positive, showing
retained pluripotency

On randomly oriented fibers, all plasma treatments dramatically
improved the expansion capability, as compared to the native

ibers; increase in expansion was 7-fold for Ar fibers, 5-fold for Hap
ibers and 4-fold for O fibers

hESCs adhered better to the smooth surface; a highly branched,
ilopodia-rich morphology of single hESCs was observed on the
smooth surface compared to the more compact cells with few,
short cytoplasmic extensions on the nano-rough surface using SEM

Jietal,
2012

Ankam
etal., 2013

Wang et al.,
2018

Bae et al.,
2014

Zandén
et al.,, 2014
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