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Lignocellulosic biomass derived from energy crops and agricultural residues is a promising renewable resource for the production of transportation fuels and other bio-based materials. One issue at hand is the capture of sufficient and sustainable quantities of biomass. Accordingly, several different plant species are under investigation with a particular concentration on perennial grasses and short rotation woody crops. A second bottleneck to the commercial exploitation of plant feedstocks is the recalcitrance of the cell wall to conversion into fermentable sugars. In recent years there has been significant research effort worldwide focusing on increasing our understanding of the complex plant cell walls with the aim of facilitating molecular breeding and genetic engineering of plant biomass optimized for biofuel production. In this Research Topic we invite Mini-Reviews, Commentaries, Opinions, and Original Research articles describing current fundamental science and future perspectives on the development and utilization of renewable biomass feedstocks. We welcome high-quality contributions that fit within this framework.
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DEDICATED ENERGY CROPS AND MODELS

Lignocellulosic biomass derived from energy crops and agricultural residues is a promising renewable source for the production of transportation fuels and bio-based materials. Plants exhibiting C4 photosynthesis are amongst the most promising dedicated energy crops as they possess tremendous intrinsic efficiency in converting solar energy to biomass. Van der Weijde et al. (2013) provide an excellent overview of the potential of five C4 grasses from the Panicoideae clade (maize, Miscanthus, sorghum, sugarcane, and switchgrass) as lignocellulosic feedstock for the production of biofuels. The authors discuss yield potential, biomass quality and genetic improvement of dual-purpose food and energy cultivars and dedicated energy cultivars through plant breeding and also highlight several research needs. Perennial growth habit provides a number of environmental advantages over annuals as bioenergy crops, including the requirement of less fertilizer, reduced soil erosion, and even the potential for soil carbon sequestration. Schwartz and Amasino (2013) review the importance of the ability of perennial crops to recycle nitrogen, reducing the need for energy intensive N fertilizer, and the subsequent production of potent NOx greenhouse gases. An interesting focus is on the importance of photoperiodic flowering and dormancy in switchgrass and the relevance of these traits to N recycling and genetic variation that contributes to these dynamics. Wang et al. (2013a) review carbon partitioning in sugarcane, which has a source-sink system that creates high concentrations of easily extracted and economically valuable stem sucrose. Nonetheless, the majority of carbohydrate in sugarcane is lignocellulose. A detailed understanding of the molecular, and physiological processes underlying the partitioning of carbon assimilates will provide targets to manipulate the balance between sucrose and lignocellulosic biomass as carbon sinks. These include sugar transport and localization and the engineering of novel sugar sinks. This classic example of a possible dual-purpose crop can also be improved through breeding and genetic engineering of cell wall properties to further optimize biofuel production. Slavov et al. (2013) review the current knowledge about cell wall genetics, chemistry and structure in Miscanthus. This includes the prospects of developing detailed molecular genetic and biochemical models of pathways relevant to biomass conversion efficiency. The life history and genome complexities exhibited by the Miscanthus species in question dictate that genome wide association studies are a necessary approach toward the genetic dissection of these traits. Potential targets for biomass improvement include cell wall regulatory genes, intercellular trafficking, and microtubule organization. Opportunities exist to functionally test gene-trait associations for cell wall quality in this bioenergy crop, short-term progress toward understanding of the molecular underpinnings of cell wall quality traits in Miscanthus will be driven by research in model grasses. Setaria viridis is a rapid cycling C4 panicoid grass with several attributes that make it an excellent model for bioenergy grasses. Petti et al. (2013) describe the composition and saccharification dynamics of S. viridis aboveground biomass as similar to sorghum, maize, and switchgrass, confirming its potential as model species for panicoid translational genomics. Another grass proposed as a model for energy grasses, forage grasses and cereals is Brachypodium distachyon. Rancour et al. (2012) present chemical composition data of cell walls from distinct organs and developmental stages. Results indicate similar cell wall composition to those previously determined for a diverse set of C3 forage grasses and cereals, highlighting the usefulness of B. distachyon as a model for temperate grasses. As with S. virdis, the authors report some differences for particular wall traits.

CELL WALL QUALITY AND CONVERSION

The plant cell wall is a heterogeneous mix of polymers that interact to assemble a complex and recalcitrant matrix. Cell wall quality with respect to biomass conversion is determined by the relative abundances of the different polymers, polymer substitutions and modifications and the interactions among polymers.

It is well established that lignin quantity and monolignol composition is a major contributor to the recalcitrance of cell wall industrial processing. Reducing lignin content and modifying its composition have become major strategies for bioenergy feedstock development. Sattler and Funnell-Harris (2013) review the impact of lignin modifications on pathogen susceptibility in a range of plants species. Surprisingly, data from existing literature indicates that reducing lignin content and altering its composition will not inevitably increase susceptibility to pathogens and in some instances it has increased resistance. Wang et al. (2013b) review the processes that follow monolignol biosynthesis, including their acetylation and glycosylation in the cytoplasm, transport to the apoplast, and deglycosylation, and polymerization into lignins. The authors point out that lignification is best understood at the level of biosynthesis with the goal of reducing lignin content. Increasing our understanding of the subsequent events will reveal important control points that can be used to develop novel strategies for improving plant biomass quality. Saathoff et al. (2013) discuss the roles of class III peroxidases in lignification, and biotic, and abiotic stress response. The authors provide an analysis of switchgrass class III peroxidases and predict their mechanistic role in defense to biotic stresses such as insect herbivory. Transcription factor activity is a major mechanism controlling the expression of genes involved in lignin biosynthesis and secondary cell wall formation in general. Cassan-Wang et al. (2013) describe a strategy to identify candidate transcriptional regulators of lignin biosynthesis in Arabidopsis thaliana based on mutant transcriptome analysis and sequence homology. Genetic analysis of the resulting candidate transcription factors revealed several novel mutants exhibiting altered lignin deposition, adding to the emerging complexity of the transcriptional networks regulating secondary cell wall formation.

Most of the fermentable sugar in lignocellulosic biomass crops is glucose and xylose in the form of cellulose and xylan polymers, respectively. Cellulose biosynthesis occurs at the plasma membrane by a complex that includes a number of Cellulose Synthase A catalytic subunits that extrude para-crystalline microfibrils. Brabham and Debolt (2013) review the use of chemical genetics as a tool to examine cellulose biosynthesis with screens to identify novel compounds that target relevant pathways. These new drugs will provide powerful tools for the detection of new molecular players in cell wall biosynthesis and in elucidating cell wall dynamics. Although some of the genes involved in the biosynthesis of the hemicellulosic xylan polysaccharide have been identified in A. thaliana, many of the biochemical steps of xylan synthesis remain unknown. Psyllium mucilage is overwhelmingly heteroxylan rich, presenting an opportunity to discover genes involved in xylan production. Jensen et al. (2013) provide an in-depth analysis of RNA-Sequencing to reveal overabundant transcripts in psyllium mucilaginous tissue. Results suggest that the biosynthesis and structure of mucilage xylan is somewhat distinct from secondary cell wall xylan. The diversity of glycosyl transferases identified in the mucilage might provide targets for future research in understanding and manipulating xylan biosynthesis.

A distinct feature of grass cell walls is the abundance of ferulic acid that is ester-linked to the hemicellulose glucuronoarabinoxylan. These ester-linked ferulates can form covalent linkages between polysaccharides and lignin and impede digestibility. Molinari et al. (2013) correlate the expression of BAHD genes, previously identified as candidates for the feruloylation of glucuronoarabinoxylan, with levels of bound ferulate and para-coumaric acid in the various B. distachyon tissues and developmental stages. Their findings warrant further studies to demonstrate a functional role of these genes in feruloylation. Matrix polysaccharides such as hemicelluloses and pectins in both grasses and eudicots are O-acetylated, affecting their interactions with other polymers and negatively affecting cell wall hydrolysis. Pawar et al. (2013) review the functional aspects of O-acetylation in trees and enzymes involved in both acetylation and de-acetylation. Given the high impact of acetylation on the physico-chemical properties of wood, these enzymes are of particular interest as they provide tools to manipulate feedstock quality. Pectin is a small fraction of plant secondary cell walls, yet these complex polysaccharides might have a significant impact on biomass yield and quality. Xiao and Anderson (2013) describe how pectin modification and cross-linking, largely determined by methyl esterification, affect growth rate and expansion and in turn influence overall biomass yield. Pectin modification can also influence secondary wall development and cell adhesion. The authors also discuss the value of pectin-rich feedstocks such as sugar beet as a source of fermentable sugars and other high-value products.

Biomass pretreatment is currently a fiscally prohibitive step in lignocellulose bioethanol production. Less recalcitrant genotypes can ameliorate this cost as well as positive interactions between genotypes and pretreatments. Serapiglia et al. (2013) measured sugar release by enzymatic hydrolysis following hot-water pretreatments from a range of shrub willow (Salix spp.) genotypes with differing biomass composition. Although relationships between cellulose and lignin content and sugar release were identified, results indicate that it is difficult to predict feedstock quality based on biomass composition. This suggests structural characteristics influence the effects of pretreatment and subsequent hydrolytic efficiency. While this collection of articles emphasizes bioconversion of lignocellulosic biomass to liquid fuels, it is important to emphasize the viability of thermochemical conversion for the production of both fuel and electricity. Tanger et al. (2013) review thermochemical conversion technologies and plant attributes that influence the efficiency of that process. The authors highlight the importance of biomass traits less relevant to bioconversion such as H:C and O:C ratio and mineral content. They also describe methods for high-throughput phenotyping of cell wall biomass that are distinct from traditional biochemical analysis of cell walls.

The sustainable production of energy, chemicals, materials, food and feed from plants is at the heart of a bio-based economy. Vanholme et al. (2013) present an insightful review in which they discuss the various requirements necessary to successfully develop a carbon-negative bio-based economy that can help mitigate climate change. The authors highlight that the viability of a bio-based economy depends on the integration of three pillars: green biotechnology for primary biomass production, white biotechnology to produce products from biomass and the thermochemical pillar for the conversion of residual biomass streams. Innovation, integration of both fundamental and applied research, and interaction between the pillars will be critical to generate a sustainable bio-based economy.

Lastly, we would like to thank all the authors, reviewers and the Frontiers editorial office for their contributions that resulted in, what we believe, a very interesting and relevant topical issue.
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With the advent of biorefinery technologies enabling plant biomass to be processed into biofuel, many researchers set out to study and improve candidate biomass crops. Many of these candidates are C4 grasses, characterized by a high productivity and resource use efficiency. In this review the potential of five C4 grasses as lignocellulosic feedstock for biofuel production is discussed. These include three important field crops—maize, sugarcane and sorghum—and two undomesticated perennial energy grasses—miscanthus and switchgrass. Although all these grasses are high yielding, they produce different products. While miscanthus and switchgrass are exploited exclusively for lignocellulosic biomass, maize, sorghum, and sugarcane are dual-purpose crops. It is unlikely that all the prerequisites for the sustainable and economic production of biomass for a global cellulosic biofuel industry will be fulfilled by a single crop. High and stable yields of lignocellulose are required in diverse environments worldwide, to sustain a year-round production of biofuel. A high resource use efficiency is indispensable to allow cultivation with minimal inputs of nutrients and water and the exploitation of marginal soils for biomass production. Finally, the lignocellulose composition of the feedstock should be optimized to allow its efficient conversion into biofuel and other by-products. Breeding for these objectives should encompass diverse crops, to meet the demands of local biorefineries and provide adaptability to different environments. Collectively, these C4 grasses are likely to play a central role in the supply of lignocellulose for the cellulosic ethanol industry. Moreover, as these species are evolutionary closely related, advances in each of these crops will expedite improvements in the other crops. This review aims to provide an overview of their potential, prospects and research needs as lignocellulose feedstocks for the commercial production of biofuel.

Keywords: biofuel, C4 grasses, yield, lignocellulose, biomass quality, plant breeding, miscanthus, maize

FROM BIOMASS TO BIOFUEL

The growing global consumption of finite fossil fuel resources and the negative climatic consequences thereof are currently driving a search for renewable alternatives that bring the promise of energy security and sustainability (Charles et al., 2007). The successful replacement of oil as industrial raw material will depend largely on biomass processing techniques, as energy from biomass, in contrast to nuclear, wind, water and photovoltaic energy, can be stored as a liquid energy carrier in the form of biofuels (Perlack et al., 2005; Wyman, 2007; Karp and Halford, 2010). As such, it is currently the only alternative amenable to replace fossil fuels to support mobility on large scales (Wyman, 2008).

The production of biofuel from plant carbohydrates depends on the solar energy stored in plant biomass in the form of soluble sugars, starch and structural polysaccharides through photosynthesis. At the moment, the main pathway to convert these carbohydrates into biofuel is through biochemical extraction and fermentation to produce bioethanol (Balat, 2011). Structural polysaccharides constitute the bulk of all plant biomass, since they are the intrinsic components of the plant cell wall, and are by far the most abundant carbohydrates. However, currently most bioethanol is produced from soluble sugars and starch, as they are more easily processed into biofuel than cell wall polysaccharides (Naik et al., 2010). The plant cell wall, in particular the secondary cell wall, is a rigid, protective structure that confers stability and resistance to degradation. This is due to its main constituents—the structural polysaccharides cellulose and hemicellulose and the phenolic polymer lignin—and their interlinking into an unyielding matrix (Himmel et al., 2007; Zhao et al., 2012). Bioethanol production from the cell wall fraction of plant biomass, referred to as lignocellulose, requires a pretreatment to loosen the structure of the cell wall. During this process, combinations of heat, pressure and chemicals are applied to disrupt the crosslinks between the main cell wall constituents and to improve the exposure of the polysaccharides to the enzymatic hydrolysis (Mosier et al., 2005; Zheng et al., 2009). Hydrolysis is required to disassemble cellulose and hemicellulose into their monomeric sugar constituents, which can subsequently be fermented into bioethanol (Balat, 2011). Structural polysaccharides represent the most abundant carbon resource for large-scale biofuel production, with no or very limited use in food and feed applications (Farrell et al., 2006; Wyman, 2007; Balat et al., 2008).

There is extensive interest in cellulosic ethanol, since biomass is considered a low-cost feedstock, which is available in massive quantities and can often be locally produced. A comparative study of gasoline and cellulosic ethanol with respect to net energy and net greenhouse gas emissions showed cellulosic ethanol to have 94% lower greenhouse gas emissions (Schmer et al., 2008). Hence, cellulosic ethanol can contribute to an environmentally sustainable supply of energy and simultaneously bring the promise of energy security (Farrell et al., 2006; Wyman, 2007). This has promoted major private and public investments in several demonstration and pilot scale cellulosic ethanol plants. Although some of these facilities are operational, none of them are producing cellulosic ethanol at a true commercial scale to date. This is evidenced by the fact that the combined cellulosic ethanol production of such facilities in the United States, once estimated to exceed 750 million liters by 2012 (Coyle, 2010), is currently still stuck at a mere 30 million liters per year (RFA, 2012).

The difficulties that impede scaling up cellulosic ethanol production to a commercial level include infrastructural challenges and high capital and operating costs (Richard, 2010). Infrastructural challenges arise from the difficulties associated with the low density of biomass feedstocks. The costs of transport and storage of large volumes of biomass are high compared to those for fossil energy carriers, with a much higher energy density. Depending on the location of the ethanol plant, feedstock costs are estimated to account for ~38% of the plant's operating costs (Gnansounou and Dauriat, 2010). The larger the facility, the more complicated and expensive transportation may become, as hauling distance increases with increasing biomass supply demands. However, the smaller the facility, the longer it takes to get a positive return on investment in capital costs for the setup of a specialized plant, equipped with pretreatment reactors and saccharification and fermentation tanks made of non-corroding materials (Richard, 2010). The major hurdle with respect to the cost competitiveness of lignocellulose conversion technologies is the high input of energy and chemicals required to extract and hydrolyze cell wall carbohydrates (Wyman, 2007). The pretreatment procedure may account for up to 25% of the total processing expenses, due to the stringent processing conditions required to make the cell wall carbohydrates sufficiently accessible to enzymatic hydrolysis (Gnansounou and Dauriat, 2010).

To increase the profitability of biomass conversion platforms it is vital that a low cost lignocellulose feedstock is exploited. Hence, it is envisioned that agricultural, municipal, and forestry biomass residues are the main substrates of the first cellulosic biorefineries, as they represent widely available, low-cost feedstocks. In the United States projections have been made to estimate the amount of biomass supply that will be potentially available by 2030 (Perlack et al., 2005). Of the projected total of 1366 million dry tonnes of biomass, 621 million tonnes are agricultural residues generated from 157 million hectares of arable land. To provide the additional supply, high-yielding biomass crops are envisioned that are optimized for biofuel purposes. Probably, their cultivation will be in part limited to marginal lands, in order to minimize competition with food and feed production. Therefore, optimization of these crops to low input conditions is desirable, as are breeding efforts to improve tolerance to drought and nutrient use efficiency, since irrigation and fertilization are both costly and unfavorable from a sustainability perspective.

In addition, biomass quality is seen as a very important breeding objective. In this context, biomass quality pertains to the amenability of the lignocellulose feedstock for industrial conversion into bioethanol. Realizing the potential of cellulosic ethanol, but also the agronomical and physiological requirements that future bioenergy cropping systems must comply to, many researchers set out to identify, investigate and enhance candidate biomass crops. Effectively, their main objectives are to (1) maximize the supply of lignocellulose in a sustainable and cost-effective way, and (2) improve the conversion efficiency of lignocellulosic biomass into ethanol. The development of dedicated bioenergy crops is envisioned to substantially reduce the production costs of cellulosic ethanol and thus contribute to the establishment of a viable cellulosic ethanol industry.

C4 GRASSES AS LIGNOCELLULOSIC FEEDSTOCKS

THE BENEFITS OF C4 PHOTOSYNTHESIS

One of the most important factors in the selection of energy crops is their high yield potential for biomass production. A high efficiency of CO2 fixation into biomass is therefore of chief importance for energy crops, although biomass yield is determined by a number of other factors as well. The efficiency of CO2 fixation is primarily determined by the type of photosynthesis found in a plant species.

The predominant form of photosynthesis amongst terrestrial plants is the C3 type of photosynthesis, in which CO2 is fixated by ribulose biphosphate carboxylase oxygenase (Rubisco) (Ehleringer and Cerling, 2002). The efficiency of carbon fixation by Rubisco, however, is often compromised, as the enzyme has a dual role and may bind O2 instead of CO2 as a substrate, especially at higher temperatures and low atmospheric CO2 conditions (Sage et al., 2012). This oxygenase reaction eventually leads to the production of CO2 in a process known as photorespiration (Ehleringer and Cerling, 2002).

C4 photosynthesis is a morphological and biochemical modification of C3 photosynthesis in which Rubisco oxygenase activity is reduced due to a CO2 concentrating mechanism that involves phosphoenolpyruvate (PEP) carboxylase (Ehleringer and Cerling, 2002).

Due to their photorespiration-suppressing modifications, C4 plants have a higher potential efficiency of converting solar energy to biomass (Ehleringer and Cerling, 2002; Zhu et al., 2008), evidenced by the fact that 11 out of the 12 most productive plant species on Earth are C4 species (Furbank, 1998). In addition, the C4 mechanism is intrinsically linked to 1.3–4 times higher nitrogen use efficiency (NUE) and water use efficiency (WUE) (Sage and Zhu, 2011), owing to a respective reduction in leaf protein content and stomatal conductance (Taylor et al., 2010; Byrt et al., 2011; Ghannoum et al., 2011; Sage and Zhu, 2011). The former arises from a reduction in the amount of photosynthetic proteins required for optimal photosynthesis (Ghannoum et al., 2011). The higher WUE is associated with a faster fixation of CO2 by the O2-insensitive PEP carboxylase. Therefore, the time stomata are required to be open for the uptake of CO2 is shorter, leading to a reduction of leaf water evaporation (Byrt et al., 2011).

C4 photosynthesis is considered an advantageous characteristic for biomass crops, especially considering that most future climate scenarios predict an increase in dry and saline areas and erratic rainfall, conditions in which the advantages of C4 photosynthesis over the C3 type are even more apparent (Byrt et al., 2011). However, in colder regions of the world C3 plants may outperform C4 species as bioenergy crops (Carroll and Somerville, 2009).

For the sake of being complete, a third type of photosynthesis exists, the crassulacean acid metabolism (CAM), which is employed by cactuses and succulents. These species are not deemed primary candidates for biomass production (Vermerris, 2008), although they may be productive in some extreme environments unsuitable for other species (Youngs and Somerville, 2012).

PROMISING C4 GRASSES FOR THE INDUSTRY

Many of the plant species that generate high yields of biomass with minimal inputs are C4 grasses. C4 plants dominate hot, open, arid environments around the world. The vegetation in these environments consists mainly of grasses and thus it is not surprising that about half of the world's grass species use C4 photosynthesis (Sage et al., 1999). Economically important food crops such as maize (Zea mays L. ssp. mays) and sugarcane (Saccharum spp.) are C4 grasses (Figure 1). These crops are important sources of biomass with well-established production chains that can supply large amounts of agricultural residues. Maize is an annual crop mainly cultivated for its grain or silage as a source of food, feed and in recent decades for the production of first generation bioethanol (Bennetzen, 2009). It is the largest crop worldwide in terms of total acreage (FAOSTAT, 2011). Sugarcane, a large perennial grass that can reach heights of over 5 m, is cultivated primarily for its ability to accumulate sucrose in its stems, which is our predominant source of sugar (Tew and Cobill, 2008). It is the largest crop worldwide in terms of tonnes produced (FAOSTAT, 2011) and is exploited on a large scale in Brazil for sucrose-based bioethanol production (Waclawovsky et al., 2010).
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FIGURE 1. Phylogenetic tree depicting the relationships between the C4 grasses maize, miscanthus, sorghum, sugarcane and switchgrass. Adopted from Lawrence and Walbot (2007).



Two of the currently leading dedicated biomass crops—miscanthus (Miscanthus spp) and switchgrass (Panicum virgatum L.)—are also C4 grasses (Lewandowski et al., 2003b). Both are rhizomatous perennials that typically reach heights of 2–4 m and tend to give high biomass yields annually. Miscanthus is a genus comprising 15 species native to regions of eastern Asia, the Himalayas, the Pacific Islands and Africa (Clayton et al., 2002 onwards). The species are closely related to sugarcane (Figure 1; Heaton et al., 2010). The research on bioenergy crops in Europa has been focused on miscanthus (Lewandowski et al., 2000; Heaton et al., 2008b). Due to its high yield potential, the sterile hybrid M. × giganteus is currently the main commercially exploited species of this genus for biomass purposes. Switchgrass is a versatile grass species native to North-America, with two major ecotypes: the lowland and the upland type (Sanderson et al., 1996; Casler and Monti, 2012). Due to its origin and prevalence in this region, the majority of research on biomass cropping systems in the United States has been focused on this crop (Heaton et al., 2008b; Parrish et al., 2012). Sorghum [Sorghum bicolor (L.) Moench] is another important C4 grass, as it is the fifth most produced cereal crop worldwide (Saballos, 2008; FAOSTAT, 2011). It is cultivated for its grain, sugar-rich stem juice and/or forage biomass depending on the type of sorghum (grain sorghum, sweet sorghum, or forage sorghum) and is gaining increasing research interest as an annual bioenergy crop (Rooney et al., 2007; Saballos, 2008).

Each of these grasses has its strengths and prospects with respect to their use and development as lignocellulose feedstock. In part this is due to the fact that in order to sustain a large scale biomass supply, a wide range of environments is to be exploited—including marginal soils—and in part this is due to the diverse requirements that are posed to bioenergy cropping systems in terms of biomass quality. Different species are expected to be the best choice of feedstock for biomass production in different environments, as a species' productivity is not constant from site to site and the local climate or soil type may provide an advantage or disadvantage from crop to crop. Hence, the efficient and large-scale production of biomass across diverse environments will require a number of lignocellulosic feedstocks, each with a pallet of cultivars, so that a biomass cropping system can be chosen by growers that is optimally adapted to the production environment and processing methodology.

In the following sections the potential of these important C4 grasses—maize, sugarcane, miscanthus, switchgrass and sorghum—in relation to their use as feedstocks for the generation of cellulosic ethanol is discussed.

BIOMASS SUPPLY; YIELD AND RESOURCE USE

The future of cellulosic fuels will be determined by our ability to produce large volumes of inexpensive feedstocks without threatening food security or the environment. The combined supply of lignocellulose from organic residues and bioenergy dedicated cropping systems is envisioned to sustain a renewable supply of cellulosic biofuel and other bio-commodities. For each of the designated C4 grasses their lignocellulose yield potential and resource use is discussed and summarized in Table 1.

Table 1. Average lignocellulose yields and fertilizer and water requirements per hectare and per kg DM yield of important C4 grasses.
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LIGNOCELLULOSE AS A CO-PRODUCT

Of the grasses considered here, maize, sorghum, and sugarcane are all contributing to the supply of lignocellulose in the form of agricultural or processing residues. An attempt is made to approach their average residue yield per hectare and their total supply of residue considering their global area harvested.

Maize is primarily cultivated to produce grain, in which case the leaf and stem fractions of the plant (referred to as stover) are available as lignocellulosic residue. A much smaller fraction of maize is cultivated for silage, in which case the whole plant is used and no residue is produced. In the world an area of over 170 million hectares of agricultural land is used for growing maize, with an average grain yield of 5.2 t DM ha−1 yr−1 (FAOSTAT, 2011). Based on the widely used assumption that the stover to grain ration is 1:1 in maize (Kim and Dale, 2004), the average stover yield is estimated on 5.2 t DM ha−1 yr−1. Based on these numbers, the potential worldwide biomass supply from maize cultivation adds up to 884 million tonnes. However, the removal of this type of crop residues (normally left in the field) is a delicate issue, as it may increase soil erosion, deplete soil carbon and nutrient reserves and ultimately reduce future crop productivity (Graham et al., 2007). The amount of residue that can safely be removed without jeopardizing soil fertility depends on the cultivation practice (especially tillage regime), and crop yield. With current yield estimates and current rotation and tillage practices in the USA ~30% of the stover may be removed taking into account such considerations (Perlack et al., 2005; Graham et al., 2007).

For sugarcane an estimated total harvested area of almost 25.5 million hectares is reported, with an average yield of 70.5 tonnes ha−1 yr−1 (fresh cane yield) (FAOSTAT, 2011). Assuming a moisture content of 76% and a bagasse-dry-matter ratio of 0.6:1 as reported by Kim and Dale (2004) the global average bagasse yield per hectare is calculated to be 11.0 t DM yr−1. An additional supply of lignocellulose comes from the field residue (leaves, immature stalks and dead tissue), which is estimated to be 65% of the dry stalk yield (Waclawovsky et al., 2010), producing 11.9 t DM ha−1 yr−1. So even though sugarcane is produced on only one seventh of the land used for growing maize, the total biomass supply from sugarcane cultivation is about two-thirds that of maize, adding up to 584 million tonnes. Taking into account that about 50% of the field residue is commonly left in the field to reduce soil erosion and depletion (Ferreira-Leitão et al., 2010), the available lignocellulosic biomass yield is reduced from 22.9 to 16.95 t DM ha−1 yr−1.

The global area on which sorghum is cultivated is approximately 35 million hectares, with a global average grain yield of 1.5 t DM ha−1 yr−1 (FAOSTAT, 2011). With a residue/grain ratio of 1.3 (Kim and Dale, 2004), the stover yield from grain sorghums is on average 1.95 dry tonnes per hectare. The total potentially available supply is thus estimated to be 68 million dry tonnes. However, with the same correction applied to sorghum as to maize, to avoid soil erosion and nutrient depletion, the sustainably harvestable lignocellulose yield of grain sorghum is also ~30% of the stover yield. Another type of sorghum, sweet sorghum, accumulates sugar in its stalks similar to sugar cane and is starting to gain momentum for syrup production (sweet sorghum types) in subtropical regions. These types give fresh yields ranging from 20 to 120 t per hectare (Saballos, 2008). They produce lignocellulose in the form of bagasse and field residue, with average residue yields reported to be 5.8 and 13.9 t DM ha−1 yr−1, for bagasse and field residue, respectively (Blümmel et al., 2009).

Annually, maize, sugarcane and sorghum can thus globally provide around 1500 million tonnes of lignocellulosic biomass in the form of agricultural residues, from which over 700 million tonnes can be harvested sustainably. Greater productivities are likely with further advances in breeding and production technologies (Perlack et al., 2005). For all these crops, dual-purpose breeding, addressing both grain/sugar and residue yield and quality, will likely take off when the cellulosic ethanol industry adds value to the biomass residue and if these breeding objectives can be advanced simultaneously. Together, agricultural residues from these (and other) crops will make a significant contribution to our global demand for cellulosic feedstocks, and will also play a crucial role in our effective transition toward the production of advanced biofuels (Schubert, 2006; Huber and Dale, 2009).

LIGNOCELLULOSE AS PRIMARY PRODUCT

Miscanthus and switchgrass are amongst the species with the highest potential as dedicated biomass cropping systems. They are characterized by high dry matter yields and low cultivation inputs and have several advantages as biomass crops due to their perennial nature. There is often considerable variation in biomass yields reported within each species, due to diverse ecological, climatic and cultivation conditions. In addition, side-by-side yield trials with multiple species at various locations and over several years are rare and may fail to assess yields at each species' respective optimum conditions. Therefore we focus on their average biomass yields as reported in literature. However, in order to appraise their yield potential also the most extreme yields observed to our knowledge are reported.

Miscanthus and switchgrass, being herbaceous perennial species, form extensive root systems and have the ability to store nutrient and carbohydrates in rhizomes at the end of the growing season. This supports early shoot emergence and growth in spring (Youngs and Somerville, 2012). Moreover, mature stands of such crops only have to make minor investments into root biomass compared to annual crops. Hence, these grasses, once successfully established, are renowned for their high yield potential (Lewandowski et al., 2003b). In a quantitative review of biomass yields reported for both crops in Europe and the US, miscanthus showed significantly higher biomass yields than switchgrass, with an average of 22 t DM ha−1 yr−1 from 97 observations, compared to 10 t DM ha−1 yr−1 from 77 observations, respectively (Heaton et al., 2004).

Only a few trials were set up to assess the yield potential of different miscanthus species, in which M. × giganteus often gave the highest autumn yields (Zub and Brancourt-Hulmel, 2010). In a single trial examining the peak yield of M. × giganteus under fully irrigated, non-limiting conditions of N, P, and K, a yield of 50 t DM ha−1 yr−1 was reported in central France (Tayot et al., 1994). A more recent trial in Illinois (USA), surprisingly with minimal agricultural inputs, even reported a peak biomass yield of 60.8 t DM ha−1 yr−1 (Heaton et al., 2008a), the highest recorded yield of this species to our knowledge. However, in many studies harvest is delayed until winter or even spring and no information on peak biomass yield is collected. Late harvest may reduce yields by on average 33% (Clifton-Brown et al., 2004) and in the worst case by up to 50% compared to peak yields (Lewandowski et al., 2000). Nevertheless, it is a common practice in miscanthus to allow the crops to senesce, in order to let the above-ground biomass dry on the field, and to allow translocation of nutrients to the rhizomes. In general, delayed harvest has a positive influence on biomass quality by reducing water and nutrient content and reduces the removal of nutrients from the system at harvest (Lewandowski et al., 2003a). One of the highest dry matter yields recorded after complete plant senescence was 44.1 t DM ha−1 yr−1, again in the Illinois field trial of Heaton et al. (2008a).

The maximum yield reported for switchgrass was observed in a United States trial spanning 10 years and several states, in which different switchgrass varieties and harvesting methods were evaluated. In this trial the variety “Alamo” attained a yield of 34.6 t DM ha−1 yr−1 at a field location in Alabama using a system with two cuts; one harvest around flowering time and another in early spring (McLaughlin and Kszos, 2005). To our knowledge the highest switchgrass peak biomass yield from a single cut trial was recorded to be 26.0 t DM ha−1 yr−1with the locally adapted variety “Cave-in-Rock” in Illinois (Heaton et al., 2008a). Losses in this species associated with late winter harvest are substantially less than in miscanthus (Heaton et al., 2004).

These yield estimates in all probability represent a baseline, since only limited efforts have been invested in the optimization of crop management and genetics. Although the average yield performance of these species is already impressive, the reported averages are still far less than half of the highest yields reported. This is indicative of the large yield improvements that could be realized in these grasses through breeding efforts, enabling them to advance the production of cellulosic ethanol through the reduction of feedstock costs.

Next to their potential as dual-purpose crops, maize, sorghum, and sugarcane are also envisioned to have potential for the production of lignocellulose as primary product. Specific types are available with reduced grain or sugar yield and increased fiber production, such as forage sorghum hybrids (Venuto and Kindiger, 2008), temperate × tropical maize hybrids (White et al., 2011) and energy canes (Tew and Cobill, 2008), which all have the prospect of high biomass yields. However, at the moment their total lignocellulosic residue supply is the most important driver for the interest in these crops for cellulosic ethanol.

INPUTS OF NUTRIENTS AND WATER

A high yield potential is a principal requirement for a biomass cropping system. Additionally, those yields are most preferably attained with minimal costs and agricultural inputs, such as fertilizer and irrigation. Moreover, the effects on soil fertility are a relevant issue, since nutrients are inevitably removed from the field at every harvest (Lal, 2005). Nonetheless, the implications of biomass cropping systems on nutrient fluctuations have so far received very limited attention.

Although C4 grasses have an intrinsic advantage over C3 species in terms of water and nutrient use efficiency (Taylor et al., 2010; Byrt et al., 2011; Ghannoum et al., 2011; Sage and Zhu, 2011), considerable differences exist amongst C4 species in their efficiency of biomass production per unit of available resource (Byrt et al., 2011). Crops cultivated for grain production, i.e., maize and grain sorghum, are generally considered to extract more nutrients from the soil, due to the high mineral and protein content of grains (Hons et al., 1986; Shewry and Halford, 2002). Perennials attain higher nutrient use efficiencies than annual crops due to their ability to recycle nutrients to the roots from one growing season to the next (Lewandowski et al., 2003b; Heggenstaller et al., 2009). Consequently, the cultivation of annual crops generally leads to a higher loss of nutrients upon removal of the above ground biomass, as no nutrients are recycled (Byrt et al., 2011). In addition, the extensive root systems of perennials and the reduced tillage compared to annual crop cultivation increase soil carbon content over time, can capture dissolved nitrogen and protect soils against wind erosion (Lewandowski et al., 2003b; Blanco-Canqui, 2010; Dohleman et al., 2010). In the case of miscanthus, nutrients are also returned to the soil through leaf fall prior to the winter harvest (Beale and Long, 1997; Lewandowski et al., 2000). In combination with the early canopy development of established stands, the resulting mulch also aids to prevent the emergence of weeds and reduces the need for herbicides after the establishment phase (Christian and Haase, 2001).

Table 1 provides an overview of recommended fertilization rates and water requirements for the grasses considered in this review. To be able to compare fertilizer/water requirements between these crops it is important to consider the dry matter yield per hectare. To do so, nutrient extraction rates per hectare and minimal annual water requirements are divided by the average dry matter yields reported in sections “Lignocellulose as a Co-Product” and “Lignocellulose as Primary Product.” Note that only lignocellulose yields are considered, making the comparison for maize, grain sorghum and sugarcane somewhat unfair, since fertilizer requirements are developed for grain/sugar plantations. In the table nutrient extraction rates per kg dry matter yield and per hectare are also given, to effectively show the effect of harvesting lignocellulose in each crop on the depletion of nutrients from the soil. These extraction rates are based on the nutrient content of the harvested biomass.

Maize is characterized by an inefficient uptake of nutrients, indicated by the fact that the recovery of applied fertilizer nitrogen is only 37% (Cassman et al., 2002). The replacement of extracted or lost nutrients through fertilization is one of the main production costs in maize cultivation (Berenguer et al., 2009; Subedi and Ma, 2009), although fertilization rates may differ considerably, due to differences in expected yield, local soil conditions and rainfall/irrigation levels (Shapiro et al., 2008).

Sorghum is considered more efficient in its nutrient use than maize, mainly due to its large fibrous root system (Saballos, 2008). It shows only a limited yield response to fertilizer application in medium- to high-fertility soils, and is virtually non-responsive to P applications. Hence, fertilization recommendations for sorghum are lower than for maize (Saballos, 2008). Grain and sweet sorghum varieties display similar quantities of nutrient removal as maize, but produce 25–50% higher biomass yields (Slaton et al., 2004; Propheter and Staggenborg, 2010; Propheter et al., 2010).

The high cane yields of sugarcane are often associated with substantial fertilizer applications (Wiedenfeld, 2000; Thorburn et al., 2011). Recommended applications of N can be as high as 300 kg N ha−1 (Roy et al., 2006). Nutrient removal varies considerably, due to environmental differences, different cultivation practices, and large yield differences.

In a comparative study on the nitrogen dynamics in switchgrass and miscanthus, no significant difference between the two species was found (Heaton et al., 2009). In both species mineral contents were high during the growing season, but decreased to minimal levels during plant senescence (Heaton et al., 2009). In a study simulating the impact of a change from unmanaged grassland to switchgrass, it was found that the content of soil organic carbon increased only when adequate N fertilizer was applied (Chamberlain et al., 2011). In most soils P and K levels are adequate for switchgrass (Sanderson et al., 2012). The fertilizer requirements of miscanthus are still under debate (Cadoux et al., 2012). In several experiments miscanthus was shown to give a very limited or no response to N fertilizer applications (Danalatos et al., 2007; Christian et al., 2008; Cadoux et al., 2012). Hence, for example, Christian et al. (2008) recommend no N application at all. This does not hold true for P and K, for which recommended applications are 7 and 100 kg ha−1, respectively. Davis et al. (2010) hypothesized that miscanthus is capable of nitrogen fixation, explaining the lack of response to N applications in these studies. In a review on the nutrient requirements of miscanthus, Cadoux et al. (2012) reported no need for N fertilization during the establishment phase of the crop, when yields are expected to be low, but recommend fertilization rates based on typical nutrient extraction levels.

Maize is shown to be the most demanding crop in terms of fertilizer demands, whereas switchgrass and miscanthus are shown to have the lowest requirements for fertilization (Table 1). For grain sorghum and sugarcane similar fertilizer applications are recommended, although sugarcane produces much higher average yields. In addition to fertilization rates, an important parameter is the quantity of nutrients removed from the field at harvest, as this will have an adverse effect on soil fertility levels in the long term if these nutrients are not replaced. It can be deduced from the table that total nutrient (N, P, and K) removal by sorghum and sugarcane are the highest in weight per kg biomass. The lowest quantities of nutrients removed from the field per kg crop are reported for miscanthus and switchgrass. From these figures it can also be deduced that there are large discrepancies in the data between recommended fertilization rates and nutrient removal per hectare, especially for sugarcane. If fertilization recommendations are higher, this may be the result of inefficient uptake of nutrients and/or leaching.

The large-scale production of biomass for biofuel may also have considerable implications on available water resources (Stone et al., 2010). Dedicated bioenergy cropping systems, therefore most likely will have limited possibilities for irrigation and have to rely on rainfall and soil water availability to sustain crop productivity. Therefore, a high WUE is considered a key trait of biomass crops. In general WUE is defined as the dry matter production/loss of soil water (g/kg). However, water loss is not only due to transpiration, but also due to non-biological factors such as soil evaporation. Unfortunately, only a few long-term studies were carried out in these crops that took all these factors into consideration. A further difficulty with the comparison of different studies is the need to normalize findings for differences in the vapor pressure deficit between the inner and outer leaf space (Beale et al., 1999; Jørgensen and Schelde, 2001).

Maize, with a WUE (dimensionless) of 0.0027 is reported to be less efficient than sorghum and miscanthus, with estimates of 0.0038 and 0.0075, respectively (Beale et al., 1999; Long et al., 2001). In another study, miscanthus and switchgrass were reported to have a similar and slightly higher WUE than maize (VanLoocke et al., 2012). The WUE of sugarcane and maize expressed as kg DM ha−1 mm−1 evapotranspiration where reported to be 17–33 and 7–21, respectively (Berndes, 2002).

Even though WUE may be high in miscanthus and switchgrass, these crops still utilize large quantities of water for optimal crop production. In order to achieve yields of 30 t ha−1 with miscanthus, over 500 mm water is required (Long et al., 2001) and even though it is relatively tolerant to drought, miscanthus shows a strong yield response to irrigation at sites with insufficient soil water availability (Price et al., 2004; Cosentino et al., 2007). For switchgrass, economically feasible production is reported to be confined to regions with at least 450 mm annual rainfall (Bouton, 2008). Maize requires roughly 600 mm for optimal production and sugarcane as much as 1300–1600 mm (Al-Amoodi et al., 2004). Sorghum appears to be the least demanding crop, with a water requirement of 320–400 mm (Saballos, 2008).

To compare water use between these crops in a similar way as above for nutrient use, biomass yields have to be taken into account. A crop may require more water, but produce much higher yields than another crop. Therefore, water requirements are reported taking the average yields into consideration and expressed as water requirement per kg DM yield (Table 1). These calculations show considerable differences between the crops, with grain sorghum and maize displaying the highest water requirements per kg lignocellulose produced. Of course, a large part of the water is used in these crops for the grain part of the plant. Amongst the perennial species, miscanthus is shown to produce the highest lignocellulose yield per unit of water.

BIOMASS QUALITY

Next to addressing the issues related to the supply of lignocellulose, another important consideration is the efficiency of converting biomass into bioenergy. The challenge of effectively fractionating lignocellulosic feedstocks into fermentable sugars lies within the compositional nature of the plant cell wall. The cell walls of grasses have distinct differences in the balance between the main cell wall constituents (Table 2), even though all commelinoid monocots, including the C4 grasses discussed in this review, share some distinct features in cell wall architecture, as described comprehensively by Carpita (1996), Cosgrove (2005), and Vogel (2008). In each species vast intra-specific genetic variation exists in cell wall composition, polymeric ultra-structure, physical architecture and (presumably) the weight ratio of primary to secondary cell walls. The extent of inter- and intra-specific variation found in these species ultimately indicates opportunities for the development of feedstocks with cell wall characteristics better suited to the demands of the cellulosic ethanol industry.

Table 2. Variation in cell wall compositions of promising C4 energy grassesa.
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From an economic perspective, feedstocks with the highest combined content of cellulose and hemicellulose (holocellulose) are likely to be favored by the industry, since techno-economic evaluations, and comparative studies of ethanol biorefineries showed that the holocellulose content of feedstocks was directly proportional with ethanol yields under optimal processing conditions (Ruth and Thomas, 2003; Aden and Foust, 2009; Huang et al., 2009). This explains why the predominant strategy in energy grass breeding is to increase the overall abundance of holocellulose in the plant cell wall. As crops like miscanthus, sugarcane and sorghum have in potential a very high holocellulose content on a dry matter basis (~75%), in addition to high biomass yields, they are expected to dominate the future cellulosic ethanol market.

However, current biomass-to-ethanol conversion systems are not optimal and concerns exist as to whether these technologies are universally transferable between different lignocellulosic feedstocks. Leading technologies have almost exclusively been optimized using maize stover and (more recently) switchgrass (Wyman et al., 2005; Elander et al., 2009; Garlock et al., 2011; Tao et al., 2011), with little information available on their applicability in other C4 feedstocks. So far, most efforts to improve biomass-to-ethanol conversion systems have not taken into consideration the impact of biomass composition (Gregg and Saddler, 1996; Kim et al., 2011). Yet, biomass composition may have a large impact on conversion efficiency as, for instance, Kim et al. (2011) demonstrated with compositionally different ecotypes of switchgrass, using the industry's leading pretreatment systems (AFEX, dilute sulphuric acid, liquid hot water, lime, and soaking in aqueous ammonia). Strikingly, the ecotype with the highest cellulose content on a dry matter basis was the worst performer under all test conditions. These results highlight the difficulties of developing universally applicable conversion technologies for different biomass types and indicate the practical limitations of breeding solely for increased levels of cell wall polysaccharides.

Consequently, a second approach to optimize feedstock composition focusses on reducing the natural resistance (biomass recalcitrance) of plant cell walls to enzymatic deconstruction. Significant efforts have been devoted towards understanding and dissecting the biochemical and genetic mechanisms affecting the depolymerization of cell wall polysaccharides. A considerable wealth of studies has documented the extent of natural—and induced—variation of promising C4 grasses with respect to their processing amenability under a diverse array of conversion technologies (Vermerris et al., 2007; Saballos et al., 2008; Dien et al., 2009; Lorenzana et al., 2010; Chuck et al., 2011; Fu et al., 2011a,b; Kim et al., 2011; Lygin et al., 2011; Masarin et al., 2011; Saathoff et al., 2011; Sarath et al., 2011; Xu et al., 2011; Fornalé et al., 2012; Jung and Bernardo, 2012; Jung et al., 2012; Park et al., 2012; Vandenbrink et al., 2012; Yee et al., 2012; Zhang et al., 2012; Torres et al., 2013). Some relevant research highlights are summarized in Table 3.

Table 3. Summary of relevant reports on the variation in conversion efficiency in C4 grass species.
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The majority of studies aiming at the reduction of biomass recalcitrance in C4 grasses has focused on exploring the effect of lignin content on conversion efficiency. Indeed, reductions in cell wall lignin content often led to improved enzymatic digestibility, as shown in studies with brown midrib mutants in maize and sorghum (Vermerris et al., 2007; Saballos et al., 2008; Dien et al., 2009; Sattler et al., 2010, 2012; Wu et al., 2011); as well as in studies with transgenes that down-regulate monolignol biosynthesis genes in maize (Park et al., 2012), sugarcane (Jung et al., 2012) and switchgrass (Fu et al., 2011a,b; Saathoff et al., 2011; Yee et al., 2012). In addition to reductions in lignin content, alterations in the ratio between the main constituents of lignin have been found to affect recalcitrance. For instance, a lower S/G ratio—two of the main subunits of lignin—can reduce biomass recalcitrance in C4 grasses, as demonstrated both in natural mutants (Vermerris et al., 2007; Saballos et al., 2008; Sattler et al., 2012) and using transgenic approaches (Fornalé et al., 2012; Jung et al., 2012).

However, lignin content and composition are not the sole factors explaining variation in the conversion efficiency of lignocellulose feedstocks. Several studies on biomass recalcitrance have investigated the impact of differences in the composition and structure of cell wall polysaccharides, and the interactions between polysaccharides and other cell wall components. These demonstrated how cell wall characteristics other than lignin—including the degree of cell wall porosity, cellulose crystallinity, polysaccharide accessible surface area and the protective sheathing of cellulose by hemicellulose—can also contribute to the natural resistance of plant biomass to enzymatic degradation (Mosier et al., 2005; Himmel et al., 2007; Jeoh et al., 2007; Gross and Chu, 2010; Zhang et al., 2012; Zhao et al., 2012).

Furthermore, fundamental cell wall studies in Arabidopsis and other model crops have contributed considerably to the understanding of the synthesis of cellulose and hemicellulose. Consequently, strategies to develop novel genotypes, with reduced recalcitrance, through targeted modifications of cell wall biosynthesis genes are beginning to gain momentum. For instance, alterations in the cellulose synthesis machinery—or its accessory complexes— may lead to modifications in the structure of cellulose microfibrils, with, for example, reduced crystallinity, a lower degree of polymerization and/or a higher degree of porosity. Recently, Vandenbrink et al. (2012) demonstrated a large variation in cellulose crystallinity within a diverse association mapping panel in sorghum, and reaffirmed that genotypes with lower cellulose crystallinity exhibit higher enzymatic hydrolysis rates, as has been reported for pure microcrystalline cellulose samples (Bansal et al., 2010) and ground miscanthus powder (Yoshida et al., 2008). In addition, recent studies that uncovered the function of genes and enzymes in the synthesis and substitution patterns of hemicelluloses provide novel opportunities for the modification of the structural and functional characteristics of hemicellulose (Mortimer et al., 2010; Anders et al., 2012). A possible strategy to improve the processing efficiency of feedstocks aims at a reduction of the number of side-chain substitutions in hemicelluloses, which shield the xylan-backbone from enzymatic hydrolysis (Mortimer et al., 2010).

Despite crucial advances in our understanding of the synthesis and structural properties of the plant cell wall, much still remains to be explored before effective, targeted manipulation of cell wall properties can be fully exploited for the creation of biomass feedstocks optimally suited to bioconversion. Many different pretreatment types exist—and new technologies are developed continuously— that target different components of biomass recalcitrance. Hence, they will require different compositional features of feedstocks for optimal effectiveness. To address this, more research in the area of pretreatment and enzymatic hydrolysis of lignocellulose, as well as research on the intricacies of the cell wall synthesis machinery and on the available genetic variation in cell wall properties within biofuel crops is needed. In particular, quantitative genetic studies and systems biology approaches are anticipated to aid in the understanding of the synergistic and antagonistic interplay of cell wall components and their effect on biomass recalcitrance. The findings from such studies will enable plant breeders to design effective breeding programs and facilitate the development of energy C4 grasses optimized to increase the efficiency of bioconversion technologies.

GENETIC IMPROVEMENT

The C4 grass species discussed in this review are all expected to play an important role as bioenergy crop in the emerging cellulosic ethanol industry. Their success as biomass crop is not only dependent on their biomass yield, efficiency in using resources during cultivation and level of biomass recalcitrance (and other cell wall properties), but also on their amenability for improvements through breeding efforts. In the following sections the improvement of these crops through plant breeding are discussed, with emphasis on crop-specific differences in breeding strategy, selection criteria and tools for breeding and the currently available insights with respect to the genetics of relevant traits.

VARIETY CONCEPT

Ploidy level and genome architecture are important factors in the design of a breeding program and determine to a large extent the type of variety to be developed. The variety concept therefore is species-specific and apart from commercial considerations it takes into account matters such as mating system, seed production issues, ploidy level and inheritance of traits. Annual crops are generally fertile and are propagated by seeds. If possible, breeding in annual crops aims to generate hybrid varieties to benefit from hybrid vigor (heterosis). Perennial crops are quite often polyploids, with an unbalanced genome constitution causing sterility due to meiotic irregularities. Polyploids tend to be vigorous crops due to a high degree of heterozygosity and gene redundancy.

Polyploidy, however, also complicates genetic studies and the inheritance of traits (Comai, 2005). The mapping and genetic studies of polyploid genomes has to deal with complex levels of allele recombination, especially when chromosome pairing in meiosis is not merely restricted to homologous chromosomes. In addition, as a result of polyploidy sequencing becomes more difficult, due to the large genome sizes and within-genome similarities. Another important consideration is a crop's mode of reproduction, which is a key determinant to which breeding systems can effectively be used to improve a species (Allard, 1960).

Both cultivated maize and cultivated sorghum are diploid species (2n = 2x = 20) with a basic chromosome number of 10, although other ploidy levels exist in annual and perennial wild relatives in the genus sorghum (Acquaah, 2012b). Maize is predominantly a cross-pollinator (95%) with male and female inflorescences. The former produces pollen which are dispersed by wind (Acquaah, 2012a). Self-pollinations, however, can be done by hand for breeding and research purposes (De Leon and Coors, 2008). The inflorescence of sorghum, in contrast, has separate male and female organs and self-pollination is the main mode of reproduction, with degrees of outcrossing ranging from 5 to 30% (Saballos, 2008).

The perennial grasses discussed here are all wind-pollinated outcrossing species and are characterized by more complex genetics (Vogel and Pedersen, 1993). Switchgrass is highly self-incompatible and possesses a chromosome number of 9, but with varying somatic chromosome numbers and ploidy levels (2n = 2x = 18 to 2n = 12x = 108). Amongst lowland ecotypes tetraploids predominate, whereas amongst upland ecotypes octoploids are more abundant (Bouton, 2008). In miscanthus, ploidy levels vary amongst species in the genus, with the three species with the highest potential for biomass production, M. × giganteus being a triploid (2n = 3x = 57), M. sinensis a diploid (2n = 2x = 38) and M. sacchariflorus a tetraploid (2n = 4x = 76) (Heaton et al., 2010). Recently, Kim et al. (2012) reported M. sacchariflorus accession from Japan to be typically tetraploid, whereas accessions from China were reported to be typically diploid. M. × giganteus is a sterile hybrid, but the other two species are obligate outcrossers due to self-incompatibility (Heaton et al., 2010). All three species are characterized by a basic chromosome number of 19 (Clifton-Brown et al., 2008). Sugarcane is predominantly cross-pollinating, but selfing is possible by covering the inflorescences with bags (OGTR, 2008). The genus Saccharum displays a large variation in chromosome number and ploidy levels. The three most important species in the genus used to make modern cultivars are S. officinarum (2n = 70–140), S. spontaneum (2n = 36–128) and S. robustum (2n = 60–200) (D'Hont, 2005; Scortecci et al., 2012). D'Hont (2005) identified a basic chromosome number of 10 for S. officinarum and S. robustum and a basic chromosome number of 8 for S. spontaneum. The genetics of sugarcane and its trait inheritance are very complex, since it is a hybrid of different species and displays both autopolyploid and allopolyploid types of inheritance (OGTR, 2008).

The predicted genome sizes of the C4 grasses vary widely, the smallest being sorghum (1.21 pg), followed by switchgrass (1.88 pg) and maize (2.73 pg) (Bennett and Leitch, 2010). For S. officinarum and S. spontaneum, genome sizes are predicted to be 3.37 pg and 4.71 pg, respectively (Bennett and Leitch, 2010). The genome size estimations of M. × giganteus and its two progenitors species, M. sacchariflorus and M. sinensis are 7.0 pg, 4.5 pg and 5.5 pg, respectively (Rayburn et al., 2009).

GENETIC RESOURCES AND BREEDING TOOLS

There are many differences in the experience, resources and techniques available for each of the crops, giving certain crops distinct advantages over others. Miscanthus and switchgrass have barely been domesticated (Jakob et al., 2009), whereas maize is arguably the most domesticated of all field crops, unable to survive as a wild plant (Acquaah, 2012a).

Maize and sorghum have several advantages over the other crops with respect to their improvement as lignocellulose feedstocks. The complete genomes of sorghum and maize have been released (Paterson et al., 2009; Schnable et al., 2009), while for some of the other grasses sequencing projects are still in progress, such as for M. sinensis and switchgrass by the U.S. DOE Joint Genome Institute (JGI, www.jgi.doe.gov/genome-projects). In addition there is a wealth of genomic tools available, especially in maize (genetic markers, genome annotations, quantitative trait loci (QTL's), extensive expressed sequence tag (EST) libraries, well-mapped populations, large collections of mutants) that can be used to study and enhance biomass quality traits. Their diploid nature makes maize and sorghum easier to study than (allo)polyploid crops, and since they are both C4 grasses and have a close evolutionary relationship to the other crops, they are most likely better models to this group of biofuel crops than other model plant species as Arabidopsis, rice or Brachypodium (Carpita and McCann, 2008). Hence, the knowledge that will be acquired on the synthesis, deposition and recalcitrance of the cell wall in maize or sorghum can most likely be utilized to improve biomass quality of the other C4 grasses. Sorghum shares a high level of co-linearity with the genomes of miscanthus (Kim et al., 2012; Ma et al., 2012; Swaminathan et al., 2012) and sugarcane (Wang et al., 2010), which makes the sorghum genome ideal as a template for comparative genomic studies with these species. In addition, the use of comparative genetics coupled with transcriptomic and proteomic analyses will be an important tool to expedite the genome assembly of closely related C4 grasses. Transcriptome datasets are valuable sources of information to monitor gene expression during different growth stages and biotic or abiotic stress responses. Such datasets can also compensate for the lack of genome sequence information, in those grasses in which sequence information is still unavailable. For example, a large sugarcane EST database is publicly accessible (sucest-fun.org) (Vettore et al., 2003). The combination of genome sequencing with other “omics” strategies is still in its early stages in C4 grasses, but is expected to be a successful strategy for studying cell wall biosynthesis.

Maize and sorghum are the two crops discussed in this review that are annual species, which is likely to positively affect the speed with which these crops can be advanced in breeding programs. Genetic improvement is generally faster in annual crops than in perennials, due to the relatively shorter selection-cycle. All grasses discussed here, including sorghum, can be propagated via outcrossing. This has the advantage that they are amenable to heterosis breeding, in particular when the production of inbred lines is possible by repeated selfings as in maize. An improvement of this technique, nowadays frequently used in maize breeding, is the development of doubled-haploid lines, which are completely homozygous as a result of artificial or spontaneous chromosome doubling of induced haploids (Maluszynski, 2003; Tang et al., 2006). This is a major advantage for hybrid breeding and genetic studies (Forster and Thomas, 2010).

The availability of genetically diverse and advanced germplasm is key to the success of breeding programs. Breeding efforts to improve bioenergy crops can initially take advantage of the knowledge and technologies developed in food and forage breeding programs (Jakob et al., 2009). Maize, sorghum and sugarcane breeding programs have a long history and although these programs mainly target the increase of grain/sugar yield and harvest index, improvements in traits such as disease and lodging resistance affecting yield stability are also useful for their use as dual-purpose crops (Jakob et al., 2009). In forage breeding programs, such as are established in maize, switchgrass and sorghum, the main aim is to improve the total yield of biomass as well as its digestibility. Due to the similarities between enzymatic deconstruction of lignocellulosic biomass in the rumen of cattle and in cellulosic ethanol platforms, crops optimized for forage quality parameters may prove extremely valuable germplasm sources for optimizing biomass quality (Weimer et al., 2005; Dhugga, 2007; Anderson and Akin, 2008; Dien et al., 2009; Lorenz et al., 2009a; Anderson et al., 2010; Sarath et al., 2011).

To expedite the genetic improvement of C4 grass species as lignocellulosic feedstocks, molecular breeding technologies are being considered (Jakob et al., 2009; Takahashi and Takamizo, 2012). Genetic engineering with the help of transformation technologies continues to be a topic of debate, especially in Europe, but public acceptance of genetically modified (GM) crops for dedicated biofuel purposes might be higher than for food and feed commodities. However, transformation technologies are relatively much more developed in dicots than in monocots. Thus for most of these grasses, the exception being maize, major progress is required in the development and optimization of transformation protocols. Reviews on the status of transformation of sorghum (Howe et al., 2006; Girijashankar and Swathisree, 2009), switchgrass (Somleva et al., 2002; Conger, 2003; Bouton, 2007; Burris et al., 2009; Xi et al., 2009; Saathoff et al., 2011), miscanthus (Wang et al., 2011; Engler and Jakob, 2013) and sugarcane (Santosa et al., 2004; Hotta et al., 2010) provide further information. However, transgenic approaches are regarded with great caution in dedicated bioenergy crops as well, as they are mostly outcrossing perennial grasses (Wang and Brummer, 2012). To address the risk of unwanted transmission of transgenes through pollen-mediated gene flow, there are, however, various strategies for gene confinement in perennial biofuel feedstocks (Kausch et al., 2009).

While considerable differences are described between the designated C4 grasses that may affect their improvement as lignocellulose feedstocks, the fact that these crops are evolutionary closely related provides great opportunities for the exchange of acquired knowledge between them. Several online services have been developed to facilitate this exchange of information, e.g., GRASSIUS, a platform integrating information on transcription factors and their target genes in grasses (www.grassius.org) (Yilmaz et al., 2009), GRAMENE, a comparative genome mapping database for grasses (www.gramene.org) (Ware et al., 2002; Liang et al., 2008) and CSGRqtl, a comparative quantitative trait locus database for Saccharinae grasses (http://helos.pgml.uga.edu/qtl/) (Zhang et al., 2013). Hence, advances in each of these crops may expedite research progress in the other crops, with maize and sorghum being anticipated to serve as models in the study of cell wall recalcitrance.

PROSPECTS AND RESEARCH NEEDS

The group of C4 grasses regarded in this paper has a great potential for the sustainable, large scale production of lignocellulose to support a cellulosic fuel industry. The supply of biomass from different sources and niches will prove to be indispensable, as different growing conditions and refinery technologies require different types of lignocellulose feedstocks. These grasses are likely to represent different sources of biomass supply as they have distinct prospects and potential roles in the future supply chain of lignocellulose, which stipulates the importance of research into the genomics, genetics, and breeding of this group of promising grasses.

Globally, the cultivation of maize, sugarcane and grain sorghum can sustainably provide around 1500 million tonnes of lignocellulosic agricultural residues per year. Greater yields are likely with advances in breeding and production technologies (Perlack et al., 2005), especially when the lignocellulose fraction becomes an important product and dual-purpose breeding sets off. Common plant breeding research needs in such crops for advancing the use of agricultural residues for cellulosic ethanol production focus on (1) increasing the yield of harvestable biomass without jeopardizing food/feed production, (2) exploring the effect of the use of crop residues on soil quality and (3) improving the biomass quality of the residue for bioprocessing. To make the conversion of agricultural residues economically attractive, it is critical that advances are made in biomass quality, in addition to technological improvements in the refinery processes (see also Box 1). Maize and sorghum are the crops that will most likely serve as models in the research on biomass quality improvement, due the presence of the required expertise, genetic resources, proper breeding tools and the availability of their genome sequences. Together, agricultural crop residues can make a significant contribution to our global supply of lignocellulose for biofuel production (Schubert, 2006; Huber and Dale, 2009).


[image: image]

Box 1. Added-value products in biorefining.



As the industry matures, dedicated energy crops are needed that can be cultivated with limited agricultural resources and grown on surplus cropland and on degraded or marginal soils. Under these provisions, fast-growing perennial C4 grasses have been coined as the most promising candidates for the industrial production of lignocellulosic biomass (Hill, 2007; Carroll and Somerville, 2009). Switchgrass and miscanthus are commercially attractive because of their high biomass yields, broad geographic adaptation, climatic hardiness, efficient nutrient use and nitrogen fixation capacities (Sanderson et al., 1996, 2006; Hill, 2007; Yuan et al., 2008; Tilman et al., 2009; Heaton et al., 2010). Since their cultivation is expected to require low mineral-nutrient inputs and pesticides, these crops are also expected to have high net energy gains and major environmental benefits. As breeding in these crops is still in its infancy, there is most likely ample room for improvement.

The success of C4 grasses in the cellulosic ethanol industry will rely on the production of superior cultivars that increase the profitability and competitiveness of the industry while sustainably meeting projected market volumes. Common breeding objectives, regardless of species or cropping system, include increasing stem biomass yields and cell wall polysaccharide content, as well as reducing the recalcitrance of biomass to industrial processing. Cellulosic grasses, particularly those destined to marginal soils, will be required to combine improved resource use efficiency (water and nutrients), broad climatic adaptation and biotic-stress hardiness.

Although, the above mentioned targets are universal, the advances in breeding programs are different for each species and the initial research focus will be species-specific to ensure an important role for each of the C4 grasses in the future cellulosic ethanol industry.

THE CASE OF MAIZE

As the largest crop worldwide in terms of total acreage (FAOSTAT, 2011), maize is expected to play an essential role in the development and wide-scale commercialization of cellulosic fuels (Schubert, 2006; Vermerris, 2009). This requires the breeding of maize as a dual-purpose crop, displaying optimal grain yield and quality characteristics, as well as high stem-biomass yield and improved processing amenability. Lewis et al. (2010) demonstrated that grain yield, agronomic fitness and stover quality were not mutually antagonistic breeding targets, and concluded that current maize breeding programs could incorporate stover traits interesting to the cellulosic ethanol industry without having to resort to exotic germplasm. With a wealth of agronomic and genomic resources, the possibilities of advancing maize as a dual crop with desirable biomass quality characteristics and a high stover yield are plentiful (Carpita and McCann, 2008). Due to the availability of such resources, its use as a forage crop and its widespread cultivation, producing tons of lignocellulosic residues, maize is most likely the best model crop in the research on biomass quality. The primary research goal in maize bioenergy research lies thus in the dissection and understanding of biomass recalcitrance and the targeted manipulation of cell wall composition. In addition, recent research endeavors are also investigating the potential of maize as a dedicated biomass crop with the development of temperate × tropical maize varieties that produce much higher biomass yields, much lower grain yield and accumulate sugar in the stems (White et al., 2011; Dweikat et al., 2012).

THE CASE OF SORGHUM

Sorghum is a unique species, in which both grain-types, sugar-types and biomass-types exist (Rooney et al., 2007; Saballos, 2008; Serna-Saldívar et al., 2012). Together with the availability of its genome sequence, this opens up opportunities for sorghum to become a model crop for research on the production of both first- and second-generation biofuels (Olson et al., 2012). The highest lignocellulose yield potential in sorghum exists in forage sorghums (Vermerris and Saballos, 2012). They may provide a good alternative to perennial cropping systems, as they can provide similar dry matter yields, while offering the advantage of an annual growth cycle with respect to the choice of new planting material and the possibility to make changes in the crop rotation system in use.

Sweet sorghums types are also of interest, in particular in areas where sugarcane is already being produced, as the same equipment and processing facilities can be used. They may provide several advantages over sugarcane in terms of resource use efficiency, abiotic stress tolerance and due to its annual nature and simpler genetics.

Enhancing sorghum as a bioenergy crop can be accomplished through a combination of genetics, agronomic practice and processing technology. A particular research objective in sorghum is to increase the germination of seeds at low temperatures, and the ability of seedlings to withstand low temperatures; these cold-tolerance traits will enable earlier planting and therefore extend the growing season, potentially giving rise to higher biomass yields.

THE CASE OF MISCANTHUS

Miscanthus has a high potential for biomass production over a wide range of climates. However, the triploid hybrid Miscanthus × giganteus is currently the only commercially grown species in the genus. This hybrid, a vegetatively propagated clone, is sterile and lacks genetic variation. It is crucial to broaden the genetic base of the germplasm to be able to extend its geographical adaptation and advance miscanthus for bioconversion and biomaterial applications and as a precaution against potential future infestation with insect pests (Clifton-Brown et al., 2008; Heaton et al., 2010). In addition, being reliant on vegetative propagation, either through tissue culture or through rhizome division, the generation and handling of the planting material of this sterile clone leads to high establishment costs (Christian et al., 2005).

To broaden the genetic variation, attempts are made to resynthesize this interspecific hybrid by making new crosses between its parental species and by searching for more natural hybrids. However, breeding goals are difficult to meet, if the end products of the breeding process are sterile. A way out of this impasse is a focus of the breeding efforts on the development of seed-propagated varieties in genetically stable and fertile species, such as M. sinensis. This is economically attractive, as this will most likely lower the costs of planting material considerably, result in a better establishment and speed up the development of miscanthus as a dedicated biomass crop. The self-incompatibility system in miscanthus allows breeders to fix heterosis in the form of hybrid varieties. Alternatively, the creation of hexapoid M. × giganteus may also provide opportunities for the production of fertile germplasm (Yu et al., 2009).

THE CASE OF SUGARCANE

Sugarcane is one of the most efficient crops in the collecting solar energy and converting it into chemical energy (Tew and Cobill, 2008) and as the largest crop worldwide in terms of tonnes produced (FAOSTAT, 2011), its potential as a biomass feedstock is widely acknowledged. In sugarcane breeding efforts have focused on increasing the yield of stem juice volume and stem juice sugar content. However, as stem yield is positively correlated to stem juice yield, lignocellulose yield has to some extent been indirectly advanced (Singels et al., 2005). Current breeding efforts take several directions: breeding solely for sugar content, breeding for its use as a dual crop (energy cane type I) and breeding solely for biomass yield (energy cane type II) (Tew and Cobill, 2008). These energy canes are being generated possessing a higher percentage of alleles from the high fiber, low sucrose species S. spontaneum (Ming et al., 2006). Moreover, Inman-Bamber et al. (2011) disproved that these types can attain high biomass yields because of a low sucrose content, rejecting the widespread hypothesized feedback inhibition of sucrose content on the efficiency of photo assimilation. Hence, increases in biomass yield through breeding and selection doesn't necessarily come at the expense of sucrose content. Another challenge in sugarcane breeding is its envisioned geographic expansion to more temperate environments. Advances in sugarcane genetics are challenged by its large autopolyploid genome, organized into variable numbers of chromosomes. Hence, the construction of genetic maps and the identification of molecular markers for the targeted traits will play an important role to improve selection of sugarcane varieties and to speed up the breeding process.

THE CASE OF SWITCHGRASS

Switchgrass is adapted to a wide range of climates and efforts to enhance switchgrass for bioenergy purposes benefit from a history of forage breeding (Mitchell et al., 2008). Since switchgrass currently falls behind most of the other crops in terms of lignocellulose yields (section Lignocellulose as primary product), productivity is the single most important objective in switchgrass. Due to the major investments in switchgrass research in the USA and due to the extensive variation present in the species, there is a lot of potential for improvement in this versatile crop.

Significant heritable variation has been shown to exist in biomass yield and related traits (Taliaferro, 2002; McLaughlin et al., 2006; Boe and Lee, 2007). Yield improvements may be achieved in a number of ways. Tiller density and mass per phytomer were shown to have large direct effects on biomass yields in a path analysis, and may have potential as indirect selection criteria for enhancing biomass production in switchgrass (Boe and Beck, 2008). There is a large potential for yield increase through heterosis in upland × lowland crosses, producing hybrid cultivars with up to 40% yield increase compared to the parental lines (Mitchell et al., 2008; Vogel et al., 2010).

As switchgrass seedlings grow slowly in comparison to locally adapted C3 weeds (Parrish and Fike, 2005), earlier emergence and seedling vigor are also deemed important traits to the success of switchgrass as bioenergy crop. Issues with seed dormancy and germination are partly alleviated with seed treatment methods, such as cold storage for 24 months (Haynes et al., 1997), but still remain targets for improvement. Most research is focused on seed size, quality and seedling growth, to enable more successful establishment (Boe, 2003; McLaughlin and Kszos, 2005; Bouton, 2008; Vogel et al., 2010).

FINAL REMARKS

The exploitation of organic residues for the production of cellulosic ethanol may finally become a commercially viable technology, now that research efforts are increasingly devoted to the understanding and improvement of biomass quality. Equally significant is the progress that has been made in the identification and development of dedicated lignocellulose feedstocks. However, we are still far from the ideal of high yielding, resource efficient and stress-tolerant crops that can be sustainably cultivated in diverse environments and produces lignocellulose with a favorable balance of carbohydrates and a low level of recalcitrance. It is important to stress here that it is highly unlikely that a single crop will be able to attend this wide variety of agronomical and physiological requirements. The C4 grasses discussed in this review are envisioned to be the key players in the future supply of lignocellulose, due to their productivity under diverse ecological conditions and because they include both dual-purpose and biomass dedicated crops. Still, their evolutionary relationship and common characteristics may open ways to speed up research progress, for instance through comparative genomics and the exchange of acquired knowledge and resources. As a group C4 grasses are amongst the most promising plants for biofuel production, containing highly productive, resource-use efficient species, harboring great genetic diversity. Maize, miscanthus, sorghum, sugarcane, and switchgrass will all play a central role in the future biomass supply chain for the production of biofuel and other byproducts, and their improvement as lignocellulose feedstock will contribute to the commercial success of the cellulosic ethanol industry.
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Perennials have a number of traits important for profitability and sustainability of a biofuel crop. Perennialism is generally defined as the ability to grow and reproduce in multiple years. In temperate climates, many perennial plants enter dormancy during winter and recycle nutrients, such as nitrogen, to below ground structures for the next growing season. Nitrogen is expensive to produce and application of nitrogen increases the potent greenhouse gas NOx. Perennial bioenergy crops have been evaluated for biomass yields with nitrogen fertilization, location, year, and genotype as variables. Flowering time and dormancy are closely related to the N recycling program. Substantial variation for flowering time and dormancy has been identified in the switchgrass (Panicum virgatum L.) species, which provides a source to identify the genetic components of N recycling, and for use in breeding programs. Some studies have addressed recycling specifically, but flowering time and developmental differences were largely ignored, complicating interpretation of the results. Future studies on recycling need to appreciate plant developmental stage to allow comparison between experiments. A perennial/annual model(s) and more environmentally controlled experiments would be useful to determine the genetic components of nitrogen recycling. Increasing biomass yield per unit of nitrogen by maximizing recycling might mean the difference for profitability of a biofuel crop and has the added benefit of minimizing negative environmental effects from agriculture.
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PERENNIALISM

Providing sufficient biomass to replace a significant portion of fossil fuel use is a major challenge for the bioenergy industry. Bioenergy crops need to be profitable for the grower and environmentally sustainable, while not competing with food crops. Therefore, low productivity land with marginal soils have been targeted as a primary location for growing bioenergy crops.

Certain traits of perennial plants can contribute to the sustainability of a bioenergy industry. Perennials are generally defined as plants that live for many years and reproduce in multiple years (iteroparity), compared to annuals that reproduce once and then die (semelparity). Perennials retain shoots that do not flower at the end of the season, and instead develop and flower the following season (in grasses and other herbaceous temperate perennials these shoots are at the crown of the plant or in underground stems). Perenniality is likely ancestral to the annual growth habit, since flowering plants originated in warmer eras, which permit continuous growth. Dormancy and the annual growth habit are two adaptations that plants have evolved to survive as they adapted to cooler climates over geologic time.

Perennials have certain advantages over annuals as bioenergy crops. Perennials do not require the energy inputs for planting every season. Growing perennials greatly reduces the capacity for erosion and in fact typically increases soil carbon. The increased soil carbon is due to the deep and extensive root systems of certain perennials; such root systems also permit growth in drier regions. Perennials typically require less fertilizer than annual crops. The reduced requirement for fertilizer is particularly apparent in perennials that have evolved a yearly nutrient recycling and shoot “die-back” program as an adaptation to growth in temperate climates. The recycling saves nutrients such as N and P for next seasons growth and results in senescing shoots with lower N and P content, which facilitates biomass processing. One Miscanthus plot has been harvested continually for 14 years with no inputs and no decrease in yield (Christian et al., 2008).

NUTRIENT RECYCLING IN PERENNIAL BIOENERGY CROPS

In preparation for the following season, perennials cease vegetative growth and initiate flowering mid season. In environments that require a period of dormancy during the year (drought/winter), perennials recycle a portion of their nutrients to below ground structures for growth once the dormant period has passed (McKendrick et al., 1975; Clark, 1977; Hayes, 1985; Beale and Long, 1997; Lemus et al., 2008). How recycling is initiated and the factors regulating recycling remain unknown, but optimizing this trait could result in a significant increase in yields while at the same time reducing inputs. Furthermore, nutrient recycling and storage allows for perennial species to initiate growth immediately in the spring outcompeting annuals that need to emerge from seeds and send out roots to acquire nutrients.

One way to increase perennial biomass production is to extend the vegetative phase by delaying flowering and dormancy, but this may also have a negative effect on end of the season recycling. Harvest date has a large effect on biomass quality and stand longevity; later harvest dates increase quality and longevity by allowing the recycling program to be completed (Sanderson et al., 1999; Reynolds et al., 2000; Muir et al., 2001; Mulkey et al., 2006). In practice, it is best to harvest after a killing frost, since any recycling would cease at that point. When biomass was harvested green, N content exceeded 1.5% compared to less than 0.5% if harvested in the winter, and delaying harvest until at least late summer is advantageous for long-term sustainable biomass production (Casler and Boe, 2003; Adler et al., 2006; Heaton et al., 2009).

In most environments, nitrogen and precipitation are the limiting factors for plant growth, and the primary energy input for crops is usually nitrogen fertilizer (Biermann et al., 1999; Monti and Venturi, 2003; Boehmel et al., 2008). Nitrogen is energy intensive to produce and requires energy for application. Applied agricultural nitrogen is also a primary source of NOx greenhouse gases. One study estimated that the NOx produced from fertilizing bioenergy crops would mitigate any potential carbon dioxide decrease, since NOx species are more potent greenhouse gases than CO2 (Crutzen et al., 2008).

With sufficient precipitation, Miscanthus giganteus out produces most other bioenergy crops (Heaton et al., 2009), but the clonal nature and lack of natural variation could be detrimental when challenged with biotic stresses or drought. Native warm-season prairie grasses, such as switchgrass and big bluestem, are two species being developed for sustainable biomass production. These species are native to large regions of North America, and are adapted to the regions where dedicated bioenergy will be grown, and thus there are substantial genetic variations for breeding programs.

Several studies have demonstrated movement of nitrogen from shoots to below ground structures in the later part of the growing season in both switchgrass and big bluestem, sometimes over 50% (Hayes, 1985; Tufekcioglu et al., 2003; Lemus et al., 2008; Yang et al., 2009; Garten et al., 2010). Thus these species have a valuable trait for a dedicated bioenergy crop-robust end of the season N recycling. Additionally, switchgrass, big bluestem, and several other C4 warm-season perennial grasses can recycle of up to 30% of shoot nitrogen during drought, presumably as a protective measure for plant survival (Hayes, 1985; Heckathorn and DeLucia, 1994, 1996). Determining the signals leading to drought induced recycling would enable a comparison to end-of-season recycling.

A number of publications address N application and yield, and a subset are listed in Table 1. Variables in most of the studies include years, N application rate, harvest regime, location, and/or cultivar. While the specific techniques differ, nearly every study observed a decrease in total N in above ground tissue during the second half of the growing season, and in some cases it was directly demonstrated that below ground N content increased (Lemus et al., 2008). At ground level or below ground biomass can be 84% of total plant biomass and consists of the crown, rhizomes (underground stems), and roots, providing a large sink for N storage (Frank et al., 2004). In two studies, it was shown that half of the aboveground N was translocated to rhizomes and roots by the time the plants became dormant (Garten et al., 2010; Kering et al., 2012).

Table 1. Studies investigating N dynamics and yield in switchgrass.
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From an agronomic point of view, robust recycling will allow for a lower rate of N application, while generating good yields of biomass. Many studies show a positive correlation of increased biomass with increasing N application (Table 1, Bold). These studies also establish that higher rates of N application lead to increases of N in harvested tissue and a decrease in the amount of biomass produced per gram of N applied (Staley et al., 1991; Muir et al., 2001; Vogel et al., 2002; Lewandowski et al., 2003; Mulkey et al., 2006; Lemus et al., 2008; Guretzky et al., 2011). For example, in Guretzky et al. (2011), application of 225 kg Nha-1 increased switchgrass biomass by 85%, yet N content of harvested biomass increased by 182%, compared to no N applied. Thus robust N recycling will produce biomass with less N, mitigating some of the environmental damage caused by NOx resulting from N application.

One complication of interpreting N use studies is the age and developmental stage of the plants, because results will be affected by both plant size and developmental stage and the impact of developmental stages on physiological/biochemical analyses can be larger than genetic differences in herbaceous annual crops. Using a developmental index, such as that developed by Moore et al. (1991), allows for comparison across genotypes and studies. Recently, a standardization protocol for switchgrass sample collection has also been developed (Hardin et al., 2013). Determining the maximum and minimum N content in the plant is key to determining resorption efficiency. The maximum value is likely to be at the initiation of reproductive structures, presumably before whole plant senescence begins. In addition, there are overall mass decreases at the end of the season, due to carbohydrate depletion and translocation, thus corrections need to be made to get an accurate N recycling estimate (Van Heerwaarden et al., 2003; Heaton et al., 2009).

Many studies have also evaluated natural genetic variation for N recycling in switchgrass. However, large environmental effects often masked possible genetic contributions, or too few genotypes were included for a robust analysis. Yang et al. (2009) looked at 31 accessions, but the plants were at different developmental stages when harvested complicating interpretation of the results. Experiments designed to specifically address genotype differences for N recycling have focused on differences between upland and lowland cultivars, the two major switchgrass cytotypes, with lowland accessions appearing to have greater N recycling (Porter, 1966; Yang et al., 2009). Recent work has shown that gene flow does occur between upland and lowland cultivars, despite differences in flowering time (3–4 weeks), which provides a mechanism for generating allelic variability (Zhang et al., 2011).

FLOWERING TIME AND DORMANCY IN SWITCHGRASS

Determining the factors that affect flowering time and dormancy in switchgrass is likely to be difficult, due to the extensive natural variation and genetic complexity within the species. Environmental factors to be considered include temperature and precipitation, which are variable from year to year, and photoperiod. Common garden experiments show that ecotypes of switchgrass are locally adapted, and the timing of reproductive development is correlated to the length of the local growing season (Cornelius and Johnston, 1941; Eberhart and Newell, 1959; McMillan, 1959, 1965; Hopkins et al., 1995; Sanderson and Wolf, 1995; Casler et al., 2004, 2007b; Berdahl et al., 2005; Casler, 2005). Variation also exists for leaf appearance rate, and end-of-season dormancy (Figure 1), all of which influences the length of active growth and biomass accumulation (McMillan, 1959; Van Esbroeck et al., 1997, 2004).
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FIGURE 1. Switchgrass varieties in a common garden with differences in senescence.



Spring emergence begins the growing season and is mostly a function of temperature (Sanderson and Wolf, 1995). McCarty (1986) showed that in native fields there was more annual variation in spring emergence than anthesis. However, there is a genetic component since the Alamo cultivar is the first to emerge in the spring in common garden experiments, and northern ecotypes are delayed compared to southern ecotypes (Hsu et al., 1985; Parrish and Fike, 2005).

Vegetative growth creates the greatest biomass accumulation and ends with initiation of floral development. Vegetative growth is also influenced by temperature, with lower temperatures increasing the duration of the vegetative stage (Benedict, 1940; Sanderson and Wolf, 1995). There is also variability among switchgrass cultivars for photoperiod sensitivity in the vegetative stage; in some cultivars flowering is inhibited by short days. For example, Alamo, a southern lowland, had twice the length of vegetative growth compared to CIR (Cave-In-Rock), an upland variety from Illinois (Sanderson et al., 1996; Van Esbroeck et al., 2003). The photoperiod effect also explains the cessation of vegetative growth observed in northern cultivars in early summer when grown in southern locations (Sanderson et al., 1996).

Benedict (1940) showed that a single ecotype of switchgrass flowered under short-day conditions (10 h), but not in long-day conditions (18 h), thus classifying switchgrass as a short-day plant. In a common garden experiment, McMillan (1959) demonstrated substantial variation for floral initiation within and between eight switchgrass populations from different locations. In a native field experiment over 15 years, anthesis was largely controlled by photoperiod, with little year to year variation (McCarty, 1986). Hopkins et al. (1995) demonstrated the strong photoperiod effect with Midwestern accession having nearly identical heading dates for 2 years at three locations with similar latitude. However, within population variability also exists since natural populations contain plants entering anthesis over a 3 week period (Jones and Brown, 1951).

Development and flowering time in switchgrass has been recorded in a number of studies, which reveal latitudinal adaptation reflected by higher survival rates among local populations in reciprocal transplant experiments (Sanderson et al., 1999; Casler et al., 2004). Thus, flowering time or maturity is highly variable among switchgrass varieties, with photoperiodic differences along a north–south gradient (McMillan, 1959; Casler et al., 2004, 2007b; Casler, 2005). There also appears to be variability in the length of the flowering period with northern clones having 1 week between inflorescence exsertion and initial anthesis, while southern clones took 4–6 weeks (McMillan, 1959). One study (Van Esbroeck et al., 2003) showed that “photoperiod did not appear to affect the initiation of reproductive development but rather the period of panicle exsertion.”

The evidence from multiple studies indicates that the two major cytotypes of switchgrass, upland, and lowland, have differences in photoperiod sensitivity. For example, CIR, an upland northern cultivar, showed the largest response to an artificially extended photoperiod (18 h) in a greenhouse with an increased yield of 129 and 98% in two trials, while Alamo showed no change (Van Esbroeck et al., 2003). In general in common garden experiments, lowland ecotypes have a heading date 2–4 weeks later than upland types (Casler et al., 2004; Cortese et al., 2010). In work from Taliaferro (2002), heading date was recorded for 113 switchgrass germplasms with variable flowering time [167–257 Days Of Year (DOY) (Taliaferro, 2002)]. Grouping accessions according to cytotype and ploidy generates three significantly different groups (Lowland4×, Upland4×, Upland8×) when evaluating heading data (P = 0.0002), however, most variation is within each class (Figure 2). Using additional descriptive parameters for Cluster analysis, such as morphological differences, generates nine core groups, and the ANOVA in Figure 2 shows the extensive natural variability of heading dates for eight of the groups (one group, DOY248 and DOY257, is excluded due to sample size n = 2). On average the photoperiod effect results in 0.8 day earlier heading for each degree north a switchgrass population is moved (Casler et al., 2007b).
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FIGURE 2. ANOVA (Analysis of Variance) of heading date for 113 switchgrass germplasms. Left: three groups based upon cytotype and ploidy (Lowland4×, Upland4×, Upland8×). Right: eight groups based upon cytotype, ploidy, and morphological characteristics.



Flowering time has a large influence on biomass yield, with southern (lowland) varieties producing 2–3× more phytomers (root and shoot meristems) compared to northern (upland) varieties when grown in their native locations, partially related to a longer growing season (Casler, 2012). The strong adaptation gradient results in some lowland varieties never flowering at northern locations and lacking cold tolerance, and upland varieties being heat intolerant and flowering too early for maximal biomass in southern locations (Sanderson et al., 1999; Casler et al., 2004, 2007a). In fact most switchgrass varieties are well adapted to their local environment and cannot be moved more than one hardiness zone without adverse affects on productivity and survival (Casler et al., 2004). The genetic parameters that control flowering are unknown and investigation into the endogenous and exogenous factors influencing flowering time will be valuable for developing region-specific cultivars. Very few of the studies in Table 1 acknowledge flowering time differences; thus, to relate the data from different studies, samples should be collected at a uniform stage of development, and flowering time data on cultivars and locations are needed to identify the genetic components controlling N recycling.

End-of-season dormancy is especially important for N recycling. Among C4 species, McMillan (1965) noted that “early flowering switchgrass and big bluestem from the northern USA exhibited earlier dormancy than ecotypes originating in southern USA.” In photoperiod experiments with multiple accessions, 12.5 h of light affected the two earliest flowering ecotypes differently, with clones from Minnesota going dormant while clones from Colorado continuing vegetative growth. Castro et al. (2011) determined that the photoperiod at emergence was key for the timing of dormancy, and growing upland cytotypes in 24 h of light prevented dormancy. Thus there is natural variation for photoperiodic-induced dormancy with northern ecotypes having a greater response to photoperiod, likely as a mechanism to avoid freeze damage (Benedict, 1940; Van Esbroeck et al., 2004).

Photoperiod sensitivity has an influence on nearly every stage of development, and there is substantial natural variation that can be utilized for breeding and identification of the molecular components controlling photoperiod sensitivity. Together, these studies show that photoperiod sensitivity not only varies among cultivars, but also varies with developmental phase. Increasing photoperiod insensitivity could increase yield in northern ecotypes provided proper nutrient recycling can be maintained.

CURRENT AND FUTURE DIRECTIONS

The effects of a nitrogen gradient on root architecture were evaluated in two Brachypodium accessions where heritable differences in root system architecture were dependent on N concentration (Ingram et al., 2012). However, evaluating growth of eight divergent Brachypodium accessions grown under eight different N concentrations failed to identify accession differences, and final N content was mostly influenced by flowering time, with later flowering accessions producing more leaves and thus having more total N (Schwartz and Amasino, unpublished). Since Brachypodium is an annual plant, both of these experiments more likely address N uptake, and not internal N recycling.

Investigating N recycling would be greatly facilitated by identifying a high-throughput and genetically amenable system to study that has robust end-of-season recycling. A perennial model system would enable the study of N recycling to the crown and roots. Hopefully such a model could undergo the yearly life cycle in a highly controlled environment (greenhouse) or in common garden experiments, thus reducing the environmental variation for identification of genetic differences. Reciprocal transplant experiments are another method to identify genetic variability. To thoroughly investigate perennialism and manipulate perennial traits, however will likely require multiple systems to investigate due to general variability for this trait (i.e., the temperate perennial life history probably arose independently multiple times).

Determining what cues initiate N recycling in perennials and how the recycling rate is controlled will be key to manipulate N recycling. Both annuals and perennials have the ability to recycle nitrogen for growth throughout the season, but temperate perennials differ by having two sinks for translocating N at the end of the season, the seeds (acropetal) and the crown/root system (basipetal). Thus some exogenous or endogenous factor promotes translocation downward in perennials in the second half of the growing season. The trigger could be the initiation of flowering, and/or changes in photoperiod, or simply robust growth in the crown and roots, which creates a sink. Determining how the crown and roots become a sink for nutrients is imperative to tailoring N recycling for specific crops and environments.

To make a substantial contribution to the bioenergy field, it will be important to identify the genetic basis of N dynamics. One study using a cross between perennial and annual rice discovered a transcription factor (Rhz3) required for rhizome growth (Hu et al., 2003). Determining the effects and manipulating expression of this gene in annual and perennial species may provide insight into the role of rhizomes in N recycling. Genetic differences might also be identified by tissue-specific expression studies. For example, a developmental profile of rhizomes over a season might help assess their role in N recycling, and how that sink is activated mid season.

Intraspecific crosses between upland and lowland cultivars show hybrid vigor (heterosis) for many traits, including biomass, indicating a rich source of genetic variation in switchgrass (Casler, 2012). Analyses of segregating populations derived from such wide crosses may be one strategy to make progress in understanding biomass traits at the molecular level.

The N dynamics of a given species in a given environment may be a critical factor in biofuel profitability. Future genetic and biochemical studies of N recycling and the control of the initiation of flowering and dormancy have great potential to increase the yield and sustainability of bioenergy crops.
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Focus has centered on C-partitioning in stems of sugarcane (Saccharum sp.) due to their high-sucrose accumulation features, relevance to other grasses, and rising economic value. Here we review how sugarcane balances between sucrose storage, respiration, and cell wall biosynthesis. The specific topics involve (1) accumulation of exceptionally high sucrose levels (up to over 500 mM), (2) a potential, turgor-sensitive system for partitioning sucrose between storage inside (cytosol and vacuole) and outside cells, (3) mechanisms to prevent back-flow of extracellular sucrose to xylem or phloem, (4) apparent roles of sucrose-P-synthase in fructose retrieval and sucrose re-synthesis, (5) enhanced importance of invertases, and (6) control of C-flux at key points in cell wall biosynthesis (UDP-glucose dehydrogenase) and respiration (ATP- and pyrophosphate-dependent phosphofructokinases). A combination of emerging technologies is rapidly enhancing our understanding of these points and our capacity to shift C-flux between sucrose, cell wall polymers, or other C-sinks.
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Sugarcane (Saccharum sp.) is a large, perennial grass, mainly grown in tropical or subtropical regions for sugar and recently also for biofuel production. In the past 20 years, sugarcane has gained increased global prominence because of its superior potential for use as an alternative renewable energy source. Sugarcane belongs to the Poaceae family and is a member of Andropogoneae tribe, along with maize and sorghum. As a C4 plant, sugarcane is one of the most efficient crops in converting solar energy into chemical energy. Carbon (C) partitioning is a critical process in distributing the chemical energy converted by plant through photosynthesis. Generally, photosynthesis and C assimilation occur in chloroplasts of leaf mesophyll cells and additionally in bundle sheath cells in C4 plants. The C fixed during photosynthesis is converted into sugar or sugar derivatives in photosynthetic source cells then is distributed to distal sink cells. After long distance transportation in phloem, the sugars are imported in sink tissues and undertake two different fates: consumption and storage (Poorter and Villar, 1997). Typically about 35–40% of sugars (Hall and Rao, 1999) are consumed by the living cells to provide energy for cell growth, including cell expansion, division, differentiation, nutrient uptake, and maintenance during plant development. Some portion present in cells as metabolic intermediates such as simple sugars, amino acids, organic acids, etc. The remaining sugar can be stored as such in vacuoles or fixed in polymers that can either be remobilized (such as starch in plastids), or added to structural biomass (such as cellulose, hemicelluloses, and lignin).

THE SOURCE-SINK SYSTEM IN SUGARCANE

Sugarcane, primarily used for sugar production, has a unique source-sink system. Its stem sinks store photosynthate as soluble disaccharide, sucrose, which can reach exceptionally high concentrations, up to 650 mM (Welbaum and Meinzer, 1990) or 18% of stem fresh weight in commercial sugarcane varieties (Inman-Bamber et al., 2011). In contrast, most other plant stems store C as insoluble polysaccharides such as starch or cellulose with a low concentration of sucrose. During sugarcane maturation, the fate of assimilated C shifts from that of insoluble and respiratory components, to sucrose, an osmotically active storage solute (Whittaker and Botha, 1997). Another distinctive feature of sugarcane is that sucrose storage occurs in the stalk (culm) parenchyma cells (Rae et al., 2005a, b; Uys et al., 2007) and not in terminal sink organs such as tubers, grains, or fleshy fruits. Furthermore, unlike many other systems, sugarcane accumulates sucrose both inside and outside the cells, in the symplast and apoplast, respectively (Welbaum and Meinzer, 1990).

During development, sucrose synthesized in photosynthetic sugarcane leaves is translocated via phloem to stem internodes (Figure 1), including both immature stem internodes, the meristematic growth sink and mature internodes, the storage sink. In many plants, meristematic sinks are source-limited and storage sinks are sink-limited (Smith and Stitt, 2007). If true for sugarcane, the immature stalks would be constrained by the extent of available photosynthate, while the mature sugarcane stalks would be limited by their capacity to import sucrose from leaves. Sucrose accumulation in sinks depends on the size and activity of sinks, and this in turn can enhance photosynthate production by relieving feedback repression at metabolic and transcriptional levels (Koch, 1996; McCormick et al., 2008). During maturation of commercial sugarcane cultivars, the leave photosynthetic activity decreases significantly, as culm sucrose content increases (McCormick et al., 2008, 2009) probably indicating sink regulation of source capacity (Watt et al., 2005; McCormick et al., 2006), though nitrogen deficiency in mature sugarcane leaves sometimes also causes photosynthesis depression.
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FIGURE 1. Process diagram for sucrose movement and metabolism in sugarcane from its synthesis in source leaves to its deposition in stems. Sucrose movement is shown with green arrows, and its subsequent metabolism and compartmentalization with narrow black arrows. Transporters are shown with blue ovals, cell wall is designated with a wide tan circle, and the vacuole is shown in orange. Sucrose synthesized in photosynthetic leaves is translocated in phloem to stem parenchyma cells, where its post-phloem transfer can follow two paths: symplastic (through plasmodesmata, as thought to predominate in the mature sugarcane internodes) and/or apoplastic (through the cell wall space considered a possible contributor earlier in sugarcane stem growth). Sucrose can move unaltered to storage parenchyma by either path, but apoplastic transfer could involve sucrose hydrolysis to hexoses by cell wall invertase. Both hexoses and sucrose then enter parenchyma cells via transporters. Hexoses can also form from sucrose inside cells by either neutral invertases in the cytoplasm, or vacuolar acid invertases. Sucrose is stored both in vacuoles and cell wall space, the balance between them including transporters and sucrose release to the apoplast. Internal sucrose supplies and partitioning to competing C-sinks also involves balance with UDP-Glu (UDP-glucose), a precursor for cell wall biosynthesis. Key reactions include the reversible SuSy (sucrose synthase), SPS (sucrose-P-synthase), and SPP (sucrose-P-phosphatase) reactions, all having central roles in sugarcane storage cells and operating as shown.



Sucrose can be rapidly sucrose breakdown for respiration and then re-synthesized in sinks, which allows for a dynamic balance between storage and respiration or other uses (Wendler et al., 1990). During the sucrose degradation and re-synthesis cycle, C is partitioned into other competing metabolic sinks including respiratory pathways, cycling through hexos pools, organic acids and amino acids, proteins and cell walls (Botha et al., 1996; Whittaker and Botha, 1997). Extent of each depends on developmental changes in capacities of different sinks, feedback from sinks on photosynthetic rates, and level of sucrose supplies from source leaves (Hofmeyr and Rohwer, 2011). Typically, immature sugarcane tissues partition considerable C into protein and fiber, whereas mature culms partition C mainly to sucrose storage (Bindon and Botha, 2002). At the whole-plant level, the rapid metabolism of sucrose in sink tissues allows for quick responses to shifts in sucrose supply and demand, as well as enhancing the constant sink strength, which can aid continuity in removal of photoassimilates from source leaves and help minimize sugar repression of photosynthesis (Krapp et al., 1993; Koch, 2004).

Diverse means have therefore been employed to increase the sink strength of sugarcane stems. One of these is transformation of a bacterial sucrose isomerase (SI) gene in sugarcane to convert sucrose to isomaltulose, a metabolite not native to higher plants. When the bacterial SI was targeted to the vacuole in transgenic sugarcane, about 50% of the total sugar in mature culms was recovered as isomaltulose (Wu and Birch, 2007). Since sucrose accumulation continued in SI transgenic sugarcane, the total sugars (sucrose + isomaltulose) nearly doubled in some instances. Further detailed characterization of the transgenic line cell cultures illustrated multiple changes consistent with greater sugar accumulation including reduced activities of extracellular invertase, symplastic sucrose-cleavage enzymes, increased sucrose biosynthesis, possibly coordinated through the trehalose-6-phosphate and sucrose-non-fermenting-1-related protein kinase 1 (Wu and Birch, 2010). This “sugarbooster” effect did not reduce partitioning to cell wall constituents (Wu and Birch, 2007, 2010). A similar effect was also achieved by over-expressing a fructosyl-transferase gene from the Cynara scolymus in transgenic sugarcane. Resulting plants converted 78% of culm sucrose to fructans, which led to a 63% greater total sugar content (Nell, 2007). These studies showed that additional metabolic sinks for sucrose could increase sink capacity, and lead to expected enhancement of photosynthesis and overall sugar accumulation (Koch, 1996, 2004).

SUCROSE ACCUMULATION IN SUGARCANE

Sucrose can be synthesized in both photosynthetic and storage cells by sequential action of two enzymes: sucrose phosphate synthase (SPS) and sucrose phosphate phosphatase (SPP). The SPS reaction forms sucrose-P from fructose-6-P and UDP-glucose (UDP-Glu), and proceeds strongly in the synthetic direction due to rapid conversion of sucrose-P to sucrose by SPP (Botha and Black, 2000). In sugarcane, SPS activity correlates with sucrose content in diverse genotypes (Grof et al., 2007), though over-expression of SPS alone in transgenic sugarcane plants has not led to improved sucrose yields (Vickers et al., 2005).

Despite its name, the reversible reaction of sucrose synthase (SuSy) operates primarily in the degradative direction in vivo. Sucrose is cleaved into fructose and UDP-Glu, typically used for a combination of respiration and polymer (starch or cell wall constituents) biosynthesis (Lingle and Smith, 1991; Buczynski et al., 1993). SuSy is active in young internodes of sugarcane stems (Goldner et al., 1991; Schafer et al., 2004), and is negatively correlated with sucrose and positively correlated with hexose levels (Verma et al., 2011). Over-expression of a cotton SuSy gene in poplar enhanced C-partitioning to cellulose synthesis and altered the cell wall crystallinity (Coleman et al., 2009).

Sugarcane culms deposit sucrose in both the stem parenchyma cell vacuoles and the apoplast surrounding these cells (Figure 1). Parenchyma cells in mature sugarcane stalks can accumulate sucrose to levels having an osmotic potential of -2.2 MPa (Welbaum and Meinzer, 1990). Therefore, these cells have adapted to a potentially wide range of turgor, which may be under systemic regulation. The increased turgor in parenchyma cells may induce sugar release back into apoplast as part of a dynamic equilibrium between uptake and turgor-induced leakage (reviewed by Moore, 1995). One mechanism of turgor regulation could be to partition a fraction of cell solutes into the apoplastic space, allowing storage tissue to maintain a low gradient of solute concentrations between the apoplastic and symplastic compartments. This scenario could easily include the emerging roles of SWEET-type transporters for facilitated equilibration across membranes (Chen et al., 2012). Apoplastic back-flow of sucrose to the xylem and phloem would be minimized by the presence of a barrier to solute movement provided by the suberized, lignified sclerenchyma cells surrounding vascular bundles (Walsh et al., 2005). Xylem sap contains no detectable sucrose despite its traversing these storage tissues (Welbaum et al., 1992).

Sucrose is transferred from phloem to storage cells in the culm, probably through both the symplast and apoplast (Rae et al., 2005a, b; Figure 1) and predominantly the symplast in mature internodes (Patrick, 1997; Patrick et al., 2013). The subsequent compartmentation of sugars between the apoplast, cytosol, and vacuole is an important feature of storage in sugarcane stem’s parenchyma cells (Rae et al., 2009). Sucrose unloaded from phloem into the apoplast can follow two paths to vacuoles of parenchyma cells (Figure 1). In one path, sucrose is transported directly into parenchyma cells by sucrose transporters of the plasma membrane, then into the vacuole, mostly under low turgor conditions. In the other path, sucrose in the apoplast is hydrolyzed by apoplastic acid invertase into glucose and fructose. These in turn are transported by hexose carriers, with sucrose re-synthesis occurring in the cytoplasm prior to vacuolar storage (Figure 1).

Transporters of the plasma membrane appear to play an important role not only in phloem loading and unloading, but also in transferring sucrose between apoplastic and symplastic compartments (Riesmeier et al., 1994; Burkle et al., 1998; Braun and Slewinski, 2009; Chen et al., 2012). A survey of thousands of transcript sequences from maturing sugarcane culms revealed that transcripts for sugar metabolizing enzymes are relatively rare in maturing culms while transcripts for sugar transporters are very abundant (Carson et al., 2002; Casu et al., 2003). Also, mRNAs for a ShSUT1 transporter gene of a sugarcane hybrid were abundant in both source leaves and sink stems actively accumulating sucrose (Rae et al., 2005a, b). The presence of these ShSUT1 transcripts at the periphery of the vascular parenchyma and mestome sheath cells, instead of in the phloem itself, is consistent with a role other than that of direct phloem loading. Instead, their function may contribute to a biochemical barrier that inhibits sucrose apoplastic back-flow out of tissues and also aid retrieval of sucrose released to the apoplast (Rae et al., 2005a, b, 2009). The ShSUT1 gene product may thus have a role in the partitioning of sucrose between vascular tissue and storage sites in sugarcane stem parenchyma cells (Reinders et al., 2006).

In addition to the genes noted above for sucrose synthesis and transport, those encoding invertases have been suggested as key regulators for sucrose accumulation in sugarcane stem. There are three types of invertases: neutral invertases in the cytoplasm, insoluble acid invertases in the cell wall space, and soluble acid invertases in the vacuole. Soluble acid invertase activities are usually high in rapidly growing tissues, such as root apices and immature stem internodes. In sugarcane, soluble acid invertase is most active in immature internodes that accumulate the least sucrose, and minimally active in maturing internodes with high sucrose content. Although suppression of the soluble acid invertase also increased sucrose content in sugarcane suspension cell culture (Ma et al., 2000), a similar response was not evident for the overall sucrose content of mature, transgenic sugarcane plants (Botha et al., 2001). The balance between soluble acid invertase and SPS activities influences the sucrose accumulation in sugarcane internodes, favoring sucrose storage when SPS predominates given soluble acid invertase at below critical threshed concentration (Zhu et al., 1997).

Effects of down-regulating neutral invertase activity reduced by 40% were also tested in transgenic lines (Rossouw et al., 2010). Both sucrose and hexoses content rose. Specifically, sucrose content increased by 25 and 14% in the immature and mature culms, respectively, but this benefit was outweighed by a severe reduction in plant vigor (Rossouw et al., 2010). The reduced neutral invertase in these stems appeared to be compensated by an increase in SuSy activity (Rossouw et al., 2010).

Cell wall invertase is often considered a gateway for the entry of sucrose into the cells of juvenile tissues that have an apoplastic path of phloem loading (reviewed by Moore, 1995). Increases in cell wall invertase activity are associated with higher sucrose content in sugarcane (Lingle, 1989). Greater cell wall invertase activity in high-sugar genotypes may operate by enhancing sucrose unloading into the internode tissue (Chandra et al., 2012).

CARBON PARTITIONING TO CELL WALL SYNTHESIS

Though sucrose content in the sugarcane culm ranges from 14 to 42% of the culm dry weight (Whittaker and Botha, 1997), the majority of carbohydrate in sugarcane is lignocellulose, a major component in the cell wall. The latter may ultimately be a more effective for C reservoir, since they rarely re-enter active metabolism, and have less osmotic effect on cells than would sucrose. As cell elongation and sucrose accumulation ceases in the maturing sugarcane internodes, there is a major increase in cell wall thickening and lignification (Botha and Black, 2000). The predominant polysaccharide component in culm cell walls is cellulose (Lingle et al., 2008; Sainz, 2009). Cellulose accounts for 28–30% of the above-ground dry matter in typical forage grasses (Theander and Westerlund, 1993), 42–45% in wood (Smook, 1992), and about 42–43% in sugarcane and energy cane cultivars (Kim and Day, 2011). As the most abundant reservoir of C in nature, cellulose and other polymers can be prominent competing sinks for C in sugarcane.

Cellulose is a strong, essentially irreversible C-sink in plants (Manners, 2011). Cellulose synthesis is catalyzed by enzyme complexes of cellulose synthase (CesA), arranged in rosette formations at the bases of growing cellulose fibrils. The CesA reactions are coordinated with those of SuSy that operates in the degradative direction in supplying UDP-Glu substrates at cellulose synthesis sites. CesA mutants of Arabidopsis that result in disassembled CesA complexes show reduced cellulose synthesis capacity, defective elongation growth, and collapsed xylem elements (Arioli et al., 1998). Balanced C-partitioning to cell wall biosynthesis is thus essential. Elevated SPS activity is consistently correlated with high rates of cellulose synthesis and secondary wall deposition, since SPS would allow re-synthesis of sucrose substrate for cell wall biosynthesis and retrieval of any excess fructose produced during the path to cellulose formation (Babb and Haigler, 2001). A decreased cellulose synthetic capacity is often partly compensated by increases in production of cell wall pectin and hemicellulose (Sato et al., 2001). During culm maturation in sugarcane, the cellulose synthesis is regulated through coordinated expression of diverse genes and gene families including those encoding cellulose synthases, cellulose synthase-likes, enzymes for lignin biosynthesis, and a range of other genes identified in clusters from expression profiles of different tissues (Casu et al., 2007).

Potential for altering C-partitioned to respiration in sugarcane has also been explored by transgenic manipulation of a regulatory point in glycolysis. Two enzymes in plant: ATP-dependent phosphofructokinases (PFK) and pyrophosphate-dependent pyrophosphate: fructose 6-phosphate 1-phosphotransferase (PFP), operate glycolysis at such a point, both forming fructose 1,6-bisphosphate. Modification of either enzyme could potentially divert hexose phosphates to respiratory pathways. Whole transgenic sugarcane stalks with reduced PFP had enhanced sucrose and fiber content when young (Groenewald and Botha, 2008). The partitioning to sucrose was no longer evident at maturity, presumably because metabolite equilibration had followed age-related decreases in glycolytic rates. However, results did demonstrate that PFP activity may constrain sucrose accumulation in immature internodes by regulating ratios of hexose phosphates to triose phosphates, and thus support a critical role for this enzyme in glycolytic C flow (van der Merwe et al., 2010). A kinetic model investigating the effect of enzyme level changes on sucrose partitioning inferred that sucrose synthesis and storage is mostly depended on one of SuSy isozymes and the SuSy isozymes are negatively controlling both PFK and PFP over sucrose storage flux (Uys et al., 2007). Other avenues for modulating this process include the ATP-dependent PFK and pyruvate kinase reactions, but both steps are tightly regulated. Effective manipulations to increase metabolic flux will need to include both the removal of feedback control and increased demand for C.

UDP-Glu, a nucleotide sugar central to diverse pathways of polysaccharide biosynthesis, leading to starch, cellulose, and others is another point of potential manipulation. About 10 major monosaccharides in cell wall polymers are converted from glucose through UDP-Glu related interconversion pathways. UDP-Glu is thus the precursor for most cell wall polysaccharides such as cellulose, hemicellulose, and callose (Gibeaut, 2000; Kleczkowski et al., 2004; Joshi and Mansfield, 2007). UDP-Glu is also the substrate for sucrose synthesis by SPS. To reduce use of UDP-Glu for cell wall biosynthesis, transgenic sugarcane was used to down-regulate UDP-Glu dehydrogenase activity, which catalyzes conversion of UDP-Glu to UDP-glucuronate, a precursor for both hemicelluloses and pectin formation (Bekker, 2007). Increases in both sucrose accumulation and SPS activity suggested an altered C-flux toward sucrose. Anticipated decreases in cell wall components were not observed, possibly due to partial compensation by activation of the myoinositol oxygenation pathway for cell wall precursor synthesis (Bekker, 2007). The mechanisms regulating cell wall biosynthesis and source-sink relations in sugarcane will be crucial constituents of any efforts to alter C-partitioning between fiber and sugar in the culm.

CONCLUDING REMARKS

Sucrose synthesis in source tissue, its translocation, and its partitioning between storage, respiration, and biosynthesis are systemically coordinated in plants (Ayre, 2011). Although considerable effort has been made to understand C-partitioning in sugarcane, the biochemical process is far from fully understood. Challenges have included its complex genome, high polyploidy level, and limited genome resources, all of which have hindered forward genetics studies. With the advance of high throughput DNA sequencing, development of gene-expression technologies, and enrichment of genetic/genomics resources for Saccharum, the regulatory networks of C-partitioning in different sinks of sugarcane can be elucidated systematically. Translational genomics and other comparative tools will also allow advances in other systems to be used for developing testable hypotheses in sugarcane and vice versa. The hybrids between high sucrose sugarcane cultivar and S. spontaneum with low sucrose content and high fiber content have a range of sugar to fiber ratios and this genetic variation could also provide insights into how carbon is partitioned between sucrose and fiber. Future research can be aimed at understanding the molecular and physiological processes underlying accumulation of sucrose and lignocellulosic biomass, as well as manipulation of the balance between them.
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Tropical C4 grasses from the genus Miscanthus are believed to have great potential as biomass crops. However, Miscanthus species are essentially undomesticated, and genetic, molecular and bioinformatics tools are in very early stages of development. Furthermore, similar to other crops targeted as lignocellulosic feedstocks, the efficient utilization of biomass is hampered by our limited knowledge of the structural organization of the plant cell wall and the underlying genetic components that control this organization. The Institute of Biological, Environmental and Rural Sciences (IBERS) has assembled an extensive collection of germplasm for several species of Miscanthus. In addition, an integrated, multidisciplinary research programme at IBERS aims to inform accelerated breeding for biomass productivity and composition, while also generating fundamental knowledge. Here we review recent advances with respect to the genetic characterization of the cell wall in Miscanthus. First, we present a summary of recent and on-going biochemical studies, including prospects and limitations for the development of powerful phenotyping approaches. Second, we review current knowledge about genetic variation for cell wall characteristics of Miscanthus and illustrate how phenotypic data, combined with high-density arrays of single-nucleotide polymorphisms, are being used in genome-wide association studies to generate testable hypotheses and guide biological discovery. Finally, we provide an overview of the current knowledge about the molecular biology of cell wall biosynthesis in Miscanthus and closely related grasses, discuss the key conceptual and technological bottlenecks, and outline the short-term prospects for progress in this field.
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BACKGROUND

Despite the wide variability of quantitative estimates, studies aimed at assessing bioenergy potentials consistently suggest that lignocellulosic biomass is expected to become a major global source of renewable energy, thereby significantly reducing dependency on fossil fuels (Berndes et al., 2003; Sims et al., 2006; Carroll and Somerville, 2009; Bentsen and Felby, 2012). As a result of substantial government support and interest from the private sector (Sims et al., 2010), active research programmes worldwide are targeting a large number of phylogenetically and ecologically diverse plant species, and genomics approaches are playing an increasingly prominent role in informing crop development (Rubin, 2008; Feltus and Vandenbrink, 2012). However, making products derived from second-generation (i.e., lignocellulose-based) energy crops economically competitive will require major breakthroughs both in increasing dry biomass yields on low-value lands and in optimizing the efficiency of biomass conversion procedures (Sims et al., 2010; Feltus and Vandenbrink, 2012).

Tropical C4 grasses from the genus Miscanthus are among the most promising second-generation energy crops (Carroll and Somerville, 2009; Feltus and Vandenbrink, 2012). This is because of their potentially very high productivity and low requirements for agricultural inputs (Clifton-Brown et al., 2004, 2007). Several public and private breeding programmes in East Asia, Europe and North America are therefore aiming to create Miscanthus hybrids and varieties that (i) are high-yielding and well-adapted to a range of climatic and edaphic conditions, (ii) can be established at low costs (i.e., ideally by seed) and (iii) have optimal cell wall characteristics for conversion. Because progress with the fundamental understanding and modeling of the former two groups of traits has recently been summarized elsewhere (e.g., Hastings et al., 2009; Clifton-Brown et al., 2011; Jensen et al., 2011, 2013; Robson et al., 2011, 2012), this review will focus on current knowledge about cell wall biosynthesis in Miscanthus and the prospects of developing detailed molecular genetic and biochemical models that would help reduce recalcitrance to biomass conversion.

CELL WALL BIOCHEMISTRY AND PHENOTYPING

GRASS CELL WALLS

Cell walls are strong flexible composites of polymers that maintain the structural integrity of the cell. Most plant biomass, consisting primarily of cellulose, hemicellulose and lignin, contains on average approximately 30–50%, 10–40%, and 5–30% by weight of these cell wall polymers, respectively (McKendry, 2002). The primary cell wall is laid down outside of the cell membrane as a layered structure, and secondary cell wall thickening occurs between the primary wall and the cell membrane. The primary cell wall is thin and flexible, allowing new growth and cell extension to take place. Primary cell walls of grasses contain higher proportions of cellulose, negligible amounts of pectin (1–2%), and substantial amounts of cell wall-bound hydroxycinnamic acids (up to 3% of p- coumaric acid and up to 4% of ferulic acid) compared to dicot species (Grabber et al., 1995; Waldron et al., 1996; Vogel, 2008; Allison et al., 2009b). Cellulose, in the form of microfibrils, is embedded in a hydrated matrix of hemicelluloses. Cellulose microfibrils can be exceedingly long and are formed from many semi-crystalline chains, each comprising 500–14,000 D-glucose monomers joined linearly by β1−4 linkages (Delmer and Amor, 1995).

Hemicelluloses are a heterogeneous group of polysaccharides that have β-(1→4)-linked backbones of glucose, mannose, or xylose. Their structure and abundance can vary widely between different species and cell types, but their predominant role is to strengthen the cell wall by interaction with cellulose and lignin (Scheller and Ulvskov, 2010). The predominant hemicellulose in secondary walls of grasses is glucuronoarabinoxylan (GAX), which may comprise 40–50% of cell wall polysaccharides by weight in the grass secondary wall and ~20% of total grass biomass (Carpita and Gibeaut, 1993; Scheller and Ulvskov, 2010; Kulkarni et al., 2012). In GAX, the xylan backbone is substituted with arabinose and to a much lesser degree, 4-O-Methyl gluconate and gluconic acid, which may be esterified to lignin (Sun et al., 2005). Another important aspect of these hemicelluloses is that ferulic acid is attached to GAX by ester linkages between its carboxyl group and the C5-hydroxyl of arabinofuranosyl residues. Some ferulic acid moieties exist as a variety of dimers that serve to cross-link GAX chains through inter- and intra-molecular bonds (Grabber et al., 1998a,b; Akin, 2007). Ferulates also cross-link through ether bonds to lignin, where they act as nucleation sites for lignin polymerization during lignification (Ralph et al., 1995; Hatfield et al., 1999b). These features result in a highly cross-linked and recalcitrant matrix involving carbohydrates and lignin.

Secondary walls, which are laid down during the differentiation of xylem, phloem and transfer cells after elongation, are generally thicker than primary walls, and most importantly, lignin replaces much of the water that is present in primary cell walls, making secondary cell walls impenetrable to solutes and enzymes (Pauly and Keegstra, 2008). Lignin is a complex aromatic heteropolymer and is often highest in concentration in the vascular tissues. It is covalently bound to hemicellulose and gives the strength and rigidity that terrestrial plants need to grow upright. It also provides hydrophobicity to the vascular system, a prerequisite for the effective transport of water and solutes (Vanholme et al., 2008). Lignin consists primarily of three hydroxycinnamyl alcohol monolignol monomers (hydroxyphenyl/guaiacyl/syringyl; H/G/S) that differ in their degree of methoxylation (Boudet, 1998; Boerjan et al., 2003) and are polymerized into a highly complex and somewhat random structure by ether and carbon-carbon bonds. Current opinion holds that lignin biosynthesis occurs in the extracellular milieu, where the monolignols are oxidized by peroxide or laccase enzymes and coupled in a combinatorial fashion (Morreel et al., 2004; Barsberg et al., 2006; Méchin et al., 2007).

THE EFFECT OF CELL WALL COMPOSITION ON CONVERSION EFFICIENCY

The majority of energy stored in biomass is contained within the dense polymers of the cell wall, which is also the major component of dried biomass by weight. Wood biomass typically has a water content of 10–20% after seasoning or drying and consists almost entirely of cell wall. Harvested biomass from energy grass species, including Miscanthus, generally contains 70–90% cell wall (Allison et al., 2010; Hodgson et al., 2010a,b), and even forage grass biomass is comprised of approximately 50% cell wall (Wilman and Rezvani, 1998).

The concentration and composition of the cell wall affects not only the digestibility of biomass, when fed as forage to cattle and sheep (Jung and Fahey, 1983; Jung and Buxtono, 1994; Hatfield et al., 1999c), but also recalcitrance to enzymatic deconstruction (saccharification) (Akin, 2007, 2008; Ding et al., 2012) and fermentation to bioethanol and other products (Affeltranger and Filer, 1986; Klinke et al., 2004; Yee et al., 2012). Frequently, utilization of the fermentable sugars stored in the carbohydrate polymers of the cell wall is limited by the presence of lignin, and the reduction of lignin content will most likely be a central strategy for biomass improvement in many energy grass species (Boudet et al., 2003; Sticklen, 2006; Chang, 2007; Chen and Dixon, 2007; Li et al., 2008). In contrast, increasing lignin content will improve calorific value and energy density for thermochemical conversion (Fahmi et al., 2008; Allison et al., 2009a, 2010; Hodgson et al., 2010a,b). The improvement of biomass crops is therefore complex and requires thorough understanding of (i) cell wall composition and architecture, (ii) how changes in these parameters are likely to affect plant physiology, development and disease resistance, and (iii) how the biomass is to be utilized. Lignin is the most likely target for manipulation in the short to medium term as several studies in energy crops and related species have shown that lignin concentration and composition can be altered by mutation (Vignols et al., 1995; Halpin et al., 1998), breeding (Clifton-Brown et al., 2008), and transgenic intervention (Hu et al., 1999; Anterola and Lewis, 2002; Huntley et al., 2003; Vanholme et al., 2008; Grabber et al., 2010; Fu et al., 2011b; Yee et al., 2012).

Another potential target for compositional improvement of biomass feedstocks is the reduction of cellulose crystallinity. The exclusion of water and the steric hindrance imposed by the tightly packed glucan chains in crystalline cellulose limit access of hydrolytic enzymes to substrate and reduce saccharification efficiency (Jeoh et al., 2007; Hall et al., 2010). Whilst several pretreatment methods have been developed to disrupt cellulose crystallinity (Hendriks and Zeeman, 2009; Kumar et al., 2009; Chundawat et al., 2011), this parameter seems resistant to many pretreatment strategies (Puri, 1984), and a better strategy might be to decrease cellulose crystallinity in Miscanthus using genetic manipulation as has been demonstrated in Arabidopsis (Harris et al., 2009).

METHODS THAT MEASURE CELL WALL COMPOSITION

The measurement of cell wall composition is far from being a trivial matter due to its complexity, and most cell wall chemists employ an eclectic mix of modern and very traditional methods. In most cases, measurements are not wholly quantitative and often data is very dependent on the methods employed. However, the genetic dissection of cell wall composition will rely to a very large degree on the chemical analysis of samples, and an understanding of the strengths and weaknesses of the various approaches is going to be essential. Therefore, we next examine several of the main methods being used currently.

Gravimetric methods

Gravimetric, or direct methods, are based on the sequential extraction of plant material with acid and alkali solutions. The cell wall components can be classified by their stability to increasingly harsh chemical treatments. For example, hemicellulose is hydrolyzed by treatment with mild acid and alkali, whilst cellulose only succumbs to hydrolysis when treated with highly concentrated sulphuric acid. Lignin, in contrast, is mostly unaffected by hydrolysis under these conditions. The amount of each fiber fraction in the biomass sample is calculated from the decrease in sample weight following each treatment (Van Soest, 1967; Theander and Westerlund, 1986). Gravimetric methods are often complex, time consuming and costly (Theander and Westerlund, 1993; Giger-Reverdin, 1995). In addition, these methods are semi-quantitative as even mild acid or alkali treatments cause the partial degradation of non-target fractions.

The Weende method was the first standardized procedure and was developed at the Research Station of Weende in Germany in the 1860 s. Samples were boiled for 30 min in dilute sulphuric acid, followed by a second boiling step in dilute NaOH, resulting in the recovery of crude fiber comprised of cellulose, lignin, and the waxy epidermal polymers cutin and suberin. Soon it was recognized that this method had limitations as some lignin was dissolved by the extraction process, and the proportion of lignin lost varied considerably with the material being analysed.

Today the methods of Van Soest have largely replaced the Weende method; the first of these, the neutral detergent method (Van Soest, 1967) is used to isolate a total cell wall fraction (neutral detergent fiber, NDF) by boiling extraction with a detergent (sodium lauryl sulphate) at neutral pH. Hemicellulose is not hydrolyzed under these conditions, and with various modifications the method has been used extensively to estimate total cell wall in forages that contain little or no pectin. The method is less appropriate for measuring total cell wall in samples that contain pectin, which is effectively removed by the detergent. The acid detergent method of Van Soest (1963) has been used extensively to measure lignocellulose, which is extracted in dilute acid containing cetyltrimethylammonium bromide (CTAB). The resulting acid detergent fiber (ADF) is almost entirely composed of lignin and cellulose, and the method is relatively rapid and highly robust. A more advanced approach for the gravimetric analysis of the cell wall carbohydrate has been proposed by Theander and co-workers. Their unified Uppsala method (Theander and Westerlund, 1986, 1993) produces alcohol insoluble residues after extraction by sonication. Enzymes are then used to remove storage carbohydrate. This method does not result in the degradation of hemicellulose or pectin, but has the drawback that lignin may be overestimated because proteins are present in the final fiber fraction (Hatfield and Fukushima, 2005).

Gravimetric measurement of lignin is most commonly achieved by two methods. Analysis by the Klason method has long been the standard approach for use with wood. Samples are treated with 72% sulphuric acid to hydrolyze the structural carbohydrates, and the insoluble material left comprises lignin and ash (Kirk and Obst, 1988). Although some lignin may be lost in the process, protein, suberin and other components often condense and are counted as lignin. In samples with high protein content, this can lead to gross over-estimation. The acid detergent lignin (ADL) procedure (Van Soest, 1967) was developed as an alternative procedure for forages containing large amounts of protein. Consequently, the ADL method is used commonly in animal science (Jung et al., 1999). Even this method, however, is not immune to interference, and some plant metabolites that are resistant to acid and base hydrolysis, e.g., condensed tannins, interfere with lignin estimation (Makkar et al., 1995). The ADL method most likely underestimates lignin concentration in samples of grass cell wall, often by >50% compared to the Klason method, or alternative analytical methods such as measurement by the acetyl bromide method (Takahashi et al., 2004; Hatfield and Fukushima, 2005), and it is not known whether this is due to chemical or structural differences between wood and grass cell wall biomass. Measurement of the lost lignin can be made by UV spectrophotometry (TAPPI, 1999), but this is also prone to error because under strongly acidic conditions, pentose and hexose sugars may be converted to furfurals and hydroxymethyl furfurals, which like lignin absorb strongly in the UV (Hatfield and Fukushima, 2005). However, both methods correlate strongly with dry matter digestibility and may therefore be equally good predictors of feedstock utility for lignocellulosic processing (Jung, 1997).

Non-gravimetric methods

The ease by which hemicellulose can be isolated from the cell wall, or removed from cellulose, by water and alkali extraction is widely used to prepare samples for structural analysis by nuclear magnetic resonance and mid-infrared spectroscopy (Sun and Sun, 2002; Liu et al., 2006; Xu et al., 2006a,b; Samuel et al., 2009), but these approaches are generally not applicable for high-throughput analysis. More practical non-gravimetric approaches to measure the concentration of cell wall carbohydrates often rely on sequential treatments with specific hydrolases, after the removal of storage carbohydrates, such as starch (Selig et al., 2008). The high degree of selectivity exhibited by glycosidic enzymes allows a targeted degradation of the individual cell wall components, and subsequent chromatographic analysis provides information on the concentrations of individual carbohydrate fractions, their composition and the way in which the sugar monomers are linked. Until recently, the cost and time associated with these methods would have been prohibitive, but the availability of laboratory robots and affordable enzymes are making this kind of approach an increasingly feasible methodological choice (Foster et al., 2010b).

Non-gravimetric methods to measure lignin in wood are often based on the consumption of oxidants, typically chlorine or potassium permanganate. This approach is useful in the paper industry because it informs of lignin concentration and the bleaching requirement necessary to produce quality paper (Hatfield and Fukushima, 2005). More applicable to the analysis of biomass samples for crop improvement is lignin quantification using acetyl bromide. The method was first published by Johnson et al. (1961) and is based on the solubility of lignin at 50°C in acetyl bromide dissolved in concentrated acetic acid. Following solubilization, the polybromide anion that forms during the reaction is removed by reaction with hydroxylamine, and quantification of lignin concentration is made by relating absorbance at 280 nm to a standard curve obtained using lignin extracted by solubilization in acetyl bromide (Fukushima and Dehority, 2000) or acidic dioxane (Fukushima and Hatfield, 2001). Considerable care needs to be taken regarding experimental conditions as temperatures exceeding 50°C, or the addition of trichloroacetic acid, may lead to the degradation of hemicellulose and overestimation of lignin concentration (Hatfield et al., 1999a). The original method has been improved and used to measure lignin in a wide range of species, often from very small amounts of tissue (Fukushima and Dehority, 2000; Foster et al., 2010a). Several groups have recommended that for grass samples, the method can be improved still further by removing soluble and cell wall bound hydroxycinnamic acids in a preliminary incubation at alkaline pH (Brinkmann et al., 2002; Fukushima and Hatfield, 2004). However, Ralph et al. (1994, 1998) suggest that, as approximately half of total ferulates and nearly all of the p-coumaric acid are bound to lignin, these should be considered as part of the total macromolecule. The concentrations of lignin detected by the acetyl bromide approach are comparable with those obtained by Klason or permanganate determination (Hatfield and Fukushima, 2005), and values correlate strongly with dry matter digestibility (Fukushima and Dehority, 2000).

Pyrolytic methods

Analytical pyrolysis allows composition to be analysed in samples of biomass with minimal preparation, samples only requiring drying and milling. This approach has been used to characterize cell wall structure (Alves et al., 2006a,b; del Rio et al., 2007), explore variation in cell wall composition (Yokoi et al., 2001; Hodgson et al., 2010b) and investigate the influence of biomass feedstock composition and preparation during fast-pyrolysis (Bridgeman et al., 2007; Fahmi et al., 2007a, 2008; Yanik et al., 2007; Hodgson et al., 2010a). Analysis is achieved by placing the sample in a heating device in an oxygen-free atmosphere. The temperature is increased rapidly to the point where the sample decomposes by thermal fission into small molecules, and these are analysed by gas chromatography/mass spectrometry (GC/MS) (Galletti and Bocchini, 1995). It is possible to combine pyrolysis GC/MS with thermogravimetric analysis (TGA) to determine the temperatures at which mass loss occurs as this gives complementary and relevant information of cell wall composition (Ghetti et al., 1996; Carrier et al., 2011; Greenhalf et al., 2012). Sampling by GC/MS is generally made during the thermal transitions identified by TGA; these signify the decomposition of discrete classes of cell wall components (Bridgeman et al., 2007). Pyrolytic methods provide rich orthogonal data compared to the methods more generally employed in the analysis of biomass, but obtaining quantitative data is often challenging, and the approach suffers from several potential weaknesses: Firstly, sample amounts are small (~10 mg), and it is essential that they are representative. Secondly, the method is indirect in that it measures and identifies thermal degradation products rather than the cell wall components themselves, and relating these breakdown products to their parent compounds in the tissue sample is not trivial. Lignin thermal decomposition products are comprised of aromatic moieties with or without alkyl substitution, and many have been identified and associated with lignin (del Rio et al., 2001; Fahmi et al., 2007b). In contrast, structural carbohydrates degrade into furanones and pyranones by sequential dehydration processes, and these products are more difficult to ascribe to particular origins (Galletti and Bocchini, 1995).

Infrared and raman methods

Over recent years, many researchers have developed methods to analyse the cell wall based on near infrared reflectance spectrophotometry (NIRS), Fourier transform mid-infrared spectrophotometry (FTIR) and Raman spectroscopy. Spectral methods are generally simple in execution, non-destructive and are often rapid compared to other methods. Infrared (IR) and Raman spectroscopy provide information on molecular bonds present in the samples. For analysis by FTIR spectroscopy, which informs on fundamental molecular vibrations, samples are generally dried to eliminate water, which has high absorption in the IR. FTIR analysis generally requires a small amount of sample, which traditionally was finely ground biomass mixed with an IR-transparent salt, e.g., KBr, and pressed into transparent discs using 5–10 tonnes of pressure (Kačuráková et al., 2000; Xu et al., 2007a). FTIR spectroscopy has been used to study the structure of pectin and hemicellulose (Kačuráková et al., 2000; Sun and Tomkinson, 2002; Xu et al., 2006a, 2007a), cellulose (Liu et al., 2006), lignin (Sun et al., 2002a,b; Gosselink et al., 2004; Xu et al., 2007b) and pyrolysis char (Hu et al., 2008). These studies used small numbers of samples, and the time-consuming step of pressing salt disks presented no problems. More rapid methods of sample spectral analysis, such as attenuated total reflection (ATR) are more applicable for studies requiring larger numbers of samples. Furthermore, the flexibility of ATR is such that it allows the analysis of aqueous samples (Gosselink et al., 2004; Allison et al., 2009b). We recently used FTIR spectroscopy and partial least squares regression to predict the concentration of lignin and hydroxycinnamic acids (Allison et al., 2009b), nitrogen and alkali index (Allison et al., 2009a) in samples from a variety of grasses.

NIRS is an established method for analysis of biomass composition and many related parameters such as biomass recalcitrance and calorific value. Predictions are generally made by multivariate regression models, and the technique has been used to measure the concentration of lignin (Jung, 1997; Brinkmann et al., 2002; Takahashi et al., 2004; Robinson and Mansfield, 2009) and lignin monomer composition (Alves et al., 2006b), NDF and ADF (Jung, 1997; Pires and Prates, 1998; Petisco et al., 2006), digestibility (Nousiainen et al., 2004), nitrogen (Gislum et al., 2004), cell wall sugars (Sanderson et al., 1996), thermal decomposition (Lee et al., 2009), recalcitrance (Huang et al., 2012a) and heating value (Huang et al., 2007). Analysis is often performed on ~5 g of material held in a ring cell that is lowered into the spectrophotometer (Sanderson et al., 1996; Gislum et al., 2004).

In comparison, analysis of cell wall composition by Raman spectroscopy has until recently been uncommon due to high instrument cost, technical limitations, e.g., poor sensitivity and high sample fluorescence, as well as the incorrect assumption that Raman spectroscopy provides information that is more easily obtained by IR spectrometry. Newer instruments have overcome the technical limitations, and old prejudices have been replaced by the realization that Raman and IR spectral data are complementary (Stewart et al., 1997; Agarwal, 1999).

Both FTIR and Raman spectroscopy are highly suitable for microscopy. The former technique has been used for the identification and characterization of cell wall mutants (Chen et al., 1998; Mouille et al., 2003; McCann et al., 2007), and the time required for sample analysis has decreased substantially with the availability of array type detectors. However, the incompatibility of FTIR microscopy with the presence of water in the samples prevents the analysis of undried samples. Furthermore, the presence of fixatives used to dry samples prior to sectioning may create artifacts in the spectral data and spatial resolution is limited to 2–5 μm by the wavelength of mid IR light. Raman microscopy often circumvents many of these problems. Spatial resolution is frequently higher than 1 μm (Schmidt et al., 2010), and can be improved still further using modified approaches such as surface enhanced Raman spectroscopy (Agarwal and Reiner, 2009; Knauer et al., 2010; Scott and Carron, 2012). Furthermore, Raman spectroscopy is tolerant of water and the analysis of unfixed, cryogenically preserved, or polyethylene glycol impregnated samples is possible (Gierlinger et al., 2012). The resolution and flexibility of Raman imaging has been demonstrated recently in studies of the ultra-structure and composition of the cell wall in tree species and corn stover (Agarwal, 2006; Gierlinger and Schwanninger, 2006; Sun et al., 2011). Raman imaging has also been used to study delignification in samples of Miscanthus × giganteus treated with NaOH (Chu et al., 2010), and in our laboratory Raman imaging is being combined with multivariate image analysis tools to probe the architecture of the Miscanthus cell wall. We recently presented preliminary results from principal components analysis (PCA) and multivariate curve resolution (MCR) that we used to decompose hyperspectral Raman images of resin-embedded (LR white) sections of mature maize stem internode (Gordon Cell Wall Conference, Maine, USA, 2012). Figure 1 shows spectra taken at different positions and the differences between the spectra are most likely indicative of changes in lignin monomer ratio around the xylem vessel wall. PCA (Figure 2) indicated three orthogonal variance components, with the largest (PC1) being due to absence or presence of resin (colored red) and lignin (colored blue). The spectral differences attributed to differences in lignin monomer ratio accounted for a much lower portion of the total variance and are explained by PC2. PC3 and the Q residual explain even smaller portions of total variance and indicate variation in section thickness and noise, respectively. MCR offers an alternative approach to image analysis that is perhaps more subtle than PCA and offers components that, whilst not orthogonal, are of chemical significance as the algorithm is essentially a multivariate extension of Beer's Law. Analysis by MCR of the same Raman point maps (Figure 3) gave a clearer dissection of the spectral components in the image, with components 1 and 2 being resin and lignin, respectively. The variation in S/G ratio is likely shown in the residual. The presence of high loadings for this component around 1600 cm−1 supports this assumption. We are working to improve the resolution of specific cell wall components by investigating whether the prior training of the MCR model on spectra from high G and S polymers, or isolated cell wall carbohydrates, would improve spectral deconvolution and allow identification of discrete wall components in sections. The full potential of Raman imaging has yet to be discovered, but it is likely to be a key tool to the dissection of cell wall composition at the scale of cell wall architecture and allow the high precision functional characterization of cell wall genes and cell wall mutants.
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FIGURE 1. Raman spectra at four locations in sections of mature maize stem internode. Sections were fixed in glutaraldehyde, cut to a thickness of 2 μm and mounted on silicon slides (Bruker, Coventry, UK). Raman point spectra from 1300 to 1704 cm−1 were acquired using a Renishaw inVia Raman micro-spectrophotometer at ×50 magnification in 1-μm steps using a 514-nm green laser and an exposure time of 2 s/pixel. Spectral sampling at each of the four discrete locations are marked with black dots. Images were exported into Matlab (MathWorks, Cambridge, UK), and chemometric analysis was performed using the Eigenvector PLS and MIA toolboxes.
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FIGURE 2. Principal component analysis of Raman spectra maps of sections of mature maize stem internode. Score images (left) and loading plots (right) are shown for the first three components together with the score image and loadings for the Q residuals (variance explained by each component and the residual is given in brackets). Spectral data were pre-treated using Savitsky-Golay smoothing (11-nm window, 1 polynomial), extended multiplicative scatter correction and mean centering.
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FIGURE 3. Multiple component resolution analysis of Raman spectra maps of sections of mature maize stem internode. Score images (left) and loading plots (right) are shown for the first two components, together with the score image and loadings for the Q residuals (variance explained by each component and the residual is given in brackets). Spectral data were pre-treated using Savitsky-Golay smoothing (11-nm window, 1 polynomial), extended multiplicative scatter correction and mean centering.



GENETIC VARIATION

Consistent with findings for other phenotypic traits (Jensen et al., 2011; Robson et al., 2012; Slavov et al., 2013), extensive genetic variation for cell wall composition appears to be present (i) across Miscanthus species, (ii) among populations within species, and (iii) among genotypes within local populations (Hodgson et al., 2010b; Allison et al., 2011; Lygin et al., 2011; Slavov et al., 2013). At the inter-specific level, two general patterns were detected based on gravimetric measurements of NDF, ADF, and ADL of 244 genotypes grown in a field trial near Aberystwyth, UK (Allison et al., 2011). First, levels of hemicellulose and lignin differed subtly but significantly between M. sinensis and M. sacchariflorus, whereas distributions of cellulose content were statistically indistinguishable between the two species (Allison et al., 2011; Figure 4, P = 0.92). Second, M. × giganteus accessions differed dramatically from both M. sinensis and M. sacchariflorus for all three major cell wall components (i.e., higher cellulose and lignin and lower hemicellulose contents in M. × giganteus), with virtually no overlap of the distributions of genotypic means corrected for year and block effects (Figure 4, P < 0.00012). In an attempt to elucidate the causes of this striking contrast, we generated cell wall component distributions for 14 M. sinensis × M. sacchariflorus hybrids, whose admixture proportions were similar to those of the M. × giganteus accessions based on 120 single-nucleotide polymorphism (SNP) markers (Slavov et al., 2013). Interestingly, the distributions of all three major cell wall components in these hybrids were statistically indistinguishable from those in M. sacchariflorus (P > 0.7), with hybrids having higher lignin (P = 0.00001), lower hemicellulose (P = 0.006) and comparable cellulose contents (P = 0.75) relative to M. sinensis genotypes. Thus, the extreme cell wall compositions of M. × giganteus accessions are unlikely to be caused solely by the combination of M. sinensis and M. sacchariflorus genomes. Alternative explanations include highly unusual cell wall composition(s) of the progenitors of M. × giganteus and/or specific genome dosage effects (Yao et al., 2013) resulting from its presumed triploidy (Linde-Laursen, 1993; Swaminathan et al., 2010).
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FIGURE 4. Genetic variation for cellulose (A), hemicellulose (B) and lignin (C) contents in two Miscanthus species and their hybrids. Data from a previous study (Allison et al., 2011) were re-analysed after classifying genotypes using 120 single nucleotide polymorphisms (Slavov et al., 2013). Distributions are based on least square means corrected for year and block effects (Allison et al., 2011). Boxes delineate inter-quartile ranges (IQR), whiskers extend to 1.5 × IQR, and thick lines correspond to medians. The number of genotypes in each group is shown in parentheses. ADL, acid detergent lignin; DW, dry weight; F1, hybrids with estimated M. sinensis: M. sacchariflorus admixture proportions between 1:2 and 2:1.



Knowledge about intra-specific levels of genetic variation in Miscanthus is relatively limited (Głowacka, 2011), although on-going research and breeding programmes are rapidly accumulating detailed quantitative data. Taking advantage of a large germplasm collection available at the Institute of Biological, Environmental and Rural Sciences, we recently used a combination of SNP and microsatellite markers to objectively delineate population genetic structure in a set of M. sinensis genotypes (i.e., without a priori assumptions about the significance of geographic barriers or the spatial scale of genetic differentiation) and then juxtaposed geographic patterns of genetic variation for phenotypic traits with those for putatively neutral molecular markers (Slavov et al., 2013). These analyses indicated that the spatial distribution of genetic variation for major cell wall components was distinctly different from those for putatively neutral molecular markers and phenotypic traits related to phenology and biomass productivity. Molecular marker variation formed a clear longitudinal cline, with a genetic discontinuity defining “Continent” and “Japan” subpopulations (Slavov et al., 2013). In contrast, phenological and biomass traits, tended to correlate with source latitude and altitude, whereas multivariate measures of genetic variation for cell wall composition did not follow any simple geographic patterns. However, univariate analyses of genetic variation for cellulose content led to several intriguing findings. For example, cellulose content was much more strongly differentiated between the “Continent” and “Japan” subpopulations (QST = 0.23−26) compared to neutral molecular markers (FST = 0.06). Furthermore, genetic variation for this trait followed clear spatial patterns both between and within the two subpopulations (Figure 5A). Interestingly, cellulose content increased with altitude (Figure 5B), whereas no concomitant reduction in hemicellulose or lignin was detected (Slavov et al., 2013). Taken together, these findings strongly suggest that genetic variation for cellulose content has been affected by spatially divergent selection. However, a formal tests of this hypothesis, as well as identification of the specific causes of selective diversification (e.g., key climatic variables driving cell wall composition along altitudinal gradients), would require carefully designed experiments using plant materials from multiple regions of the geographic range of M. sinensis and a diverse set of test environments.
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FIGURE 5. Geographic pattern of genetic variation for cellulose content in a Miscanthus sinensis population (Allison et al., 2011; Slavov et al., 2013). Spatially interpolated (i.e., kriged using Geostatistical Analyst in ArcMap 10, Esri Ltd., Aylesbury, UK) best linear unbiased predictors (BLUPs) of genotypic values for cellulose content in 2-year-old plants (A) and relationship between cellulose content BLUPs and accession source altitudes (B).



Despite the striking species differences and significant inter-population differentiation, much of the genetic variation across a range of phenotypic traits, including cell wall composition, is found among genotypes within a population. Even for traits that have putatively been affected by divergent selection (e.g., cellulose, see above), within-population genetic variance components are roughly an order of magnitude greater than those among populations (Slavov et al., 2013). Because of the extensive genetic variation found in Miscanthus at multiple taxonomic and spatial scales, as well as the ability to capture this variation through carefully designed field trials and phenotyping protocols (i.e., broad sense heritabilities for cell wall composition traits ranged from 0.52 to 0.79 in M. sinensis, Slavov et al., 2013), a range of approaches to dissecting the genomic architecture of cell wall biosynthesis should be highly effective.

FROM PHENOTYPE TO GENOTYPE

Although the availability of functional genomics resources for Miscanthus is currently limited (see Section Molecular biology of cell wall biosynthesis), a variety of tools for dissecting the genomic architectures of phenotypic traits are rapidly developing. In this section, we will review the prospects of applying (i) quantitative trait locus (QTL) mapping in full-sib families resulting from controlled bi-parental crosses; (ii) genome-wide association studies (GWASs), in which high-density arrays of molecular markers are used to scan for genotype-phenotype associations in populations of putatively unrelated individuals; and (iii) admixture mapping (i.e., a set of analytical approaches that use the properties of populations comprised of individuals with mixed ancestries to identify phenotypic associations) to elucidate the molecular underpinnings of cell wall structure and recalcitrance in Miscanthus. However, various combinations of these approaches are also possible and could potentially be more powerful.

QTL MAPPING

Early linkage mapping efforts in M. sinensis were based on Randomly Amplified Polymorphic DNA (RAPD) markers (Atienza et al., 2002) and were instrumental for the detection of QTLs for a number of phenological, agronomic, biomass productivity and composition traits, including components that affect combustion quality (Atienza et al., 2003a,b,c,d,e). However, because of the relatively small size of the mapping population used in these studies (N = 89), relatively little was learned about the genomic architectures of the traits of interest, and estimates of QTL effect sizes are likely to be very optimistic (Beavis, 1994; Xu, 2003), rendering the applicability of these results for marker-assisted selection (MAS) unclear. Recent advances in sequencing and genotyping technology (Davey et al., 2011), combined with the realization that larger mapping populations are needed to achieve adequate statistical power, are significantly enhancing the prospects of detecting more complete sets of QTLs in Miscanthus. For example, substantially denser and higher-quality linkage maps are currently available for both M. sinensis and M. sacchariflorus (Kim et al., 2012a; Ma et al., 2012; Swaminathan et al., 2012). All of these maps are anchored to the Sorghum bicolor genome (Paterson et al., 2009), which enables the interpretation of QTL mapping results and provides a means for comparative genomic studies. Furthermore, dozens of inter- and intra-specific mapping families, some of which as large as N = 1000, are currently developed and planted at multiple locations in Europe and the US. For example, preliminary analyses of the family used to produce the highest-density map that is currently available for Miscanthus (Ma et al., 2012) have resulted in the identification of tentative QTLs for a wide range of phenotypic traits, including major cell wall components, simple carbohydrate contents and various measures of recalcitrance (X.-F. Ma and T. Swaller, personal communication). In many cases, alignment of these QTLs to the Sorghum genome and cross-reference with QTL or GWAS data from other grasses results in the identification of manageable numbers of plausible candidate genes. In summary, linkage mapping is likely to be a major facilitator of biological discovery in Miscanthus, and the next generation of QTL mapping results will play a key role in depicting the genomic complexity of phenotypic traits. However, a major challenge for this approach is the need to verify the significance of QTLs outside of the family used for their detection.

GWASS

The increasing affordability of SNP genotyping, and especially genotyping-by-sequencing technology (Elshire et al., 2011; Poland et al., 2012), is rapidly changing the status of GWASs from a “luxury good” reserved for model organisms to a standard genetic tool that can be used both for answering fundamental biological questions and for accelerated crop improvement (Hamblin et al., 2011; Morrell et al., 2012). In addition to Arabidopsis (Atwell et al., 2010; Filiault and Maloof, 2012) and major cereal crops (Buckler et al., 2009; Huang et al., 2010, 2012c), this approach was recently applied in Sorghum (Morris et al., 2013), the closest relative of Miscanthus for which genome sequence is available. Several lessons have been learned from early GWASs. First, while potentially very powerful, this approach tends to be susceptible to both genetic and environmental confounding (Atwell et al., 2010; Huang et al., 2012c; Vilhjalmsson and Nordborg, 2013). Proposed solutions to this problem range from various statistical approaches to account for population structure and relatedness (Balding, 2006; Yu et al., 2006; Price et al., 2010) to designing synthetic association mapping populations (Yu et al., 2008; Kover et al., 2009), which combine the strengths of GWASs (i.e., ability to screen a broad genetic base) and QTL mapping (i.e., robustness to confounding by population structure). Second, population sizes in the thousands are likely to be needed to provide a complete picture of the genomic architectures of phenotypic traits. This is because the majority of phenotypic associations explain relatively low proportions of the genetic variation (Li et al., 2012), whereas GWASs are inherently underpowered to detect small-effect associations (Figure 6) and/or associations with rare variants (Bansal et al., 2010; Cirulli and Goldstein, 2010; Gibson, 2012). Finally, consistent with findings from human GWASs (Hindorff et al., 2009; http://www.genome.gov/gwastudies/), the majority of trait-associated SNPs in maize were outside of coding regions, with 5-kb putative promoter regions upstream of genes being the most enriched category (Li et al., 2012). An important implication of this result is that RNA-seq approaches, while potentially very informative for a range of biological questions (Ozsolak and Milos, 2011), may not be the most appropriate genotyping tool for GWASs. Sequence capture, genotyping-by-sequencing and low-coverage whole-genome re-sequencing appear to be the most promising low-cost alternatives (Davey et al., 2011).
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FIGURE 6. Statistical power of genome-wide association studies (GWASs) under ideal circumstances (i.e., no confounding, causative polymorphisms genotyped directly) for mapping population sizes ranging from N = 100 to N = 1000 (in increments of N = 100) and allele effect sizes (i.e., proportion of phenotypic variance explained by each allele) up to 0.10. Power curves were calculated using the GWAPower programme (Feng et al., 2011). Red square: power of pilot scale GWAS population in Miscanthus sinensis (N = 142).



With these lessons in mind, we are designing GWAS populations for the three Miscanthus species that are expected to be most important for breeding programmes in Europe and the US (i.e., M. sinensis, M. sacchariflorus and M. floridulus). For example, we recently used a combination of microsatellite and SNP markers to delineate a proof-of-concept GWAS population in M. sinensis based on its relatively low levels of substructure and high levels of genetic variation for phenotypic traits related to phenology, biomass productivity and cell wall composition (Slavov et al., 2013). Subsequently, we collaborated with Floragenex, Inc. to genotype 142 individuals from this population using RAD-Seq technology (Baird et al., 2008) and the PstI restriction enzyme. Following stringent filtering based on alignment statistics and conformity of genotype frequencies to Hardy-Weinberg proportions, we identified 20,127 SNPs resulting from alignments to Sorghum and 30,755 resulting from alignments to de novo Miscanthus assemblies around PstI sites. We then used these data for pilot-scale GWASs and genome-wide phenotype prediction for traits related to phenology, biomass productivity and cell wall composition G. T. Slavov (personal communication). To control for the confounding effects of population structure and relatedness, we used the efficient mixed linear model (MLM) approach implemented in the EMMAX programme (Kang et al., 2010). More specifically, we tested the effect of each individual marker based on an MLM including the Identity-By-State (IBS) matrix and the primary eigenvector of population structure (Patterson et al., 2006), which were estimated based on the entire set of markers. This approach is widely used and regarded as the most robust and statistically powerful (Price et al., 2010; Vilhjalmsson and Nordborg, 2013), although the ever increasing volumes of data will likely require substantial improvements of its computational efficiency (Svishcheva et al., 2012).

As expected from the small population size, our pilot-scale GWAS is severely underpowered (Figure 6), and none of the SNP-trait associations for the cell wall composition data generated by Allison et al. (2011) reached genome-wide significance, after Bonferroni adjustment for multiple testing. However, several associations for each trait reached suggestive significance (P < 10−4), with many weaker associations aligning to plausible candidate genes in Sorghum (discussed in Section Functional genomics for enhanced cell wall deconstruction). Furthermore, preliminary results from cross-validations of genomic selection (i.e., phenotype predictions using all available markers, rather than identifying significant associations) in M. sinensis are encouraging, with estimated prediction accuracies (i.e., correlations of predicted genetic values with the unobservable “true” genetic values) of 0.69, 0.48, and 0.47, respectively, for cellulose, hemicellulose, and lignin contents G. T. Slavov (personal communication). Thus, the application of these approaches to larger populations and higher densities of markers looks very promising.

ADMIXTURE MAPPING

Mapping by admixture linkage disequilibrium (MALD) was originally proposed as a way of performing genome scans in highly diverse populations using relatively small numbers of molecular markers (Chakraborty and Weiss, 1988; Smith and O'brien, 2005). However, recent statistical refinements and extensions of this approach, and particularly its application based on GWAS data, have made it a potentially very powerful tool for the dissection of complex phenotypic traits (Seldin et al., 2011). Although admixture mapping has been used to address fundamental questions in plant evolutionary biology (Buerkle and Lexer, 2008; Lexer et al., 2010; Stölting et al., 2013), as well as for trait mapping and improvement in breeding populations (Humphreys et al., 1997, 2005; Kosmala et al., 2007), its potential has been underutilized. The presumed occurrence of M. sinensis × M. sacchariflorus natural hybrid zones (Nishiwaki et al., 2011), and particularly the strong interest in generating inter-specific hybrids as part of breeding efforts, will likely make this approach more important in the future, although its successful application will hinge on the detailed characterization of genetic structure and linkage disequilibrium in reference populations of pure Miscanthus species.

MOLECULAR BIOLOGY OF CELL WALL BIOSYNTHESIS

The plant cell wall is a complex heterogeneous matrix, and a considerable portion of the plant genome encodes for proteins involved in the biosynthesis, deposition, remodeling and regulation of the various cell wall components. The heterogeneity of cell wall matrices is increased by the different structural and functional properties required during plant development and between different tissue and/or cell types. This necessitates the carefully orchestrated expression of many different cell wall related genes. Despite the importance of cell wall properties for the usefulness of Miscanthus as a feedstock for bioenergy and bioproducts, there is relatively little data on cell wall biology, genetics and chemistry in this genus. Most studies seem to focus on physiological and agronomical traits, as well as environmental and socio-economic aspects of growing Miscanthus as an energy crop (Clifton-Brown et al., 2007; Wang et al., 2008; Jensen et al., 2011; Cadoux et al., 2012; Maughan et al., 2012; Robson et al., 2012). Analysis of Miscanthus biomass mostly focuses on its chemical and physical characteristics, when used either directly for combustion or for the various pretreatment and conversion routes to produce bioenergy and products (Yoshida et al., 2008; Hodgson et al., 2011; Brosse et al., 2012; Guo et al., 2012; Huang et al., 2012b; Robbins et al., 2012).

Chemical composition data is currently limited for Miscanthus, most reports providing a relatively broad compositional analysis of the main cell wall components (cellulose, hemicellulose and lignin) of senesced plant material (Allison et al., 2011; Kim et al., 2012b). Perhaps the most detailed cell wall analysis to date is described by Lygin et al. (2011) in which the cell wall biomass of fully senesced tillers from five M. sinensis genotypes as well as M. × giganteus was analysed. Abundance of lignin and ether-bound phenolics were reported as the main determinants of lignocellulosic saccharification (Lygin et al., 2011), although regression coefficient values were rather low, particularly when considering that cell wall composition data for one switchgrass and one giant reed (Arundo donax) genotype were included in the association analysis. Clearly, more studies focusing on the biological, chemical and physical properties of the Miscanthus cell wall, including the variation of these properties between different genotypes and developmental stages, are required to improve our understanding of the diverse structural features of the Miscanthus cell wall. Integration of this knowledge with (i) data on cell wall deconstruction and conversion and (ii) expression patterns of cell wall related genes will be essential for formulating robust strategies aimed at improving lignocellulosic biomass quality traits in Miscanthus. The establishment of a detailed gene-expression atlas, similar to what is available for maize (Sekhon et al., 2011) and switchgrass (Zhang et al., 2013), combined with an associated chemical composition atlas for the most widely used Miscanthus species (M. sinensis, M. sacchariflorus and M. floridulus) would provide a useful resource for the scientific community working on improving various traits in the Miscanthus biofuel crop. In addition, a Miscanthus gene-expression atlas, in conjunction with those available in related grasses, would enable gene co-expression network analyses. This approach could result in the identification of modules of highly correlated genes that are potentially involved in related biological processes underlying agronomically, physiologically and biochemically important traits, thereby allowing for targeted hypothesis-based testing of gene-function relationships.

TRANSLATIONAL GENOMICS

Although the genetic and genomic resources for Miscanthus are projected to increase over the next few years, translational genomics based on information from model species represents a major route to accelerating the improvement of desirable traits in this undomesticated bioenergy crop. It is generally recognized that Arabidopsis is not the most appropriate model for the study of cell wall related traits in the grasses. Probably the strongest argument for this is that the different types and abundances of hemicelluloses and phenolics in secondary cell walls of grasses result in a three-dimensional polymer network with different cross-linking properties, and hence deconstruction requirements, when compared to those of dicots. Miscanthus belongs to the grass subfamily Panicoideae and falls within the tribe of the Andropogoneae, together with important crops such as maize (Zea mays), sorghum (Sorghum bicolor) and sugar cane (Saccharum officinarum). A second tribe belonging to the Panicoideae contains, amongst others, switchgrass (Panicum virgatum) and several millet species, including pearl millet (Pennisetum glaucum) and foxtail millet (Setaria italica). Among grasses with sequenced genomes, sorghum has the closest phylogenetic relationship to Miscanthus followed by that of maize (Ma et al., 2012; Swaminathan et al., 2012). This and the molecular and genetic tools available for sorghum and, in particular, maize make these two C4 crops good model systems for gene-discovery studies relating to cell wall and other relevant biomass traits for bioenergy grasses, including Miscanthus (Lawrence and Walbot, 2007; Carpita and McCann, 2008; Bosch et al., 2011; Calvino and Messing, 2012). However, validation of candidate gene function is not straight-forward and is relatively time-consuming in maize and sorghum, particularly when compared to functional analysis in the Arabidopsis model system.

Over the last few years, the grass Brachypodium distachyon has been increasingly employed as a model for bioenergy crops as it contains a number of attributes that make it a good system for functional genomic studies in the grasses (Draper et al., 2001; Brkljacic et al., 2011). Brachypodium, which uses the C3 photosynthetic pathway, belongs to the grass subfamily Pooideae, together with important agronomical crops such as wheat, oat, rye and temperate forage grasses. However, the more distant phylogenetic relationship between Brachypodium and energy grasses should not represent a barrier for its usefulness as a model for studying cell wall related traits. Transcript profiling of leaves from closely related C3 (Cleome spinosa) and C4 (Cleome gynandra) species showed that few cell wall related genes were differentially expressed (Brautigam et al., 2011). One exception was the higher expression of three transcripts encoding for glycosyl hydrolase family 17 1,3-β-glucosidases in the C4 species. These genes are possibly involved in governing plasmodesmatal conductivity by regulating the turnover of the β-1,3-glucan callose (Levy et al., 2007). Detailed analysis and comparison of cell wall characteristics between a number of C3 (n = 6) and C4 (n = 5) grasses showed no consistent patterns for differences in lignin content and composition, p-coumaric acid and ester-linked ferulic acid content, carbohydrate composition and sugar release (Hatfield et al., 2009). For most characteristics, variation within the C3 or C4 type grasses was higher than that between the two types. This indicates that C3 grasses can be used as a model for cell wall studies in C4 energy grasses. It also highlights the additional requirement for detailed biochemical and molecular analysis of cell wall characteristics in each individual bioenergy crop.

The adoption of Brachypodium as a model is nourished by the growing number of genetic resources and molecular toolkits available (Brkljacic et al., 2011; Mur et al., 2011), including a T-DNA mutant collection, albeit currently only covering a limited number (<10%) of the annotated Brachypodium genes (Bragg et al., 2012). The functional characterization of a cell wall related T-DNA mutant has not yet been reported. Screening of a chemically induced Brachypodium distachyon mutant collection identified mutations in the cinnamyl alcohol dehydrogenase 1 gene (BdCAD1) involved in lignin biosynthesis. Mutant plants showed reduced levels of lignin, altered lignin structure and, importantly, an over 40% improvement in saccharification efficiency, without compromising biomass yield (Bouvier D'yvoire et al., 2013). This shows that mutant collections provide a valuable resource for reverse genetic screens to identify cell wall related genes and associated function. Other resources to study cell wall related traits in Brachypodium include recombinant inbred line (RIL) populations (Cui et al., 2012) and germplasm collections comprising of genotypes collected from different geographies and ecological niches (Mur et al., 2011).

Brachypodium, like Arabidopsis, can be considered a model species as it has little agronomic value. However, as a result of on-going technological advances in plant genomics and phenomics, the distinction between model grasses and agronomically and economically important crops is slowly fading as more tools become available to study traits directly in relevant crop species. Maize and rice probably represent the best examples for this, but genomic resources for other crops such as wheat and barley are rapidly expanding (Brenchley et al., 2012; Consortium, 2012). Reference genome sequences have also recently become available for foxtail millet (Bennetzen et al., 2012; Zhang et al., 2012). In addition to having potential as a C4 biofuel crop in its own right, foxtail millet can serve as a model system for other biofuel grasses. An important step for future research is to validate the transferability of molecular biological findings related to cell wall biology in model grasses to the more genetically recalcitrant, and therefore challenging, bioenergy crops such as Miscanthus.

FUNCTIONAL GENOMICS FOR ENHANCED CELL WALL DECONSTRUCTION

The fact that Miscanthus is a new crop lacking the history of extensive breeding and research, e.g., as in wheat and maize, combined with its large genome size (~2.5 Gbp; Swaminathan et al., 2010) and complexity of genome structure, provides significant challenges for trait improvement. The biggest asset for the domestication of Miscanthus as a sustainable energy crop is the genetic and phenotypic diversity present within and among Miscanthus species (see Section Genetic variation).

A pilot scale GWAS in 142 M. sinensis genotypes (see Section GWASs) identified hundreds of SNPs that were at least weakly associated (P < 0.05) with gravimetrically measured cellulose, hemicellulose and lignin contents (Allison et al., 2011). More than 44% of the SNPs that were tentatively associated with cellulose content (P < 0.05) were identical between two years of cell wall composition measurement. This percentage was 40% for lignin content, but significantly lower (19%) for hemicellulose, possibly reflecting the genetic and structural complexity of hemicelluloses. As discussed in Section GWASs, the statistical power of this pilot scale GWAS experiment is very limited (Figure 6), and results should therefore be approached with great caution. Nevertheless, some promising and interesting findings can be distilled from this study. As an example, tentative associations with cellulose content included a SNP located in a putative Miscanthus ortholog of MYB46 in Arabidopsis (AtMYB46), maize (ZmMYB46), and rice (OsMYB46). All of these have been shown to act as master regulators for secondary cell wall formation (Ko et al., 2011) and references therein. Interestingly, a recent study has shown that AtMYB46 directly regulates all three secondary cell wall associated cellulose synthase genes in Arabidopsis (Kim et al., 2013). As expected, over-expression of AtMYB46 results in a significant increase of crystalline cellulose content in Arabidopsis, indicating that this transcription factor is a good target for altering cell wall content in energy crops. Another interesting category of cellulose related SNPs were those found in genes for which the putative Arabidopsis orthologs are involved in vesicle mediated transport and organization of the microtubules. Cellulose microfibrils are synthesized by plasma membrane-localized cellulose synthase (CESA) complexes that move along cortical microtubules. Exocytosis of CESA proteins, most likely already complexed, to the plasma membrane takes place through Golgi derived vesicles (Crowell et al., 2009; Bringmann et al., 2012). The microtubule cytoskeleton influences the pattern and rate of cellulose biosynthesis by regulating the delivery of the synthesizing enzymes to the plasma membrane (Bringmann et al., 2012). Associated SNPs identified include the Golgi localized phosphoinositide phosphatase AtSac1 which is, amongst others, required for normal secondary cell wall synthesis and is therefore likely involved in the intracellular trafficking required during cell wall deposition (Zhong et al., 2005; Wightman and Turner, 2010). The AtSac1 mutant, fragile fiber 7 (Fra7), shows a dramatic decrease in the wall thickness of fiber cells and vessel elements, which seems partly caused by a reduction of crystalline cellulose (Zhong et al., 2005). Another fragile fiber related gene, FRA1, with an associated SNP for cellulose content in M. sinensis, encodes for a kinesis-like motor protein. FRA1 is involved in the patterning of cellulose microfibrils as the mutant seems to specifically alter the orientation of cellulose microfibrils associated with a reduction in the mechanical strength of fibers (Zhong et al., 2002). More recent analysis of FRA1 has confirmed that it is a functional motor protein with the potential to drive long-distance transport of cell wall related cargo along cortical microtubules (Zhu and Dixit, 2011). Another SNP is associated with a gene encoding for a microtubule organization protein. Mutation in the Arabidopsis homolog, MOR1, resulting in microtubule fragmentation, leads to increased cellulose crystallinity (Fujita et al., 2011). Other cellulose associated SNPs for transport related proteins identified includes a putative homolog for AtSec20, which based on module-based predictions for functionally unknown genes in Arabidopsis was classified as being involved in Golgi vesicle transport and cellulose biosynthesis (Heyndrickx and Vandepoele, 2012). Thus, genes encoding for proteins involved in the transport/deposition of cell wall components might represent an interesting, and often overlooked, target for further biomass improvement through breeding and/or genetic engineering approaches.

GENETIC ENGINEERING FOR ENHANCED CELL WALL DECONSTRUCTION

Miscanthus is an undomesticated crop and the genetic and phenotypic diversity available represents a good platform for using next generation sequencing (NGS) technologies and high-throughput trait assessments to accelerate breeding cycles. However, the urgent need to develop sustainable energy sources and mitigate climate change, combined with the complexity of cell wall related traits, requires additional approaches to rapidly deliver sustainable energy crops that are economically viable. Genetic manipulation, also referred to as genetic engineering, has the potential to significantly speed up the process of developing and improving Miscanthus varieties.

In contrast to other leading bioenergy crops, such as switchgrass, no comprehensive genetic engineering approaches have been reported thus far for Miscanthus. Agrobacterium-mediated genetic transformation of switchgrass is well-developed, and both the feasibility and benefits of genetic engineering approaches have been demonstrated by attempts to overcome cell wall recalcitrance through genetic interventions in the monolignol biosynthetic pathway. Down-regulation of the cinnamyl alcohol dehydrogenase (CAD) gene (Fu et al., 2011a; Saathoff et al., 2011) and caffeic acid O-methyltransferase (COMT) (Fu et al., 2011b) has shown that a reduction of lignin resulted in a concomitant reduction of cell wall recalcitrance as sugar release from the lignocellulosic biomass was improved. In the latter study, it was also demonstrated that the reduction of cell wall recalcitrance allowed using milder pretreatment and lower cellulase dosage to obtain equivalent ethanol yields to control biomass. Importantly, transgenic switchgrass plants in these studies looked phenotypically normal, except for the specifically targeted traits. This clearly demonstrates the potential for a significant cost reduction in the conversion of biomass to ethanol by implementing genetic engineering approaches to overcome cell wall recalcitrance.

Transcription factors represent attractive targets for the manipulation of complex metabolic pathways in plants, including the pathways leading to the synthesis of the different cell wall components, to improve lignocellulosic biomass traits. Several transcription factors are known to regulate secondary cell wall synthesis and therefore should provide useful tools for altering lignocellulosic biomass characteristics (Wang and Dixon, 2012). The overexpression of a switchgrass MYB transcription factor, PvMYB4, predicted to be an ortholog of AtMYB4 and ZmMYB31 (both transcriptional repressors of monolignol biosynthetic genes), resulted in reduced lignin content and ester-linked p-coumaric acid: ferulic acid ratio, and a 3-fold increase in sugar release efficiency from cell wall biomass (Shen et al., 2012b). However, plant development and architecture were affected in these transgenic plants. While representing good targets for changing the flux through cell wall synthesis related pathways, the complexity and potential pleiotropy of transcriptional regulation (Broun, 2004) should be carefully considered. As an example, overexpression of the Arabidopsis NAC transcription factor AtLOV1 in switchgrass delayed, as expected, flowering time but also led to the formation of erect leaves and increased lignin content, as well as altered monolignol composition with an increased guaiacyl:syringyl ratio (Xu et al., 2012).

The potential for more ingenious genetic engineering approaches to manipulate cell wall composition and recalcitrance has been illustrated by a recent study in which a synthetic biology approach was adopted in Arabidopsis to alter the deposition of cell wall polymers in the secondary cell wall (Yang et al., 2012). The spatial deposition patterns of lignin and polysaccharides were reprogrammed by altering promoter-coding sequence associations for a number of key, well characterized genes, which led to a reduction of lignin content and enhanced polysaccharide deposition in fiber cells (Yang et al., 2012). This rewiring of secondary cell wall deposition more than doubled the sugar yields after enzymatic hydrolysis, without obvious growth penalties.

Another strategy by which genetic engineering can be used to improve cell wall deconstruction is through the in planta expression of thermo-stable cell wall degrading enzymes from microbial origin. Being inactive during normal plant growth conditions, temperature induced expression of such enzymes promotes hydrolysis of cell wall polymers after harvest, thereby rendering the lignocellulosic biomass more amenable for further deconstruction and conversion to biofuels (Jung et al., 2012). An elegant example is provided by a recent study in which a thermo-regulated xylanase was engineered and expressed in maize (Shen et al., 2012a). The introduction of a self-splicing bacterial intein disrupted the xylanase activity at normal growth temperatures, but a temperature-induced (>59°C) splicing reaction restored xylanase activity. Consequently, mild heat pretreatment of transgenic corn stover, which induced in planta xylanase activity, led to a significant increase in sugar release, with the potential to reduce the production costs associated with biomass pretreatment and enzymatic hydrolysis.

Plant genetic engineering is not only important to increasing our understanding of the structure, function and synthesis of plant cell walls but also provides a route that can contribute to reducing the costs of lignocellulosic biomass conversion. Although genetic transformation of Miscanthus using particle bombardment (Wang et al., 2011) and Agrobacterium-mediated transformation (Engler and Jakob, 2013) has been reported there is, to our knowledge, no report on the functional analysis of transgenes expressed in Miscanthus. An efficient Agrobacterium-mediated transformation protocol, preferably for high yielding Miscanthus genotypes, needs to be developed to enable the effective improvement of key traits through genetic engineering approaches.

PROSPECTS

In addition to securing increased and stable biomass yields under a wide range of climatic and edaphic conditions, a crucial aim for energy crop scientists and breeders will be to enhance knowledge about the structure of cell walls and the key characteristics affecting the efficiency of the conversion of lignocellulosic biomass into fuels and products. The tremendous amounts of genetic variation among and within Miscanthus species, as well as the extensive heterosis observed in both natural and synthetic hybrids, reinforce the promise of this energy crop. Population genomics approaches appear to be particularly well-suited for harnessing this variation and informing both fundamental biology and breeding programmes. However, because the genomic architectures of most traits of interest appear to be exceedingly complex, bridging the statistical and biological gap between phenotype and genotype will likely require experimental population sizes in the hundreds and thousands. As with most other traits, phenotyping is likely to be the rate-limiting factor in this process. This is because none of the currently existing cell wall phenotyping approaches is sufficiently robust and scalable, although this field of research is extremely dynamic, and a variety of promising ideas are being developed and evaluated. In the short term, most of the progress in our understanding of the molecular underpinnings of cell wall quality traits in Miscanthus will be driven by research in model grasses. However, technological progress in the accuracy and throughput of cell wall chemotyping, integrated with the rapidly expanding genetics and genomics resources for Miscanthus, should provide exciting opportunities to discover and functionally test gene-trait associations for cell wall quality in this bioenergy crop.
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Second generation feedstocks for bioethanol will likely include a sizable proportion of perennial C4 grasses, principally in the Panicoideae clade. The Panicoideae contain agronomically important annual grasses including Zea mays L. (maize), Sorghum bicolor (L.) Moench (sorghum), and Saccharum officinarum L. (sugar cane) as well as promising second generation perennial feedstocks including Miscanthus × giganteus and Panicum virgatum L. (switchgrass). The underlying complexity of these polyploid grass genomes is a major limitation for their direct manipulation and thus driving a need for rapidly cycling comparative model. Setaria viridis (green millet) is a rapid cycling C4 panicoid grass with a relatively small and sequenced diploid genome and abundant seed production. Stable, transient, and protoplast transformation technologies have also been developed for Setaria viridis making it a potentially excellent model for other C4 bioenergy grasses. Here, the lignocellulosic feedstock composition, cellulose biosynthesis inhibitor response and saccharification dynamics of Setaria viridis are compared with the annual sorghum and maize and the perennial switchgrass bioenergy crops as a baseline study into the applicability for translational research. A genome-wide systematic investigation of the cellulose synthase-A genes was performed identifying eight candidate sequences. Two developmental stages; (a) metabolically active young tissue and (b) metabolically plateaued (mature) material are examined to compare biomass performance metrics.
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INTRODUCTION

As the depth of knowledge ever increasingly grows in the model plant Arabidopsis and the utility of this information proves translatable, there remains a need for additional model plants, to decode and translate traits that are absent in Arabidopsis (Rensink and Buell, 2004). Monocotyledonous taxa (grasses) display both marked phenotypic and metabolic variability. Moreover, they produce the majority of the world food crops and a growing need for biomass for biofuel production is being driven toward perennial grasses. Thus, a notable need exists for a range of model species to ask a great many questions underscoring agronomically important traits. Existing examples of model grasses include Brachypodium distachyon and rice (Oryza sativa), which have served as tractable model plants for gene discovery and translational biology (Ouyang et al., 2007; Vogel, 2008). However, there are also important physiological differences among the grasses. A principle difference exists between mechanisms of photosynthesis. Rice and Brachypodium utilize C3 (carbon fixation) photosynthesis whereas the existing and most promising bioenergy feedstocks including maize (Zea mays), sorghum (Sorghum bicolor), switchgrass (Panicum virgatum L.), or Miscanthus (Miscanthus × giganteus) employ C4 (carbon fixation) photosynthesis (Schmitt and Edwards, 1981; Oula, 2008; Wang et al., 2009). While Setaria has been proposed as models for C4 photosynthesis (Doust et al., 2009; Brutnell et al., 2010; Li and Brutnell, 2011), based on it’s close phylogenetic relationship and genetic synteny, it also exists as an excellent model for the lignocellulosic biomass crops. For perspective, maize has a large genome comparable in size to the human genome, while Setaria is one-fifth the size and contains all the genes necessary for C4 photosynthesis and primary metabolic processes. Primary cell walls in dicots and monocots are inherently different. For instance in dicots, cellulose fibers are encased in a matrix of xyloglucan, pectin, and structural proteins. On the contrary, a typical monocot primary cell wall still has cellulose microfibrils as the main structural biopolymer, but has a hemicellulose structure comprised of glucuronoarabinoxylans along with hydroxycinnamates and a very low contribution of pectin (see Vogel, 2008). Differences between the C3 and C4 plants, in our case focused solely monocotyledonous (monocots) examples (some dicotyledonous C4 plants exist), involve structural (physiologically) and metabolic advances in leaf anatomy and atmospheric carbon during photosynthesis. Despite the large evolutionary adaptation in plant physiology between C3 and C4 metabolism, only minor differences are noted in the cell walls, such as suberized bundle sheath cell walls to prevent CO2 leakage (Langdale, 2011). Little evidence exists that C3 versus C4 metabolism is accompanied by any marked shifts in the composition of cell wall polysaccharides comprising lignocellulosic biomass. However, the primary metabolic response(s) to environmental constraints, such as drought (Doust et al., 2009), are notable different in plants with C3 versus C4 metabolism and therefore the feedback regulation of carbon through primary metabolism is feasibly influenced. Such shifts could in turn influence cell wall processes. Indeed, in a study by Hibberd and Quick (2002), the spatially discreet evolution of C4 metabolism around xylem vessels in a C3 plant was associated with both a pH shift and provision of carbon skeletons into lignin synthesis for rapid incorporation in lignified xylem vessels. Regardless, the development of physiological, compositional, and genetic resources in Setaria as a model organism for lignocellulosic feedstocks should complement resources in Arabidopsis and Brachypodium. Briefly, Setaria, is the weedy counterpart to the grain crop Setaria italica (millet), more commonly known as the green foxtail. Many crop grasses have vast and repetitive genome structure (Vicient et al., 2001; Bennetzen, 2007). By contrast, Setaria viridis has a relatively manageable genome and yet displays synteny to the Panicoideae grasses, which include the major biofuel grasses (Li and Brutnell, 2011). Setaria (as referred to from this point onward) displays a life cycle of around 8 weeks, produces abundant seed each generation, is self-compatible and is a diploid providing for genetic tractability (Doust et al., 2009).

As an initial step in the development of Setaria as a model for bioenergy grasses, the cell wall carbohydrate composition of Setaria was compared with other crop species in the Panicoideae at two developmental stages; (a) metabolically active young tissue and (b) metabolically plateaued (mature) material (see Figure 1 for example). Furthermore, employing current genomic data we phylogenetically examine the cellulose synthase-A (CESA) gene family. Metabolically active tissue was examined because such a sampling time is representative of an early season perennial forage production system [Panicoideae clade species such as switchgrass, eastern gamagrass (Tripsacum dactyloides) and Miscanthus × giganteus] and due to being a temporally favorable timeframe to examine phenotypes in a research setting. Secondly, an important comparison is that of mature tissue where genetic manipulations for persistent biomass traits can be compared and potentially translated.
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FIGURE 1. Representative sample points exemplified during the developmental program of Setaria and sorghum. Plants were sampled at two stages: immature tissue denoted as stage 1 (S1) and mature tissue denoted as stage 2 (S2), exemplified here for Setaria (A) and sorghum (B).



RESULTS AND DISCUSSION

Setaria AS A MODEL FOR CELL WALL SYNTHESIS IN THE PANICOIDEAE: THE IDENTIFICATION OF TWO DEVELOPMENTAL STAGES THAT PRESENT SIMILAR CELL WALL COMPOSITION

Cellulose, neutral sugars, and lignin

It is recognized that the relative abundance of cellulose, lignin, and hemicellulose varies depending on tissue type, age, and environmental/biological condition of the plant tissue (Meinert and Delmer, 1977; Rogers and Campbell, 2004). Cellulose, a natural highly abundant macromolecule made up of glucose 1, 4-β-linked is a principle substrate for bioethanol conversion (Hidayat et al., 2012). Further, hemicellulose is also a convertible carbohydrate substrate to alcohol fuels (Saha, 2003). By contrast, the presence of lignin inhibits enzymatic processes (Li et al., 2010; Kim et al., 2011) and it’s down-regulation through genetic approaches has been shown to improve the saccharification efficiency (Chen and Dixon, 2007; Saathoff et al., 2011; Wang et al., 2012). Therefore, we surveyed cellulose, lignin, and neutral sugar composition in Setaria and compared these with other annual and perennial members of the Panicoideae. Cellulose and lignin content of acid-insoluble residue (AIR biomass) was quantified. As defined in the methods and materials, we sought two developmental stages for comparative studies. Analysis of cellulose content in immature biomass revealed no significant change (P > 0.05) in relative content among the three annual panicoid species (Setaria, maize, and sorghum). By contrast, lower cellulose content was measured in switchgrass samples (Figures 2A,B; P > 0.05). There are several plausible explanations for these data. Firstly, switchgrass is a perennial warm season grass whereas the other Panicoideae clade species are annual grasses. The modest variation in cellulose accumulation may reflect the ecological and genetic distances between annual and perennial crops. Alternatively, the capacity to synchronize temporal staging (sampling time) may have been congruent for the annual species, but the perennial switchgrass may display minor developmental variation. In prior analysis of numerous upland and lowland switchgrass cultivars, modest variability in cellulose content was observed (Stork et al., 2009), and therefore species level variation could also exist. Comparison of cellulose content in the mature (S2) compared with immature (S1) biomass revealed an expected and consistent proportional decrease during development (Figures 2A,B; P > 0.05). This proportional decrease in cellulose content may be a target for future transcriptional re-wiring efforts that aim to increase cellulose without significant cost to the fitness of the plant. It was also found that the degree to which the cellulose content was reduced in mature tissue relative to the metabolically active tissue was greatest in the two highly domesticated species, maize and sorghum.
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FIGURE 2. Cellulose and lignin determination of acid-insoluble residue (AIR). Cellulose content was determined in aboveground (A) and belowground (B) material for Setaria, maize, sorghum, and switchgrass at both stage S1 and S2. The acid-insoluble lignin portion of aboveground (C) and belowground (D) and acid-soluble lignin (E,F) was quantified. n = 3 biological replicates. Error bars represent the standard error from the mean. One-way ANOVA with a post hoc Tukey test was performed across the four species per stage. Convention adopted is small letters for stage 1 (S1) and capital letters for stage 2 (S2). Same letters indicate non-significance (P > 0.05) different letters indicate significant differences (P < 0.05).



The majority of lignin was measured as insoluble lignin. Lignin content increased significantly between the first and second sampling in both aerial (Figure 2C) and root tissue (Figure 2D). Increased lignification during development was consistent with diversification of the primary cell wall into lignified secondary cell walls in maturing stems, leaves, and roots (Redfearn and Nelson, 2003; Parrish and Fike, 2005; Stork et al., 2009). Soluble lignin although representing a minor proportion of cell wall biomass was measured and found to be less predictable (Figures 2E,F). For example, in aerial tissue, soluble content did not significantly change in Setaria or maize (P > 0.05) and significantly decreased in sorghum and switchgrass between S1 and S2 (P < 0.05). Collectively, data highlight a contiguous developmental program during the deposition patterns for cellulose and lignin. These data broadly support the utility of Setaria to provide model organism characteristics to above-mentioned crop species, taking note of potential differences when comparing annual and perennial grasses.

Biomass was examined using X-ray diffraction (XRD) to infer a relative crystallinity index (RCI; Segal et al., 1959). The RCI is an empirical measure of the relative proportion of the crystalline versus non-crystalline (amorphous) biomass components, and is not a measure of the crystallinity of cellulose (Andersson et al., 2003). All samples fell in a comparable range of 59–69%, consistent with prior studies (Harris and DeBolt, 2008). Interestingly, there was a general trend of increased RCI from S1 to S2 (Table 1). Lignification during secondary cell wall synthesis would increase the amorphous signal at 2-theta (Θ) 18° and subsequently influence the RCI determination. Of further note, a large peak consistent with calcium oxalate was evident in all samples at 2-theta (Θ) 26.6° and was more pronounced in S2 (data not shown).

TABLE 1. Relative crystallinity index (RCI) determined for specified spatial and temporal regions of each species.
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To further understand how the cell wall was changing over time, we measured neutral sugars in S1 (Figures 3A,B ) and S2 (Figures 3C,D). Neutral sugars collectively comprise the building blocks for hemicellulose biosynthesis in the plant cell walls (Bauer et al., 1973) such as xyloglucans, xylans, mannans and glucomannans, and β-(1 → 3,1 → 4)-glucans (Scheller and Ulvskov, 2010). These polysaccharides make up a third class of cell wall biomass component, in addition to cellulose and lignin and comprise arabinose, mannose, rhamnose, galactose, fucose, xylose, and soluble glucose. In S1 aboveground biomass, rhamnose was more abundant in the switchgrass biomass relative to annual species (Figure 3A). By contrast, arabinose, galactose, fucose, glucose, and xylose did not display notable shifts in relative abundance (% AIR or mg g-1). For stage S2, some variability in xylose, glucose, and rhamnose content was observed among genotypes, but this was also most pronounced in switchgrass (Figure 3). Mannose and galactose were not abundantly represented in our analysis. These can be explained by (glucurono)arabinoxylans being the predominant component of hemicelluloses in the grasses, while xyloglucans dominate in the cell walls of dicotyledons (including gymnosperms; Scheller and Ulvskov, 2010). The proportional shifts between species herein were minor and no pronounced shifts in total neutral sugars between S1 and S2 were observed. These data support that the increased RCI in S2 (Table 1) may be consistent with increased order or abundance of crystalline cellulose within the cell wall rather than a proportional shift in hemicellulose or lignin. The use of hemicellulosic neutral sugars as a feedstock for enzymatic conversion to biofuel requires different degradation enzymes than cellulose (Saha, 2003). The xylose and arabinose sugar backbones represented the most abundant non-glucose sugars available for bioconversion (Figure 3). Alternatively, recent innovations show that integrated thermochemical deconstruction of cellulosic and hemicellulosic fractions of lignocellulosic biomass can be simultaneously converted to levulinic acid and furfural, respectively (Alonso et al., 2013), and would not require separate bioprocesses. Ultimately, thermochemical deconstruction of lignocellulosic biomass to biofuel may negate modest compositional shifts, but technical hurdles remain in this maturing technology.
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FIGURE 3. Neutral sugar monosaccharide analysis for aboveground material. The relative abundance of each sugar was compared to a true standard and determined Setaria, maize, sorghum, and switchgrass at S1 (A,B) and S2 (C,D). n = 3 biological replicates. Error bars represent the standard error from the mean. One-way ANOVA with a post hoc Tukey test was performed across the four species per stage. Convention adopted is small letters for stage 1 (S1) and capital letters for stage 2 (S2). Same letters indicate non-significance (P > 0.05) different letters indicate significant differences (P < 0.05).



Cellulose biosynthesis inhibitor response studies

A chemical inhibitor can be a useful research tool, particularly when combined with genomic tools and model system resources (Robert et al., 2009; Töth and van der Hoorn, 2010). Cellulose biosynthesis inhibitors (CBI) have been effectively used with the dicotyledonous model system Arabidopsis thaliana to identify mutations in CESA (Scheible et al., 2001; Desprez et al., 2002), some of which have led to beneficial deconstruction characteristics of cellulose (Harris et al., 2012). CBIs have also been used to learn important information about the delivery mechanisms of cellulose biosynthetic machinery (Crowell et al., 2009; Gutierrez et al., 2009), which will ultimately be important to regulate cellulose synthesis in plants.

In plants, directional cell growth is facilitated by a rigid, yet extensible cell wall, which acts to collectively constrain internal turgor pressure. Cellulose forms the central load-bearing component of this wall and therefore inhibiting cellulose biosynthesis causes radially swollen cells in seedlings providing a robust visual phenotype drug activity. A panel of CBIs was tested for potency herein, due to their possible use in future studies on biomass traits. These CBIs fell into three different classes of inhibition mechanism in Arabidopsis (summarized in Brabham and DeBolt, 2013), clearance of CESA (isoxaben (N-[3-(1-ethyl-1-methylpropyl)-1,2-oxazol-5-yl]-2,6-dimethoxybenzamide)), stopping CESA (2,6-dichlorobenzonitrile – DCB) and co-targeting cortical microtubules and CESA [morlin (7-ethoxy-4-methyl, coumarin); Figure 4]. The LD50 dose rates for isoxaben, morlin, and DCB in Arabidopsis are 4 nM, 500 nM, and 5 μM (Heim et al., 1989; DeBolt et al., 2007a,b). Results showed that isoxaben failed to induce radial LD50 root length suppression until 50–100 nM (Figure 4), which represented a 15- to 20-fold reduction in activity. Morlin also displayed a 10-fold reduction in activity, with an LD50 of approximately 50 μM. Based on these data, DCB alone remained a highly potent CBI inhibitor for the panicoid with dose rate similar to those observed in Arabidopsis. The lower degree of CBI potency observed for isoxaben and morlin, but not for DCB, requires future exploration. Indeed, 14C-isoxaben studies from Heim et al. (1993) suggest that isoxaben uptake is not blocked at the cuticle in monocotyledons. Further, the action of DCB does not support a non-specific biochemical drug tolerance such as more abundant cytochrome P450 enzymes (Morant et al., 2003). Hence, future chemical genetic studies employ mutagenesis populations to map based clone resistance loci to CBIs are needed. Such studies will be aided by a genetic model such as Setaria.
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FIGURE 4. Comparing response to cellulose biosynthesis inhibitors (CBIs) in Setaria and sorghum. Response to 2,6-dichlorobenzonitrile (DCB), morlin (7-ethoxy-4-methyl chromen-2-one), and isoxaben (N-[3-(1-ethyl-1-methylpropyl)-1,2-oxazol-5-yl]-2, 6-dimethoxybenzamide) from switchgrass (A) and sorghum (B) was examined during early seedling growth using in plate assays on sterile Murashige and Skoog (MS)-agar media. Average root length was measured (n ≥ 10) and error bars represent standard error from the mean.



Phylogenetic analysis of CESA genes

In order to ask whether similarities in cellulose biosynthesis were reflected by similar organization of the CESA gene family, we performed a simple phylogenetic analysis of annotated genes. To aid in providing confidence in the bioinformatic analysis, two separate phylogenetic trees were established using distinct protein prediction compared with genomic sequence. Homology-based associations were made between CESA identified in the genomic data derived from A. thaliana (AT), Setaria italica (SI), Z. mays (ZM), Sorghum bicolor (SB), and P. vulgare (PV). Firstly, the MUSCLE multiple alignment tool (Edgar, 2004) was utilized followed by the PhyML program (Guindon et al., 2010) to create the phylogenetic tree based on the translational predictions (protein sequences) of the putative CESAs. GARLI was utilized in parallel to produce a phylogenetic tree based on genomic sequence information. When grouping CESA genes or gene products within the broad CESA phylogenetic tree, it was necessary to visualize groups (sub-clades) of putative CESAs within the tree, and therefore they were referred to based on the closest homology to the established Arabidopsis CESA nomenclature of Richmond (2000). The phylogenetic tree inferred by protein sequences (Figure 5) clustered in five classes with the Arabidopsis CESA1, 3, 7, 6-like, and 4. It was perhaps noteworthy that the Arabidopsis CESA6-like clade, which also comprised proteins similar to Arabidopsis CESA2, 5, and 9 (Persson et al., 2007) was the most highly represented cluster. By contrast, the Panicoideae homologs with Arabidopsis secondary cell wall CESA4 were least common, which only Z. mays and Setaria containing putative members of the CESA4-associated clade. With the exception of the Arabidopsis CESA4 clade-comprising of only two putative CESA members, the remaining clades contain at least one putative CESA member from each of the five species investigated. Using genomic data to assemble and predict phylogenetic relationships (Figure 5), the putative CESAs divide readily into four distinct clades, clustering around Arabidopsis CESA1 (primary cell wall; Arioli et al., 1998), CESA3 (primary cell wall; Scheible et al., 2001), CESA4/7/8 (vascular secondary cell wall; Taylor et al., 2003), and CESA6-like (CESA2, 5, and 9, included in primary and seed coat secondary cell wall; Stork et al., 2010; Mendu et al., 2011; Sullivan et al., 2011). It was found that at least one putative CESA member from each of the five species was represented within each sub-clade. However, in the heterotrimeric model for cellulose synthase complex (CSC) formation in the primary and secondary cell wall (Delmer and Amor, 1995; Tanaka et al., 2003), the lack of at least three distinct CESAs within the CESA4, 7, and 8 sub-clade suggests either divergence among heterotrimeric associations or an example of large incompletions within the genome sequencing for all of the Panicoideae. In comparing the two phylogenetic trees, there were no marked differences in the CESAs that comprised a particular sub-clade. For example, in both phylogenetic trees the Arabidopsis CESA6-like CESA2, 5, 6, and 9 cluster closely with each other and were broadly represented. The discrepancy in the number of clades between the two trees can be attributed to the fact that within the protein sequence phylogenetic tree, the Arabidopsis CESA4 clade and CESA7 clade are separated while they are combined into one clade within the genetic sequence phylogenetic tree. Ultimately, targeted reverse genetics are urgently needed in the model grasses to elucidate questions related to the tissue specificity, functionality, redundancy, and stoichiometry of the CESA genes. Further, next generation sequencing to produce in depth transcriptional patterns for spatially and temporally diverse tissues could reveal whether differentiation during caryopsis development utilizes CESA6-like sequences in a non-redundant manner as observed in Arabidopsis (Mendu et al., 2011; Sullivan et al., 2011).
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FIGURE 5. Phylogenetic trees of CESA proteins (A) and CESA genes (B). Phylogenetic relationships were determined for A. thaliana (AT), Setaria italica (SI), Z. mays (ZM), Sorghum bicolor (SB), and P. vulgare (PV).



DEGRADABILITY

Saccharification efficiency was measured for the four species as a criterion for utilizing lignocellulose biomass to produce alcohol-based biofuels. Several different tests were performed to determine the dynamics and cross species consistency of digestibility. Firstly, we examined the pseudo-apparent kinetics of digestibility in semi-purified cellulose (Harris et al., 2009) from the mature stem (S2) of each panicoid (Figure 6). Results showed a consistent rate of conversion of cellulose to fermentable sugars, with sorghum displaying a notable increase in digestibility.
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FIGURE 6. Pseudo-apparent kinetics and cellulosome biodegradation of total biomasses. Michaelis–Menten enzymatic kinetics were determined for semi-purified cellulose for the aboveground stage 2 (S2) of Setaria viridis (SV); Z. mays (ZM); Sorghum bicolor (SB), and P. vulgare (PV).



We subsequently used a cellulosome digestion via Clostridium thermocellum and measured the output of carbon from raw unprocessed biomass. During the saccharification reaction two main products are generated, glucose and cellobiose. Additionally, C. thermocellum is capable of metabolizing glucose and cellobiose, and acetate, lactate and ethanol are products of this metabolism. It is possible to estimate the total amount of carbon released from the biomass as the result of the simultaneous saccharification and fermentation process by the inclusion of all the products, thus accounting for the total carbon signature of the converted biomass. Time course fermentation (from 0 to 240 h) released an increased amount of carbon as time progressed (Figure 7A). For both stages, we observed a similar increase in the temporal series; although, as expected for stage 2, a lesser amount of total carbon was released (Figure 7A). Three noteworthy trends were observed; (1) Setaria displayed the second highest rate in stage 1 and the highest total carbon conversion for the root material. (2) The highest rates of total carbon release was, for both stages, observed in switchgrass, and (3) the values determined for maize and sorghum were intermediate. The most interesting aspect, when single fermentation products were taken into account was related to the production of acetate whereby the highest release was associated with the fermentation of the root biomass independently of the species considered although, it was most obvious at the 240 h time point than the other time assayed (Figure 7B). This was the only case where the root biomass conversion products were higher than the conversion products from the shoot biomass.
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FIGURE 7. Total carbon (A) and lactate (B) production obtained through Clostridium thermocellum system during biomass deconstruction. In (A), biological degradation of the four grasses was completed through Clostridium thermocellum system. The saccharification efficiency was determined for stage 1 and 2 (S1, S2) and for aboveground and belowground material for Setaria viridis (SV); Z. mays (ZM); Sorghum bicolor (SB), and P. vulgare (PV). In (B), The graph displays the acetate production for stage 1 and 2 and for three time points (24, 120, and 240 h) representing the initial stage the middle and the final stage of the process. The convention employed in the graph was: name of species plus S (S denotes shoot) for the aboveground and R (R denotes root) for the belowground material.



CONCLUSION

Several studies highlight Setaria as a model organism for the panicoid (see Li and Brutnell, 2011), complementing the existing resources for C3 grasses via rice and Brachypodium. In this study, we examined the baseline composition, CBI response, and CESA gene family in Setaria. Data indicated that commonly used CBIs for dicot studies, such as isoxaben as less effective for Setaria, whereas DCB displays similar LD50 responses. Eight members of the CESA gene family were identified for functional genomic characterization. The use of two growth stages demonstrated the potential translational role of Setaria as a model species for lignocellulosic panicoid crops. To summarize, aboveground Setaria biomass was similar to the comparative (non-model) species.

MATERIALS AND METHODS

PLANT GROWTH CONDITION AND MATERIAL COLLECTION

Four grasses species were considered and include maize-hybrid 684GENSS, sorghum var. Della, Panicum virgatum switchgrass var. Alamo and Setaria. Seeds were sown on soil less media (MetroMix 360, SunGro Industries Bellevue, WA, USA). Plants were grown and maintained in a temperature-controlled glasshouse at 24°C, on a 16 h:8 h light:dark cycle with additional supplemental light if natural light was absent. MetroMix 360 media was maintained at field water conditions and fertilized with 3 g of osmocote (The Scotts Company, Marysville, OH, USA) integrated into the media when planting. A physiological staging was found to be most appropriate, as opposed to temporal staging due to inherent variation in reproductive cycle. Stage 1 was defined by four fully developed leaves (not including the cotyledon) and evidence of culm elongation and stage 2 (mature) determined by the onset of apical inflorescence protrusion. Plant specimen were divided into aboveground and belowground material. Each sub-sample was air dried for two days at 26°C then oven dried at 45°C for a further 7 days. Approximately 10 samples were pooled for each replicate. Four biological replicates of randomly harvested material were sampled per species and per developmental stage. Each biological replicate was made of pooled samples per species and per stage. After oven drying, shoot and root material was ground using to 1 mm fragments (Arthur H. Thomas Co Scientific, Philadelphia, PA, USA) and used for further analytical determinations detailed below.

CELL WALL CARBOHYDRATE COMPOSITIONAL STUDIES

Cellulose content for all samples was measured colorimetrically (Updegraff, 1969). Neutral and acidic sugar composition was determined by high performance liquid chromatography (HPLC; Mendu et al., 2011). In brief, samples were homogenized using a grinder (Arthur H. Thomas Co Scientific, Philadelphia, PA, USA) equipped with a 1-mm sieve. Twenty-five milligrams plant material were destarched as by the specification in National Renewable Energy Laboratory (NREL), LAP-004 (1996) guidelines by incubating the samples in 1 ml 70% ethanol overnight at 65°C, washed twice with 1 ml 70% ethanol for 1 h and once with 1 ml acetone for 5 min. The samples were dried overnight at 30°C with shakings. Cellulose content was determined by weighing out 5 mg of dry biomass extract in quadruplicate and boiled in acetic-nitric reagent (acetic acid:nitric acid:water 8:1:2) for 30 min to remove lignin and hemicellulosic carbohydrates (Updegraff, 1969). Remaining material was then washed twice with 8 ml MQ-water and 4 ml acetone and dried under vacuum. The cellulose samples were then hydrolyzed in 67% sulfuric acid for 1 h. The glucose content of the samples was determined by the anthrone method (Updegraff, 1969). Ten microliters of the sulfuric acid hydrolyzed samples were mixed with 490 μl water and 1 ml 0.3% anthrone in concentrated sulfuric acid on ice. The samples were boiled for 5 min then placed immediately back on ice. The absorbance of the samples was measured using a Bio-Mate Thermo Scientific spectrophotometer (Thermo Fischer, Waltham, MA, USA) set at OD 620 nm and the cellulose content was calculated by multiplying the measured glucose concentration of each sample by the total volume of the assay and then by the hydration correction factor of 0.9 to correct for the water molecule added during hydrolysis of the cellulose polymer.

For monosaccharide analysis, 4 mg of ethanol–acetone washed plant biomass was measured into glass tubes, a total of 36.5 μl of 72% (w/v) H2SO4 was added including the internal standard Ribose. The samples were incubated on ice for 2 h, mixing every 30 min with the vortex. Samples were diluted to 4% (w/v) H2SO4 by adding 963.5 μl of water and autoclaved at 121°C for 1 h. Neutral sugar standards (Fuc, Ara, Rha, Gal, Glc, Man, and Xyl) and acid sugar standards (GalUA) were also processed in the same way at the same time. Neutral and acidic cell wall sugars were identified and quantified by pulsed electrochemical detection using a Dionex ED50 (Dionex, Thermoscientific). Sugar separation was achieved using a BioLC GS50 HPLC device and a CarboPAC-PAl pellicular anion-exchange column with column guard (Dionex). Column and detector temperature was maintained at 30°C using a Dionex LC25 chromatography oven. Samples were introduced to the column from a Dionex AS50 autosampler and neutral sugars were eluted isocratically in 22 mM NaOH over a 30-min period, after which the column was washed in 1 M NaOAc and 200 mM NaOH for 5 min. The column was recharged by passing 200 mM NaOH through it for 10 min and then reequilibrating the column in 22 mM NaOH for 10 min prior to injection of the next sample. This protocol resulted in optimal (near-baseline) resolution of Gal, Glc, Man, and Xyl (Downie and Bewley, 1996). Acidic sugar separation and quantification used the same HPLC procedure but followed the eluent profile of Dean et al. (2007). For total biomass monosaccharides, the neutral sugars were normalized to the amount of plant material (aboveground and belowground) used for the sample preparation.

LIGNIN QUANTIFICATION

Acid hydrolysis

Acid-soluble lignin, acid-insoluble lignin, and ash were measured using the laboratory analytical protocols NREL, LAP-004 (1996). Briefly, approximately 300 mg sample-1 (±0.01 g) of dry plant tissue were placed into 30 ml test tubes with three replicates followed by an addition of 3 ml of sulfuric acid (72% v/v) to each test tube and stirred thoroughly with a glass rod. Samples were incubated in a water bath at 30°C for 2 h and stirred every 15 min. After hydrolysis, samples were diluted with 84 ml of deionized water (4% concentration) into a 250-ml Erlenmeyer flask that was autoclaved at 121°C at 15 psi for 1 h.

Acid-soluble lignin measurement

Acid-soluble lignin was measured using NREL, LAP-004 (1996). Briefly, the autoclaved solution was allowed to cool to room temperature before withdrawing 1 ml of the hydrolyzate without disturbing any solid particles in the solution. A 4% solution of sulfuric acid was used as a reference blank. To accommodate the absorbance range (0.2–0.7) of the spectrophotometer at 240 nm, both the hydrolyzate and reference 4% sulfuric acid solution were diluted 1:30 with deionized water. The absorbance of the hydrolyzate at 240 nm using a 1-cm light path cuvette was used to calculate the acid-soluble lignin.

Acid-insoluble lignin measurement

Porcelain filter crucibles containing a glass microfiber filter (Whatman 934-AH) were placed in a furnace at 575°C for 4 h. The crucibles were removed from the furnace and placed into a desiccator to cool for a minimum of 1 h before being weighed. The autoclaved samples were vacuum filtered through the crucibles. The crucibles and their contents were dried in an oven at 105°C overnight before transferring into a desiccator to cool. The weight of the crucibles were recorded and placed in a furnace at 575°C for 4 h before reducing the temperature to 105°C overnight. The crucibles were removed and placed into a desiccator to cool and weighed.

Enzyme kinetic of semi-purified cellulose

Crude cell walls were prepared from total biomass of each species (stage 2) as by published protocol (Reiter et al., 1993) and it was scaled up in order to meet the requirements for enzyme kinetics. Cellulose which was purified according to the method by Updegraff (1969) was homogenized using an Arthur H. Thomas Co Scientific grinder (Philadelphia, PA, USA) equipped with a 0.5-mm sieve. A cocktail of cellulase and cellobiose (Sigma, USA), equivalent to 2 FPU (filter paper unit), were used to digest an increased amount of cellulose substrates (2, 5, 7.5, 10, 12.5, 15, 17.5, and 20 mg) in a 50-mM citrate buffer (pH 4.8) at 50°C for 2 h. Prior to glucose determination, the enzymes were heat-inactivated by boiling the samples for 5 min at 100°C. Glucose quantification was done by using a Yellow Springs Instruments (YSI)-glucose analyzer. The Inability to exactly calculate the number of catalytic ends in the complex mixture of cell wall biomass allowed only for the calculation of relative estimation, expressed as relative kinetics (relative Vmax and Km ). The glucose values were converted in mol min-1 unit protein-1 and used to determine the apparent kinetics values using the program GRAPHPAD PRISM-4 (Graphpad, La Jolla, CA, USA).

Cellulose biosynthesis inhibitor studies

The effect of three CBI, isoxaben (N-[3-(1-ethyl-1-methylpropyl)-1,2-oxazol-5-yl]-2,6-dimethoxybenzamide; Dow Chemical Company, Midland, MI, USA), DCB (Sigma Aldrich, St Louis, MO, USA), and morlin (7-ethoxy-4-methyl, coumarin Sigma Aldrich, St Louis, MO, USA) were employed to evaluate the plant responses to increased concentration on an in plate assay. Due to the large-sized maize seeds and the poor germination rate of switchgrass seeds, the assay was carried only for Setaria viridis and Sorghum bicolor. Seeds were surface sterilized in 1% bleach and 0.1% sodium dodecyl sulfate (SDS), for 15 min, twice with a water wash in between. An additional 70% ethanol wash was completed for 5 min; the seeds were then rinsed 10 times with sterile water. For Sorghum Bicolor, an average of 15 seeds were plated onto Hoagland’s based media containing either isoxaben (concentration range: 5, 25, 50, and 75 nM), DCB (concentration range: 5, 25, 50, and 150 μM) and morlin (concentration range: 5, 50, 150, and 250 μM) as well as a mock control plate (dimethyl sulfoxide, DMSO). A similar protocol was employed for Setaria viridis, but the number of seeds increased to between 30 and 40. Plates were incubated in a climate-controlled chamber (Conviron, Winnipeg, Canada) at 22°C, with a 16 h:8 h light:dark regimen. Each drug concentration was replicated (n = 3) and the effects of the drugs were evaluated on the root length and determined 8 days post-germination.

ANAEROBIC FERMENTATION ANALYSIS

Inoculum preparation and chemicals

Clostridium thermocellum ATCC 27405 was provided by Michael Flythe (USDA, Lexington, KY, USA) and was maintained in our laboratory, as described by Johnson et al. (1981). Chemically defined thermophile medium was prepared as described by Dhamagadda et al. (2010). A bacterial culture was grown for 24 h in Balch tubes (pH 6.7) at 63°C containing cellulose strips (Whatman Grade 1 filter paper) suspended in 8.5 ml basal medium. This initial culture was used to inoculate 54 ml of cellulose fiber in 100-ml sealed serum vials (Bellco Biotechnology, Vineland, NJ, USA) under CO2 atmosphere. After 18 h of growth, the secondary culture was diluted with fresh basal media (substrate free) to prepare the standard inoculum stock (final optical density of 0.162 OD 600; ~0.078 g dry cells l-1).

Biomass microbial cultures and sampling

One milliliter of prepared inoculum culture was inserted by syringe into a test tube containing 8.5 ml of thermophile medium and 0.5 g of plant material to achieve a 5% w/w bacterial suspension. Test tubes containing plant material and media were tightly sealed with CO2 headspace and autoclaved at 120°C for 20 min prior to inoculation. Cultures were incubated at 63°C in a water bath. The control consisted of substrate (0.5 g Avicel), media, and bacteria. One milliliter supernatant (triplicate samples without replacement) was collected after 0, 24, 72, 120, 168, and 240 h of fermentation. Each sample collected was centrifuged (5000 × g, 20 min, 4°C) and aliquots of cell free supernatant were stored at -20°C until analysis by HPLC. The samples were HPLC analyzed for the presence of the five main products known to be produced by the bacterium. These were matched to the retention time of true standards. Products were: cellobiose, glucose, acetate, ethanol, and lactate.

X-ray diffraction analysis

Finely ground biomass samples were then contained in a custom-built sample holder of pressed boric acid. In brief, plant material was placed into a mold, containing a sleeve and hand pressed with a solid metal plug forming a disk shape. The sleeve and plug were removed and a boric acid (Fischer, Madison, WI, USA) base was then formed by pouring the boric acid over the bottom and sides of the sample and applying 40,000 psi of pressure to the 40 mm × 40 mm mold using a Carver Autopellet Press (Wabash, IN, USA). Samples were pressed to create an even horizontal surface. A Bruker-AXS Discover D8 Diffractometer (Bruker-AXS USA, Madison, WI, USA) was used for wide angle XRD with Cu Ka radiation generated at 30 mA and 40 kV. The experiments were carried out using Bragg-Brentano geometries (symmetrical reflection). Diffractograms were collected between 5° and 35° (for samples with little baseline drift), with 0.02° resolution and 2-s exposure time interval for each step. Sample rotation to redirect the X-ray beam diffraction site was achieved per replicate. The data analysis was carried out using the calculation for RCI of: RCI = I002 - Iam /I002 × 100, where I002 is the maximum peak height above baseline at approximately 22.5° and Iam is the minimum peak height above the baseline at ~18°. For assessment of experimental accuracy, the pressed samples were examined using reflective geometries at 22.5° 2-theta with the sample scanned rotationally (360°) and in an arc (90°) to obtain an intensity/spatial orientation plot of a sample for which the RCI had already been established. The range of reflective intensities was then used to estimate the accuracy of the RCI determination using a 95% cutoff across the plot range. Diffractograms were collected in Diffrac-Plus-XRD Commander software (Bruker-AXS, Karlsruhe, Germany) and minimally processed (baseline identification, noise correction, 3D display, and cropping of RCI signature region) using the EVA and TexEval (Bruker-AXS Karlsruhe, Germany) software.

PHYLOGENETIC ANALYSIS

The sequences of the A. thaliana cellulose synthase genes were obtained from the TAIR database1 and were utilized as the initial reference in order to obtain the putative CESA genes of the grasses. The cDNA sequences of the ten cellulose synthase genes of A. thaliana were employed to conduct the BLASTX (Altschul et al., 1997) search within the Setaria italica, Sorghum bicolor, Panicum virgatum, and Z. mays genomes. BLASTX searches were conducted using the phytozome database provided by JGI2. Due to the very few number of putative CESA genes for Panicum virgatum that resulted from the BLASTX search, an additional BLASTP search was conducted using the 12 CESA genes of the Z. mays to determine if there were any additional putative genes. After the identification of the putative CESA genes, the protein sequences of each of the putative genes were screened to determine if they contained the CxxC motif (Richmond, 2000) considered to be unique to the CESA genes and distinguishing them from the cellulose synthase like genes. A total of 36 putative cellulose synthase genes were identified. The putative CESA genes that contained the CxxC motif of the four monocot species as well as the known CESA genes of A. thaliana were then uploaded onto the PhyML program (Guindon et al., 2010). The putative CESA gene protein sequences that contained the CxxC motif of the four monocot species above as well as the CESA protein sequences of A. thaliana were analyzed using PhyML (v.3.0; Guindon et al., 2010). The advanced setting within PhyML conducts a sequence alignment using MUSCLE (v.3.7; Edgar, 2004), then automatically utilizes the alignment to create the phylogenetic tree. A total of 500 bootstrap replicates were conducted under the WAG (Whelan And Goldman) protein substitution model (Whelan and Goldman, 2001).

In addition to the amino acid-based tree, a tree was constructed using the DNA sequences of the 36 putative CESA genes as well as the 10 Arabidopsis CESA genes. The sequences were obtained from the Phytozome database and the TAIR database, respectively. The sequences were submitted to the Guidance web server (Penn et al., 2010) and aligned with MAFFT (Katoh et al., 2005). Guidance is a program that both aligns sequences and assesses confidence in each position in the alignment, in order to objectively identify and remove regions of ambiguous alignment prior to phylogenetic analysis. Any column in the alignment that had a confidence score of less than 95% was removed by Guidance. GARLI (v. 2.0; Zwickl, 2006) was used to analyze the resulting alignment under the GTR + I + G model (Rodriguez et al., 1990), in which a best tree search (five replicates) and a 200-replicate bootstrap analysis were conducted, both using the default settings. The resulting maximum likelihood tree was then visualized via FIGTREE3.

STATISTICAL ANALYSIS

Statistical analysis consisting of one-way analysis of variance (ANOVA) with a post hoc Tukey test was performed by using PRISM4 (Graphpad, La Jolla, CA, USA). The outcomes are indicated in letters on the corresponding graphs. Same letter signify non-significance (P > 0.05) whereas different letters indicate significance (P < 0.05).
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Footnotes
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Temperate perennial grasses are important worldwide as a livestock nutritive energy source and a potential feedstock for lignocellulosic biofuel production. The annual temperate grass Brachypodium distachyon has been championed as a useful model system to facilitate biological research in agriculturally important temperate forage grasses based on phylogenetic relationships. To physically corroborate genetic predictions, we determined the chemical composition profiles of organ-specific cell walls throughout the development of two common diploid accessions of Brachypodium distachyon, Bd21-3 and Bd21. Chemical analysis was performed on cell walls isolated from distinct organs (i.e., leaves, sheaths, stems, and roots) at three developmental stages of (1) 12-day seedling, (2) vegetative-to-reproductive transition, and (3) mature seed fill. In addition, we have included cell wall analysis of embryonic callus used for genetic transformations. Composition of cell walls based on components lignin, hydroxycinnamates, uronosyls, neutral sugars, and protein suggests that Brachypodium distachyon is similar chemically to agriculturally important forage grasses. There were modest compositional differences in hydroxycinnamate profiles between accessions Bd21-3 and Bd21. In addition, when compared to agronomical important C3 grasses, more mature Brachypodium stem cell walls have a relative increase in glucose of 48% and a decrease in lignin of 36%. Though differences exist between Brachypodium and agronomical important C3 grasses, Brachypodium distachyon should be still a useful model system for genetic manipulation of cell wall composition to determine the impact upon functional characteristics such as rumen digestibility or energy conversion efficiency for bioenergy production.
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Introduction

Grasses are important economically worldwide as a nutritive energy source for ruminant livestock. Furthermore, grasses have been viewed as a highly attractive feedstock for second-generation lignocellulosic biofuel production (Vogel, 2008; Naik et al., 2010), given recent fossil fuels cost increases, the prospect of limited future petroleum availability, and the negative environmental impact of fossil fuel use; thus alternative fuel replacements need to be identified. The increasing world population will place increased burden on current agriculture practices to ensure adequate food and fuel for future generations (Food and Agriculture Organization of the United Nations [FAO], 2011). Therefore, steps taken to improve agricultural output abundance and quality are needed.

The power of appropriate biological research model systems cannot be underestimated. For example, the advances made in plant research through the use of the model dicot Arabidopsis thaliana have had widespread influence on our understanding over all of plant biology ranging from fundamental molecular pathways to broader implications into multicellular organism development (Koornneef and Meinke, 2010). However, clear distinctions exist between monocots and dicots and therefore, a model system for monocots is prudent to have and utilize.

Recent work has championed Brachypodium distachyon, false brome, as a functional genomics model system for grasses and cereals (Draper et al., 2001; Garvin, 2007; Garvin et al., 2008; Opanowicz et al., 2008; Vogel and Bragg, 2009; Bevan et al., 2010; Brkljacic et al., 2011; Mur et al., 2011; Philippe, 2011). Brachypodium distachyon is a temperate annual grass that has many features ideal for a model system including fast growth with small stature, a small genome size with a high degree of synteny with other grass genomes, and diploid accessions to facilitate Mendelian genetic studies. The genome of the diploid accession Bd21 was recently sequenced (International Brachypodium Initiative, 2010) and adds to a growing list of functional genomic tools and resources available for this plant (Huo et al., 2006; Garvin et al., 2008; Gu et al., 2009; Mockler et al., 2010; Cao et al., 2011; Mur et al., 2011; Thole et al., 2012). Included in its utility is the potential for genetic manipulation through Agrobacterium-mediated T-DNA transformation (Christiansen et al., 2005; Pãcurar, 2008; Vain et al., 2008; Vogel and Hill, 2008; Alves et al., 2009; Thole et al., 2009, 2012). Therefore, in principle, the stage is set for significant progress in understanding fundamental molecular, cellular, and developmental processes unique to grass biology.

The proposal that Brachypodium distachyon is a model for forage grass cell wall biology and biomass production has been made primarily though phylogenetic comparisons (Bevan et al., 2010). Primary cell wall characterization has been performed through analyzing either early seedling development (Christensen et al., 2010) or endosperm maturation during seed development (Guillon et al., 2011, 2012; Opanowicz et al., 2011) but developmentally mature secondary cell wall containing material has not been evaluated. The general chemical components of monocot cell walls include structural carbohydrates, lignin and phenolics, proteins, and hydrophobics such as waxes, cutins, and suberins (Carpita, 1996). It is documented that the relative proportion and molecular variation within these chemical subgroups vary within a single species throughout its development (Carpita, 1996; Fincher, 2009) and significantly between themselves in various forage grass species (Hatfield et al., 2009). From a practical perspective, forage grasses, when used as feeds or as potential feedstock for biofuels, are used at advanced stages of development to supply sufficient yields for downstream applications. Therefore, plant material at comparable developmental maturity needs to be analyzed to allow for direct evaluation to determine whether Brachypodium distachyon cell walls and biomass are chemically in line with commonly used forage grass cell walls and biomass. In addition, a detailed cell wall composition map for Brachypodium distachyon would be useful in establishing a chemical framework from which results of genetic manipulations of cell wall biosynthesis can be evaluated.

To allow a comparison of cell wall composition between Brachypodium distachyon and agriculturally important C3 forage grasses, we undertook the chemical characterization of cell walls prepared from four plant organs at three distinct developmental maturities of the diploid Brachypodium distachyon accession Bd21-3. The plant developmental maturities used correspond to Biologische Bundesanstalt, Bundessortenamt und CHemische Industrie (BBCH)-scale developmental stages of (1) expanding inflorescence/heading (BBCH stage range 57–61; “expanding”) and (2) seed fill (BBCH stage range 69–75; “mature”; Hack et al., 1992; Hong et al., 2011). Cell wall analyses were performed on (3) 12-day-old seedlings to complement earlier studies (Christensen et al., 2010). In addition, full analysis was performed on embryonic callus used for transformations (Vogel and Hill, 2008). Analysis of cell walls from organs of a second broadly used Brachypodium accession, Bd21, was performed for the two more mature developmental stages to assess possible chemical variation with Bd21-3. From developing plants, the plant parts used for cell wall isolations included leaves, sheaths, stems, and, in the case of seedlings, roots to assess organ-specific variations in composition. For each plant organ and developmental stage, lignin, hydroxycinnamates, uronosyls, neutral sugars, and protein were quantified. This work provides the first complete plant-developmental map of cell wall composition in Brachypodium distachyon and supports utilizing Brachypodium cell wall composition as an appropriate model for forage grass cell wall studies.

Materials and Methods

Materials

Brachypodium distachyon seed was kindly obtained from Dr. John Vogel (accession Bd21-3) and Dr. David Garvin (accession Bd21). Chemicals used were of high grade and obtained from Sigma-Aldrich, Fisher Scientific, Acros, and Fluka.

Plant Growth

All Brachypodium distachyon seeds were surface sterilized with 10% bleach/0.1% TX-100 and rinsed four times with sterile water. Sterilized seed were incubated for 5 days in sterile water at 4°C. For expanding and mature developmental staged growth, sterile seed were aseptically plated between two pieces of autoclaved Whatman 3M filter paper wetted with sterile dH2O in a Petri dish, sealed with parafilm, and incubated in a Percival Scientific (Perry, IA, USA) growth chamber under conditions to promote germination (24°C, 20 h fluorescent light with an average photon flux of 120 μmol s−1 m−2). After 7 days, germinated seeds were transplanted to 4″ circular pots containing soil mix (2:1 v/v Premier PromixBX:Happy Frog Potting Soil with Mycorrhizae and Humic Acid; Premier Horticulture, Quakertown, PA, USA and FoxFarm Soil & Fertilizer Co., Arcata, CA, USA, respectively) and transferred to a Conviron (Pembina, ND, USA) E15 growth chamber maintained at 20 h light, 24°C, and an average cool white fluorescent light photon flux of 180 μmol s−1 m−2. After 12 days, plants were transferred to a greenhouse maintained at 25–35°C, supplemented with Na-lamp light for a total average photon flux of 270 μmol s−1 m−2 for a 20-h light cycle, and grown to either of the two most mature developmental stages for tissue collection. The two mature developmental stages correspond to the BBCH-scale developmental stages of expanding inflorescence/heading (BBCH stage range 57–61) and seed fill (BBCH stage range 69–75; Hack et al., 1992; Hong et al., 2011). Under our growth conditions, heading occurred after approximately 3 weeks and seed fill after 4.5–5 weeks in the greenhouse. Therefore day totals from germination to harvest were approximately 40 and 54 days, respectively. Plant parts were harvested by hand using razor blades for cutting and pooled according to plant part type. The plant parts harvested included: (1) leaf blades (broken along the ligule/auricle interface), (2) sheaths (from ligule/auricle interface to stem collar), (3) stems (with all sheath and reproductive organ material removed), and (4) all reproductive organs and contents within at the mature stage. Harvested material was quickly frozen in liquid nitrogen and stored at−70°C. For both the expanding and mature developmental stages, two biological replicates of each accession were harvested and analyzed separately.

To obtain Brachypodium seedling organs, surface sterilized seed were aseptically plated onto a galvanized steel mesh support (~2 mm size square hole) in a 25 cm × 38 cm glass pan (above 0.5× strength liquid MS growth medium; Young, 2001). The system was capped with an inverted second glass pan of the same size and sealed with 3M surgical tape. The whole system was wrapped in aluminum foil and incubated at 4°C. After 5 days, the growth system was transferred to a growth chamber to support seedling growth (24°C, 16 h fluorescent light with an average photon flux of 120 μmol s−1 m−2). Seeds were allowed to germinate and seedlings were grown for 12 days. Seedling organs of (1) leaf blades, (2) sheath/stem, and (3) roots were harvested by hand dissection, frozen in liquid nitrogen, and stored at−70°C. Only seedling organs from Bd21-3 were analyzed. Plant parts from three independent growth/harvest cycles were pooled for compiled, individual cell wall preparations for each organ.

Embryonic callus from Bd21-3 was generated according to the method used in the published protocol for Brachypodium distachyon transformations (Vogel and Hill, 2008). In brief, Bd21-3 immature embryos were aseptically dissected from surface sterilized seed. Embryos were plated onto solid callus induction medium (CIM) in 20 mm × 100 mm Petri dishes, sealed with parafilm, and incubated at 28°C in the dark for 3 weeks. Callus tissue fragments (2–4 mm) were plated onto fresh CIM and allowed to grow for 2 weeks at 28°C in the dark. Callus was split and transferred once more to fresh medium and allowed to grow for 3 weeks prior to harvest. Growth medium-free calli were harvested directly into a 50-ml conical tube containing liquid nitrogen and stored at−70°C.

All harvested organs and tissue was homogenized frozen using a Spex SamplePrep Freezer/Mill (Model 6870; Metuchen, NJ, USA). Homogenization cycle parameters used were: 10 min pre-cool, three cycles of 2 min homogenization at 10 bps with 1 min cool down intermissions. All plant sample powders were kept frozen and stored at−70°C.

Cell Wall Preparations

Starch-free cell wall preparations were made based on the procedures of Hatfield et al. (2009). In brief, frozen plant sample powders (~5 g) were weighed directly into pre-weighed, dry Oakridge centrifuge tubes in which all treatments and extractions took place. Samples were extracted with 50 mM NaCl overnight at 4°C followed by 30 min at 40°C the next morning. Material was pelleted by centrifugation at 32,900 × g (at average radius) for 20 min at 20°C. Supernatants were decanted and pellets extracted two times more with 50 mM NaCl for 30 min at 40°C. Pelleted material was suspended in 50 mM Tris-acetate pH 6.0 and heated for 2 h in boiling water bath for starch denaturation. Samples were cooled (~22°C), supplemented with 40 U of amyloglucosidase (Fluka BioChemika) and 20 U of 1,4-α-D-glucan glucanohydrolase (α-amylase; Sigma-Aldrich, St. Louis, MO, USA) and incubated at 55°C for 2 h with shaking. Reactions were terminated by adding ethanol (95%) to a final concentration of 80% and mixed at room temperature for 30 min. Samples were centrifuged as above, supernatants decanted away and EtOH extracts properly disposed. Pellets were extracted an additional three times with 80% ethanol. Acetone was added to the final 80% ethanol extracted pellet and samples were stored overnight at 4°C. The next day the samples were brought to room temperature and incubated with shaking for 30 min. Material was centrifuged as before and supernatants removed. Subsequently, pellets were extracted one time with chloroform:methanol (1:1 v/v) and then four times with acetone with all extractions involving incubations of 30 min at room temperature with shaking. Final cell wall residues were air dried in a fume hood to remove organic solvents, heated to 55°C overnight to fully dry, and weighed to determine yields. Cell wall material was stored dry at room temperature until further use.

Acetyl Bromide Lignin

Acetyl bromide (AcBr) lignin determination was performed essentially according to Hatfield et al. (1999a). Cell wall samples (~25 mg) were analyzed in duplicate for each preparation. A positive control sample of maize (post-anthesis) stock cell wall was analyzed in parallel. Dry samples were incubated 2 h at 50°C in 2.5 ml 25% (v/v) AcBr in glacial acetic acid. Samples were cooled to room temperature and 1.5 ml of sample was cleared by centrifugation (3 min, 12,000 × g) in a microfuge. Clarified supernatant (0.5 ml) was transferred to a glass vial containing 9.5 ml of 0.42 M NaOH, 18.4 mM hydroxylamine, and 12.4 M acetic acid. Absorbance scans from 350 to 250 nm were performed. The absorbance at 280 nm was used to calculate sample lignin content. The extinction coefficients used for calculations were 18.126 and 17.747 g−1 l cm−1, respectively for Brachypodium distachyon cell wall samples and maize stock cell wall standard (Fukushima and Hatfield, 2004). The extinction coefficient used for Brachypodium samples was the average of values determined for C3 grasses obtained from purified HCl–dioxane lignin preparations (Fukushima and Hatfield, 2004). Cell wall preparations were analyzed in duplicate and data were compiled according to plant accession, developmental stage, and organ type based on two biological replicates. For seedling organs and callus, error in data represents the standard deviation of analytical replicates.

Ester- and Ether-Linked Phenolics

The sequential analysis of cell wall ester- and ether-linked phenolic moieties was performed as described (Hatfield et al., 2009). Approximately 70 mg of dried cell wall material per sample was used for analysis. Ferulic acid dimers (diferulic acid, DFA) presented represent the sum of all forms detected, which include: 8-8′-DFA (aryl tetralin), 8-8′-DFA, 8-5′-DFA. 8-O-4′-DFA, 8-5′-DFA (benzofuran), 5-5′-DFA, 8-5′-DFA (decarboxylated), and 4-O-5′-DFA. Ester- and ether-linked phenolics were identified and quantified as trimethylsilane derivatives (40 μl TMSI, Pierce and 10 μl pyridine) by GLC-FID (HP6890) on a ZB-1 column (Phenomenex, Torrance, CA; Zebron 100% dimethypolysiloxane; 30 m × 0.25 mm, 0.25 μm film). The GLC conditions were injector 315°C, detector 300°C, and a temperature program of 220°C 1 min, 4°C min−1 to 248°C held 1 min, followed by 30°C min−1 to 300°C before holding for 16 min. All GC temperature programs were run at 20 psi constant pressure and split ratio 35:1. Cell wall preparations were analyzed in duplicate and data was compiled according to plant accession, developmental stage, and organ type based on two biological replicates. For seedling organs and callus, error in data represents the standard deviation of analytical replicates.

Neutral Sugar Analysis

Analysis of cell wall carbohydrate content was performed based on the Saeman hydrolysis (Saeman et al., 1963) as modified by Hatfield et al. (2009). In brief, cell wall samples (~25 mg) and neutral sugar standards were analyzed in parallel and incubated in 0.5 ml 12 M sulfuric acid (cold at addition) for 2 h at room temperature (~22°C), diluted with 3.5 ml dH2O followed by further incubation for 3 h at 100°C. After cooling partially, samples were centrifuged at ~200 × g for 10 min to pellet insoluble material. Two hundred microliters of particulate-free supernatant from each were transferred to test tubes containing 1.8 ml dH2O and used for uronosyl analysis (see below). To each remaining hydrolysate, an inositol internal standard was added (2.5 mg sample−1, 100 μl of a 25-mg ml−1 solution in dH2O), 1 ml of spiked sample was diluted with 10 ml dH2O, and samples were neutralized with solid BaCO3. Samples were cleared of precipitant by centrifugation (5 min, room temperature, 1500 × g) and the supernatants filtered (1 μm glass fiber membrane, Acrodisc 25 mm syringe filter, Pall Life Sciences) into clean tubes and dried. Sugars were converted to alditol acetate derivatives according to the procedure of Blakeney et al. (1982) and identified and quantified by GLC-FID on a Shimadzu GC-2010 using a 007-225 (50% cyanopropylphenyl) methylpolysiloxane column (Catalog #007-225, 30 m × 0.25 mm with 0.25 μm film thickness, Quadrex Corporation, Woodbridge, CT, USA). The GLC conditions were injector 220°C, detector 240°C, and a temperature program of 215°C for 2 min, 4°C min−1 to 230°C before holding for 11.25 min run at constant linear velocity of 33.4 cm s−1 and split ratio 25:1. Cell wall preparations were analyzed in duplicate and data was compiled according to plant accession, developmental stage, and organ type based on two biological replicates. For seedling organs and callus, error in data represents the standard deviation of analytical replicates.

Uronosyl Analysis

Uronosyl content of cell wall samples was performed according to Blumenkrantz and Asboe-Hansen (Blumenkrantz and Asboe-Hansen, 1973). Diluted and clarified supernatant samples from sulfuric acid hydrolysis (see above) were used as inputs for analysis. All analytical samples were run in duplicate of two independent cell wall aliquots per cell wall preparation. For each analytical sample, a matching background control that did not get the color reagent, 3-phenylphenol, was run in parallel. A standard curve was generated using galacturonic acid (GalA) dissolved in dH2O. Two hundred microliters of diluted sulfuric acid supernatants, GalA dissolved in dH2O, or pure dH2O were added to glass test tubes and chilled on ice. To the test tubes, 1.2 ml 12.5 mM sodium tetraborate in 18 M sulfuric acid was added and the mixed samples were heated for 5 min at 100°C followed by cooling in an ice water bath. For color generation, 20 μl of 0.15% 3-phenylphenol in 0.5% NaOH was mixed in and samples were incubated a minimum of 30 min prior to reading the absorbance at 520 nm. The absorbance for water-only, no 3-phenylphenol samples were used to 0 the spectrophotometer. The absorbance of samples without color reagent added served as background values for their partner samples and was subtracted prior to calculation uronosyl concentrations. Standard curves of GalA were linear over a concentration range 0–100 μg ml−1 with R2 > 0.98.

Protein

Crude cell wall protein content was analyzed using a Vario Max CN macroelemental combustion analyzer (Elementar Americas, Mt. Laurel, NJ, USA) to determine sample nitrogen content. Approximately 50 mg of cell wall sample was used for analysis. Glutamic acid was used as a standard. Crude protein was calculated as the percent nitrogen times a factor of 6.25, according to manufacturer’s protocols.

Calculations and Statistics

All mathematical calculations were performed using Excel 2011 for Mac (Microsoft Corp., Redmond WA, USA). Statistical analyses were performed using Prism 5 for Mac OS X (GraphPad Software, La Jolla, CA, USA). All statistical comparisons were performed using one-way ANOVA with a post hoc Tukey test. An alpha of 0.05 was used to evaluate the significance of the comparison. All comparisons described are statistically significant unless indicated.

Results

To determine if Brachypodium distachyon could be a practical model system for forage grass research, we characterized the cell wall compositions of organs derived from the diploid accessions Bd21-3 and Bd21. The accessions Bd21-3 and Bd21, both used for transformations but with claimed differences in transformability (Vogel and Hill, 2008; Alves et al., 2009), were analyzed to determine if there were potential changes in cell wall characteristics that may influence their transformation properties. Our analyses utilized methods frequently used for forage analysis to allow for direct comparison of results between agronomical important forage grasses and the putative model, Brachypodium distachyon.

Grass cell wall composition changes with developmental maturity and organ type (MacAdam et al., 1996; Morrison et al., 1998; MacAdam and Grabber, 2002; Abedon et al., 2006; Jung and Casler, 2006). We analyzed organ types related to distinct developmental stages of plant growth to assess what changes occur in Brachypodium during its development and to use this as a baseline for future work in the genetic manipulation of grass cell wall biosynthesis. The developmental stages analyzed represent a series including (1) young seedlings, a staple of researchers studying early plant development and primary cell wall compositions, (2) the elongating stem/inflorescence spike stage, the transition to reproductive growth, and (3) the mature reproductive plant at seed fill stage (Figures 1B–D). The latter two developmental stages represent stages of growth when grasses are typically harvested as forage and for ensiling. In addition, we chose to analyze cell walls from embryonic callus used in plant transformation procedures for comparison (Figure 1A).
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FIGURE 1. Brachypodium distachyon developmental stages used for generation of tissue-specific cell walls for chemical analysis. (A) Embryonic callus. (B) Twelve-day-old seedling. (C) Expanding inflorescence/heading stage (BBCH stage range 57–61). (D) Seed fill/mature stage (BBCH stage range 69–75). All measurement scales are in centimeters. All samples shown are the Bd21-3 accession.



Cell wall yields as a proportion of fresh weight for the isolated organs varied (Table 1). The lowest yields were observed with seedling and callus tissue. A general trend was observed where organs from more mature plants resulted in higher cell wall weight yields. Relative yield differences most likely can be attributed to water content of the respective sample. All subsequent chemical analyses were performed using individual cell wall preparations from the specified plant samples in order to minimize possible cell wall batch-to-batch variation. Data generated for all expanding and mature samples represents means of two independent biological replicates.


TABLE 1. Average cell wall yields from developing Brachypodium distachyon organs.
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Lignin

Lignin, a complex heteropolymer of hydroxycinnamyl alcohol subunits involved in maintaining cell wall integrity (Boerjan et al., 2003; Vanholme et al., 2010), was analyzed using the AcBr method (Hatfield et al., 1999a; Fukushima and Hatfield, 2004; Figure 2).
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FIGURE 2. Acetyl bromide lignin (mg g−1 CW) of developing Brachypodium cell walls across developmental stage, accession, and tissue. Std, positive assay standard; Emb, embryonic. Error bars represent the standard deviation from two independent tissue harvests.



Lignin content values ranged from 53.1 to 157.6 mg lignin g−1 cell wall (CW). The Brachypodium organ content of lignin varied primarily based on plant organ source and, to a lesser extent, developmental stage. Typically, leaves had the lowest and sheath and stem had increasingly higher percentages of their walls as lignin with each being significantly different. Reproductive organ tissue lignin levels were comparable to sheath. Surprisingly, callus tissue had measurable signal in our AcBr lignin (79.4 mg lignin g−1 CW) assay and was most similar in quantity to seedling and expanding leaves.

The Bd21-3 stem lignin content increases during the development from expanding to mature developmental stages (Bd21-3: 12.8–15.8% CW; p < 0.05), consistent with previous observations for other monocot species [i.e., switchgrass (Panicum virgatum; 12 M sulfuric ADL; 7.5–8.6% NDF), big bluestem (Andropogon gerardii; 12 M sulfuric ADL; 6.8–7.4% NDF), tall fescue (Festuca arundinacea Schreb.; Klason lignin; 6.9–10.51% CW), maize (Zea mays L.; Klason lignin; 5–19% CW) and smooth brome (Bromus inermis Leyss.; AcBr lignin; 10.5–17% CW; Jung and Vogel, 1992; Chen et al., 2002; Casler and Hatfield, 2006; Jung and Casler, 2006]. Though numerical differences between Bd21-3 and Bd21 in measured lignin mean values for equivalent tissue and developmental stage existed, they were determined not to be statistically significant.

Hydroxycinnamates

The cell walls of Brachypodium distachyon, like other grasses, contain ester- and ether-linked non-lignified p-hydroxycinnamates (Harris and Hartley, 1980; Hatfield and Marita, 2010). Ferulic acid (FA) has been proposed to be critical in lignin polymerization initiation and cell wall crosslinking through various dimeric FA (DFA) moieties (Grabber et al., 1995; Ralph et al., 1995; Hatfield et al., 1999b). Though present in substantial amounts, p-coumaric acid (pCA) function in grass cell walls is unknown but has been postulated to have a role in radical transfer during lignification (Hatfield et al., 2008a,b, 2009; Ralph, 2010). Analysis of ether- and ester-linked phenolics was performed and compiled values for Brachypodium distachyon cell wall total FA, pCA, and DFA are presented (Figure 3).
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FIGURE 3. Total phenolics (mg g−1 CW) of developing Brachypodium cell walls across developmental stage, accession, and tissue. Blue, pCA; red, FA; green, the sum of all dimeric FA forms detected; Emb, embryonic.



Total phenolic content of Brachypodium cell walls significantly increase according to organ type, with leaves being the lowest, then sheaths and stems having the highest amounts. This trend for aerial organs holds within any developmental stage being analyzed. For expanding and mature organs, the cell walls of stems have approximately threefold more phenolics than do leaf organ cell walls. In mature plants, reproductive organ lignin content was statistically similar to stems. The total phenolic content of Bd21-3 stems at both expanding (22.6 mg total phenolics g−1 CW) and mature (24.1 mg total phenolics g−1 CW) developmental stages are significantly higher than Bd21 (19.8 and 19.7 mg total phenolics g−1 CW, respectively), thus indicating Brachypodium accession variability in cell wall composition.

Cell wall DFA content variation was primarily between leaves versus other organs. In expanding and mature developmental stages, leaf DFA content (1.4–1.7 mg total DFAs g−1 CW) was lower than both sheaths and stems (2.5–3.0 mg total DFAs g−1 CW). Interestingly, DFA content decreased in leaves on the developmental transition from 12-day-old seedlings (3.5 mg total DFAs g−1 CW) to our “expanding” stage (1.4 mg total DFAs g−1 CW). The biological significance of this DFA decrease is unknown.

Ferulic acid cell wall abundances vary primarily according to tissue with select developmental changes occurring but no significant variation between accessions being observed. In expanding and mature plants, FA content increased in level from leaves (3.6–4.1 mg total FAs g−1 CW) to sheaths (6.2–6.6 mg total FAs g−1 CW)) to stems (9.3–9.6 mg total FAs g−1 CW). Similar to DFAs, seedling leaf cell wall FA (7.2 mg total FA g−1 CW) is much higher than levels present at later developmental stages (4.3–4.4 mg total FA g−1 CW). Seedling sheath/stem tissue levels reflect more developmentally mature stem levels.

Total pCA cell wall content demonstrated significant variation according to organ, development and accession. Organ cell wall pCA content within each developmental stage was significantly different with the only exception being when stems were compared to the reproductive organs in mature plants. Cell wall pCA increased in levels moving from leaves to sheaths to stem. Developmentally, pCA levels increased from seedling (4.6 mg total pCA g−1 CW) to expanding plants (7.9–10 mg total pCA g−1 CW). In addition, Bd21-3 stem pCA increased from expanding (10 mg total pCA g−1 CW) to mature (11.9 mg total pCA g−1 CW) plants. Comparison of Bd21-3 and Bd21 stem pCA indicated a maintained and significant variation was present at both expanding and mature plants, with Bd21-3 (10 and 11.9 mg total pCA g−1 CW, respectively) having more than Bd21 (7.5 and 7.8 mg total pCA g−1 CW, respectively). These latter data indicate that the observed variation in total phenolics can be attributed to variation in pCA levels with Bd21-3 typically having more pCA incorporated into the cell walls when compared to Bd21.

Brachypodium callus cell wall phenolic composition was unique. Callus cell walls contained significantly higher levels of DFAs and FA than any other source analyzed in this study. In contrast, callus pCA was exceptionally low (0.8 mg total pCA g−1 CW). pCA has been identified as a substituent on arabinoxylans, but at levels significantly lower when compared to ferulates (Hartley et al., 1990). Grass cell wall pCA levels positively correlate with lignification (Hatfield et al., 2008b; Shen et al., 2009) and the ratio of pCA/lignin would expect to increase with pCA modification of lignin. Brachypodium callus pCA/lignin ratios are exceptionally low (0.01) while expanding and mature Bd21-3 ratios are much higher (0.03 for leaves, 0.06 for sheaths, and 0.08 for stems). Whether the apparent lignin observed in Brachypodium callus is real remains to be determined and may represent high levels of ferulates in the walls that appear to be lignin in the AcBr assay.

Uronic Acids

Uronic acids, primarily glucuronic and galacturonic acids, are C6-oxidized forms of glucose (Glc) and galactose (Gal), respectively, and are components primarily of grass hemicelluloses (glucuronosyl arabinoxylans) and pectins (Carpita, 1996; Scheller and Ulvskov, 2010). Brachypodium organ cell wall total uronic acids ranged from 48 to 68 mg g−1 CW for Bd21 flowers/seeds to Bd21-3 embryonic callus, respectively (Table 2).

TABLE 2. Uronic acid content of Brachypodium cell walls*.
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Statistical analysis indicated that total uronic acid content in Brachypodium cell walls did not vary regardless of tissue source, developmental maturity of the plant, nor accession analyzed (p-values ≥ 0.05).

Neutral Sugars

Neutral sugars are principle component subunits of the plant cell wall structural polymers cellulose, hemicelluloses, and pectin (Carpita and McCann, 2000). The carbohydrate cell wall biopolymers are of special interest in both animal nutrition (National Research Council, 2001; Hatfield et al., 2007) and biofuel production (Carroll and Somerville, 2009). For energy conversion and biofuel production, the neutral sugars are the prime source for metabolic energy and thus bioavailability of these molecules directly relates to energy output. The neutral sugar profiles of cell walls prepared from developing Brachypodium distachyon organs were determined (Table 3).

TABLE 3. Neutral sugar content of Brachypodium cell walls*.
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The carbohydrates can be divided into two groups based on abundance: (1) major, including arabinose (Ara), xylose (Xyl), Glc, and Gal, and (2) minor, including rhamnose (Rha), fucose (Fuc), and mannose (Man).

Glucose, the principle component of cellulose and the mixed-linkage β-glucan and xyloglucan, is the most abundant cell wall neutral sugar throughout development. Absolute Glc cell wall abundance primarily varied according to organ in expanding and mature plants. Glc levels were lowest in leaves and highest in stems. In seedlings, Glc cell wall abundance did not vary between organs. Callus cell wall Glc was significantly lower than all other cell walls analyzed. An alternative approach to view sugar content is to calculate the molar percentage of individual sugars relative the total neutral sugar content (Table 4). As a molar percentage, Glc comprised approximately 62% of leaf, 51% of sheath, and 54% of stem neutral sugars. However, callus walls were an exception where Glc made up only 27.9% of the total cell wall sugar.

TABLE 4. Major neutral sugar mole percentage in Brachypodium cell walls*.
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The grass cell wall biopolymer sources of Xyl and Ara are primarily arabinoxylans but xyloglucans, arabinogalactans, and possibly even arabinogalactan proteins could contribute (Carpita, 1996; Seifert and Roberts, 2007; Scheller and Ulvskov, 2010). Xyl and Ara were the second and third, respectively, most abundant neutral sugars present in developing Brachypodium cell walls. Xyl amounts ranged in absolute amounts of 89.4–246.6 mg g−1 CW (Table 3) and mole percentage of 28.4–44.8 (Table 4). Regardless of developmental stage and accession, Xyl amounts primarily varied according to organ with leaf cell walls being significantly lower than the other organs. Organ-specific abundance of Xyl complemented the Glc profile; a lower Glc amount correlated with higher Xyl. Callus levels of Xyl were near equivalent to those obtained for seedling-derived walls, which would consist of primary cell walls. In expanding and mature developmental stages, cell wall Ara was highest it sheaths and lowest in leaves (Table 3). Though absolute abundance varied according to organ, the Ara cell wall mole percentages were equivalent for leaf and sheath and lower for stems. However, callus (25.8 mol%) derived cell walls had much higher amounts of Ara. In general, Xyl represents the second most abundant Brachypodium cell wall carbohydrate behind Glc. However, an exception was observed with Brachypodium callus cell walls where Xyl is the most abundant carbohydrate based on mole percentage present (Table 4).

The cell wall molar ratio of Ara to Xyl and FA to Ara can be used as indicators of the degree of Ara modification of xylans and the degree of FA modification of arabinoxylans that is implicit in the degree of cell wall cross-linking (Carpita, 1996). Cell wall molar ratios of Ara to Xyl and FA to Ara are presented (Table 5).

TABLE 5. Ara/Xyl and FA/Ara cell wall molar ratios.
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Molar ratios of Ara to Xyl in developed organs were highest in leaves and lowest in stems. Whereas, the FA to Ara ratio was highest in more mature stems and approximately the same in either sheath or leaf cell walls. These data are consistent with having higher levels of crosslinking in more mature stems with a greater percentage of the Ara units modified with FA.

Grass cell wall associated Gal is predominantly derived from galactans and arabinogalactans (Carpita, 1996). During Brachypodium development, Gal content of cell walls is higher during early development (i.e., seedling) and in undifferentiated callus rather than in later developmental stages (Table 3) as expected for developmental stages with more primary cell wall. Statistical analysis of cell wall Gal abundance and mole percentages indicate that little variation occurs in aerial organs throughout later stages of development. The primary organ cell wall variation is observed between seedling organs where leaves, stem/sheaths, and root are all different. In addition, callus cell wall Gal content is the highest of any measured in this study and, when translated into mole percentage, represents a major sugar of callus cell walls. Overall, Gal cell wall abundance correlates well with organs/cells containing predominantly primary cell wall (Carpita, 1996).

The abundance of the minor sugars Rha, Fuc, and Man combined did not exceed 2 mol% throughout development. Rha cell wall content does not vary in Brachypodium tissues throughout our entire plant tissue series. The only statistically significant difference was higher levels in callus cell walls compared to other samples. Fuc did not exceed 0.19 mol% and did not significantly change in abundance between any of our samples. Man did not exceed 0.7 mol% present in seedling roots. Seedling root cell wall Man was significantly higher than all other cell walls except seedling sheath/stem and callus. Though important biologically, Rha, Fuc, and Man are minor cell wall sugars throughout developing Brachypodium organs.

Total Cell Wall Composition

The total compositions of developing Brachypodium cell walls were determined (Figure 4).
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FIGURE 4. Contribution of Brachypodium cell wall components to the total cell wall composition. The consolidation of cell wall weight percentages of neutral sugars (light blue), uronosyls (red), phenolics (yellow), lignin (purple), protein (green), and other (tan) to equal 100% is given for each tissue from each developmental stage. Note: protein analysis of seedling sheath/stem, root, and embryonic callus were not performed and therefore “other” includes protein for these tissues. Numbers in table are in the units of mg component g−1 cell wall. Emb, embryonic.



To facilitate this, remaining protein content for isolated cell walls from composite plant materials at developmental stages 1 and 2 were determined and then weight percentages compiled based on general categories including neutral sugars, uronosyls, phenolics, lignin, protein, and “other.” The “other” category includes presumably cutins, suberins, and other hydrophobic compounds associated with the organ cell walls (Carpita, 1996). Our total cell wall analysis was performed on individual cell wall preparations to minimize cell wall batch variation and, as a result, insufficient quantities of sample were available to perform protein assays on Bd21-3 seedling sheath/stem, seedling root, and callus cell walls. Therefore, a component of the “other” category for these samples will be protein. Overall, the primary variation in cell wall composition was attributed more to plant organ type rather than developmental stage of the plant. The alterations in the neutral sugar, protein, and lignin content were the primary sources of compositional variation. Associated protein was a much higher relative component of leaf cell walls compared to sheath or stem. Conversely, neutral sugar and lignin proportions of the cell walls increased significantly in sheath and even more so in stem. Though variations were observed in lignin and phenolic content, the difference in cell wall compositions between accessions Bd21 and Bd21-3 was minor. Overall, composition analysis of cell walls derived from distinct organs of developing Brachypodium indicates that the greatest deviation between samples occurs comparing organ-specific wall composition independent of stage of maturation.

Due to the small stature of Brachypodium distachyon and low organ yields per plant, it was prohibitive to analyze distinct organs from individual plants. Therefore, using our compiled results for mean organ fresh weight harvested (Table 6) and mean cell wall yields per organ type (Table 7), we calculated the expected composition of cell walls if derived from harvests of the total aerial portions of Bd21 or Bd21-3 plants at either mature or expanding developmental stages (Figure 5).

TABLE 6. Relative distribution of aerial plant organs based on harvest fresh weight*.
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TABLE 7. Relative contribution of cell wall material per aerial organ*.
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FIGURE 5. Determination of total aerial plant cell wall composition for Brachypodium distachyon. Using total tissue harvest yields, tissue cell wall yields and tissue compositional analysis, values were calculated to determine expected cell wall composition if whole aerial portions of Brachypodium were used as input for cell wall isolation and analysis. Numbers in table are in the units of mg component g−1 cell wall.



Discussion

Brachypodium distachyon has recently been championed as a model system for cereals and forage grasses. Significant progress has been made to characterize genomic and transcriptomic attributes of Brachypodium accessions while developing tools to facilitate functional genomics research. A major impetus for this rapid movement is to fulfill a need for a grass model system. Though given the immense impact of Arabidopsis thaliana in general plant biology and specifically with dicots, it is recognized that Arabidopsis is not an appropriate model for all aspects of monocot biology. Brachypodium distachyon clearly has physical and genetic attributes that make it a desirable grass model system and much credence has been based on the phylogenetic relationship that Brachypodium distachyon shares with temperate cereal and forage grasses. An important next-step to this work is to validate experimentally that Brachypodium does indeed have the physical and chemical attributes to make it an appropriate model for forage grasses.

Forage grasses are used typically for animal feed and are harvested and stored at developmental stages when organs have significant levels of secondary cell wall. Presumably to facilitate yields, these same stages would be used as feedstock for biofuel. The diversity of grasses used for forage do differ in their cell wall compositions (Hatfield et al., 2009). Therefore, a need exists to validate whether Brachypodium distachyon is a suitable model for forage grass cell walls at mature plant developmental stages. We have taken an analytical chemical approach to determine the organ-specific cell wall compositions of diploid Brachypodium accessions through four stages of plant development. The developmental stages included two agronomically relevant advanced stages: (1) “expanding” – transition of vegetative-to-reproductive growth, and (2) “mature” – seed fill, and two stages to support laboratory research agendas: (3) embryonic callus and (4) 12-day-old seedlings.

Our work complements three previous studies analyzing cell wall compositions in Brachypodium distachyon (Christensen et al., 2010; Guillon et al., 2011; Opanowicz et al., 2011). The work of Opanowicz et al. (2011) and Guillon et al. (2011) focused on developmental changes during grain maturation and grain cell wall compositions in Brachypodium distachyon. When compared to cereals, Opanowicz et al. (2011) noted that Brachypodium endosperm contains thick cell walls. Using FT-IR imaging, they suggested that the cell walls contained (1,3;1,4)-β-D-glucan and arabinoxylans at levels similar to barley and oats. The work of Guillon et al. (2011) used a combination of chemical analysis, enzymatic fingerprinting, and immune-localization-based imaging to localize and characterize the cell walls of the Brachypodium grain. Comparison of the our results to Guillon et al. (2011) indicate that vegetative cell walls have drastically more Xyl (~90–245 mg g−1 CW versus 14–37 mg g−1 CW) and less Glc (~234–380 mg g−1 CW versus 548–624 mg g−1 CW) than do grain cell walls. In addition, phenolic content of the respective cell walls were different with vegetative tissues having much higher levels of total hydroxycinnamates and the relative contribution of pCA and DFAs being much more. The work of Christensen et al. (2010) focused on comparing growth characteristics with hydroxycinnamate and hemicellulose [esp. (1,3;1,4)-β-D-glucan and arabinoxylans] content of cell walls between Brachypodium distachyon, barley (Hordeum vulgare L.), and wheat (Triticum aestivum L.) during early seedling development (days 3–8 post-germination). Their approach relied on collection of entire plants over a relatively short time-course for cell wall preparations and chemical analysis on those AIR preparations. Their carbohydrate analysis involved mild TFA hydrolysis to release “non-cellulosic” neutral sugars for analysis. For our approach, we were interested in identifying organ and developmental variations in total cell wall composition over a much larger developmental time span with special consideration on later, more agriculturally pertinent developmental stages. In addition, we isolated specific plant organs at these distinct developmental stages and prepared organ-specific cell wall preparations for each to allow for comparative analyses to be made. Therefore, interested in total cell wall carbohydrate composition, we chose to use a strong acid hydrolysis to liberate all carbohydrates from our cell wall preparations. With these caveats of differing experimental approaches, only limited comparison can be made between the two data sets. Analysis in Christensen et al. (2010) of mole percentage of Ara and Xyl from Brachypodium seedling cell walls suggested a trend of a decreasing Ara/Xyl ratio (day 3: 0.38 to day 8: 0.30). Our data for 12-day-old seedlings show a Ara/Xyl molar ratio to be consistent with this trend (leaves: 0.24, sheath/stem: 0.27, and roots: 0.29). For more mature tissues, this ratio continues down to around 0.21 to 0.12, suggesting that the Ara modification of xylans possibly decreases with plant maturity. In addition, Christensen et al. (2010) analyzed ester-linked hydroxycinnamates via the mild saponification and HPLC approach of Waldron et al. (1996) compared to our updated approach of total saponification and GC analysis. Comparison of results indicated a large difference in levels of hydroxycinnamates detected with Christensen et al. (2010) reporting 0.9 mg total ester-linked hydroxycinnamates g−1 AIR while our seedling results ranged from 12.5 to 19.4 mg total phenolics g−1 CW of which approximately 78% was ester-linked. The undetermined cause of the large difference could be attributed to method variation in cell wall/AIR preparations and/or hydroxycinnamate analytical procedures.

Recent work by Shen et al. (2009) looked at lignification and hydroxycinnamate content of switchgrass during development showing a negative relationship with biomass saccharification efficiency. At comparable developmental stages, Brachypodium cell wall AcBr lignin content was lower than that measure in switchgrass cell walls. Switchgrass lignin abundance was approximately 3.2-fold higher in leaves, 1.6-fold higher in sheaths, and two-fold higher in stems than what was measured here for Brachypodium distachyon. However, hydroxycinnamate content of Brachypodium cell walls appears to be higher that that observed for switchgrass. When using expanding Bd21-3 for comparison to E4-I2 switchgrass values from Shen et al. (2009), Brachypodium stem cell walls have comparable pCA values (10.0 versus ~10.7 mg g−1 CW for switchgrass) and higher FA amounts (9.6 versus ~4.6 mg g−1 CW for switchgrass). These results suggest that Brachypodium distachyon may be useful to model cell wall properties for bioenergy crops.

The overall organ-specific cell wall chemical compositions from Brachypodium distanchyon were similar to those previously determined for a diverse set of C3 forage grasses, including tall fescue (Festuca arundinacea Schreb.), bromegrass (Bromus inermis Leyss.), orchardgrass (Dactylis glomerata L.), reed canarygrass (Phalaris arundinacea L.), winter wheat (Triticum aestivum L.), and oats (Avena sativa L.), developmentally equivalent to our “expanding” stage (Hatfield et al., 2009). Ester-linked pCA and FA abundance in stem cell walls for Brachypodium matched well with those determined for orchardgrass. In addition, Gal and Man concentrations did not deviate much at 6.2 versus 6.1, and 2.3 versus 2.0 mg sugar g−1 cell wall, respectively for Brachypodium versus mean C3 forage grass. Though Brachypodium stems deviated from C3 grasses in the cell wall abundances of non-Glc neutral sugars, the variance of values for the C3 grasses made the differences statistically insignificant. For example, Xyl stem cell wall concentrations were elevated with Brachypodium cell walls containing a mean of 237 mg Xyl g−1 CW and other C3 grasses containing a mean of 173 mg Xyl g−1 CW. The variance of values for the C3 grasses made this difference statistically insignificant (p = 0.12).

A significant deviation between Brachypodium and other C3 forage grasses was observed in the stem lignin and Glc content. Forage grass stem lignin concentrations ranged from 160 to 210 mg lignin g−1 cell wall with a mean of approximately 193 mg lignin g−1 cell wall. The Brachypodium mean value for the similar developmental stage was 123 mg lignin g−1 cell wall. Conversely, the Glc concentration was increased in Brachypodium stem cell walls, with mean values for Glc at 355 mg g−1 cell wall being much higher than the C3 grass mean of 240 mg Glc g−1 cell wall (range 158.9–319.4 mg Glc g−1 cell wall; p = 0.00038). These differing values represent relative increases in Brachypodium stem cell walls for Glc of 48% and a decrease in lignin of 36%. One explanation for the discrepancy of stem cell wall composition would be that Brachypodium, due to its small stature, has evolved not to need lignin to the same extent as the larger C3 grasses for structural support. Therefore, carbohydrate polymer replacement for lignin might be sufficient for it to reach its full developmental stature.

The cell wall composition profiles in embryonic callus were significantly different from later developmental stages. The most notable changes were the relative increase in mole percentage of Gal and Ara at the expense of Glc (Table 4). The most likely source of these sugars in primary grass cell walls is arabinogalactans (Carpita, 1996) and arabinogalactan proteins thus suggesting a significant role of pectins in undifferentiated Brachypodium tissue. In addition, total callus cell wall FA is the highest and pCA content the lowest of any developmental stage in Brachypodium. It has been demonstrated that undifferentiated grass cell lines containing primary cell walls possess the capacity to lignify when supplied with exogenous monolignols and H2O2 substrate for peroxidase activity (i.e., Grabber et al., 1995). Due to proposed roles for each (Ralph, 2010), it is consistent that the primary cell walls of the Brachypodium callus is establishing the foundation for future lignification without completing it.

Overall, the organ-specific cell wall developmental analysis presented here establishes a baseline for comparison of this putative model forage grass with established, agronomical important crop plants. This work also provides a reference from which future genetic manipulation of cell wall composition can be compared. Though differences do exist between Brachypodium and other C3 grass cell wall compositions, we believe that Brachypodium can be a useful model for forage grass research.
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Lignin is a ubiquitous polymer present in cell walls of all vascular plants, where it rigidifies and strengthens the cell wall structure through covalent cross-linkages to cell wall polysaccharides. The presence of lignin makes the cell wall recalcitrant to conversion into fermentable sugars for bioenergy uses. Therefore, reducing lignin content and modifying its linkages have become major targets for bioenergy feedstock development through either biotechnology or traditional plant breeding. In addition, lignin synthesis has long been implicated as an important plant defense mechanism against pathogens, because lignin synthesis is often induced at the site of pathogen attack. This article explores the impact of lignin modifications on the susceptibility of a range of plant species to their associated pathogens, and the implications for development of feedstocks for the second-generation biofuels industry. Surprisingly, there are some instances where plants modified in lignin synthesis may display increased resistance to associated pathogens, which is explored in this article.
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INTRODUCTION

In the U.S. and around the world, there are increasing efforts to develop and utilize alternatives to fossil fuels to meet our energy needs, thereby reducing carbon dioxide emissions that potentially impact global warming. Currently, corn grain and sugarcane juice are being converted into ethanol for blending in gasoline. Research efforts have been directed toward developing means to convert plant biomass from a range of sources into liquid fuels for the transportation sector. Cellulosic biofuels rely on chemically and biochemically breaking down cell wall polysaccharides (cellulose and hemicellulose) into their sugar monomers, and converting the sugar into fuels. A third component of cell walls is the phenolic polymer lignin, which structurally fortifies the cell walls making them rigid and resistant to microbial degradation. Lignin content has been shown to negatively impact cellulosic bioenergy conversion via saccharification and fermentation to ethanol (Chen and Dixon, 2007; Dien et al., 2009), which has made reducing lignin and altering lignin composition a major target to improve plants for cellulosic bioenergy. Conversely, increasing the lignin content of herbaceous feedstocks may benefit conversion of biomass to syngas and bio-oil biofuel via pyrolysis. In either case, efforts to manipulate lignin content and composition have primarily focused on the 10 steps of the monolignol pathway (Figure 1), in which lignin monomers are synthesized from the amino acid phenylalanine, then oxidatively polymerized into hydroxyphenol- (H-), guiacyl- (G-), or sinapyl- (S-) lignin. Lignin serves the critical function of reinforcing vascular elements for water transport under negative pressure; in severely lignin deficient plants, vascular collapse has been observed (Piquemal et al., 1998; Jones et al., 2001; Ruel et al., 2009). Thus, there is a lower limit for lignin manipulation. In addition to its roles in fortifying cell walls, lignin deposition has long been implicated as an important defense mechanism against pests and pathogens (Vance et al., 1980). A critical question for bioenergy feedstock development is whether manipulating lignin content and composition will be detrimental to plant defenses against pathogens. Herein, we examine this question and the cause for concern in manipulating lignin, based on current published literature.
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FIGURE 1. A model for monolignol pathway. In phenylpropanoid metabolism, there are 10 enzymatic steps (green) leading to hydroxycinnamyl alcohols which are polymerized into lignin, namely; phenylalanine ammonia lyase (PAL), cinnamate 4-hydroxylase (C4H), 4-coumarate-CoA ligase (4CL), hydroxycinnamoyl CoA:shikimate transferase (HCT), p-coumarate 3-hydroxylase (C’3H), caffeoyl CoA O-methyltransferase (CCoAOMT), cinnamyl CoA reductase (CRR), ferulate 5-hydroxylase (F5H), caffeic acid O-methyltransferase (COMT), and cinnamyl alcohol dehydrogenase (CAD).



ROLE OF LIGNIN IN PLANT DEFENSE

There is a strong case for the involvement of lignin in plant defense. Lignin provides a physical barrier against initial ingress (Buendgen et al., 1990; Bonello et al., 2003), and in a wide range of plant species lignin or lignin-like phenolic polymers are induced and rapidly deposited in cell walls in response to both biotic and abiotic stresses, which may limit further growth and/or confine invading pathogens (Siegrist et al., 1994; Lange et al., 1995; Baayen et al., 1996; Smit and Dubery, 1997; Bonello et al., 2003; Hudgins et al., 2004; Wuyts et al., 2006; Menden et al., 2007). “Defense” lignin may prevent further ingress or diffusion of pathogen-produced toxins (Carver et al., 1994; Duschnicky et al., 1998). However, “defense” lignin deposition is often only monitored microscopically as cell wall autofluorescence or via histochemical staining techniques (Haegi et al., 2008; Eynck et al., 2009). “Defense” lignin was often shown to have elevated levels of H-subunits as compared to structural lignin in the cases analyzed (Ride, 1975; Hammerschmidt et al., 1985; Doster and Bostock, 1988; Robertsen and Svalheim, 1990; Lange et al., 1995). The phenylpropanoid pathway leads to the synthesis of numerous other phenolic compounds besides monolignols, including phenolic phytoalexins, stilbenes, coumarins, and flavonoids (Lo and Nicholson, 1998; Yu et al., 2000, 2005; Dixon et al., 2002). A number of these compounds have also been implicated in plant defense (Weiergang et al., 1996; Dicko et al., 2005; Lozovaya et al., 2007). For example, the defense signaling hormone salicylic acid (SA) might also be derived from the phenylpropanoid pathway in some plants (Ruuhola and Julkunen-Tiitto, 2003; Pan et al., 2006). Moreover, abiotic or biotic stresses including pathogens have been shown to induce the expression of genes encoding monolignol biosynthetic enzymes in many plant species (Kliebenstein et al., 2002; Truman et al., 2006; Olsen et al., 2008; Zhao et al., 2009). Likewise, the protein levels and enzymatic activities corresponding to these genes were also shown to be elevated under these stresses in a number of plant species (Mitchell et al., 1999). Together these observations indicate that lignin deposition is part of a generalized resistance response to biotic stresses (Nicholson and Hammerschimdt, 1992). Thus, it remains to be determined whether bioenergy crops that are impaired or altered in their ability to synthesize lignin will also be impaired in their ability to induce these defense responses upon pathogen attack. Recent research has suggested that impairing lignin biosynthesis does not lessen resistance to some pathogens (Delgado et al., 2002; Funnell and Pedersen, 2006; Peltier et al., 2009; Quentin et al., 2009; Funnell-Harris et al., 2010). Because very little has been published on the effects of lignin modification on plant–pathogen interactions in bioenergy feedstocks with the exception of maize (Zea mays) and sorghum (Sorghum bicolor), we have also included a review of the literature on effects of impairing steps in the monolignol pathway to pathogen responses in other plant species.

However, several pathogens have been isolated and identified that pose potential threats to some of the perennial grass species being considered as herbaceous bioenergy feedstocks including switchgrass (Panicum virgatum), napiergrass (Pennisetum purpureum), sugarcane/energycane (complex hybrid Saccharum spp.), and miscanthus (Miscanthus × giganteus). Pathogens may pose a greater threat to perennial grasses as compared to annual row crops such as maize and sorghum, because production relies on establishment and harvest across multiple years before replanting, and the continual presence of the plants in the field provides refuge for the pathogens. Another factor that could impact plant–pathogen interactions is the level of genetic diversity within the field setting. Switchgrass varieties are maintained as an outcrossing population (Martïnez-Reyna and Vogel, 2002; Nageswara-Rao et al., 2012), hence maintain level genetic diversity. In contrast, the clonally propagated miscanthus is genetically identical (Lewandowski et al., 2000). Fungal leaf rusts caused by Puccinia spp. have been identified in sugarcane (Dixon et al., 2010) and switchgrass (Gustafson et al., 2003; Wadl et al., 2011). Fungal leaf blights caused by Leptosphaerulina chartarum (Ahonsi et al., 2013) and Leptosphaeria sp. (O’Neill and Farr, 1996) have been identified in Miscanthus × giganteus or related Miscanthus species. Rhizome rot is a significant threat to miscanthus establishment, which is caused by three pathogenic fungal species (Fusarium avenaceum, F. oxysporum, and Mucor hiemalis; Beccari et al., 2010; Covarelli et al., 2012). A fungal smut has been identified on napiergrass caused by Ustilago kamerunensis (Farrell et al., 2001). Anthracnose, a foliar blight caused by Colletotrichum navitas has also been identified in switchgrass (Crouch et al., 2009). Overall, these studies indicated that similar to row crops, fungal pathogens pose a serious threat to these bioenergy crops. In addition, viruses also pose a threat to bioenergy feedstocks, which have been documented in switchgrass and miscanthus (Chatani et al., 1991; Turina et al., 1998; Lamptey et al., 2003).

PHENYLALANINE AMMONIA LYASE

Phenylalanine ammonia lyase (PAL) is the first committed step in monolignol biosynthesis and the phenylpropanoid pathway. Altering the expression of this central gene has been shown to impact plant–pathogen interactions in model systems. In tobacco (Nicotiana tabacum), antisense suppression of this gene led to increased susceptibility to the fungal pathogen Cercospora nicotianae, the causal agent of frogeye disease (Maher et al., 1994; Shadle et al., 2003). Tobacco plants over-expressing this gene had reduced susceptibility to Cercospora nicotianae, but resistance to tobacco mosaic virus (TMV) was unchanged (Shadle et al., 2003). Over-expression of PAL in tobacco resulted in significantly increased levels of the defense signaling compound SA and the defense related compound chlorogenic acid upon induction (Howles et al., 1996; Felton et al., 1999). Furthermore, over-expressing the bacterial salicylate hydroxylase gene (NahG), which degrades SA, in concert with PAL over-expression, increased susceptibility to TMV although resistance to Cercospora nicotianae was unaffected (Shadle et al., 2003). These results indicated that TMV resistance required SA but not chlorogenic acid, while increased resistance to Cercospora nicotianae only required elevated levels of chlorogenic acid and not SA (Shadle et al., 2003). Conversely, PAL over-expression in tobacco resulted in increased susceptibility to the insect Heliothis virescens, and a PAL-suppressed line had increased resistance, which was attributed to the antagonistic relationship between SA signaling and jasmonic acid (JA) signaling (Felton et al., 1999). The Arabidopsis genome contains four PAL genes. T-DNA insertion mutants were isolated for all four genes, and these mutants were crossed to create double, triple, and quadruple pal mutants (Huang et al., 2010). The pal1/2/3/4 quadruple mutant showed increased susceptibility to the bacterial pathogen Pseudomonas syringae relative to WT, and pal1/2 also had increased susceptibility to this pathogen relative to WT and intermediate to pal1/2/3/4 (Huang et al., 2010). SA, lignin and anthocyanin related pigment levels were significantly reduced in pal1/2/3/4 plants (Huang et al., 2010). However, these changes in susceptibility to pathogens cannot be directly attributed to changes in lignin content or composition, because PAL is involved in the synthesis of the full range of phenolic compounds, some of which have been implicated in defense, like chlorogenic acid and flavonoid compounds.

HYDROXYCINNAMOYL CoA: SHIKIMATE TRANSFERASE

In Arabidopsis (Arabidopsis thaliana) and alfalfa (Medicago sativa), antisense/RNAi suppression of hydroxycinnamoyl CoA: shikimate transferase (HCT) one of the initial steps in monolignol biosynthesis, illustrates the potential of genetic/transgenic alterations to this pathway to constitutively activate defenses (Gallego-Giraldo et al., 2011a,b). In both plant species, antisense/RNAi suppression of HCT resulted in significant reductions in lignin content and stunted plants relative to WT (Shadle et al., 2007; Li et al., 2010). In alfalfa, these plants showed increased resistance to the fungal pathogen Colletotrichum trifolli (Gallego-Giraldo et al., 2011b). In the absence of a pathogen, SA levels were highly elevated relative to WT in both species and several defense related genes were also highly induced relative to WT in alfalfa (Gallego-Giraldo et al., 2011a,b). In Arabidopsis, growth was partially restored in NahG HCT-RNAi and SA induction deficient2-2(sid2-2) HCT-RNAi; SID2 encodes an isochorismate synthase required for isochorismate-dependent SA synthesis. These results indicate that the stunted growth phenotype is due to elevated SA, occurring through an isochorismate-dependent pathway, rather than resulting from excess phenylalanine intermediates leading to the synthesis of SA in HCT-RNAi plants. Elevated levels of cold-water extractable pectin were correlated to elevated SA levels in transgenic alfalfa plants, which were RNAi-suppressed for six different genes (steps) in the monolignol pathway (Gallego-Giraldo et al., 2011a). Highest levels of SA and cold-water extractable pectin were observed in HCT-suppressed lines relative to WT or the other five monolignol biosysthetic gene-suppressed lines (Gallego-Giraldo et al., 2011a). Pectic oligosaccharides have been implicated as defense signals in other systems (Darvill and Albersheim, 1984; Roco et al., 1993), and are the potential trigger for the defense responses observed in HCT lines. Thus, the effects observed in the HCT-suppressed lines could potentially result from changes in cell wall structure, the first line of defense for the plant, rather than directly resulting from an alteration in phenylpropanoid metabolism.

CAFFEIC O-METHYLTRANSFERASE

In Arabidopsis and tobacco, antisense/RNAi suppression of caffeic O-methyltransferase (COMT), the penultimate step in monolignol biosynthesis, was reported to increase resistance to pathogens or to have no effect on interaction with pathogens. In Arabidopsis, comt1 mutants show enhanced resistance to the oomycete pathogen Hyaloperonospora arabidopsidis, which is the causal agent of downy mildew (Quentin et al., 2009). There were significantly fewer asexual spores on comt1 plants relative to WT, because sexual sporulation was increased in comt1 plants, resulting in attenuated mycelium growth (Quentin et al., 2009). Exposing the pathogen to the phenolic compound 2-O-5-hydroxyferuloyl-L-malate, which is present in comt1 and absent in WT plants, promoted sexual reproduction (Quentin et al., 2009). However, comt1 plants showed increased susceptibility relative to WT to the bacterial pathogens Xanthomonas campestris pv. campestris and Pseudomonas syringae and a less virulent strain (T4) of the fungal pathogen Botrytis cinerea (Quentin et al., 2009). In tobacco, COMT antisense lines were resistant to Agrobacterium tumefaciens infection, and had reduced tumor area and mass relative to WT (Maury et al., 2010). Bacterial virulence (vir) gene induction was reduced in the COMT-suppressed line likely due to the highly reduced level of the phenolic elicitor of Agrobacterium acetosyringone (Maury et al., 2010). Acetosyringone is probably derived from Coenzyme A dependent β-oxidation of hydroxycinnamoyl-CoA intermediates of monolignol biosynthesis (Blount et al., 2002; Negrel and Javelle, 2010). In Arabidopsis and tobacco, the alteration to phenylpropanoid metabolism by reducing COMT activity appears to directly result in increased resistance to two of the pathogens tested, downy mildew and Agrobacterium, respectively. However, the same Arabidopsis plants showed increased susceptibility to two bacterial pathogens and a less virulent strain of Botrytis cinerea.

CINNAMYL ALCOHOL DEHYDROGENASE

In flax (Linum usitatissimum L.), RNAi suppression of the cinnamyl alcohol dehydrogenase (CAD) gene, the last step in monolignol biosynthesis, increased susceptibility to the pathogenic fungus F. oxysporum. A seedling assay showed the percent of infected seedlings was twofold higher in two CAD RNAi lines relative to WT (Wróbel-Kwiatkowska et al., 2007). In Arabidopsis, the cad-c and cad-d double mutants, which were shown to be required for monolignol biosynthesis (Kim et al., 2004; Sibout et al., 2005), showed increased susceptibility to both a virulent and an avirulent strain of the bacterial pathogen Pseudomonas syringae pv. tomato (Pst;(DC3000, virulent; DC3000/avrPphB, avirulent)) relative to WT based on bacterial growth following inoculation (Tronchet et al., 2010). Together, these results suggest that CAD-deficiency may increase the susceptibility of plants to a range of pathogens. This result might have implications for bioenergy feedstocks, because CAD suppression is often targeted to reduce lignin content.

OTHER STEPS IN MONOLIGNOL SYNTHESIS

In Arabidopsis, the ferulic acid 5-hydroxylase 1 (fah1) mutant, which encodes the ferulic acid 5-hydroxylase (F5H), last hydroxylase in monolignol synthesis, showed increased susceptibility to the fungal pathogen Sclerotinia sclerotiorum relative to WT in leaf assays (Huang et al., 2009). In diploid wheat (Triticum monococcum L.), five genes in monolignol biosynthesis were transiently silenced using particle bombardment of an RNAi vector containing PAL, caffeoyl-CoA O-methyltransferase (CCoAMT), F5H, COMT, or CAD genes (Bhuiyan et al., 2009). The bombarded leaves were inoculated with the powdery mildew fungal pathogens Blumeria graminis f. sp. tritici (host-specific) and Blumeria graminis f. sp. hordei (non-host). The silencing of all five genes individually and in pairs increased the susceptibility to both pathogens relative to the control bombarded with the empty RNAi vector, as determined by penetration efficiency of the fungus (Bhuiyan et al., 2009). However, it is unclear whether this transient approach to gene silencing is relevant to the stable approaches used to impair genes within this pathway for bioenergy feedstock improvement.

BIOENERGY FEEDSTOCKS

There has been very little published on plant pathogen interactions in bioenergy feedstocks with modified lignin content and composition. In hybrid poplar (Populus tremula × Populus alba), it has been reported that no increased disease incidence were observed in antisense COMT or CAD lines relative to WT (Halpin et al., 2007). The one exception where the effects of lignin modification on plant pathogen interactions has been examined are the brown midrib (bmr/bm) mutants of sorghum and maize (Zea mays), which have long been known to have reduced lignin content (Jorgenson, 1931; Porter et al., 1978). There are at least five Bm loci identified in maize (Chen et al., 2012) and at least seven Bmr loci in sorghum (Pedersen et al. unpublished). Three Bmr loci have been cloned and characterized in sorghum. Bmr2, Bmr6, and Bmr12 all encode enzymes in monolignol biosynthesis: a 4-coumarate coenzyme A ligase (4CL), a CAD, and a COMT, respectively (Bout and Vermerris, 2003; Saballos et al., 2009, 2012; Sattler et al., 2009). In maize, the Bm3 locus encodes a COMT protein (Vignols et al., 1995) that is orthologous to Bmr12, and the Bm1 locus encodes a CAD protein that is orthologous to Bmr6 (Halpin et al., 1998; Chen et al., 2012). Lignin deposition and the induction of phenylpropanoid-related genes during pathogen attack (described above) led to the assumption that brown midrib plants are inherently more disease susceptible when challenged. However, studies examining both grain and stalk fungal pathogens, which are the most prevalent and economically significant sorghum pathogens (Chandrashekar and Satyanarayana, 2006), have in general indicated the contrary.

Fungal infection of bm/bmr grain may not appear to be relevant to bioenergy, however, fungal infection of grain can impair seed germination (Raju et al., 1999; Prom et al., 2003), which is critical for all cropping systems. Under field conditions without inoculation, maize bm3 grain showed significantly increased colonization by members of the Gibberella fujikuroi fungal species complex as compared to WT grain (Nicholson et al., 1976). In contrast, studies using uninoculated field-grown sorghum showed that bmr6 and bmr12 grain had the same level of colonization or significantly reduced fungal colonization relative to WT, which included the sorghum pathogen F. hapsinum, a G. fujikuroi species complex member (Funnell and Pedersen, 2006; Funnell-Harris et al., 2010). Other Fusarium spp. colonized both bmr6 and bmr12 grain at similar levels or significantly reduced colonization relative to WT (Funnell and Pedersen, 2006; Funnell-Harris et al., 2010). In particular, two species that commonly infected WT grain were significantly reduced or absent in bmr12 grain, F. proliferatum and a member of the F. incarnatum-F. equiseti species complex (O’Donnell et al., 2007), respectively (Funnell-Harris et al., 2010). Taken together, these results indicated that impairing CAD or COMT activity in sorghum did not increase susceptibility to these Fusarium spp., and bmr12 grain restricted or excluded colonization of two species. These results contradict the single early report from maize where bm3 grain, which is also COMT-deficient, showed increased colonization by the G. fujikuroi species complex (Nicholson et al., 1976).

Studies examining the susceptibility of maize and sorghum bm/bmr mutants to stalk rot pathogens, which impact biomass quality and can contribute to lodging, also showed no change in resistance or increased resistance relative to WT, similar to the grain studies. F. thapsinum was inoculated in the peduncles of bmr6, bmr12 and WT from six near-isogenic backgrounds and disease severity was determined by the length of the purple disease lesion resulting from the fungal infection. Lesion lengths were significantly shorter than corresponding WT background for many bmr6 and bmr12 lines, and lesion lengths were significantly shorter than WT for one or both bmr lines across four different genetic backgrounds (Funnell and Pedersen, 2006; Funnell-Harris et al., 2010). There were no cases where the lesion length was significantly greater in a bmr line relative to the corresponding WT line (Funnell and Pedersen, 2006; Funnell-Harris et al., 2010). Peduncle inoculations of bmr6, bmr12, and wild-type lines with four Fusarium species and Alternaria alternata consistently resulted in decreased lesion lengths on one or both bmr mutants relative to WT for the following pathogens; F. thapsinum, F. verticillioides and Alternaria alternata (Funnell-Harris et al., 2010). Overall, these results consistently indicated that bmr6 and bmr12 were not more susceptible to these pathogens than WT, and in some cases the two bmr mutants appeared to be more resistant to specific pathogens relative to WT. However, fungal viability was assessed within the lesions and outside the lesions, and fungal growth was detected within and outside borders of lesions from bmr12 inoculated peduncles (Funnell-Harris et al., 2010). This result suggests that fungal growth is greater in healthy-appearing tissues outside the necrotic, discolored tissue defined as the “lesion” in bmr12 plants, although these lesions were similar in size or significantly shorter than WT in bmr12 peduncles. Nevertheless, CAD or COMT deficiency in sorghum does not appear to significantly increase susceptibility of plants to these stalk rot pathogens.

A study using inoculations of another fungal stock pathogen Macrophomina phaseolina, which causes charcoal rot, also demonstrated brown midrib mutants were not more susceptible to this pathogen. bmr mutants from sorghum (bmr2, bmr6, bmr7, bmr12, bmr26, and bmr28; three loci, bmr28 is allelic to bmr6, and bmr7 and bmr26 are allelic to bmr12; Saballos et al., 2008) and maize (bm1, bm2, bm3, and bm4; four loci) were inoculated with Macrophomina phaseolina and lesion lengths were compared to corresponding WT lines (Tesso and Ejeta, 2011). Lesion lengths were not significantly different between bm/bmr mutants and the corresponding WT backgrounds for both maize and sorghum (Tesso and Ejeta, 2011). Stalk strength as determined using rind penetration resistance was significantly reduced in maize bm mutants relative to WT (Tesso and Ejeta, 2011). Interestingly, reduced mechanical stalk strength did not appear to increase susceptibility (Tesso and Ejeta, 2011). However, all studies relied on artificial inoculation to ensure a consistent disease response. If decreased rind penetration resistance (stalk strength) increases the ability of the fungi to initially enter and penetrate the stalk, then results from these studies may be misleading. All the bm/bmr mutants examined resulted in similar susceptibility to the charcoal rot pathogen, even though at least three different steps in monolignol biosynthesis were impaired by the corresponding bmr mutation; 4CL (bmr2), COMT (bm3/bmr12), and CAD (bm1/bmr6). The general trend from these studies indicate that maize and sorghum brown midrib mutants are not more susceptible to stalk rot pathogens, and in some cases show increased generalized resistance to specific pathogens.

There are several explanations for the instances of increased generalized resistance observed in the brown midrib mutants. Although the ability of these bmr plants to synthesize structural lignins is decreased and/or altered, there is no evidence bmr plants are impaired in their ability to synthesis “defense” lignin in response to pathogen attack, and the response might even be enhanced. Another explanation is that blocking a step in the lignin biosynthetic pathway would cause accumulation of lignin precursors and other phenolic compounds, because additional substrates would be available for their synthesis. Indeed it has been shown that some of these precursors inhibit the growth of pathogenic fungi or inhibit production of virulence factors (Dowd et al., 1997; Hua et al., 1999; McKeehen et al., 1999; Beekrum et al., 2003). For example, accumulation of ferulic acid, p-coumaric acid, and sinapic acid has been correlated with resistance to Fusarium spp. (McKeehen et al., 1999; Siranidou et al., 2002). We have observed increased soluble phenolic compounds in bmr6 and bmr12 plants relative to WT (Palmer et al., 2008). Alternatively, perturbing the synthesis of lignin, a component of the cell wall which is the first line of defense against pathogens, could trigger generalized cell wall based defense responses similar to HCT-RNAi lines in Arabidopsis and alfalfa (Gallego-Giraldo et al., 2011a). A review focused on the broader role of the cell wall in plant defense was previously published (Underwood, 2012), which documents the significance of the plant cell wall in responses to a wide range of pathogens.

PROSPECTIVE

These studies from a variety of plants indicate that reducing lignin content and altering its composition will not inevitably increase the susceptibility of bioenergy feedstocks to pathogens. There were not any clear trends that indicate that impairing a specific step in monolignol biosynthesis would affect plant susceptibility. In fact, studies from sorghum and maize indicate that impairing CAD or COMT activity in these lignin-modified plants showed more resistance to specific fungal pathogens, albeit these plants are not as resistant to the pathogen as resistant plant germplasm used in breeding efforts. In bioenergy feedstock species, modifications to monolignol biosynthesis will need to be evaluated on a case by case basis to determine the impact of pathogen susceptibility.
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Plants are built of various specialized cell types that differ in their cell wall composition and structure. The cell walls of certain tissues (xylem, sclerenchyma) are characterized by the presence of the heterogeneous lignin polymer that plays an essential role in their physiology. This phenolic polymer is composed of different monomeric units – the monolignols – that are linked together by several covalent bonds. Numerous studies have shown that monolignol biosynthesis and polymerization to form lignin are tightly controlled in different cell types and tissues. However, our understanding of the genetic control of monolignol transport and polymerization remains incomplete, despite some recent promising results. This situation is made more complex since we know that monolignols or related compounds are sometimes produced in non-lignified tissues. In this review, we focus on some key steps of monolignol metabolism including polymerization, transport, and compartmentation. As well as being of fundamental interest, the quantity of lignin and its nature are also known to have a negative effect on the industrial processing of plant lignocellulose biomass. A more complete view of monolignol metabolism and the relationship that exists between lignin and other monolignol-derived compounds thereby appears essential if we wish to improve biomass quality.
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INTRODUCTION

The majority of plant biomass consists of different cell wall polymers produced by living plant cells. In most cases, these polymers are energy-rich linked sugars that form the major structural components in plant cell walls, particularly in the thick secondary cell walls that characterize certain tissues. In addition to polysaccharides, another major cell wall polymer – lignin – limits access to cell wall sugars and negatively affects human utilization of biomass (livestock feed, paper manufacturing, and lignocellulosic biofuel production; Chapple et al., 2007). Because of its significant economic impact and central role in higher plant development, lignification is an important topic in plant biochemistry.

Despite a few exceptions (Martone et al., 2009), lignin is a phenolic biopolymer that is only detected in vascular plants. It is generated by radical coupling of hydroxycinnamyl alcohols named monolignols: coniferyl alcohol, sinapyl alcohol, and p-coumaryl alcohol. When introduced in the lignin polymer the corresponding monolignols are named guaiacyl (G), sinapyl (S), and hydroxyl-coumaroyl (H) units, respectively. The biosynthesis of monolignols is initiated from the general phenylpropanoid pathway (Dixon et al., 2001). Although tyrosine was proposed to be the starting point of phenylpropanoid metabolism in some plants such as grasses (Neish, 1961; Higuchi, 1990), it is generally recognized that monolignols are derived from phenylalanine via a series of enzymatic reactions, catalyzed by the following enzymes: phenylalanine ammonia lyase (PAL), cinnamate 4-hydroxylase (C4H), 4-coumarate coenzyme A ligase (4CL), ferulate 5-hydroxylase (F5H), p-coumarate 3-hydroxylase (C3H), p-hydroxycinnamoyl-CoA:quinate/shikimate hydroxycinnamoyl transferase (HCT), caffeoyl-CoA O-methyltransferase (CCoAOMT), cinnamoyl-CoA reductase (CCR), caffeic acid O-methyltransferase (COMT), and cinnamyl alcohol dehydrogenase (CAD; Vanholme et al., 2009).

The composition of lignin varies between plant species and tissues. In general, lignins from gymnosperms and related species are rich in G units and contains low amounts of H units, whereas dicot lignins are mainly composed of G and S units (Weng and Chapple, 2010). It is important to note that differences in monolignol content are controlled by key enzymes that are often limiting (e.g., F5H is limiting for S unit production; Weng and Chapple, 2010). Consequently, certain natural genotypes/varieties may show unusual proportions of monolignols as illustrated by the recent discovery of a Populus nigra variety containing a truncated HCT enzyme and producing substantial amounts of H units (Vanholme et al., 2013) that are usually almost completely absent in poplar lignin. Similarly, a loblolly pine naturally affected in cinnamyl alcohol dehydrogenase activity and showing modified lignin structure was also detected 20 years ago in a natural population (MacKay et al., 1995; Ralph et al., 1997).

From a developmental point of view, lignification is generally initiated during the formation of the secondary cell wall although cell-/tissue-specific differences in the developmental pattern can occur. For example, lignification is initiated in the compound primary cell wall of xylem elements (middle lamella/cell corners) at the start of secondary cell wall formation (Donaldson, 2001; Fromm et al., 2003). In contrast, lignin may be deposited at later stages in other tissues (Boerjan et al., 2003; Baghdady et al., 2006; Harrington et al., 2012). For instance, parenchyma cells present in the secondary xylem of Arabidopsis hypocotyls are devoid of lignin during the vegetative stage (Sibout et al., 2008). This period may range over months according to different Arabidopsis accessions but ends as soon as the plant start flowering when parenchyma cells start to reinforce their secondary cell walls by producing lignin. Parenchyma therefore develops into sclerenchyma, a tissue dedicated to mechanical support. Biotic- and/or abiotic-stresses can also induce lignification in the walls of cells that do not normally lignify under non-stress conditions (Srivastava et al., 2007; Kim et al., 2008). Compression wood in coniferous trees also contains significant amounts of p-coumaryl alcohol (Sjöström, 1993). The observation that lignin biosynthetic genes are up-regulated (or activated) following mechanical injury suggests that stress lignification is a tightly controlled phenomenon. In contrast, the expression of monolignol biosynthesis genes is not always correlated with the presence of the lignin polymer. Although this is quite surprising at first glance, this situation can be explained by the fact that a wide range of other (non-lignin) products (hydroxycinnamic acids, phenols esters and phenol amides, or lignans; Figure 1) are also produced by the phenylpropanoid pathway.
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FIGURE 1. Schematic view of the monolignol biosynthetic pathway. The synthesis of monolignols from phenylalanine and shikimate involves cytosolic (PAL, HCT, 4CI, CCR, CAD, CCoAOMT, and OMT) and ER membrane-anchored (the cytochrome P450 enzymes F5H, C3H, and C4H) enzymes. Monolignols and lignans may be conjugated by UGTs and then transported to the vacuole or directly transported to the cell wall for oxidative cross-linking by apoplastic peroxidases and laccases into lignins. In grasses, some hydroxycinnamic acids are conjugated to arabinose by BAHD enzyme for export via the Golgi apparatus and future incorporation into polysaccharides (pectins or arabinoxylans) whereas some are conjugated to monolignols (mainly sinapyl alcohol) in the cytosol and incorporated into lignin. Other phenolic compounds (soluble phenolic esters and amides, flavonoids) are shown and may indirectly interact with lignification. Their production implies common steps (enzymes) with the monolignol pathway. Most of these transport routes and storage forms still remain to be discovered and the localization of some enzymes (GH, Perox, Lacc) confirmed. The dashed lines delineate putative pathways and full lines delineate known routes. Enzymes of the monolignol pathway are represented by circles. The brown color indicates involvement of the enzyme in the monolignol pathway; yellow indicates involvement in the flavonoid pathway; and pink indicates involvement in the sinapate ester pathway. PAL, phenylalanine ammonia lyase; C4H, cinnamic acid 4-hydroxylase; 4CL, 4-hydroxycinnamoyl-CoA ligase; HCT, hydroxycinnamoyl-CoA:shikimate hydroxycinnamoyl transferase; C3H, p-coumaroyl shikimate 3′-hydroxylase; CCoAOMT, caffeoyl-CoA O-methyltransferase; CCR, hydroxycinnamoyl-CoA reductase; F5H, ferulic acid 5-hydroxylase; COMT, caffeic acid/5-hydroxyferulic acid O-methyltransferase; CAD, cinnamyl alcohol dehydrogenase; UGT, UDP-glycosyltransferase; GH, beta-glucosidase; Perox, peroxidase; Lacc, laccase; DPs, dirigent proteins; BAHD, hydroxycinnamic acid transferase; ER, endoplasmic reticulum.



In summary, lignification is a dynamic, flexible process reinforcing cell walls according to the different needs (water conduction, mechanical support, defense) of the plant during its life. Nevertheless, once produced, lignins (and the associated carbon) remain anchored in the cell wall since plants do not possess the enzymatic machinery necessary to recycle this polymer in contrast to other cell wall polysaccharides such as (1,3;1,4)-beta-D-glucans for instance (Fincher, 2009). The irreversibility of this situation also underlines the necessity for tight regulation of the lignification process.

Metabolic engineering can be used not only to reduce or modify natural lignin structure, but can also be employed to produce novel lignin structures in biomass crops with the goal of improving its structure for biomaterial or bioethanol production (Dixon et al., 1996; Vanholme et al., 2012a). Nevertheless, as underlined by a recent systems biology approach that investigated the consequences of lignin perturbations in Arabidopsis mutants, it is clear that our knowledge of this complex process is far from complete and that modifications in the lignification process can be accompanied by unexpected changes in gene expression and metabolism (Vanholme et al., 2012b). In this review, we focus on another aspect of lignin biology where our understanding is only partial – the different processes that occur after monolignol biosynthesis, including the acylation and glycosylation of monolignols in the cytoplasm, their transport through the membrane to the apoplast, and their deglycosylation, and polymerization into lignins. We also discuss lignans and related compounds produced by the same biosynthetic pathway. In this review we aim to point out some gaps in our knowledge of lignification that are potentially limiting for biomass use and engineering.

TRANSPORT AND COMPARTMENTATION

Monolignols are synthesized in the cytoplasm and translocated to the cell wall for subsequent polymerization (Alejandro et al., 2012). For many years, the mechanism of transport remained unknown and different hypotheses were suggested (passive diffusion, exocytosis, active transport, etc.; Liu et al., 2011; Liu, 2012). An elegant biochemical study has recently demonstrated that the glycosylation status determines monolignol transport and subcellular compartmentation (Miao and Liu, 2010). Plasma membrane-derived vesicles prepared from Arabidopsis and poplar cells transported coniferyl alcohol (the aglycone form), but not coniferin (the glycosylated form of coniferyl alcohol), in an ATP-dependant manner, whereas tonoplast-derived vesicles transported the glycosylated form but not the aglycone. Taken together these results would suggest that coniferyl alcohol is transported into the cell wall across the plasma membrane in an ATP-dependant process by an ABC-transporter and is subsequently polymerized by laccases (LACs) and/or peroxidases (PRXs). In contrast, the glycosylated form (e.g., coniferin) is transported into the vacuole for storage. Genetic confirmation of the involvement of ABC transporters in monolignol transport into the cell wall was recently reported (Alejandro et al., 2012). Co-expression studies in Arabidopsis identified an ABCG transporter gene (AtABCG29) co-regulated with phenylpropanoid gene expression and that was expressed in lignin-containing organs and tissues. Protein-fusion studies demonstrated that AtABCG29 was localized in the plasma membrane and transport studies in yeast suggested that the protein was involved in transporting p-coumaryl alcohol, but not coniferyl alcohol. A minor activity was also observed toward sinapyl alcohol. Abcg29 mutant lines showed reduced root growth when grown on medium containing p-coumaroyl alcohol, but not coniferyl alcohol or sinapyl alcohol supporting the idea that AtABCG29 is involved in p-coumaryl alcohol transport. Lignin analyses of roots from two mutant lines revealed decreases in the amounts of H, G, and S subunits as compared to WT roots, an unexpected result since AtABCG29 is highly specific for p-coumaryl alcohol and it would be expected that only H units would be reduced. Interestingly, the mutant lines also showed metabolomic modifications in soluble phenolics, flavonoids and glucosinolates together with reductions in associated gene expression. These modifications are reminiscent of changes observed in different lignin mutants (Vanholme et al., 2012b) underlining the fact that phenylpropanoid metabolism can be perturbed not only at the biosynthesis level, but also by modifications of monolignol transport. The results also raise the possibility that the observed cell-specific variation in lignin composition (e.g., vessel element walls are rich in G lignin whereas fiber walls contain S–G lignin) may also be regulated via specific ABC transporters. Plant genomes contain large ABC transporter gene families (e.g., 130 genes in Arabidopsis) but ABC transporters for coniferyl alcohol and sinapyl alcohol remain to be identified and characterized. In addition, it is probable that monolignol glucosides from the vacuole participate to tracheary element lignification following cell death and membrane disruption (Pesquet et al., 2013). Additional information on the potential role(s) of ABC transporters in the lignification process is discussed by Sibout and Hofte (2012).

MONOLIGNOL GLYCOSYLATION AND DEGLYCOSYLATION

Glycosylation of monolignols is catalyzed by UDP-glycosyltransferases (UGTs) belonging to the glycosyltransferase (GT) family 1. These enzymes play an important role in stabilization, enhancement of water solubility and deactivation/detoxification of a wide range of natural products including hormones and secondary metabolites (Lim and Bowles, 2004). A recent phylogenetic reconstruction (Caputi et al., 2012) of family 1 UGTs reveals a dramatic evolutionary increase in the number of family 1 GTs from one in the model green alga Chlamydomonas to 243 in poplar reflecting the increased complexity of plant life on Earth. Less than 20% plant UGTs have been functionally characterized (Yonekura-Sakakibara et al., 2012). A major problem is that plant GTs may be redundant. Functional analyses in Arabidopsis (Lanot et al., 2006) of the UGT72E clade suggested that the UGT72E2 gene product was responsible for monolignol glycosylation. Chemical analyses of soluble phenolics in light-grown roots from the triple mutant showed a significant decrease in the quantity of coniferyl alcohol- and sinapyl alcohol-glucosides as compared to WT plants. Over-expression of the UGT72E2 gene resulted in a 10-fold increase in coniferin levels and a lower increase in sinapyl alcohol glucoside in roots suggesting that this is the principal gene involved in monolignol glycosylation in Arabidopsis. Interestingly, rosette leaves accumulated sinapoyl glucoside to higher levels than coniferyl alcohol glucoside hinting at organ-specific variations in glycosylation mechanisms. However, no impact on lignin content/composition was observed. Evidence suggesting a link between lignification and monolignol glycosylation was recently demonstrated (Wang et al., 2012) when the over-expression in tobacco plants of a poplar UGT (PtGT1) homolog to the Arabidopsis UGT72E1-3 genes was shown to be associated with an increased lignification as well as early flowering. Nevertheless, the observation that recombinant PtGT1 showed no activity toward monolignols and the fact that transformed plants did not contain higher amounts of monolignol glycosides led the authors to suggest that the observed impact of PtGT1 over-expression in tobacco was indirect. Further research is clearly needed to identify not only the UGTs specifically involved in monolignol glycosylation, but also to demonstrate a functional link between modifications in UGT gene expression and lignification. The potential importance of monolignol glycobiology in regulating lignin biosynthesis is also complicated by the fact that, in addition to glucose, plant UGTs can also use different sugars (glucose, rhamnose, galactose, glucuronic acid, etc.) to glycosylate monolignols (Caputi et al., 2012).

If monolignol glucosides give rise to monolignols that are then incorporated into the lignin polymer, then enzymes (beta-glucosidases) should be co-localized with coniferin and syringin. Beta-glucosidases capable of hydrolyzing monolignol glucosides were first identified in cell wall fractions of Picea abies hypocotyls and roots (Marcinowski and Grisebach, 1978). Subsequently, a beta-glucosidase showing high affinity for coniferin was co-localized with PRX activity to cell walls of young differentiating xylem in Pinus contorta (Dharmawardhana et al., 1995, 1999). In Angiosperms, beta-glucosidase activity was first located in the cell walls of Cicer arietinum L. (Hosel et al., 1978; Burmeister and Hosel, 1981). The co-localization of beta-glucosidase activity and monolignol glucosides in differentiating xylem of conifers and some angiosperms led to the hypothesis that monolignol glucosides could represent lignin precursors. However, subsequent work in Ginkgo biloba (Tsuji et al., 2005) showing that a beta-glucosidase demonstrated a 10 times greater affinity toward coniferaldehyde as compared to coniferin threw doubt on this initial idea. Subsequent work with radioactive precursors indicated that coniferyl alcohol derived from coniferin was only weakly incorporated into the lignin polymer and that greater amounts were converted into coniferaldehyde glucoside followed by subsequent deglycosylation and CAD-mediated conversion of the coniferaldehyde into coniferyl alcohol. These results suggested that coniferin represented the storage form of coniferyl alcohol and was not the direct precursor of coniferyl alcohol for lignin. In Arabidopsis, three orthologs (BGLU45/At1g61810; BGLU46/At1g61820; BGLU47/At4g21760) of the Pinus contorta beta-glucosidase gene are present and belong to the group 10 of the Arabidopsis GH1 family (Xu et al., 2004). Heterologous expressions of BGLU45 and BGLU46 showed that BGLU45 is highly specific for the three monolignol glucosides, whereas BGLU46 preferentially uses p-coumaryl alcohol glucoside as well as showing broad activity toward other phenolic glucosides (Xu et al., 2004; Escamilla-Trevino et al., 2006). A recent functional study of Arabidopsis bglu45-1 and bglu46-2 T-DNA mutants (Chapelle et al., 2012) showed only slight reductions (8.5 and 6.5%, respectively) in global beta-glucosidase activity and protein amounts as estimated by Western blots following Concanavalin-A column chromatography, presumably because of functional redundancy – at least four other glucosidases are expressed in Arabidopsis stems – and antibody cross-reactivity. Lignin analyses showed a slight but significant increase in Klason lignin for two BGLU45 mutants of the WS accession (bglu45-1 and bglu45-3) under long-day conditions only but not in Col0 bglu45 mutants. No significant modification in lignin content was observed for bglu46 mutants. Similarly, thioacidolysis revealed no changes in lignin subunit structure. Metabolomics (ultra performance liquid chromatography–mass spectrometry, UPLC –MS) identified around 100 different small glycosylated phenolic compounds, most of which were increased in the mutants. For the 10 most important differentials, five were identified/partially identified and all were derived from G units. Interestingly, an important ecotype effect was observed with, for example, an approximate 20-fold increase of coniferin in WS bglu45-1 mutants, but only a 3.4-fold increase in Col10 mutants. While coniferyl alcohol, sinapyl alcohol, coniferaldehyde, sinapaldehyde, and syringin levels were not significantly modified, certain (neo)lignans increased [lariciresinol hexoside or isodihydrodehydrodiconiferyl alcohol (IDDDC) hexoside, dehydrodiconiferyl alcohol (DDC) hexoside]. Based on these observations, the authors proposed that monolignol glucosides are the storage form of monolignols and not the direct precursors. Nevertheless, it is interesting to note that BGLU45 and BGLU46 expression are deregulated under various biotic stresses suggesting that the monolignol storage pool might be used under pathogen attack in the fabrication of “defense lignin” and/or phytoalexins. Certainly, such a hypothesis allows a better understanding of the basic “spatial problem” associated with beta-glucosidase enzyme and substrate compartmentation (Figure 1). As indicated above, the Pinus contorta beta-glucosidase was localized to differentiating xylem walls and BGLU45/46 proteins are secreted to the cell wall (Chapelle et al., 2012), whereas glycosylated monolignols are stored in the vacuole. Under such conditions it is perhaps not surprising that beta-glucosidase gene down-regulation has little/no effect on lignin levels under standard conditions and that the critical step occurs at the glycosylation step deciding whether monolignols are targeted to the cell wall without glycosylation for lignification, or glycosylated for storage in the vacuole. In contrast, cell and vacuole disruption following pathogen attack, insect/herbivore feeding and potentially severe abiotic stress (cell freezing, desiccation) or during programed cell death (xylem vessel) would lead to contact between the monolignol glucosides and beta-glucosidases at the cell wall where PRXs and/or LACs could rapidly polymerize the aglycone forms. The role of beta-glucosidases in producing a wide range of bioactive defense molecules has been largely documented in plants (Morant et al., 2008).

Taken together, these observations indicate that the glycosylation/deglycosylation of monolignols play key roles in determining their availability for subsequent lignin biosynthesis thereby representing potentially interesting engineering targets for plant biomass improvement. In addition, similar mechanisms are also likely to affect the availability of ferulic- and p-coumarylic acids for lignin–hemicellulose/pectin and polysaccharide–polysaccharide covalent cross-links in the cell wall underlining the necessity for further research into the glycosylation/deglycosylation of monolignols and phenolic molecules.

DIMERIZATION OF MONOLIGNOLS AND SYNTHESIS OF (NEO)LIGNANS

Monolignols can also give rise to more than 3,000 different lignans and associated structures such as neo-, sesqui-, and flavanolignans (Schmidt et al., 2010). Lignans are optically active phenylpropanoid dimers that result from the stereo-selective dirigent protein-mediated coupling of the 8 and 8′ C-atoms of two hydroxycinnamyl alcohol (monolignol) moieties (Davin et al., 1997). (Note: two different nomenclatures are used to describe the propane carbon atoms involved in monolignol linkages in the lignin polymer and in oligolignols. In oligolignols, the numbers 7, 8, and 9 are used whereas in the lignin polymer α, β, and γ are used to describe the same carbon atoms. A β–β lignin linkage therefore corresponds to an 8–8 oligolignol linkage). Lignan formation has been widely studied since these molecules are natural anti-oxidants, possess anti-microbial activity and have numerous beneficial effects on human (Ford et al., 2001). Lignans are known to play a role in the durability, longevity, and resistance of the heartwood of many tree species against wood-rotting fungi and are believed to function as phytoalexins in other (non-woody) plant species (Pohjamo et al., 2003). The formation and accumulation of lignans in flax (Linum usitatissimum L.) seeds has been particularly studied since they are one of the richest natural grain sources of certain lignans. The genus Linum contains approximately 200 species worldwide that can be divided into two main groups depending upon the major lignan types accumulated – either cyclolignans belonging to the aryltetralin series (AT lignans) or cyclolignans of the aryldihydronaphthalene (ADN)/arylnaphthalene (AN) group (Schmidt et al., 2010). Some plants in both groups can also accumulate dibenzylbutyrolactone (DBBL) lignans such as matairesinol and furofuran (FF) lignans such as pinoresinol. Both FF and DBBL lignans are precursors of the AT/ADN/AN lignans. In the seeds of flax, dimerization of two E-coniferyl alcohol molecules leads to the formation of 8S,8′S-(-)-pinoresinol, which is sequentially converted into 8S,8′S-(-)-lariciresinol and 8S,8′S-(++)-secoisolariciresinol via the action of the enzyme pinoresinol lariciresinol reductase (PLR). (+)-Secoisolariciresinol is then glycosylated to secoisolariciresinol diglucoside (SDG) that accumulates to high levels in flax seeds (linseed; Ford et al., 2001). The complexity of lignan stereochemistry was underlined in a recent study (Hemmati et al., 2010) that isolated two PLRs (PLR-Lu1, PLR-Lu2) showing opposite enantiospecificity. PLR-Lu1 utilizes 8S,8′S-pinoresinol, whereas PLR-Lu2 uses 8R,8′R-pinoresinol. Interestingly, gene expression analyses have shown that the LuPLR1 gene is expressed in different flax seed tissues, whereas the LuPLR2 gene is expressed in flax stem and leaf tissues (Hano et al., 2006; Hemmati et al., 2010; Venglat et al., 2011). In agreement with this organ-specific gene expression, 8S,8′S-SDG accumulates in flax seeds whereas aerial green parts accumulate 8R,8′R-SDG. Further analyses (Schmidt et al., 2012) of lignans in 16 different Linum species suggested that lignan stereochemistry also depended upon the species analyzed and whereas R,R-SDG was mainly accumulated in the seeds from species containing relatively high amounts of ADN/AN cyclolignans, S,S-SDG was accumulated in seeds from species containing only trace amounts of cyclolignans.

A further insight into monolignol/lignan biology in flax was provided by a combined transcriptomics and metabolomics study (Huis et al., 2012) of flax inner- (xylem rich) and outer- (bast fiber rich) stem tissues (Figure 2). More than eighty different lignans and neolignans including pinoresinol, lariciresinol, secoisolariciresinol, DDC, and IDDDC, as well as their glycosylated forms were detected in both tissues. In agreement with the presence of lignans and neolignans in the flax stem, transcripts corresponding to PLR, as well as the enzyme phenylcoumaran benzylic ether reductase (PCBER) catalyzing the reduction of DDC into IDDDC and previously identified as the most abundant protein in poplar xylem (Gang et al., 1999; Vander Mijnsbrugge et al., 2000) were also highly abundant. Although PCBER transcripts were more highly abundant in inner stem tissues, IDDDC was not detected in either inner- or outer-stem tissues, despite the presence of DDC in both tissues. In contrast IDDDC hexosides were detected in both stem tissues suggesting that the neolignan is rapidly glycosylated. Overall, the glycosylated forms were more abundant in outer stem tissues in comparison with inner stem tissues. Further work in other species is necessary to know whether such differences in (neo)lignan glycobiology are widespread and also the potential biological role. Interestingly, recent reports showing that lignans are detected in the phloem tissues (Ramos and Kato, 2012) and honey-dew of the stink-bug and that glycosylated flax lignans but not the aglycone forms significantly increased aphid Myzus persicae insect mortality (Saguez et al., 2012) raise the possibility that monolignol-derived compounds might be glycosylated and transported in phloem cells as a defense mechanism against insect predators.
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FIGURE 2. Monolignol metabolism in flax stems. Olignolignols were extracted from inner (IT) and outer (OT) tissues of flax stems (A) and analyzed by ultra-high performance liquid chromatography–Fourier transform–ion cyclotron resonance–mass spectrometry (UHPLC–FT–ICR–MS; Huis et al., 2012). Outer tissues are characterized by the presence of bast fibers with thick cellulose-rich secondary cell walls and extremely low lignin levels as indicated by limited red coloration with phloroglucinol-HCl staining (B). Inner tissues contain xylem tissue with heavily lignified cell walls (C). Aglycone and glycosylated forms of monolignols (1), lignans (2), and neolignans (3) were detected in both inner- and outer-stem samples. Glycosylated forms were generally more abundant in outer stems. DDC, dehydrodiconiferyl alcohol; IDDDC, isodihydrodehydrodiconiferyl alcohol; PLR, pinoresinol lariciresinol reductase; PCBER, phenylcoumaran benzylic ether reductase. Red heat blocks indicate corresponding unigene expression in inner- versus outer-stem tissues. This figure illustrates the extremely rich metabolism post-monolignol biosynthesis. (A) Courtesy of Anne-Sophie Blervacq, Université Lille 1.



The abundance of glycosylated (neo)lignans in flax and other species suggests the existence of different UGTs capable of glycosylating lignans. Lignan UGT activity was first identified in sesame (Noguchi et al., 2008) and more recently in Forsythia (Ono et al., 2010). Subsequent screening of a Forsythia cDNA library and biochemical characterization of recombinant UGT71A17 and UGT71A18 proteins showed that both proteins were capable of glycosylating (+)-pinoresinol albeit UGT71A17 activity was much weaker than UGT71A18 activity. Further characterization of the latter showed that it was active against different FF and DBBL lignans. Expression analyses indicated that both genes were expressed in leaves, floral buds, and petals, but that only UGT71A18 was expressed in cell suspension cultures. It would obviously be interesting to see whether UGT genes are also expressed in other organs/tissues. Monolignol dimerization is presumably catalyzed by class III PRXs that are localized in the cell wall and/or vacuole suggesting that lignans should also be localized in these compartments. Although one study (Attoumbre et al., 2010) localized lignans to the cell wall in flax seeds, a positive signal was also observed in cytoplasmic inclusions raising the possibility that lignans might also be present in this compartment. Plant UGTs, unlike their mammalian counterparts, do not possess peptide signals and are therefore probably localized in the cytoplasm. In this case, where does (neo)lignan glycosylation take place – do plants possess plasma membrane/tonoplast ABC transporters capable of transporting neolignans into/out of cells/tonoplasts? In conclusion, although we now have a relatively good understanding of monolignol biosynthesis (even if our knowledge of transcriptional and post-transcriptional regulation processes is far from complete), it is clear that we have much to learn about the mechanisms regulating the availability of synthesized monolignols in the cell wall for subsequent lignification. A better understanding of these mechanisms should lead to the elaboration of new targets for engineering more efficient plant biomass.

POLYMERIZATION

Beyond dimerization formation of lignins requires a polymerization step. The complex structure of the polymers built up of different subunits (H, G, and S), the presence of different types of linkages between subunits and the absence of repeated motifs suggest a highly unpredictable polymerization mechanism probably affected by its microenvironment (pH, polysaccharides, etc.; Wingender et al., 1999). In the developing cell wall, lignin polymerization occurs by radical coupling reactions (Freudenberg, 1959; Figures 3 and 4). Type III PRXs and LACs are probably both involved in monolignol oxidation and participate to lignification (Figure 3). PRXs involved in lignification are exported to the apoplasm in lignifying tissues where monolignol oxidation takes place (Koutaniemi et al., 2005; Vanholme et al., 2010). The oxidation reaction uses H2O2 as co-substrate which is probably provided by combined action of NADPH oxidase or germin-like proteins, even though firm genetic evidence for the involvement of these enzymes is currently lacking (Davidson et al., 2009). PRX exist as large multigene families (73 and 138 in A. thaliana and Oryza sativa, respectively; Welinder et al., 2002) making the clarification of the biological role of each member a considerable challenge. Clear characterization is also complicated by the fact that PRXs generally show low substrate specificities (Hiraga et al., 2001). Nevertheless recent studies suggesting that some PRX isoforms may be more specialized in the polymerization of guaiacyl or/and syringyl units could help to explain how plants are able to control lignin monomeric structure (Barcelo et al., 2007; Martinez-Cortes et al., 2012). Both the isoelectric point of the proteins and specific motifs in the PRX primary structure could support protein–substrate interaction with one monomer type over another and therefore influence lignin composition. Two examples of genetic manipulation illustrate this hypothesis. Antisense suppression of one PRX gene led to a global reduction of both G and S units in tobacco (Blee et al., 2003) whereas analyses of PRX down-regulated poplar (Li et al., 2003) revealed that lignin contained less G units but that S content was unchanged. More recently, Herrero et al. (2013a) used Zinnia elegans PRX protein sequence data to identify Arabidopsis orthologs for functional characterization. Histochemical analyses of the atprx72 mutant suggest that it has reduced overall lignin levels and a low syringyl unit content as compared to WT plants (Herrero et al., 2013b). However, the mutant shows a strong developmental phenotype and it would be necessary to confirm this result on a second mutant allele. In parallel, Shigeto et al. (2013) used similar strategies to functionally characterize other PRX gene candidates in Arabidopsis. Chemical analyses indicated a significant decrease in the total lignin content and modified lignin structure in atprx2 and atprx25 mutants and altered lignin structure in atprx71 mutants.
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FIGURE 3. Oxidative radicalization of monolignols by peroxidases and laccases. Peroxidases use peroxide produced by super oxide dismutase proteins (SOD) and NADPH oxidase as co-substrate to make oxidative radicalization of phenols (coniferyl alcohol in this case) whereas laccases use oxygen. Note that peroxidase can oxidize both monolignols and oligomers to produce oxidized phenols.
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FIGURE 4. Mechanism of phenol oxidation and polymerization in the cell wall. Dotted lines show transfert of radicals between phenols (monolignol or oligomer). White arrows represent combinatorial radical coupling between phenols. Dark arrows show the product of radical–radical coupling and the oxidation of a phenol.



The mechanism of oxidative radicalization of phenols followed by combinatorial radical coupling is well described (Vanholme et al., 2010; van Parijs et al., 2010). Nevertheless, the kinetics of monomer incorporation into the lignin polymer by PRX remains poorly understood. In a recent article, Demont-Caulet et al. (2010) propose a general scheme for S–G copolymerization coordinated by a PRX (PRX34) purified from A. thaliana. The purified enzyme shows a high substrate specificity and seems unable to directly oxidize S monomers in the absence of G units. The authors studied kinetics of the monomer conversion and subsequent formation of di-, tri-, and tetramers by using monomer feeding experiments. Their results suggest that endwise and bulk polymerization mechanisms are likely to co-exist within the same system, the bulk mechanisms occurring after total consumption of the monomers. During endwise polymerization, monomers are added to the polymer one-by-one whereas during bulk polymerization different oligomers are linked together at the same time (Figure 4). Interestingly, Demont-Caulet et al. (2010) show that while monomer availability may influence the relative preponderance of the two mechanisms, it is the nature of the monomer that exerts the most influence. Indeed, under in vitro oxidation conditions, the presence of S monomer converted the PRX34-mediated polymerization of G monomers from a bulk to an endwise mechanism in agreement with data from Argyropoulos et al. (2002). These observations underline the central role of PRXs in controlling lignin biosynthesis. In a recent article, the group of Niko Geldner proposed a very nice model where PRXs are the last pieces of a puzzle that orchestrate lignification in Casparian strips in Arabidopsis roots (Lee et al., 2013). The authors show that the PRX enzymes colocalize with the very specific Casparian strip domain protein (CASP) and that their activity is indirectly under the control of an NADPH oxidase named respiratory burst oxidase homolog F protein (RBOHF) that provides H2O2 to PRXs via the action of an unknown superoxide dismutase (SOD). These fascinating results show for the first time that a trans-membrane protein (CASP) is able to control peroxidase activities thereby representing a potential mechanism for localized spatial control of lignification.

Therefore, PRXs represent interesting targets for modifying not only lignin content but also lignin structure, even if high redundancy due to the existence of large gene families complicates genetic approaches. It is also important to emphasize that PRXs exported to the extracellular matrix of some tissues may not only be involved in lignification. For instance, they may participate to suberin polymerization, cell membrane protection or else, catalyze di-ferulate bonds between polysaccharides particularly in grasses where arabinoxylans are highly feruloylated (Fry, 2004; Arrieta-Baez and Stark, 2006). Tannins that contribute to the heartwood color in some trees (e.g., walnut), as well as lignans (see above) may also be produced by PRXs.

Laccases are a large group of copper-containing glycoproteins in plants, bacteria, and fungi. In contrast to PRXs, LACs use O2 instead of H2O2 to oxidize the monolignols (Figure 3). Although there is not enough evidence to confirm that plant LACs are localized in the cell wall, the presence of signal peptides in the N-terminal protein region suggests a subcellular localization (Cesarino et al., 2013) whereas some PRXs could be detected in other compartments. A number of in vitro experiments have identified different putative LAC substrates including flavonoids, 4-Hydroxyindole, coniferyl alcohol, p-coumaryl alcohol, and sinapyl alcohol (Mayer and Staples, 2002). While certain studies confirm that tree LACs can polymerize monolignols in vitro (Sterjiades et al., 1992; Ranocha et al., 2002), the broad substrate specificity of plant LAC needs to be confirmed in vivo. LACs, like PRXs, belong to (smaller) multigenic families in plants and different members may have redundant or specific biological functions. This is based upon two contrasting observations showing that in single antisense poplar plants with reduced LAC transcripts, neither lignin content nor composition is significantly altered (Ranocha et al., 2002). In contrast, the transgenic poplars exhibited an increase in total soluble phenolic content and perturbation of xylem fiber integrity (Ranocha et al., 2002). In Arabidopsis, 17 LACs have been reported (McCaig et al., 2005) but until 2011, only indirect evidence linked these enzymes to lignification in Arabidopsis. AtLAC2 mutants showed a reduced root elongation under PEG treatment suggesting a possible impact on vasculature (Cai et al., 2006) and AtLAC4 mutants under continuous light conditions were associated with a weak irregular xylem phenotype (Brown et al., 2005). Similarly, the Arabidopsis AtLAC15 mutant was identified during a transparent testa screen since it possesses seeds with a pale brown seed coat due to altered flavonoid condensation (Pourcel et al., 2005). Mutants also showed a 59% increase of soluble proanthocyanidins when compared to wild-type and the extractable lignin content in tt10 seeds was reduced by nearly 30% (Egertsdotter et al., 2004). This observation would suggest that both monolignols and proanthocyanidins could serve as substrates for AtLAC15 in Arabidopsis seed coats. Transcriptomics (Ehlting et al., 2005) indicate that four LACs (AtLAC4, AtLAC11, AtLAC12, AtLAC17) show moderate or high expression levels in Arabidopsis developing stems. These four genes are up-regulated during the transition from young to intermediate stage stems and were therefore considered as good targets for modifying lignin.

Direct evidence showing that specific LACs are involved in monolignol polymerization in planta was obtained by the characterization of Arabidopsis lac4lac17 double mutants (Berthet et al., 2011). The stems of double mutants possess collapsed vessels and show reduced G lignin deposition in fibers. Mutants also show a 20–40% decrease in total lignin content and a 130% increase in saccharification yields when compared to the wild-type control. Lignin composition (higher S/G ratio) is also modified and is mainly due to the decrease of G lignin in fibers. This is not surprising since LAC and lignin genes are tightly co-expressed (Berthet et al., 2011) and promoter-GUS analyses showed that LAC4 is expressed in vascular bundles and interfascicular fibers of stems while LAC17 is specifically expressed in fibers (Berthet et al., 2011). Phylogenetic analyses of Arabidopsis LACs showed that LAC4 and LAC17 are the best homologs (McCaig et al., 2005) suggesting redundant or at least similar activity for both proteins in lignification. Recently, Cesarino et al. (2013) identified a sugarcane LAC gene, SofLAC, putatively involved in lignification. Its transcripts are localized in the inner- and outer-lignified zones of stem sclerenchymatic bundle sheaths. SofLAC was expressed preferentially in young internodes and the corresponding transcript level decreased along with stem maturity. The Arabidopsis lac17 mutant was partly complemented by expressing SofLAC under the control of the AtLAC17 promoter. SofLAC expression restored the lignin content but not the lignin composition in complemented lac17 mutant lines. These results suggest that specific LACs may also play a role in lignification in monocots.

Studies on mutants affected in different specific steps of monolignol biosynthesis indicate that plants are able to incorporate substantial amounts of components (e.g., aldehydes, 5-hydroxyconiferyl alcohols) that are poorly incorporated in “normal” conditions. Currently, it is not known whether incorporation is mediated by PRXs or LACs, or by both proteins. Some attempts have also been made to engineer plants so as to incorporate unusual compounds (e.g., rosmarinic acid or hydroxybenzaldehyde and hydroxybenzoate derivatives) into their lignins (Eudes et al., 2012; Tobimatsu et al., 2012). The incorporation of such specific compounds has been proposed as a strategy to reduce the degree of lignin polymerization. The incorporation of novel compounds together with the existence of large LAC and PRX gene families showing broad substrate specificities raises exciting new possibilities for the production of modified lignins and improved biomass.

ACYLATION

Plant lignins often contain various acids (acetates, p-hydroxybenzoate, and p-coumarate) in addition to conventional monolignols. It is usually accepted that some of them (ferulate, p-coumarate) are by-products or intermediates of the monolignol pathway since there is no evidence that an independent pathway exists. Several observations suggest that the degree of acylation could be reasonably expected to impact on biomass quality. First, amounts of acylated monomers show high natural variations between different species. Kenaf and Agave possess up to 60 and 80% of acylated lignins, respectively when compared to maize and wheat that show 18 and 3% of acylated lignins, respectively (reviewed by Withers et al., 2012). Second, it is possible that acylation may affect lignin structure during polymerization as well as subsequent degradation by chemical or biochemical processes such as saccharification and digestibility. In grasses, p-coumarates are linked to syringyl units and plants with low coumarate levels also generally show modifications in their S, or S and G content (Harrington et al., 2012). Importantly, coumaroylation of cell wall polysaccharides is most likely (or at least partly) catalyzed in the cytosol prior to export and polymerization in the cell wall strongly suggesting the existence of specific monolignol transferases and transporters (Withers et al., 2012; Molinari et al., 2013; Figure 1).

Until recently, the genetics underlying coumarylation of both lignin and arabinoxylans remained unknown, mainly because of the lack of suitable plants (specifically engineered to modify acylation) for functional characterization. It is generally accepted that the genes associated with such reactions would encode BAHD acyl-CoA transferase proteins. Recent work showing that transgenics have higher or lower feruloylation levels has suggested that some members of the BAHD acyl-CoA transferase protein family may be responsible for catalyzing the addition of ester-linked coumarate to cell wall arabinoxylans (Fernando et al., 2009; Withers et al., 2012; Bartley et al., 2013; Molinari et al., 2013). A member of the BAHD acyl transferase family was recently identified in the rice genome (Withers et al., 2012). Analyses of the recombinant protein produced in E. coli showed that it had a specific coumaroyl transferase activity. This enzyme OsPMT (O. sativa p-coumaric acid monolignol transferase) catalyzes the acylation of a monolignol with p-coumaric acid via p-coumaroyl CoA and the corresponding transcript is co-expressed with the monolignol biosynthetic 4CL gene. Based on catalytic efficiency and reaction rate, the authors show that OsPMT would produce more p-coumaryl p-coumarates in saturating conditions but would favor the synthesis of sinapyl p-coumarate over coniferyl p-coumarate in planta. Interestingly this gene is grass specific and its enzymatic hallmark therefore perfectly correlates with the high level of coumaroylated sinapyl alcohols in these types of plant. In addition, the BAHD protein accepts coumarate, but not ferulate as a substrate. The production of rice plants with disrupted OsPMT expression may be difficult because of gene redundancy since there are at least two paralogs in this species. Nevertheless, it is interesting to note that there are less paralogs in Brachypodium (Withers et al., 2012) and the recent article published (Molinari et al., 2013) could help to identify suitable candidate genes for further study. The authors established a correlation between candidate p-coumaric acid monolignol transferase transcript levels and amounts of bound ferulate in different organs at different developmental stages. They propose different candidate genes similar to OsPMT genes to be responsible for the lignin bound p-coumaric acid.

CO-EXPRESSION DATA MAY HELP TO SCREEN FOR PROTAGONIST INVOLVED IN THE LAST STEPS OF LIGNIN BIOSYNTHESIS

The last 20 years have seen the elucidation of the complete monolignol biosynthetic pathway and a number of limiting enzymes have been identified. Importantly, the expression of monolignol biosynthesis genes is not always correlated with the presence of the lignin polymer. This observation can be attributed to the fact that the monomers can also be used to generate a wide range of monolignol-derived compounds located in intra- or extracellular compartments and underlines the complexity of plant monolignol metabolism and regulation (Figure 1). One illustration of this phenomenon can be seen with the use of co-expression tools. Recent years have seen the emergence of large transcriptomic data sets and co-expression tools have been developed by different research groups (Ruprecht and Persson, 2012). These tools allow the identification of genes putatively involved in the same biological process as, in general, the expression of related genes should be transcriptionally coordinated (Usadel et al., 2009). Two recent articles have used this approach to analyze lignin biosynthesis in Arabidopsis and Brachypodium (Ruprecht and Persson, 2012). When monolignol biosynthesis genes (4CL, C4H, CCoAOMT) and monolignol polymerization/isomerization genes (Dirigent protein 6, LAC4, LAC17) are used as baits for the co-expression analysis with genecat (http://genecat.mpg.de/), two distinct gene networks clearly appear (Figure 5). LAC genes are clearly co-expressed with the cellulose synthase genes CESA4, 7, and 8, that are specific to secondary-, but not primary-cell wall formation. This co-expression is even stronger than that observed with 4CL, C4H, and CCoAOMT that are all highly co-expressed with other monolignol biosynthetic genes such as PAL, COMT, CAD, CCR, C3H, and HCT (Figure 5). Since the monolignol biosynthetic pathway shares steps with the general phenylpropanoid pathway involved in the production of various non-lignin compounds (Goujon et al., 2003; Bassard et al., 2010), the co-expression data could suggest that LAC4 and LAC17 might represent a more efficient bait than monolignol biosynthesis genes when trying to identify other “lignin-related” genes including those encoding transporters and other polymerization enzymes.
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FIGURE 5. Co-expression network of genes involved in lignin and lignan biosynthesis in Arabidopsis. (A) Dendrogram representing the co-expression of genes involved in the biosynthesis and polymerization of monolignols. Two separate clusters (II and I, respectively) are obtained using the tool “expression tree” from Genecat (http://genecat.mpg.de). (B) Co-expressed gene network of genes present in cluster II. (C) Co-expressed gene network of genes present in cluster I. Nodes and edges represent genes and significant positive co-expression relationships between genes. Red nodes represent genes used as baits to produce gene co-expression networks. Blue nodes depict genes known to be involved in monolignol biosynthesis. Green nodes represent specific genes involved uniquely in cellulose synthesis of secondary cell walls. Orange nodes represent genes putatively involved in polymerization and lignan formation. DIR6, dirigent protein 6; LAC4, laccase 4; LAC17, laccase 17; CBR1, hydroxycinnamoyl-CoA reductase 1; C4H, cinnamic acid 4-hydroxylase; 4Cl, 4-hydroxycinnamoyl-CoA ligase 1; CCoAOMT1, caffeoyl-CoA O-methyltransferase; PLR, pinoresinol–lariciresinol reductase; PER64, peroxidase 64; CESA4, 7, 8, cellulose synthase 4, 7, and 8. Other abbreviations are given in Figure 1.



CONCLUSION

It is clear that the metabolism and polymerization of both monolignols and other more unusual monomers following their biosynthesis are more complex than previously thought. A number of key potential regulation points are involved in these processes allowing plants to rapidly respond to different developmental and environmental cues and that could also constitute interesting novel engineering targets for optimizing lignin production and composition. This will be achieved by answering a long list of crucial questions. For instance, where are glucosidases located – in the cell wall, in the vacuole or in the cytosol? In which conditions (development, stress, etc.) are they active? How are glycosylated monolignols released from the vacuole? What are their roles? Where does the dimerization occur for lignan formation? Are cytosolic PRXs involved? How do lignin polymers grow in the cell wall? What are the specific roles of LACs versus PRXs? Are CASP-like proteins also present in other lignified tissues (xylem and sclerenchyma for instance)? The regulation of lignification has long been studied and modified by scientists at the monolignol biosynthetic level only, often with the sole goal of reducing lignin contents. It is now becoming clear that many other important control points exist that will allow the development of novel strategies for improving plant biomass for both energy and material production. We can reasonably expect that some of these key questions will be answered during the next decade.
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Herbaceous perennial plants selected as potential biofuel feedstocks had been understudied at the genomic and functional genomic levels. Recent investments, primarily by the U.S. Department of Energy, have led to the development of a number of molecular resources for bioenergy grasses, such as the partially annotated genome for switchgrass (Panicum virgatum L.), and some related diploid species. In its current version, the switchgrass genome contains 65,878 gene models arising from the A and B genomes of this tetraploid grass. The availability of these gene sequences provides a framework to exploit transcriptomic data obtained from next-generation sequencing platforms to address questions of biological importance. One such question pertains to discovery of genes and proteins important for biotic and abiotic stress responses, and how these components might affect biomass quality and stress response in plants engineered for a specific end purpose. It can be expected that production of switchgrass on marginal lands will expose plants to diverse stresses, including herbivory by insects. Class III plant peroxidases have been implicated in many developmental responses such as lignification and in the adaptive responses of plants to insect feeding. Here, we have analyzed the class III peroxidases encoded by the switchgrass genome, and have mined available transcriptomic datasets to develop a first understanding of the expression profiles of the class III peroxidases in different plant tissues. Lastly, we have identified switchgrass peroxidases that appear to be orthologs of enzymes shown to play key roles in lignification and plant defense responses to hemipterans.
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INTRODUCTION

Perennial warm-season grasses such as switchgrass (Panicum virgatum L.), miscanthus (Miscanthus × giganteus) and giant reed grass (Arundo donax L.) are expected to become major sources of renewable biomass for the biofuel sector (Lewandowski et al., 2003; Vogel et al., 2011; Kering et al., 2012). Switchgrass is a focus bioenergy crop for the central regions of the US and elsewhere based on its high yield potential and other useful characteristics (Vogel et al., 2011). Switchgrass can be sustainably grown as a biofuel crop on marginal croplands with limited inputs (Schmer et al., 2006, 2008; Vogel et al., 2010). Biomass yields can be variable, but high yields are possible. Switchgrass retains a high level of genotypic and phenotypic plasticity that can be exploited for agronomic improvements (Missaoui et al., 2006; Bouton, 2007; Martinez-Reyna and Vogel, 2008; Vogel and Mitchell, 2008; Bhandari et al., 2010; Okada et al., 2010). In addition to high above-ground yields, switchgrass can sequester carbon into its extensive root systems, adding to the large positive carbon balance when utilized as a biofuel crop (Liebig et al., 2008; Schmer et al., 2008, 2011).

However, continued improvements in biomass yields, quality, and yield stability will be required to attain a national goal of replacing a portion of petroleum gasoline with liquid fuels derived from lignocellulosic crops by the year 2030 (Perlack et al., 2005; U.S. Department of Energy., 2011). This goal will require sustained high productivity from switchgrass fields. Two important economic drivers for field-scale production of switchgrass occur first during the establishment year (Schmer et al., 2006; Perrin et al., 2008), and later through biotic or abiotic stresses that result in stand and/or yield losses in established fields (Vogel et al., 2002, 2011). What is currently unknown is the extent to which confirmed and as yet unforeseen insect pests can compromise sustainable production of switchgrass and other perennial bioenergy grasses.

Over the course of the last decade, significant investments have been made, principally by the U.S. Department of Energy (DOE), to develop genomic resources for switchgrass and related species. Initial work using a limited number of Sanger-sequenced ESTs (expressed sequence tag; Tobias et al., 2005) identified a number of genes from complementary DNA (cDNA) libraries obtained from different tissues. Subsequently, work undertaken by the DOE-Joint Genomes Institute (DOE-JGI) led to the public release of over 400,000 switchgrass ESTs from a range of tissues. This dataset provided deeper sequencing of transcripts and included several protein families, including peroxidases, that were annotated (Tobias et al., 2008). In 2011, a contig-based early version of the switchgrass genome was released and is available at Phyozome.org (Goodstein et al., 2012); it contains 65,878 gene models arising from the A and B genomes. Based on the number of loci observed in related diploid grasses such as Sorghum bicolor with 34,496 loci (Paterson et al., 2009) and Setaria italica with 35,471 (Bennetzen et al., 2012; Zhang et al., 2012), it can be anticipated that over 93% of the protein-coding genes have been annotated in the early release of the switchgrass genome. More recently, both next-generation sequencing (NGS) and microarrays have been utilized to probe the transcriptomes of different switchgrass tissues (Palmer et al., 2011; Ersoz et al., 2012; Zhang et al., 2013). The availability of the mostly annotated switchgrass genome along with increasing numbers of NGS transcriptomic datasets presents an opportunity to datamine for expression profiles of genes that could participate in the various aspects of plant development and responses to the environment.

LIGNIN, ETHANOL, AND PLANT FITNESS

Cell wall composition impacts resistance to pests and pathogens (Santiago and Malvar, 2010; Funnell-Harris et al., 2012), and is a critical component determining biomass quality (Sarath et al., 2008). Plant cell walls consist of three major polymers, namely cellulose, hemicellulose, and lignin (Boerjan et al., 2003). The polysaccharide polymers, cellulose and hemicellulose are the dominant sources of sugars for conversion into liquid fuels in biorefineries. Lignin is an aromatic polymer derived from cytoplasmically synthesized monolignols (Boerjan et al., 2003; Ralph et al., 2006). Monolignols are products of the phenylpropanoid pathway that is also the route for a range of other plant secondary metabolites associated with plant development and defense (Shadle et al., 2003; Zhao and Dixon, 2011). Polymerization of monolignols occurs in the cell wall apoplast after transport across the plasma membrane, catalyzed principally by wall-bound peroxidases and laccases (El Mansouri et al., 1999; Boerjan et al., 2003; Berthet et al., 2011; Cesarino et al., 2013). Lignin content and composition will be driven by the rate, amounts and types of monolignols that are transported to the apoplast. This transport process has not yet been fully elucidated, and previous hypothesis have suggested various mechanisms including passive diffusion, vesicle-mediated transport, facilitated diffusion through channels and active transport via transporters (Fagerstedt et al., 2010). Labeling studies using [3H]phenylalanine in lodgepole pine have indicated Golgi-vesicle-mediated transport is unlikely based on the finding that inhibition of protein synthesis decreased the Golgi label while inhibition of phenylpropanoid metabolism did not (Kaneda et al., 2008). More recently, investigations using isolated vesicles from Arabidopsis demonstrated that transport of monolignols was an ATP-dependent process for both vacuolar and plasma membrane vesicles (Miao and Liu, 2010). Also, using sodium orthovanadate and a variety of other inhibitors to inhibit ATP-binding cassette (ABC) transporter activity, it was shown that these inhibitors substantially reduced monolignol transport activity, indicating that ABC transporters were likely involved in the transport process. Disruptions to the membrane pH gradient or membrane potential did not exhibit the same degree of transport inhibition (Miao and Liu, 2010). Additionally, the Arabidopsis ABC transporter AtABCG29 was recently identified as a p-coumaryl alcohol transporter based on several lines of evidence (Alejandro et al., 2012). In this study, yeast strains-expressing AtABCG29 were highly sensitive to p-coumaryl alcohol and isolated yeast vesicles from AtABCG29-expressing yeast contained higher levels of p-coumaryl alcohol. Also, abcg29 knockout plant lines exhibited substantially reduced root length in media containing p-coumaryl alcohol, and lowered H, G, and S-lignin content based on thioacidolysis yields. RT-qPCR data showed AtABCG29 was upregulated in WT plants in response to p-coumaryl but not sinapyl or coniferyl alcohols (Alejandro et al., 2012). Taken together, this emerging evidence favors the active transport hypothesis and suggests that other monolignols are likely transported to the apoplast via monolignol-specific ABC (or possibly other) transporters that remain to be discovered.

Once transport to the apoplast is complete, monomers are polymerized into developing or new polymers, primarily via radical-coupling mechanisms initiated by multiple classes of apoplastic enzymes including peroxidases, laccases, and oxidases (Boerjan et al., 2003). The basic radical coupling mechanism has long been postulated (Freudenberg, 1959). In general, the polymerization of lignin has appeared to proceed under chemical control rather than the more confining and controlled nature of biochemical control that governs most other plant processes. The proposed mechanism involves dehydrogenation and subsequent polymerization of the radicals; each coupling requires the generation of two radicals and polymerization may proceed through a radical transfer or redox shuttle mechanism since the growing lignin polymer and monolignols such as sinapyl alcohol are not easily oxidized (Boerjan et al., 2003; Liu, 2012).

Within the plant cell walls, lignin forms a physical barrier against the entry of pests and pathogens (Boerjan et al., 2003; Sattler and Funnell-Harris, 2013), acts as an antifeedant for herbivorous insects (Ralph et al., 2006; Deng et al., 2013) and is the major factor impeding the conversion of herbaceous biomass to ethanol (Dien et al., 2009; Fu et al., 2011; Saathoff et al., 2011; Sarath et al., 2011). The negative impact of lignin in the biochemical conversion of herbaceous feedstocks to liquid fuels has led to intense efforts to develop a range of biofuel feedstocks with lowered lignin content (Carroll and Somerville, 2009; Studer et al., 2011; Robbins et al., 2012; Shen et al., 2012). Lowering lignin generally negatively impacts plant fitness, especially in perennial grasses (Casler et al., 2002; Pedersen et al., 2005), although many of molecular and cellular aspects of the biotic interactions of these lower lignin plants remain to be explored.

CLASS III PEROXIDASES AND LIGNIN BIOGENESIS

Class III peroxidases are ubiquitous plant enzymes that are coded by a large number of related genes within a plant genome (Passardi et al., 2004, 2007; Tobias et al., 2008), and have been implicated in a myriad of plant developmental processes and responses to biotic and abiotic stress (Almagro et al., 2009; Cosio and Dunand, 2009; Gulsen et al., 2010; Linkies et al., 2010; Mika et al., 2010; War et al., 2012). Some peroxidases appear to have a specialized role in lignification. In tobacco, overexpression of a chimeric anionic peroxidase resulted in plants containing higher basal levels of lignin when compared to control plants (Lagrimini, 1991). Wounding of these plants also appeared to result in higher polymerization of phenolic acids, particularly in pith tissue which had much higher levels of peroxidase activity than control plants, although the transgenic plants expressed transgene throughout the plant due to the use of the cauliflower mosaic virus 35S promoter (Lagrimini, 1991). Additional work in tobacco demonstrated that other peroxidases may also be involved in lignification. Antisense gene silencing of the cationic peroxidase TP60 (NtPrx60) in tobacco resulted in several plant lines that exhibited lower lignin content based on thioacidolysis, acetyl bromide and nitrobenzene determinations (Blee et al., 2003). Later work showed some of the generated T1 plants had abnormal phenotypes including discoloration, altered leaf morphologies, and poorly developed xylem in one of the lines (Kavousi et al., 2010). In poplar, a cationic cell wall-bound peroxidase, dubbed CWPO-C, was found to preferentially oxidize sinapyl alcohol monomers as well as sinapyl alcohol polymers (Sasaki et al., 2004). This finding indicated that the suggested radical transfer or redox shuttle mechanisms for lignin polymerization may be unnecessary in at least some circumstances. Other work in tomato demonstrated that overexpression of a tomato basic peroxidase, tpx1, resulted in higher cell wall peroxidase activity and higher leaf lignin levels (El Mansouri et al., 1999). A basic peroxidase from Zinnia elegans was found to be composed of two isoforms, ZePrx34.70 and ZePrx33.44 that were studied in detail (Gabaldón et al., 2005). Here, the peroxidases were shown to have high affinity for sinapyl alcohol and carried out polymerization of this substrate, suggesting a likely role in polymerization of S-lignin during growth (Gabaldón et al., 2005). Similar results were found for the anionic peroxidases Pxp3, Pxp4, and Pxp5 that were isolated from poplar xylem (Christensen et al., 1998), and several peroxidases from silver birch (Betula pendula) and Norway spruce (Picea abies) were shown to have activity on monolignol substrates (Marjamaa et al., 2006). In aspen, GUS staining revealed that the anionic peroxidase prxA3a was predominately expressed in lignifying stem tissue, particularly xylem (Li et al., 2003). Furthermore, down regulation of this gene using an antisense construct resulted in plants with lower total peroxidase activity and a lowered lignin content that, depending on the transgenic line, approached 20% (Li et al., 2003).

Several peroxidases have been identified in Arabidopsis that appear to have roles in lignification. Arabidopsis ATP A2 (AtPrx53), a cationic peroxidase, was found to localize to lignified tissues and transgenic plants exhibited differential phloroglucinol staining compared to WT plants; unfortunately, lignin levels were not reported (Østergaard et al., 2000). Modeling based on the ATP A2 crystal structure indicated monolignol substrates could dock in the active site (Østergaard et al., 2000), although class III peroxidases are known to be capable of oxidizing a wide variety of phenolic compounds (Marjamaa et al., 2009). Recently, Arabidopsis AtPrx37 was found to be highly expressed in roots as well as flower stems and mature leaves (Pedreira et al., 2011). Overexpression of this gene fused to a GUS reporter gene showed localization in vascular tissue; mutant lines exhibited shorter roots, delayed development and dwarfism, which led to the hypothesis that overexpression of AtPrx37 led to higher cell wall cross-linking (Pedreira et al., 2011). A microarray study in Arabidopsis identified eight peroxidases and several laccases with expression profiles that clustered with monolignol synthesis; AtPrx2, AtPrx17, AtPrx37, AtPrx9, and AtPrx30 were peroxidases that were noted to show the strongest co-expression patterns (Ehlting et al., 2005). Gravistimulation was used in one study to alter the mechanical forces acting on stem region of the inflorescence, which was then excised into apical, middle, and basal parts (Yokoyama and Nishitani, 2006). Expression profiling using a microarray showed upregulation of AtPrx42, AtPrx64, and AtPrx71 in basal stem regions compared to middle and apical regions; however, the statistical significance of the expression change was not reported (Yokoyama and Nishitani, 2006). More recently, AtPrx 4, 52, 49, and 72 were suggested to have roles in lignification based on homology to ZePrx and in silico characterization of other properties including surface charge, mRNA stability, and amino acid positions (Herrero et al., 2013). Identification of peroxidases that have a primary, or even secondary, role in lignification will likely remain challenging. Despite the fact that a pectate binding site has been identified in an anionic peroxidase from zucchini which suggested possible involvement in lignification (Carpin et al., 2001), further research indicated that the physiological role of the protein involved auxin oxidation in termination of hypocotyl elongation (Cosio and Dunand, 2009). Some characteristic features of syringyl peroxidases have been found. These have included a VSCAD motif compared to a VSCSD motif in G peroxidases as well as the finding that S peroxidases lack helix D’ (Gómez Ros et al., 2007). These changes were postulated to result in conformational changes in the peroxidase active site that allowed sinapyl alcohol to more successfully dock, and thus undergo oxidation (Gómez Ros et al., 2007). In general, basic and neutral peroxidases do not efficiently oxidize sinapyl alcohol owing to steric hindrance of the substrate with the active site (Østergaard et al., 2000). In contrast, acidic peroxidases can oxidize sinapyl alcohol (Sasaki et al., 2004; Gabaldón et al., 2005), indicating that both basic and acidic peroxidases have complementary roles in lignification.

BIOTIC STRESS, ROS, AND PEROXIDASES

An essential function for class III peroxidases is to protect the cellular membranes against oxidative damage. More specifically, class III secreted peroxidases are players in both reactive oxygen species (ROS) removal and ROS generation (Passardi et al., 2005). Although high levels of ROS are deadly, sub-lethal levels of ROS can serve as signals, prompting cells to prepare for sustained oxidative stress (Miller et al., 2009; Torres, 2010). Due to the potential exposures of deadly ROS, higher plants have evolved enzymes to detoxify these molecules (Mittler et al., 1999). Catalases, peroxidases and superoxide dismutase have all been documented as ROS scavengers in plants stressed by insects and pathogens (Felton et al., 1994b; Heng-Moss et al., 2004; Franzen et al., 2007; Kusnierczyk et al., 2008).

Plants have also evolved complex signaling networks intended to detect specific pathogens in order to trigger the appropriate defense responses. A growing body of evidence suggests that plants have evolved intricate mechanisms to exert control over pathogen induced defense pathways. The hypersensitive response (HR) is a complex early defense response that causes necrosis and cell death that can restrict the growth and spread of a pathogen. This interaction leads to a change in the membrane potential and ion permeability of the host cell plasma membrane resulting in localized cell death (Heath, 2000). One of the first biological responses of the HR is an oxidative burst which includes the generation of ROS including hydroxyl radicals (-OH), nitric oxide (NO), hydrogen peroxide (H2O2), and superoxide (Apostol et al., 1989). Left unchecked, these ROS may cause protein, lipid, and nucleic acid damage (Roldán-Arjona and Ariza, 2009; Sharma et al., 2012).

Peroxidase activity and/or peroxidase gene expression has been shown to be induced by many types of pathogens including fungi (Sasaki et al., 2004; Wang et al., 2013), bacteria (Young et al., 1995; Lavania et al., 2006), viruses (Lagrimini and Rothstein, 1987; Hiraga et al., 2000; Díaz-Vivancos et al., 2006; Babu et al., 2008) and viroids (Vera et al., 1993). These studies reinforce the hypothesis that class III peroxidases have important roles in plant defense and can serve as markers of plant responses to biotic stressors.

PEROXIDASES AND DEFENSE AGAINST INSECTS

Insect infestation and herbivory has often been linked to changes in cellular ROS and peroxidase activity (Hiraga et al., 2001; Ni et al., 2001; Kawano, 2003; Heng-Moss et al., 2004; Passardi et al., 2005; Torres, 2010; O’Brien et al., 2012; War et al., 2012). Plant peroxidase levels in response to hemipterans have been particularly well-studied (Hildebrand et al., 1986; Felton et al., 1994a,b; Stout et al., 1999; Ni et al., 2001; Heng-Moss et al., 2004). It has been observed that peroxidase levels increase following chinch bug and aphid feeding in tolerant buffalograsses, sorghum, and barley (Heng-Moss et al., 2004; Franzen et al., 2007; Gulsen et al., 2007, 2010). Recently, studies have shown that in wheat, rice, switchgrass and tomato class III peroxidases transcripts were upregulated in response to insect herbivory (Dowd and Johnson, 2009; Liu et al., 2010; Suzuki et al., 2012; War et al., 2012).

It is likely that the abundance of several class III peroxidases identified in switchgrass (see below) will also play significant roles in tolerances against insects. Previous global analysis in rice and wheat challenged with Hessian fly attack identified 34 class III peroxidases that were upregulated in resistant plants versus 22 peroxidases in susceptible plants (Liu et al., 2010). In Arabidopsis, two peroxidases, At5g64120 (AtPrx71) and At5g05340 (AtPrx52), were found to be induced by Pieris brassicae eggs were also induced by Pieris rapae herbivory (Little et al., 2007). For a better understanding of the roles of individual peroxidases in switchgrass against hemipterans, experiments using both resistant and susceptible cultivars challenged with a variety of these potential pests should be conducted. It is likely that class III peroxidases will display similar roles in switchgrass when challenged with hemipterans as well. Currently, roles of most of these proteins in plant defense or resistance in switchgrass are not known, but appear to be important areas of future research.

ENERGY CROP–INSECT INTERACTIONS

One of our long-term research goals is to develop a molecular understanding of switchgrass responses to hemipterans, utilizing a selection of tetraploid switchgrasses. The incidence of arthropod pests is likely to increase in switchgrass systems due to an anticipated shift to monoculture-based biomass production systems (Vogel et al., 2011). Additionally, due to plant-breeding efforts to reduce traits that interfere with biofuel processing, some plant defense mechanisms may be negatively impacted (Nabity et al., 2012). While switchgrass may be one of the better studied warm-season native grasses, most research has focused on agronomic qualities and disease issues. Few studies have examined the arthropod communities associated with switchgrass (Boerner and Harris, 1991; Gottwald and Adam, 1998; Kindler and Dalrymple, 1999; McIntyre and Thompson, 2003; Schaeffer et al., 2011). This basic information is required to identify and define the organisms that may cause reduced yields. Although much uncertainty exists in predicting which insects will be the key pests of this new market-use of switchgrass, recent research has provided clear evidence that biomass crops are susceptible to a number of key pests of other important crop plants (Prasifka and Gray, 2012). In switchgrass, potential pests have included stem-boring insects (Prasifka et al., 2010, 2011b), defoliators (Prasifka et al., 2009, 2011a) and piercing-sucking insects (Schaeffer et al., 2011; Burd et al., 2012). Some of these insects have broad host ranges with multiple biotypes (Prasifka et al., 2009), while others are apparently very specific to switchgrass (Adamski et al., 2010; Prasifka et al., 2010).

Importantly, our development of switchgrass as a biofuel feedstock is, in part, a response to global climate change (Energy Independence and Security Act of 2007, 42 U.S.C. § 17001), to which some desirable insect species (Pelini et al., 2010) will not adapt and some important pest species will overcome (Davis et al., 2006). Aphids (winged aphids in particular) transmit viruses with their mouthparts and are the most predominant vector for plant viruses (Hull, 2001). Depending on the virus, they can remain on the aphid’s mouthparts (specifically, their stylets) or circulate throughout the vector (some viruses replicate within the aphid) prior to transmission. Aphids are well-known to sample plant tissues (i.e., probing behavior) with their stylets to determine host acceptability. Additionally, some aphid species alternate between plant species as a function of their seasonal life cycle. This probing and host-alternation behavior of aphids is highly conducive to the introduction of new plant–virus relationships. For the above reasons, we have begun to explore the potential for targeting peroxidases in switchgrass genotypes for focused plant-breeding efforts.

PHYLOGENETIC RELATIONSHIPS OF SWITCHGRASS PEROXIDASES

Peroxidases are grouped into one of two superfamilies. One superfamily, the peroxidase–cyclooxygenase superfamily, generally consists of animal peroxidases that are structurally unrelated and important in the innate immune system (Söderhäll, 1999). The other superfamily, the peroxidase–catalase superfamily, includes plant, fungal, and bacterial peroxidases. The catalase–peroxidase superfamily is further divided into three distantly related structural classes (Welinder, 1992). Plant peroxidases fall into the first and third classes and are heme-containing enzymes that play key roles in important biological process such as biosynthesis of lignin, degradation pathways and host-defense mechanisms. Class I peroxidases are intracellular peroxidases without signal peptides, calcium ions, or disulfide bridges. They show moderate substrate specificity of ascorbic acid and are located in the chloroplasts, mitochondria, peroxisomes, and the cytosol (Almagro et al., 2009). Extracellular secretory fungal peroxidases comprise class II peroxidases (Reddy, 1993) that include lignin-modifying peroxidases and manganese peroxidases. Class III peroxidases are glycoproteins that are located in vacuoles and cell walls and further divided into eight distinct groups based on sequence (Passardi et al., 2004). These peroxidases are involved in cell elongation, cell wall construction, and responses to various abiotic stresses and biotic plant pathogens (Intapruk et al., 1994; Klotz et al., 1998; González-Rábade et al., 2012).

In the PeroxiBase database (http://peroxibase.toulouse.inra.fr/), a total of 8,695 peroxidases have been collected. Of those, 5,430 (approximately 61%) are class III peroxidases which have been identified (March, 2013) from multiple plants species. For example, the genomes of Brachypodium distachyon, Arabidopsis thaliana, and Oryza sativa appear to code for 143, 73, and 155 class III peroxidases, respectively (Welinder et al., 1996; Passardi et al., 2004; Vogel et al., 2010). Comparisons of the peroxidase families between rice and Arabidopsis led to a better understanding of the evolution of monocots and dicots that diverged from a common ancestor 150 million years ago (Wikström et al., 2001). Monocotyledon peroxidases differ slightly in intron/exon size and structure from Eudicotyledons, but the majority of class III peroxidases are highly conserved.

In switchgrass, the preliminary classification of sequences obtained from a cDNA library showed class III peroxidases were extremely well-represented, with approximately 400 EST’s identified (Tobias et al., 2008). Using representative proteins belonging to different peroxidase groups in rice, all putative matches were identified in the switchgrass genome using the Blastp algorithm (Altschul et al., 1990, 1997) and an e-value threshold of 1 × 10-15. Putative matches and representative rice protein sequences were aligned using FastTree (Price et al., 2009) and visualized using Dendroscope version 2 (Huson et al., 2007). Two major peroxidase subfamilies, the heme and thiol peroxidases were separated. The thiol peroxidases were further subdivided into glutaredoxins, peroxiredoxins and glutathione peroxidases. The heme-containing switchgrass peroxidases were separated into class III and ascorbate (Class I) peroxidases (Figure 1). The class III peroxidases were further analyzed by reclustering and seeded with rice proteins belonging to different evolutionary groups of class III peroxidases (Passardi et al., 2004). Based on these analyses, the ancestral switchgrass peroxidase genes were identified as Pavirv00010935m, Pavirv00050429m, Pavirv00055443m, and Pavirv00060522m. The monocot-specific clade Group V.1 contained 33 members (Figure 2).
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FIGURE 1. Phylogenetic clustering of heme- and thiol peroxidases (Prx) present in the switchgrass genome. Heme peroxidases (oval) consist of the class I ascorbate peroxidases (green), and class III peroxidases (red). Thiol peroxidases (circle) consist of the glutathione peroxidases (purple), peroxiredoxin (blue) and glutaredoxin (cyan).
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FIGURE 2. Phylogenetic relationships and numbers within each evolutionary clade, as defined for rice, for switchgrass class III peroxidases. The distribution of peroxidases relative to the out-group sequences (blue lines) are shown in the circular phylogram. The rice and ancient peroxidase protein sequences used as representatives for these analyses, and the numbers of switchgrass members in each clade are indicated. The peroxidase sequences include loci from both the A and B genomes.



A comparison of switchgrass peroxidases with two rice class III peroxidases induced during gall midge attack (Liu et al., 2010) found the most similar switchgrass gene for Os07g0677200 was Pavirv00031572m and for Os06g0547400 was Pavirv00059991m. In rice, these two genes were significantly elevated in expression at 12 h post attack and eventually decreased in expression after 72 h post. It is possible that these two class III peroxidases in switchgrass may be potential sources for ROS production and defense during an insect attack as well. Two other class III peroxidases associated with insect defense from Arabidopsis (Cosio and Dunand, 2009) share similarity with switchgrass peroxidases. The Arabidopsis protein PRX52 (AT5G05340) shares similarities with Parvirv00018711m and PRX71 (At5g64120) is homologous to Pavirv00006707m. These findings shed light on possible peroxidase targets to evaluate during insect attack.

GLOBAL ANALYSIS OF PEROXIDASE TRANSCRIPTS IN SWITCHGRASS TISSUES

To probe the profiles of class III peroxidase expression in different switchgrass populations and plant organs, we queried transcriptomic datasets obtained using NGS platforms (Roche 454 Life Sciences instrument; Table A1 in Appendix). Publically available NGS datasets from two contrasting ecotypes of switchgrass (lowland cv. Alamo and upland cv. Summer) were mined to obtain class III peroxidase expression profiles in different tissues (Figure 3). There appears to be significant differences in the profiles of class III peroxidase genes expressed in the different tissues based on plant developmental stage and ecotypes. Clusters of class III peroxidases were strongly represented in roots and shoots harvested from plants at early vegetative (EV), stem elongation (SE), and reproductive (RP). At each of these stages in Summer, there appeared to be strong transcriptional control of the expression of specific sets of class III peroxidase genes. As an example, many peroxidases were upregulated in roots during the SE stage of harvest (Figure 3), possibly related to greater root growth at this stage of plant development. Transcripts for many of these genes were less abundant at the RP stage, although expression of a different cluster of genes in the roots of Summer plants was apparent. In the shoots of Summer plants, greatest abundance in peroxidase transcripts apparently occurred during stages of active tiller elongation (EV and SE; Figure 3), suggestive of roles in cell wall formation and active tiller growth processes. There was enrichment in transcripts for a small number of potentially organ-specific peroxidases in flowers. In the lowland cultivar Alamo, there appeared to be notable differences in class III peroxidase gene expression patterns relative to Summer plants. Maximal transcript abundances for roots were observed at the EV stage of growth, and a majority of these transcripts were found in lower abundances at later harvest dates. However, the physiological significance of these initial observations is unclear. For Alamo shoots, a similar pattern to those described for roots were seen, except that highest apparent transcript abundance was seen at the SE stage of growth (Figure 3). A small cluster of peroxidases were upregulated in Alamo flowers, similar to what was observed from these NGS datasets for Summer flowers (Figure 3). Flower-specific peroxidases have been reported in the literature (Cosio and Dunand, 2009; Beltramo et al., 2012).
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FIGURE 3. One-way clustering color map for class III peroxidase expression profiles (z-scores) for publically available NGS datasets for cultivars Summer and Alamo. Stages of plant development are early vegetative (EV), stem elongation (SE), and reproductive (RP) are as described in these datasets. Roots = Rt; Shoot = Sh; Flowers = Fwr. Red indicates high abundance, yellow is intermediate and green and blue are low or negligible abundance. The appropriate SRA identification numbers for these individual NGS files are shown inTable A1 in Appendix.



An analysis of crown and rhizome transcriptomes for expression profiles of class III peroxidases obtained from field-grown plants is shown in Figure 4. Tissues were harvested from plants over the course of a growing season as described earlier (Palmer et al., 2011). Since these tissues are critical for perenniality of the plants, knowledge of the molecular mechanisms that might impact perenniality will be useful both from a biological and breeding perspective. Below ground herbivory and attack from other pathogens can result in reduced shoot biomass, negatively impact plant survival and overall system sustainability (for example corn root worm, nematodes, etc.). Peroxidases can serve as effective markers for plant stress (reviewed above) and understanding expression profiles will provide insights into the cellular state of these tissues.
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FIGURE 4. One-way clustering color map for class III peroxidase expression profiles (z-scores) for NGS datasets for crowns and rhizomes obtained from field-grown Summer plants at the Agricultural Research and Development Center fields of the University of Nebraska. Harvest months are shown and coincided approximately with green-up (May), late vegetative stage (June), flowering (July), hard-seed stage (Aug), and aerial senescence after a killing frost (Oct). Red indicates high abundance, yellow is intermediate and green and blue are low or negligible abundance. The appropriate SRA identification numbers for these individual NGS files are shown inTable A1 in Appendix. The six clusters of the most abundant transcripts from each harvest date are shown (C1–C6) along with the numbers of individual peroxidases as assigned to an evolutionary group.



As observed for other switchgrass tissues (see Figure 3), there were clusters of peroxidases overexpressed at specific harvest dates (Figure 4). These field harvest dates coincided approximately to spring emergence (green-up; May), late vegetative (June), flowering (July), late seed set (August), and senescence of aerial tissues after a killing frost (October). The largest number of strongly upregulated peroxidases appeared to occur in May and June, coinciding with a time of rapid vegetative growth, somewhat similar to the patterns seen in the Alamo datasets. The total numbers of peroxidase transcripts exhibiting greater expression declined at the last three harvest dates, with relatively few genes overexpressed at the August and October harvests (Figure 4). Some of these genes appear to be specific for a given harvest date, and are probably reflective of the developmental stage of the plants. These highly expressed genes were separable into six clusters (C1–C6, Figure 4). Peroxidase distribution in these clusters based on their phylogenetic classification (Figure 2) suggested members of different groups became active at various times throughout the growing season. In May, highly expressed peroxidases clustered mainly into C4, with some upregulation in C3 and C2 apparent. In C4, the highest numbers of peroxidases came from Group I and Group IV, with lower amounts in other groups. In June, most peroxidase upregulation clustered into C3, with some upregulation in C1. In the larger C3 cluster, upregulated peroxidases were found again in Groups I and IV, with the latter containing double the number of upregulated members when compared to May. In July, upregulated peroxidases clustered into two groups (C1 and C2); cluster C1 had highly expressed members at approximately equal levels from Groups III, IV, V, and VI while cluster C2 contained a slightly different breakdown: Group I, IV, and VI contained most of the apparently upregulated peroxidases. August and October peroxidase expression mainly clustered into C5 and C6, respectively, which showed upregulation primarily in Groups I and IV in both cases. Based on these data, it is apparent that different peroxidases become active in switchgrass crown and rhizome tissue as the plant transitions from active growth through flowering and into dormancy, and that the study of class III peroxidases is likely to yield significant insights into switchgrass developmental processes and the interactions of the plant with biotic and abiotic stress.

CONCLUSION

Sustainable production of switchgrass and other bioenergy grasses will require effective management against biotic stressors. The need to raise these crops on marginal land with lowered inputs will necessitate developing cultivars with enhanced tolerance to a range of biotic and abiotic stresses. We are only now beginning to probe the genotypic diversity that exists in switchgrass populations to potential insect pests. Identification of potential insect pests and detailed characterization of the plant–insect interaction will better enable us to address emergent insect pests in switchgrass production fields. Additionally, it is unclear how manipulation of plants for quality traits (for example lower/higher lignin) will affect plant resistance to insect herbivory and other endogenous mechanisms that confer resistance. However, based on extensive scientific literature, it can be safely predicted that the class III peroxidases are going to play a key role in the defensive mechanisms of switchgrass plants to insect herbivory, specifically to insects containing piercing-sucking mouthparts. The combination of genomic resources and improved phenotyping methods are likely to help decipher these molecular circuits, and provide guidance for the continued improvements of switchgrass as a bioenergy feedstock.
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The presence of lignin in secondary cell walls (SCW) is a major factor preventing hydrolytic enzymes from gaining access to cellulose, thereby limiting the saccharification potential of plant biomass. To understand how lignification is regulated is a prerequisite for selecting plant biomass better adapted to bioethanol production. Because transcriptional regulation is a major mechanism controlling the expression of genes involved in lignin biosynthesis, our aim was to identify novel transcription factors (TFs) dictating lignin profiles in the model plant Arabidopsis. To this end, we have developed a post-genomic approach by combining four independent in-house SCW-related transcriptome datasets obtained from (1) the fiber cell wall-deficient wat1 Arabidopsis mutant, (2) Arabidopsis lines over-expressing either the master regulatory activator EgMYB2 or (3) the repressor EgMYB1 and finally (4) Arabidopsis orthologs of Eucalyptus xylem-expressed genes. This allowed us to identify 502 up- or down-regulated TFs. We preferentially selected those present in more than one dataset and further analyzed their in silico expression patterns as an additional selection criteria. This selection process led to 80 candidates. Notably, 16 of them were already proven to regulate SCW formation, thereby validating the overall strategy. Then, we phenotyped 43 corresponding mutant lines focusing on histological observations of xylem and interfascicular fibers. This phenotypic screen revealed six mutant lines exhibiting altered lignification patterns. Two of them [Bel-like HomeoBox6 (blh6) and a zinc finger TF] presented hypolignified SCW. Three others (myb52, myb-like TF, hb5) showed hyperlignified SCW whereas the last one (hb15) showed ectopic lignification. In addition, our meta-analyses highlighted a reservoir of new potential regulators adding to the gene network regulating SCW but also opening new avenues to ultimately improve SCW composition for biofuel production.
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INTRODUCTION

Plant cells are enclosed in cell walls, which provide them with structural support and regulate growth and differentiation. There are two main types of cell walls: primary cell walls and secondary cell walls (SCWs). Primary cell walls are formed in all plant cells and are composed mainly of cellulose, hemicellulose, and pectin. SCWs are much thicker and are deposited in the inner side of primary cell walls only in some highly specialized tissues and cell types such as xylem vessels and fiber cells. Lignified SCW are the most abundant source of renewable biomass on earth, and are widely used for construction, paper, and energy. In the context of the energetic crisis, lignocellulosic biomass has received growing attention as raw material for the production of second-generation biofuels.

SCWs are composed of cellulose, hemicelluloses, and lignin. The impregnation with lignin renders SCWs waterproof and resistant, allowing water conduction through xylem vessels as well as mechanical support. On the other hand, for lignocellulosic biofuel production, lignin is a major negative factor preventing hydrolytic enzymes from gaining access to cellulose and, as a result limits the saccharification potential. The biosynthetic pathways leading to SCWs formation are highly regulated at the transcriptional level. Tremendous progress has been made during the last decade supporting the existence of a complex hierarchical regulatory network of transcription factors (TFs). Most of those belong to two large TF families: R2R3-MYB and NAC (NAM/ATAF/CUC) (Demura and Fukuda, 2007; Zhong and Ye, 2007; Grima-Pettenati et al., 2012; Wang and Dixon, 2012; Zhong et al., 2012). Some members of the NAC TF family are key regulators of SCW formation in fibers and/or in vessels. This particular SCW related subgroup of NACs include the NAC SECONDARY WALL THICKENING PROMOTING FACTOR 1 (NST1), SECONDARY WALL-ASSOCIATED NAC DOMAIN PROTEIN1 (SND1/NST3), NST2, and the VASCULAR-RELATED NAC DOMAIN (VND6 and VDN7) (Kubo et al., 2005; Mitsuda et al., 2005, 2007; Zhong et al., 2006, 2012; Ko et al., 2007). Over expression of any of these NACs led to ectopic lignification in cells that normally contain only primary cell walls (for review, see Grima-Pettenati et al., 2012). A double mutation of SND1 and NST1 resulted in loss of SCW in fibers, whereas the simultaneous repression of VND6 and VND7 led to a defect in vessel SCW thickenings (Kubo et al., 2005; Zhong et al., 2007b). In the regulatory hierarchical network SDN1, NST1/2, and VND6/7 are first-level master switches controlling downstream TF regulators (Zhong and Ye, 2007; Wang and Dixon, 2012; Zhong et al., 2012). The second layer of regulators includes many MYB TFs (MYB20, MYB42, MYB43, MYB46, MYB52, MYB54, MYB58, MYB69, MYB61, MYB63, MYB83, MYB85, and MYB103) (Zhong et al., 2008; Ko et al., 2009; McCarthy et al., 2009; Zhou et al., 2009; Romano et al., 2012) as well as several other TFs like SND2, SND3, KNAT7, AtC3H14 Zinc finger TF (Zhong et al., 2008; Ko et al., 2009). Some of these are also master regulators since they control the biosynthesis of the three main components of SCW i.e., cellulose, xylan, and lignin. The discovery of this multi-leveled hierarchical regulatory network has been a breakthrough in our understanding of the regulation of the lignified SCW, although it is far from being complete. For instance, only a few TFs characterized hitherto are regulating specifically one of the SCW components, although three MYBs (MYB85, MYB58, and MYB63) were reported to be lignin-specific. In addition, our knowledge of the molecular mechanisms determining the heterogeneous SCW deposition in different cell types, as well as those governing the various patterns of SCW deposition is still very poor. More efforts are needed to get a comprehensive picture of the transcriptional regulation of the SCWs both from a fundamental and an applied perspective.

As a step toward this goal, we searched for novel TFs potentially implicated in the control of lignin deposition. To do this, we set up a post-genomic approach combining four original in-house SCW-related transcriptomic data sets that enabled us to identify 80 candidates belonging to major plant TFs families (i.e., NAC, MYB, bHLH, Zinc finger, HomeoBox, and AP2/ERF). Most of them have not yet been functionally characterized. Histochemical analyses of the corresponding mutants revealed six strong candidates regulating the biosynthesis of lignin and/or the whole SCW biosynthetic program: BLH6 (Bel-like HomeoBox6; AT4G34610), HB5 (AT5G65310), HB15 (AT1G52150), MYB-like TF (AT3G11280), MYB52 (AT1G17950), and Zinc finger TF (AT3G46620).

RESULTS

A POST-GENOMIC APPROACH TO IDENTIFY NOVEL REGULATORY GENES INVOLVED IN SCW FORMATION

In order to identify novel regulatory genes involved in SCW formation, we took advantage of four large scale in house transcriptomic data sets and developed a post-genomic approach. A flow chart of the main steps of this original strategy is described in Figure 1. The first SCW-related in house transcriptome dataset came from the Arabidopsis mutant, wat1 (walls are thin 1), which has little to no SCW in fibers (Ranocha et al., 2010). In this mutant, the transcript levels of many genes associated with the regulation and/or the biosynthesis of the different SCW wall polymers were dramatically reduced in keeping with the mutant phenotype. Within the genes up/or down-regulated in the mutant background, we identified 97 TFs including some well-known SCW-regulating TFs such as SND1, SNT1, and MYB46 (Table S1). The second transcriptome dataset was comprised of 240 TFs (Table S2) that exhibited de-regulated expression in Arabidopsis lines over-expressed the SCW-master activator EgMYB2, which is a Eucalyptus R2R3 MYB TF highly expressing in xylem cells undergoing SCW thickening (Goicoechea et al., 2005). EgMYB2 is able to activate the promoters of lignin (Goicoechea et al., 2005), cellulose, and xylan biosynthetic genes (Zhong and Ye, 2009), leading to thicker SCW in EgMYB2 over-expressing lines in tobacco (Goicoechea et al., 2005; De Micco et al., 2012). Moreover, the closest orthologs of EgMYB2 in Arabidopsis AtMYB46 and AtMYB83 encode for master regulators capable of activating the whole SCW biosynthetic program (Zhong et al., 2007a; McCarthy et al., 2009), and EgMYB2 was able to complement the myb46-myb83 double mutant (Zhong et al., 2010). The third transcriptome dataset included 309 TFs (Table S3) deregulated in Arabidopsis lines over-expressing the SCW-repressor, EgMYB1 (Legay et al., 2010). EgMYB1 over-expressors exhibited fewer lignified fibers particularly in the interfascicular zones and reduced SCW thickenings. Klason lignin content was moderately but significantly reduced and decreased transcript accumulation was observed for genes involved in the biosynthesis of lignins, cellulose, and xylan (Legay et al., 2010). Finally, the fourth dataset was composed of 87 TFs (Table S4) that were the Arabidopsis orthologs of Eucalyptus TFs preferentially expressed in differentiating xylem (Rengel et al., 2009), a tissue that is particularly rich in cells undergoing SCW deposition and lignification. Altogether, these four transcriptomic datasets allowed us to identify a total of 502 candidate TFs. To narrow down the number of candidates for functional validation, we selected 186 that were identified in two datasets (Table S5). It should be noted that 43 of those were found in three data sets and only three were common to the four datasets bHLH5 (AT5G46760), IAA9 (AT5G65670), and AP2 TF RAP2.2 (AT3G14230).
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FIGURE 1. Overall strategy to identify transcription factors (TFs) involved in SCW formation. Four in-house SCW formation-related transcriptomic datasets were crossed to select TFs present in more than one dataset/experimental condition. These TFs were further screened against publicly available large-scale transcriptomic datasets, to select those highly or preferentially expressed in the organs and/or tissues of interest. This led to a list of 80 candidate genes, of which we phenotyped the 42 T-DNA insertion mutants and/or RNAi transgenic plants available. The four in house SCW related transcriptomic datasets include (1) the fiber SCW-deficient wat1 Arabidopsis mutant, (2) Arabidopsis lines over-expressing the SCW master activator EgMYB2, (3) Arabidopsis lines over-expressing the SCW master repressor EgMYB1, and (4) Arabidopsis orthologs of Eucalyptus xylogenesis-related genes.



CROSS-COMPARISON WITH PUBLICLY AVAILABLE MICROARRAY DATA

To further narrow down the selection of the 186 candidate TFs for further functional analysis, we examined their in silico expression patterns using Genevestigator (Hruz et al., 2008). We restricted our list to genes that were preferentially and/or highly expressed in situations in which SCW formation is prevalent i.e., in xylem, the basal part of the inflorescence stem, and/or in cell suspension cultures undergoing in vitro SCW formation (Kubo et al., 2005). This in silico expression screen allowed us to obtain a final list of 80 candidate SCW TFs (Table 1).

Table 1. List of 80 candidate TFs obtained after cross-comparison of transcriptomic datasets.
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The most represented families in decreasing order were the MYB TF family (containing 19 members), the AP2 ERF (Ethylene Response Factor) TF family (12), the HB (HomeoBox protein) TF family (9), and the Aux/IAA family (7) (Figure 2). The other TFs belonged to the WRKY (5), NAC (5), bHLH (5), Zinc finger TF (5), bZip (3), and ARF (2) families, respectively.
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FIGURE 2. Distribution of the 80 SCW candidate TFs according to family. Amongst them, four families have been shown previously to regulate SCW formation: MYB, NAC, HB (Homeodomain containing TF), and WRKY; three TF families are involved in hormone signaling including ARF, Aux/IAA, and AP2 ERF TF families. “Others” include the following TF families: LIM, CCAAT binding, HMG (High Mobility Group, belonging to a transcription complex), AINTEGUMENTA (ANT; AP2 like TF), Scarecrow-like TF1 (SCL1), and Squamosa-like1 (SPL1).



It is noteworthy that 16 of the 80 candidates were already shown to regulate SCW formation. They include eight MYB TF (MYB20, MYB42, MYB46, MYB52, MYB61, MYB63, MYB75, MYB85, and MYB103) (Zhong et al., 2007a, 2008; Ko et al., 2009; Zhou et al., 2009; Ohman et al., 2013), four NAC TF (SND1, NST1 XND1, and VNI2) (Mitsuda et al., 2005; Zhong et al., 2006; Zhao et al., 2008; Yamaguchi et al., 2010), three Homeodomain containing TF (HB14, HB15, and KNAT7) (McConnell et al., 2001; Emery et al., 2003; Kim et al., 2005; Zhong et al., 2008) and one WRKY TF (WRKY12) (Wang et al., 2010) (complete list in Table 1). This significant proportion of characterized SCW related TF in our final list validates well the strategy used in this study. For example, MYB46 (Zhong et al., 2007a), MYB85 (Zhong et al., 2008), and WRKY12 (Wang et al., 2010) were present in three of the four transcriptomic datasets.

PHENOTYPES OF TF T-DNA MUTANT OR RNAi TRANSGENIC LINES

We then collected and characterized publicly available T-DNA mutant lines or RNAi transgenic lines that corresponded to 43 of the 80 candidate genes (Table S6). The information concerning the different lines including T-DNA insertion position and in-house databases source is presented in Table S6. Phenotyping was performed on 20 cm-high mutant stems grown in short-day growth conditions. Under these conditions, the basal part of the stem abundantly develops cells undergoing SCW thickening (xylem vessel cells, xylary fiber cells, and interfascicular fiber cells). Histological analyses of SCW were performed using the natural auto fluorescence of phenolic compounds under UV-light as well as phloroglucinol-HCl staining, which is indicative of the lignin content. We found significant alteration of lignin profiles in six mutant lines corresponding to two MYB TFs: MYB like TF (AT3G11280) and MYB52 (AT1G17950), three HomeoBox TF HB5 (AT5G65310), BLH6 (AT4G34610), and HB15 (AT1G52150) and a Zinc finger TF (AT3G46620), although the overall organization of vascular bundles and interfascicular fibers was not altered in these six mutant lines (Figures 3, 4).
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FIGURE 3. Stem cross sections of five T-DNA mutant lines presenting either hypo or hyperlignified SCWs. Sections of wild-type plant and T-DNA mutants were observed under UV light (A–F) or stained with phloroglucinol-HCl (G–L). Phloem cap cells and ectopic lignification in epidermal cells are indicated by blue and pink arrows, respectively. Observations were made at the basal part of inflorescence stems at the stage of newly formed green siliques, about two weeks after bolting, when the inflorescence stems reached 20 cm height. if, interfascicular fiber; xf, xylary fiber; mx, metaxylem; px, protoxylem; sx, secondary xylem; ep, epidermis. Scale bar: 20 μm.
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FIGURE 4. Stem sections of the hb15 T-DNA mutant. Auto-fluorescence observed under UV light of wild type (A) and hb15 mutant (B) Phloroglucinol-HCl staining of lignin in wild type (C) and hb15 mutant (D). Ectopic lignification in large parenchyma cells and in small parenchyma cells surrounding protoxylem is indicated by red arrows and yellow arrows, respectively; precocious secondary walled secondary xylem formation is indicated by green arrow. if, interfascicular fiber; xf, xylary fiber; mx, metaxylem; px, protoxylem; sx, secondary xylem; ep, epidermis. Scale bar: 20 μm.



Under UV-light the intensity of auto-fluorescence was lower in zinc finger TF (Figure 3B) and in blh6 (Figure 3C) mutant lines in both vascular bundles and interfascicular regions as compared to the control (Figure 3A), suggesting a global decrease in phenolic compound deposition. The SCW in xylem vessels, xylary fibers, and interfascicular fibers were observed in more detail using phloroglucinol-HCl staining. Little to no SCW was deposited in xylary fibers (Figures 3H,I) and moreover, SCW thickness was largely reduced in interfascicular fibers (thin and weak phloroglucinol staining) as compared to wild-type (Figure 3G) suggesting that these lines were hypolignified.

Auto-fluorescence under UV light was more intense in myb like TF (Figure 3D), hb5 (Figure 3E), and myb52 (Figure 3F) lines than in controls (Figure 3A), especially in the interfascicular region, suggesting an increased deposition of phenolic compounds and possibly lignins. This was further confirmed by a massive and intense phloroglucinol staining indicating an enhanced lignin deposition in the interfascicular fiber and xylary fiber cells of these mutants (Figures 3J–L). Extra-layers of cells with lignified SCW were detected in the external layers of both interfascicular fibers and metaxylem vessels in two lines myb-like TF (Figure 3J, green arrows) and myb52 (Figure 3L, green arrows) as compared to the control (Figure 3A). This observation suggests that secondary xylem formation was enhanced and appeared earlier than in wild-type. A strong fluorescent signal was also detected in the phloem cap cells (Figures 3D–F, blue arrows) in all three highly auto-fluorescent lines suggesting a transition of phloem cap cells to phloem sclereids (highly lignified) which was further confirmed by phloroglucinol staining (Figures 3J–L, blue arrows). Similarly, auto-fluorescent signals (Figure 3F) and strong phloroglucinol-HCl staining (Figure 3L, pink arrow) were detected in the epidermal cells of some myb52 T-DNA insertion lines revealing an ectopic deposition of lignin.

Both auto-fluorescence and phloroglucinol staining of stem sections of hb15 (Figures 4B,D) showed that large parenchyma cells adjacent to the inner side of the interfascicular fibers (red arrow), as well as smaller xylem parenchyma cells surrounding the protoxylem (yellow arrow) exhibited lignified SCW. The corresponding cells in the control have non-lignified primary walls (Figures 4A,C). As compared to the control, extra layers of cells with lignified SCW were present in the most external rows of the interfascicular fibers and xylem (Figures 4B,D, green arrows) suggesting an enhanced and early formation of secondary xylem. Moreover, both xylary and interfascicular fibers in hb15 lines exhibited both a more intense auto-fluorescence and staining by phloroglucinol than that of the control suggesting higher lignin content.

The overall growth behavior of the mutants did not differ significantly from the controls, except the bolting and flowering time were altered in three of the mutant lines. Hypolignified blh6 and zinc finger lines bolted and flowered earlier than controls (Figures 5A,C) whereas the hyperlignified hb15 line exhibited delayed bolting and flowering (Figures 5B,C). In addition, hb15 mutants exhibited aerial rosettes at the base of the lateral inflorescence branches instead of growing cauline leaves as in wild-type plants (Figure 5D).
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FIGURE 5. Comparison of flowering time between wild-type and mutants plants. (A) Early flowering hypo-lignified line blh6. (B) Delayed flowering of hyperlignified line bh5. (C) Flowering time comparison between wild type and hypo or hyperlignified mutants. Significant and very significant statistical differences to wild type are represented by * or **, respectively (Student t-test). (D) Aerial rosette formation on the inflorescence of hb5 mutants. Scale bar: 5 cm. DAG, days after germination. Arrows point to aerial rosettes.



CO-EXPRESSION ANALYSIS OF CANDIDATE TFs GENES

Since it is known that transcriptionally coordinated genes tend to be functionally related (Ruprecht and Persson, 2012), we performed co-expression analyses for the six candidate genes in order to further validate their role in controlling SCW synthesis and get some clues about their function. The co-expression genes lists were generated using the Genevestigator platform (https://www.genevestigator.com), Arabidopsis co-expression data mining tools and GeneCAT. All six candidate TFs were co-expressed with genes related to cell wall formation (Tables 2, 3 and Tables S7–S10) albeit to different extents ranging from 10 to 66% of SCW associated genes amongst the 50 first co-expressed genes. The most remarkably high co-expression profiles were found for MYB52 and BLH6.

Table 2. Top 50 co-expressed genes with BLH6 using Genevestigator platform.
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Table 3. Top 50 co-expressed genes with MYB52 using Genevestigator platform.
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Among the top 50 genes co-expressed with BLH6, 30 (60%) were related to SCW formation (Table 2). Notably, they included genes involved in the biosynthesis of the three main cell wall polymers i.e., three main SCW cellulose synthases genes (CESAs) (IRX5/CESA4, IRX3/CESA7, and IRX1/CESA8), three genes implicated in xylan biosynthesis [IRX10/GUT2, GUX1 (Glucuronic acid substitution of xylan1), and XTH32 (xyloglucan endotransglucosylase/hydrolase 32) (Brown et al., 2009; MacMillan et al., 2010)] as well as two laccase genes (IRX12/LAC4 and LAC17) involved in monolignol polymerization (Berthet et al., 2011). Moreover, several SCW master transcriptional regulators were also co-expressed with BLH6, such as MYB46, MYB83, and SND2 (Zhong et al., 2008; Zhong and Ye, 2012).

The co-expression analysis of MYB52 revealed that 33 of the top 50 genes (66%) co-expressed with MYB52 were related to SCW formation. The list of co-expressed genes included genes encoding key biosynthetic enzymes of the main SCW polymers i.e., cellulose (IRX3/CESA7, IRX1/CES8, IRX6/COBL4, and CTL2), hemicelluloses (IRX10/GUT1, IRX8, IRX9, IRX15, and IRX15-L), and possibly lignins (LAC2 and LAC10). MYB52 was also co-expressed with many SCW regulators such as MYB54, MYB85, MYB69, MYB103, SND2/NAC073, and XND1/NAC104 (Xylem NAC Domain1).

DISCUSSION

Functional genomics approaches developed during the last decade have generated numerous candidate genes related to SCW formation in Arabidopsis and other plant species. Whereas these large individual gene lists make difficult the choice of the most promising candidates for the further functional validation, meta-analyses combining multiple transcriptomic data sets offer a new way to reveal some core regulators.

By cross-comparing four SCW-related transcriptomic datasets, we selected 186 TFs present in at least two experimental conditions. Since these datasets came from very different backgrounds (mutants and over-expressors of SCW regulatory genes as well as orthologs of Eucalyptus xylem expressed genes), the selection of genes appearing in more than one dataset likely helped us to identify “core regulators” of SCW formation but might also have filtered out some more specific regulators. We further restricted the candidate gene list by including in silico analyses of their expression making the hypothesis that TFs expressed highly or preferentially in xylem tissues and/or during tracheary elements formation would be the most promising candidates. Indeed this strategy was successful since among the 80 genes that came out, 16 have already been reported to be regulators of the SCW. They included, for instance, the master regulators SND1 and MYB46 as well as the lignin-specific MYB85.

Forty-three mutant lines were phenotyped but only six exhibited a notable cell wall phenotype. This high proportion of mutants without phenotype is not surprising since many mutants targeting only one TF are known to yield mild to no phenotype (Okushima et al., 2005; Overvoorde et al., 2005; Jensen et al., 2011; Ruprecht et al., 2011). This is particularly true for multigene families TFs where functional redundancy prevents the observation of distinct phenotypes in knock-out mutants. This is indeed the case for a large proportion of the SCW regulators characterized hitherto including some of the sixteen highlighted here. For instance, whereas a single mutant of the SCW master transcriptional activator MYB46 did not exhibit any cell wall phenotype, the double knock out mutant myb46/myb83 with its closest ortholog MYB83 showed a severe reduction of SCW thickness (Zhong et al., 2007a; McCarthy et al., 2009). Therefore, genes for which the corresponding single mutants exhibited no phenotype in this study may still be interesting candidates taking part in the regulation of SCW formation. Further experiments using over-expressors and/or mutants of two or more paralog genes would increase the probability of obtaining informative phenotypes and insight into their functions. Our in silico analyses pointed out some very promising genes which should be further characterized using such approaches.

The most abundantly represented TF family in our list was the MYB family (19 members) of which eight (belonging to the R2R3 subfamily) have already been shown to regulate either the phenylpropanoid pathway and/or the SCW formation. It is the case for MYB46 (Zhong et al., 2007a), MYB63 (Zhou et al., 2009), MYB85 (Zhong et al., 2008), and MYB103 (Ohman et al., 2013). We phenotyped myb52 insertion lines that exhibited a strong hyperlignification phenotype, thus suggesting that MYB52 could be a repressor of the lignin biosynthesis and possibly of the whole SCW formation. This result is in apparent contradiction with a previous study showing that the dominant repression of MYB52 caused a severe reduction in SCW thickening in both interfascicular fibers and xylary fibers of the inflorescence stem (Zhong et al., 2008). The authors concluded that MYB52 was an activator of the SCW although no phenotype was detectable when over-expressed. A likely explanation to these apparent discrepancies is that MYB52 encodes a transcriptional repressor as clearly suggested by our knock-out mutant phenotype and therefore its dominant repression would result in a stronger transcriptional repression. MYB52 appeared to be tightly co-expressed with MYB54 and WAT1. It is also co-expressed with several cellulose and xylan biosynthetic genes and with MYB85, a specific regulator of the lignin biosynthesis (Zhong et al., 2008). Altogether, these results suggest for MYB52 a repressor role of the whole SCW program although this needs to be supported by further experiments.

Besides these canonic R2R3 MYBs, four MYB-like proteins were present in the candidate list and one mutant was analyzed. Although none of these MYB-like factors has been yet reported as regulators of the SCW, the myb-like TF T-DNA mutant had a clear hyperlignification phenotype suggesting a repressor role of the lignin biosynthesis and/or SCW. The myb-like TF gene was annotated in TAIR (http://www.arabidopsis.org) as a putative MYB domain containing TF able to interact with the gene product of vacuolar ATPase subunit B1 (VHA-B1). Interestingly, it is highly co-expressed with a newly reported gene XIP1 (XYLEM INTERMIXED WITH PHLOEM1), a leucine-rich repeat receptor-like kinase (Table S8). The XIP1 knock-down mutants shows the accumulation of cells with ectopic lignification in regions of phloem in the vascular bundles of inflorescence stems (Bryan et al., 2012).

The homeodomain containing TFs were well represented in the list of candidate genes with nine members. Members of this family have been shown to regulate procambium cell activities by promoting secondary walled xylem cell differentiation during vascular development. Some HD-ZIP III TF (HB8, PHV/HB9, PHB/HB14, REV/IFL1, and CAN/HB15) and KANADI TF (KAN1-KAN3) were shown to be involved in the secondary walled cell type formation and patterning in roots and stems (Baima et al., 2001; Emery et al., 2003; Kim et al., 2005; Ilegems et al., 2010). Three of the homeodomain TF mutants analyzed in our study exhibited SCW phenotypes. The blh6 mutant had less lignified SCW mainly in the xylary and interfascicular fibers, whereas in the hb5 mutant the fibers in both fascicular and interfascicular regions were heavily lignified. In the hb15 mutant, both regions were also highly lignified but in addition ectopic lignification was observed in the parenchymatous cells adjacent to fiber and xylem cells (Figures 4B,D). This suggests that HB15 represses the SCW formation program rather than only promote the xylem cell differentiation as was concluded from earlier studies where down-regulation of CAN/HB15 stimulated xylem production, and over-expression of a miR166-resistant HB15 (gain-of-function mutant) resulted in reduced xylem formation (Kim et al., 2005). Co-expression analyses revealed interesting clues for BLH6 which was co-expressed with genes involved in the biosynthesis of the three main polymers i.e., cellulose, xylan, and lignin as well as with the master regulator MYB46 and its closest paralog MYB83. Together with the hypolignified phenotype of the mutant and the thinner SCW particularly in the fibers, this further supports a role of BLH6 as an activator of the whole SCW program.

AP2 ERF TF (AT3G14230) was identified in all four SCW-related transcriptomic datasets and exhibited high and preferential expression in xylem, but the corresponding mutant had no detectable cell wall phenotype. Twelve members of the AP2 ERF TF family were highlighted by our in silico approach, seven of which had high and preferential expression in xylem and another (AT5G61590) was strongly induced during in vitro tracheary element formation. Although this family was the second most highly represented TF family just after the MYBs in the 80 candidate list, none of its members have yet been shown to be directly involved in the regulation of SCW formation. This family therefore deserves more attention especially because it was recently reported that ethylene regulates cambium activity and promotes secondary walled xylem formation (Love et al., 2009).

Some members of the auxin-dependent TFs Aux/IAA and ARF families have been shown to be involved in vascular tissue formation. For example, loss-of-function in ARF5/MP (Hardtke and Berleth, 1998) and gain-of-function in IAA12/BDL (Hamann et al., 2002) resulted in reduced and discontinuous vascular formation. These TF families were also highly represented within the 80 candidates with seven and two members for Aux/IAA and ARF, respectively. IAA9 was a very promising candidate found in the four transcriptomic datasets, highly and preferentially expressed in xylem and during tracheary elements differentiation. Unfortunately the corresponding mutant was unavailable at the time this work was performed. T-DNA insertion mutants corresponding to ARF4, ARF6 and IAA28, and an IAA11 RNAi transgenic line were analyzed here but did not show any obvious SCW phenotype. This is very likely due to their functional redundancy as reported in previous studies (Okushima et al., 2005; Overvoorde et al., 2005). The creation of double/triple mutants of these paralog genes might be necessary to further assess their involvement in SCW formation.

The hypolignified lines blh6 and zinc finger TF displayed earlier flowering time as compared to control whereas the hyperlignification line hb5 exhibited delayed flowering time. Two previous studies demonstrated that flowering induction time was determinant for xylem expansion and SCW formation in Arabidopsis hypocotyls and roots. Some major QTLs for SCW thickening during xylem expansion and fiber differentiation correlated tightly with a major flowering time QTL. In addition, transient induction of flowering at the rosette stage promoted SCW thickening and xylem expansion (Sibout et al., 2008). Double mutant of two flowering time genes soc1 ful showed a synergistically delayed flowering time and a dramatically increased SCW formation with wood development present throughout all stems and to a much larger extent than any Arabidopsis mutant described to date (Melzer et al., 2008). Collectively these results suggest that the flowering induction is coupled with the SCW thickening program and xylem formation.

In conclusion, we described here a post-genomic approach that enabled us to propose a list of 80 promising candidate genes potentially regulating SCW formation and/or lignification. Many of the available mutants analyzed did not provide any detectable SCW phenotype and complementary approaches (overexpression, using different alleles, dominant repression, or multiple mutants) are now necessary to further characterize their function. However, the six TFs of which mutants exhibited clear lignin phenotypes, further highlight the complexity of the regulatory network controlling SCW formation. Their in depth functional characterization should allow a better understanding of the regulation of lignification and SCW formation which may ultimately be used to improve the saccharification potential.

MATERIALS AND METHODS

CROSS-COMPARISON OF MICROARRAY DATASETS

Four in house microarray datasets were generated in our laboratory. In brief, datasets are from wat1 T-DNA Arabidopsis mutant CATMA microarray (Ranocha et al., 2010); EgMYB1 (Legay et al., 2010), EgMYB2 over-expressed in Arabidopsis (unpublished), and orthologs of Eucalyptus xylem expressed genes (Rengel et al., 2009). Publicly available microarray datasets were extracted from Genevestigator (https://www.genevestigator.com) (Hruz et al., 2008) by using Arabidopsis ATH1 22k array platform (7392 array datasets).

PLANT MATERIAL AND GROWTH CONDITION

The mutant lines were isolated from the T-DNA mutagenized populations in the SALK collection (Alonso et al., 2003) and from the RNAi transgenic plant populations in the Agrikola collection (http://www.agrikola.org). Seeds were obtained from the Nottingham Arabidopsis Stock Center (NASC) (http://arabidopsis.info/) and GABI (http://www.gabi-kat.de/). Homozygote lines were obtained from NASC or generated in lab and verified by PCR genotyping with gene specific primers and the respective left border primers of the T-DNA listed in supplementary Table S11. The transcript levels of each target gene in the six T-DNA insertion mutant were assessed (Figure S1) and the corresponding primers are listed in supplementary Table S12. Plants were grown in jiffy peat pellets then transferred to standard soil in culture room in short day conditions [9 h light, 200 μmol photons m−1s−1, 22°C (day)/20°C (night), 70% RH]. The flowering time was considered from sowing day until the flower stem reached 20 cm in height.

MICROSCOPY

The histological comparative analysis of SCW between wild type and mutants was done at the stage of newly formed green siliques, about 2 weeks after bolting, when the inflorescence stems reach 20 cm in height. At this stage, the basal part of the inflorescence stem abundantly develops cells undergoing secondary wall thickening (xylem vessel cells, fascicular, and interfascicular fiber cells). Lignin polymers are the characteristic components of SCW and are normally absent from primary cell wall, therefore we used lignin deposition detection techniques to screen for SCW phenotype. Two methods were then chosen to detect the lignin polymers in the sections for microscopic observation. Firstly we used the natural auto fluorescence of the aromatic ring moieties on the subunits of the lignin polymer under UV-light exposition. Secondly, we used the phloroglucinol-HCl coloration which stains specifically lignin polymer precursors coniferaldehyde and p-coumaraldehyde in the SCW giving a red-purple color when observed under normal light. Cross sections of inflorescence stems at the basal end (100–150 μm) were either observed using auto-fluorescence or stained with phloroglucinol-HCl. Auto-fluorescence was observed with a Leica microscope (excitation filter Bp 340–380 nm; suppression filter Lp 430 nm; http://leica.com). Phloroglucinol-HCl was directly applied on the slide. Images were recorded with a CCD camera (Photonic Science, http://www.photonic-science.co.uk).

CO-EXPRESSION ANALYSIS

Three co-expression analysis tools were explored using Genevestigator (https://www.genevestigator.com), Arabidopsis co-expression data mining tools (http://www.arabidopsis.leeds.ac.uk/act/), and GeneCAT (http://genecat.mpg.de/). The results were presented using Genevestigator output tables and genes classified according to gene ontology semantic (Berardini et al., 2004). We used Genevestigator Arabidopsis ATH1 22k array platform with in absentia parameters that comprise all 7392 qualified datasets and is regardless of the underlying microarray datasets and the bait genes (i.e., all samples, condition-independent, and no-tissues specific bait genes), 50 was as “cut-off” threshold for co-expressed genes list.
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Long-term efforts to decode plant cellulose biosynthesis via molecular genetics and biochemical strategies are being enhanced by the ever-expanding scale of omics technologies. An alternative approach to consider are the prospects for inducing change in plant metabolism using exogenously supplied chemical ligands. Cellulose biosynthesis inhibitors (CBIs) have been identified among known herbicides, during diverse combinatorial chemical libraries screens, and natural chemical screens from microbial agents. In this review, we summarize the current knowledge of the inhibitory effects of CBIs and further group them by how they influence fluorescently tagged cellulose synthase A proteins. Additional attention is paid to the continuing development of the CBI toolbox to explore the cell biology and genetic mechanisms underpinning effector molecule activity.
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Introduction

A chemical inhibitor approach utilizes bioactive small molecules instead of genetic lesion to disrupt protein function and have been applied to answer many fundamental questions in plant science (Zhao et al., 2003; Armstrong et al., 2004; Surpin et al., 2005; Rojas-Pierce et al., 2007; Bassel et al., 2008; De Rybel et al., 2009; Park et al., 2009; Santiago et al., 2009; Ovecka et al., 2010; Drakakaki et al., 2011). There are some exploitable differences between chemical and traditional genetics. Small molecules can be employed to help circumvent lethal loss-of-function mutations. Alternatively, an inhibitor can overcome genetic redundancy that results in masking of the mutant phenotype by targeting a clade of common gene products with a single mechanism of action (Robert et al., 2009; Toth and van der Hoorn, 2009). However, challenges can arise with compounds that display broad inhibitor activity on a large class of structurally similar proteins that function in subtly different ways or where the mechanism of action has not fully been elucidated making it difficult to appropriately interpret plant response. In an ideal setting a small molecule can provide experimental flexibility allowing for use at precise temporal points for rapid, yet reversible inhibition of a target pathway.

Drug dose rates are generally tuneable, which allows for a range of phenotypes to be observed over various concentrations. For example, a tuneable gradient could be used to generate a dose that barely compromises or completely inhibits growth. The mid range dose, named the lethal dose 50 (LD50). This tuneable nature of inhibitors can then be combined with mutagenesis studies in plants to isolate mutants that are resistance to the LD50 or hypersensitive to a dose that barely compromises plant growth. The hypothesis is that a resistant or hypersensitive mutant will provide new genetic elements involved in a target pathway. Examples of this type of experimental design will be referred to for cellulose biosynthesis inhibition. The overarching challenge has been to isolate a genetic mutation that confers resistance in an ethyl methane sulfonate treated population, which are often missense mutations. Map-based cloning is then needed, which traditionally required hundreds if not thousands of segregating individuals (Scheible et al., 2001). With the advent of next-generation sequencing it is now feasible to map single base pair mutations using a small number of homozygous individuals within a mapping population (around 20). This will reduce the raw material requirements of map-based cloning efforts to hours rather than months (see Vidaurre and Bonetta, 2012 for further information). Moving from a drug-induced phenotype to a genetic component required a substantial resource investment. As we review herein, the use of cell biology to examine cellulose biosynthesis inhibitors (CBIs) has been a valuable intermediary that allows the researcher to explore the mechanism by which cellulose synthase A (CESA) responds to the drug, and secondly learn more about CESA behavior in living cells. The current mini-review provides an overview of the developing toolbox of compounds that perturb cellulose biosynthesis.

Chemical Genetics to Dissect Cellulose Biosynthesis

In plants, anisotropic cell growth is facilitated by a rigid, yet extensible cell wall, which acts to collectively constrain internal turgor pressure. Cellulose forms the central load-bearing component of cell walls and is necessary for plant cell expansion. Hence, inhibiting cellulose biosynthesis causes radially swollen tissues in seedlings providing a robust phenotype for genetic screens. In contrast to the Golgi-fabricated hemicellulose and pectin carbohydrate units in the cell wall matrix, plants synthesize cellulose at the plasma membrane by a globular, rosette-shaped, protein complex, collectively referred to as cellulose synthase complex (CSC; Mueller and Brown, 1982; Haigler and Brown, 1986; Brown, 1996). The CSC contains a number of structurally similar CESA catalytic subunits (Pear et al., 1996; Saxena and Brown, 2005) that extrude para-crystalline microfibrils. Microfibrils are made up of multiple, unbranched, parallel (1,4) linked β-D-glucosyl chains. The predicted membrane topology of a typical plant CESA has a cytoplasmic N-terminal region with a zinc-finger domain followed by two transmembrane domains (TMDs), a large cytoplasmic domain containing the catalytic motifs, and finally a cluster of six TMDs at the C-terminus. Hypothetical models based on this topology suggest that eight TMDs anchor the monomeric protein in the plasma membrane and create a pore through which a polymerizing glucan chain extrudes (Delmer, 1999).

Experimental evidence for the dynamic behavior of CESA in living plant tissue has arisen via the use of live-cell imaging (laser spinning disk confocal microscopy; Paredez et al., 2006). Transgenic Arabidopsis plants carrying a fluorescent protein reporter on the N-terminal of CESA6 or CESA3 have demonstrated quantifiable behaviors of the CSC at the plasma membrane such as relatively constant velocity of the CSC at the plasma membrane focal plane (∼250 nm.min−1). Furthermore, the presence of the CESA reporter has been aligned with a suite of intercellular compartments (Paredez et al., 2006; Crowell et al., 2009; Gutierrez et al., 2009). Examination of CESA behavior in combination with CBI treatments can provide a platform to ask questions of the cell biology and will be examined herein. Unfortunately, plant CESA proteins have not been crystallized, nor has a functional CSC been purified in vitro, therefore the precise associations between CBIs and CESA are correlative. Nevertheless, the use of these inhibitors, as detailed below, has been of use in obtaining rational theories regarding the mechanism of delivery, activation, movement, and array organization during cellulose biosynthesis.

Classifying Inhibitor Phenotypes on CESA in Living Tissue

Three principle responses to chemical inhibition have been documented via live-cell imaging thus far, and inferences can be made beyond live-cell imaging to cluster compounds into similar response groups. Each of the response phenotypes will be discussed independently below and are broadly summarized as (1) clearing of CESA from the plasma membrane focal plane, (2) stopping the movement of CESA, and (3) modifying the trajectory of CESA to or in the plasma membrane (Figure 1). Other CBI compounds have been characterized, but experiments with real-time confocal imaging of fluorescently tagged CESA have not been performed and are not discussed, accordingly.
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FIGURE 1. The chemical toolbox for dissecting cellulose biosynthesis via live-cell imaging. Group 1 includes compounds such as isoxaben and thaxtomin A that induce clearance of CESA from the plasma membrane. By contrast, Group 2 is comprised of DCB, which causes a syndrome of reduced CESA velocity and hyperaccumulation at the plasma membrane. Finally, Morlin and cobtorin (Group 3) induce the plasma membrane localized CESA to move with aberrant trajectory and cause reduced CESA movement. For each example, the scale bar = 10 μm (images courtesy of Seth DeBolt).



CESA Clearing from Plasma Membrane

The first group includes compounds that deplete the CSC from the plasma membrane (Figure 1 – Group 1). CBIs in this group include isoxaben (N-[3-(1-Ethyl-1-methylpropyl)-5-isoxazolyl]-2,6-dimethyoxybenzamide), thaxtomin A ((4-nitroindol-3-yl-containing 2,5-dioxopiperazine), AE F150944 (N2-(1-ethyl-3-phenylpropyl)-6-(1-fluoro-1-methylethyl)-1,3,5-triazine-2,4-diamine), CGA 325’615 (1-cyclohexyl-5-(2,3,4,5,6-pentafluorophenoxyl)-1λ,2,4,6-thiatriazin-3-amine), and quinoxyphen (4-(2-bromo-4,5-dimethoxy-phenyl)-3,4-dihydro-1H-benzo-quinolin-2-one) (Paredez et al., 2006; Bischoff et al., 2009; Crowell et al., 2009; Gutierrez et al., 2009; Harris et al., 2012). All of the compounds are synthetically derived, except for thaxtomin A, which is a phytotoxin produced by Streptomyces species pathogenic to potato and other taproot crops (Scheible et al., 2003). Forward genetic screens have identified point mutations that confer resistance to isoxaben in CESA3 and CESA6 (Heim et al., 1989; Scheible et al., 2001; Desprez et al., 2002), and quinoxyphen-resistance in CESA1 (Harris et al., 2012). This data further supports the notion that CESA1, 3, and 6 interact to form a functional CSC required for primary cell wall biosynthesis, since both compounds affect YFP-CESA6 similarly in susceptible seedlings (Baskin et al., 1992; Persson et al., 2007; Gutierrez et al., 2009; Harris et al., 2012). Moreover, quinoxyphen-resistance mutation was mapped to Ala903Val in A. thaliana CESA1, which has recently been aligned with Tyr455 in TMD6 of BCSB (Morgan et al., 2012). These authors demonstrate that Tyr455 forms a hydrogen bond to the translocating glucan during cellulose synthesis. Thus, quinoxyphen-resistance mutations are consistent with quinoxyphen action being inhibition of translocation rather than catalysis during cellulose biosynthesis.

Subsequent live-cell imaging (>20 min) after aforementioned drug treatment reveals that the plasma membrane eventually is devoid of CESA and fluorescently labeled CESAs accumulate in static and/or erratically moving cytosolic CESA containing compartments (SmaCC/MASC; Crowell et al., 2009; Gutierrez et al., 2009). Several possible scenarios may result in the clearance phenotype. For instance, the activity of the CBI leading to CESA depletion from the plasma membrane might modify vesicular trafficking and stop CESA cargo from reaching the site of synthesis. Further, CBI activity could target many processes in the endomembrane system, changing the speed of cycling, or modify CESA localization. It is also not possible to rule out that depletion of CESA from the plasma membrane is the result of natural protein turnover (∼GhCESA1 half life < 30 min; Jacob-Wilk et al., 2006). Alternatively, drug treatment could cause disassembly of CSCs and induce CESA endocytosis. For instance, freeze-fracture images of AE F150944 treated Z. elegans tracheary elements provide data showing that the few detectable plasma membrane rosettes are destabilized (control diameter 24 nm vs treated 30 nm; Kiedaisch et al., 2003). Decoding how and why CESA is cleared from the plasma membrane is a keenly awaited result.

Cellulose biosynthesis inhibitors that clear the plasma membrane of CESA may be used to monitor non-CESA proteins associated with cellulose biosynthesis. For instance, clearance CBIs have been used to garner guilt by association logic for co-clearance of CESA and CESA-interacting proteins such as GFP:KOR1 (KORRIGAN1, Robert et al., 2005) and GFP:CSI1 (CELLULOSE SYNTHASE INTERACTING1, Bringmann et al., 2012). Although this alone fails to prove association, it adds to the usefulness of CESA clearance compounds outside of studying CESA behavior.

Stopping of CESA Plasma Membrane Mobility

The second CESA response phenotype is increased accumulation and cessation of CSC movement in the plasma membrane (Herth, 1987; DeBolt et al., 2007b). Currently this group consists of one compound, DCB (2,6-dichlorobenzonitrile; Figure 1 – Group 2). DCB, another synthetic herbicide marketed since the 1960s, is second only to isoxaben as an experimental probe (Sabba and Vaughn, 1999).

2,6-Dichlorobenzonitrile exhibits a broad range of activity on species with terminal complexes, regardless if it is in lower species with a linear-complex or the rosette form found in higher plants (Mizuta and Brown, 1992; Orologas et al., 2005; DeBolt et al., 2007b). This suggests that DCB targets cellulose synthesis in a range of organisms, however, in species with linear-terminal complex such as the red alga Erythrocladia subintegra, treatment resulted in disappearance from the plasma membrane (Orologas et al., 2005). An early clue toward the molecular function of DCB was discovered when an DCB analog was found to bind a small protein of 12 or 18 kDa from suspension-cultured tomato cell extracts or cotton fiber extracts, respectively (Delmer et al., 1987). The amount of bound protein seemed to increase significantly at the onset of secondary cell wall synthesis in cotton fibers. Recently, the same DCB analog target using a biochemical approach was identified in hybrid aspen (Populus tremula × tremuloides) and found to be MAP20 (Rajangam et al., 2008). Microtubule-associated proteins (MAPs) have been shown to bind to microtubules (MTs) and play a role in the synthesis of the secondary cell walls in Arabidopsis, as the FRAGILE FIBER1 (FRA1) and FRA2 kinesin-like proteins influence cellulose microfibril patterning in the inner wall of interfascicular fibers (Zhong et al., 2002; Burk et al., 2007). In lieu of this data, Wightman et al. (2009) used the confocal technique FLIP (fluorescence loss in photobleaching) to observe that DCB treatment also slowed CSC tagged YFP:AtCESA7 needed for secondary wall deposition. This could indicate that MAPs are necessary for primary and secondary cell wall development.

Modifying CESA Trajectory

The third disruption mechanism of the CSC is co-disturbance of both CESA and cortical MT. The molecular rail hypothesis (Giddings and Staehelin, 1988), suggests that MTs act as a guidance mechanism for the CSC. Using dual labeled CESA and MT reporter lines this can be visualized in real time showing that coincident MT and CESA arrays are often perpendicular to the axis of elongation during expansion (Paredez et al., 2006). Interestingly, when MTs are pharmacologically depolymerized via the drug oryzalin, YFP-CESA6 plasma membrane trajectory (organization of direction) but not velocity was altered (Paredez et al., 2006; DeBolt et al., 2007a). The velocity or positional change over time suggests that the CSC is moving the plasma membrane while making cellulose (Paredez et al., 2006). Interpretation of this evidence implies that the force of glucan chain polymerization is responsible for CSC movement in the plasma membrane rather than MTs or MT motor proteins.

Within this group of compounds that we clustered based on modifying CESA trajectory, some do not cause depolymerization of MTs. These compounds were identified in forward chemical genetic screens for compounds affecting cell wall synthesis and morphology (DeBolt et al., 2007a; Yoneda et al., 2007). The first of two compounds is a coumarin derivative, named morlin (7-ethoxy-4-methyl chromen-2-one; Figure 1 – Group 3). Analysis using live-cell imaging of fluorescently labeled MAP4 (microtubule-associated protein-4) revealed that morlin caused a defect in cytoskeleton organization that actually hyper-bundled the MTs. The CESA arrays were also disorganized compared to control cells, but instead of clearing CESA from the plasma membrane, morlin treated cells displayed reduced CESA velocity that was independent of MTs. Likewise, in a similar screen looking for a swollen cell phenotype in tobacco BY-2 cells, cobtorin (4-[(2-chlorophenyl)-methoxy]-1-ntirobenzene) (Figure 1 – Group 3) was identified as a potent compound that distorts the behavior of both CESA and MT (Yoneda et al., 2007, 2010), not dissimilar to that of morlin. It was further discovered that pectin methylation mutants could decrease the effectiveness of cobtorin. Further elucidation of the feedback between CSCs and MTs in multiple cell types and growth phases will provide important data for pinpointing the mechanisms of cell shape acquisition and it is evident that small molecule inhibitors will be valuable tools in this endeavor.

Chemical Genetics: Resistance or Hypersensitivity Loci

As additional chemical screens are completed and new compounds are identified that target the cell wall, it is imperative that they be followed up with forward resistant or hypersensitive screenings for detection of new molecular players in cell wall biosynthesis. An example of a resistant screen was recently performed for the quinoline derivative, quinoxyphen. The resistant locus for this drug was determined through a map-based approach in Arabidopsis to CESA1 (Harris et al., 2012). The quinoxyphen-resistant mutant also shows a growth phenotype only slightly reduced to that of wild-type, thus representing a viable, non-conditional mutation in CESA1. This screen followed the logic generated in the screen for isoxaben-resistant (ixr) mutants (Heim et al., 1989). Here, the loci conferring resistance to isoxaben were mapped to cesa3ixr1 and cesa6ixr2 (Scheible et al., 2001; Desprez et al., 2002). The mutations conferring resistance to isoxaben and quinoxyphen are not found near the putative active site for CESA1, CESA3, or CESA6. Rather, the resistance conferring mutations are located in the C-terminal TMD of these gene products. The TMD region mutations individually caused a reduction in the degree of crystallinity created by the inter and intra chain hydrogen bonding between glucan chains comprising cellulose in the mutant plants (Harris et al., 2012). In turn, this resulted in greater conversion of the cellulose within the biomass to fermentable sugars. This information may prove to be a significant finding for the lignin-cellulosic biofuel field. Further studies are needed to determine the usefulness of such mutations under field situations and to determine the biochemical rationale for such mutations.

While no resistant mutant has been identified for AE F150944 or CGA 325’615, a forward genetics resistance screen to thaxtomin A in Arabidopsis identified the gene TXR1 (THAXTOMIN RESISTANCE-1) that encodes a novel small protein most likely involved in the regulation of a transport mechanism and thus may provide resistance by reducing plant uptake of thaxtomin A (Scheible et al., 2003). Specifically, N- and C-terminal GFP fusions to TXR1 were localized in the cytoplasm of tobacco leaf protoplasts, suggesting that the protein acts as a cytosolic regulator of a membrane protein rather than being a permanent component of a transporter complex. The focus of future studies will be to determine whether the GFP fusions correctly reflect the localization of TXR1 and with which proteins TXR1 interacts (Scheible et al., 2003). The identification of mutants of this nature are good examples of how resistance to a small molecule is not always target-site based and may occur by preventing the drug from reaching the site of action via metabolism, reduced uptake, or altered translocation. In the future, if forward resistance screens are successful toward AE F150944 or CGA 325’615, it will be interesting to learn whether the resistance loci map to CESA or to new molecular players in cellulose biosynthesis.

An example of an opposite screen, hypersensitivity, was performed using an EMS-mutagenized Arabidopsis population to the compound flupoxam (1-[4-chloro-3-[(2,2,3,3,3-pentafluoro-propoxy)methyl]phenyl]-5-phenyl-1H-1,2,4-triazole-3-carboxamide) (Austin et al., 2011). Flupoxam is a characterized CBI as has not been examined using live-cell imaging (Hoffman and Vaughn, 1996). Two mutants were identified through the use of next-generation-mapping technology as flupoxam hypersensitive 1 and 2 (fph1, fph2). The loci were identified as ECTOPIC ROOT HAIR3 (ERH3) for the fph1 locus and OLIGOSACCHARIDE TRANSMEMBRANE TRANSPORTER (OST3/OST6) for the fph2 locus. Neither ERH3/FPH1 nor OST3/OST6/FPH2 encoded known cell wall biosynthetic enzymes and consequently this screen identified potential regulators of cell wall composition (Austin et al., 2011).

Resistant- or hypersensitive-mutants to the compounds that perturbed the parallel alignment of pre-existing cortical MTs and nascent cellulose microfibrils have not been decoded for morlin however, success has been made with cobtorin. The target proteins are likely to have an important role in the relationship between MTs and microfibrils. Yoneda et al. (2007) employed the Arabidopsis FOX hunting library, an activation tagging technology that makes use of full-length cDNAs that create gain-of-function mutants. From approximately 13,000 FOX lines, three cobtorin-resistant lines were identified and mapped to a lectin family protein, a pectin methylesterase (AtPME1) and a putative polygalacturonase (Yoneda et al., 2010). This study goes on to show some important features of pectin in relation to the formation and orientation of cellulose microfibrils, which depends on the methylation ratio of pectin and its distribution (Yoneda et al., 2010), which has recently been experimentally explored by 13C solid-state magic-angle-spinning NMR (Dick-Perez et al., 2011).

As described, identification of drug targets linked to novel mechanisms of action can delineate information that is difficult to obtain via classical reverse genetics and are powerful tools in elucidating the dynamics of plant cell walls. It is fully expected that additional inhibitory mechanisms exist and academia and industry are keenly waiting for them to be identified. We apologize to the authors of other papers that have provided significant information to this field, as it was not possible to discuss the entire range of chemical agents and experimental results.
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The exact biochemical steps of xylan backbone synthesis remain elusive. In Arabidopsis, three non-redundant genes from two glycosyltransferase (GT) families, IRX9 and IRX14 from GT43 and IRX10 from GT47, are candidates for forming the xylan backbone. In other plants, evidence exists that different tissues express these three genes at widely different levels, which suggests that diversity in the makeup of the xylan synthase complex exists. Recently we have profiled the transcripts present in the developing mucilaginous tissue of psyllium (Plantago ovata Forsk). This tissue was found to have high expression levels of an IRX10 homolog, but very low levels of the two GT43 family members. This contrasts with recent wheat endosperm tissue profiling that found a relatively high abundance of the GT43 family members. We have performed an in-depth analysis of all GTs genes expressed in four developmental stages of the psyllium mucilagenous layer and in a single stage of the psyllium stem using RNA-Seq. This analysis revealed several IRX10 homologs, an expansion in GT61 (homologs of At3g18170/At3g18180), and several GTs from other GT families that are highly abundant and specifically expressed in the mucilaginous tissue. Our current hypothesis is that the four IRX10 genes present in the mucilagenous tissues have evolved to function without the GT43 genes. These four genes represent some of the most divergent IRX10 genes identified to date. Conversely, those present in the psyllium stem are very similar to those in other eudicots. This suggests these genes are under selective pressure, likely due to the synthesis of the various xylan structures present in mucilage that has a different biochemical role than that present in secondary walls. The numerous GT61 family members also show a wide sequence diversity and may be responsible for the larger number of side chain structures present in the psyllium mucilage.
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INTRODUCTION

A number of plants have seeds that produce mucilage that aids in hydration, dispersal and germination. The composition of mucilage varies considerably across species. As examples, Arabidopsis thaliana uses primarily pectin (Goto, 1985; Western et al., 2000) while flax utilizes a mixture of both pectin and arabinoxylan (Naran et al., 2008). Psyllium (Plantago ovata Forsk) mucilage is composed predominantly of complex heteroxylan (Edwards et al., 2003; Fischer et al., 2004; Guo et al., 2008) and, as such, presents an opportunity to discover genes involved in xylan production. The mucilage of psyllium is produced in a single cell tissue layer that is relatively easy to dissect from the developing seed. The mucilage produced by this tissue forms a large part of the tissue's dry mass and the ratio of xylan to cellulose is much higher than that found in secondary cell walls and thus represents an opportunity to distinguish genes involved in xylan formation from those involved in secondary cell wall biosynthesis. We have investigated this tissue, using transcriptional profiling, to determine which genes are highly expressed during mucilage formation. Using this approach we identified a previously uncharacterized component of the xylan synthases, IRX15 (Jensen et al., 2011).

Currently, a number of genes that affect xylan biosynthesis have been identified. In a few cases, the biochemical activities of these genes have been demonstrated; specifically, the addition of glucuronic acid side chain (GUX1, GUX2, GUX4; Lee et al., 2012a; Rennie et al., 2012) and the o-methylation of the glucuronic acid (GXMT1; Lee et al., 2012b; Urbanowicz et al., 2012). Three complementation groups of putative glycosyltransferase (GT) genes have been implicated in the synthesis of the β-(1,4)-linked xylose backbone of xylan. Each of these three complementation groups consist of two genes, one gene with secondary cell wall expression pattern, named IREGULAR XYLEM (IRX) 9, IRX10 and IRX14, respectively, and one gene with much lower expression level and a more general expression pattern, named as their redundant homolog but with the suffix “LIKE” abbreviated L, e.g., IRX9-L. The four genes IRX9(-L) and IRX14(-L) are members of the GT family 43 (GT43) while the IRX10(-L)genes are members of the GT47 family (Brown et al., 2005, 2009; Persson et al., 2005; Peña et al., 2007; Wu et al., 2009, 2010; Lee et al., 2010). Our finding that IRX15, and its redundant homolog IRX15-L, also affects xylan chain length indicates further complexity of the xylan synthase (Brown et al., 2011; Jensen et al., 2011). Recently, a study performed in wheat endosperm has shown that, in contrast to Arabidopsis and psyllium, IRX15 is not expressed at high levels in the endosperm tissue, but homologs of IRX9, IRX14 and IRX10 are highly expressed (Pellny et al., 2012). This result indicates that variation is possible in the makeup of the xylan synthase. It would appear that the synthesis of xylan in wheat endosperm does not require IRX15. Our previous results demonstrate that the xylan synthase responsible for complex heteroxylan biosynthesis in psyllium does not require IRX9 or IRX14, as these were found to be expressed at very low levels in this tissue. A homolog of IRX10 was, on the other hand, found to be abundantly expressed (Jensen et al., 2011). These indications of diversity in the xylan synthase seem to suggest that the one constant in xylan synthesis is IRX10. If IRX10 is primarily responsible for the synthesis of the xylan backbone it would be expected that the xylan synthase from the psyllium mucilaginous layer (ML) would express an IRX10 gene with different properties than found in tissues containing both GT47 and GT43 family members. Additionally, one would expect to find GTs responsible for the larger variety of xylan side chains found in the psyllium mucilage. We present in this study an examination of the IRX10 genes present in the ML, as well as stem tissue, and we examine other highly abundant transcripts in the ML encoding proteins likely involved in xylan biosynthesis.

MATERIALS AND METHODS

PLANT GROWTH, CELL WALL ANALYSIS, AND RNA-SEQ

Psyllium (Indian, Plantago ovata, Sand Mountain Herbs, AL, USA) and Arabidopsis (Col-0) plants were grown as previously described (Jensen et al., 2011).

Toluidine blue staining of psyllium inflorescence, stem top half and stem bottom half was performed on free-hand sections of fresh material. Sequential extraction of cell wall material from leaves, inflorescence, stem top half and stem bottom half and subsequent neutral monosaccharide analysis of the 1 M KOH fraction was performed as described in Jensen et al. (2011).

Whole stems from 3-month-old psyllium plants were used for the preparation of total RNA extraction using Trizol reagent (15596-026; Invitrogen, http://www.invitrogen.com/). Of the crude RNA preparation 20 μg was subjected to additional purification using the RNeasy Micro Kit (74004; Qiagen, http://www.qiagen.com/) with DNase treatment (79254; Qiagen, http://www.qiagen.com/) as per manufacture's protocol. The subsequent cDNA library and high-throughput cDNA sequencing (RNA-Seq) was performed as described in Jensen et al. (2011). The RNA-Seq datasets were deposited at NCBI Sequence Read Archive (http://www.ncbi.nlm.nih.gov/sra) with the following accessions: 6 DPA, SRX096079; 8 DPA, SRX027102; 10 DPA, SRX096080; 12 DPA, SRX027103; stems 10 weeks, SRX027101.

ASSEMBLY OF 454 ESTs AND DATABASE CONSTRUCTION

The five datasets of 454 ESTs were assembled collectively using the CLC Genomics Workbench version 4.7.2 (CLC bio, Cambridge, MA, USA) and the De-novo assembly algorithm (Parameters: Similarity 0.8; Length fraction 0.5; Insertion cost 3; Deletion cost 3; Mismatch cost 2). Unique counts were generated by aligning ESTs to the assembled contigs using the RNA-Seq Analysis algorithm for non-annotated sequences. (Parameters: Similarity 0.8; Length fraction 0.9). The assembled sequence contigs were annotated using TBLASTN (Altschul et al., 1997) against the TAIR 9 annotation of the Arabidopsis genome. The annotations were subsequently expanded with the following information: Arabidopsis gene family assignments from the Carbohydrate Active enZyme (CAZy) database (Cantarel et al., 2009; http://www.cazy.org; update 2012-05-31) were labeled e.g., “Glycosyltransferase Family 47″ or “Glycoside Hydrolase Family 19″; Arabidopsis proteins not included in CAZy but recently proposed to also encode GTs (Nikolovski et al., 2012) were labeled GT and the respective family name, eg. “Glycosyltransferase Family GT14R”; members of the nucleotide sugar transporter/triose phosphate translocators family in Arabidopsis (Ward, 2001) were added the label “NST/TPT family”; and transcription factors in the Database of Arabidopsis Transcription Factors (DATF; Guo et al., 2005; http://datf.cbi.pku.edu.cn/) were added the label “Transcription Factor”; genes co-expressed with IRX10 (r > 0.5; 184 genes) and with secondary cell wall CESA4, CESA7 and CESA8 (r > 0.5; 227 genes) (GeneCAT database; http://genecat.mpg.de/cgi-bin/Ainitiator.py; Mutwil et al., 2008) were added the label “AtIRX10 Co-expression” and “At SCW CESA Co-expression,” respectively. Contig name, DNA sequence, annotation and expression information were stored in an Oracle relational database that is located at http://glbrc.bch.msu.edu/psyllium. The database can be queried using keywords that search contig annotation, including the added annotations mentioned above, while the contig sequence information can be analyzed using BLAST (Altschul et al., 1997) and query sequences, either DNA or protein, provided by the user. Information about each contig, such as DNA sequence, EST coverage and BLAST report against TAIR9, can be retrieved by clicking on the contig ID numbers and the “T” icon associated with each contig. Access to the individual contig data facilitates manual analysis for artifact assembly, such as ESTs from different genes grouped into the same contig or the identification of multiple contigs originating from the same transcript. Finally, a micro array viewer based on a gene expression map of Arabidopsis development (Schmid et al., 2005) is provided for each contig by clicking on the associated AGI.

IDENTIFYING GENES OF INTEREST

Because of sequencing errors, ESTs from one gene were in some cases assembled into two or more individual contigs. In the cases of PoIRX10_1 to _4 and PoGT61_1 to _7 the complete cDNA sequences were determined by cDNA cloning and Sanger sequencing. Four independent clones were sequenced in each case. PoIRX10_2 is not full length. The verified cDNA sequences were deposited at NCBI GenBank (http://www.ncbi.nlm.nih.gov/genbank) with the following accessions KC832826 to KC832829 (PoIRX10_1 to _4) and KC894060 to KC894066 (PoGT61_1 to _7).

PHYLOGENETIC ANALYSIS

Phylogenetic trees were calculated by the use of MEGA 5.05 (Tamura et al., 2011), using the built-in ClustalW (Larkin et al., 2007) sequence alignment program, the Maximum Likelihood algorithm (Nei and Kumar, 2000), using the Poisson substitution model and bootstrapping based on 500 trees (Felsenstein, 1985). The phylogenetic analysis of GT61 members was based on protein sequences only. The phylogenetic analysis of GT47 members was based on cDNA sequences. First cDNA sequences were loaded in the MEGA program, then translated into protein sequences and aligned using the built-in ClustalW function (File S2; Larkin et al., 2007). The resulting codon based cDNA alignment was then used for phylogenetic analysis. Codon positions included were first, second, third, and non-coding.

Protein sequences were obtained from the Phytozome v8.0 database (Goodstein et al., 2012; http://www.phytozome.net/). For poplar (Populus trichocarpa, annotation v3.0) the genes Potri015G107200 and Potri015G116700 were not included in the analysis as these represent partial sequences. GT family 61 proteins from Arabidopsis and rice (Oryza sativa Japonica Group) were obtained from the CAZy database. In Brachypodium distachyon, all proteins annotated as GT family 61 proteins based on the recent genome annotation (International Brachypodium Initiative, 2010) were included.

DETERMINING DEGREE OF CELL WALL ACETYLATION

Ground plant material of Arabidopsis lower stem, dissected mucilaginous layers (8–10 DPA), psyllium husk (Now Foods, www.nowfoods.com), and whole psyllium seeds were washed three times with 70% ethanol, three times with 1:1 methanol-chloroform, and two times with acetone to obtain alcohol insoluble residue (AIR). Acetyl groups from the alcohol insoluble residue were then released by alkaline hydrolysis by treating with 1 M KOH at room temperature for 5 min and then neutralized with an equal amount of HCl. The amount of freed acetic acid in solution was then subsequently determined using the K-ACETRM acetic acid quantification kit from Megazyme (www.megazyme.com).

RESULTS AND DISCUSSION

TRANSCRIPT PROFILING OF PSYLLIUM STEM TISSUE, ASSEMBLY OF ESTs AND ASSIGNMENT OF FUNCTIONAL ANNOTATION

In order to compare xylan biosynthesis in the ML with xylan formation in other tissues of psyllium we first determined the neutral monosaccharide composition for different aerial parts of the plant (Figure 1A). The psyllium stem and inflorescence yielded the highest levels of xylose, which were at levels comparable to Arabidopsis stem. Given glucose levels are low in these tissues, the high levels of xylose likely result from xylan as opposed to xyloglucan. Anatomical investigation by hand sectioning and toluidine blue staining verified the presence of secondary cell wall formation in both inflorescence and stem (Figures 1B–D). Subsequently, a series of sequential extractions, using CDTA, Na2CO3 and KOH, were performed and the xylan enriched 1 M KOH fraction was subjected to neutral monosaccharide composition analysis (Figure 1E). Only minor differences were found in the monosaccharide profiles between Arabidopsis lower stem, psyllium inflorescence and psyllium stem samples. Based on these analyses we chose to profile the transcriptome of psyllium stem.
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FIGURE 1. Cell wall analysis of psyllium aerial tissues. (A) Neutral monosaccharide composition of total cell walls from various tissues from psyllium (Po) leaves, inflorescent, stem and trichomes and Arabidopsis (At) stem. (B–D) Toluidine blue staining of free-hand sections of psyllium inflorescence (B), stem top (C) and stem bottom (D). (E) Neutral monosaccharide composition of 1 M KOH extractions of various tissues from psyllium leaves, inflorescent, stem top and stem bottom, and Arabidopsis stems bottom. The selected tissues were subjected to sequential extractions with CDTA, Na2CO3 and 1 M KOH.



The sequence data from the psyllium stem RNA-Seq experiment was added to four previous RNA-Seq datasets from psyllium ML (Jensen et al., 2011). This dataset of approximately 1 million ESTs was assembled into transcript models (contigs; Table S1 in Supplementary Material), annotated and stored in an Oracle relational database that is located at http://glbrc.bch.msu.edu/psyllium.

OVERVIEW OF GLYCOSYLTRANSFERASES HIGHLY EXPRESSED IN PSYLLIUM MUCILAGINOUS LAYERS

Assembly and annotation of the five RNA-Seq datasets from psyllium resulted in identification of 634 contigs encoding putative GTs. The top 50 transcripts from this set are listed in Table 1 ranked by expression in the ML at 10 days post anthesis (DPA) stage. The most abundant transcripts encoding putative GTs (1000 ppm or higher in at least one of the four ML stages) are homologs of IRX10(-L) (GT47), GUX5 (GT8; Mortimer et al., 2010), RGP1/UAM (GT75; Konishi et al., 2007), and AT3G18170/AT3G18180 (GT61), and are likely involved in complex heteroxylan biosynthesis. Most of these highly abundant ML transcripts are not found in the stem transcriptome (Table 1). Multiple homologous genes related to AT3G18170/AT3G18180 and IRX10(-L) are present in psyllium. These two gene families were investigated in further detail.

Table 1. The 50 most abundant transcripts expressed in psyllium mucilaginous layers encoding putative glycosyltransferases.
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A significant level of primary cell wall biosynthesis is evident in the ML. Homologs of CESA1 and CESA3 (Arioli et al., 1998; Desprez et al., 2007; Persson et al., 2007) are found expressed in the range of 200 to 1000 ppm, while expression of putative xyloglucan GTs are found in the range of 50 to 350 ppm; e.g., homologs of CSLC4 (Cocuron et al., 2007), XLT2 (Jensen et al., 2012) and XXT3 (Vuttipongchaikij et al., 2012) (Table 1). A homolog of GAUT1 (Sterling et al., 2006) is found to be expressed at 79 ppm at 10 DPA, providing evidence for homogalacturonan synthesis. A homolog of the callose synthase, GSL12, is most abundant at 8 to 10 DAP (148 ppm) in the ML, indicating that cell division is taking place (Chen et al., 2009). Some level of secondary cell wall biosynthesis also appears to be present. Transcripts with homology to secondary cell wall CESA8 (IRX1) and CESA4 (IRX5) (Turner and Somerville, 1997; Persson et al., 2005) are found at a similar abundance as the GTs involved in xyloglucan biosynthesis. Transcripts with homology to CESA2, CESA5 and CESA9 are present in the ML transcriptome, especially abundant are transcripts with homology to CESA9. These three CESA proteins have been found to play important roles in Arabidopsis seed coat development, namely in mucilage attachment (CESA5) and formation of a secondary cell wall that reinforces the columella and radial wall (Mendu et al., 2011).

Evidence of mannan biosynthesis is indicated by the presence of CSLA2 (Dhugga et al., 2004; Goubet et al., 2009), MSR2 (Wang et al., 2012) and galactomannan galactosyltransferase (GMGT) (Edwards et al., 1999) homologs that have expression levels as high as 630 ppm (CSLA2 homolog, 10 DPA; Table 1). This finding is likely a result of endosperm tissue contamination in the dissected ML. The endosperm stores large amounts of mannan (Jensen et al., 2011) and given the attachment of the endosperm to the ML it is difficult to obtain ML tissue completely devoid of endosperm.

Out of the 50 most abundant transcripts shown in Table 1 there are 14 putative GT transcripts that cannot readily be assigned a function or to a pathway. Notably, many of these abundant transcripts have no expression in the stem transcriptome, as is seen for transcripts likely involved in heteroxylan biosynthesis (GT8, GT47, GT61, and GT75). This is in contrast to GTs involved in primary and secondary cell wall biosynthesis which reach expression levels in the stem of approximately 50 ppm or higher. The ML specific GTs without an assigned function therefore represent GTs possibly involved in complex heteroxylan synthesis in the psyllium ML, though involvement in other pathways unrelated to xylan syntheis is also possible.

PSYLLIUM STEM XYLAN BIOSYNTHESIS IS SIMILAR TO ARABIDOPSIS

All the transcripts identified encoding proteins homologous to IRX9(-L), IRX10(-L), IRX14(-L) and IRX15(-L) are listed in Table 2. This group of transcripts, with the exception of some IRX10(-L) and IRX15(-L) transcripts, had low expression or were not found in the ML. In the stem, the expression of these xylan specific genes was found to be unexpectedly low (100 ppm or lower). It appears, however, that this tissue is principally engaged in primary rather than secondary cell wall biosynthesis. When examining the expression of both the primary and secondary cell wall CESAs in the stem, the primary CESAs were found at levels as high as 1217 ppm (CESA3; Table 1) while the secondary CESAs were found at 10 fold lower levels. The expression of IRX9(-L), IRX10(-L), IRX14(-L), and IRX15(-L) in the stem therefore matches the level of secondary cell wall formation in this tissue. Therefore, it appears that psyllium has a similar complement of GTs found to be responsible for xylan synthesis as in Arabidopsis and that these genes are expressed at comparable levels in the psyllium stem.

Table 2. All transcripts from psyllium stem and mucilaginous layers encoding proteins homologous to Arabidopsis IRX9(-L), IRX10(-L), IRX14(-L), and IRX15(-L).
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FOUR HOMOLOGS OF ARABIDOPSIS IRX10 ARE HIGHLY EXPRESSED IN PSYLLIUM MUCILAGINOUS LAYERS

Transcripts encoding proteins homologous to IRX10(-L) show tissue specific distributions (Table 2), with transcripts present at high levels in the ML showing little or no expression in the stem, and vice versa. The presence of these two categories of IRX10(-L) transcripts led us to consider that at least two different genes with homology to IRX10(-L) are present in psyllium. We therefore manually examined a total of 12 IRX10(-L) contigs and found evidence of six unique IRX10(-L) genes in psyllium, named Plantago ovata IRX10 1 to 6 (PoIRX10_1 to _6). Four of these, those showing abundant expression in the ML (PoIRX10_1 to _4), were cloned from cDNA and sequenced. Analysis of the deduced amino acid sequence of PoIRX10_1, PoIRX10_3, and PoIRX10_4 for transmembrane domains as predicted by the TMHMM Server v. 2.0 (Krogh et al., 2001; http://www.cbs.dtu.dk/services/TMHMM/) resulted in a high score for a single N-terminal transmembrane domain for PoIRX10_1, an intermediate score for PoIRX10_4, and a very low score for PoIRX10_3 (File S1). The PoIRX10_2 cDNA sequence is missing the 5' end and was not analyzed.

The expression of PoIRX10_1 to _6 is shown in Figure 2. The expression profiles for PoIRX10_1 to _4 were generated by mapping the RNA-Seq data to the sequences obtained from the cDNA clones. The expression profile for PoIRX10_1 shows strong induction in the ML and reached maximum levels at 12 DPA, while PoIRX10_2 to _4 show a flat or a decreasing expression pattern over the four ML stages. PoIRX10_6 is not detected in the ML but is present in stem together with PoIRX10_5. The PoIRX10_5 is found in the ML but at a 10 fold lower level than PoIRX10_1 to _4.
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FIGURE 2. Expression levels of IRX10 homologs in psyllium in stem and mucilaginous layers.



POIRX10_1, _2 AND _4 REPRESENT SOME OF THE MOST DIVERGENT IRX10 PROTEINS YET IDENTIFIED

An examination of homologs of IRX10 from various higher plants showed a high degree of sequence conservation among these proteins. To obtain a broader view of this, we collected all IRX10 homologs from six different plant species with extensive phylogenetic diversity, all with fully sequenced and annotated genomes. This resulted in 18 IRX10 homologs from Physcomitrella patens (1), Selaginella moellendorffii (2), Arabidopsis thaliana (3), Populus trichocarpa (4), Brachypodium distachyon (5) and Oryza sativa (6). Table 3 shows the pair-wise amino acid maximum identity scores using the BLAST algorithm (Altschul et al., 1997; http://blast.ncbi.nlm.nih.gov/Blast.cgi) for these 18 IRX10 proteins compared against Arabidopsis IRX10 (AtIRX10) and the six PoIRX10. Arabidopsis FRA8 and XGD1 were included for comparison of more distantly related genes. FRA8 is the closest homolog to the IRX10(-L) genes in Arabidopsis (Zhong et al., 2005) and XGD1 is a xylosyltransferase from GT47 subgroup D (Jensen et al., 2008). The remaining of the pair-wise matrix is shown Table S2 in Supplementary Material. Eudicot sequences, including PoIRX10_3, _5 and _6, share 81–91% identity with AtIRX10, while monocot sequences show 76–87% identity with AtIRX10. Remarkably, the evolutionarily more distant SmIRX10 and PpIRX10 follow a similar trend with 86% and 77% identity, respectively, to AtIRX10. This conservation is also observed when comparing SmIRX10 and PpIRX10 to the remaining sequences from poplar, B. distachyon and rice; here SmIRX10 shows 77–88% identity, while PpIRX10 shows 68 to 80% identity (Table S2 in Supplementary material). The difference in identity between PoIRX10_1, _2 and _4 and mono- and dicot IRX10s is similar or lower than the difference in identity between higher plants and PpIRX10. Thus, IRX10 proteins show a high degree of conservation over the phylogenetic distance from P. patens to higher plants, while three of the four ML PoIRX10 proteins show notably less conservation, with PoIRX10_4 being the most divergent.

Table 3. Pairwise amino acid maximum identity scores using BLASTa.
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A phylogenetic tree of the 24 IRX10 proteins, FRA8 and XGD1 is shown in Figure 3A. The phylogenetic analysis was performed on a codon based cDNA sequence alignment. This approach is beneficial when performing phylogenetic analysis of conserved proteins with many synonymous mutations. The tree identifies two major clades rooted by PpIRX10. Eudicot IRX10 sequences make up one of the major clades, while the other clade contains monocot IRX10 sequences and SmIRX10. Of the six psyllium proteins, PoIRX10_6 is grouped with AtIRX10 and two of the three poplar IRX10 proteins, while PoIRX10_1 to _5 form a separate group. The phylogenetic analysis therefore suggests that the expansion of PoIRX10 proteins has taken place after the separation of monocots and dicots.
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FIGURE 3. Phylogenetic and motif analysis of IRX10 homologs in psyllium. (A) Phylogenetic analysis of IRX10 homologs in psyllium (light blue) and six other plants; Brachypodium distachyon (pink), rice (red), Arabidopsis (dark blue), poplar (blue), Selaginella moellendorffii (light green) and Physcomitrella patens (green). (B, C) Hierarchical clustering (B) of motif analysis (C) generated using the interactive feature in the SALAD database (http://salad.dna.affrc.go.jp/CGViewer/en/cgv_upload.html). Both graphs are provided in File S3 including bootstrap values from the hierarchical clustering.



Evaluation of evolutionarily conserved protein domains are a powerful method for predicting protein function and are collected in a number of searchable databases, e.g., Pfam (Punta et al., 2012) and InterPro (Hunter et al., 2009). The algorithm behind the SALAD database uses patterns of evolutionarily conserved motifs to determine relatedness (Mihara et al., 2010; http://salad.dna.affrc.go.jp/salad/en/). As with other protein domain predicting methods, this approach emphasizes conserved protein function rather than phylogenetic relationships. In Figure 3B the 26 proteins from Figure 3A are depicted in a SALAD dendrogram. It shows that IRX10 proteins ranging in phylogenetic distance from P. patens to Arabidopsis are tightly clustered while PoIRX10_1, _2 and _4 form a distinct group. Notably, this psyllium specific clade consists of PoIRX10 proteins exclusively expressed in the ML. The SALAD motif structure (Figure 3C), used to construct the dendrogram, is conserved across the majority of IRX10 proteins. A few exceptions exist such as motif 5 is absent in the poplar gene Potri012G109200, motif 10 is absent in PoIRX10_2 and there is some motif variation in the N-terminus involving motif 11, 12, 14, and 15. In FRA8 motif 5, 6, and 10 are absent; while in XGD1 most of the motifs found in the IRX10 proteins are absent. This indicates that PoIRX10_1, _2 and _4 have conserved the motif structure despite their more divergent protein sequences and suggests they have conserved protein function with the IRX10 proteins found in the other plant species.

SIMILARITIES IN XYLAN SIDE CHAIN DECORATIONS BETWEEN PSYLLIUM AND GRASSES ARE LIKELY THE RESULT OF CONVERGENT EVOLUTION

The psyllium database contains 18 contigs encoding proteins with close homology to AT3G18170 and AT3G18180. Many of these contigs represented partial transcripts and were assembled into full transcripts by manual inspection. These efforts yielded evidence for the presence of nine unique GT61 genes in psyllium, seven of which were cloned from cDNA and named Plantago ovata GT61 1 to 7 (PoGT61_1 to _7).

The expression profiles of PoGT61_1 to _7 in psyllium stem and ML are depicted in Figure 4. These expression levels were similarly high as those of the PoIRX10_1 to _4 genes in the ML and show either induction or flat to decreasing levels of expression during ML development. These proteins are therefore likely candidates for GT activities that form the side chain decorations on the ML complex heteroxylan.
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FIGURE 4. Expression levels of glycosyltransferase family 61 genes in psyllium in stem and mucilaginous layers.



Figure 5 presents a phylogenetic tree of PoGT61_1 to _7 and all GT61 proteins identified in Arabidopsis, rice and B. distachyon (ClustalW alignment in File S4). The phylogenetic tree shows that the large diversification in grasses of this family is unrelated to the diversification found in psyllium. Therefore, the similar modifications of the xylan backbone found in psyllium ML and grasses are likely the results of convergent evolution.
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FIGURE 5. Phylogenetic analysis of glycosyltransferase family 61 proteins from psyllium, Arabidopsis, rice and Brachypodium distachyon. Seven cDNAs displaying homology to At3g18170 and At3g18180 were cloned from psyllium mucilaginous layers and their full-length protein sequences deduced. A few transcripts encoding protein sequences homologous to some of the other six GT61 proteins in Arabidopsis were identified in the mucilagionous layers but these were expressed at negligible levels (<10 pm) and were not included in this analysis. The seven GT61 proteins highly expressed in psyllium mucilaginous layers (light blue) were aligned with all glycosyltransferase family 61 proteins from Arabidopsis (dark blue), rice (red) and Brachypodium distachyon (pink).



POSSIBLE FUNCTION OF THE NUMEROUS PUTATIVE GLYCOSYLTRANSFERASES HIGHLY EXPRESSED IN PSYLLIUM MUCILAGINOUS LAYER

The structure of the xylan-based mucilage from the Plantago genus (ovata F., major L., asiatica L.) is highly complex (Samuelsen et al., 1999; Fischer et al., 2004; Yin et al., 2012). In the work of Guo et al. (2008) psyllium husk was fractionated using hot water and successive rounds of increasing concentrations of NaOH. This resulted in three fractions collectively accounting for 90% of the husk mass and predominantly consisting of Ara (15–25%) and Xyl (65–70%). Two of these fractions also yielded approximately 15% uronic acid. Each of the three fractions showed related but distinct glycosyl-linkage compositions providing evidence for the presence of extensively branched xylans in all three fractions. In all fractions, the branching appears to consist of single xylose residues, single arabinose residues and side chains of two to three sugars containing different combinations of xylose, arabinose, galactose, and mannose (Guo et al., 2008). An abundant side chain of α-Araf-(1→3)-β-Xylp-(1→3)-Araf present in the non-acidic fraction has been isolated and structurally characterized by NMR (Fischer et al., 2004). It therefore appears that the mucilage of P. ovata F. consist of several species of complex heteroxylans that have different structural compositions and physical characteristics.

The multiple side chains found in the psyllium mucilage are consistent with finding numerous GTs highly expressed in the ML. The identification of four different and abundantly expressed PoIRX10 genes is noteworthy. This may indicate that there are several heteroxylan subspecies being produced in the tissue and that each PoIRX10 protein is involved in making separate xylans by interacting with different decorating GTs. Alternatively, the four PoIRX10 proteins could form one or more complexes necessary to form the β-(1,4)-xylan backbone. Thirdly, some of the PoIRX10 proteins may be backbone decorating GTs and not involved in backbone synthesis (Table S3 in Supplementary Material). It seems likely, however, that at least one of the ML specific PoIRX10 proteins constitutes the xylan synthase in this tissue, hence forming a xylan synthase activity different than that found in Arabidopsis and other eudicots.

Several GTs from rice and wheat have been implicated in xylan side-chain formation. TaXAT2, OsXAT2 and OsXAT3 are xylan α-(1,3)-arabinosyltransferases, transferring single arabinofuranose onto the xylan backbone at the O-3 position (Anders et al., 2012). While XAX1 from rice is likely a β-(1,2)-xylosyltransferase involved in making the side-chain β-Xylp-(1→2)-α-Araf-(1→3) (Chiniquy et al., 2012). These proteins all group together in the same phylogenetic subgroup as Arabidopsis AT3G18170 and AT3G18180 and PoGT61_1 to _7. Therefore, it seems likely that the seven PoGT61 proteins are arabinosyl- and xylosyltransferases involved in forming the large diversity of xylan side-chains found in psyllium heteroxylan (Table S3 in Supplementary Material).

Small amounts of rhamnose, glucose, glucuronic acid, galactose, and mannose have been identified in psyllium husk and proposed to be side chain decorations (Fischer et al., 2004; Guo et al., 2008; Yin et al., 2012). Additional GTs, from families other than GT61, may be involved in forming these side chains in psyllium heteroxylan. Two such candidates are the transcripts homologous to AT4G32290 and AT2G32750 (Table S3 in Supplementary Material). AT4G32290 is a member of the GT14R family (Nikolovski et al., 2012). None of the members in this family have been characterized apart from having Golgi localization. The homologous transcript in psyllium is highly abundant in the ML. AT2G32750 is homologous to Arabidopsis MUR3 (Madson et al., 2003) and RLXT2 (Jensen et al., 2012), both of which transfer galactose onto xylose as part of xyloglucan biosynthesis. The homologous protein in psyllium is copiously expressed in the ML and could possibly transfer galactose onto xylose in psyllium heteroxylan.

PUTATIVE NUCLEOTIDE SUGAR TRANSPORTERS ARE HIGHLY EXPRESSED IN PSYLLIUM MUCILAGINOUS LAYERS

Golgi transport proteins for UDP-galactose, UDP-galactose/glucose and GDP-mannose have been identified in Arabidopsis (Reyes and Orellana, 2008; Handford et al., 2012) and rice (Seino et al., 2010) and are members of the NST/TPT superfamily (Ward, 2001). Proteins transporting other UDP-sugars have been proposed to also be members of this superfamily (Ward, 2001; Reyes and Orellana, 2008). Several UDP-sugar transporters are likely to be expressed in the ML in order to supply UDP-xylose and UDP-arabinofuranose to Golgi localized enzymes for the biosynthesis of complex heteroxylan. The UDP-arabinopyranose mutase (UAM) interconverts UDP-arabinofuranose and UDP-arabinopyranose (Konishi et al., 2007) and is located in the cytosol (Bar-Peled and O'Neill, 2011). The synthesis of arabinoxylan occurs in the Golgi and requires UDP-arabinofuranose, which appears to be uniquely produced by this mutase (Rautengarten et al., 2011). It is therefore necessary for UDP-arabinofuranose to be transported across the Golgi membrane in order for it to be incorporated into cell wall carbohydrates such as heteroxylan. Approximately 40% of the neutral sugar content of the ML cell wall is arabinose, likely requiring higher amounts of UDP-arabinofuranose import into ML Golgi. It is therefore likely that transcript levels for the UDP-arabinofuranose transporter would be high in the ML.

The enzyme UDP-xylose epimerase 1 (UXE1/MUR4), that interconverts UDP-xylose and UDP-arabinopyranose, has been found to be Golgi localized in Arabidopsis (Burget et al., 2003). Two contigs in the psyllium ML (M01000013775 and M01000025234) match sequences at the N-terminal and C-terminal of UXE1 and together may represent the full-length transcript of a psyllium UXE1 homolog. This homolog shares 81% amino acid sequence identity with UXE1 in the N-terminal where both proteins have transmembrane domains as predicted by the TMHMM Server v. 2.0. The psyllium UXE1 homolog is therefore likely a Golgi localized protein. To provide UDP-xylose for UXE1, psyllium appears to express two isoforms of UDP-xylose synthase (UXS) at comparable levels in the ML (1000–6000 ppm) with just one of the two having a predicted transmembrane domain. Psyllium therefore appears to have the capacity to produce UDP-xylose in the cytosol, as well as in the Golgi. Finally, the substrate for UXS, UDP-glucuronic acid, is usually synthesized by the enzyme UDP-glucose 6-dehydrogenase (UGD) from UDP-glucose. The subcellular localization of this enzyme in psyllium ML could not be inferred as the contig lacks the N-terminal sequences, which would contain the transmembrane domain. The putative subcellular localization of these UDP-sugar interconverting activities in psyllium ML present several possible routes for the supply of UDP-xylose needed for xylan biosynthesis. The UDP-sugars imported into Golgi may be UDP-glucose, UDP-glucuronic acid or UDP-xylose. Furthermore, as the psyllium ML UXE activity appears to be exclusively Golgi localized, UDP-arabinopyranose needs to be exported from Golgi to the cytosol in order to be converted to UDP-arabinofuranose by UMA. Hence, psyllium transporters of these UDP-sugars, as well as UDP-arabinofuranose as mentioned above, are likely to be expressed at elevated levels in the ML.

The psyllium database holds a total of 50 contigs encoding proteins with close homology to the Arabidopsis NST/TPT Family. Homologs of characterized proteins such as ATUTR3 (Reyes et al., 2010) and GONST1 (Baldwin et al., 2001) are found at nearly undetectable levels in the ML, while the most abundant transcripts reach expression levels as high as 2000 ppm. When ranked by abundance in the ML 10 DPA stage, three of the top four transcripts show homology to Arabidopsis NST proteins AT5G25400, AT1G21070 and AT4G32390, all of which are in an uncharacterized branch of the NST/TPT superfamily. Several members of this branch, including AT4G32390, have been found to be localized in the Golgi (Nikolovski et al., 2012). The second most abundant transcript has closest homology to AT1G06890. This protein has also been found in Golgi (Nikolovski et al., 2012) and is related to GONST4 and GONST5 (Handford et al., 2004). These highly abundant NST transcripts might therefore be candidates for encoding UDP-glucose, UDP-glucuronic acid, UDP-xylose, UDP-arabinopyranose, or UDP-arabinofuranose transport proteins.

ADDITIONAL GENES POSSIBLY INVOLVED IN XYLAN BIOSYNTHESIS IN PSYLLIUM MUCILAGINOUS LAYERS

Identifying an Arabidopsis gene with secondary cell wall expression and with a close homolog highly expressed in psyllium ML may indicate that such a gene is involved in xylan biosynthesis in Arabidopsis and psyllium ML, as has proved to be the case for the Arabidopsis IRX15(-L) proteins (Jensen et al., 2011). Table 4 shows the 12 most abundant transcripts in psyllium that show a similar expression pattern. These genes are likely involved in complex heteroxylan biosynthesis or in secondary cell wall formation associated with the psyllium ML.

Table 4. The 12 most abundant transcripts expressed in psyllium mucilaginous layers where the closest homolog in Arabidopsis is co-expressed with IRX10 or CESA4, CESA7 and CESA8.
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The top member is homologous to Arabidopsis TBR38 and contains a domain of unknown function (DUF) 231. The DUF231 proteins constitute a 46-member protein family in Arabidopsis (Bischoff et al., 2010) in which the genes AXY4 (TBL27) and AXY4-Like (TBL22) have been shown to be involved in acetylation of xyloglucan (Gille et al., 2011) and ESK1 (TBL29) have been shown to be involved in acetylation of secondary cell wall xylan (Xiong et al., 2013). The other members of this family have been proposed to also be acetyltransferases specific for xyloglucan or other cell wall polymers, e.g., pectins and xylan (Oikawa et al., 2010; Gille and Pauly, 2012). TBR38 is part of an uncharacterized subclade of the TBR protein family. Given that the psyllium homolog has a much higher expression in the ML than the secondary cell wall CESA proteins it is likely involved in complex heteroxylan biosynthesis rather than secondary cell wall formation in this tissue. The level of cell wall acetylation in dissected psyllium ML is 12 μg acetic acid per milligram alcohol insoluble residue, approximately 4 fold lower that found in the alcohol insoluble residue of Arabidopsis lower stem (Figure 6). The acetic acid content in the psyllium ML corresponds to one acetic acid group for every 25 pentose sugars, assuming the cell wall material from the ML consist of 100% pentose sugars. Glucuronoxylan from aspen wood has been found to have an average degree of xylose backbone acetylation of approximately 60% (Teleman et al., 2000), while a degree of acetylation of approximately 50% has been found for arabinoxylan from corncobs and corn stover (Dongen et al., 2011). These findings may indicate that TBR38 and its psyllium homolog could function as xylan specific acetyltransferases.
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FIGURE 6. Acetylation levels in alcohol insoluble residue of psyllium seed tissues.



Another candidate gene possibly involved in xylan formation in psyllium ML is a homolog of At5g47635 encoding a Pollen Ole e 1 allergen and extensin family protein. The work of Tan et al. (2013) identified and characterized two isoforms of a highly glycosylated AGP, named ARABINOXYLAN PECTIN ARABINOGALACTAN PROTEIN1 (APAP1). The authors identified two individual xylan oligomers attached as separate side chains of the APAP1 carbohydrate branch structure and so provide a link between AGP and xylan. Though other possibilities exist, the high expression of an extensin protein in psyllium ML and the secondary cell wall expression pattern of the closest Arabidopsis homolog may suggest that this extensin homolog functions by cross-linking mucilaginous heteroxylan into a bigger covalent network in the mucilage wall.

HOMOLOGS OF SEVERAL SECONDARY CELL WALL TRANSCRIPTION FACTORS ARE HIGHLY EXPRESSED IN PSYLLIUM MUCILAGINOUS LAYERS

The most abundant psyllium transcripts encoding putative transcription factors reach levels of 1000 ppm in the ML (Table 5). Many of these transcripts show closest homology to Arabidopsis genes that are highly expressed throughout the Arabidopsis plant, including seed development, while another set of these transcripts have close homology to Arabidopsis genes that are specifically expressed during seed development, such as MYB61, NARS1, AT3G51880 and AT5G67480. Both MYB61 and NARS1 have been shown to play roles in seed coat development in Arabidopsis. Knockout mutants of MYB61 have reduced mucilage deposition and extrusion (Penfield et al., 2001), while NARS1 is expressed in the outer integument of the Arabidopsis seed where it regulates the degeneration of this tissue (Kunieda et al., 2008).

Table 5. The 20 most abundant transcripts expressed in psyllium mucilaginous layers encoding putative transcription factors.
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A third category of transcripts consists of ones with closest homology to Arabidopsis transcription factors involved in secondary cell wall formation, namely NST1, SND2, and KNAT7. All three transcription factors are potent regulators of secondary cell wall formation in Arabidopsis. NST1 was identified as a regulator of secondary wall thickening in anther endothecium (Mitsuda et al., 2005) and was later found to act redundantly with SND1 as a master regulator of secondary wall synthesis in fiber cells of Arabidopsis stem (Zhong et al., 2007). Furthermore, in protoplast transactivation assays, NST1 directly activates MYB46, SND3, MYB103, and KNAT7 (Zhong et al., 2008, 2010). Overexpression of SND2 also leads to increased secondary wall thickening in Arabidopsis stem fiber cells (Zhong et al., 2008) and upregulation of, among other genes, MYB103 and SND1 (Hussey et al., 2011). KNAT7 loss-of-function mutants display IRX phenotypes (Brown et al., 2005) and Arabidopsis plants transformed with dominant repression constructs of KNAT7 lead to a moderate decrease of secondary cell wall thickening in Arabidopsis stems (Zhong et al., 2008). The KNAT7 protein has been shown to interact with OFP4 and both act as repressor proteins in protoplast transactivation assays and in planta (Li et al., 2011, 2012). The homologs of NST1, SND2, and KNAT7 found in psyllium ML may or may not be true orthologs to the Arabidopsis genes. However, it is striking to find several abundantly expressed homologs of transcription factors that have been implicated in secondary cell wall formation, a process involving extensive biosynthesis of xylan. The highly elevated expression levels of homologs NST1, SND2 and KNAT7 in the psyllium ML may therefore suggest that they are involved in regulating xylan biosynthesis in this tissue. Such regulatory circuit(s) in the psyllium ML may have evolved from the secondary cell wall regulatory cascade. It should be noted that this it is only a partial set of the transcriptional regulatory network controlling secondary cell wall formation in Arabidopsis (Demura and Ye, 2010) that may be detected in the psyllium ML. Of the proven downstream targets for NST1 and SND2, it is only a homolog of KNAT7 that is found highly expressed in the psyllium ML. Homologs of proven targets of NST1 in Arabidopsis, such as SND1, MYB46, and MYB103, are not detected, while a homolog of SND3 is detected but at low levels of approximately 50 ppm. When over-expressed, NST1 will induce abundant secondary cell wall formation in Arabidopsis mesophyll leaf cells (Zhong et al., 2007). If the psyllium homolog of NST1 found in the ML is functionally othologous to Arabidopsis NST1, it appears that branches of the NST1 transcriptional cascade that leads to cellulose and lignin deposition, rather than xylan formation, has been specifically suppressed in the psyllium ML.

LESSONS LEARNED FROM XYLAN BIOSYNTHESIS IN PSYLLIUM MUCILAGINOUS LAYERS MAY PROVE VALUABLE FOR BIOFUELS RESEARCH AND BIOTECHNOLOGY

The study of tissues having cell walls with unusual composition may provide valuable insights into manipulating plant cell walls for improved characteristics as biofuel feedstocks, such as improved digestibility, higher biomass, and altered composition of lignin, cellulose, and hemicellulose. It seems plausible that the diverse cell walls found in many highly specialized tissues, for instance in many seeds, are derived from existing cell wall biosynthetic pathways and so provide examples of cell wall alterations which provide new characteristics.

This study provides evidence for biosynthetic enzymes, sugar-nucleotide transporters and transcription factors as likely candidates involved in xylan biosynthesis. These new targets may serve as novel entry points to manipulate xylan deposition and structure. To date, it has not been possible to reconstitute the xylan synthase activity from known components. This has limited our ability to assign roles for the genes shown to be components of the synthase by genetic methods. The four cloned PoIRX10 from the ML may constitute a simpler xylan synthase, as it has a reduced set of components, suggesting that it may be more tractable than xylan synthases from systems such as Arabidopsis. If so, the psyllium IRX10 genes would offer a tool for future research in understanding and manipulating xylan formation.

The seven cloned PoGT61 sequences may prove useful in altering xylan branch structures in cell walls of both monocot and eudicot crops for improved biofuel traits such as digestibility. Finally, identification of direct transcriptional regulators of xylan biosynthetic genes, such as IRX10, is likely to identify more genes involved in xylan biosynthesis which could constitute key points of regulating xylan biosynthesis.

Full access has been provided to the RNA-Seq data from psyllium through a user-friendly web interface. The database features several custom made tools facilitating further analysis and may provide a valuable resource for the research community in other areas than xylan biosynthesis, such as mucilage development.
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The cell walls of grasses such as wheat, maize, rice, and sugar cane, contain large amounts of ferulate that is ester-linked to the cell wall polysaccharide glucuronoarabinoxylan (GAX). This ferulate is considered to limit the digestibility of polysaccharide in grass biomass as it forms covalent linkages between polysaccharide and lignin components. Candidate genes within a grass-specific clade of the BAHD acyl-coA transferase superfamily have been identified as being responsible for the ester linkage of ferulate to GAX. Manipulation of these BAHD genes may therefore be a biotechnological target for increasing efficiency of conversion of grass biomass into biofuel. Here, we describe the expression of these candidate genes and amounts of bound ferulate from various tissues and developmental stages of the model grass Brachypodium distachyon. BAHD candidate transcripts and significant amounts of bound ferulate were present in every tissue and developmental stage. We hypothesize that BAHD candidate genes similar to the recently described Oryza sativa p-coumarate monolignol transferase (OsPMT) gene (PMT sub-clade) are principally responsible for the bound para-coumaric acid (pCA), and that other BAHD candidates (non-PMT sub-clade) are responsible for bound ferulic acid (FA). There were some similarities with between the ratio of expression non-PMT/PMT genes and the ratio of bound FA/pCA between tissue types, compatible with this hypothesis. However, much further work to modify BAHD genes in grasses and to characterize the heterologously expressed proteins is required to demonstrate their function.
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INTRODUCTION

Many of the most abundant potential lignocellulosic feedstocks are from grasses, whether by-products from food crops such as wheat straw, rice straw, maize stover, and sugar cane residues or from specialized bioenergy crops such as Miscanthus and switch grass. Such feedstocks differ from those from dicotyledonous crops in the occurrence of trans-ferulic acid (FA), a hydroxycinnamic acid which is ester-linked to the hemicellulosic component, glucuronoarabinoxylan (GAX; Carpita, 1996; Scheller and Ulvskov, 2010). This linkage occurs only in commelinid monocots and is particularly abundant in grasses (Harris and Trethewey, 2010). It is considered to affect digestibility (Grabber, 2005; Dhugga, 2007), as FA can oxidatively cross-link to form ether bonds or C–C bonds, linking chains of GAX (Ishii, 1991), or of GAX to lignin (Ralph et al., 1995). Thus it covalently links the cell wall polysaccharide which can be used as a substrate for biofuel to the inhibitory lignin component. Whilst the barrier to degradation presented by FA is mainly structural, FA also has antimicrobial activity, inhibiting sugar fermentation by yeast (Baranowski et al., 1980; Akin, 2008). Grasses with decreased feruloylation of GAX in their cell walls may therefore be more readily converted into biofuel. In particular, they will have a lower energy requirement for separation of lignin from polysaccharide, an essential step in most pipelines for biomass processing.

The genes and enzymes responsible for feruloylation of GAX are still unknown. However, using a bioinformatics analysis of publicly available expressed sequence tags (ESTs), we identified an orthologous group within the BAHD acyl-coA superfamily as potential candidates based on their differential expression in cereals compared with dicots (Mitchell et al., 2007). The BAHD family (also referred to as the PF02458 family, as all family members contain the PFAM domain PF02458 which is specific to the family) is named after the first four members to be biochemically characterized (benzylalcohol acetyltransferase, BEAT; anthocyanin hydroxycinnamoyl transferase, AHCT; anthranilate hydroxycinnamoyl/benzoyl transferase, HCBT; deactylvindoline acetyltransferase, DAT; D’Auria, 2006). The predicted role in GAX feruloylation is compatible with the several hydroxycinnamoyl transferase activities creating ester bonds known in the family, with feruloyl-CoA acting as the donor. We also identified GT61 genes as likely to be involved in GAX biosynthesis (Mitchell et al., 2007), and have recently demonstrated (in collaboration with the Dupree lab, University of Cambridge, UK) that these genes mediate the addition of 3-linked arabinofuranose (Araf) to xylan (Anders et al., 2012). GT61 genes tend to be co-expressed with the BAHD candidates in cereals (Mitchell et al., 2007; Shewry et al., 2011), consistent with a role in feruloylation of the 3-linked Araf residues added by GT61 proteins. Our predicted role of BAHD genes in feruloylation was tested by another group using RNAi suppression in rice, showing a modest (-19%) but significant decrease in cell wall bound ferulate in the stems of the transgenic plants (Piston et al., 2010). However, this effect could be an indirect consequence of gene suppression, so the role of these BAHD genes still requires elucidation.

One question is the intracellular localization of the proteins encoded by the BAHD genes: this is predicted to be cytosolic based on the protein sequences and this is the localization for all known members of the family (D’Auria, 2006), whereas GAX is synthesized in the Golgi (Buanafina, 2009). An activity from rice seedlings capable of feruloylation of Araf on a synthetic molecule was found in the soluble fraction rather than the membrane fraction, consistent with a cytosolic enzyme (Yoshida-Shimokawa et al., 2001). A possible explanation is that BAHD proteins are responsible for feruloylation of a cytosolic precursor, such as UDP-Araf, which is the substrate for xylan arabinosylation. Whereas the great majority of UDP-arabinopyranose is synthesized in the Golgi lumen, this is converted by a mutase to the UDP-Araf form in the cytosol (Konishi et al., 2007; Rautengarten et al., 2011) so this is a possible substrate for a cytosolic feruloylation reaction in planta. The product from this would then be transported back into the Golgi, where feruloylated Araf would be transferred onto GAX, possibly by a GT61 enzyme. The feruloylation of arabinoxylan has been shown to occur within the protoplast (Myton and Fry, 1994), although there is also evidence of an alternative pathway which allows feruloylation in the wall when inhibitors are used to suppress the secretory pathway (Mastrangelo et al., 2009).

A key recent breakthrough was the demonstration that at least one of these BAHD genes in rice has a different role from that predicted; in that the encoded protein catalyzed the addition not of FA to a sugar, but of the closely related para-coumaric acid (pCA) to monolignols. This gene therefore encodes a pCA monolignol transferase and has been named OsPMT (Oryza sativa p-coumarate monolignol transferase; Withers et al., 2012). Interestingly, whereas other BAHD proteins have been shown to use both FA-CoA and pCA-CoA as donor molecules (Luo et al., 2007), OsPMT was found to have almost no activity with FA-CoA (Withers et al., 2012). Whereas it is theoretically possible that OsPMT could also add FA or pCA to Araf, activities with such different acceptors have not previously been found for BAHD proteins. OsPMT activity is presumably responsible for forming ester linkages between pCA and lignin, a linkage which is also much more common in grasses than in other groups of plants. It is therefore possible that the candidate group which includes OsPMT is responsible only for this activity, rather than also for GAX feruloylation. However, to date, only one of the genes has been shown to have this activity and others are expressed (albeit at low levels) in wheat starchy endosperm which does not have lignin but does have feruloylated AX (Pellny et al., 2012), suggesting that other genes within the group are responsible for xylan feruloylation. During preparation of this article, strong support for this theory was published where another BAHD gene within this group was overexpressed in rice, resulting in increased bound pCA with good evidence that this was ester-linked to GAX, not lignin (Bartley et al., 2013). Whereas this gene seems specific for pCA, it seems very likely that some of the other similar genes in the clade are responsible for FA ester-linked to GAX.

Brachypodium distachyon is a model grass species which has a small and fully sequenced genome, a short life cycle, and small size, making it ideal for the study of grass cell walls (Vogel et al., 2010). We have therefore determined the contents of bound FA and pCA (predominantly linked to GAX and lignin, respectively) in various tissues and at different stages throughout the life cycle, and related these to the expression of BAHD genes identified as candidates for the addition of these phenolic acids to cell wall polymers (GAX and lignin).

RESULTS AND DISCUSSION

Figure 1 shows a phylogenetic tree of the clades of the BAHD gene superfamily which have been proposed to contain candidate genes for the feruloylation of GAX in grass cell walls (Mitchell et al., 2007), divided into clades A and B. Clade B genes are not highly expressed or co-expressed with xylan pathway genes, and do not have clear orthologs between rice and Brachypodium. The more highly expressed clade A genes were therefore identified as the stronger candidates (Mitchell et al., 2007) for AX feruloylation. Clade A also includes the gene subsequently shown to encode a monolignol pCA transferase in rice, OsPMT (Withers et al., 2012). Two wheat genes, orthologous to candidates 1 and 3, are expressed in wheat starchy endosperm, which does not contain lignin in the cell walls (Pellny et al., 2012). An RNAi construct which simultaneously suppressed the expression of rice candidates 1, 4, 8, and 10 (in our nomenclature) resulted in a decrease in cell wall FA of 19% in transgenic rice (Piston et al., 2010). A possible interpretation is therefore that the monolignol pCA transferase activity is restricted to the sub-clade containing OsPMT which includes candidates 7 and 9 and the only Arabidopsis gene, and the other candidates in clade A may be involved in GAX feruloylation. This is supported by the recent demonstration that overexpressing OsAt10 (coincidentally also candidate 10 in our nomenclature) resulted in increased pCA almost certainly ester-linked to GAX (Bartley et al., 2013). This ester linkage is less common than FA in most tissues and is absent in wheat starchy endosperm. From all the evidence, we hypothesize that the activity responsible for GAX feruloylation will exist in some or all of the candidates 1–5 and 8.
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FIGURE 1. Phylogenetic tree of clades within BAHD gene superfamily for rice and Brachypodium genes, which were identified as containing potential candidates for xylan feruloylation (Mitchell et al., 2007). Numbers are arbitrary candidate numbers based on rice genes; where two paralogous Brachypodium genes match one rice gene these are given the same number but with “p1” or “p2” appended to the name. Genes within clade A are generally more highly expressed than those in clade B. The recently identified monolignol pCA transferase OsPMT (Withers et al., 2012) and OsAt10 (involved in pCA addition to xylan; Bartley et al., 2013) genes are indicated.



The expression of candidate genes and amounts of bound FA and pCA were determined in tissues of developing B. distachyon plants as shown in Figure 2.
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FIGURE 2. Brachypodium developmental stages. (A) Early vegetative phase (EVP), bar = 1cm; (B) late vegetative phase (LVP), bar = 2cm; (C) transition phase (TP), bar = 2cm; (D) reproductive phase (RP), bar = 3cm; (E) advanced phase (AP), bar = 2cm.



The transcript abundances of the BAHD genes (denoted by the candidate numbers shown in Figure 1), were determined by quantitative real-time RT-PCR (qRT-PCR) and the values are shown for the different genes, tissues, and developmental stages in Figure 3. The primer efficiencies were comparable for the different genes (Table 2), so differences in the abundances determined for the genes should reflect real differences in transcript abundances. On this basis, it can be concluded that the BAHD gene candidates which are most highly expressed in above-ground tissue samples from the vegetative phase are, in descending order of abundance, 5, 9, 1, whereas in roots they are 1, 9. In later stages of reproductive development, they are 9, 7, 5, and 2p2, and in the spike at the advanced stage 7, 10, 5 (Figure 3). Therefore, BAHD genes from clade A are highly expressed in all tissues that were analyzed. Based on the phylogenetic relationship with OsPMT (Figure 1) and the assumption that BdBAHD 9 and 7 are responsible for the addition of coumaryl esters on lignin (i.e., PMT activity), and the others responsible for xylan feruloylation (with the exception of 10 which is more likely responsible for coumaryl esters on xylan), it can be noted that at least one gene with each function is highly expressed in every tissue that was analyzed, with the genes with PMT activity being relatively more highly expressed than other BAHD candidate genes in the reproductive growth phase.
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FIGURE 3. Transcript abundance of candidate BAHD genes in developing Brachypodium tissues estimated by qRT-PCR. Error bars are ±SE from three biological replicates. One-way analysis of variance showed that the effect of tissue/stage on transcript abundance was significant at F probability<0.001 for every gene except BAHD2p1, where it was significant at F probability = 0.002.



Determination of amounts of bound phenolic acids in plant samples is a measure of the amounts that are covalently linked to the cell wall fraction. Protocols using moderate alkaline treatment release only the ester-linked phenolics from cell walls, which are then separated and quantified by high-performance liquid chromatography (HPLC). By far the most abundant bound phenolic acids are FA and pCA. FA is considered to be exclusively linked to GAX by ester bonds in grass cell walls, while the pCA is predominantly ester-linked to lignin, with a much lower amount ester-linked to GAX. FA, unlike pCA, can oxidatively couple in planta to form dimers or higher-order oligomers. The amounts of bound FA monomer, major FA dimers and bound pCA are shown for different tissues in Figure 4. The amount of pCA reflects principally the amount of this phenolic acid which is ester-linked to lignin, and this fraction has been found to be highly correlated with the degree of lignification in grasses (Grabber et al., 2004). The values shown are therefore consistent with increased lignification during the reproductive phase, relative to GAX feruloylation, which occurs in both primary and secondary grass cell walls. The absolute amounts of FA and pCA in young shoots (early vegetative phase, EVP) determined here are also comparable with those determined for seedlings at 8 days after germination (DAG) where FA and pCA were found to be ~400 and ~200μgg-1, respectively (Christensen et al., 2010) and with a recent analysis of more tissues and stages (Rancour et al., 2012). A consistent feature of the data presented here (Figure 4) and by Rancour et al. (2012) is that the pCA:FA ratio is higher in stems compared to leaves, which is consistent with the comparatively greater lignification in stems.
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FIGURE 4. Bound hydroxycinnamic acid content from developing Brachypodium tissues estimated by HPLC. Samples were early vegetative plants (EVP), late vegetative plants (LVP), transition phase leaves (TPL), transition phase internodes (TPI4, TPI3), transition phase roots (TPR), reproductive phase leaves (RPL), reproductive phase internodes (RPI4, RPI3, RPI2), advanced phase spike (APS), advanced phase leaves (APL), and advanced phase internodes (API4, API3, API2). FA dimers are the sum of the four major dimers described in Section “Materials and Methods.” Error bars are ±SE from three biological replicates. One-way analysis of variance showed that the effect of tissue/stage on both total FA and pCA content was significant at F probability<0.001.



Expression of BAHD candidates from both the PMT and non-PMT sub-clades was found in every tissue examined (Figure 3), as was substantial quantities of bound FA and pCA (Figure 4). Simple correlations are not expected between the abundances of transcripts encoding enzymes in a biosynthetic pathway and the amount of end-product from that pathway. Transcript abundance measures the potential for enzyme synthesis only at a single time point whereas end-product accumulation occurs throughout a developmental process and may be limited by substrate availability as well as enzyme activity, which in turn depends on enzyme activation as well as enzyme amount. However, tissues which tend to have more bound FA compared to total bound pCA, might also be expected to have greater expression of BAHD candidates in the non-PMT sub-clade relative to those in the PMT sub-clade. We found this to be broadly the case, with shoots during vegetative phase and leaves in later phases, which have high bound total FA top pCA content (due to less lignification), also having greater ratios of non-PMT to PMT expression than internodes, roots, and spike (Figure 5).
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FIGURE 5. Ratios of expression of non-PMT BAHD to PMT BAHD and of bound FA to pCA. Expression ratio is the sum of values for genes 1–5 and 8 (non-PMT) relative to the sum of values for genes 7 and 9 (PMT). FA to pCA ratio is the sum of FA monomer and dimers relative to pCA. Ratios shown are averaged over EVP, LVP for shoots, TPL, RPL for leaves, TPI4, RPI4, RPI3, RPI2 for internodes; root is TPR and spike is APS.



We have previously identified co-expression between BAHD candidates and xylan synthesis genes, compatible with a role in GAX feruloylation (Mitchell et al., 2007; Shewry et al., 2011), but given the new findings on these candidate genes (Withers et al., 2012; Bartley et al., 2013), we decided to re-examine this. Public resources are not yet extensive for Brachypodium gene expression, but using the RiceFREND tool which employs a wide range of rice transcriptome experiments (Sato et al., 2013), we examined co-expression for the rice BAHD genes with rice genes putatively involved in xylan synthesis (Table 1). Nearly all the clade A genes had xylan synthetic genes in the top 1% of genes ranked by expression correlation, but none of the clade B did. BAHD1, 5, and 8 showed particularly close co-expression with genes involved in UDP-Xyl and UDP-Ara synthesis and GT61 genes, whereas OsPMT and similar genes (BAHD7 and BAHD9) had fewer closely co-expressed genes. If these genes in the PMT sub-clade are responsible for addition of pCA to lignin then some co-expression may be expected with any genes involved in secondary cell wall xylan synthesis.

TABLE 1. Co-expression of BAHD candidate genes in rice with genes putatively involved in xylan synthesis.
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CONCLUSION

The genes identified as candidates for being involved in feruloylation of GAX (Mitchell et al., 2007) are expressed in every tissue and at every developmental stage in the model grass Brachypodium as expected for a process which is required for every primary and secondary cell wall in the plant. The relative amounts of pCA and FA in these different tissues seem compatible with the expression of BAHD candidate genes, where these are divided into those putatively responsible for pCA linked to lignin (PMT) and FA linked to xylan (non-PMT). The evidence presented here does not demonstrate function; for this more studies with targeted modification of the genes in grass species (as in Bartley et al., 2013) and in vitro characterization of pure proteins (as in Withers et al., 2012) are required. If their role in feruloylation is confirmed by such experiments, then as feruloylation is believed to be key to the exploitation of grass biomass for biofuel and animal feed, these genes would represent important biotechnological targets.

MATERIALS AND METHODS

PLANT GROWTH

Brachypodium plants Bd21 were grown in standard glass house conditions at 25°C. The whole aerial plant was harvested for the EVP (7 DAG) and late vegetative phase (LVP; 12 DAG). Plants were vernalized at 4°C for 2 weeks during the EVP; references to “DAG” do not include this period. In the transition (20 DAG) and reproductive (30 DAG) phases, the plants were separated into leaf and internode tissues, whereby internode 1 is the oldest and 4 the upmost and youngest. In the transition phase, roots were also harvested. Spikelets, i.e., the developing seeds with the surrounding maternal tissues, were harvested in the advanced phase (50 DAG). Material was immediately frozen in liquid nitrogen and stored at-80°C.

PHYLOGENETIC ANALYSIS

Protein sequences for the whole BAHD superfamily were identified as all rice, Arabidopsis, and Brachypodium sequences from Phytozome1 containing the PFAM domain PF02458. An initial tree was generated and all sequences contained within the candidate group identified in Mitchell et al. (2007) were aligned with the MUSCLE algorithm (Edgar, 2004). Gapped columns were removed, followed by phylogeny analysis of aligned sequences in the PhyML package (Guindon et al., 2005) using the Whelan and Goldman (2001) model. An initial run optimized the gamma and invariant proportion parameters; these were then held constant for 100 runs for bootstrap non-parametric analysis and the maximum likelihood tree is presented.

DETERMINATION OF TRANSCRIPT ABUNDANCE

RNA was extracted using a cetyltrimethylammonium bromide (CTAB) method following Chang et al. (1993). Quantitative PCR was performed as in Pellny et al. (2008) on an Applied Biosystems 7500 real-time PCR system2 using SYBR green JumpStart Kit (Sigma-Aldrich3) following the manufacturer’s instructions. The expression of the genes of interest was normalized with two endogenous controls ubiquitin-conjugating enzyme 18 (UBC18) and succinate dehydrogenase (SDH). Putative house-keeping genes glyceraldehyde-3-phosphate dehydrogenase (GAPDH), S-adenosylmethionine decarboxylase (SAMDC), and peptide deformylase 2 (PDF2) were also tested but found less stable over the different tissue and time points. Expression calculations were performed as suggested by Rieu and Powers (2009). Individual amplification efficiencies were established with LinRegPCR using a window-of-linearity and the relative quantities (RQs) for the target genes were calculated. This was normalized with the geometrical mean of the RQs of the control genes. Primers used and average efficiency of pairs are listed in Table 2.

TABLE 2. PCR primers.
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DETERMINATION OF BOUND PHENOLIC CONTENT

Cell wall bound phenolics were released by alkaline hydrolysis of alcohol insoluble residues (AIRs) from samples (20mg) of freeze-dried, ground tissue and extraction into ethyl acetate as previously described (Pellny et al., 2012). 3,5-Dichloro-4-hydroxybenzoic acid (20μL at 1.5mgmL-1) was added to AIR of all samples, prior to alkaline hydrolysis, as an internal standard. Samples were dissolved in 1mL 50% methanol:2% acetic acid (v:v) and bound phenolic acids from 40μL of extract separated by HPLC on a Shimadzu Prominence high-performance liquid chromatograph as described by Waldron et al. (1996) but using a binary gradient pump system. Quantitation of FA and pCA was by integration of peak areas at 280nm with reference to calibrations made using known amounts of pure compounds. Peaks of the major FA dimers were identified by comparison of retention times with pure standards kindly supplied by Professor John Ralph (Lu et al., 2012; 5-5, 8-O-4, 8-5-benzofuran) or by comparison of spectrum with that in Waldron et al. (1996) (8-5). Dimer quantitation was achieved relative to FA monomer using areas of these peaks and the response factors for dimers and FA monomer in Waldron et al. (1996). All samples were extracted and analyzed in triplicate.
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Non-cellulosic cell wall polysaccharides constitute approximately one quarter of usable biomass for human exploitation. In contrast to cellulose, these components are usually substituted by O-acetyl groups, which affect their properties and interactions with other polymers, thus affecting their solubility and extractability. However, details of these interactions are still largely obscure. Moreover, polysaccharide hydrolysis to constituent monosaccharides is hampered by the presence of O-acetyl groups, necessitating either enzymatic (esterase) or chemical de-acetylation, increasing the costs and chemical consumption. Reduction of polysaccharide acetyl content in planta is a way to modify lignocellulose toward improved saccharification. In this review we: (1) summarize literature on lignocellulose acetylation in different tree species, (2) present data and current hypotheses concerning the role of O-acetylation in determining woody lignocellulose properties, (3) describe plant proteins involved in lignocellulose O-acetylation, (4) give examples of microbial enzymes capable to de-acetylate lignocellulose, and (5) discuss prospects for exploiting these enzymes in planta to modify xylan acetylation.
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OCCURRENCE OF O-ACETYLATION IN LIGNOCELLULOSE

O-acetyl and methyl esterification are the most common substitutions in different cell wall matrix polysaccharides (Figure 1). While the role of methyl esterification in plant cell walls has been a focus of many studies, that of O-acetylation has received much less attention in the past. O-acetylation may occur on the backbones or branches of many cell wall polymers (recently reviewed by Gille and Pauly, 2012), but the nature of acetylated polymer and the extent of acetylation differ between species, tissues and types of cell walls (Figure 1; Table 1)
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FIGURE 1. O-acetylation of cell wall polysaccharides. (A) Generic representation of O-acetyl group as found at different -OH positions in many cell wall polysaccharides. Note the structural similarity between O-acetyl- and methyl ester-groups that decorate carboxylic acid residues in polygalacturonic acid. (B) Occurrence of O- acetyl groups in cell wall matrix polysaccharides (Voragen et al., 1986; Pauly and Scheller, 2000; MacKinnon et al., 2002; Teleman et al., 2002; Glushka et al., 2003; O’Neill et al., 2004; Ralet et al., 2005).



TABLE 1. Acetyl contents in lignocellulose from some common woody lignocelluloses in comparison to wheat straw.
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In the type I primary walls of softwoods and hardwoods, pectins [homogalacturonan (HG), rhamnogalacturonan I (RGI), and rhamnogalacturonan II] and xyloglucan (XG) are the main sources of O-acetyl groups, whereas in the type II primary walls of grasses, the main O-acetylated polymer is glucuronoarabinoxylan. The largest pool of acetyl residues in lignocellulose, however, comes from the secondary cell walls since they constitute the bulk of biomass. O-acetylation in glucuronoxylan and glucomannan, the main hemicelluloses in secondary cell walls of hardwoods and softwoods, respectively, is found on the O-2 and/or O-3 positions of the backbone xylopyranosyl or mannopyranosyl residues (Timell, 1967; Teleman et al., 2000; Capek et al., 2002; Willför et al., 2003; Gonçalves et al., 2008; Naran et al., 2009). The minor hemicelluloses are also xylan or mannan-based but more highly branched polymers: galactoglucomannan in hardwoods and glucuronoarabinoxylan in softwoods. Only the mannan is acetylated, suggesting that the function of xylan differs between softwoods and hardwoods.

Typical positions of acetyl groups in these polymers are shown in Figure 1, but species-specific positions also may exist (Hayashi, 1989; Pauly, 1999; Jacobs et al., 2002; Jia et al., 2005), and spontaneous migration of acetyl group between the neighboring free hydroxyls is possible (Kabel et al., 2003; Mastihubová and Biely, 2004). Acetylation level is described as degree of acetylation (DA), which is the molecular ratio between the total content of acetyl groups and the total content of monomers that can bear them. DA varied from 0.60 to 0.75 in aspen wood glucuronoxylan and from 0.3 to 0.4 in (galacto)glucomannan in the wood of aspen, birch and spruce (Teleman et al., 2000, 2003). Therefore the overall acetyl content is lower in softwoods than in hardwoods. Existence of specific domains with respect to acetylation, as known for pectin methyl esterification, is an intriguing possibility (Jacobs et al., 2002; Ralet et al., 2008).

Acetyl groups are also found in lignin, linked to the gamma-carbon of the aliphatic side chain of lignin S and G monomers and can be very variable (Del Rio et al., 2007). The highest levels, up to DA 0.8 of S monomers, are found in extraxylary fibers in jute, abaca, and kenaf. In hardwood xylem, lignin acetylation varies between 1 and 50% (w/w) whereas in softwood xylem it has not been reported. The function and consequences of such variability in lignin acetylation are unknown.

LIGNOCELLULOSE PROPERTIES AFFECTED BY POLYSACCHARIDE ACETYLATION

POLYMER ACETYLATION AFFECTS ITS INTERACTIONS WITH POLAR MOLECULES

Lignocellulose polysaccharides can be de-acetylated by alkali and re-acetylated by acetic anhydride, providing materials for studying of physico-chemical properties affected by acetylation. Such comparisons show that de-acetylated xylan absorbs more moisture than highly acetylated xylan because it offers more hydrogen bonding to water molecules (Grondahl et al., 2003). The weakly acetylated xylan (DA ~0.5) is totally soluble in water, whereas the totally acetylated xylan (DA 2.0) only dissolves in non-polar solvents like chloroform or polar aprotic solvents like dimethyl sulfoxide. The non-acetylated xylan (DA 0) is only partially soluble in hot water, due to spontaneous intra-molecular hydrogen bonding. De-acetylation of xylan also facilitates its bonding to cellulose (Kabel et al., 2007), whereas its acetylation could be a mean of increasing its interaction with hydrophobic substances like plastic used for making composite wood-based products (Lisperguer et al., 2007) or naturally occurring lignin.

WOODY BIOMASS DE-ACETYLATION IS IMPORTANT FOR PULPING, SACCHARIFICATION AND FERMENTATION

Wood is de-acetylated during the initial phases of chemical pulping, which consumes most of alkali during Kraft cooking (Zanuttini et al., 2003), and results in the accumulation of acetate in the spent liquor (Sjöström, 1993). Following de-acetylation, fibers swell, which improves their ion transport capacity and facilitates pulping (Sumi, 1964). In mechanical pulping, de-acetylation takes place after the refining step during the alkaline peroxide bleaching. In both pulping processes, de-acetylation of hemicelluloses improves their adsorption to cellulose, which in turn increases the yield and the tensile strength of paper (Laffend, 1967; Zanuttini et al., 2005; Konn et al., 2006).

To convert woody biomass to biofuels, such as bioethanol or biogas, the polysaccharides need to be first hydrolysed to monosaccharides, which are subsequently fermented to ethanol or methane. During saccharification, acetyl groups in xylans and mannans create steric hindrance for binding of many hydrolytic enzymes, which limits the extent of hydrolysis (recently reviewed by Biely (2012). For example, the action of endoxylanases is partially or completely hindered by acetyl groups (Biely et al., 1986; Grohmann et al., 1989). Sugar yields of β-xylosidases, β-mannosidases, and β-glucosidases are increased by the addition of suitable esterases, indicating that these hydrolytic enzymes cannot release acetylated terminal residues from hemicellulosic oligosaccharides. Acetylation of xylan also limits its hydrolysis by acid (Chen et al., 2012). De-acetylation of hemicelluloses is therefore a prerequisite for their saccharification, which in turn is important for opening cellulose surface to cellulolytic enzymes (Vazquez et al., 2001; Selig et al., 2009; Zhang et al., 2011).

Chemical de-acetylation of wood is stoichiometric, thus 100 g of aspen wood requires ~4 g of KOH for complete de-acetylation (Kong et al., 1992). Diluted alkali removed acetyl esters without affecting lignin or xylan, which increased total monosaccharide yield approximately fourfold. In similar experiments with American aspen, up to 90% de-acetylation improved cellulose and xylan conversion two and sevenfold, respectively (Holtzapple and Chang, 2000). Chemical de-acetylation, which is done prior the enzymatic hydrolysis, lowers the solubility and extractability of xylans and mannans limiting their hydrolysis (Tenkanen, 1995). In contrast, the enzymatic de-acetylation does not induce such undesirable changes since it is carried out simultaneously with saccharification.

De-acetylation of lignocellulose results in the accumulation of acetate in the medium, which depending on the pH, might be in a protonated form. Small amounts of acetic acid stimulate the metabolism of common yeast-strains (Maiorella et al., 1983; Almeida et al., 2007), but higher concentrations, starting at the levels typical for softwood processing, inhibit yeast growth and fermentation (Olsson and Hahn-Hägerdal, 1996; Ranatunga et al., 1997; Helle et al., 2003).

ACETYLATION OF SECONDARY BUT NOT PRIMARY WALLS INCREASES MECHANICAL STRENGTH

While the high hemicellulose acetylation is disadvantageous for pulping and biofuel production, it is often desirable in solid wood products. Wood acetic anhydride treatment, resulting in ~5–15% of weight gain, increases wood mechanical strength (modulus of elasticity and rupture) in both tension and compression experiments, but higher levels of acetylation are damaging (Ramsden et al., 1997; Papadopoulos and Pougioula, 2010). Interestingly, the acetylation is initially introduced to the secondary wall layers where hydroxyl groups of hemicelluloses are likely the main reactants, whereas prolonged treatment introduces acetyl to the middle lamella where pectins and lignin are the main targets (Rowell, 2009). Most likely it is the acetylation of xylan and mannan in secondary wall layers that is responsible for the increased stiffness, possibly by allowing more hydrophobic interactions with lignin.

Such a mechanism is not possible in non-lignified primary walls. Indeed, it has been shown that overexpression of pectin acetyl esterase (PAE) inhibited cell elongation in tobacco (Gou et al., 2012) and led to stiffer cell walls in potato tubers based on mechanical stress/strain experiments (Orfila et al., 2012). Moreover, primary cell wall acetylation was negatively correlated with cell adhesion (Liners et al., 1994). Since pectin acetylation, similarly, to methyl esterification, interferes with binding of calcium to polygalacturonic acid and formation of “egg-box” domains in cell wall (Ralet et al., 2003), pectin acetylation decreases cell wall stiffness.

ACETYLATION AFFECTS WOOD BIOTIC RESISTANCE

Since acetylation of xylan and mannan hinders their hydrolysis, chemical acetylation of wood has been used to increase its durability and resistance to fungi, bacteria, and termites (Peterson and Thomas, 1978; Mohebby, 2003; Rowell, 2009). It was therefore surprising to find that reduced acetylation in different polymers, XG and pectins – in rwa2 mutants, xylan – in lines overexpressing acetyl xylan esterase (AXE) from family carbohydrate esterase 1 (CE1), and pectin – in lines overexpressing rhamnogalacturonan acetyl esterase (RGAE), induced resistance to necrotrophic fungi (Manabe et al., 2011; Pogorelko et al., 2013). Moreover, whereas digestibility of pectins by Aspergillus pectinase was actually reduced by their de-acetylation (Gou et al., 2012), digestibility of cell walls of plants expressing either PAE or RGAE by pectinase/PME mixture was increased (Orfila et al., 2012; Pogorelko et al., 2013). Overexpressed esterases were shown to activate plant acetylation and defense pathways, and it has been proposed that the cell wall fragments generated as a result of de-acetylation may trigger the activation of plant innate immune responses (Pogorelko et al., 2013). Clearly, more studies are needed to understand how acetylation of different polymers affects their digestibilities in vivo and in vitro by different hydrolases to gain understanding of the role of their acetylation in biotic stress resistance.

ENZYMES DE-ACETYLATING LIGNOCELLULOSE POLYSACCHARIDES

DE-ACETYLATION OF XYLAN AND MANNAN

Polymeric xylan and xylo-oligosaccharides are de-acetylated by AXEs (EC 3.1.1.72). Short xylo-oligosaccharides can be also de-acetylated by non-specific acetyl esterases (AE; EC 3.1.1.6), which act mainly on the non-reducing end residues (Poutanen et al., 1990; Linden et al., 1994). AXEs and AEs have been found in wood-degrading fungi and bacteria (Biely et al., 1985; Dupont et al., 1996; Biely, 2012). The occurrence of true AXEs in plants has not been reported, although poplar PAE1 had some activity toward acetylated xylan (Gou et al., 2012).

Acetyl xylan esterases fall presently into eight of the 16 CE families (http://www.cazy.org/), including CE1–CE7, and CE16 (Table 2; Dodd and Cann, 2009; Biely, 2012; Gou et al., 2012). Most CE1–CE7 enzymes are serine esterases having Ser-His-Asp(Glu) triad or Ser-His diad in their active sites and use the catalytic mechanism with the formation of enzyme-Ser complex (acetylation), followed by the de-acetylation by activated water molecule. CE4 enzymes have a unique, Asp-His and divalent cation-dependent activity (Taylor et al., 2006; Biely, 2012).

TABLE 2. Examples of enzymes deacetylating plant cell wall poly and oligosaccharides.
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Different AEs and AXEs may exhibit preferences to different acetyl positions (Christov and Prior, 1993; Linden et al., 1994; Biely, 2012). For example, CE1, CE4, and CE5 AXEs have preference for position O-2, CE16 AEs for positions O-3 and O-4 (Biely et al., 2011) and CE2 AXEs for position O-6 in hexoses (Topakas et al., 2010). Many CE1 and CE2 AXEs have broad specificities for xylan and mannan. Acetyl glucomannan esterase (AGME, EC 3.1.1.- ) activity was shown in Aspergillus sp., and the enzyme was also capable of slow de-acetylation of xylan (Tenkanen et al., 1995). CE family for this enzyme remains to be identified.

DE-ACETYLATION OF PECTINS

Pectin acetyl esterases (EC 3.1.1.-) were found in plant and microbial species (Williamson, 1991; Breton et al., 1996; Shevchik and Hugouvieux-Cotte-Pattat, 1997, 2003; Gou et al., 2012). Plant PAEs belong to family CE13 and are secreted enzymes acting on O-2 and O-3 acetyl in HG. Arabidopsis and Populus have 12 and 9 CE13 members, respectively (Geisler-Lee et al., 2006). Genomic sequencing identified similar proteins in animals and bacteria, but corresponding activities have not been characterized. Bacterial PAEs of Erwinia chrysanthemi PaeX and PaeY, acting on demethylated oligomeric and polymeric HG, respectively, are classified in CE10 (Shevchik and Hugouvieux-Cotte-Pattat, 1997, 2003).

Rhamnogalacturonan acetyl esterase (EC 3.1.1.86) de-acetylates RGI at GalA O-2 and O-3 positions and belongs to CE12 (Molgaard et al., 2000). This activity has been shown in Aspergillus aculeatus (Schols et al., 1990), and in bacteria where it has broad substrate specificity including acetylated xylan and cephalosporin C (Martinez-Martinez et al., 2008; Navarro-Fernandez et al., 2008).

BIOSYNTHESIS OF ACETYLATED POLYSACCHARIDES IN PLANTS

O-acetylation of plant cell wall-polysaccharides takes place in the Golgi. In the case of HG, RGI, and XG, acetyl-CoA has been identified as a donor substrate (Pauly and Scheller, 2000). Proteins involved in polysaccharide acetylation are conserved in pro- and eukaryotes (Gille and Pauly, 2012). In fungi, animals and Gram-positive bacteria, the acetyl transfer to extra-cytoplasmic compartment and catalysis are performed by a single multifunctional protein Cas1p identified first in Cryptococcus neoformans. Cas1p has a set of 12 transmembrane domains (called Cas1p domain) that are proposed to form a channel for acetyl-CoA transfer, and two other domains, TRICHOME-BIREFRINGENCE-LIKE (TBL)-domain and DUF231 located at the extra-cytoplasmic side, that are involved in esterification and are conserved in serine esterases/lipases of SGNH superfamily including AXEs (Dodd and Cann, 2009).

In plants, two separate gene families are needed for acetylation of cell wall polymers. REDUCED WALL ACETYLATION (RWA) family, which has the Casp1 domain (Lee et al., 2011; Manabe et al., 2011), and TBL family, which has TBL and DUF231 domains (Anantharaman and Aravind, 2010; Bischoff et al., 2010a,b; Gille et al., 2011a).

Arabidopsis RWA family has four members. RWA1, RWA3, and RWA4 were suggested to redundantly regulate acetylation in secondary walls (Lee et al., 2011) whereas RWA2 was shown to be responsible for acetylation of XG and pectin (Manabe et al., 2011). Quadruple rwa1/2/3/4 mutants show 42% loss of acetyl groups in xylan and 40% reduction in stem acetyl content (Lee et al., 2011). These results indicate that RWA regulates acetylation in several polymers and is partially redundant with some other presently unknown proteins. Arabidopsis TBL family has 45 members (Anantharaman and Aravind, 2010). Two of them, TBL-27/AXY4 and TBL-22/AXY4L, are required for XG acetylation in vegetative tissues and in seeds, respectively, but do not affect acetylation of pectins, xylan or mannan (Gille et al., 2011a). Deep sequencing Amorphophallus konjac corm indicated that proteins similar to AtTBL-25 and AtTBL-26 might be mannan O-acetyltransferases (Gille et al., 2011b). Recently, the main putative xylan acetyl transferase has been identified as AtTBL-29/ESKIMO1 (Xiong et al., 2013). The eskimo1 mutants had 60% reduced acetylation of xylan and a smaller reduction in mannan acetylation but pectin or XG acetyl content was not affected. These results support the proposal that the TBL-family members encode acetyl transferases acting on specific polymers (Gille et al., 2011a; Gille and Pauly, 2012).

PROSPECTS FOR MODIFYING POLYSACCHARIDE O-ACETYLATION IN PLANTS

Different roles are emerging for acetylation in different plant polymers, for example regarding mechanical properties of pectin and xylan, as we have discussed here. Genetic tools are now in place to systematically modify acetylation in specific polysaccharides (but not yet in lignin), and to study mechanical properties of such modified plants. These studies, supplemented by in vitro analyses of the rheological properties of polymers, would provide a framework for understanding molecular mechanisms operating in cell walls that are affected by polymer acetylation.

Considering the high impact of polysaccharide acetylation for downstream utilization of woody lignocellulose, it appears that DA of different polymers is an important target for the feedstock improvement. Surprisingly, the knowledge of natural variation of these traits in tree species is virtually missing. One major obstacle for gathering such data and including acetylation traits in conventional breeding programs is the shortage of high throughput analytical tools for detailed analysis of degree and position of acetylation in different plant cell wall polysaccharides.

However, genetic engineering of feedstocks with altered acetylation seems feasible in a near future. Based on studies published since 2011, it appears that moderate (by ~20%) reduction of general acetylation levels, in planta by mutating biosynthetic genes (Lee et al., 2011; Manabe et al., 2011) or by introducing an AXE to the apoplast for post-synthetic acetyl removal (Pogorelko et al., 2011) is tolerated by herbaceous species, however, too strong de-acetylation of xylan might lead to undesirable molecular changes in cell wall (Poutanen et al., 1990) resulting in growth defects as observed in the rwa1/2/3/4 and tbl-29 mutants (Lee et al., 2011; Xiong et al., 2013). Also, post-synthetic de-acetylation of pectins was shown to affect stem and reproductive organ growth (Gou et al., 2012). Thus, the kind of polymer affected, and the degree of de-acetylation matter for plant performance and might need to be optimized. Increased acetylation in planta, which might be desirable in solid wood products, has not been so far demonstrated. The overexpression of TBL-29 did not result in higher acetyl content in Arabidopsis (Xiong et al., 2013). Thus it is not yet known if increase of cell wall acetylation can be obtained and tolerated by plants.

Little is known about the performance of acetyl-modified plants in various applications or about the goals for acetyl optimisation. For example, extractability of polymers is likely a key parameter that is affected by acetylation, and has not received much attention. Saccharification is another matter – although xylan acetylation restricts its hydrolysis, opposite results have been obtained with pectin (Gou et al., 2012). Only a few reports exist on acetyl-modified plants where the cell wall context and type of pretreatment come into play: saccharification yields of rwa1/2/3/4 mutants were not increased compared to wild type in tests without pretreatment (Lee et al., 2011) whereas tbl-29 mutant showed a 10% decrease in glucose yield per cell wall mass (Xiong et al., 2013). However, taking into account ~20% reduction in cellulose content in tbl-29 would reveal that a higher proportion of cellulose was hydrolysed in the mutant than in wild type. ~20% reduction in acetyl content in plants overexpressing AXE did not improve saccharification after acid pretreatment (Pogorelko et al., 2011). Clearly, analysis of a range of transgenic lines with different levels of de-acetylation, using standardized protocols is needed to optimize their acetyl level taking into account both plant and lignocellulose performance in a process.
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Pectin is a component of the cell walls of plants that is composed of acidic sugar-containing backbones with neutral sugar-containing side chains. It functions in cell adhesion and wall hydration, and pectin crosslinking influences wall porosity and plant morphogenesis. Despite its low abundance in the secondary cell walls that make up the majority of lignocellulosic biomass, recent results have indicated that pectin influences secondary wall formation in addition to its roles in primary wall biosynthesis and modification. This mini-review will examine these and other recent results in the context of biomass yield and digestibility and discuss how these traits might be enhanced by the genetic and molecular modification of pectin. The utility of pectin as a high-value, renewable biomass co-product will also be highlighted.
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INTRODUCTION

In a society with an increasing demand for renewable energy, plant species as diverse as switchgrass, sugarcane, Miscanthus, Jatropha, poplar, willow, and Agave have been put forward as candidates for lignocellulosic feedstocks to produce liquid biofuels with low net greenhouse gas emissions (Carroll and Somerville, 2009; Somerville et al., 2010). However, many challenges and limitations remain for the economical and efficient conversion of biomass to biofuel (Somerville et al., 2010). Two central challenges are the recalcitrance of biomass to degradation by enzymes into its component sugars, and the fact that plant biomass contains many different hexose and pentose monosaccharides, all of which must be converted into useful products in order to capture the full energy content and value of lignocellulosic feedstocks.

Pectin is a major component of the primary cell walls of dicotyledonous plants and is also present in smaller amounts in the secondary walls of dicots and both types of cell walls in monocots (Vogel, 2008). Pectins are highly complex polysaccharides and are composed of at least four subclasses: homogalacturonan (HG), rhamnogalacturonan (RG-I), RG-II, and xylogalacturonan (XGA; Mohnen, 2008). The backbones of HG, RG-II, and XGA consist of α-1,4-linked galacturonic acid (GalA) residues that can be methyl-esterified at the C6 carboxyl group and/or acetylated at O2 or O3, whereas the backbone of RG-I is composed of alternating rhamnose and GalA residues. RG-II possesses complex side chains with at least 12 different types of sugars, RG-I contains structurally diverse side chains consisting mainly of arabinose and galactose along with other sugars, and XGA is essentially HG with added β-1,3-xylosyl side groups (Mohnen, 2008). The synthesis of pectic polysaccharides is estimated to involve at least 67 different enzyme activities, including glycosyltransferases, methyltransferases, and acetyltransferases (Mohnen, 2008; Harholt et al., 2010). Several excellent reviews discuss the details of pectin structure and biosynthesis (Ridley et al., 2001; Willats et al., 2001; Mohnen, 2008; Harholt et al., 2010), which will not be further elaborated upon here.

ROLES OF PECTIN IN PLANT DEVELOPMENT AND BIOMASS YIELD

Pectin biosynthesis, function, modification, and degradation are involved in several key processes during plant development, including cell wall expansion, cell adhesion, organ formation, cell separation, and phyllotactic patterning (Wolf et al., 2009). Pectin is synthesized in the Golgi apparatus (Moore and Raine, 1988; Moore et al., 1991), which in plants is also the assembly site for glycoproteins, proteoglycans, and other complex polysaccharides (Parsons et al., 2012). Pectin is secreted into the apoplast (the extracellular space that contains the cell wall) in a highly methyl-esterified form (Driouich et al., 2012). One unanswered question is the extent to which pectin and other wall components are sorted during synthesis and trafficking, and whether they first interact with one another before or after secretion.

In the apoplast, pectin can be de-methyl-esterified by the activity of pectin methylesterases (PMEs; Micheli, 2001), and the carboxyl groups of GalA residues can then form intermolecular Ca2+-mediated crosslinks (Vincken et al., 2003). Additionally, borate diesters can form between the apiose groups of different RG-II molecules, causing them to dimerize (Kobayashi et al., 1996). These crosslinks are generally thought to increase cell wall stiffness: for example, premature de-methyl-esterification restricts hypocotyl elongation in dark-grown Arabidopsis thaliana (Arabidopsis) seedlings (Derbyshire et al., 2007), and digestion by fungal pectinases or chelation of Ca2+ by ethylene glycol tetraacetic acid (EGTA) restores the susceptibility of cucumber hypocotyls to the activity of wall-loosening expansins in vitro (Zhao et al., 2008). However, recent research has suggested that pectin de-methyl-esterification might also increase its susceptibility to enzymatic degradation, loosening the wall: for instance, pectin de-methyl-esterification facilitates organ primordium initiation in Arabidopsis shoot apical meristems (Peaucelle et al., 2011), and overexpression of PMEI4 delays the growth acceleration of dark-grown Arabidopsis hypocotyls (Pelletier et al., 2010). Depending on its consequences, the methyl-esterification status of pectin can thus have complex effects on plant growth (Peaucelle et al., 2012).

Intriguingly, overexpression of a PME inhibitor (PMEI) has resulted in increased biomass in transgenic Arabidopsis, as well as slightly increased biomass in transgenic wheat, although the latter difference was not significant (Lionetti et al., 2010). Taken together, the above results suggest that the timing and extent of pectin crosslinking likely influence the growth rate, persistence of expansion, final size, and/or growth robustness of plant tissues, which could in turn influence overall crop yields. Further analysis and manipulation of the links between pectin modification and biomass yield will be an important future research avenue.

PECTIN AND SECONDARY WALL FORMATION

In addition to its well-established role in primary wall biosynthesis and expansion, some studies have provided evidence for the importance of pectin in secondary cell wall biosynthesis and modification. PME genes are expressed in the expanding wood cells of poplar (Siedlecka et al., 2008) and in the stem, phloem, and xylem of southern blue gum (Eucalyptus globulus; Goulao et al., 2011). In E. pilularis, single-nucleotide polymorphism (SNP) alleles of PME6 associate with cellulose, lignin, and pulp yield, whereas alleles of PME7 associate with cellulose, pulp yield, and wood shrinkage (Sexton et al., 2012). Pectin-associated β-1,4-galactans have also been detected in the secondary walls of tension and compression wood (Mellerowicz and Gorshkova, 2012), and upregulation of both pectin-modifying and secondary wall biosynthetic genes has been detected in Arabidopsis plants placed under mechanical load (Koizumi et al., 2009). However, these analyses only provide correlative evidence, and genetic, biochemical, and mechanical experiments are required to establish a clearer link between pectin modification and secondary wall formation. In a pioneering study along these lines, Arabidopsis mutants lacking PME35 gene function displayed reduced mechanical integrity in their stem interfascicular fibers (Hongo et al., 2012). Interestingly, all of the above studies highlight pectin-modifying or -degrading genes rather than pectin biosynthetic genes, implying that pectin modification, instead of its synthesis, is an important aspect of secondary wall development.

Among plant lineages, the presence of RG-II correlates with upright growth, and an increased amount of borate crosslinked RG-II in the cell walls has been postulated to have facilitated the evolution of lignified secondary walls in vascular plants (Matsunaga et al., 2004), implying that pectin might continue to play a role in the early stages of secondary wall deposition. Finally, lignin polymerization, which is an important phase of secondary wall formation in many cell types, has been postulated to initiate in the pectin-rich middle lamella that lies between the walls of adjacent cells (Figure 1A), suggesting that there may be a functional connection between these polymers (Westermark et al., 1986). Support for this hypothesis is provided by the finding that addition of pectin affects the in vitro dispersion and polymerization of lignin in cellulose networks produced by Gluconacetobacter xylinus (Touzel et al., 2003). However, additional evidence will be required to establish a clear and direct connection between pectin biosynthesis and/or modification and secondary wall formation.
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FIGURE 1. Location and roles of pectins in biomass. (A) Schematic of plant cell showing arrangement of cell walls; pectin is abundant in the primary walls synthesized by growing cells (brown) and the middle lamella that adheres adjacent cells (blue), but is also present in lower amounts in secondary walls produced after the cessation of growth (gray). Inset at lower right is a simplified model of the primary cell wall showing one possible arrangement of cellulose microfibrils (green), hemicellulose (red), and pectin (blue). (B) Pectin-rich biomass can be derived from lignocellulosic feedstocks or naturally pectin-rich plant material, after which it can be processed into pectin-derived high-value bioproducts and/or saccharified and fermented into biofuel. (C) Potential positive impacts of pectin modification in bioenergy crop plants on biomass processing. In some cases, pectin modification might allow for the elimination of processing steps, such as pectin extraction (curved arrow in B).



PECTIN AND CELL ADHESION

Intercellular adhesion is a basic feature of plant development and contributes to plant morphogenesis (Knox, 1992). Cell adhesion occurs primarily at the middle lamella, which contains abundant pectins, especially in the reinforcing zones (Jarvis et al., 2003). However, the exact makeup of pectin in the middle lamella is unclear, with some evidence indicating that pectin in this region is mainly composed of RG-I (Moore and Raine, 1988) and other work describing a preponderance of HG (Knox et al., 1990; Willats et al., 1999; Bush et al., 2001). HG chains might also contribute to cell adhesion by crosslinking to other wall components via uronyl esters (Sobry et al., 2005). Antibody labeling of pectin epitopes has provided circumstantial evidence for the function of pectin in cell adhesion (Parker et al., 2001; Sobry et al., 2005), but additional evidence that directly extrapolates the adhesive forces between individual pectin molecules to those between adjacent cells would be informative.

Defective cell adhesion in several mutants has been attributed to insufficient HG–Ca2+ complexes, branched RG-I polysaccharides, and/or RG-II dimerization (Rhee and Somerville, 1998; Thompson et al., 1999; Shevell et al., 2000; Neumetzler et al., 2012). Arabidopsis mutants lacking functional copies of the QUASIMODO1 (QUA1) gene, which encodes the putative GalA transferase GALACTURONOSYLTRANSFERASE 8 (GAUT8), display reduced stature, pectin content, and cell adhesion (Bouton et al., 2002; Leboeuf et al., 2005). Mutants lacking another Arabidopsis putative glycosyltransferase, ECTOPICALLY PARTING CELLS 1 (EPC1), also display defective cell adhesion (Singh et al., 2005). However, direct evidence of the role of EPC1 in pectin biosynthesis and cell adhesion is lacking. Mutation in a putative pectin methyltransferase gene, QUA2/TUMOROUS SHOOT DEVELOPMENT2 (TSD2), causes reduced cell adhesion and inhibition of shoot development (Krupkova et al., 2007; Mouille et al., 2007). In addition, it has also been shown that polygalacturonases (PGs), which cleave de-methyl-esterified HG, can affect cell adhesion: overexpression of a PG gene in apple trees led to altered cell wall adhesion, resulting in abnormal cell separation and plant morphology (Atkinson et al., 2002).

The opposite of cell adhesion, controlled cell separation, occurs in specific tissues and developmental stages in plants and involves the selective degradation of pectin in the middle lamella (Lewis et al., 2006). Artificially controlling cell separation processes might enhance the degradability of engineered biomass feedstocks by increasing the ease with which their cells can be separated by mechanical and/or enzymatic treatments, exposing more surface area to wall-degrading enzymes. However, plants displaying increased cell separability must also maintain growth robustness and disease resistance; thus, inducibly controlled cell separation might be preferable to constitutive activation of this process in future biomass feedstocks (Figure 1B).

PECTIN AND BIOMASS PROCESSING

To efficiently produce biofuels from raw biomass feedstocks, the optimization of methods for pectin extraction and degradation is necessary (Fissore et al., 2011; Min et al., 2011). This is true for two reasons: first, pectin can affect the accessibility of other cell wall components to enzymatic degradation, and second, the sugars contained in pectin itself represent captured photosynthetic energy. In most biomass processing schemes, biomass is first pretreated to disrupt cell wall structure, then saccharified by enzymatic, chemical, or thermal treatment. However, the architectural properties of cell walls, which have been modeled as a cellulose–hemicellulose network embedded in a pectin matrix (Figure 1A; Cosgrove, 2000; Dick-Perez et al., 2011), suggest that pectins might mask cellulose and/or hemicellulose (Marcus et al., 2008, 2010), blocking their exposure to degradative enzymes. In fiber hemp processing, pectinase treatment has recently been shown to increase yields of GalA and neutral monosaccharides, and removal of pectin led to increased cell wall surface, improving the accessibility of cellulose to degradative enzymes (Pakarinen et al., 2012). Moreover, modification of pectin by expressing a PG or a PMEI to reduce the total amount of de-methyl-esterified HG in Arabidopsis, tobacco, or wheat significantly increased the efficiency of enzymatic saccharification (Lionetti et al., 2010), although PG expression, but not PMEI expression, also led to reduced biomass accumulation in transgenic plants.

The acetyl groups contained in pectin are generally thought to increase biomass recalcitrance by reducing the susceptibility of pectin to enzymatic degradation (Gille and Pauly, 2012). However, surprising results in a recent study (Gou et al., 2012) showed that reduction of pectin acetylation in tobacco by overexpression of a poplar (Populus trichocarpa) pectin acetylesterase (Pt PAE1) in fact led to lower susceptibility of pectin to degradation, throwing the conventional view into question. Interestingly, the floral styles and filaments of transgenic plants displayed reductions in monosaccharides associated with pectins and increases in monosaccharides associated with cellulose and hemicelluloses (Gou et al., 2012), suggesting that compensatory changes in cell wall composition took place in these tissues. In another study, heterologous expression of a mung bean PAE in potato tubers resulted in stiffer tuber tissue, implying that the cell walls of transgenic tubers were mechanically stronger (Orfila et al., 2012). The generation and analysis of biomass crop plants overexpressing PAEs should indicate whether manipulating pectin acetylation levels will in fact enhance biomass for biofuel production. The accumulation of acetate in saccharified biomass, which is derived mainly from de-acetylation of xylans but also arises partly from pectin de-acetylation, can act as a potent inhibitor of biofuel conversion (Gille and Pauly, 2012), and the partial reduction of cell wall acetylation by modulating pectin acetyltransferase and/or acetylesterase activities might therefore improve microbial viability during fermentation and enhance the conversion efficiency of biomass to biofuel (Figure 1B).

Because of its crosslinking and water complexation properties, pectin is also a determinant of cell wall porosity (Willats et al., 2001). In one study, treatment with pectin-degrading enzymes such as endo-PGs increased wall pore size and the ability of larger molecules to pass through the wall (Baron-Epel et al., 1988); however, treatment with cellulysin or protease did not affect porosity, implying that pectin rather than cellulose is a major mediator of wall porosity. Wall porosity is also regulated by borate diester-coupled RG-II linkages (O’Neill et al., 1996; Fleischer et al., 1999). In the walls of pollen tubes, which have unique composition and mechanical properties, pectin influences both cell wall porosity and mechanical strength (Derksen et al., 2011). Because the average pore size in cell walls is similar to that of many globular proteins (Carpita et al., 1979), increased wall porosity should correlate with higher diffusion rates and accessibility to wall components for degradative enzymes during biomass processing. A relatively unexplored idea is the extent to which the aforementioned effects of pectin on wall rigidity might influence the physical properties of biomass during pretreatment. Conceivably, stiffening cell walls by the manipulation of Ca2+-mediated pectin crosslinks might enhance the fracturability of biomass, but experimental support for this idea is currently lacking.

BIOFUELS FROM PECTIN-RICH FEEDSTOCKS

Although lignocellulosic biofuels are a promising renewable energy resource, the recalcitrance of biomass to degradation presents a major roadblock to their production. To increase biofuel yields, one strategy is to improve the conversion efficiency of plant cell walls to bioethanol (Jordan et al., 2012). The conversion process can be simplified by altering lignocellulose composition in bioenergy crop plants through genetic and molecular engineering (Demura and Ye, 2010; Pauly and Keegstra, 2010). Another strategy is to exploit existing plants with large amounts of easily digestible biomass (Somerville et al., 2010). At present, bioethanol is mainly produced from corn in the United States (Jordan et al., 2012), where the government has set a goal to produce 30% of liquid transportation fuels from biomass by 2030 (Demura and Ye, 2010). Like starch, pectins are largely water-soluble and relatively easy to degrade in comparison to other wall components. Pectins are abundant in waste residues of fruits and vegetables, which could be used as feedstocks for ethanol production. These pectin-rich residues have in many cases already been pretreated or processed and contain low lignin levels, which should facilitate the deconstruction of their cell walls and reduce the usage of degradative enzymes (Edwards and Doran-Peterson, 2012). So far, several pectin-rich materials, including sugar beet pulp (Rorick et al., 2011), citrus waste (Lopez et al., 2010; Pourbafrani et al., 2010), and apple pomace (Canteri-Schemin et al., 2005) have been analyzed as bioenergy feedstocks. Recent research has also indicated that potato pulp is an attractive raw material for bioethanol production since it contains abundant polysaccharides (Lesiecki et al., 2012). The use of pectin-rich resources as bioenergy feedstocks will require saccharification and fermentation methods that are optimized for the suite of sugars they contain, and efforts are already underway to generate microbial bioprocessing strains tailored to these materials (Edwards et al., 2011).

PECTIN AS A HIGH-VALUE BIOMASS CO-PRODUCT

As a natural complex polysaccharide, pectin plays important industrial roles in several fields. Its physical and chemical properties make it a valuable material in the food and pharmaceutical industries (May, 1990). As a food additive, pectin is mainly used as a gelling agent in jams, a thickening and stabilizing agent in drinks, and as a gelatin substitute in baked foods (Srivastava and Malviya, 2011). Recent work has shown that the field application of pectin-derived oligosaccharides (PDOs) improves the coloration and anthocyanin content of seedless grapes (Ochoa-Villarreal et al., 2011), and recombinant PME has been used to increase the hardness of fruit products and reduce the turbidity of fruit juices (Jiang et al., 2012b).

Pectin is part of the soluble dietary fiber that exists in all fruits and vegetables and is thus beneficial for human health. Pectin consumption has been demonstrated to reduce blood cholesterol levels in humans, although the pectins used in these studies were administered at high doses and were not precisely characterized (Brouns et al., 2012). Modified citrus pectin (MCP) has been shown to enhance the immune system’s ability to prevent metastasis (Hurd, 1999) and inhibit cancer cell growth (Nangia-Makker et al., 2002; Jackson et al., 2007; Yan and Katz, 2010; Maxwell et al., 2012). The MCP functions synergistically with other compounds in inhibiting cancer cell growth (Jiang et al., 2012a), which is a promising result for the development of anti-metastatic drugs (Glinsky and Raz, 2009). Specifically, the RG-I component of pectin might contribute to its anticancer activity (Cheng et al., 2012). Because of its structural malleability, biodegradability, and tunable porosity, pectin is also used as a surface modifier for medical devices (Morra et al., 2004) and a material for biomedical applications including drug delivery, gene delivery, and tissue engineering (Munarin et al., 2011, 2012). These applications make pectin, either in its unmodified or derivatized forms, a potentially high-value component of biomass (Figure 1C).

CONCLUSION

Pectins are one of the most structurally complex classes of molecules in nature, and it is perhaps due to this complexity that they serve a multitude of functions during plant growth and development. Depending on the feedstock, processing regime, and desired end products, pectin can be viewed either as a hindrance to biomass degradability, a source of fermentable sugars in its own right, or a potentially valuable co-product of biofuel production. A more comprehensive understanding of pectin structure and the mechanisms of its synthesis, modification, and degradation will allow for the enhancement of efforts to grow and utilize plants as renewable sources of food, materials, and energy.
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In the conversion of woody biomass feedstocks into liquid fuel ethanol, the pretreatment process is the most critical and costly step. Variations in biomass composition based on genetic differences or environmental effects have a significant impact on the degree of accessibility accomplished by pretreatment and subsequent sugar release by enzymatic hydrolysis. To evaluate this, biomass from 10 genetically diverse, genotypes of shrub willow (Salix spp.) was pretreated with a hot-water process at two levels of severity, hydrolyzed using a combination of two commercial enzyme cocktails, and the release of hexose and pentose monomers was quantified by high-performance liquid chromatography. Among the genotypes selected for analysis, cellulose content ranged from 39 to 45% (w/w) and lignin content ranged from 20 to 23% (w/w) at harvest. Differences in the effectiveness of the pretreatment process were observed among the various willow genotypes. Correlations were identified between total sugar release and % cellulose and % lignin content. There was a significant effect of pretreatment severity on polysaccharide accessibility, but the response to pretreatments was different among the genotypes. At the high severity pretreatment ‘SV1’ was the least recalcitrant with sugar release representing as much as 60% of total biomass. These results suggest that structural, as well as chemical characteristics of the biomass may influence pretreatment and hydrolytic efficiency.
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INTRODUCTION

The reduction of US dependency on foreign oil will require the production of domestic renewable transportation fuels from lignocellulosic biomass as alternative energy sources. The Energy Independence Security Act of 2007 has mandated an increase in the renewable fuel standard to 36 billion gallons of renewable fuels by 2022 (H.R., 2007). To reach this goal within the next decade and prevent competition for food crops such as corn, the conversion processes of lignocellulosic biomass into fermentation products, such as ethanol or butanol has to be improved. Dedicated energy crops, including perennial grasses and short-rotation woody crops, such as hybrid poplar (Populus spp.) and shrub willow (Salix spp.), will be crucial in the economic viability of renewable fuel production.

The feasibility of generating biofuels from lignocellulosic energy crops is largely dependent on cost reductions throughout the production cycle and conversion process. Converting lignocellulosic material into ethanol involves four major steps: pretreatment, hydrolysis, fermentation, and product purification or distillation (Lynd, 1996). Pretreatment processes break apart the highly recalcitrant lignocellulosic material mechanically or chemically to make cellulose and hemicelluloses more accessible for hydrolysis. This requires a large amount of energy and is the most expensive step both economically and energetically (Lynd, 1996; Himmel et al., 2007; Yang and Wyman, 2008). Overcoming this recalcitrance and improving cellulose digestibility are key research areas for making cellulosic ethanol profitable and involve improvements in pretreatments and hydrolysis. However, there is also potential for cost reductions by identifying and breeding feedstocks with improved sugar release capabilities that are optimal for biofuel production (Guo et al., 2009; Brereton et al., 2010).

Shrub willow bioenergy crops have many desirable characteristics for feedstock and biomass production. With their coppicing ability and vigorous juvenile growth they can produce high biomass yield (>11 odt (oven dried tonnes) ha-1 year-1) on marginal land not suitable for conventional food crops (Volk et al., 2011). Since there has been little cultivation and domestication of shrub willow crops, there is a broad genetic resource available for breeding and a high level of genetic diversity to utilize in the genus Salix, consisting of over 300 species. Selection for pest and disease resistance and improvements in yield has been successful in Sweden, UK, and US (Ahman and Larsson, 1994; Karp et al., 2011; Höglund et al., 2012; Serapiglia et al., 2012).

It has been shown that shrub willow has high phenotypic variation for biomass composition (Serapiglia et al., 2009), owing to differences in cell wall characteristics. Several studies have shown a relationship between lower lignin content in the biomass and improved sugar release, indicating that lignin contributes to the recalcitrance of the cell wall (Chen and Dixon, 2007; Jackson et al., 2008; Studer et al., 2011). However, lignin content is not the only contributing factor for sugar release. Further research is required to elucidate the impact of cell wall chemistry and its components on polysaccharide accessibility to improve breeding strategies.

In this study, we investigated the biomass compositional variation among 30 unique genotypes of shrub willow planted at a single site and examined sugar release following enzymatic hydrolysis of untreated biomass. Further examination of 10 selected genotypes included a hot-water pretreatment at two severity levels followed by enzymatic saccharification to quantify sugar release and the conversion to ethanol utilizing a simultaneous saccharification and fermentation (SSF) method. The goal of this project was to determine if differences in biomass compositional characteristics among genotypes of shrub willow affect the release of sugars from enzymatic saccharification and the conversion efficiency to ethanol.

MATERIALS AND METHODS

SOURCE MATERIAL AND BIOMASS COLLECTION

Thirty genotypes of willow were hand planted in May 2006 using 25-cm cuttings in double row spacing in four completely randomized blocks in the 2006 Yield Trial in Constableville, NY, USA (Table 1). The trial was coppiced at the end of the first growing season, and after the third post-coppice season, willow stems were harvested in December 2009. Stems were chipped and the four replicates pooled. Biomass yield was measured and a sub-sample was collected, dried, and weighed to determined moisture content at harvest, which allowed estimation of dry weights. For this, chips were dried to a constant weight at 60°C and ground in a Wiley mill through a 20-mesh screen. Further fine milling to 0.5 mm particle size was performed using an MF 10 analytical mill (IKA, Wilmington, NC, USA). In addition, a 25-cm section was collected from the middle of a typical canopy stem of one plant in each plot to determine wood density by volumetric displacement (TAPPI Standard T 258 om-06, 2006).

TABLE 1. Shrub willow genotypes used in this study harvested from the 2006 Constableville yield trial.
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HIGH-RESOLUTION THERMOGRAVIMETRIC ANALYSIS

Unextracted willow biomass samples were analyzed by thermogravimetric analysis (Thermogravimetric Analyzer 2950, TA Instruments, New Castle, DE, USA with TA Universal Analysis 2000 software) according to Serapiglia et al. (2009). Each biomass sample was analyzed with three instrumental replicates. Results obtained from this analysis were expressed as % cellulose, hemicelluloses, lignin, and ash as a proportion of total dry biomass.

HOT-WATER PRETREATMENT

Dried, unextracted, ground biomass was soaked to saturation in water overnight at 4°C. All samples were filtered through Büchner funnels with 15 cm Whatman filters (grade 1). Dry weight was determined in triplicate by drying sub-samples of approximately 2 g overnight at 105°C. The willow biomass at a solid loading of 20% (w/w) with water was pretreated in 316 stainless steel tube reactors fitted with 316 stainless steel caps (Swagelok, USA) to prevent evaporation of the liquid fraction. All samples were pretreated at 200°C in a fluidized sand bath (Techne Precision, USA) with two different resonance times of 5 and 9 min, allowing for 5 min of heat-up time. All samples were pretreated in duplicate. Rapid cooling was achieved by quenching all reactors in an ice bath for 10 min. All samples were transferred to storage containers. Moisture content and total solids was determined for all samples before continuing with enzymatic hydrolysis or ethanol production. The pretreatment was adjusted to a log R0 severity of 3.6 and 3.9 (Eq. 1). Severity was defined as
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where t is the time (minute) and T the temperature (°C).

ENZYMATIC HYDROLYSIS

Enzymatic hydrolysis was performed with non-pretreated, non-extracted biomass from all 30 willow genotypes and with pretreated biomass from 10 selected genotypes according to an established National Renewable Energy Laboratory (NREL) protocol (Selig et al., 2008). For the non-pretreated biomass samples, 200 mg of dry biomass was added to 20 mL scintillation vials. For the pretreated biomass, wet biomass equivalent to 200 mg dry biomass was used. Five milliliters of a 0.1-M sodium citrate buffer (pH 5) and 500 μL of a 100-μg mL-1 natamycin solution were added to all samples. Two commercially produced enzyme mixes were used for hydrolysis: 100 μL of Cellic® CTec2 (Novozymes, Wilmington, DE, USA), which is a blend of cellulases, β-glucosidases, and hemicellulase and 20 μL of Cellic® HTec2 (Novozymes), which contains additional endoxylanases. All samples were brought to 10 mL total volume using deionized water. The samples were capped and placed in a shaker-water bath at 50°C for 48 h at 200 rpm. Following incubation, samples were filter sterilized (0.45 μm nylon, Grace, Deerfield, IL, USA) for sugar analysis. The collected dry biomass was weighed, and sub-samples were collected for moisture and total solid determination.

SUGAR QUANTIFICATION

Sugars were quantified by high-performance liquid chromatography (HPLC) using a Shimadzu Prominence System (Columbia, MD, USA) consisting of a DG-20A3 in-line degasser, LC-20AB binary pump, SIL-10AD auto-sampler, CTO-20AC column oven, and RID-10A refractive index detector. Following filtration (0.22 μm, nylon membrane, Whatman) 20 μL sample was injected and separated using a sulfonated styrene-divinylbenzene stationary phase (300 mm × 7.8 mm i.d., Aminex HPX-87P, Bio-Rad, Hercules, CA, USA) preceded by a cartridge type pre-column (30 mm × 4.6 mm i.d., de-ashing phase, Bio-Rad) at 85°C. The mobile phase consisted of ASTM Class I water (Arium 611UV, Sartorius, Germany) and the flow rate was 0.5 mL min-1. Data analysis was carried out using the software supplied (LC Solution v.1.23, Shimadzu).

ETHANOL PRODUCTION BY SSF

Simultaneous saccharification and fermentation was performed on pretreated biomass from 10 selected genotypes. Fermentation studies were performed at a 20-mL scale in sealed serum bottles using unextracted, non-dried pretreated material at a final concentration of 50 g L-1 (oven dried basis). A medium comprised of 12 g L-1 corn steep liquor and 0.5 g L-1 diammonium phosphate, buffered by 50 mM acetate and adjusted to an initial pH of 5.5, was used. Penicillin G was added at a final concentration of 30 μg mL-1 to inhibit potential bacterial contaminants. Hydrolysis was accomplished through the addition of 60 μL Cellic® CTec2 and 6 μL Cellic® HTec2. An engineered, xylose-fermenting strain of Saccharomyces cerevisiae (Mascoma Corporation) was inoculated at 0.5 g L-1 dry cell weight (DCW) for fermentation at 35°C at 150 rpm. After 73 and 120 h of fermentation, samples were withdrawn, filtered, acidified, and analyzed by HPLC for ethanol, organic acids, and sugar monomers using an Agilent 1100 System with a refractive index detector (Santa Clara, CA, USA). All samples were separated on an Aminex HPX-87H column with a mobile phase consisting of 0.01 N sulfuric acid with a flow rate of 0.6 mL min-1 (Sluiter et al., 2008). All samples were analyzed using ChemStation (Agilent).

STATISTICAL ANALYSIS

All statistical analyses were performed using SAS® version 9.2 at a critical α = 0.05 (SAS Institute Inc., 2000–2004). SAS PROC UNIVARIATE was used to summarize the data distribution for all variables analyzed. PROC GLM was used to perform analysis of variance. When a significant difference (P < 0.05) was observed, Tukey’s mean studentized range test was used for pairwise comparisons. PROC CORR was used to identify any significant correlations among variables obtained in this study.

RESULTS

BIOMASS COMPOSITION AND WOOD DENSITY

All compositional traits were significantly different (P < 0.05) by genotype (Figure 1). Cellulose showed the greatest variation among the genotypes ranging from 38 to 45%. ‘Tully Champion’ had the greatest cellulose content with low lignin, hemicelluloses, and ash content. The lowest lignin content was observed in ‘Allegany.’ The ash content was <3% of the total biomass in all cultivars. Wood density was significantly different by genotype with ‘SV1’ having the greatest density at 0.48 g cm-3 (Figure 2). Density ranged from 0.48 to 0.35 g cm-3.
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FIGURE 1. Willow composition as percent dry weight (mean ± SE of three replicates) at harvest after 3 years of growth at Constableville, NY, USA as determined by high-resolution thermogravimetric analysis. Black bars indicate 10 genotypes selected for pretreatment. (A) Cellulose, (B) hemicelluloses, (C) lignin, and (D) ash. Least significant differences (LSDs) from Tukey’s studentized range test are indicated on each graph.
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FIGURE 2. Wood density (mean ± SE of three replicates) from 3 year growth at Constableville, NY, USA. Black bars indicate 10 genotypes selected for pretreatment. Least significant difference (LSD) from Tukey’s studentized range test is indicated.



SUGAR RELEASE OF UNTREATED AND PRETREATED BIOMASS

Sugar release from untreated biomass was minimal, but there were significant differences by genotype (Figure 3). Based on this evaluation, 10 genotypes were selected for further analysis. Hot-water pretreatments improved sugar release in all experiments in a genotype-specific fashion (Figure 4). Except for ‘SX61,’ hot-water pretreatment with the 3.9 severity lead to greater sugar yields. The greatest sugar yield was observed in ‘SV1’ after the higher severity pretreatment of 3.9. After the 3.6 severity pretreatment, ‘Fabius’ had the greatest sugar released and only a small increase in sugar release was observed when the pretreatment severity was increased. For ‘SX61,’ there was no significant difference between the two pretreatment times.
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FIGURE 3. Total sugar released (mean ± SE of three replicates) after enzymatic hydrolysis on untreated biomass. Black bars indicate 10 genotypes selected for pretreatment. Least significant difference (LSD) from Tukey’s studentized range test is indicated.
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FIGURE 4. Total sugar released (mean ± SE of three replicates) after enzymatic hydrolysis on untreated and hot-water pretreated biomass.



ETHANOL PRODUCTION BY SSF

Ethanol production was significantly different by genotype with the greatest ethanol yield from ‘SX64’ and ‘SV1’ (Figure 5). The increase in fermentation time from 73 to 120 h showed a significant increase in ethanol production across all genotypes, except for ‘Preble.’
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FIGURE 5. Ethanol yield (mean ± SE of three replicates) from simultaneous saccharification and fermentation after two incubation times.



CORRELATIONS BETWEEN THE TRAITS

For the 30 genotypes studied in this trial there was a strong negative correlation between cellulose content and lignin content, with a correlation coefficient R2 = -0.80 (Figure 6). A weaker correlation was identified between cellulose content and sugar yields from the pretreatment with the higher severity with a correlation coefficient R2 = 0.60. Ethanol yields correlated positively with sugar yields (R2 = 0.74) and wood density (R2 = 0.55).
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FIGURE 6. Correlations observed among woody biomass traits, sugar release, and ethanol yield. (A) % Lignin vs. % cellulose, (B) total sugar yield vs. % cellulose, (C) total sugar yield vs. ethanol yield, and (D) wood density vs. ethanol yield.



DISCUSSION

To identify a relationship between biomass composition and sugar yield, biomass from shrub willow genotypes representing a range of compositional traits were pretreated using a hot-water method, and sugars were hydrolyzed enzymatically. In this study, enzymatic hydrolysis was performed with excess enzyme concentrations to reveal differences in biomass recalcitrance. Large differences in sugar yield were observed for the untreated biomass and for the two different pretreatment severities. These analyses were performed on bulk biomass samples including the bark, since commercial conversion facilities will utilize willow wood chips harvested with the bark. Bark is known to have a diversity of extractives and phenolic compounds present in greater levels than in debarked wood, many of which can act as fermentation inhibitors (Jonsson et al., 1998; Robinson et al., 2002).

The range of compositional differences among the willow genotypes examined in this study was rather modest, 38.4–45.3% for cellulose, 31.1–34.9% for hemicelluloses, and 20.3–23.2% for lignin. In comparison, other recent studies have examined willow with cellulose content ranging from 34.8 to 41.8% and lignin ranging from 23.9 to 28.8% (Ray et al., 2012) or lignin content ranging from 15.7 to 27.9% in Populus trichocarpa (Studer et al., 2011). Selecting a larger and more diverse group of genotypes growing on more than one site may have increased the range in compositional variation used in this study. Although differences in recalcitrance and improved sugar release have been identified among natural variants (Studer et al., 2011; Ray et al., 2012), those differences are more dramatic in plants engineered to have greatly reduced lignin content (Chen and Dixon, 2007; Fu et al., 2011; Coleman et al., 2012; Mansfield et al., 2012; Pattathil et al., 2012). The extremes of lignin content have been extended through genetic engineering to contents as low as 10% in Populus, resulting in dramatic differences in enzymatic hydrolysis characteristics (Mansfield et al., 2012). Within the range of compositional variation of non-genetically engineered willows, the differences in accessibility to hydrolytic enzymes may be due to more complex and subtle differences in lignocellulosic structures and polymer linkages.

Sugar yield from untreated biomass samples reached 170 mg g-1 biomass (17% of the biomass), indicating that there is available sugar in the willow biomass prior to pretreatment. The observed range of sugar yield (40–170 mg g-1 biomass) is comparable to other works with untreated poplar and willow (Brereton et al., 2010; Studer et al., 2011). The majority of the sugar released was glucose (data not shown), but neither total sugar yield nor glucose yield was correlated with biomass composition or wood density, indicating that the total sugar content in the biomass is not the primary contributing factor for sugar availability in untreated biomass. The genotype 00X-026-082 had the highest sugar yield and only moderate levels of cellulose and hemicelluloses. The very low sugar yield observed in 00X-032-094 was due to undetectable levels of glucose. It was the only genotype to release no glucose monomers. It is unclear whether glucose was released and immediately degraded or if it never was a product of hydrolysis.

The hot-water pretreatment significantly improved the accessibility of the cell walls to enzymatic digestion, leading to three to five times greater sugar yields compared with untreated biomass. Sugar yields observed for willow in this study were comparable to those observed for poplar subjected to a similar pretreatment severity (Studer et al., 2011). Sugar yield following the higher severity pretreatment was dependent on cellulose content in the biomass, based on the observed correlation (Figure 6), as was observed among European willow genotypes (Brereton et al., 2010). This suggests that breeding for differences in biomass composition could have an impact on sugar availability for fermentation. ‘SV1’ which has the greatest cellulose content (44.8%) released the most sugar following the 3.9 severity pretreatment, 617 mg g-1 biomass, equivalent to 80% recovery. However, cellulose content alone cannot be the only factor impacting sugar release, since some of the genotypes with low cellulose content had high sugar yield, such as ‘Preble.’ Other factors influencing recalcitrance and sugar release include cell wall chemistry, such as phenolic groups in the lignin (Lapierre et al., 2000), S:G ratios in the lignin (Studer et al., 2011), and cell wall structural variability dependent on tissue types (Dinus et al., 2001).

The differences in sugar release between the two different pretreatment severities provided insight into the recalcitrance of the willow genotypes. To reduce costs associated with biomass conversion, it would be highly beneficial to utilize feedstocks that have high sugar release following pretreatments with a lower severity. In this study, the less severe pretreatment of 10 min resulted in the greatest sugar yield from ‘SX64’ and ‘Fabius,’ while there was only a small increase in sugar release (from 70 to 80% recovery) when the biomass was exposed to the more severe pretreatment. These two genotypes were less recalcitrant than ‘SV1,’ which required the severe pretreatment to release most of the sugars.

Fermentation to ethanol produced 50% of the theoretical ethanol yield from ‘SX64’ and ‘SV1.’ Sassner et al. (2008) reported ethanol yields with willow from simultaneous SSF reaching 76% of the theoretical yield. A positive correlation with wood density was also identified. There is only limited research examining the relationship between wood density and sugar release or conversion to ethanol. A recent study examining sugar recovery following pretreatment and enzymatic hydrolysis from high and low density genotypes of 0.48 and 0.40 g cm-3, respectively, resulted in greater sugar recovery from the low density genotype (Martin et al., 2011; Djioleu et al., 2012). However, only two genotypes were examined making it difficult to statistically identify a relationship between wood density and sugar release. Wood density is driven by fiber traits such as fiber lumen diameters, fiber wall to lumen ratios, and total wall areas (Dinus, 2001; Martinez-Cabrera et al., 2009), so further studies considering the cell ultrastructure and wood anatomy of shrub willow are necessary to understand the relationships between wood density, sugar release, and ethanol yield.

Overall this study has shown significant variation in biomass composition, differences in sugar yield and recalcitrance to pretreatment, and differences in ethanol yield among the shrub willow genotypes. Relationships between sugar release and cellulose content were identified, as well as a relationship with ethanol yield. However, it is clear that an increase in cellulose content may increase sugar yield, but does not infer an increase in ethanol production. These findings will spur future research and large-scale evaluation of willow germplasm for variation in recalcitrance to promote future breeding efforts aimed at producing new willow cultivars with maximum bioconversion to ethanol without compromising biomass yield potential.
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Bioenergy will be one component of a suite of alternatives to fossil fuels. Effective conversion of biomass to energy will require the careful pairing of advanced conversion technologies with biomass feedstocks optimized for the purpose. Lignocellulosic biomass can be converted to useful energy products via two distinct pathways: enzymatic or thermochemical conversion. The thermochemical pathways are reviewed and potential biotechnology or breeding targets to improve feedstocks for pyrolysis, gasification, and combustion are identified. Biomass traits influencing the effectiveness of the thermochemical process (cell wall composition, mineral and moisture content) differ from those important for enzymatic conversion and so properties are discussed in the language of biologists (biochemical analysis) as well as that of engineers (proximate and ultimate analysis). We discuss the genetic control, potential environmental influence, and consequences of modification of these traits. Improving feedstocks for thermochemical conversion can be accomplished by the optimization of lignin levels, and the reduction of ash and moisture content. We suggest that ultimate analysis and associated properties such as H:C, O:C, and heating value might be more amenable than traditional biochemical analysis to the high-throughput necessary for the phenotyping of large plant populations. Expanding our knowledge of these biomass traits will play a critical role in the utilization of biomass for energy production globally, and add to our understanding of how plants tailor their composition with their environment.
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INTRODUCTION

MULTIPLE PATHWAYS FROM FEEDSTOCK TO ENERGY

Our society and economy rely heavily on energy from fossil fuels. Most (84%) of the world's energy comes from fossil fuels and demand will increase as world energy consumption is expected to increase 53% by 2035 (EIA, 2011). As prices rise, unconventional fossil resources (tar sand oil, shale gas, arctic and deepwater oil) may become economically viable to extract, but they are ultimately a limited resource and carry risks to our health and environment (Kelly et al., 2010; Osborn et al., 2011; Frohlich, 2012).

Bioenergy, derived from plants that use sunlight and CO2 to assimilate carbon into biomass, has emerged as a potentially sustainable energy source with low climate impact. The Renewable Fuel Standard, enacted in 2005 and expanded in 2007, mandates liquid biofuel production in the US (EISA, 2007). The majority of the fuel produced today to support this mandate is derived from either ethanol fermented from corn grain, or biodiesel from soybean oil, but by the year 2022, 58% of the legislated 36 billion gallons is required to be produced from cellulosic or advanced cellulosic biomass. Technological advances and commercialization have not occurred as quickly as expected, and several barriers must be overcome to achieve these targets (National Research Council, 2011).

One of these barriers is the production of high quality biomass that can be economically converted into useful energy products. Biomass quality depends on the plant composition—cellulosic biomass is primarily comprised of cellulose, hemicellulose, lignin, and lesser amounts of other extractable components such as pectins, proteins, etc. that make up the plant cell wall. Cellulose is a polymer of D-glucose. Hemicellulose is a general term for heterogeneous branched five and six carbon sugars. Lignin is a complex branched polymer of phenolics, and is classified as three major types, based on the monomers present: sinapyl (S) coumaryl (H) and coniferyl (G) (Albersheim et al., 2010). The proportions and specific chemical composition of these components varies greatly among species (Pauly and Keegstra, 2008; Carroll and Somerville, 2009; Allison et al., 2010; Tao et al., 2012b; Zhao et al., 2012a). Furthermore, significant compositional variation has been observed within a species (Jin and Chen, 2006; Tao et al., 2012b), within tissue type (Summers et al., 2003; Monti et al., 2008; Rancour et al., 2012; Sabatier et al., 2012), as well as between developmental stages (Rancour et al., 2012), cell types, and even regions of the cell wall (Albersheim et al., 2010). Additional variability is observed throughout the growing season and as plants senesce (Landström et al., 1996; Adler et al., 2006; Hodgson et al., 2010; Nassi o Di Nasso et al., 2010; Singh et al., 2012; Zhao et al., 2012b), as well as across different environments (Adler et al., 2006; Mann et al., 2009; Allison et al., 2011; Monono et al., 2013; Serapiglia et al., 2013).

Variation, either naturally existing variation or driven with biotechnology, is the ultimate source of improved crop varieties. Most feedstock improvement efforts have focused on the enzymatic conversion pathway, and how to increase the availability of components of plant biomass that can readily be converted into simple sugars and fermented into alcohols; i.e., maximizing cellulose and minimizing lignin. Other articles in this research topic address challenges and advances in enzymatic conversion, as have multiple recent reviews (Vermerris, 2011; Feltus and Vandenbrink, 2012; Jordan et al., 2012; Nookaraju et al., 2013).

A promising alternative form of bioenergy production is via thermochemical conversion—the controlled heating or oxidation of biomass (Demirbas, 2004; Goyal et al., 2008). The term covers a range of technologies including pyrolysis, gasification, and combustion which can be configured to produce outputs of heat, electricity, or gaseous or liquid precursors for upgrading to liquid fuels or chemical feedstocks (Figure 1 and Butler et al., 2011; Wang et al., 2011; Brar et al., 2012; Bridgwater, 2012; Solantausta et al., 2012). Thermochemical technologies show great promise for the production of renewable electricity, both in the context of biomass co-firing in existing coal powerplants (Demirbaş, 2003b; Baxter, 2005), and for decentralized electrification projects in developing countries (Yin et al., 2002; Hiloidhari and Baruah, 2011; Shackley et al., 2012). Thermochemical produced electricity could help fulfill standards enacted in many US states that require a certain percentage of electricity be produced from renewable sources (Carley, 2009; DOE DSIRE, 2012; EIA, 2012). In some cases, thermochemical production of renewable electricity or liquid fuels and associated co-products is the most effective use of biomass for fossil energy displacement (Botha and von Blottnitz, 2006; Campbell et al., 2009; Cherubini et al., 2009; Searcy and Flynn, 2010; Giuntoli et al., 2012).
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FIGURE 1. Overview of the steps involved in growing, transporting, processing, and converting biomass into thermochemical energy products. Pyrolysis, gasification, and combustion take place under conditions of increasing oxygen availability during the reactions. Particle residence time and temperature may be optimized to yield different proportions and types of products. Boxes represent the properties important for each step (growing, transport and processing, conversion, upgrading). The primary products of each process and the potential end uses are highlighted. Note that intermediate products such as syngas and pyrolysis oil can be upgraded to chemicals or liquid transportation fuels or converted to obtain electricity and heat. Agronomic traits include those traits that allow the plant to survive and produce acceptable yields.



A well-functioning system requires the pairing of appropriate feedstocks and conversion technologies (Robbins et al., 2012), but optimization of biomass for thermochemical conversion has received little attention. The paradigm within which plant biologists discuss and analyze biomass is different than that of engineers analyzing feedstocks for thermochemical systems. While there is overlap between the paradigms, thermochemical feedstock development could focus on traits or approaches that provide the most direct path to optimized feedstock composition. In this review, we discuss how, through collaboration of biologists and engineers, optimized biomass composition and process engineering might result in reduced transport and pre-processing costs and maximized energy yields via thermochemical utilization of biomass.

We begin with a review of thermochemical conversion technologies with an emphasis on the feedstock properties that are important for each technology and relate these properties back to biomass traits that are commonly measured by biologists. This is followed by a discussion of the natural variation in plant traits that can be exploited for optimization of these properties, including what is known of the genetics governing those traits, and the potential impacts of modifying these traits at a systems level. We end with a discussion of how best to measure these properties and traits, and offer a perspective on which approaches might be useful for high-throughput phenotyping. To help relate the different biomass traits that biologists and engineers measure, we provide a brief list of terms and definitions (Table 1). Areas where there are large gaps in knowledge are highlighted as future research needs. Our focus is on cellulosic biomass from herbaceous crops because (1) herbaceous agricultural residues comprise a large potential resource (DOE, 2011), (2) a large fraction of the US biofuel mandate is expected to be dedicated herbaceous bioenergy crops (DOE, 2009; USDA, 2010), and (3) herbaceous crops can be grown in more regions than woody crops, and allow more flexibility in year to year land allocation.

Table 1. Common terms used in this review in the context of biomass for bioenergy.
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FEEDSTOCK PROPERTIES FOR THERMOCHEMICAL CONVERSION

THERMOCHEMICAL CONVERSION TECHNOLOGIES

Thermochemical conversion is the controlled heating and/or oxidation of biomass as part of several pathways to produce intermediate energy carriers or heat (Figure 1). Included is everything from biomass combustion, one of the simplest and earliest examples of human energy use, to experimental technologies for the production of liquid transportation fuels and chemical feedstocks. Thermochemical conversion technologies are classified by their associated oxidation environment, particle size and heating rate, ranging from heating biomass in an oxygen-free environment (endothermic) to full exothermic oxidation of biomass.

Pyrolysis is the thermal decomposition of biomass into highly heterogeneous gaseous, liquid, and solid intermediates in the absence of oxygen; the process is endothermic. The liquid product (pyrolysis oil) is a heterogeneous mixture characterized by high oxygen content and alkalinity, which can be upgraded to fuels or chemicals. The solid product (char) can be used as a fuel or soil amendment (Field et al., 2013). Pyrolysis is differentiated between slow pyrolysis, with residence times ranging from minutes to days and optimized for the production of char whereas fast pyrolysis, with residence times on the order of seconds to minutes, is optimized for the production of pyrolysis oil (Babu, 2008). On the engineering front, research is focused on optimizing process variables (temperature, heating rate, oxidation environment) and product upgrading via catalytic and thermal processes to produce infrastructure-compatible liquid transportation fuels (Demirbas, 2007).

Gasification is the exothermic partial oxidation of biomass with process conditions optimized for high yields of gaseous products (syngas or producer gas) rich in CO, H2, CH4, and CO2. The gas can be cleaned and used directly as an engine fuel or upgraded to liquid fuels or chemical feedstocks through biological fermentation (Datar et al., 2004) or catalytic upgrading via the Fischer-Tropsch process (Boerrigter and Rauch, 2005; Huber et al., 2006; Wang et al., 2008). One of the challenges of gasification is the management of higher molecular weight volatiles that condense into tars; these tars are both a fouling challenge and a potential source of persistent environmental pollutants such as polycyclic aromatic hydrocarbons (Milne et al., 1998).

The direct combustion of biomass is still the dominant bioenergy pathway worldwide (Gaul, 2012). Complete combustion involves the production of heat as a result of the oxidation of carbon- and hydrogen-rich biomass to CO2 and H2O. However, the detailed chemical kinetics of the reactions that take place during biomass combustion are complex (Jenkins et al., 1998; Babu, 2008) and imperfect combustion results in the release of intermediates including environmental air pollutants such as CH4, CO, and particulate matter (PM). Additionally, fuel impurities, such as sulfur and nitrogen, are associated with emission of SOX and NOX (Robbins et al., 2012).

Other thermochemical technologies include carbonization, the production of charcoal via the partial oxidation of woody feedstocks with long residence time (Bailis, 2009), and hydrothermal approaches, which utilize an aqueous environment at moderate temperatures (200–600°C) and high pressures (5–40 MPa) to decompose biomass into solid, liquid, and gaseous intermediates (Peterson et al., 2008; Brown, 2011). Another technology, torrefaction, is the low temperature (200–300°C) pyrolysis of biomass in order to remove water and volatiles, increasing its energy density and susceptibility to mechanical pretreatment (Van der Stelt et al., 2011). The remainder of this review will focus on pyrolysis, gasification, and combustion, as these are the most fully developed modern bioenergy pathways with the most clearly defined feedstock requirements.

RELATIONSHIPS BETWEEN FEEDSTOCK PROPERTIES

The performance of these thermochemical conversion pathways relies on the use of appropriate biomass feedstocks. The mass balance of a kilogram of biomass is commonly conceptualized in three different ways, via either biochemical, proximate, or ultimate analysis (Figure 2A). Biochemical analysis refers to the relative abundance of various biopolymers (e.g., cellulose, lignin, etc) in the biomass, whereas ultimate analysis refers to the relative abundance of individual elements (e.g., C, H, O, N, and S). Proximate analysis involves the heating of biomass to quantify its thermal recalcitrance via the relative proportions of fixed carbon (FC) and volatile matter (VM), a method originally designed for the characterization of coal (e.g., American Society for Testing and Materials, ASTM standard D3172). These different conceptualizations are alternate ways to describe the same biomass; for example, a higher lignin:cellulose ratio (biochemical) also implies lower H:C and O:C ratios (ultimate) (Couhert et al., 2009). Moisture and elemental ash complete the mass balance of a unit of freshly-harvested biomass, and are universal across these different conceptualizations. Different combinations of these mass-based properties (summative properties) result in different bulk properties (intensive properties) such as grindability (comminution), density and heating value.
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FIGURE 2. Overview of the relationships between biomass traits and properties, and common methods of quantification. Colors for each property are maintained throughout Figure 2. (A) Biomass characterization in terms of summative properties (shown in green, blue, orange, and red) and intensive properties (shown in gray). Three common paradigms for describing biomass are inter-related: biochemical, proximate, and ultimate. While enzymatic conversion has focused on characterizing biomass in a biochemical paradigm, two alternatives more appropriate for thermochemical conversion are proximate and ultimate analysis. Moisture and minerals (ash) are common across all paradigms. (B) Examples of common primary (direct) methods of quantifying each component identified in (A). Note that this list is not complete, and note that proximate analysis necessitates moisture and total ash quantification. Elements that remain in the ash when biomass is combusted are referred to as minerals before combustion and ash afterwards. Examples of relevant ASTM standards for biomass, wood, refuse, or coal are listed. These direct methods are contrasted with indirect methods described in the text but not shown here.



Feedstock properties that affect thermochemical conversion effectiveness include heating value, ash content, moisture level, and others discussed next. While thermochemical conversion engineers typically describe biomass in terms of proximate or ultimate analysis, biologists and breeders are more accustomed to the terminology of biochemical analysis. Thus, important properties are introduced in the context of proximate/ultimate analysis, and then related back to their biochemical equivalents. Current knowledge of the genetic and environmental control of these biochemical properties are then described in detail in the section titled “Genetic Control of Traits Related to Feedstock Properties.”

HEATING VALUE AND RATIOS OF C, H, AND O

Heating value, also known as calorific value, is the energy available in the feedstock as estimated from the heat released during complete combustion to CO2, H2O (gaseous H2O for lower heating value, LHV, or liquid H2O for higher heating value, HHV), and other minor products (N2, ash, etc.), and is a primary measure of quality of a feedstock. Moisture content impacts the useful energy of freshly harvested biomass as heat liberated during combustion is wasted evaporating this moisture (Bridgwater et al., 2002). Since HHV is a mass based measurement, high mineral content leads to a decrease in HHV, because minerals contribute little energy during biomass oxidation (Jenkins et al., 1996; Sheng and Azevedo, 2005). This is particularly important for grasses and other herbaceous feedstocks that can consist of up to 27% ash by mass (Table 2).

Table 2. Ranges of key thermochemical properties in several biomass feedstocks as summarized from literature*.
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Biomass feedstocks are also described in terms of ultimate analysis based on the relative content of individual elements such as C, H, and O. The overall ratios of these elements are directly related to the biochemical components of the cell wall. Cellulose has a higher H:C and O:C ratio than lignin (Couhert et al., 2009). Lignin has a higher HHV than cellulose or starch (Helsel and Wedin, 1981; Demirbaş, 2001), consistent with the idea that oxygenated fuels release less heat on combustion (Vermerris and Saballos, 2013). This is an example of divergent feedstock requirements for enzymatic vs. thermochemical conversion pathways: while minimizing lignin improves hydrolysis and fermentation yields, high lignin is beneficial for the energy balance of thermochemical systems.

Upgrading gaseous pyrolysis and gasification products to liquid fuels also requires a specific H:C stoichiometry (Datar et al., 2004; Wright and Brown, 2007). Biomass has a low H:C ratio (ranging from 0.7 to 2.8 in Table 2) relative to that of the desired liquid products (2–4 for alcohols and alkanes), so full conversion requires adding supplemental hydrogen in the form of steam or H2, or removing carbon as CO2 (Borgwardt, 1999; Pereira et al., 2012). High lignin levels may be advantageous for thermochemical conversion pathways targeting liquid fuels, as it may move the process closer to overall stoichiometric balance.

PROXIMATE ANALYSIS AND CONVERSION PRODUCT YIELDS

Proximate analysis separates the biomass into four categories of importance to thermal conversion: moisture, VM (gases and vapors driven off during pyrolysis), FC (non-volatile carbon), and ash (inorganic residue remaining after combustion) (Miles et al., 1996; Jenkins et al., 1998; Riley, 2007). The measurement is a proxy for thermochemical conversion performance, and the relative proportions of FC vs. VM are related to the relative yields and composition of solid, liquid, and gaseous products generated during pyrolysis and gasification (Brar et al., 2012). Even for combustion, the FC:VM ratio may significantly change the emissions profile of products of incomplete combustion (Cummer and Brown, 2002). Biomass generally contains high levels of VM (ranging from 64 to 98%, Table 2) compared to fossil coal [typically below 40% (Vassilev et al., 2010)].

In addition to impact on heating value, the relative concentrations of cellulose and lignin also affect the yields of thermochemical conversion products. The different biochemical constituents of biomass have different levels of thermal stability, and as pyrolysis temperatures increase hemicellulose reacts first, followed by cellulose and then lignin (Fahmi et al., 2007; Gani and Naruse, 2007). This is consistent with studies that show isolated lignin extracts having a higher FC content than pure cellulose (Couhert et al., 2009), a strong positive correlation between FC and lignin across multiple biomass samples (Demirbaş, 2003a), and increasing lignin levels associated with low gas yields and high char yields during fast pyrolysis (Lv et al., 2010). However, several studies suggest the opposite, showing cases where increasing lignin is associated with lower FC (Fahmi et al., 2007, 2008), or increasing yields of pyrolysis oils (Tröger et al., 2013).

Clear relationships between FC:VM and lignin:cellulose content in biomass samples are likely confounded by the presence of minerals, some of which exert a strong influence on the yields and qualities of thermochemical conversion products due to catalytic activity (Couhert et al., 2009; Lv et al., 2010). For pyrolysis, high mineral content reduces oil yield and increases char and gas products (Fahmi et al., 2007; Couhert et al., 2009; Tröger et al., 2013). Relationships between VM and lignin are confounded by ash content (Raveendran et al., 1995). In addition, ash exerts a catalytic effect on the liquid fraction, encouraging cracking of high molecular weight species into lighter ones (Fahmi et al., 2008). The catalytic activity of ash changes the dynamics of combustion and gasification; reducing the ash content of biomass by washing has been shown to increase the temperature of peak combustion rate (Fahmi et al., 2007) but decrease the temperature of peak gasification mass loss rate (Lv et al., 2010). Many studies show a negative correlation between mineral content and lignin across many types of biomass (Fahmi et al., 2007, 2008; Lv et al., 2010). Thus, the relationship between ash, lignin, and pyrolysis product yield is complex and careful experimental manipulation will be necessary to determine the causality underlying the observed correlations of low ash, high lignin, and high yields of heavy liquid products (Fahmi et al., 2008; Couhert et al., 2009).

OTHER EFFECTS OF MINERAL CONTENT

Besides lowering the heating value of biomass and changing the distribution of conversion products, mineral and elemental ions that plants accumulate can interfere with the operation of thermochemical conversion equipment. The elements in plant biomass volatilize during combustion and form a liquid slag or solid deposits as they cool (Miles et al., 1996). The elements Na, K, Mg, Ca as well as Cl, S and Si are the most problematic for thermochemical processes (Miles et al., 1996), and the combination of alkali metals with silica can form alkali silicates (McKendry, 2002b)—see Box 1 for more information regarding silica. The Cl in biomass can also be a significant problem because it interacts with vaporized metals, shuttling them to boiler surfaces where they form sulfates (Allison et al., 2010). Cl can also lead to elevated HCl and dioxin emissions (Lewandowski and Kicherer, 1997). As volatile gases combine, they form corrosive deposits that degrade components of the boiler. Other interactions can occur between the elements in biomass and coal when co-fired (Dayton et al., 1999). Since gasification can occur at lower temperatures, the severity of these issues might be reduced with that process; however, other issues can become more severe [Mansaray et al., 1999 and see Lv et al. (2010) for discussion]. Although difficult to generalize due to the complex and unique interactions that occur in each feedstock, ash content above 5% is probably unacceptable (McKendry, 2002c) and element specific recommendations are listed elsewhere (Van Loo and Koppejan, 2008). The alkali index (kg K2O and Na2O per GJ energy) can be used to predict performance in a thermochemical setting (Jenkins et al., 1998). With an alkali index above 0.17 kg/GJ, fouling is probable, and above 0.34 kg/GJ, it is almost certain. Several other indices exist, but were created for coal, so may not be good predictors for biomass (Yin et al., 2008). High feedstock mineral content can be mitigated to a certain extent by using newer alloys to construct components that can minimize and withstand some corrosion, and controlling the temperature of the reaction (Jenkins et al., 1998; Fahmi et al., 2008).
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Box 1. Silica in Grasses: Example and Opportunity.



MOISTURE CONTENT

Moisture content is a measure of the amount of water in biomass and is usually expressed as percent mass (wet basis). In addition to reducing the net heating value as discussed previously, high moisture content can reduce the effectiveness of individual thermochemical conversion processes. For combustion or co-firing, low moisture content, preferably around 5%, is desired because incomplete combustion can occur when the moisture content is too high. Some systems such as fluidized bed combustors are more flexible, and allow up to 35% moisture (Bridgwater et al., 2002). For gasification, acceptable moisture content can be as high as 20% or 30% (Cummer and Brown, 2002), but more commonly is around 15% moisture. For pyrolysis, initial moisture content contributes to the water content in the pyrolysis oil and above around 10% moisture, the oil produced will separate into two phases (Brar et al., 2012; Solantausta et al., 2012). For hydrothermal conversion, wet biomass can be used without drying, but these technologies are still in the development stages (Yoshida et al., 2004; Waldner and Vogel, 2005; Peterson et al., 2008; Pereira et al., 2012).

OTHER CONSIDERATIONS

In general, biomass has low amounts of S relative to fossil fuels, which minimizes SOX pollution from gasification or combustion systems and avoids catalyst poisoning in fast pyrolysis systems (Brown, 2011). It can have similar or higher N, which contributes to NOX emissions, but this can be mitigated to some extent through engineering in the process, e.g., by the use of exhaust scrubbers (Yin et al., 2008). High levels of nitrogen can also be problematic for the quality of liquid fuel products from fast pyrolysis (Wilson et al., 2013). For combustion processes, lignin is associated with PM emissions (Williams et al., 2012), a factor that must be balanced against the associated increase in feedstock HHV from a systems perspective.

In addition to direct effects on thermochemical conversion performance, biomass properties are also relevant to the upstream logistics associated with biomass transport and mechanical pre-treatment. Minimizing moisture reduces weight during transport from the field, and maximizing dry bulk density allows more cost effective transport of biomass. It has been estimated that reducing moisture content from 45 to 35% in biomass can lead to a 25% increase in the net present value of a thermochemical project producing ethanol from cellulosic biomass—mostly by reducing the energy and cost of drying the biomass (Gonzalez et al., 2012). Grindability relates to many other properties including moisture content and composition (Ghorbani et al., 2010). Beyond impacts on biomass transport costs, bulk density can influence how easily biomass can be ground for processing (Cabiles et al., 2008).

GENETIC CONTROL OF TRAITS RELATED TO FEEDSTOCK PROPERTIES

As highlighted in Figure 2A and introduced in the previous section, feedstock properties are related to biochemical traits that have been the focus of research by the forage, pulp and paper industry, as well as enzymatic bioenergy research for many years. These biochemical traits are more easily explained in the context of genes that encode the proteins that synthesize and deliver the components of the cell wall as well as the enzymes responsible for assembly of the wall components into complex structures.

For breeding or biotechnology approaches to improve cell wall composition, a major constraint is understanding which genes or gene pathways are important. Relating genotype to phenotype, i.e., to assign a gene responsible for a particular phenotype, allows identification, functional analysis, and modification of the gene (or its regulation) to improve the phenotype. For example, experiments that modify genes individually and in combination show the effect of a given gene on the composition of the biomass (Jung et al., 2012; Wang and Dixon, 2012; Yang et al., 2012). This information can be the basis for development of molecular markers to improve the phenotype by breeding or to design gene constructs for improvement through biotechnology. This knowledge, frequently gained from model plants can be applied even to distantly related species by using comparative genomics approaches (Ficklin and Feltus, 2011). This is important because for some species, notably several emerging energy grasses, genetic tools are just being developed. As with all breeding efforts, agronomic considerations must be considered; that is, the plants must still be able to survive and produce an acceptable yield. In the following sections, we discuss the genetic and environmental control of traits related to thermochemical conversion properties.

CELLULOSE AND LIGNIN

Often comprising more than 50% of the cell wall, cellulose and lignin have been well-studied and the enzymes involved in their synthesis are well understood (Boerjan et al., 2003; Endler and Persson, 2011). However, how these components are linked within the cell wall, and how the synthesis and modification are regulated are not well understood (Zhao and Dixon, 2011). There is a complex balance between cellulose and lignin levels, and the manipulation of genes involved in their biosynthesis sometimes leads to unexpected results (Gallego-Giraldo et al., 2011). Plants are surprisingly flexible, and can utilize a diverse set of precursors to build their cell walls. For example, Jensen and coworkers modified the native form of xyloglucan (a hemicellulose) in Arabidopsis without any apparent phenotypic consequences (Jensen et al., 2012). Yang and colleagues engineered plants to have thicker cell walls with more polysaccharides, but less lignin without negative consequences (Yang et al., 2012).

Research has focused on genes controlling the wall composition of the model dicot, Arabidopsis, or woody crops like poplar. However, to apply knowledge of these genes to more feedstocks, the findings will need to be validated in new crops. For example, lignin monomer composition differs between woody and herbaceous crops (Grabber et al., 2004; Buranov and Mazza, 2008). Gymnosperms have mostly G lignin while dicots have G and S and monocots generally have all three types. These monomers have different properties, including different estimated HHV (Amthor, 2003), and may influence the thermochemical properties of the biomass (Shen et al., 2010). It has been found that coniferous (mostly G) lignin is more thermally-stable than deciduous (mostly S) lignin (Müller-Hagedorn et al., 2003), and this is likely because G lignins contain more resistant linkages than S lignins (Boerjan et al., 2003). Approaches to fine-tune lignin composition have been suggested (Weng et al., 2008). The ratio of these monomers, as well as the soluble phenolics, may have consequences as important as cellulose and lignin ratios (Gani and Naruse, 2007; Shen et al., 2009; Studer et al., 2011; Elumalai et al., 2012). Because lignin biosynthesis genes vary across plant families, and between dicots and monocots, (Xu et al., 2009), it is likely that other unexamined differences in lignin composition in crop species might exist (Xu et al., 2009). In addition to the three major lignin monomers, monocots contain relatively large amounts of soluble phenolics and the genes controlling these might be useful targets to modify cell wall composition (Ishii, 1997; Bartley et al., 2013; Molinari et al., 2013).

Beyond genetically controlled variation of wall composition within and between species, growth environment plays a large role. Adler and colleagues observed that lignin content increased from 10 to 33% between a fall and spring harvest of the same crop of switchgrass (Adler et al., 2006). Monono and colleagues observed differences in total yield, composition, and ethanol yield in switchgrass between locations and seasons (Monono et al., 2013). Miscanthus also displays variation in composition across environments (Allison et al., 2011). Switchgrass S, G, and H monomer ratios show major differences when grown in the growth chamber, greenhouse or field (Mann et al., 2009), which is consistent with strong genotype by environment interactions (Hopkins et al., 1995; Lemus et al., 2002). Sugarcane internode composition changes over the growing season (Lingle and Thomson, 2011). Thus, although a viable focus, optimization of biomass through manipulation of wall lignin and cellulose composition and content will require not only an understanding of the genetic controls for these components, but also significant knowledge of the environmental component.

MINERAL CONTENT AND ELEMENTAL ASH

Elements commonly found in biomass ash are profiled in Table 2. There are major differences in the concentrations of these elements between woody and herbaceous crops, and herbaceous crops generally have more N, Cl, and K, but less Ca than woody crops (Vassilev et al., 2010; Tao et al., 2012a). Though not essential for survival, Si is accumulated to high levels in many grasses, up to 10% dry weight (Epstein, 1999). Vassilev and colleagues find that levels of elements seem to exist in five associated groups in biomass, and these associations may have underlying biological significance: C–H; N–S–Cl; Si–Al–Fe–Na–Ti; Ca–Mg–Mn; and K–P–S–Cl (Vassilev et al., 2010). Therefore, attempting to modulate Ca levels for example, might also impact Mg and Mn levels and it might be difficult to breed away from these associations. In addition to individual elemental associations, there is also evidence of a relationship between total ash content and biochemical constituents, with total ash content inversely proportional to lignin (Fahmi et al., 2007, 2008), and total ash proportional to cellulose (Lv et al., 2010). It has been hypothesized that this relationship is due to overlap in the roles of lignin and mineral fraction with regard to mechanical stability and resistance to attack (Fahmi et al., 2007).

While the uptake, transport and roles of several of these mineral elements in plants are well understood (Taiz and Zeiger, 2006), little is known about the genes controlling variation for these traits (Mäser et al., 2001; Raboy, 2003; Ghandilyan et al., 2006). Uptake and distribution of these elements through the plant occurs via many different pathways, including uptake from the rhizosphere, transfers from roots to shoots, and remobilization among organs. These transport pathways can be both shared and opposing between elements, as indicated by positive and negative correlation of mineral and micronutrient phenotypes [reviewed by Ghandilyan et al. (2009)]. For example, Si is negatively correlated with Ca in some species (Nishimura et al., 1989), and reducing Si may simply increase Ca in plant tissues (and the Ca associated thermochemical issues). Cl content varies between stems and leaves of miscanthus (Lewandowski and Kicherer, 1997), and Cl and Ca variation has been observed in the bark, needles, and wood of various tree species (Werkelin et al., 2005). Tissue specific differences in other elements probably exist—indicating genetic control. Heritability for mineral content ranges from 10 to 90%, so breeding for some elements will be more difficult than others (Ghandilyan et al., 2009). Understanding variation for these traits among cultivars of switchgrass is complicated by strong environmental interactions (Lemus et al., 2002; El-Nashaar et al., 2009), as is probably the case for other feedstocks.

Elemental concentrations also vary widely between and within species, by tissue type, and across harvest time and environments (Landström et al., 1996; Adler et al., 2006; Boateng et al., 2006; Christian et al., 2006; Nassi o Di Nasso et al., 2010; Baxter et al., 2012; Singh et al., 2012; Zhao et al., 2012b). Of considerable importance when focusing on crop improvement in elemental composition is that any attempt at improvement will be complicated by the interaction of these gene pathways with other traits essential for crop productivity, i.e., agronomic traits such as drought and salt tolerance, disease or pest resistance (Egilla et al., 2001; Dordas, 2008; Baxter et al., 2009, 2010). Because the genetics is complex and the potential implications on agronomic traits are serious, focus has been on reducing the impacts of these elements by other solutions, such as adjusting harvest time (Monti et al., 2008), allowing the minerals to leach out in the field before collection (Jenkins et al., 1996), and adding compounds to minimize reactions during thermochemical conversion (Van Loo and Koppejan, 2008).

MOISTURE CONTENT

Wet biomass from the field can contain greater than 50% moisture on a wet basis, but this can vary greatly (Table 2), and intrinsic moisture (water tightly bound to biomass) is much lower. Although moisture content is an important component of the energy content, the literature on genetic variation and alteration of traits governing moisture content are sparse. In several species of willow, differences in moisture content of up to 16% exist and almost 40% of this variation is due to genotype (Mosseler et al., 1988). In rice, moisture content between 20 diverse varieties varied from 43 to 74% and broad sense heritability was found to be 0.6 (Jahn et al., 2011).

It is well known that species and varieties of plants vary in their ability to cope with drought stress (Zhu, 2002; Golldack et al., 2011). One strategy that plants employ is to manipulate the osmotic potential of their cells, and thus allow water to be maintained under drought conditions (McCann and Huang, 2008). It is through this mechanism that genetic control of the moisture content of the cells exists, and thus possibly the plant as a whole at harvest time. Many of the genes involved in these processes have been characterized (Bartels and Sunkar, 2005). There may also be significant correlations between moisture content and mineral content, since minerals ions are utilized to modulate the osmotic potential of the cells (Patakas et al., 2002; Arjenaki et al., 2012). In rice varieties studied by Jahn et al. (2011), a correlation between leaf ash but not stem ash and moisture content was observed, although these relationships have yet to be directly examined.

Clearly there is evidence that selection for moisture content is feasible but application of genetic approaches to improving biomass crops for moisture content has remained largely unexplored. As for mineral content, agronomic solutions to minimizing moisture content have been employed. For example, post-senescence drying reduced moisture content by 30% in miscanthus stems (Hodgson et al., 2010).

OTHER IMPORTANT TRAITS

Other traits highlighted in Figure 2A but not discussed thus far in this section include HHV, grindability, bulk density, as well as components of proximate and ultimate analysis. While some information exists about their relationship with biomass composition, little information exists about the genetic control of these traits. Bulk density may be influenced by cell wall changes (Wang et al., 2010) and variation in grindability has been observed among corn stover, straw, and hardwood (Cadoche and López, 1989). The first steps toward studying these might be to measure their variation across a species (a genome wide association mapping study, GWAS), or study their segregation in a genetic mapping population (a QTL study) (Mackay, 2001; Collard et al., 2005; Takeda and Matsuoka, 2008; Zhu et al., 2008). A critical component of both of these approaches is the ability to measure these traits in large numbers of plants in a high-throughput manner.

POTENTIAL FOR HIGH-THROUGHPUT PHENOTYPING

We have identified many of the feedstock traits important for thermochemical conversion and discussed the relationships between traits. In this section, we review how these traits are measured, and in cases where several methods exist, we highlight those methods which might be amenable to high-throughput phenotyping of many individual plants.

BIOCHEMICAL ANALYSIS

The most complete approach to quantifying the cell wall content is quantitative saccharification (also referred to as dietary fiber, Uppsala method, or NREL method). Water and ethanol soluble fractions are isolated, followed by hydrolysis and quantification of the component sugars, sugar degradation products, and organic acids by high performance liquid chromatography (HPLC) or gas chromatography mass spectroscopy (GC/MS) and acid soluble lignin with UV-vis spectroscopy. Starch is quantified and subtracted from cellulose, since it would contribute glucose monomers and inflate the cellulose component. Protein, ash and acid insoluble lignin (Klason lignin) are quantified from the remaining residue (Theander et al., 1995; Sluiter et al., 2010). Another common method originally developed to determine forage quality is called detergent fiber or the Van Soest method, and involves treating biomass with various concentrations of acids and bases to sequentially hydrolyze components of the cell wall, followed by acid insoluble lignin and ash determination (Van Soest et al., 1991; Uden et al., 2005). Each method highlighted here assumes the monomeric sugars are derived from certain polymers in the cell wall, and each method has its own set of biases (Moxley and Zhang, 2007; Wolfrum et al., 2009).

While any method is probably feasible for high-throughput given enough investment in lab time, equipment or automation (such as robotics), we highlight recent approaches in lignin quantification and monomer composition with pyrolysis molecular beam mass spectroscopy (pyMBMS) (Mann et al., 2009; Studer et al., 2011) or thioglycolic acid lignin (Suzuki et al., 2009). Cellulose, hemicellulose and lignin have been estimated with a thermogravimetric analyzer (TGA) which is essentially a microbalance inside a controlled-atmosphere furnace (Serapiglia et al., 2009). High-throughput glycome profiling of cell wall extracts detects presence or absence of specific polysaccharides but does not quantify the various components (Pattathil et al., 2012). Pretreatment and saccharification approaches (Gomez et al., 2010; Santoro et al., 2010) or ethanol yield (Lee et al., 2012) directly test how amenable biomass is to enzymatic conversion, and indirectly provide information about the cell wall composition.

PROXIMATE ANALYSIS

Proximate analysis separates the biomass into moisture, VM, FC, and ash. This is accomplished through controlled heating of a ground sample in a furnace and observing mass lost during heating. VM and FC are determined after correcting for moisture and ash content. Proximate analysis can also be conducted in a single operation using a TGA. Heating value is also typically measured in the course of proximate analysis using bomb calorimetry, in which a biomass sample is fully combusted in a pure oxygen environment within a reaction vessel suspended in a water jacket; calorific value of the fuel is inferred from changes in the water temperature. HHV includes the energy released when the H2O produced during the combustion process condenses. An adjustment can be made since the energy due to water condensing is not captured in some systems—the adjusted value is the LHV.

While moisture content is part of standard proximate analysis procedure, it can also be evaluated by itself. The simplest, yet most time consuming method to assess moisture content is the oven dry method—moisture is removed by drying and the difference in mass is assumed to be moisture loss. These methods assume that the sample has been stored in an airtight container; otherwise moisture gain or loss (due to varying relative humidity of the storage environment) will have occurred between sample collection, and moisture determination. Often “as received” moisture is referred to in the literature—this is a meaningless value as it depends on the conditions that the sample underwent between the field and the lab and varies with humidity in the environment, and how long the plant was allowed to senesce in the field. Moisture content can also be estimated on a wet basis with handheld moisture meters (Jensen et al., 2006). These meters work by testing the conductance or capacitance of the material or various chemical means but only work in certain ranges of moisture (Bala, 1997). Biomass moisture is conceptually simple to understand and measure, but often goes unmeasured or unclearly reported, hampering our knowledge of the underlying genetic and environmental control.

ULTIMATE ANALYSIS

Profiling the individual elements is accomplished with approaches that measure electronic properties of elements (absorption, emission, and fluorescence spectroscopy) or techniques that measure nuclear properties (radioactivity, mass spectroscopy). Elemental analyzers available from many manufacturers either flash oxidize or pyrolyze the biomass and measure products such as CO2, H2O, NOx in the exhaust gas via gas chromatography and thermal conductivity in order to stoichiometrically back-calculate the initial concentrations in the biomass (see standards in Figure 2B). Profiling elements in the ash fraction has traditionally been accomplished by solubilizing the ash and detection with atomic absorption spectroscopy (AAS). This involves ionizing atoms using a flame and measuring the portion of light absorbed by the elements as they pass through the detector (Dean et al., 1997; Hoenig et al., 1998). When coupled with autosamplers, these instruments can be relatively high-throughput.

Recently, profiling the inorganic fraction in whole biomass (ionomics), has improved with advances in Inductively Coupled Plasma (ICP) techniques. These techniques ionize atoms in a plasma gas and measure emissions using Optical Emission Spectroscopy as the atoms fall to their ground state (ICP-OES), or the ionized atoms are passed to a mass spectrometer (ICP-MS) (Salt et al., 2008). ICP-OES can also be called ICP-AES (Atomic Emission Spectroscopy). Advantages with these approaches include sensitivity, small sample size, and the ability to quantify many elements from the same sample but quantification of some elements (notably Si; see Box 1 for further discussion) require special equipment and additional sample preparation.

OTHER TRAITS

Grindability is measured by recording the energy consumption of the equipment used to grind a sample to specified size (Mani et al., 2004; Abdullah and Wu, 2009). A standard procedure does not appear to exist but would be essential to develop before larger studies are undertaken because the trait is influenced by many factors including moisture content, particle size, and how tightly the biomass is packed before measurement (Lam et al., 2008; Chevanan et al., 2010). It should be possible to adapt the existing standard for testing and comparing different types of grinding equipment (ASTM E959) to compare different types of biomass using a standardized piece of equipment. Standard procedures exist for bulk density (Figure 2B), but are highly dependent on the initial particle size. Particle density, which excludes the air space between particles, is another technique to estimate density of biomass. This can be measured with a gas pycnometer that displaces the air between biomass particles with a known volume of gas (Sokhansanj et al., 2008).

HIGH-THROUGHPUT PHENOTYPING: AUTOMATION AND INDIRECT MEASUREMENTS

Phenotyping biomass to distinguish between genetic and environmental controls on individual bioenergy traits requires the characterization of large populations of plants, and some of the techniques described above are more appropriate for analyzing large sets of samples than others. Detergent fiber analysis has been somewhat automated with filter bag systems (Vogel et al., 1999). Robotic systems that can grind and weigh many samples at once exist to determine properties important for enzymatic conversion (Santoro et al., 2010). Traditionally, protein is quantified with dyes (Bradford, Lowry, etc), with UV-vis spectroscopy, or other techniques reviewed in Sapan et al. (1999) or Noble and Bailey (2009), but indirect methods that quantify N (such as the Kjeldahl method or elemental analyzers) simply use a conversion factor to estimate crude protein (Mosse, 1990). There are a number of automated proximate analyzers, elemental analyzers, and calorimeters available (e.g., Fu et al., 2011; Kumar et al., 2011; Smets et al., 2011), in which multiple samples can be loaded into racks and then analyzed automatically by the instrument.

Another approach to high-throughput phenotyping is the identification of correlations between the trait of interest and others traits that are more easily measured. For example, heating value can be estimated based on biochemical, proximate, or ultimate analysis through various equations, summarized in Sheng and Azevedo (2005). Interestingly, ultimate analysis is the most reliable approach—maybe in part due to variation in estimating biochemical or proximate properties. It should be highlighted that like many regression approaches, the sample set that is used to build the equation is critical and thus the equations may be plant species specific. Since grindability is ultimately a function of properties like moisture and composition, equations can be used to predict it in various types of biomass (Ghorbani et al., 2010; Miao et al., 2011).

A variety of properties can also be predicted from non-destructive high-throughput spectroscopic methods, particularly infrared (IR), often measured with an instrument capable of utilizing a Fourier Transform approach (FTIR), or raman spectroscopy which provides information complementary with FTIR, and Near Infrared (NIR) methods. IR spectroscopy measures the absorption of IR radiation by functional groups within compounds and may be used to directly fingerprint the compound, or in complex samples (such as biomass) a predictive model can be developed to quantify the biomass composition. NIR spectroscopy provides information through the combinations of fundamental bond vibrations (harmonics and overtones) in many compounds that absorb different wavelengths of NIR radiation depending on their resonance structure and penetrates deeper into the sample than IR (Reich, 2005). Because of the complex interactions in the NIR spectra, it is generally necessary to develop a predictive model to correlate spectra with a primary analytical method to predict composition and may not be as sensitive as IR methods. Spectra and primary analytical quantification of the trait of interest is collected on a diverse set of representative samples and this is used to derive a calibration equation using multivariate statistical methods such as partial least squares (PLS) or principal component analysis (PCA) to correlate the spectra with the primary analytical methods. An excellent example of the range of assays that can be utilized as analytical methods to build NIR models is presented by Vogel et al., 2010. The equation is tested on another subset of samples to ensure that it accurately predicts the trait of interest basely solely on the spectra obtained (Sanderson et al., 1996; Burns and Ciurczak, 2001).

While there is a large initial investment in developing a model, the ability to predict composition of new samples based only on quickly capturing spectral information makes these methods an attractive option. Consequently, spectroscopic methods have been used to estimate almost all the properties previously discussed. Based on detergent fiber calibration, NIR has predicted biochemical composition of sugarcane (Sabatier et al., 2012), rice (Jin and Chen, 2007), corn stover and switchgrass (Liu et al., 2010), miscanthus (Hodgson et al., 2010) and several other species. Dietary fiber calibration has also been used to predict detailed monomeric sugar composition of corn (Wolfrum and Sluiter, 2009) and miscanthus (Hayes, 2012). Proximate and ultimate analysis and heating value have been estimated for rice straw using NIR (Huang et al., 2008, 2009). FTIR models have successfully been used to estimate N content, heating value and alkali index of switchgrass and reed canary grass (Allison et al., 2009), and lignin and heating value in poplar (Zhou et al., 2011). NIR has been used to estimate moisture, ash and heating value of spruce (Lestander and Rhén, 2005) as well as miscanthus and willow (Fagan et al., 2011) and heating value in sorghum and miscanthus (Roberts et al., 2011; Everard et al., 2012). Lestander et al., 2009 also show that NIR can even predict the energy required to pelletize sawdust, and NIR would likely have similar success in predicting the energy required to grind biomass. Though often omitted in methodological discussions, sample preparation can become the limiting step for any high-throughput phenotyping method. From this perspective, these may be less attractive due to necessary sample preparation steps. Both IR and NIR can utilize small sample sizes; <10 mg for IR and <100 mg for NIR (Laurens and Wolfrum, 2011) and while commonly the samples are ground, this is not always necessary (Penning et al., 2009). NIR is non-destructive, and through the use of various techniques [Attentuated Total Reflectance (ATR), Diffuse Reflectance (DR)], FTIR can also be non-destructive.

While research exploring the genetic basis for variation among these traits is often conducted in conditions that minimize the environmental variability (growth chambers and greenhouses), assessing the genetic and environmental interplay in field environments is essential to improving desirable traits in the new energy feedstocks. Recent efforts have begun to assess field populations with sensors that use various spectra of light and correlate with phenotypes such as plant height, biomass, drought tolerance and others (Montes et al., 2011; Normanly, 2012; White et al., 2012). These efforts need to be expanded to other bioenergy relevant traits. Non-destructive spectral imaging could be adapted from current applications in precision fertilizer application (Haboudane et al., 2002) to other compositional properties. These approaches might be used to predict heating value or even moisture content from spectral-based elemental composition (Seelig et al., 2008).

In summary, several primary analysis techniques might be amenable to high-throughput, mostly by automating the steps involved or multiplexing to process many samples at once. However there appears to be real promise in leveraging regression or multivariate approaches to predict key properties like heating value and ash based on data from elemental analyzers or spectral approaches.

CONCLUSION

Thermochemical conversion of biomass is an increasingly viable way to use bioenergy crops and agricultural residues to fulfill energy needs. Plant biologists and engineers both have important roles to play in the design of thermochemical bioenergy systems that result in appropriate pairings of biomass feedstocks and conversion technologies, though each group is limited by the constraints of their respective sub-systems. For engineers, this involves the design of efficient supply chains and conversion technologies that are robust to natural variations in biomass properties while minimizing energy use, material costs, and harmful emissions. Preprocessing technologies such as baling straw (Lötjönen and Paappanen, 2013) or torrefaction (Robbins et al., 2012) can also contribute to feedstock standardization. For biologists, this involves optimizing favorable biomass traits without compromising the plant's ability to survive in a sometimes hostile ecosystem. Natural genetic variation is a powerful resource for the improvement of bioenergy traits (both enzymatic and thermochemical) in feedstock plants, and the biological community has made great progress in understanding and manipulating the genetic pathways behind various relevant plant traits. Conversely, if natural variation for a trait is low, it is likely that modifications would incur serious consequences for the plant.

We find sufficient variation in lignin and evidence for potential genetic manipulation and several relatively high-throughput measurement methods. Unlike enzymatic systems where lignin is highly problematic, its role is more nuanced in thermochemical conversion systems where it is associated with higher HHV feedstocks, but changes to product distributions that may or may not be desirable. From an agronomic standpoint, increased lignin might be more feasible than reduced lignin due to the important roles it plays in physical stability and protection against pathogens. While less clear how amenable ash content is to genetic manipulation, we find larger variation in ash and variation in many of the minerals that contribute to ash and suitable methods to phenotype them. Silica is a special problem with grasses, but could be addressed by exploiting the huge diversity observed within and among species, particularly using knowledge of the transporters with which its deposition might be controlled. Reducing silica in grasses and increasing lignin to mitigate the associated agronomic impacts might lead to an optimal thermochemical feedstock. However, the relationship between lignin, ash, and thermochemical conversion products is still not well understood, and additional systematic experimentation or meta-analysis will be necessary to confirm these strategies. The most biologically interesting traits may not be the traits that will have the greatest economic and lifecycle impact. Efforts to determine heritability in more abstract traits such as moisture content, grindability and bulk density would be valuable next steps based on observations of genetic variation seen in rice and other species, though high-throughput methods to measure grindability and density do not currently exist.

Biochemical and proximate/ultimate analysis are both equally valid paradigms for describing a kilogram of biomass, though the latter does present two distinct advantages in the context of feedstocks for thermochemical bioenergy production. Predicting biomass properties such as HHV from biochemical analysis results is challenging (likely because of biases associated with different measurement methods), while regressions based on ultimate analysis appears to work even across diverse data sets (Sheng and Azevedo, 2005). Secondly, ultimate analysis may prove to be more amenable to high-throughput phenotyping efforts, with automated elemental analyzers and spectroscopy as promising direct and indirect methods for the measurement of many important properties. While initial investments in equipment and model development can be high, the establishment of core facilities and modeling equations for thermochemical characterization of biomass can make these approaches more accessible.

While this review has focused on genetic approaches to crop improvement, agricultural management (including what fertilizers to apply, when to harvest, and how to store the biomass) is critical and will impact the characteristics of the biomass, and ultimately, the lifecycle of the system (Robbins et al., 2012; Davis et al., 2013; Wilson et al., 2013). Teasing out genetic variation and environmental effects has been and will continue to be a major challenge. Careful observation of all key traits, including agronomic traits related to sustainable crop production, will need to be done—some pathways are common to some molecules or elements, and plants may need to compensate for composition changes in unexpected ways. It is critical to analyze results in the context of the environment and avoid sweeping generalizations attributed to a certain species or specific transgenic plant (Voelker et al., 2010). Moving from the individual plant in the greenhouse to a field of plants will present new challenges and new surprises. Can we make valid conclusions from biomass composition at the field level, or will understanding genetic control require phenotyping at the resolution of individual plant organs or even cell types? Large-scale high-throughput phenotyping is the next frontier in plant science, and this review can help biologists and engineers prioritize traits for next generation bioenergy crop improvement. Beyond bioenergy, the food, forage, pulp, and paper industries will benefit as we fine-tune all aspects of biomass composition.
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The bio-based economy relies on sustainable, plant-derived resources for fuels, chemicals, materials, food and feed rather than on the evanescent usage of fossil resources. The cornerstone of this economy is the biorefinery, in which renewable resources are intelligently converted to a plethora of products, maximizing the valorization of the feedstocks. Innovation is a prerequisite to move a fossil-based economy toward sustainable alternatives, and the viability of the bio-based economy depends on the integration between plant (green) and industrial (white) biotechnology. Green biotechnology deals with primary production through the improvement of biomass crops, while white biotechnology deals with the conversion of biomass into products and energy. Waste streams are minimized during these processes or partly converted to biogas, which can be used to power the processing pipeline. The sustainability of this economy is guaranteed by a third technology pillar that uses thermochemical conversion to valorize waste streams and fix residual carbon as biochar in the soil, hence creating a carbon-negative cycle. These three different multidisciplinary pillars interact through the value chain of the bio-based economy.
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THE BIO-BASED ECONOMY

With a rapidly growing world population and increasing wealth, mainly due to rising incomes in developing countries, we are facing the challenge to provide our economy with sufficient energy to guarantee our modern standard of living. Currently, the world’s economy is running on hydrocarbons that were formed over millions of years by decomposing plant and animal remains (Hook et al., 2010). These finite resources are being consumed at an increasing speed in an unsustainable way and the resulting release of carbon dioxide into the atmosphere is considered one of the key factors causing current global climate changes. In addition, fossil fuel reserves are at the base of international political and economic conflicts, mainly because these resources are unequally distributed over the globe (O’Lear, 2004). These different concerns have led to an increasing focus on alternative renewable and sustainable resources such as solar, wind, geothermal, hydroelectric, and wave energy. Although none of the developed technologies can solely fulfill our current energy needs, an integrated approach combined with a general concern for energy saving and improved energy-efficient technologies can definitely shift our conventional way of living toward sustainability (Lund, 2007).

In a sustainable economy, not only energy, but also materials will be derived from renewable resources. Here, plant biomass has an important advantage over the mentioned energy resources as it is an easy accessible source for both energy and materials (Figure 1). Biomass is produced by photosynthesis, a biochemical process that uses solar energy to convert atmospheric carbon dioxide into carbohydrates. Initial attempts were made to launch a bio-based economy running on vegetable oils and on sugars derived from starch or sucrose. These so-called easily accessible first generation feedstocks are in direct competition with the food chain, and hence are not without controversy (Williams, 2008). As an alternative, feedstocks of the second generation were introduced. These refer to the entire plant biomass, which is mainly composed of plant cell wall polysaccharides. The annual amount of biomass produced by land plants is enormous and estimated numbers vary between 10 and 200 × 109 tons (Pauly and Keegstra, 2008; Chandel et al., 2010; Kalluri and Keller, 2010). Roughly 70% of this biomass is made up of plant cell walls of which approximately three quarters are polysaccharides. Cellulose is a major polysaccharide of the cell wall, and this linear polymer of β-1,4-linked glucose units is considered to be the world’s most abundant biopolymer (Pauly and Keegstra, 2008). Glucose is an ideal carbon source to feed the bio-based economy, since it is easily converted by microorganisms and enzymes into ethanol and a variety of chemical compounds. In a sustainable production process, the remaining biomass is subsequently concentrated and processed to biogas by anaerobic digestion after which the residual waste fractions are converted into bio-oil or biochar by pyrolysis (i.e., heating under an oxygen-limited environment; Lehmann, 2007; Lehmann and Joseph, 2009). The initial biomass, as well as the derived biogas, bio-oil and fermentation products can all be used as energy source. The biochar produced at the end of the processing pipeline is a carbon-rich, recalcitrant product that contains all residual nutrients. Returning it to agricultural land closes the nutrient loop and sequesters atmospheric carbon, potentially creating a sustainable and carbon-negative cycle (Mathews, 2008).
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FIGURE 1. Recycling of energy and nutrients within the carbon-negative bio-based economy. The carbon-negative bio-based economy is based on three integrated processes: green biotechnology (top), white biotechnology (middle), and thermochemical conversion (bottom). Plants use solar energy to convert carbon dioxide into biomass, mainly plant cell walls with cellulose as most abundant polymer. This polymer is enzymatically converted to glucose monomers (saccharification) which are used as carbon source by microorganisms to produce chemical compounds, among which bioethanol. The efficiency of this process is mainly dependent on the recalcitrance of the cell wall that is considerably reduced by physical, thermal, or chemical pretreatments of the biomass. Waste streams are minimized or concentrated to feed anaerobic digesters for the production of biogas that can be integrated in the system. Rest fractions are converted into added value compounds, energy, or biochar by pyrolysis. The latter is used as a long acting soil amendment on the field. During passage over the different segments, specific fractions of the initial biomass can leave the processing treadmill for valorization into bio-based products (purple arrows), while carbon and nutrient waste streams are recycled as soil additive (blue arrows), or as energy (red arrows).



The transition from the current fossil fuel-based economy toward a biomass-based economy requires the interplay of a wide variety of technologies. As the bio-based economy is established on two fundamental biological processes, being photosynthesis and fermentation, biotechnology is quickly becoming a technological cornerstone for the further development of a sustainable economy and plays a key role in the bio-economy value chain. Plant (green) biotechnology is important for the primary production of optimized biomass through the improvement of crops, whereas industrial (white) biotechnology is involved in improving the conversion efficiency of these renewable resources into a wide range of products. The third technology pillar supporting the carbon-negative bio-based economy focusses on the conversion of generated waste streams to added value products, being bio-oil and biochar. Each of the pillars needs to be optimized and the cross-disciplinary fields integrated to achieve a viable and sustainable alternative for our current economy based on fossil fuels (Figure 1).

THE GREEN BIOTECHNOLOGY PILLAR: PRIMARY BIOMASS PRODUCTION

INCREASING YIELD AND REDUCING STRESS

To develop a carbon-negative and sustainable bio-based economy, it is important to maximize the biomass yield per unit land. This obviously starts with the selection of the most appropriate biomass crops, which depends largely on the geographical location of the field. Ideally, these crops are able to produce substantial amounts of biomass over a short period of time, with minimal requirements for nutrient and water input. From this perspective, perennial plants like Miscanthus, poplar and willow are generally considered the preferred choice (Sanderson and Adler, 2008). A single planting effort, followed by multiple harvests in the subsequent years, combined with decreased needs for nutrient supply and pest control strategies compared to annual plants, results in a higher net energy balance. In addition, their longer roots offer significant soil protection effects, thereby reducing nutrient losses and rendering plants more tolerant against severe drought conditions. Plantations on marginal and waste lands avoid competition for arable land that is more suited for food and feed crops. Interestingly, a recent study discussed the potential of wild perennial herbaceous vegetation as an alternative for the intentionally grown crops on marginal lands (Gelfand et al., 2013). Although the concept of exploiting marginal land for biomass production is attractive, the high investment costs combined with the relatively low return are major bottlenecks that withhold the further exploitation of these areas. To reduce the costs related to transport and logistics, biomass processing could be performed locally or the process could be implemented into existing agricultural infrastructure (Dweikat et al., 2012).

Besides selecting the most appropriate crops, there is considerable potential in optimizing the plants’ physiological processes toward increased biomass production. The primary and key process in biomass production is photosynthesis, as it converts solar energy into sugars. This process is surprisingly inefficient (Larkum, 2010), since only a minor fraction of the absorbed solar energy is effectively incorporated into the biomass [around 1% compared to the 15–25% energy conversion efficiency of current photovoltaic cells (Green et al., 2013)]. Improving this energy conversion efficiency is a promising although challenging approach to increase yield and can be tackled at different levels: e.g., modifications of the plant architecture (Stamm et al., 2012) or leaf canopy to maximize the capture of sunlight (Zhu et al., 2012); increasing the stomatal density to improve the photosynthetic capacity (Tanaka et al., 2013); engineering C3 plants with a more efficient C4 metabolism and physiology (Zhu et al., 2010; Langdale, 2011; Covshoff and Hibberd, 2012); or improving enzymes catalyzing rate limiting steps in carbon fixation. The most important and best studied target for the latter approach is the key enzyme Rubisco (ribulose-1,5-biphosphate carboxylase/oxygenase), catalyzing the first step in the fixation of atmospheric carbon dioxide. Besides being slow, the enzyme lacks specificity, frequently incorporating oxygen rather than carbon dioxide. Due to the overall importance of this enzyme, even the slightest improvement in performance should have a significant effect on biomass production (Parry et al., 2013). However, progress in this field is rather slow (Blankenship et al., 2011) and other targeted approaches such as pathway shuffling to reduce the loss of carbon when oxygen is incorporated (Kebeish et al., 2007; Peterhansel et al., 2013), or improving photosynthetic electron flow in the thylakoid membrane, turned out to be more successful (Chida et al., 2007).

To find new potential candidate genes or pathways involved in yield improvement, integrated and system-wide approaches are being applied. These require computational tools to construct molecular models, describing growth regulation in an integrated way. Over the years this has resulted in the identification of a plethora of genes linked to increased biomass production. These “intrinsic yield genes” (IYGs) are involved in various processes and the functional study of these candidate genes is an ongoing process. Although their interrelationship is largely unknown, transgenic plants that overexpress/downregulate more than one IYG frequently reveal additive or synergistic effects on plant yield (Gonzalez et al., 2009), indicating that a combination of genes may have more potential to increase biomass in target crops than engineering the expression of individual genes (De Veylder et al., 2007). Also varieties that are able to cope with fluctuating and adverse environmental conditions, like drought, temperature, and salt stress, are needed, especially when considering that energy crops will be cultivated on marginal lands. When plants are exposed to abiotic stress, gene expression is altered to induce protective effects. These involve a complex regulatory network that mediates morphological, physiological, biochemical, and molecular changes. A better understanding of these events will be key in breeding plants with increased resistance to abiotic stress. Breeding crop varieties with improved performance during suboptimal growth conditions is currently one of the ambitious, but crucial objectives of plant biotechnology. In the model plant Arabidopsis, the function of at least 150 genes was correlated with increased stress tolerance. These so-called “stress tolerance genes” (STG) can be functionally categorized in two broad groups: executors of stress tolerance (protective enzymes, detoxifying proteins, ion transporters, antioxidants) and signal transducers (kinases, phosphatases, transcription factors…; Hirayama and Shinozaki, 2010; Skirycz et al., 2011).

Once analyzed in Arabidopsis, interesting findings have to be translated to economically valuable crops (Vinocur and Altman, 2005; Yamaguchi and Blumwald, 2005; Chew and Halliday, 2011). Successful examples of such transition were the overexpression of an Arabidopsis transcription factor and of bacterial RNA chaperones in maize leading to improved performance on water limited fields (Nelson et al., 2007; Castiglioni et al., 2008). Success of translational research is not guaranteed and depends to some extend on the genetic distance between Arabidopsis and the crop of interest. To reduce this distance, new species have been introduced such as the weedy Setaria viridis and domesticated S. italica, which are considered models for Panicoid grasses (including maize, sugarcane, and Miscanthus; Brutnell et al., 2010; Li and Brutnell, 2011). Another obstacle encumbering translational research is the genetic complexity of many crops which asks for new bioinformatics tools that can deal with high ploidy levels, allelic variation, low gene coverage, and highly repetitive sequences (Dal-Bianco et al., 2012). Finally, environmental conditions affect the success rate of translational research. Most studies in Arabidopsis focus on short-term and harsh stress treatments that seldom reflect natural conditions in the field, where combinations and fluctuating periods of stress occur. From an agronomic point of view, it is more relevant to assess the stress effects on plant growth and yield with readouts that span the whole life-cycle of the crop (Skirycz et al., 2011). Consequently, field trials are essential to extrapolate the lab results and analyze the plant’s performance under suboptimal growth conditions that are closer to real life (Pilate et al., 2002). This is especially the case for biomass crops, since cell wall composition can differ considerably between field- and greenhouse-grown plants, making greenhouse-based screenings not always effective in selecting plants with improved field performance (Jahn et al., 2011; Pilate et al., 2012).

BREEDING TOWARD CROP IMPROVEMENT

Although we emphasized the importance of genetic engineering for crop improvement, the importance of classical breeding should not be overlooked. Breeding is highly effective for polygenic traits and careful selection and genetic improvement toward specific properties over thousands of years have boosted the yield of the major food crops to such extent that most crops hardly resemble the wild varieties they were derived from Doebley (2004) and Smith and King (2000). A number of these crops have been further optimized for traits relevant to biomass production. For example, the current sugarcane yield almost doubled since the 1970s, from 45 tons/ha to approximately 80 tons/ha (Dal-Bianco et al., 2012). For other biomass crops (e.g., switchgrass and Miscanthus), intensive breeding programs have been initiated more recently. However, thanks to their relatively short life cycle and the integration of biotechnology in the breeding process, considerable progress toward biomass production was made over a short period of time (Stamm et al., 2012). This is in sharp contrast to trees grown for lignocellulosic biomass production. Although intensively used for thousands of years, trees were only recently cultivated and their long juvenile stage considerably slows down breeding programs. For example, the genetic improvement of poplar, considered worldwide as a promising lignocellulosic biomass crop, has only started in the late 18th century with the selection of inter-specific hybrids that appeared spontaneously (Flachowsky et al., 2009; Stanton et al., 2010). Modern breeding programs started much later, and with breeding cycles of 15–20 years, most advanced poplar breeding programs are in the fourth generation only. During recent years, considerable progress has been made in reducing the generation time of trees to accelerate breeding. Early flowering can now be induced by the application of plant hormones such as gibberellic acid or by transgenic techniques. For example, the overexpression of regulatory genes such as LEAFY (LFY) or APETALA1 (AP1) results in flower induction and trees with a generation time of one year only (Pena and Seguin, 2001; Martin-Trillo and Martinez-Zapater, 2002).

The preferred breeding strategy is dependent on the physiological and hereditary characteristics of the crop. For example, some promising biomass crops are inter-specific hybrids and sterile (e.g., the allotriploid Miscanthus × giganteus), complicating breeding efforts. Here, chromosome doubling has been used to successfully restore fertility (Yu et al., 2009). Similarly, many potential energy crops are self-incompatible and obligate out-crossers, with large genetic diversity both within and among populations. This implies that successful breeding tools developed for inbred lines (cfr. maize) are not applicable for these crops. In addition, many domestication mutations are recessive defective alleles which generally explain a larger portion of the phenotypic variation than functional alleles, making it worthwhile to identify them. In breeding programs with self-incompatible plants, these rare recessive alleles will only manifest themselves in back-cross progeny that typically shows inbreeding depression. New technologies based on next generation sequencing, such as breeding with rare defective alleles (BRDA), in which large populations are screened for specific deleterious mutations in the gene of interest, can bring outcome (Marroni et al., 2011; Vanholme et al., 2013). The increase in sequencing capacity also allows genome-wide association studies (GWAS) to speed up breeding progress (Morris et al., 2013). These approaches can nowadays be extended to larger populations than currently used for breeding, even allowing to exploit the large genetic variation typically present in wild germplasm (Vanholme et al., 2013).

CELL WALL IMPROVEMENT

The main component of plant biomass used as second generation feedstock is the plant cell wall, which is composed of different polymers. In the case of the primary cell wall, these are mainly cellulose, hemicellulose, and pectin polysaccharides (Carpita and Gibeaut, 1993). Depending on the cell type and fate, a secondary cell wall containing cellulose, hemicelluloses, and lignin is deposited (Figure 2). The complex network of different polymers provides the strength that is needed to withstand mechanical stress and forms an important barrier to protect the cell against pathogens. This inherent recalcitrance makes it difficult to dismantle the cell wall and recover the desired building blocks for further processing. Here, green biotechnology holds an enormous potential to design cell walls for easier processing (Chen and Dixon, 2007; Gomez et al., 2008; Abramson et al., 2010; Carpita, 2012).
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FIGURE 2. Structure of cellulose within the plant cell wall. The plant cell is surrounded by a recalcitrant cell wall composed of cellulose (β-1,4-coupled glucose monomers) aggregated into microfibrils (black). Microfibrils are crosslinked by hemicelluloses (red) and the resulting polysaccharide network is embedded in lignin (brown).



Increasing cellulose synthesis is an obvious strategy to improve the value of bioenergy crops. However, as the molecular mechanisms behind cellulose synthesis and deposition are still not fully understood, this approach is challenging (Guerriero et al., 2010). Nevertheless, a molecular pathway regulating cellulose biosynthesis should exist, since plants can change their cellulose content under specific conditions. For example, under mechanical stress trees produce tension wood which is characterized by a cell wall layer (the G-layer) that is composed almost exclusively of cellulose. As tension wood releases approximately 2.5× more glucose compared to control wood in saccharification experiments (Brereton et al., 2011), activating these mechanisms in trees is considered a Holy Grail to boost the bio-based economy. However, despite being intensively studied (Andersson-Gunneras et al., 2006; Kaku et al., 2009; Foston et al., 2011), the molecular mechanisms regulating tension wood formation are still not known and little progress is being made in this field.

Tension wood also contains considerably less lignin which will contribute to its enhanced saccharification efficiency. Indeed, lignin is a complex, recalcitrant and insoluble polymer that is considered the main (although not the only) limiting factor in the conversion of lignocellulose toward fermentable sugars (Chen and Dixon, 2007; Vanholme et al., 2008; Koo et al., 2012; Van Acker et al., 2013). In trees, lignin makes up 15–36% of the dry weight of wood (Zobel and van Buijtenen, 1989) and reducing this fraction is an attractive approach to improve biomass properties (Vanholme et al., 2010b). The percentage in lignin reduction required to obtain positive effects on saccharification efficiency largely depends on the plant species, as well as the composition and microarchitecture of the cell wall (Chen and Dixon, 2007; Centi et al., 2011). Because lignin is an important component of the secondary cell wall, reducing its abundance is often associated with a growth penalty (Van Acker et al., 2013). Whereas these growth defects were previously assigned to an overall reduction in mechanical strength of the cell wall, recent evidence links them at least in part to an accumulation of salicylic acid, a plant growth regulator directly derived from the phenylpropanoid pathway (Gallego-Giraldo et al., 2011).

Rather than reducing the lignin content, engineering the structure of lignin could be another elegant way to reduce cell wall recalcitrance (Grabber et al., 2012; Vanholme et al., 2012). The lignin polymer is composed of a few major aromatic building blocks (coniferyl alcohol, sinapyl alcohol, and minor amounts of p-coumaryl alcohol; Boerjan et al., 2003). Once coupled, these buildings blocks are called guaiacyl (G), syringyl (S), and p-hydroxyphenyl (H) units, respectively. The coupling generates a variety of chemical bonds, each having its own susceptibility to chemical degradation during downstream processing of the biomass. Altering the ratio of the major units of the lignin polymer can affect the ease of lignin degradation through chemical hydrolysis and can significantly improve saccharification and pulping (Pilate et al., 2002; Bose et al., 2009; Sannigrahi et al., 2010). However, as the shift in S/G ratio can come with a change in overall lignin content, conclusions should be interpreted with care (Vanholme et al., 2008; Stewart et al., 2009). Currently, both increases (Li et al., 2010) and decreases (Fu et al., 2011) in S/G ratio have been linked with improved biomass processing, whereas still other studies found no correlation between the lignin composition and saccharification yield (Chen and Dixon, 2007; Mansfield et al., 2012). Thanks to our current insight into the lignin biosynthetic pathway, plants can be steered to engineer entirely novel lignin polymers with vastly different properties (Baucher et al., 1996; Pilate et al., 2002; Leplé et al., 2007; Ralph et al., 2008; Vanholme et al., 2010a). In addition to the use of plant genes, a plethora of genes derived from other taxa might be used to generate novel building blocks and engineer easily degradable lignin polymers (Vanholme et al., 2012). For example, Eudes et al. (2012) have used a bacterial hydroxycinnamoyl-CoA hydratase-lyase (HCHL) to convert precursors of monolignol building blocks in non-conventional monomers, such as hydroxybenzaldehydes and hydroxybenzoate. Overexpressing this gene in Arabidopsis resulted in plants with shorter lignin polymers and an increased saccharification yield.

Although the focus so far has been on the reduction of lignin, biomass with high lignin content could also be interesting for applications other than saccharification. Lignin has a high calorific value, releasing more energy compared to polysaccharides when burned. Consequently, some biomass types with high lignin concentration (e.g., endocarp) have an energy content comparable to that of charcoal (based on the heating value), and higher than that of classical energy crops (Mendu et al., 2012). In addition, lignin could be a renewable resource of valuable building blocks for the chemical industry, and replace fossil fuel (petroleum)-based polymers. Despite its great potential in this field, the heterogeneity of the lignin polymer makes it difficult to process (Chung and Washburn, 2012).

Despite the many studies linking lignin amount to cellulose accessibility, there is growing evidence that factors beyond lignin content influence cell wall recalcitrance (Studer et al., 2011; Brereton et al., 2012; Ray et al., 2012; Van Acker et al., 2013), bringing factors such as the lignocellulosic architecture or hemicellulose content and composition into the picture. Indeed, enzymatic hydrolysis of hemicelluloses is an efficient way to improve the saccharification potential, but the overall complexity of the hemicellulose structures asks for a cocktail of enzymes for their degradation into oligo- and monosaccharides. In addition, a substantial fraction of hemicellulose-derived sugars are pentoses (xylose and arabinose) and these sugars cannot be fermented by the yeast strains used to produced ethanol on an industrial scale (Chandel et al., 2010, 2012). Tuning the hemicellulose content or composition of the biomass is a promising strategy to circumvent these problems. One way to do this is to degrade part of the cell wall by the expression of genes encoding cell wall-degrading enzymes (CWDEs) during plant growth (Obro et al., 2011). Although CWDEs targeting the major polysaccharides of the cell wall have already been expressed in plants, in most studies the effect on saccharification yield has not been investigated or a profound cell wall characterization of these plants is lacking. In addition, the focus has mainly been on the expression of single genes, whereas it is known that CWDEs work synergistically, and complex enzyme cocktails are needed to degrade the cell wall (Figure 3). Obviously, a complete degradation of the cell wall during development is not the aim of such approaches, however, it would be interesting to combine enzymes, since such combination could have additive effects (Zhang et al., 2011). Such approaches, where plant cell walls are modified, will always ask for a subtle balance between the modification level to improve downstream processing and the avoidance of a negative impact on plant physiology. Not only will the cell wall be weakened by the partial degradation, also cell wall fragments will be released in the apoplast. These fragments can act as elicitors that activate stress response pathways in the plant (Ridley et al., 2001). The penetrance of such response can depend on the environmental conditions (Taylor et al., 2008), underscoring the importance of field trials to test the performance of these novel biomass crops under more adverse conditions, such as greater variability in light, wind, and temperature. To avoid possible adverse effects on plant growth and development, enzymes of thermophilic organisms are being used. The underlying idea is to produce CWDEs that are inactive during growth and development but can be activated upon harvest by submerging the biomass in hot water. This strategy was further optimized by inserting the code for a thermostable self-splicing bacterial intein in the coding sequence of the enzymes (Shen et al., 2012). Because the enzymes are produced by the plant, it limits the requirement for complex and expensive enzyme cocktails to efficiently saccharify the biomass, thus significantly reducing the processing costs (Sticklen, 2006; Oraby et al., 2007; Borkhardt et al., 2010). As the targeted substrates will be most likely embedded in lignin by the time the enzymes are activated, improved processing is to be expected in plants engineered to make less lignin. Other strategies target the cell wall microarchitecture rather than the lignin polymer to increase cell wall porosity and improve saccharification yield. This can be obtained by the heterologous expression of genes coding for non-catalytic carbohydrate-binding modules (CBMs). These will destabilize the cell wall by intercalating between cell wall polysaccharides. Interesting, besides modifying the architecture of the plant cell, the accumulation of CBM in the cell wall generally has a positive effect on the plant yield (Shoseyov et al., 2006). Alternatively the incorporation of non-crystalline soluble polysaccharides (e.g., hyaluronan) in the cell wall might result in plants with normal structural integrity, but as these polysaccharides are soluble, they are expected to be easily removed from the cell wall during pretreatment steps, leaving behind a more porous cell wall (Abramson et al., 2010).
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FIGURE 3. The synergistic function of different enzymes to degrade crystalline cellulose. Complete depolymerization of celluloses is obtained by the synergistic action of several enzymes. Endoglucanases (EG) cleave internal bonds at amorphous sites and create new chain ends. Exocellulases or cellobiohydrolases (CBH) cleave two units from the ends of the cellulose polymer, releasing disaccharides (cellobiose). There are two types of CBH: one working from the reducing end (CBH I), and another working from the non-reducing end of cellulose (CBH II). β-glucosidases (BG) hydrolyze the oligosaccharide products into individual monosaccharides. In turn, cellobiose dehydrogenases (CDH) use an acceptor molecule to oxidize cellobiose by a radical reaction. The released electrons can be used by polysaccharide monooxygenases, such as those from glycosyl hydrolase 61 (GH61), to depolymerize crystalline cellulose through reductive elimination. Most of the enzymes are coupled to carbohydrate-binding modules (CBMs), which have no catalytic activity, but secure the binding of the catalytic domain to the polysaccharide (based on Horn et al., 2012).



THE WHITE BIOTECHNOLOGY PILLAR: FROM BIOMASS TO PRODUCT

BIOMASS PRETREATMENT

The conversion of fermentable sugars into chemicals, materials, or fuels is achieved with microorganisms and their enzymes, which are the workhorses of white biotechnology. Although this discipline has a very rich history, it is only recently that lignocellulosic biomass is used as a source for sugars. Due to differences in its composition and complexity compared to classical fermentation feedstocks (e.g., sucrose or starch), this shift came with new challenges (Chandel et al., 2012). Although the biomass itself can be optimized for downstream processing, a physicochemical pretreatment of biomass is essential to open up the substrate’s structure and lower its recalcitrance. The subsequent biological conversion then typically consists of two steps, i.e., enzymatic hydrolysis followed by microbial fermentation – although both can also be performed simultaneously.

Despite numerous efforts, the establishment of an ideal pretreatment procedure has not yet been achieved. In contrast, the most optimal protocol has been found to depend heavily on the type of biomass that needs to be processed. This implicates that a one-size-fits-all solution is unlikely to exist (Hendriks and Zeeman, 2009). Furthermore, the pretreatment procedure also has a significant impact on the subsequent hydrolysis and fermentation steps, and should thus not be evaluated independently. Treatment with strong acids, for example, is well known to generate side products (e.g., furfural, 5-hydoxymethylfurfural, levulinic acid, and formic acid) derived from hemicellulose pentoses that have an inhibitory effect on microorganisms used during fermentation. Nevertheless, some criteria have been proposed that can be used to evaluate the usefulness of a pretreatment procedure (da Costa Sousa et al., 2009). These not only include technological factors, but also environmental and economic parameters. In contrast to the other steps in the conversion process, pretreatment is still relatively expensive and can account for up to 15–20% of the total capital investment.

Pretreatments involving high temperatures (>160°C) have been successfully applied to a wide variety of biomass types. The main goal is to solubilize hemicelluloses (and to a lesser extent lignin), and thus to make cellulose more accessible. Steam explosion probably is the most efficient example but carries the risk of inhibitor formation, especially under acidic conditions (Ballesteros et al., 2006). Although acids can be used in concentrated solutions, they are often diluted (e.g., ~1% sulfuric acid) to limit hydrolysis and secondary reactions of hemicelluloses (Chen et al., 2012a). However, acid hydrolysis of hemicelluloses can eliminate the need for additional enzymes such as xylanases, which significantly lowers the cost of the overall process. In any case, the resulting biomass needs to be neutralized by extensive washing before it can be fermented by microbes. Alkaline pretreatments, in contrast, mainly act on the ester linkages between lignin and carbohydrates, which allows the aromatic polymer to be extracted from the biomass. A famous example is ammonia fiber expansion (AFEX), where concentrated ammonia (~1 kg/kg dry biomass) is applied at relatively low temperatures (~100°C) in a high-pressure reactor (Balan et al., 2009). The volatile catalyst can afterward easily be recycled, leaving the biomass ready for hydrolysis and fermentation without prior detoxification. Alternatively, fractionation of biomass components can also be achieved with specific solvents. In the organosolv process, for example, aqueous alcohol in the presence of dilute acid (~60% ethanol, 1% H2SO4) is used to extract lignin and hemicelluloses, respectively (Zhao et al., 2009). Although this technology is successfully applied in the pulp industry, it is rather expensive for biofuel production. Finally, oxidizing agents such as hydrogen peroxide or peracetic acid can also be used to remove hemicelluloses and lignin from biomass. However, these chemicals are rather unspecific and can result in a significant reduction in sugar yields, as well as formation of inhibitors derived from lignin.

ENZYMATIC HYDROLYSIS: LOWERING THE ENZYME COST AND OPTIMIZING THE ENZYME COCKTAIL

Several microorganisms are able to grow on lignocellulosic biomass and can thus be used as source of hydrolytic enzymes (Gilbert, 2010). Many cellulolytic bacteria produce a multi-enzyme complex called cellulosome, in which various carbohydrate-degrading activities are linked to a central scaffold that is physically attached to the bacterial cell wall (Fontes and Gilbert, 2010). Fungi, in contrast, secrete a mixture of soluble enzymes into the extracellular medium. As the enzymes are much easier to recover in that case, fungal cellulases have become the preferred constituents of commercial preparations (van den Brink and de Vries, 2011). These basically consist of three enzyme classes: endoglucanase, exoglucanase or cellobiohydrolase (CBH) and β-glucosidase (Figure 3). For the degradation of hemicellulose, however, a much broader range of specificities is required, including xylanases, α-L-arabinofuranosidases, mannanases, α-galactosidases, and multiple esterases (Shallom and Shoham, 2003). The most famous source of cellulolytic enzymes undoubtedly is the saprophytic mesophilic fungus Trichoderma reesei (now reclassified as Hypocrea jecorina). The enzyme cocktail that it produces consists of two exo- and at least five endoglucanases that act synergistically to degrade cellulose. The former are by far the most abundant components, with CBH I even making up about half of the secreted protein. Although the secretome of T. reesei was found to contain many additional catalytic and auxiliary proteins (Foreman et al., 2003), the sequencing of its genome revealed that it encodes fewer (hemi)cellulases than any other fungus able to decompose plant biomass (Martinez et al., 2008). Despite the fact that T. reesei is well established as industrial workhorse, efforts are still being directed toward the identification of new cellulolytic organisms with improved properties (Gardner et al., 2012; Bhalla et al., 2013).

Cellulases are relatively costly enzymes, which has long been one of the major hurdles for the commercialization of cellulosic ethanol. During the past decade, however, their cost has decreased more than 20-fold to about US$0.12/gallon ethanol, mainly thanks to efforts from Novozymes and Dupont Industrial Biosciences (formerly Genencor) in subcontract with the US Department of Energy (Merino and Cherry, 2007). This impressive result has been achieved by a combination of increased enzyme performance and improved enzyme production. Although the wild-type T. reesei strain QM6a is already able to secrete high amounts of protein, numerous mutants that perform even better have been isolated (Peterson and Nevalainen, 2012). At Rutgers University, for example, random mutagenesis has famously been applied to create strain RUT-C30 that secretes up to 20 g/L protein. Furthermore, this strain is less sensitive to catabolite repression by glucose, which enabled its use as inducer (in combination with cellulose). Although sophorose is the most efficient inducer of cellulases, its excessive price prohibits its application in commercial processes. It can, however, be produced in situ from glucose by the transglycosylation activity of cellulases (England et al., 2010), but this process is not very efficient. Therefore lactose has long been used as alternative but the ability to switch to glucose decreased the cost of induction even further. Finally, optimization of the fermentation process itself has also resulted in major gains in the cost-benefit balance (Singhania et al., 2007).

Considerable progress has also been made in the optimization of the individual components of the enzyme mixture. Cellulases are rather slow enzymes, and increasing their specific activity has, therefore, long been on the wish list of protein engineers, but the results have been moderate at best (Wilson, 2009). One of the main challenges is that enzyme improvements as measured with one (artificial) substrate do not necessarily translate into improved performance in industrial settings. In addition, the moderate thermostability of the mesophilic T. reesei enzymes has been addressed by random and rational mutagenesis. In that respect, CBH I has been one of the main targets since it is the most abundant, but also the least stable cellulase (Tm ~61°C). However, its melting temperature could be increased with almost 15°C, making it at least as stable as the other enzymes (Lantz et al., 2010). In parallel, improved homologs have also been identified in nature and used to complement the enzyme cocktail of T. reesei. The cloning of a glucose-tolerant β-glucosidase, for example, has largely solved the problem of product inhibition during hydrolysis (Mathew et al., 2008). Somewhat similar to the situation with pretreatment protocols, the goal of composing a perfect enzyme mixture for the hydrolysis of lignocellulosic biomass has been abandoned for the development of dedicated cocktails tailored to a specific type of biomass and pretreatment technology (Levine et al., 2011). For example, the original cellulase mixture from Dupont Industrial Biosciences has evolved into Accellerase DUET and TRIO, which are supplemented with auxiliary enzymes (β-glucosidase and hemicellulase). It is clearly stated in the application notes of these products that “when pretreatments result in a feedstock that would benefit from additional hemicellulose degradation, one should test whether there is synergy between the different enzyme samples.”

Next to the hydrolytic enzymes, the existence of auxiliary proteins that stimulate the activity of cellulases has been debated ever since the early days of biomass research (Reese et al., 1950). Their true identity was, however, only revealed a few years ago. Indeed, a protein was identified that displays significant homology to plant expansins and disrupts the crystalline structure of cellulose without apparent hydrolytic activity (Saloheimo et al., 2002). This so-called swollenin was, however, later found to slowly hydrolyze hemicellulose components, which could be a possible explanation for the observed effect (Yao et al., 2008). Clearly, more research is needed to completely unravel its mode of action and to evaluate its contribution to the efficient degradation of biomass. In parallel, members of the glycosyl hydrolase family 61 (GH61) were recently shown to degrade cellulose by means of an oxidative instead of a hydrolytic mechanism (Westereng et al., 2011; Figure 3). These proteins were long described as cellulase-enhancing factors, but can now be designated as polysaccharide monooxygenases. They do not have the typical substrate-binding cleft observed in canonical cellulases, but seem to bind linear carbohydrate chains along their flat surface where the active site is located (Quinlan et al., 2011). Their ability to depolymerize crystalline substrates significantly facilitates the activity of cellulases, meaning that lower enzyme loads are needed and perhaps even less severe pretreatment conditions (Harris et al., 2010). Furthermore, their physiological redox-partner seems to be cellobiose dehydrogenase, which acts on the product of cellulose hydrolysis and thus provides positive feedback to the oxidation–hydrolysis reaction sequence (Langston et al., 2011). These discoveries represent major breakthroughs in cellulose research and are expected to make the conversion of biomass considerably more cost-effective.

CONVERSION OF BIOMASS TO PRODUCTS – TAILOR MADE MICROORGANISMS

Simple organic compounds derived from the primary metabolism (i.e., ethanol, butanol, or acetone) were the first set of chemicals to be targeted for microbial overproduction at an industrial scale (Jones and Woods, 1986). However, the ambition of many countries to become economically independent from fossil fuels prompted the production of an increasing number of fine and bulk chemicals, many of which were never produced before by these microbial hosts. Emerging fields, such as metabolic engineering, protein engineering, and synthetic biology, consolidate this transition and the specific microorganisms used in fermentation reactions are increasingly engineered to efficiently produce the desired compound. These “designer bugs” can be considered as real cell factories that are used to produce complex metabolites or their direct precursors with a myriad of applications in, among others, antibiotics (cephalexin), pharmaceuticals (artemisinin, taxol, resveratrol, and palifosfamide), food additives (vanillin, valencene, succinic acid, citric acid, and amino acids), cosmetics (farnesene), surfactants (rhamnolipids and sophorolipids), and chemicals (D-lactic acid and isobutanol) (Park et al., 2007; Lee et al., 2009; Tsuruta et al., 2009; Ajikumar et al., 2010; Papini et al., 2010; Adsul et al., 2011; Van Bogaert et al., 2011).

In contrast to the intensive efforts to obtain novel metabolites, tuning the organisms has not been considered the main priority in optimizing the production of bulk chemicals. Many of these classical fermentation processes have a rich history, and the specific hosts have been carefully selected over decades or even centuries (Solomon et al., 2007). Consequently, most are robust and outperform other microorganisms under the variable processing conditions used during fermentation. For example, Saccharomyces cerevisiae readily produces ethanol from glucose, mannose, or fructose and additional engineering of this organism was not considered crucial for the production of first generation biofuel (van Maris et al., 2006; Solomon et al., 2007). This philosophy changed considerably with the shift to second generation feedstocks and the task to develop an economy that has to compete with the fossil-based industry. This challenge urged to improve the fermentation process at all levels, including the microbial host. One of the important shortcomings of S. cerevisiae, limiting its use in processing lignocellulosic biomass, is the lack of a metabolic mechanism to ferment pentose sugars (constituting 10–20% of the total dry weight in woody biomass; van Maris et al., 2006). Although the xylose content of the biomass can be reduced by modifying the plant cell wall or by introducing specific pretreatment steps in the processing pipeline(as discussed before), it would be a tremendous benefit to use an organism that could simultaneously convert both sugar types to ethanol (Solomon et al., 2007). Pentose fermenting organisms exist, and environmental samples have been successfully explored for new species or strains with promising and useful properties (Taguchi et al., 1994; Suh et al., 2003, 2005; Epting et al., 2005; Kuhad et al., 2011). However, so far these isolated microorganisms suffer from some physiological drawbacks such as low product tolerance, long fermentation periods, or the production of considerable amounts of byproducts, making them currently commercially unviable (Kuhad et al., 2011). Although these organisms can be further optimized, modifying a microorganism into an industrially robust host is challenging. Nevertheless, the study of these organisms can help in the genetic engineering of S. cerevisiae to create a xylose fermenting yeast strain. An attractive and successful approach is the introduction of a functionally active bacterial xylose isomerase in the yeast to convert xylose to xylulose that is introduced via the pentose phosphate pathway in the yeast’s primary metabolism (Brat et al., 2009). Alternatively, xylose can be converted to xylulose by a two-steps reaction using xylose reductase (XR) and xylitol dehydrogenase (XDH). Overexpressing both genes resulted in a yeast strain with an efficient conversion of pentoses as sole carbon source (Jeffries, 2006). However, promising laboratory strains are currently not sufficiently robust to perform equally well under industrial conditions using complex lignocellulosic-derived sugar mixtures as substrate and further improvement is desirable to reach economically feasible performance.

Besides broadening the substrate specificity, increasing the efficiency of ethanol production is another strategy to reduce fermentation costs and bring bio-ethanol into a competitive position with fossil fuels. This could be achieved by channeling glucose through the Entner–Doudoroff (ED) pathway toward ethanol. This pathway is used by only few organisms among which the gram negative ethanol producing bacteria Zymomonas mobilis (Seo et al., 2005) and results in an overall higher ethanol yield (~10% more ethanol per fermentable glucose) compared with the more common, but less efficient Embden–Meyerhof (EM) pathway. Replacing the complete EM pathway in yeast by the ED pathway would be a logical strategy, but swapping metabolic pathways is challenging and although patented, this approach is so far not further explored (Lancashire et al., 1998; de Kok et al., 2012). Optimizing Zymomonas for industrial ethanol production is in this case a more feasible approach, especially since this organisms also has a high ethanol tolerance (up to 14%; for S. cerevisiae this is ~11% at 30°C). The thermophilic organism Clostridium thermocellum is studied for a similar reason. Although its ethanol tolerance is somewhat lower compared to Zymomonas (~12%), this organism secretes considerable amounts of CWDEs, offering the prospect to produce ethanol directly from biomass by combining hydrolysis and ethanologenesis. Moreover, as C. thermocellum is thermophilic, fermentation can be performed at temperatures where the risk of contamination is almost inexistent (Chang and Yao, 2011) with the additional benefit that the elevated temperature decreases the viscosity, increases reaction rates and facilitates ethanol recovery (Taylor et al., 2009; Chandel et al., 2013). Without doubt, both Clostridium and Zymomonas are promising organisms with interesting properties for the production of bioethanol and they were predicted to outcompete the industrial yeast strains used today for the commercial production of bioethanol (Lin and Tanaka, 2006). However, despite being intensively studied and modified, the organisms still lack the robustness of the industrial yeast strains and the produced ethanol concentrations are at maximum when utilizing only glucose as carbon source, making them currently less suitable to support the bio-based economy running on lignocellulose. Nevertheless, the available genetic engineering toolbox combined with upcoming state of the art technologies (Callura et al., 2012) will significantly improve the properties of these, as well as of other microorganisms.

ANAEROBIC DIGESTION TO RECOVER ENERGY

Following the conversion of biomass to added value products by fermentation, the organic waste stream generated during this process can be reduced and partly converted to energy (i.e., gas) by anaerobic digestion (Kleerebezem and van Loosdrecht, 2007; Tilche and Galatola, 2008). The biogas produced by this process is a mixture of methane and carbon dioxide with typically a low amount of hydrogen sulfide and trace compounds depending on the nature of the feedstock (Vandevivere et al., 1998; Tsavkelova and Netrusov, 2012). It is generally observed that the conversion of 1 kg dry biomass delivers about 0.5 m3 of biogas at a 60/40 methane/carbon dioxide ratio (Vandevivere et al., 1998). This gas can either be purified, using approaches such as pressure swing absorption, to achieve an upgraded gas equivalent to natural gas or it can be combusted on site in a “combined heat and power” (CHP) approach that delivers about 1 kWh electric power per kg dry biomass converted, and 3 kWh heat (Angenent et al., 2004). The latter can be used to heat up fermenters or to evaporate water. This may be critical to the operation of a biorefinery producing diverse chemicals, as typically fermentation water needs to be added to the incoming biomass. To facilitate the final processing of residual biomass, as e.g., described in the next section, dewatering is essential.

The decomposition process from biomass toward biogas can be divided into four sequential phases (Angenent et al., 2004). Hydrolysis converts the organic polymers into oligo- and monomers (mainly amino acids, sugars, and fatty acids). These are converted by acidogenesis into organic acids and alcohols, which are subsequently transformed into acetic acid, carbon dioxide, and hydrogen by acetogenesis. The final step, methanogenesis, leads to the production of methane and carbon dioxide from acetate (acetoclastic) or hydrogen (hydrogenotrophic). Achieving the effective degradation of complex organic substrates toward single carbon products over the different phases is not feasible with a pure microbial culture. Instead the conversion is performed by a complex but undefined microbial community comprising both Bacteria (Clostridia, Bacilli, etc.) and Archaea [type strains Methanosaeta or Methanosarcina (Riviere et al., 2009)]. Typically, Eubacteria are implicated in hydrolysis, acidogenesis, and acetogenesis, whereas the last step of the process (methanogenesis) is performed by Archaeal methanogens converting acetate, hydrogen, methanol, or single carbon amines to methane. The presence of all trophic levels is required within the anaerobic digester, which necessitates controlled conditions in terms of pH, temperature, and possible toxic byproducts. For example, Archaea operate within a narrow pH range (~6.5–8.5) below which free acid inhibition or sulfide inhibition occurs, whereas at higher pH ammonia toxicity has been observed (Angelidaki and Ahring, 1993). Acidogenic bacteria are more active at a somewhat lower pH range (5.5–6.0; Chyi and Dague, 1994). Crucial for the efficiency of the anaerobic digestion process is setting appropriate parameters, that balance all conversions running within the anaerobic digestion tank. The multitude of interactions between the different microorganisms of these complex and undefined cultures makes it impossible to model the individual conversions, hence the optimization of this process has in the past mainly been based on a trial and error approach (Lubken et al., 2010). Even the study of individual biochemical processes running within the reactor is a complicated task. Most species isolated from a bioreactor cannot be grown under optimized laboratory conditions in monoculture, and, if isolated, studies on pure strains are mostly inappropriate as they give a distorted view of their role within a microbial community. In recent times the emergence of high throughput sequencing approaches and particularly combined metagenomics/metatranscriptomics has allowed new insights into reactor operation and microbial ecology (Simon and Daniel, 2011). Metagenomics on biogas producing microbial communities has given a glimpse inside the anaerobic digestion reactor and revealed a community composed of over 1000 different bacterial species including numerous, so far unidentified microbes (Wirth et al., 2012). Besides the identification of the species within the reactor, this technique allows studying the behavior and shift of bacterial populations within communities over time, depending on growth conditions and substrate availability (Hollister et al., 2010, 2011). The next step in the study of this microbial community is to truly steer it toward optimal performance.

In the slipstream of anaerobic digestion, the fermentation of side streams toward carboxylates is an emerging field of research. The so-called carboxylate platform, enabled by this approach, promises the production of a plethora of fuels and chemicals from biorefinery side streams, thereby altering the economics of the overall biorefinery, as well as delivering novel products (Agler et al., 2011), such as longer chain carboxylates and their derivatives. In a similar context, fermentation products can be upgraded toward more attractive products using electricity as source of reducing/oxidizing power, thereby integrating biomass feedstocks with renewable energy within one concept (Rabaey and Rozendal, 2010; Rabaey et al., 2011). Similar electricity using technology can further be deployed on the biorefinery side streams to recover other products, such as sodium hydroxide, which typically lead to salt accumulation in closed or limited water cycles (Rabaey et al., 2010).

THE THERMOCHEMICAL PILLAR: CONVERSION OF RESIDUAL BIOMASS STREAMS

CONVERSION OF BIOMASS WASTE TO BIO-OIL AND BIOCHAR

To close the carbon cycle of the sustainable economy, the organic matter containing residue streams from biorefinery processes and anaerobic digestion are thermochemically converted into bio-oil and biochar (i.e., by means of pyrolysis). This process can be integrated in a production pipeline to maximize energy recovery in combination with the production of specific added value products. The bio-oil has different properties compared to petroleum, but can be combusted to generate electricity. The produced biochar is brought back into the soil, ensuring sequestration of carbon and nutrients, thereby closing the nutrient cycle while improving sustainable soil fertility and crop productivity.

Distinction can be made between fast pyrolysis and slow pyrolysis (or carbonization; Brown, 2009; Duku et al., 2011). In fast pyrolysis, reaction conditions are selected to obtain a maximum yield of condensable vapors (forming the bio-oil). These conditions are moderate temperatures (400–600°C), rapid heating rates (>100°C/min) combined with short residence times of the biomass particles (0.5–2 s), small particle size to support high heating rates (typically less than a few millimeters) and rapid cooling or quenching of the pyrolysis vapors into bio-oil (Czernik and Bridgwater, 2004; Balat et al., 2009; Bridgwater, 2012). These fast pyrolysis conditions result in bio-oil yields up to 70–80% with limited levels of char yield (around 12%). To promote the maximum yield of the solid fraction (char), slow pyrolysis employs lower heating rates and vapor residence times higher than 10 s at low to medium temperatures (450–650°C; Demirbas, 2004). The longer vapor residence times ensure secondary cracking reactions in which the vapor phase constituents are further broken down into additional (secondary) char and non-condensable gases (Di Blasi, 2008). Under these conditions, char yields up to 35% could be attained (Bridgwater, 2012).

ENVIRONMENTAL AND AGRONOMIC BENEFITS

The major benefit of the thermal treatment that biomass undergoes during biochar production, is that the biomass constituents are converted into a recalcitrant, carbon-rich material that has been demonstrated to be very stable once stored in the soil, with a half-life ranging between several hundreds to over 1000 years (Kuzyakov et al., 2009; Lehmann and Joseph, 2009; Zimmerman, 2010). The stability of biochar is further corroborated with the discovery of the Amazonian dark earths, better known as terra preta, which are fertile soils, still rich in organic carbon due to the presence of charcoal, which is believed to have been deliberately and systematically deposited by pre-Columbian farmers, some 800–5000 years ago (Smith, 1980; Glaser et al., 2002; Lehmann et al., 2003; Glaser, 2007; Lehmann, 2007; Barrow, 2012). Because of its resistance to biological decay, biochar has the potential to store carbon that has been removed as carbon dioxide from the atmosphere during photosynthesis and prevents the rapid release of carbon dioxide that would originate from biological decay if the biomass would be kept untreated (Woolf et al., 2010). Biochar production is therefore one of the few technologies that can actively remove existing carbon dioxide from the atmosphere, as opposed to merely capturing it at the point of emission or reducing its emission. According to Lehmann (2007), one hectare of arable land can store up to 250 tons of carbon and if biochar utilization would be adopted globally, it has been estimated that up to 5.5–9.5 × 109 ton carbon could be sequestered worldwide on a yearly basis, potentially off-setting all current anthropogenic fossil fuel emissions of ca. 9 × 109 ton carbon a year (Lehmann et al., 2006; Mathew et al., 2008; Lehmann and Joseph, 2009).

Although the potential of biochar to sequester carbon is a clear benefit, another major reason why biochar is recently gaining interest globally is the potential increase in soil productivity resulting from the changes in chemical and physical soil properties brought upon by biochar as a soil amendment (Chan et al., 2007; Laird et al., 2009; Novak et al., 2009; Major et al., 2010; Galinato et al., 2011). The meta-analysis by Jeffery et al. (2011) – covering 16 of these studies relating to biochar amended soil productivity – demonstrated that the average crop yield (or productivity) increased by 10%. Considering that crop yield is the result of a complex relationship between climate, soil type, crop type, and the physicochemical characteristics of biochar, it is not possible to draw a general conclusion regarding crop productivity yield increase in biochar amended soils. It is equally important to stress that biochar is not a singular product, but a term given to cover a wide range of carbonaceous products obtained from different pyrolysis processes and from different biomass feedstock types (Spokas et al., 2012). Furthermore, up to now, most studies have been carried out on weathered soils in tropical regions, whereas data on crop productivity on younger soils in more temperate climate regions are still lacking (Galinato et al., 2011).

The mechanisms by which biochar increases soil fertility and crop productivity are not completely understood. Research has already demonstrated how biochar, through its unique physicochemical properties obtained during the biomass pyrolysis process, interacts with soil and soil microorganisms (Sohi et al., 2010; Barrow, 2012). Biochar is characterized as a highly porous structure having a large specific surface area, which can amount up to around 400 m2/g, depending on the biomass feedstock used and the pyrolysis conditions (Downie et al., 2009; Van Zwieten et al., 2009; Bruun et al., 2012; Chen et al., 2012b; Ronsse et al., 2013; Song and Guo, 2012). This highly porous nature not only results from the microstructure of the original biomass used to produce biochar (e.g., capillary structures such as xylem in woody biomass), but also from (physical) cracking due to mass loss and shrinking during the pyrolysis process. This highly porous nature of biochar induces several effects once added to the soil: the soil’s aeration and water holding capacity increase (Glaser et al., 2002; Jeffery et al., 2011; Karhu et al., 2011; Uzoma et al., 2011), while the pores provide a protective habitat against predatory soil fauna and desiccation, suitable for colonization by beneficial soil microorganisms (Warnock et al., 2007). Although biochar is mainly composed of highly recalcitrant carbon, i.e., chemically condensed polyaromatic ring structures (Amonette and Joseph, 2009), a fraction of labile, volatile organic compounds that are easily metabolized by soil microorganisms may be present. This is often observed by an initial and temporary increase in soil respiration (carbon dioxide production) after applying biochar, hence this effect is called “priming effect” (Novak et al., 2009; Jones et al., 2011; Zimmerman et al., 2011). However, if biochar has been produced through pyrolysis conditions that limit the occurrence of labile carbon compounds in the char, then this priming is less significant to non-observable at all (Cross and Sohi, 2011; Case et al., 2012).

The impact of biochar on the soil’s microbial ecology is also observed by a reduction in the non-carbon emissions by the soil. Reductions in nitrous oxide emissions ranging from 10 to 85% have been reported after amending the soil with biochar (Rondon et al., 2005; Yanai et al., 2007). Furthermore, biochar induces methane oxidation in soil, with one study reporting complete suppression of methane emissions from the soil (Rondon et al., 2005). Given the fact that the greenhouse warming potential of both nitrous oxide and methane is considerably higher than that of carbon dioxide (Forster et al., 2007), the potential reduction of these greenhouse gases could provide an additional climate change mitigation next to the carbon sequestration effect of biochar. In addition, through the pyrolysis process, biochar is characterized to have an alkaline pH and can therefore neutralize acidic soils (Lehmann et al., 2011). As biochar consists of a highly aromatic condensed structure, its surface – through exposure in the soil – oxidizes to form carboxylic groups (Cheng et al., 2008). In turn, these carboxylic groups provide an increase in the soil’s cation exchange capacity (Glaser et al., 2002). Consequently, the capacity of the soil to retain nutrients is increased and the losses due to leaching are decreased, which results in positive effects on crop yield (Duku et al., 2011).

With respect to nutrient management, biochar could prove to be essential to support sustainable biomass production for second generation biofuels (and biochemicals). As a large portion of the crop is being removed from the fields year after year to be valorized, there is a large risk in deteriorating the soil fertility by depleting organic carbon and nutrients. Counteracting these nutrient losses by mere supply of fertilizer, manure or compost is not sustainable in the long-term and could cause stream and groundwater contamination (Barrow, 2012). However, during pyrolysis for biochar production, the minerals are largely retained in the char, while almost 50% of the biomass nitrogen (Hossain et al., 2011; Liu et al., 2011) and nearly 100% of the biomass phosphorus (Bridle and Pritchard, 2004) end up in the char – although recovery rates are influenced by the pyrolysis conditions such as temperature (Liu et al., 2011). By pyrolyzing the residues streams from agriculture, biorefineries, and anaerobic digesters, the nutrients (including minerals, nitrogen, and phosphorus) are essentially recovered in biochar, thus closing the nutrient loop back to agricultural production, while the biochar-induced increase in soil cation exchange capacity ensures improved nutrient use efficiency. Due to its potential, considerable interest in biochar has been gained and in order to ensure its momentum and progress, some research needs are clearly identifiable: first, the interactions between biochar and soil need to be further unraveled, and the relationships between biochar’s physicochemical properties and soil fertility need to be established. However, the difficulty in this is to uncover the exact nature of biochar, given the variety of potential biomass feedstocks to be used and the different pyrolysis processes and process conditions. More research into biochar quality and the establishment of quality standards is needed (Barrow, 2012). With respect to carbon sequestration, assessing biochar stability in order to quantify its carbon potential is a key issue. And the final issue pertains to the economic feasibility of biochar production and under which production and implementation scenario biochar is economically profitable.

PERSPECTIVES

Although the bio-based economy is still in its infancy, it is expected to grow exponentially as a consequence of the drive toward sustainable production processes, the strong price increases for fossil resources, and the need to reduce the emission of greenhouse gases. If further developed, the carbon-negative bio-based economy has the potential to play a key role in mitigating climate change. However, this will require an entire innovation chain that covers the integration of both fundamental and applied research. For this, the different disciplines should interact to design a flexible, cost-effective and waste-free processing pipeline from solar energy toward biomaterials and bioenergy. Initial efforts in the different disciplines resulted in a drop in processing costs already, but to further increase the efficiency and to provide economically viable alternatives to our current fossil fuel-based economy, the pathway should be tuned in an integrated way, as each modification in one of the steps will have repercussions on both up- and downstream processes.
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Developmental Accession Organ % Cell wall

stage
Mature Bd21-3 Leaves 179 +£79
Sheath 163+ 17
Stem 38.9+35
Flowers/seed 279 +£ 6.1
Bd21 Leaves 226 +£53
Sheath 9.1+£0.0
Stem 41.8+0.2
Flowers/seed 29.7 £1.8
Expanding Bd21-3 Leaves 526+ 0.6
Sheath 234 +05
Stem 24.0 £ 1.1
Bd21 Leaves 512+ 8.0
Sheath 184 £ 17
Stem 304 +£6.3

*Mean percentage of specific organ cell wall material to total aerial cell wall for
accession and developmental stage + value range from mean; means used:
expanding: leaves: 519, sheath: 20.9, and stem 272, mature: leaves: 20.3,
sheath: 12.2, stem: 40.3, and flowers/seed: 28.8.
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Developmental stage Accession Organ Glucose Xylose Arabinose Galactose Total
Mature Bd213 Leaves 613 296 62 16 987
Sheath 511 402 66 1 990

Stem 545 392 46 07 99.1

Flowers/seed 481 a8 56 08 93

Bd21 Leaves 622 285 63 16 986

Sheath 524 294 63 10 99.0

Stem 56.5 380 a1 06 99.1

Flowers/seed 486 446 52 08 993

Expanding Bd213 Leaves 616 300 60 12 988
Sheath 506 409 64 1 99.1

Stem 511 a7 54 09 99.1

8421 Leaves 632 284 59 13 988

Sheath 513 204 64 1 99.1

Stem 520 a3 50 09 99.1

Seeding Bd213 Leaves 624 285 69 11 %88
Sheath/stem 528 340 91 28 988

Roots. 50.2 331 95 59 987

Embryonic Bd213 Callus 279 316 258 129 983

*Mole percentage of individual sugar to total neutral sugar amount from organ cell wall





OPS/images/fpls-03-00266-t003.jpg
Developmental stage Accession  Organ Rhamnose Fucose ~ Mannose Galactose Arabinose Xylose Glucose
Mature Bd213  Leaves 29403 06402 14£02 6111 202+24 96932  2004%158
Sheath 29400 06+01 20401 6508 335+08 2040+13 31134
Stem 27401 12401 18£02 49403 207+12 212463 3543£172
Flowers/seed 24+00 06+01 15%02 54403 306+06 2450£26 3158+94
8421 Leaves 28402 04401 15£01 69402 199405 89446 2342£53
Sheath 2801 09402 20+02 65+02 326+06 205064 3273+78
Stem 27400 11401 16401 42401 228402 2127419 3797 %47
Flowers/seed 24+00 08+00 1301 50402 290+05 2466+157 3222%10
Expanding 8213 Leaves 28403 04400 15£02 49404 208+58 10374338 25524439
Sheath 27+01  06+03 21403 6917 334+46 2137+£302 3172£365
Stem 28400 07407 24400 6307 304£14 2361£242 34764221
8421 Leaves 28404 04+00 17£04 6714 210£64 1005300 2686+558
Sheath 28401 05403 23403 71419 353446 22234209 33874235
Stem 28400 07403 21403 6018 290+40 239860 3622£70
Seeding Bd213  Leaves 29400 03£00 20401 5034 270£24 11972  2938£45
Sheath/stem 2701 04400 3401 157%14 429404 1695+30 207040
Roots 27402 06+01 41403 343+18 462425 160427 2916%50
Embryonic Bd213  Callus 37401 08£00 2701 563£21 943+£24 1155£05 1223%11

*mg g~ CW ' standard deviation; averaged over two replicates.
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Developmental Accession Organ % Aerial fresh

stage weight
Mature Bd21-3 Leaves 225+94
Sheath 13.7 £ 11
Stem 42.0 £5.1
Flowers/seed 219+54
Bd21 Leaves 25.1+24
Sheath 8.7+0.1
Stem 41.0+0.5
Flowers/seed 253+18
Expanding Bd21-3 Leaves 52.0+0.8
Sheath 19.1£0.5
Stem 289+ 12
Bd21 Leaves 53.5+ 8.1
Sheath 156.2 £ 15
Stem 312+6.6

*Mean percentage of specific organ weight divided by total weight of all organ
harvested for accession at developmental stage + value range from mean.
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Developmental Accession  Organ Ara/Xyl  FA/Ara
stage
Mature Bd21-3 Leaves 0.21 0.17
Sheath 0.16 0.14
Stem 0.12 0.30
Flower/seed  0.12 0.28
Bd21 Leaves 0.22 0.14
Sheath 0.16 0.15
Stem 0.1 0.32
Flower/seed  0.12 0.28
Expanding Bd21-3 Leaves 0.20 0.16
Sheath 0.16 0.15
Stem 0.13 0.24
Bd21 Leaves 0.21 0.15
Sheath 0.16 0.14
Stem 0.12 0.25
Seedling Bd21-3 Leaves 0.24 0.21
Sheath/stem  0.27 0.17
Root 0.29 0.17
Embryonic Bd21-3 Callus 0.82 0.14
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Developmental Accession Organ Average cell wall
stage yield (weight %
of input)
Mature Bd21-3 Leaves 3.2
Sheath 8.8
Stems 5.7
Flower/seeds 217
Bd21 Leaves 4.4
Sheath 9.6
Stems 9.1
Flower/seeds ~ 22.0
Expanding Bd21-3 Leaves 2.6
Sheath 5.3
Stems 0.3
Bd2 Leaves 3.3
Sheath 6.9
Stems 3.6
Seedling Bd21-3 Leaves 9.1
Sheath/stem 6
Roots 28
Embryonic Bd21-3 Callus 2.9
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Developmental stage  Accession  Organ Uronic acids
Mature Bd21-3 Leaves 63.7 +77
Sheath 63.5 + 3.6
Stem 577 £5.6
Flowers/seed ~ 50.1 & 6.6
Bd21 Leaves 61.3+6.8
Sheath 577 £ 6.6
Stem 574 £5.2
Flowers/seed 479 £ 4.2
Expanding Bd21-3 Leaves 60.3 + 8.6
Sheath 60.1 £4.2
Stem 60.3 £9.7
Bd2 Leaves 61.3 + 14.1
Sheath 60.4 + 11.3
Stem 59.7 £ 10.1
Seedling Bd21-3 Leaves 66.2 £ 0.3
Sheath/stem 586 £ 15
Roots 493 £0.6
Embryonic Bd21-3 Callus 677 £1.7

*mg g~ CW + standard deviation; averaged over two replicates.
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Probeset Acl Gene symbol Score Description

255903_at ATIG17950 MYB52,8W52 1 myb domain protein 52

245735 _at AT1G73410 myes4 090 myb domain protein 54

262550_at AT3G45870 082 nodulin MtN21 /EemAdike transporter family protein
264559_ AT1G09610 GXM3 082 GLUCURONOXYLAN METHYLTRANSFERASE 3 (DUF579)
248761_at AT5G47635 081 Pollen Ole e 1 allergen and extensin family protein

25221 at AT3G50220 IRX15 081 Protein of unknown function (DUF579)

266783 _at AT2G29130 LAc2 080 laccase 2*

257233 at AT3G15050 1ap1o 079 10-domain 10*

256054_at ATIG07120 079 Tetratricopeptide repeat (TPR)-ike superfamily protein
254277 at AT4G22680 mysgs 078 myb domain protein 85

264493 _at AT1G27440 GUT1,GUT2RX10 077 Exostosin family protein

250770_at AT5G05390 LAC12 077 laccase 12*

246425_at AT5G17420 IRX3,MUR10,CESA7 076 Cellulose synthase family protein

251009_at AT5EG02640 076 Unknown protein

259584_at AT1G28080 076 RING finger protein

248121 _at AT5G54690 GAUT12JRX8,LGT6 075 galacturonosyltransferase 12

261928 at ATIG22480 o Cupredoxin superfemily protein

254170_at ATAG24430 [ Rhamnogalacturonate lyase family protein

246512_at AT5G15630 IRX6,COBLG 074 COBRA-liked

264495_at ATIG27380 RIC2 [} ROPinteractive CRIB motif-containing protein 2

245105 AT2G41610 o Unknown protein

253327_at AT4G33450 myB69 074 myb domain protein 69

257896_at AT3G16920 cTL2 073 chitinase-like protein 2

255150_at AT4G08160 073 glycosyl hydrolase family 10 protein®

266714_at 073 No_match

260326_at AT1G63910 MYB103 073 myb domain protein 103

248907_at AT5G46340 RWA1 072 REDUCED WALL ACETYLATION 1, O-acetyltransferase family
266488 at AT2G47670 072 Plant invertase/pectin methylesterase inhibitor family protein

253379. AT4G33330 PGSIP3,GUX2 072 plant glycogenin-like starch initiation protein 3

261399_at AT1G79620 072 Leucine-rich repeat protein kinase family protein*

251478_at AT3G59690 1ap13 o 10-domain 13*

265463_at AT2G37090 IRX9 o GT43 glycosyl transferased3

266708 at AT2G03200 071 Eukaryotic aspartyl protease family protein®

248887_at AT5G46115 071 Unknown protein

267414_at AT2G34790 MEE23,EDA28 070 FAD-binding Berberine family protein

246344 at ATIG56730 070 Putative endonuclease or glycosyl hydrolase

263470_at AT2G31900 ATMYOS, XIF 070 myosin-like protein XIF*

264305_at ATIG78815 LSH? 070 LIGHT SENSITIVE HYPOCOTYLS 7, Protein of unknown function
(DUF840)

251131 at AT5GO1190 LAc10 069 laccase 10

251093 _at AT5G01360 BL3 0.69 Plant protein of unknown function (DUF828)*

247264 at AT5G64530 XND1,ANAC104 0.69 xylem NAC domain 1

260430_at ATIG88200 069 Zinc finger C-8-C-<5-C-<3-H type family protein

261809_at AT1G08340 0.69 Rho GTPase activating protein*

253798_at AT4G28500 SND2,NACO73 0.69 NAC domain containing protein 73

246342_at AT3GE6700 FARG 069 Fatty acid reductase 6

247030_at AT5G67210 IRX15-L 0.69 Protein of unknown function (DUF579)

254618 at AT4G18780 IRX1,CESAB,LEW2 0.69 Cellulose synthase family protein

247590_at AT5GE0720 068 Protein of unknown function, DUF547*

249439_at AT5G40020 0.68 Pathogenesis-related thaumatin superfamily protein*

253877_at AT4G27435 0.68 Protein of unknown function (DUF1218)*

253710_at ATAG29230 NACO75 068 NAC domain containing protein 75

“Annotated involved in “xylan biosynthetic process” andior “cell wall biogenesis” andfor “cell wall macromolecule metaboiic process” in Tair
(http:/Awww.arabidopsis.org). Bold indicates related to cell wall formation.
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Cultivar Time Tissue # Reads SRA

Summer May Crown 445,432 SRX257007
Summer  June Crown 379,264 SRX257030
Summer  July Crown 317557 SRX257031
Summer  August Crown 930,114 SRX102934
Summer  October Crown 389,555 SRX257032

Summer Early vegetative stage  Root 265,190 SRX026147
Summer Early vegetative stage  Shoot 211,124 SRX026148
Summer  Stem elongation stage  Root 187,893 SRX026150
Summer  Stem elongation stage  Shoot 210,071 SRX026149
Summer  Reproductive stage Root 240,166 SRX026153¢
Summer  Reproductive stage Shoot 228,101 SRX026151¢
Summer  Reproductive stage Flower 240,696 SRX026155¢

Alamo Early vegetative stage  Root 1,317,713  SRX057831
Alamo Early vegetative stage  Shoot 1,298,485 SRX057830
Alamo Stem elongation stage  Root 1,113,868 SRX057829
Alamo Stem elongation stage  Shoot  1,407916  SRX057828
Alamo Reproductive stage Root 1,037727 SRX057826
Alamo Reproductive stage Shoot 557570 SRX057827
Alamo Reproductive stage Flower 1,143,746  SRX057834






OPS/images/fpls-04-00189-t002.jpg
Probeset

253247_at
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250322 at
250120_at
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256367_at
265277_at
246425 at
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253798 at
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251050_at
264493 at
261653_at
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266244 at
257896 at
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267037 at
247648 at
257151 at
256155 at
254618 at
251630_at
260914_at
258357_at
263841 at
259657_at
255150_at
246512 at

253191 at

“Annotated

involved in

AGl

AT4G34610
AT3G52900
AT5G07800
AT1G05310
AT1G56720
AT5G01930
AT2G04850
AT5G03170
AT1G20850
ATIG58070
AT3G10080
AT5GO1190
AT5G26330
AT5G17600
AT3G62160
AT3G18660
AT1G54790
ATAG27430
AT1G63120
AT2G38080
AT5G07080
AT5G12870
AT5G16490
AT3G62020
AT1G66810
AT2G28410
AT5G17420
AT2G41330
AT4G28500
AT1G43790
AT5G02440
AT1G27440
ATIG01900
AT1G79420
AT2G27740
AT3G16920
AT5G44030
AT5G60720
AT2G38320
AT5G60020
AT3G27200
AT3G08500
AT4G18780
AT3G57420
AT1G02640
AT3G14350
AT2G36870
AT1G55180
AT4G08160
AT5G15630

AT4G35350

(htip:/www.arabiopsis.org).

“xylan biosynthetic process” andor

Gene symbol

BLHE

MANG
FLATI

XCP2

LAC10

PGSIP1,GUX1

[
RBL2
LAC4RX12,LMCO4

MYB4s
RIC4
GLP10

IRX3,MUR10,CESA7

ANAC073,SND2
TEDG

GUT1,GUT2,IRX10
SBTIA
cT2

IRXS5,NWS2,CESA4

TBL34
LAC17

MyB83
IRX1,CESA8,LEW2

BXL2
SRF7

XTH32
PLDEPSILON,PLDALPHA4
IRX6,COBL4

XCP1

*Located in cell wall according to Tair. Bold indicates related to cell wall formation.

“cell wall biogenesis”

Score

075
073
07
071
070
070
069
068
068
068
068
067
067
066
066
065
065
065
065
084
064
064
064
064
063
063
062
062
062
061
061
061
061
061
060
060
060
060
060
060
060
060
060
060
059
059
059
059
058

058

andfor

Description

BEL Hike homeodomain 6
Family of unknown function (DUF662)*
Flavin-binding monooxygenase family protein
Pectin Iyase-like superfamily protein

Protein kinase superfamily protein

Glycosyl hydrolase superfamily protein
Auxin-responsive family protein

FASCICLIN-like arabinogalactan-protein 11
xylem cysteine peptidase 2

Unknown protein

RmiC-ike cupins superfamily protein

laccase 10

Cupredoxin superfamily protein®

RING/U-box superfamily protein

HXXXD-type acyktransferase family protein
Glucuronic acid substitution of xylan 1
GDSLlike Lipase/Acylhydrolase family protein®
COPtinteracting protein 7
RHOMBOID-like 2

Laccase/Diphenol oxidase family prot
HXXXD-type acykransferase family protein

myb domain protein 46

ROP-interactive CRIB motif-containing protein 4
germindike protein 10

Zinc finger C-x8-C-x5-C-x3-H type family protein
Unknown protein

Cellulose synthase family protein

Glutaredoxin family protein

NAC domain containing protein 73

Tracheary element differentiation-related 6
Unknown protein

Exostosin family protein

Subtilase family protein

Protein of unknown function (DUF620)

Family of unknown function (DUF662)*
chitinase-like protein 2

cellulose synthase A4

Protein of unknown function, DUF547*
‘TRICHOME BIREFRINGENCE-LIKE 34*

laccase 17

Cupredoxin superfamily protein®

myb domain protein 83

Cellulose synthase family protein

Protein of unknown function (DUF288)**
beta-xylosidase 2**

STRUBBELIG-receptor family 7

xyloglucan endotransglucosylase/hydrolase 32
phospholipase D alpha 4

xylanase, glycosyl hydrolase family 10 protein®
COBRA-like extracellular glycosyl-phosphatidyl
inositol-anchored protein family

xylem cysteine peptidase 1

“cell wall macromolecule metabolic process” in Tair
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Com Com Wheat  Rice Sugarcane  Reed Switchgrass?  Miscanthus"  Poplar'

stover’  cob® straw®  straw!  bagasse®  canarygrass'
BIOCHEMICAL
Cellulose (%) 2851 2636 2551 2841 3243 26-39 30-50 41-58 39-49
Lignin (%) 121 6-17 8-30 10-23 1928 414 5-23 8-22 18-32
PROXIATE
Fredcabon (%) 1520 17-19 1522 1525 1220 16-24 13-27 526 12-28
Volatlle matter (%) 72-85 8083 71-85  64-98 7488 73-83 73-87 7-94 72-85
Moisture (%) 133 12-55 815 3-n 16-50 15-25 40-70 20-52 859
Total ash (%) 4-10 -9 1-23 826 113 313 2-10 1-9 044
ummaTE
C %) 40-51  41-50  42-53 3560 3855 44-50 42-53 40-52 47-52
H (%) 4763 574 3298 397 5367 5265 4965 4465 56-63
0 (%) 30-50 4451 2962 3150 3350 39-49 36-49 39-49 4045
O:C molar ratio 050094 066-093 043-093 038107 058-099 059-084 051088 056092 05807
H.C molar atio 110-191  121-195  073-283 079242 123213 126-179 1.12-187 102-197 130-162
MINERAL(ASHICOMPOSITION
Al203 (% ashl 015 085 0112 01339 521 022 0127 013 023
€20 (% ash) 515 0515 317 0710 2419 05-10 514 314 2961
C1 (% ash) 0319 - 0-72 06" 003" 006" 0.1-06 0037 0.01-003
Fe203 (% ash) 0425 027 0722 013 216 02-17 035-36 00826 03-14
K20 (% ash) 521 220 637 625 01520 223 528 234 10-34
MgO (% ashl 1910 256 084 0858 1912 001-5 2665 09-12 0118
Naz0 (% ash) 02-15 02418 017 024 0416 00323 0119 0123 01-04
P;05 (% ash) 199 07-10 128 07-9 0932 04-14 26-15 15-29 09-8
S0z (% ash) 5069 4075 2773 5082 46-58 3795 4670 2686 29
$03 (% ashl 0813 1413 128 07-6 0438 00221 04-9 065 238
TiO (% ash) 0203 - 001-22  001-009 2638 0055 0.09-37 002005 03"
Alkali index (kg alkali  — - 1117 14-16 006" - 06" - 014"

|

Higher heating 1820 16-19 1222 1520 1920 18-21 17-20 17-22 7-21
value (MJ/kg)
Bulk density (kg/m®) ~ 66-131 195'

51-97 63-75 50-75 - 65-105 70-100 -

*Ranges are combinations of species ancor hybrids, and include difierent environments, sol, treatment conditions, contamination, experimental errr, etc. Valves
< were rounded to 1 decimal place, values >4 were rounded to whole numbers (except forratios, and values used o calculate ratios). O:C and H:C were caloulated
by taking the % C. H, and O, and dividing by the atomic masses for each element to give % molar mass, then dividing the min by the max 0 get the giobal min, and
the max by the min to get the giobal max. Where possible, values reported are on a cry matter basis, and using simiar methods. Comparing values across methods
is especially problematic for bulk density, moisture, celluose, and linin as standardized methods are not always practiced or described, and some methods are
more accurate than others.

*Only inividual values were found in the terature review:

*Mani ot al 2004; Oak Ridge National Laboratory, 2008; Petrolla, 2008; Carpenter et al, 2010; Chevanan et a, 2010, Vassilev et al, 2010; Energy Ressarch Centre
of the Netheriands, 2012; Tao et al 20120, Zhao et a, 2012a.

OSmith et al, 1985; Coovattanacha, 1989 Spokas, 2010; Energy Research Centre of the Netherlands, 2012; Tao et al, 2012a,b; Zhao et al 2012a.

Jonkins et al., 1998; McKency, 2002a; Moni ot al, 2004; Lam ot al 2008; Carroll and Somerville, 2009; W et a, 2009; Carpenter et a, 2010; Chevanan et L,
2010; Spokas, 2010; Energy Resoarch Centre of the Netherlands, 2012; Tao et al. 20122,

Jenkins et al, 1998; Wu et al. 2009; Allson et al., 2010; Kargbo et al 2010; Vassilev et l, 2010; Jahn et al, 2011; Liu et al, 2011 Energy Research Centre of the
Nethertands, 2012 Tao et a, 2012a.0; Znang et a, 2012; Zhao et a, 2012a.

Jenkins et al. 1998; Kaar et al 1998; Tai et al 2006; Spokas, 2010; Vassilv et a, 2010; Energy Research Centre of the Netheriands, 2012 Tao et al., 201235,

! Fahmi et al, 2008; Linoh et a, 2009; Alison e al 2010; Vassilev et L, 2010; Energy Resserch Centre of the Netherlands, 2012; Tao et al. 20124,b

9enkins o al., 1996; McKendry, 2002a; Mani ot l, 2004; Lam et L, 2008; Sokhansanj et al, 2009; Carpenter et l, 2010; Chevanan et al., 2010; Tao et al, 2012a.
"Citon-Brown and Lewandowsk, 2002; Allson e al, 2010; Arabhosseini et al 2010; Energy Research Centre of the Netherlands, 2012 Too et l, 2012a,b.
Uenkins et L, 1998; Kiasnia et L, 2002; Carolland Somervill, 2009; Spineli et al. 2009; Vassilev et l, 2010; Tao et al 2012a; Energy Research Centre of the
Nethertands, 2012; Tao et o, 20120; Zho et L., 2012.

i Alkali indlex is a ratio calculated from the relative amounts of KO and Na; O. See text or Jenkins et al. (1998) for detailed explanation.
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Biochemical
analysis

Enzymatic
conversion

Fixed carbon (FC)

Higher heating
value (HHV)

Intensive
properties
Property.

Phenotype

Proximate
analysis

Summative
properties

Thermochenical
conversion

Trait

Ultimate analysis.

Volatile matter
M)

Characterization of biomass in terms of structural
and non-structural carbohydrates, lignin, protein, and
extractives (pectins, lipids, etc.)

Use of microorganisms or pure enzymes to transform
feedstocks into energy products and co-products, e.9.,
fermentation, anaerobic digestion

Mass remaining as a sold after proximate analysis,
excluding ash

Energy released as biomass undergoes complete com-
bustion t0 CO, H,0 (condensed), and other minor
products at standardized conditions

Non-separable traits that are independent of the mass
of a sample

Trait or parameter in the context of a certain bioenergy
conversion pathway or engineering systems
Observable or measurable characteristic specific to a
given environment

Characterization in terms of the mass volatlized (as
moisture and volatile matter) and mass remaining (fixed
carbon and ash) during a standardized heating regime
Traits that describe specific separable components of
the biomass and sum to 100% in the context of a mass
balance

Controlled heating or oxidation of feedstocks to pro-
duce energy products andjor heat, e.g., pyrolysis,
gasification, combustion

Genetic o physical characteristics (physical character
istics are also referred to as phenotypes)
Characterization of biomass in terms of its individual
constituent elements (C, H, O, N, S, etc)

Mass loss as gaseous products (excluding moisture)
during proximate analysis
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Species Aboveground - RCI (%)*

Belowground - RCI (%)*

Stage 1 Stage 2 Stage 1 Stage 2
Setaria 575 £ 1.2 58.6 +£2.3 52.0 £ 1.9 60.0 £3.2
Sorghum 642+36 69.2+45 547 £2.0 61.1+£23
Maize 62.5+2.8 612+ 1.8 542 +£2.0 63.5 + 3.7
Switchgrass 66.6 + 3.8 68.1 £ 3.6 52.4 +1.2 60.0+25

*Values reported are the average of n = 3+ SE.
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D Annotation in house data sets (LogzRatio) Publicly available data  No. of ordered
mutants
wat1  OF [ Eg TE induction 6d*  Xylem®*
EgMYB2 EgMYB1 Xylem
AT3G50260 AP2 TF DREB, CEJ1 (subfamily A-5) 27 16 -244 03 Lowns 0
ATSG61590  AP2 TF ERF (subfamily B:3) 34 11 21 37 Hghp 1
ATSG07580  AP2 TF ERF (subfamily B:3) 22 24 09 Hghp 1
ATSGSTI90  AP2 TF ERF (subfamily 8:3) 32 18 24 15 Hghp 1
ATSG13330  AP2 TF ERF (subfamily B4) 73 -06 14 Hghp 0
AT3G14230  AP2 TF ERF RAP2.2 (subfamily B-2) 20 14 M x 02 Hghp 2
ATIGA3160  AP2 TF ERF RAP2.6 (subfamily B-4) 22 -07  -15 -02 Lowns 0
ATIGE8B40 AP2 TF ERF RAP2.8 (RAV2) 19 -20  -23 -20 Medium_ns 0
AT3G25890 AP2 TF ERF, CRF11 (subfamily B-6) 20 10 12 01 Mediump 0
ATSG25190  AP2 TF ERF, ESE3 (subfamily 86) -23 x 20 Lowns 0
AT2G44840 AP2 TF ERF13 (subfamily B-3) -28 -08  x 00 Medium_y 1
ATSG47230  AP2 TF ERFS (subfamily B3) -27 13 -04 Medium_y 0
AT5G60450 ARF4 -17 20 19 04 Highs 2
ATIGI0330 ARFE 13 16 -08 Medium_u 1
AT5G54680 bHLH105 -37 06 -03 High_u 1
AT2G46510 BHLH17 11 -02 Medium_u 0
ATIGE8810  bHLH30 -24 20 18 24 Highs 3
AT3G25710 bHLH32 21 12 16 00 Highs 2
AT5G46760  bHLHS 18 15 12 x 07 Hghp 2
ATIG75390 bZIP TF -21 06 -29 Highp 0
AT2G18160  bZIPTF 18 08 24 Highp 1
ATIG51960  bZIPTF 23 -08  -08 05 Low_y 0
AT3G56850 bZIP TF (ABA_REB3) 06 06 x 08 Medium_y 0
ATIG72830  CCAATbinding TF 28 16 15 -06 Highs 0
AT3G28730 HMG 1 07 -04 Hghp 0
AT2G34710  homeobox-leucine zipper TF (HB14) 08 a1 Hghp 0
AT1G52150 homeobox-leucine zipper TF (HB15) 13 X 42 Hghs 3
AT5GE5310  homeoboxdeucine zipper TF (HBS) -21 09 -25 Low_u 3
AT5G41410  homeodomain TF (BEL1) 22 12 -06 30 Lowns 0
AT5G02030  homeodomain TF (BELLRINGER) 14 16 02 Highp 0
ATAG34610  homeodormain TF (BLHE) 20 07 07 14 Low.p 2
ATIG70510  homeodomain TF (KNAT2) 14 21 -1 Medium_s 0
AT1G62990 homeodomain TF (KNAT7) -79 28 24 26 Hghs 0
ATIG62360  homeodomain TF (SHOOT MERISTEMLESS) 39 37 x -0 Hghs 0
ATAG28640  1AATT -26 16 18 14 Medium_s 1
AT2G33310 1AA13 23 17 x 11 Highp 0
ATIG04730 1AAT6 17 14 12 Hghu 0
AT2GAG990  1AA20 18 15 -03 Low_u 0
ATSG25890 1AA28 14 23 21 33 High_s 1
AT2G22670 1AA8 12 13 06 Hghp 0
AT5G65670  1AA9 18 09 12 x 08 Hghp 0
ATIG10200 LIMTF 07 x 14 Medium_u 0
ATIGOI060  myb related TF (LHY) -18 26 X 04 High_u 1
AT1G63910 MYB103 -8 24 32 Medium_s 1
ATIG48000 MYB112 28 17 -15 -1 Low_u 0
AT1G66230 MYB20 -31 10 Medium_u 1
ATSGO7690 MYB29 —44 19 23 -02 Low.u 4
ATAGIBE20 MYBA 14 x 13 Megiump 3
AT4G12350 MYB42 13 10 08 Low_u 4
AT5G12870 MYB46 -28 09 14 53 Medium_s 2
AT3GA6130  MYB4S 30 14 18 01 Highs 0
AT1G17950 MYB52 -21 23 24 33 Medium_s 2
ATSG59780  MYBS9 47 10 08 27 Highp 1
ATIG09540  MYBS1 -24 18 no probe noprobe 0
AT1G79180  MYB63 -59 13 23 Medium_s 0
AT236650  MYB75 13 -18 01 Low_u 0
AT3G50080  MYB77 32 14 08 -05 Medium_u 0
AT4G22680 MYBS5 21 22 16 21 Low_u 1
ATSG0S790  mybike TF -1 07 09 17 Highs 0
ATSG17300  mybike TF 18 08 12 Medium_u 0
AT3G11280  mybiike TF 19 06 45 Highp 3
ATIG12260  NACOO7 VND4 -19 50 Low_u 1
ATIG32770  NACO12, SND1, NST3 -26 18 00 Medium_s 0
AT2G46770  NAC043, NST1 -08 x no probe noprobe 0
AT5G64530  NAC104, XND1 09 x 36 Highs 0
AT5G13180  NAC83, VND-INTERACTING2 (VNI2) -07 x 33 Highu 0
ATAG37750  AINTEGUMENTA (ANT) -54 10 o1 Low_p 0
ATIG21450  scarecrowike TF 1 (SCL1) 12 22 Hghp 1
AT2G47070  squamosa TRike 1 (SPL1) 08 07 Hghu 0
AT2G44745  WRKY12 29 23 27 -0.1 High_s 1
AT2G30250  WRKY25 26 07  -08 -12 Medium_u 2
ATAG23550  WRKY29 77 21 16 no probe noprobe 1
ATIGB0840  WRKY40 -30 x -04 Highu 1
AT3G01970  WRKY4S 34 08 12 -05 Medium_u 0
ATSG13080  WRKY75 35 -08 09 -03 lowns 0
AT2G28510  zinc finger Dof-type. -17 -08  -08 02 Lowns 0
ATIGE8360  zinc finger TF 37 18 20 11 Highs 0
AT2G40140  zinc finger TF (CCCH-type) -18 06 03 Highu 0
AT3G55980  zinc finger TF (CCCH-type) -36 x 05 Highu 2
AT3GA6620  zinc finger TF-n129 -34 16 Highu 2

*TE induction 64, 6 days after induction (1 uM brassinolide and 10mM H3BO3) when tracheary element were actively forming.

**Xylem in hypocotyl of adult plant; High, Medium, and Low for their expression level; _s, specific expression in xylem; _p, preferential expression; _u, ubiquitous
expression; _ns, higher expression in non-xylem cells. Bold indicates known genotypes, and coresponding secondary wall or xylem cell identity phenotypes.
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*Days post anthesis, DPA
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Gene name

Winged-helix DNA-binding transcription
factor family

NARS1

SEPS, AGLY, Kebox region and MADS-box
transcription factor

Related to AP2 2

Multiprotein bridging factor 18

Auxin response factor 10

Related to AP2 4

High mobilty group B1

Basic regionfleucine zipper motif 63
NST1, ANAC043

SND2, ANACO73

1489

High mobilty aroup B3

GRAS family transcription factor

KNAT7

BTB and TAZ domain protein 4

MYB61

Zinc finger (C2H2 type) family protein
Acyl-CoA N-acyltransferase with
RING/FYVE/PHD-type zinc finger protein
Transcription factor jmiC domain-containing
protein
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Gene Contig 6DPA®® 8DPA 10DPA° 12DPA Stem

AT1G27600 M01000026144 12 8

AT1G27600 MO01000031822 6 8 w c 23
AT2G37090 MO1000017727 0 % 0 |5 4
AT2G37090 MO01000026536 0 8 10

_
ATSG61840 MOI000012733 104 508 4919 8557 O
ATIG27440 MOI000007257 423 279 639 255 14
ATSG61840 M0I000022396 601 664 325 54 O
ATSG61840 MOI000012809 325 156 128 25 O

2

8

63

ATSG61840 MOTO000133TE 190 98 79 5
ATSG61840 MOT000026636 117 16 118 34
ATSG61840 MOT000010529 6 ® 10 0

ATIG27440 MOT000011294 O o 0 c 4
ATIG27440 M01000004742 O o o 8
_
AT5G67230 MOT000007747 68 % 108
_
ATSG67210 M0I000007937 1178 926 87 10
ATSG67210 M0T000025441 6 0 20 0 8
AT5G67210 M01000030764 O [ o 8
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“Tanscripts are ranked by expression in the mucilaginous layers at the 10
DPA stage.
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CAZY Species Activity' Reference pH  Protein name(s) Accession number

CE1 Aspergillus awamori AXE Koseki etal. (2005) 6-7 AXEA BAA13434
Aspergillus oryzae AXE Koseki etal. (2006) 6-7 AXE BAD12626
Aspergillus niger AXE Kormelink etal. (1993) 55 AXEA CAK46215
Penicillium purpurogenum  AXE Gordillo etal. (2006) 6 AXEI AAME3261

CE2 Neocallimastix patriciarum — AXE Dalrymple etal. (1997) 7 BNAI, BNAA AABB9090
Cellvibrio japonicus AXE and AGME Montanier etal. (2009) 7 AXE2B, CE2C ACE85140

CE3 Clostridium thermocellum — AXE Correia etal. (2008) 7 CES3 ABN52033

CE4 Streptomyces lividans AXE Dupont etal. (1996) 6-7 AXEA AAC06115

CE5 Trichoderma reesei AXE Sundberg and Poutanen (1991); 5-6 AXE 769256

Margolles-Clark etal. (1996)
Penicillium purpurogenum  AXE Egana etal. (1996) 6 AXEIN AAC39371

CE6 Fibrobacter succinogenes ~ AXE Yoshida etal. (2010) 75  AXE6A AF180369

CE7 Thermoanaerobacterium AXE and CCD Shao and Wiegel (1995) 6 AXET AF001926
Bacillus pumilus AXE and CCD Degrassi etal. (2000) 7 AXE AJ249957

CE10  Erwinia chrysanthemi PAE Shevchik and 8 PAEY CAA70971

Hugouvieux-Cotte-Pattat (1997)
Erwinia chrysanthemi PAE enhanced by PEL Shevchik and 85 PAEX CAD45188

Hugouvieux-Cotte-Pattat (2003)

CE12  Bacillus subtilis RGAE, CCD, and AXE Martinez-Martinez etal. (2008) 85 YEST CAB12521
enhanced by Xyn10

CE13  Populus trichocarpa PAE and AXE Gou etal. (2012) 70  PAE1, CE13_5 HQ223420
CE16  Trichoderma reesei AE enhanced by xylanases  Poutanen etal. (1990); 55 AES1 ABI34466
and mannanases Li etal. (2008)

1AE, acetyl esterases (AE; EC 3.1.1.6); AGME, acetyl glucomannan esterase (EC 3.1.1-); AXE, acetyl xylan esterase (EC 3.1.1.72); CCD, cephalosporin C deacetylase
(EC 3.1.1.41); RGAE, thamnogalacturonan acetyl esterase (EC 3.1.1.86); PAE, pectin acetyl esterase (EC 3.1.1.-); PEL, pectate lyase (EC 4.2.2.2).
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Species % d.w. Reference
Wheat (straw) 2.2 Sumi (1964)
Populus tremuloides Michx. (wood) 3.7 Timell (1967);
Sjéstrom (1993)
Eucalyptus globulus Labill. (wood) 3.5 Cetinkol etal. (2010)
Fagus. grandifolia Ehrh. (wood) 3.9 Timell (1967)
Betula papyrifera Marsh. (wood) 4.4 Timell (1967)
Picea glauca Moench. (wood) 1.3 Laffend (1967);
Timell (1967)
Pinus strobus L. (wood) 1.2 Timell (1967)
Abies balsamea Mill. (wood) 1.5 Timell (1967)
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Clone ID/ Species/pedigree Source
cultivar
epithet
'SV’ Salix x dasyclados University of Toronto
'SX61' S. sachalinensis University of Toronto
'SX64' S. miyabeana University of Toronto
'S25° S. eriocephala University of Toronto
94001 S. purpurea Blossvale, NY
9832-49 S. eriocephala Bred in 1998
9837-77 S. eriocephala Bred in 1998
00X-026-082  S. eriocephala Bred in 2000
00X-032-094  S. eriocephala Bred in 2000
‘Fish Creek’ S. purpurea Bred in 1998
‘Wolcott’ S. purpurea Bred in 1998
‘Onondaga’ S. koriyanagi x S. purpurea Bred in 1999
‘Allegany” S. koriyanagi x S. purpurea Bred in 1999
‘Oneonta’ S. purpurea x S. miyabeana Bred in 1998
‘Oneida’ S. purpurea x S. miyabeana Bred in 1999
‘Millbrook’ S. purpurea x S. miyabeana Bred in 1999
‘Saratoga’ S. purpurea x S. miyabeana Bred in 1999
‘Sherburne’ S. sachalinensis x S. miyabeana Bred in 1998
‘Canastota’ S. sachalinensis x S. miyabeana Bred in 1999
‘Cicero’ S. sachalinensis x S. miyabeana Bred in 1998
‘Marcy' S. sachalinensis x S. miyabeana Bred in 1998
‘Preble’ S. viminalis x (S. sachalinensis x Bred in 2001

S. miyabeana)
‘Otisco’ S. viminalis x S. miyabeana Bred in 1999
‘Verona' S. viminalis x S. miyabeana Bred in 1999
Tully S. viminalis x S. miyabeana Bred in 1999
Champion’
‘Fabius’ S. viminalis x S. miyabeana Bred in 1999
‘Taberg’ S. viminalis x S. miyabeana Bred in 1999
‘Erie’ S. viminalis x S. miyabeana Bred in 1999
‘Truxton’ S. viminalis x S. miyabeana Bred in 1999
‘Owasco’ S. viminalis x S. miyabeana Bred in 1999
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2 ;5 Sugarcane  22.9 584
283 Soghum 195 68

Crop Average
lignocellulose yield®

H DM ha~" yr-!
gt
gaf Mscontus 225 608
S8 & Switchgrass 10 346

" Average yields, total available lignocellulose and yield potentials s reported in sections Lignocellulose as a co-product and Lignocellulose as primary product,
®Recommendations for medium fertity soils by University of Georgia's Cooperative Extension Service (Kisse

General fertilizer

recommendation®
kg ha~"yr-!
N P K
200 100 100
0 67 6
%0 67 67
General fertilizer
recommendation®
kg ha~ yr-!
N P K
0o 7 100
67 45 45

Total nutrient
removal®
kg per hectare

N P K

375 4 575
18 315 391
28 55 305
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removal®
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N P K
1010 1575 >500
3 65 825 >450
d Sonon, 2008), except recommendation for miscanthus, which is based on Christian ot |
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g per kg DM yield

Nutrient removal®
g per kg DM yield
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Water requirement for
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Water required?
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>57
>164

Water required
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=22
>45

(2008

“Data calculated using the average lignocellulose yields per hectare in USDAS Crop Nutrient Tool (htip:/jlants.usda.gov/npk/main, accessed: 20-12-2012), except the values for miscanthus, which are based or

Cadoux et al. 2012),
“Calculated by taking into account average lignocellulose yield.
®Data based on Al-Amoodi et al. (2004) for maize and sugarcane, on Saba

los (2008) for sorghum, on Long et al. (2001) for miscanthus and Bot

)008) for switcharass.
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A key factor that will most likely influence the economics of
the cellulosic ethanol industry is the production of different bio-
commodities in addition to ethanol, utiizing the diversity of
compounds present in biomass. Several high-value chemicals can
be produced, some of which may in fact provide greater economic
returns than ethanol. However, the value of such commodities is
determined to a large extent by market-demand and their value
may be reduced when the industry grows o a larger scale. To
our knowledge, no research has been conducted to compare
different C4 grasses for the production of such bio-products.
Reviews on the different products and production routes can
be found in—amongst others—(Gallezot, 2007; Fitzpatrick et al.,
2010; Deutschmann and Dekker, 2012).
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Genetic nature

Experimental Mapping Population—Hybrid
testerosses of 223 recombinant inbred
lines from the IBM collection.

Transgenic lines with RNArinduced
down-regulation of caffeic acid
O-methyltransferase (COMT).

Two sets of genotypes obtained by
divergent selection for ruminant
digestibilty.

Transgenic lines with RNAknduced
down-regulation of caffeic acid
O-methyltransferase (COMT)

Collection of brown-midrib (bmr) mutant
collection and their corresponding
wild-types.

Conversion technology

Mild dilute-acid pretreatment
followed by hydrolysis with
commercial enzyme cocktails

Mild dilute-acid pretreatment
followed by hydrolysis with
commercial enzyme cocktails

Various intensities of dilute-acid
pretreatments followed by
simultaneous saccharification and
fermentation (SSF).

Various intensities of dilute-acid
pretreatments followed by SSF.

Mild dilute-acid pretreatment
followed by hydrolysis with
commercial enzyme cocktails

Summary of results

Variation within population for cell wall glucose release after mild pretreatment
and enzymatic saccharification ranged from ~48-56%. Glucose conversion
efficiency was strongly correlated to lignin content (

Maximum reduction in lignin content in transgenic lines compared to controls
of 13.7% and a maximum increase in fermentable glucose yield of 35%

(after pretreatment and enzymatic hydrolysis).

A 40% difference in ethanol yield (after dilute-acid pretreatment followed by
SSF) between the two genotypes with the largest contrast in lignin

content.

Maximum reduction in lignin content in transgenc lines compared to controls
of ~15% and 2 maximum increase in ethanol yield of 38% lafter severe
pretreatment (0.5% H,S0s, 180°C) followed by SSF]

Glucose conversion after thermo-chermical processing and enzymatic hydrolysis
across a set of § bmr mutants and their corresponding counterparts ranged
from 59-77%. The maximum increase in glucose fermentable yields (relative

to wild-type) was of 21%.

References.
Lorenzana et al
2010

Jung etal., 2012

Sarath etal, 2011

Fuetal, 2011ab

Saballos et al.,
2008
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Lignocellulose feedstock  Cellulose Hemicellulose  Lignin References.

Maize (stover) ~27-40%  ~25-34% ~9-15% Lorenz et al., 2009b; Templeton et al., 2009; Wolfrum et al,,
2009; Lorenzana et al., 2010; Jung and Bernardo, 2012

Switchgrass. ~28-37%  ~26-34% ~9-13% Sladden et al., 1991; Vogel et al, 2011

Sorghum (stover) ~21-45%  ~11-28% ~9-20% Rooney et al,, 2007; Murray et al., 2008; Shiringani et al., 2010;
Stefaniak et al, 2012

Sugarcane (bagasse) ~35-45%  ~25-32% ~16-25%  Canilha etal, 2011; Masarin et al,, 2011

Miscanthus ~28-49%  ~24-32% ~15-28%  Hodgson et al, 2010; Zhang et al, 2012
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Bold indicates a significant effect on yield with N application.
*A selection derived from the cultivar Alamo.
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Oligo name Orientation Sequence (5-3) Target Average primer efficiency
prHMO1 Sense GCCGCACAACACCATCATG QRTPCR Amplicon Bd_Bahd_1 17
prHMO2 Antisense GGCTTTGATGAACTGCGCC QRTPCR Amplicon Bd_Bahd_1

prHMO7 Sense ACCTCATCCTCATGGCCCA QRTPCR Amplicon Bd_Bahd_3p1 1.745
prHMo8 Antisense CGAAAACCAGGTGGCTGAAG QRTPCR Amplicon Bd_Bahd_3p1

prHMO9 Sense CCGGTAAGGTGGCCTCGT QRTPCR Amplicon Bd_Bahd_4 184
prHM10 Antisense CGAACTCTGAAGGCAGCCG GRTPCR Amplicon Bd_Bahd_4

prHMI1 Sense CGTTCACCGCTTTCAACTTTG QRTPCR Amplicon Bd_Bahd_5 172
prHM12 Antisense TCGCAACCTGGTCTTTGACAC QRTPCR Amplicon Bd_Bahd_5

prHM19 Sense CCGGTGCTAGCCCTGGAATA GRTPCR Amplicon Bd_Bahd_10 177
prHM20 Antisense TGCACGCGTTGTACTCCGA QRTPCR Amplicon Bd_Bahd_10

prHM33 Sense CGCAAGACAATGACCGCTATG QRTPCR Reference gene Bd_UBC8 178
prHM3a Antisense CCAATCCGACGCCTCCTTATA QRTPCR Reference gene Bd_UBC18

prHM35 Sense TGTTTGTGTCGGATTGGACGA QRTPCR Amplicon Bd_Bahd_7 169
prHM3s Antisense ACCGCCATGTAGTCCGCATAA QRTPCR Amplicon Bd_Bahd_7

prHMa3 Sense TTCTCGTATCACCCCTTCATGG QRTPCR Amplicon Bd_Bahd_9 175
prHMaa Antisense GGTGGTCTTCCTCCACACACAT QRTPCR Amplicon Bd_Bahd_9

prHMsS Sense TGGCTTCTACGGCAACTGCTA GRTPCR Amplicon Bd_Bahd_2p1 179
prHMS6 Antisense GCTTCCCGTCCTTGATGATCT QRTPCR Amplicon Bd_Bahd_2p1

prHMe1 Sense AAGCGGCTCGAGTACCTG QRTPCR Amplicon Bd_Bahd_2p2 182
prHM62 Antisense GCCATTGTTGCTGGAGTTGT QRTPCR Amplicon B_Bahd_2p2

prHMES Sense CCACGTCTGCTTCGCCATG GRTPCR Amplicon Bd_Bahd_8 179
prHMB6 Antisense CGCATGATGTAGTAGCAGTTGCC QRTPCR Amplicon Bd_Bahd_8

prHMB9 Sense ATCCCGCCATCCAACATCTAC QRTPCR Amplicon Bd_Bahd_12 179
prHM70 Antisense CGGATCTGGCCTTGATGTTGT QRTPCR Amplicon Bd_Bahd_12

prHM75 Sense TTCAACAGCATGGATGGCC QRTPCR Reference gene Bd_SDH 176
prHM76 Antisense ATCTTCGGTTGCAGAGCTCCT QRTPCR Reference gene Bd_SDH
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BAHD candidate clade A B

Candidate no. 1 2 3 4 5 6 7 8 9 10 12 14 15 18
e
. -
o o
S % ®» ® % 5 » ®» 2 % 2 ¥ 9 %
5 5 5 g S 5 g 8 g g g e 3 8
Putative role Family MSU locus é 8 3 38 é 38 8 8 ] 38 8§ & & 8
UDPXyl and UDP-Ara synthesis ~ UDP-Glc dehydrogenase  0s03g55070 237 15 6
UDP-Glc dehydrogenase 0512925690 244 33
UDP-GIcA decarboxylase 050121320 123
UDP-GIcA decarboxylase 0501962020 98 9
UDP-GIcA decarboxylase 0s03g16980 90 7 73
UDP-GIcA decarboxylase 0505929990 21 76 56
UDP-Xyl epimerase 050704690 88 76
UDP-Xyl epimerase 004952730 24 166
UDP-Avaf synthesis UDP-Ara mutase 0508940270 67 66
UDP-Ara mutase 050741360 62
Xylan backbone synthesis GT family 43 0501948440 238
GT family 43 IRX9-like 0s03g17850 148
GT family 43 0504956670 26 7 194 30
GT family 43 0505003174 62 57
GT family 43 0505048600 129 38
GT family 43 IRX14-like 0s06g47340 197 200 10 139
GT family 47 IRX10-like 0s01g70200 203 250 198 142 70
Araf addition to xylan GT61 clade A 0501902900 223 160 187 240
GT61 clade A 0501902930 248
GT61 clade A 0s02g04260 4 175 58 63
GT61 clade A 0s02922380 14 36 45 " 136
GT61 clade A 0506927560 58 57
GT61 clade A 0506949300 175

Values are the mutual rank from the RiceFREND co-expression tool (http:/fricefrend.dna.affrc.go.jo/; Sato etal,, 2013) using the BAHD candidate under single guide gene search, out of the 27201 genes in the
database; only ranks <250 are shown, i.e., in the top 1% of the most highly co-expressed genes. Some clade B genes shown in Figure 1 are omitted as they were not in the RiceFREND database.
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