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Editorial on the Research Topic 


Bone Marrow Adiposity: Establishing Harmonized, Mechanistic, and Multidisciplinary Approaches to Reach Clinical Translation


This Research Topic comprises ten articles describing different approaches to study the regulation or maturation of bone marrow adiposity. The conversion of the “red” hematopoietic bone marrow to a “yellow” fatty one is a long-known phenomenon that has been referred to by many names. Bone Marrow Adipocytes (BMAds) have also been revealed as puzzling yet intriguing cells, which could provide exciting novel insights into the pathophysiology and treatment of aging, osteoporosis, anorexia nervosa, obesity and diabetes, aplastic anemia, multiple myeloma, leukemia, bone metastases, and many other clinical conditions. Thus, it is no wonder that enthusiasm surrounding Bone Marrow Adiposity (BMA) research has accelerated in recent years, especially since techniques for the isolation and study of BMAds have become increasingly refined and established (Figure 1). However, literature on the role of BMAds shows considerable variation and inconsistencies so far. The need for consensus and uniformity in this growing field of research is therefore a major issue that has been highlighted by the International Bone Marrow Adiposity Society (BMAS).




Figure 1 | Bone marrow adiposity in a human transiliac bone biopsy. Bone marrow adipocytes appear as “gost” cells in a Goldner’s stained section. Magnification 10 × 10.



BMAS was founded in 2017 to consolidate the growing scientific community interested in BMA, after the success of meetings organized since 2015. This young society brings together physicians and scientists working on rheumatology and bone biology, oncology, hematology, medical imaging, endocrinology, and metabolic perturbations, for which BMA research provides a new scientific direction. So far there have been five meetings with an excellent standard of keynote lectures and research presentations, in combination with interactive discussions in working groups. Reports from the third and the fourth meetings are presented in this Research Topic (Corsi et al.; Penel et al.). BMAS is an open society with many investigators from diverse fields who have been gathering in working groups to share protocols and experience. Two of those working groups have important publications in this Research Topic (Bravenboer et al.; Tratwal et al.), which are sure to provide a foundation with a high impact on BMA research in the future. Other BMAS working groups are now finalizing additional position papers (e.g. for Biobanking), which will provide further important resources for future BMA research.

One position paper addresses the nomenclature challenge regarding the diverse terminology used so far to describe the fat depot, the adipose cells, their subtypes or their stem and progenitor cells within the bone marrow, as well as the methods used for their study (Bravenboer et al.). Indeed, BMA can be measured through histomorphometry, computed tomography (CT), and Magnetic Resonance Imaging (MRI), a diversity of techniques that has also led to a confusing heterogeneity. Recommendations of specific terms, abbreviations, and units have thus been discussed and compiled to propose a standardized nomenclature to be adopted by the BMA research community. As observed in the field of bone histomorphometry following the first consensus publication in 1987 (1) such terminological harmonization is expected to improve the consistency between studies and to facilitate collaborations and inputs from the diverse fields.

Another critical need related to methodological standards has also led to a second position paper (Tratwal et al.). This paper already has received many readings and downloads online, demonstrating that uniformity in methods has become indispensable to boost BMA research not only in quantity but also in quality. Based on the review of the literature and on expert opinions, specific gold-standard methodologies are discussed regarding 1) histomorphometry of BMAds, 2) ex vivo BMA imaging using µCT following the staining with osmium tetroxide or other contrast-enhancing agents, 3) in vivo BMA imaging using MRI techniques in clinical studies, 4) cell isolation, culture, differentiation, and in vitro modulation of primary BMAd and BM stromal cell precursors, 5) lineage tracing and in vivo BMA modulation, and 6) BMA biobanking. Importantly, this second publication highlights the requirements for consensual annotations and standardization in techniques (choice of referent and condition) and provides guidelines for a detailed description of critical experimental parameters to minimize variability and to improve the comparability between studies. Emerging techniques are also described, which may soon come to complement or substitute the gold standards. One of these techniques is histomorphometry by unbiased semi-automatic image analysis; this is thoroughly described in this Research Topic by Tratwal et al. in an original research paper on MarrowQuant, a new image analysis plug-in. Other relevant technical strategies have also been developed and are described in the other associated articles.

Many scientists aimed to answer the urgent questions on how BMA is regulated. Several papers in this Research Topic address this subject. A well-known stimulus for BMA accretion is irradiation. It is therefore highly relevant that Costa and Reagan put into perspectives the consequences of therapeutic irradiation on Skeletal Stem Cell (SSC) properties and BMAT development in rodents and patients with skeletal complications (Costa and Reagan). In doing so, they propose new strategies in conjunction with radiotherapy. The central nervous system is a key mediator of adipose tissue function through sympathetic adrenergic neurons. Wee et al. investigate whether central autonomic pathways are also involved in BMAT regulation using viral transneuronal tract tracing in two mouse strains (Wee et al.). After quantifying the local sympathetic adrenergic innervation, they establish that BMAT shares common central neuroanatomic pathways, notably with peripheral adipose tissue, which paves the way for future studies on BMAT functional regulation. An interesting additional hypothesis is that temperature also regulates BMAT through the sympathetic nervous system. Turner et al. report the effects of propranolol in mice housed at 22°C or thermoneutrality to highlight that β-adrenergic receptor signaling contributes to regulating BMAT levels and metabolism without critically impacting on the premature cancellous bone loss observed at room temperature (Turner et al.). Chronic hyperglycemia has also been revealed as a promoting factor for adipogenesis within the bone marrow. Rharass and Lucas further investigate the impact of low and high glucose levels on human SSC-derived BMAds and their non-lipid-laden-cell counterparts (Rharass and Lucas). They demonstrate that high glucose concentrations drive only mature BMAds toward an altered phenotype through a rise in reactive oxygen species (ROS) generation. Finally, Dalla Valle et al. evaluate in this Research Topic the handling of free fatty acid (FFA) desaturation in human SSCs to prevent saturated FFA-induced lipotoxicity (Dalla Valle et al.). Using pharmacological agents to modulate LXR activity, they provide evidence for a protective role of the desaturase enzyme Stearoyl-CoA 9-Desaturase (SCD)1 in human SSC viability during saturated FFA exposure.

Most of the research in this Research Topic focuses on the regulation of BMAT and the differentiation routes of SSCs. Elucidation of these entangled pathways is crucial for targeting SSCs or BMAds for the treatment of osteoporosis or other metabolic (bone) diseases. For this ambition, we also need to clarify how BMAds regulate bone cells such as osteoblasts and osteoclasts. Unravelling the cross talk between BMAds and bone cells is crucial not only to target BMAds for improved bone health, but also if we are to uncover other mechanisms important in local and systemic metabolism.
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The 3rd International Meeting on Bone Marrow Adiposity (BMA) was held at the Olympic Museum in Lausanne, Switzerland, on August 31st and September 1st, 2017. This brief monograph summarizes the scientific contents of the meeting and highlights the birth of the International Bone Marrow Adiposity Society (BMAS).
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INTRODUCTION

A two-day meeting on Bone Marrow Adiposity (BMA) was held at the Olympic Museum in Lausanne, Switzerland, on August 31st and September 1st, 2017 (https://bma2017.sciencesconf.org). The meeting was co-organized by Olaia Naveiras, Alessandro Corsi, and Mara Riminucci with the active collaboration of Biagio Palmisano and Josefine Tratwal, as a joint effort between their laboratories at the Ecole Polytechnique Federale de Lausanne (EPFL) and the Sapienza University of Rome. This meeting was dedicated to the memory of the excellent scientist and expert in bone and bone marrow (BM) physiopathology, Paolo Bianco, anatomical pathologist at the Sapienza University of Rome who passed away in 2015 (1, 2).

In continuity with the first two meetings held in Lille, France [https://bma2015.sciencesconf.org; (3)], and in Rotterdam, the Netherlands [https://adiposity.sciencesconf.org/; (4)], the 3rd International Meeting on BMA was organized to provide physicians and scientists worldwide with different backgrounds -including bone biology, metabolism, oncology, endocrinology, hematology, and rheumatology- the opportunity to share novel results and exchange views on the emerging field of BMA (5–17). Reflecting the focus of the hosting laboratories, emphasis was placed on the bioengineering aspects and stem cell biology perspectives in BMA.

Through recent years, the increasing focus of sessions and symposia on BMA together with the invitation of BMA experts to congresses organized by international societies across different fields (endocrinology, hematology, bone, imaging) underlines the important implications of BMA in metabolic homeostasis, pathologic conditions (osteoporosis, diabetes, obesity, anorexia nervosa, blood diseases, cancer), and aging. Based on this broad and impactful relevance, documented also by the growing number of scientific articles published on this topic in recent years (Figure 1), the need to potentiate basic, translational, and clinical research on BMA was reflected at the constitutive assembly of the BMA meeting in Lausanne, where attendees voted to approve the creation of the International BMA Society (BMAS; http://bma-society.org/) as detailed below.


[image: image]

FIGURE 1. Pubmed search results on September 10, 2018 for (A) “Bone Marrow Fat,” (B) “Bone Marrow Adipocytes,” and (C) “Bone Marrow Adiposity” revealed 3,929, 2,571, and 428 items, respectively. For each search, the period from 2010–2018 contains the largest number of items. (D) The sum of the items obtained by the three different searches (A + B + C). The number of the total items in 2010–2018 has grown by about 100%, 500%, and 700%, respectively, compared to 2000–2009, 1990–1999, and before 1990.





OVERVIEW OF THE SCIENTIFIC SESSIONS

The meeting focused on varying aspects of BMA, from the developmental origin, functional properties, and endocrine and paracrine regulation of BM adipocytes to the relationship between BM adipocytes in hematopoiesis and with bone tissue. It also included novel technologies and engineering approaches for assessing BMA and the role of BMA in disease. Sixty-six delegates from 14 different countries traveled from as far as China, South Africa, the USA, and across Europe to attend the two-day meeting. The seven invited speakers came from France, Denmark, the USA, and China, bringing fresh aspects of their research fields to the multidisciplinary BMA community.

Twenty-four abstracts were received and ranked by an external committee, resulting in 17 oral presentations and seven poster presentations with a dedicated poster pitching session. Prizes for best oral presentations were awarded to the top scoring abstract, “Regulation of bone marrow adipocytes by the sympathetic nervous system: from bone to brain” by EL Scheller, and the top junior presentation, “Biomimetic engineering of a functional ex vivo human hematopoietic niche” by T Klein. Further echoing the high scientific content of BMA 2017, the contents of many of the oral and poster presentations have been published immediately before or after the meeting (18–35). Even though this long list of published papers unequivocally attests the recent advances in understanding the development, properties and (endocrine and paracrine) regulation of BMA, in clarifying the strong relationship between BMA and haematopoiesis/skeletal tissue and the role of BMA in disease as also the improvement of the technological approaches for assessing BMA, the need for more in-depth research emerged in all scientific sessions. Challenges associated to the lack of uniform nomenclature and lack of standardization of the methodologies specific to BMA and research were recurrent comments during the discussions, reason why the first tasks assigned to the newly created working groups were the preparation of consensus documents in Nomenclature and BMA methodologies, which were discussed in the subsequent meetings among the members of each of the two groups and whose final form accompanies this Frontiers in Endocrinology Bone Research Section issue.

A debate session on the origin of BM adipocytes among three community leaders (MC Horowitz, T Schulz, and BO Zhou) with an equally prominent moderator (M Kassem) was also organized. The heterogeneity of BM adipocytes and the methodological difficulties in tracing their origin were uncovered through the distinct perspectives that emerged during the discussion. A consensus was reached at the meeting that BMA is indeed heterogeneous depending on skeletal location, with regionalization based on genetic tracers pinpointing to specific differences in limbs and tail BM adipocytes as compared to the axial skeleton, and that different stimuli induce apparent variations in BMA, though the progenitor/BM adipocyte hierarchy and the relationship to skeletal stem cells remains to be illuminated.

The complete list of scientific sessions and contributors in each session is presented in Appendix A.



INVITED SPEAKERS

Using diverse mouse models of marrow aplasia, Bo Zhou and K Liu focused on the role of BM adipocytes in hematopoietic regeneration. Bo Zhou showed that, in response to irradiation and BM transplantation, the cellular composition of the BM hematopoietic stem cell (HSC) niche changes since HSC maintenance and hematopoietic regeneration are promoted by BM adipocytes at different stages of commitment and BM stromal cells (BMSCs) (24). K Liu showed that adiponectin is one of the main molecules involved in the regulation of delayed hematopoietic recovery after chemotherapy or BM transplantation (36). AJ van Wijnen (23, 32) and M Kassem (21, 25) explored the molecular mechanisms involved in the lineage-specific commitment (adipocyte vs. osteoblast) of BMSCs, the understanding of which can provide significant insights into the process of age- and osteoporosis-related impaired osteogenesis. MC Horowitz and DB Chou presented data on novel technological tools to investigate BM adipogenesis. MC Horowitz presented details of a technique that couples histochemical staining of cell-bound lipids using osmium tetroxide with micro-Computerized Tomography (microCT) to visualize and quantify mouse BMA and underlined the importance of linear tracing experiments to assess the ontogeny of BM adipocytes (20). DB Chou discussed the ongoing development of human BM on a chip, a microfluidic device able to reproduce important aspects of the in vivo microenvironment, detailing its performance in recapitulating radiation-induced acute myelosuppression. F Pflumio focused on the role of different BM sites in orchestrating human and mouse T-cell acute lymphoblastic leukemia to convincingly demonstrate that adipocyte-rich sites contribute to drug-resistant leukemic cells escaping treatment (19).



SELECTED SPEAKERS

A substantial part of the selected presentations used different mouse models to focus on the ontogeny of BMA; the relationship between hematopoiesis, bone tissue, and BMA; the endocrine and paracrine regulation of BM adipocytes; the role of BMA in diseases. CS Craft, using adiponectin-CreDTA+/− and Uncoupling-Protein-1(UCP1)-CreDTA+/−, provided critical insights into the region-specific properties of BM adipocytes, particularly regarding the expression of adiponectin and the capacity of some BMAT depots to induce beiging. Data on Tyrosine Kinase Substrate with four SH3 domains (Tks4), inorganic Phosphate Transporter-2 (PiT2), and adiponectin receptor-1 (AR-1) deficient mice were the subjects of the presentations by V Vas, S Beck-Cormier, and A Sowman, respectively. Tks4, a scaffold protein involved in podosome formation, Epithelial Growth Factor Receptor (EGFR) signaling, and Reactive Oxygen Species (ROS) production, was shown to be necessary for both the adipogenic and osteogenic differentiation of BMSCs (37). The phenotypic characterization of PiT2 (reduced bone volume, impaired mineralization, altered biomechanical parameters, increased circulating alkaline phosphatase, and an increase in BMA in the absence of significant changes of the plasma levels of adiponectin) and AR-1 (low bone mass due to decreased osteoblast formation and increased BMA) knockout mice also supported a role for both molecules in the modulation of BMSC lineage commitment and differentiation toward adipocyte or osteogenic lineages. TH Ambrosi delineated the ontology of BM adipose tissue and the molecular identity of bone-resident adipocytes, establishing their involvement in age-dependent dysfunction of bone and hematopoietic regeneration (18). A Wilson explored hematopoiesis within the BM of lipodystrophic mouse models entirely lacking adipocytes, including the epiblast-specific PPAR-γ deletion, and reported that the lack of BM adipocytes alters the HSC niche and contributes to the onset of severe extramedullary hematopoiesis (34). Mattiucci et al. explored the role of BM adipocytes isolated from hip surgery patients in supporting HSC survival (22). He showed that short-term hematopoietic progenitors would not proliferate in the presence of primary human BM adipocytes as compared to undifferentiated BMSC controls, but HSCs survived and could form colonies after 5 weeks of co-culture with primary BM adipocytes, thus supporting the role of BM adipocytes in the hematopoietic niche. E Douni described two transgenic RANKL mouse lines wherein the number of copies of the transgene correlates with the severity of the osteoporotic phenotype, emphasizing their suitability as models for investigating the pathogenetic mechanisms that regulate the development and expansion of BMA in osteoporosis. EL Scheller focused on the regulation of BM adipose tissue by peripheral sympathetic nerves (29, 31); in this context, she identified regulatory pathways and sites within the brain with the potential to coordinate BMA in concert with peripheral adipose depots. Based on in vitro and in vivo data, A Perino showed that the bile acid-responsive membrane receptor TGR5 promotes mitochondrial fission through the ERK/DRP1 pathway and demonstrated beige remodeling of subcutaneous white adipose tissue under multiple environmental cues, including cold exposure and prolonged high-fat diet feeding (33).

Three of the selected presentations focused on technologies and engineering approaches for assessing BMAs. A novel microCT contrast agent for the three-dimensional simultaneous visualization of mineralized and soft skeletal tissue, the Hafnium-substituted polyoxotungstate, was presented by Kerckhofs et al. (30). Bourgine et al. (26) presented a three-dimensional in vitro biomimetic engineered human BM analog that exhibited compositional and structural features of human BM while supporting the maintenance of HSCs and progenitors. The metabolic functions of the BM adipose tissue in mice and humans, as revealed by [18F]-FDG-PET/CT imaging, were illustrated by K Suchacki.

Other selected presentations explored the relationship between BMA and diverse pathologic conditions. N Al Rassy showed that moderate physical activity does not prevent BMA accumulation in a mouse model of chronic food restriction. Using the separation-based anorexia (SBA) mouse model, C Chauveau suggested that corticosterone is involved in the BMA regulation of SBA mice and demonstrated the impact of the differentiation of BMSCs toward the adipocyte lineages as well as of the stimulated bone resorption on the reduced bone mass. Data on the potential role of the Methyl-CpG binding protein-2 (MeCP-2) and its related microRNAs in BMSC-derived adipogenesis were presented by MR Rippo. Finally, with her study on BMSCs isolated from BM aspirates obtained from lean, overweight, and obese men, M Tencerova, reported that BMSCs from obese men maintained insulin responsiveness and suggested that the enhanced adipogenic differentiation potential of BMSCs may lead to their exhaustion, contributing to the impaired bone formation and bone fragility observed in obesity.



POSTERS

The seven posters covered different aspects of BMA, including the lack of involvement of the Peroxisome Proliferator-Activated Receptor-γ (PPAR-γ) pathway in the accumulation of BMA in an ovariectomy mouse model (K Beekman); the use of digital holographic microscopy for quantifying lipid content during adipocyte differentiation in vitro in a non-perturbing manner (V Campos; 25); the long-term effect of ovariectomy on mandibular bone microarchitecture and BMA in a comparison of the tibia of adult rats (28); the expression of brown fat genes during adipocytic differentiation and its modulation by glucorticoid in rat proximal femur-derived BMSCs (WF Ferris); the phenotypic characterization of mice with targeted expression of GαsR201C in mature adipocytes (R Labella); the molecular characterization of new potential markers of BM adipocytes (G Maurizi); and the association of increased BMA with chronic kidney disease (35).



CREATION OF THE INTERNATIONAL BMAS

The creation of a scientific society dedicated to BMA was envisioned as early as 2015 when a first group of physicians and scientists was formed (the BoneAHeaD group, BONE Adiposity in HEAlth and Diseases) with a shared need for an international society that focused on BMA. This group was funded by the French Research Agency with the goal of building a European network and applying to international funding calls. The need for the creation of a society was repeatedly posed during the 1st [BMA 2015, https://bma2015.sciencesconf.org: (3)] and 2nd BMA meetings [BMA 2016, https://adiposity.sciencesconf.org/; (4)] and in the last meeting of the BoneAHeaD group that took place in Boulogne-sur-Mer, France, in March 2017. At the BMA 2017, a preparatory meeting was organized on August 30th, 2017 (15:30–20:00) at EPFL in which members of the BoneAHead group invited speakers from the three BMA meetings (BMA 2015, BMA 2016, and BMA 2017) and other researchers who expressed an interest in the creation of an international society dedicated to BMA. The purpose of this preparatory meeting was to elaborate a consensus proposal regarding the name, aims, statutes, and general organization of the society that were to be presented and voted on at the constitutive assembly (CA) that was held during the BMA 2017 (September 1st, 2017, 12:15–13:00). All participants of BMA 2017 were invited to the CA and also constituted the general assembly (GA). The name and aims of the society and the criteria for the composition and missions of the GA, executive board (EB), and scientific board (SB) were proposed, voted on, and unanimously approved by the CA. The interim (founding) EB and SB, the procedures to elect the definitive EB and SB, and the locations of upcoming meetings were also proposed, voted on, and unanimously approved. For the composition of the definitive EB and SB, priority was given to an appropriate gender, geographical, and scientific background balance. The aims of the International BMAS are the organization of BMA meetings, the research and training of young researchers in the BMA field, data sharing, establishing common research standards, fostering collaborations, and public engagement. In the statutes of the BMAS, the founding executive and scientific boards reflect the importance of maintaining rigorous research and guidelines within the society and BMA community at large. Consequently, to work toward the missions of the society, three working groups were created (nomenclature, methodologies, and biobanking) and three (public engagement, data repositories, and sponsorship) planned and definitely established soon after. Finally, the legal status and organization of the society was proposed, voted on, and unanimously approved. Statutes of the society were documented in French and English following the meeting and signed by members of the first EB on February 2nd, 2018. In the meantime, a society website (http://bma-society.org/) has also been created. From its beginning on September 1st, 2017 in Lausanne, where the BMAS headquarters are located, the society seeks to advance the knowledge of BMA by facilitating interdisciplinary exchanges, developing research strategies, and promoting the emergence of new ideas and concepts eventually aimed to improve understanding and treatment of the numerous diseases in which BMA is involved.



CONCLUDING REMARKS AND PERSPECTIVE ON THE INTERNATIONAL BMAS

Over the past 5–10 years, new research has massively advanced our understanding of BMA development and functions. BMA has been recognized as an active tissue involved in diverse biological processes (i.e., skeletal remodeling, hematopoietic and metabolic regulation), clinical conditions (i.e., caloric restriction, anorexia nervosa, osteoporosis, leukemia, multiple myeloma, cancer induced bone disease), and in aging. However, many biological and physiopathological questions regarding BMA remain unaddressed. For example: Which is the true identity of BM Adipocyte progenitors? Is there only one BM Adipocyte progenitor? How do different BM adipocyte progenitor change upon skeletal maturation and aging? What is the role of BMA in BM homeostasis? How do BM Adipocytes metabolically interact with their neighboring cells? How do BM Adipocytes and their immediate progenitors contribute to regulation of hematopoiesis and the HSC niche? How is BMA involved in osteoblastogenesis and osteoclastogenesis? Which factors (i.e., metabolites and hormones) do BM Adipocytes produce? Can we develop tools to address clear cause-effect relationships between BMA and disease beyond the now abundant correlative studies? Can BM adipocytes serve as an energy source for HSCs and BMSCs? Why (and how) BMA volume changes do occur in different clinical conditions (i.e., diabetes, obesity, anorexia nervosa)? What is the role of BM Adipocytes in the context of whole-body energy balance? What is the role of BM Adipocytes in the development of BM metastasis?

BMA 2017 has been a success both for the fruitful discussions resulting from the scientific program and collaborative spirit of the attendees, and for the creation of an international scientific society, the International Bone Marrow Adiposity Society (BMAS). In the short term, BMAS has set itself the ambitious task of establishing a common, consensual nomenclature, of identifying the technical challenges specific to the study of BMA and of working toward the harmonization of methodologies and biobanking approaches to encourage data sharing and collaboration. The Authors' perspective is that the BMAS will hold the community together, ensuring its continuity, and will inevitably contribute to the in-depth biological and functional characterization of BMAT, also catching the interest of young physicians, scientists, engineers and the public at large.
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Radiotherapy continues to be one of the most accepted medical treatments for cancer. Localized irradiation is the most common treatment for prostate, pancreatic, rectal, cervical and endometrial malignancies. Conventional localized fractions are total doses of 30-62Gy at 1.8-2Gy per fraction, with administration of ~60Gy often used for tumor ablation. However, even the lowest dose of localized irradiation exposure can result in adverse complications to adjacent organs, tissues, and vessels, which absorb a portion of the treatment. Skeletal complications are common amongst cancer patients undergoing these localized treatments. Irradiation exposure causes deterioration to the overall quantity and quality of bone by interfering with the trabecular architecture through increased osteoclast activity and decreased osteoblast activity. Irradiation-induced bone damage parallels adipocyte infiltration of the bone marrow (BM) resulting in compositional alterations of the microenvironment that may further affect bone quality and disease state. There may also be direct effects of irradiation on the BM adipocyte/pre-adipocyte, although in vitro findings do not always agree and cellular response is dependent on irradiation dosage. Hematopoietic cells also become apoptotic upon irradiation, which causes a range of skeletal effects. Bone loss leaves patients at a greater risk for osteopenia, osteoporosis, osteonecrosis, and skeletal fractures that drastically reduce quality of life. Osteoanabolic agents stimulate bone formation and reduce fracture risk in patients with low bone density; thus, osteoanabolic or anti-resorptive agents may be useful co-treatments with irradiation. This review discusses these topics and proposes further research directions using novel or combination therapies to enhance bone health during irradiation.
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INTRODUCTION

Since the discovery of the X-ray in 1895, irradiation science has offered advanced developments in techniques, multidisciplinary approaches, and research (1). Radiation therapy continues to be a widely accepted treatment for malignant cancers through its effective manner of killing cancer cells and reducing tumor size (1, 2). Irradiation induces free radicals in the form of reactive oxygen species (ROS) that leads to DNA damage (2). With improved treatment regiments, there have been improvements in disease outcomes and reductions in the adverse side effects of irradiation therapy (1, 2). The effectiveness of irradiation therapies, in combination with advances in pharmaceutical treatments, early detection, prevention, and cancer awareness, has drastically improved patient quality of life and decreased mortality rates; in some cases, these advancements have changed cancer from being an acute disease to a treatable chronic disease (1). The American Cancer Society projected there were over 2.6 million fewer cancer-related deaths from 1991 to 2016 (3).

Despite the advancements in irradiation therapies, there is still an unmet concern surrounding the systemic and localized effects of irradiation on adjacent tissues, vessels, and bone (4–6). Patients undergoing irradiation therapy have the potential to experience increased irradiation toxicity, even with fractionation of treatments, and adjacent soft tissue and bone damage as an adverse side effect due to limited tumor uptake and retention of irradiation doses (6). Tumor microenvironments promote tumor growth and angiogenesis through paracrine stimulatory factors and immune-mediated interactions (7). There are many cytokines released by the immune system that are considered “pro-tumor” or “anti-tumor” that alter the tumor microenvironment (7). After irradiation exposure, there are increased inflammatory cytokines, IL-1α/β, IL-6, IL-17, TNF-α, and VEGF, and evidence of increased cellular senescence, demonstrated through increased senescence-associated secretory phenotype (SASP) proteins (2, 7, 8). This change to the tumor microenvironment and increased immune activity is thought to explain the abscopal effect, in which localized irradiation results in regression of metastatic cancer that are distant from the initial irradiation site (7).

Due to the high calcium content, bone absorb 30-40% more irradiation than the surrounding tissues; thus, the absorption of any given irradiation dose is considerably higher in bone than the surrounding tissues, making bone a common site for irradiation-induced damage (9). As previously discussed, irradiation exposure releases cytokines as an injury response that triggers acute inflammation (9, 10). This acute inflammation is characterized by increased vascular permeability with localized edema, destruction of endothelial cells, and an association with vascular thrombosis (9). Irradiation exposure also induces late stage fibroatrophy that results in poorly vascularized tissue which does not allow for proper healing, ultimately increasing tissue fragility and the recurrence of inflammation upon local injury (9, 10).

The damage observed within the bone and bone marrow (BM) after irradiation therapy is similar to the pathological conditions seen with osteoporosis (2). There is a decrease in trabecular bone volume, an increase in bone marrow adiposity (BMA), increased CTX/TRAP5 levels in the serum, and prolonged fracture healing times (2). Irradiation also depletes hematopoietic and skeletal stem cell populations within the BM (11–13). Bone marrow transplants allow for trabecular recovery, reduced BMA, and increased cell number within the BM microenvironment (12). Skeletal stem cells (SSCs), previously referred to as mesenchymal stem cells, appear to be effected by the irradiation source (photon irradiation vs. ionizing irradiation) and dose resulting in the varying differentiation potential observed in different in vitro studies (Figure 1) (11, 14–16). In murine models, the balance favors adipogenesis at the expense of osteogenesis, as a result of irradiation-induced bone loss. This bone loss is in part due to the increased osteoclast activity immediately following irradiation exposure and then the latent decrease in osteoblast activity in the sequential weeks (4, 5, 12, 17).


[image: image]

FIGURE 1. In vitro irradiation affects adipogenic and osteogenic differentiation potential of skeletal stem cells (SSCs). (A) Non-irradiated SSCs, represent control differentiation. (B) Low-dose (2.5Gy) irradiated SSCs in adipogenic or osteogenic differentiation media have differing differentiation potentials. Low-dose irradiation caused reduced adipocyte differentiation with decreased adipocyte markers, such as CEBPα and PPARγ, and decreased Oil-Red-O staining when compared to the control. Osteoblast differentiation showed decreased RUNX2 expression, but increased mineralization markers SPP1 and Alizarin Red staining after low-dose exposure when compared to the control. There was no significant difference in osteoblast differentiation when compared to the controls. (C) High-dose (7-12Gy) irradiated SSCs have reduced adipocyte and osteoblast differentiation potential and evidence of increased β-galactosidase activity, a marker for cellular senescence.



Studies have shown that osteoanabolic agents stimulate bone formation and reduce fracture risk in patients with low bone density (18–20). Since an adverse side effect of irradiation is decreased bone density and increased bone fragility, combination therapies of osteoanabolic, or anti-resorptive agents may be useful for patients receiving irradiation therapies. This review will discuss these topics and propose further research directions including in vitro and in vivo studies using novel or combination therapies to enhance bone strength in patients after irradiation (18).



IN VITRO IRRADIATION OF SKELETAL STEM CELLS ALTERS DIFFERENTIATION POTENTIAL

The regenerative capabilities of SSCs in vitro have been shown in a multitude of tissue damage models (14). Human bone marrow skeletal stem cells (hSSCs) have been shown to be resistant to the effects of low-dose irradiation (2.5Gy) with no apparent changes to morphology or immunophenotype (11). Preciado et al. have shown irradiated and non-irradiated hSSCs still expressed CD73, CD90, CD105, CD44, and CD166 and are negative for CD34, CD45, CD14, CD19, and HLA-DR, which are definitive markers of a typical SSC immunophenotypic profile (11). Irradiated hSSCs also had no significant changes to cell viability 1 or 72 h after exposure compared to non-irradiated hSSC controls (11). However, low-dose irradiation exposure affected hSSC behavior and differentiation potential in vitro (11). Irradiated hSSCs were capable of differentiation, but had significantly less adipocytes, evident through decreased Oil-Red-O staining and significantly less mRNA expression of adipogenic differentiation markers, CEBPα and PPARγ, when compared to the non-irradiated cells (11). On the other hand, low level irradiation exposure stimulated hSSCs osteogeneic differentiation apparent through increased mineralization expression of SPP1 and Alizarin Red staining, despite having reduced RUNX2 expression, an early osteogenesis marker (11).

The observed in vitro results in the Preciado study are likely because the exposure was a single, low-dose compared to other studies that use a single high-dose or fractionized doses that are needed therapeutically (4, 5, 17, 21, 22). Other studies suggest SSC retention of stem cell characteristics is dose-dependent and can be altered with a single high-dose exceeding 10Gy (22–24). Schönmeyr et al. demonstrated the effects of high-dose irradiation (7 and 12Gy) on rat SSCs (rSSCs) resulted in a dose dependent response compared to non-irradiated cells (22). After high-dose irradiation exposure rSSCs had a higher percentage of apoptotic cells and more cells in the G2 cellular arrest phase (22). The irradiated cells also had reduced expression of osteogeneic markers, ALP and osteocalcin, as well as reduced expression of adipogenic markers, LPL, CEBPβ, and Leptin (22). The reduced differentiation potential seen in vitro could be evidence of irradiation-induced cellular senescence (2, 11). A marker for senescence, β-galactosidase, has been used in vitro to show irradiation-induced senescence in a time and dose dependent manner (2, 22, 25). The level of differentiation potential down the osteogenic and adipogenic lineages of SSCs has been shown to be more sensitive or more resistant based on the dosage of ionizing radiation (11, 22, 26, 27). The altered SSC differentiation capacity impacts the hematopoietic niche and enhances engraftment of BM derived stem cell transplantations to the BM microenvironment (12).

Interestingly, irradiation induced by radionucleotides, such as Strontium-90, can also induce similar effects on SSCs (15). After 7 days of exposure in vitro, a pre-osteoblast cell line showed a decreased ability to proliferate, changes in cytokine expression, and changes in their ability to support hematopoietic progenitor proliferation and differentiation (15). Exposure to Strontium-90 also showed evidence of increased senescence through increased β-galactosidase as well as senescent morphology with enlarged cytoplasm and nucleus (15). Despite these intriguing findings in vitro, in vivo studies are necessary to determine if the same in vitro phenomena are observed.


In vivo Irradiation in Rodents (Mouse and Rat) Cause Bone Loss and Increased BMAT

In contrast to the decreased adipogenesis induced by irradiation observed in in vitro studies, in vivo models demonstrated that irradiation increases BMA and deteriorates trabecular bone at both high and low irradiation doses. For example, Willey et al. showed that as early as 3 days post low-dose (2Gy) whole-body irradiation of thirteen-week-old C57BL/6 mice there was a significant increase in osteoclast activity through significantly increased TRAP-5b serum levels and significantly increased osteoclast numbers per bone surface, although BMA analysis was not done (21). Ten days post low-dose (5Gy) whole-body irradiation exposure of C57BL/6 mice resulted in rapid infiltration of BM adipocytes within the BM (5). This significant increase in BMA was coupled with a significant decrease in trabecular bone volume/total volume (BV/TV), which has been observed in 8 and 16-week-old C57BL/6 mice (5, 17). This irradiation-induced bone damage was not recovered 8 weeks post exposure (5, 17). BM recovery of 8 and 16-week-old mice has been shown to be age and time dependent (17). Two and ten-days post irradiation exposure, the total number of BM cells in 8 and 16-week-old mice were significantly decreased by more than 60% (17). By 8 weeks, only 8-week-old mice showed recovery to their BM cells (17). In sum, in vivo models using a wide range of irradiation doses have consistently shown that irradiation decreases trabecular bone volume and increases BMA compared to non-irradiated controls (Figure 2). This finding is likely due to a shift in SSC lineage differentiation (i.e., favoring adipogenesis over osteogenesis) that appears to be in response to irradiation-induced BM microenvironment alternations, rather than SSC autonomous responses to irradiation, because these same shifts are not observed in SSCs in vitro.
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FIGURE 2. In vivo rodent models show irradiation alters the bone marrow microenvironment by increasing osteoclast numbers per bone surface (Oc.S/BS) and decreasing osteoblast numbers per bone surface (Ob.S/BS) resulting in decreased trabecular bone volume with a rapid influx of bone marrow adipocytes. (A) Non-irradiated control, demonstrates normal bone turnover processes. (B) Irradiated (2-20Gy), demonstrates the uncoupling of the bone formation/resorption ratio through increased CTX/TRAP5 (osteoclast activity) and decreased RUNX2 (osteoblast activity) expression. In vivo irradiation exposure also has increased CEBPα and PPARγ (adipogenesis markers), and IL-6, TNF-α, and VEGF (inflammatory and senescent markers).



Localized irradiation has been shown to affect healthy tissue adjacent to the irradiation site, with about half of the localized dose being absorbed by healthy tissue and bone (4). In 4 month old male Sprague-Dawley rats, localized exposure of 20Gy to the right hind-limb, spanning the proximal tibia to the distal femur, revealed significant reductions in trabecular bone mineral density (tBMD) and trabecular BV/TV of the irradiated femur and also in the contralateral femur compared to the sham irradiated controls (4). Cortical thickness was not affected by irradiation, but cortical porosity was increased in the irradiated and contralateral femur (4). BMAT increased at 2 weeks and 12 weeks post-irradiation in the irradiated and contralateral tibias. These alterations in trabecular bone were due to a decrease in osteoblast surface per bone surface at 2 and 12 weeks post-irradiation in the irradiated and contralateral tibias (4). Within the BM, expression of RUNX2 and PPARγ of osteoblast and adipocyte progenitor cells were determined using reverse transcriptase-PCR (RT-qPCR) (4). At 2 weeks, RUNX2 and PPARγ expression were significantly decreased in both the irradiated and contralateral (4). By 12 weeks, the mRNA expression of RUNX2 continued to be downregulated by 94.5% in the irradiated and 44.1% in the contralateral, yet the expression of PPARγ was upregulated by 13-fold in the irradiated and 9-fold in the contralateral relative to the control (4). This study demonstrated how irradiation-induced bone damage does not require direct exposure to result in impairment, referred to as the bystander effect (4, 28).

There is also a rapid increase in osteoclast activity after irradiation exposure, seen with an increase in osteocalcin and TRAP5 levels in rat serum (4). However, 2 weeks post-irradiation there were no significant effects on bone suggesting irradiation did not compromise or uncouple the bone formation/resorption ratio immediately after exposure (4). These results differ from the observed changes seen in many irradiation mouse models. By 12 weeks post-exposure, there were significant decreases in trabecular bone volume, yet osteoclastogenesis was now comparable to the controls while osteoblastogenesis was significantly decreased, resulting in an altered formation/resorption ratio within the BM microenvironment that affected bone quality (4).



Clinical Trials Mirror in vivo Animal Model Findings

Irradiation-induced bone loss has been reported to cause more than insufficiency fractures; other complications from irradiation therapy include osteitis and osteolysis (29). A patient study of 510 patients (ages 40–84 years) analyzed pelvic bone related complications after irradiation therapy for uterine cervical cancer. Osteolysis was detected in 4 patients and avascular necrosis of the femoral head was diagnosed in 2 patients post irradiation therapy (29). One-hundred patients were diagnosed with insufficiency fractures a median of ~16.9 months (range 1–87 months) after pelvic irradiation therapy (29). Of the patients diagnosed with insufficiency fractures, 85% had sacral involvement and 61% developed multiple pelvic insufficiency fractures; 40% of those patients had symmetric bilateral lesions of the sacral alae (29).

Patients can experience late stage complications from irradiation exposure as part of an advanced treatment for head and neck tumors (9). Osteoradionecrosis (ORN) of the jaw bones (and surrounding soft tissue) is the most severe last stage complication (9). ORN illustrates increased inflammation and the development of hypovascular, hypocellular, and hypoxic tissues, which causes increased cell death and collagen breakdown that exceeds the normal cell repair and collagen synthesis homeostasis (9, 30). ORN diagnostic criteria is a slow healing (failure to recover over a 3 month period) irradiation-induced necrosis of the bone, associated with surrounding tissue necrosis in the absence of local tumor necrosis, recurrence, or metastatic disease (9). Irradiated specimens were obtained from 40 patients treated for ORN (control specimens were obtained from non-irradiated patients treated from head and neck tumors) (9). The total irradiation dosage of these specimen ranged from 50.4 to 70.4Gy (9). A histopathology examination on the bone and soft tissue samples revealed hyperemia and endarteritis as early effects of irradiation that were prolonged for up to 6 months post exposure (9). Signs of increased hypocellularity occurred rapidly after irradiation exposure; the irradiated bone samples showed greater cell loss than the soft tissue samples (9, 31). Evidence of thrombosis was apparent through densely fibrous material seen years post irradiation exposure (9, 31). There was a loss in vascular content, increase in BMAT, and fibrosis that showed a linear correlation to the time post exposure that were considered end stage markers of the irradiation-induced injury (9, 31). This current study suggested the increase in BMAT in the irradiated bone samples was due to the stunted bone turnover processes (9, 32).

Another clinical study showed 13 female patients, ages 35–63 years old, with gynecological malignancies that received irradiation or chemotherapy treatments had increased BMAT 6 and 12 months after initiating therapy treatments through repeated MRI scan (baseline, 6 months, and 12 months post therapy initiation) (33). Sagittal images of signal fat fraction (SFF) were taken in patients receiving focal irradiation therapy with the pelvic region as the target field (33). Approximately half of the irradiation therapy dose was absorbed by the sacrum and adjacent tissues and bones, such as the L4 vertebral body (33). At the baseline MRI scan, the SFF of the BMAT in the L4 and S1 were similar, however, by the 6-month scan the increase in the SFF in the S1 was marginally higher than in L4 (33). The increased SFF seen in S1 compared to L4 correlated to the higher irradiation absorption at S1 resulting in more BMAT accumulation (33). It is believed there is a progressive conversion of the hematopoietic marrow to the more adipocyte rich, yellow marrow observed throughout these regions as a response to irradiation treatment (33). The SFF of the L4 and femoral neck increased at the 6-month post-treatment scan (irradiation and chemotherapy treatments combined in this analysis) (33). These significant increases of SFF in the L4 and femoral neck were compared to skeletal muscle and subcutaneous white adipose tissue as controls, demonstrating the effects of irradiation on localized tissues and more specifically on the BM microenvironment (33).



Bisphosphonates and Osteoanabolic Agents Have Potential Restorative Effects on Irradiation-Induced Bone Damage

Anti-resorptive agents, such as bisphosphonates (BPs), and osteoanabolic agents are commonly used as osteoporosis treatments. BPs mediate bone resorption through osteoclast apoptosis (19, 20, 34). BPs can also reduce osteoblast and osteocyte apoptosis, but do not actively result in bone accrual (34). In rodent models, the administration of BPs following irradiation therapy can improve bone quality, bone strength, and BMD (19, 35, 36). However, there are conflicting data across patient trials regarding bone quality and pain management with BPs alone, in respect to cancer and irradiation therapies, suggesting combination treatments of BPs, and osteoanabolic agents may be needed to combat irradiation-induced bone damage (20, 35, 37–39).

Well-studied osteoanabolic treatments are human parathyroid hormone (hPTH) and sclerostin antibody (Scl-Ab). Both of these agents stimulate bone formation, but through different modes of action (40, 41). Scl-Ab increases bone formation by inhibiting sclerostin binding to lipoprotein receptor protein (LRP) 5/6 that inhibits canonical WNT signaling and subsequently activating SSC differentiation into osteoblasts (40, 41). Scl-Ab also suppresses bone resorption through inhibitory effects on osteoclastogenesis regulators (41–43). hPTH stimulates both anabolic and catabolic activities with a net gain in favor of the former, but there is evidence that hPTH anabolic capabilities are dependent on its ability to stimulate osteoclastogenesis (41, 44). Not only do these osteoanabolic agents increase bone accrual, but they also decrease BMA (41). Scl-Ab results in increased trabecular bone and decreased BMA, but hPTH has a direct effect on BMA reductions despite bone accrual (41). Since irradiation causes bone deterioration and adipocyte infiltration, which in combination may exacerbate bone related complications, administration of osteoanabolic agents in conjunction with irradiation therapy may prevent excessive bone loss and adipocyte infiltration (16).




CONCLUSION

Clinical studies and in vivo rodent models have shown high-dose and sub-lethal dose irradiation causes rapid bone loss due to increased osteoclast activity and decreased osteoblast activity, which results in increased BMA and secondary late stage bone complications that are believed to be from continued irradiation damage (16). Through in vitro experiments, it has been shown that SSCs are capable of maintaining their proliferation, differentiation, and regenerative properties at low-dose irradiation exposure, but at a lower capacity than non-irradiated SSCs (11). However, after high-dose exposure SSCs lose their stem cell characteristics or experience cell death (22–24, 26, 27). Currently, irradiation therapy is provided to patients in fractionized doses, but even low-doses over the course of several weeks show signs of decreased BMD and increased BMA (16). With decreased BMD, patients are at a greater risk for skeletal fractures and other bone related diseases and complications. A patient's quality of life is severely affected by these irradiation-induced bone incidences. Future directions point to more investigative research (and potential clinical practices) into the benefits of combination therapies to reverse the adverse side effects of irradiation-induced bone loss and adipocyte infiltration. Osteoanabolic agents, such as Scl-Ab or hPTH, and BPs may be needed in conjunction or following irradiation therapy treatments to combat the bone, tissue, and cell damages currently being observed.
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Bone marrow adipocytes (BMAds) accumulate in aging, menopause, and metabolic diseases such as Type 2 diabetes. These osteoporotic conditions are associated with oxidative stress and hyperglycemia which are both considered as critical factors underlying bone fragility. Glucose excess and reactive oxygen species (ROS) are known to favor adipogenesis over osteoblastogenesis. In this study, we investigated whether high glucose exposure could determine dysfunction of mature BMAds, specifically through ROS production. The effects of low (LG, 5 mM) or high glucose (HG, 25 mM) concentrations were examined using human bone mesenchymal stromal cells (hBMSCs) in the time course of differentiation, and, up to 21 days once adipocytes were mature. HG did not alter the adipocyte differentiation process of hBMSCs. Yet, after 21 days under HG exposure, PPARG, CEBPA, and adiponectin mRNA expressions were decreased. These alterations were also observed following adipogenic inducer withdrawal as well as in adipocytes fully differentiated in LG then cultured in HG for the last 11 days. Without inducers, HG condition also led to decreased leptin mRNA level. Importantly, intracellular and extracellular ROS concentrations measured using Amplex Red were significantly raised by 50% under HG exposure. This rise was observed once adipocytes ended differentiation and was reproduced within the different cell culture settings without any cytotoxicity. Among genes involved in ROS metabolism, the mRNA level of the H2O2 generating enzyme NOX4 was found upregulated in the presence of HG. Following cell separation, mature BMAds were shown to overproduce ROS and to display the gene alterations in contrast to non-lipid-laden cells. Finally, a non-lethal treatment with a pro-oxidant agent under LG condition reduces the mRNA levels of PPARG, adiponectin, and leptin as the HG condition does in the absence of inducers, and amplifies the effect of glucose excess on gene expression. HG concentration drives mature BMAds toward altered expression of the main adipokines and transcriptional factors. These perturbations are associated with a rise in ROS generation likely mediated through enhanced expression of NOX4. Mature BMAds are thus responsive to changes in glucose and ROS concentrations, which is relevant regarding with their phenotype and function in age- or metabolic disease-related osteoporosis.
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INTRODUCTION

Over these last decades, Bone Marrow Adipocytes (BMAds) have been revealed as a new component interfering with bone homeostasis and the hematopoiesis function. The fat fraction within the bone marrow is well-known to accrue and to negatively correlate with bone density in aging (1) and postmenopausal (2) subjects. Moreover, the bone marrow fat fraction can increase in Type 2 diabetic patients (3–5) and is found closely associated with a poor glycemic control (5–9) which broadens its involvement in the compromised bone quality reported in such metabolic pathologies. Several in vitro studies and first ex vivo characterization of BMAds have emphasized how these specific adipocytes diverge from typical extramedullary adipocytes and release various products—adipokines, growth factors, inflammatory mediators, fatty acids—which can affect the differentiation, function, or survival of the bone-forming osteoblasts and/or the bone-resorbing osteoclasts (10). Furthermore, many local and systemic factors reciprocally regulate the commitment and differentiation of the bone marrow mesenchymal stem cells also referred to as Bone Mesenchymal Stromal Cells (BMSCs) toward either osteoblastogenesis or adipogenesis (11). Beyond these established characterizations, factors that regulate BMAd functions are barely studied.

Chronic hyperglycemia defines diabetes while severe delayed blood glucose clearance takes hold in aging and menopause. Over time, high glucose levels damage bone through biochemical modifications of protein matrix with accumulation of advanced glycosylation end-products (AGEs) (12) and cellular dysregulations such as reduced BMSC proliferation (13, 14). Besides, osteoblastogenesis has been shown to be diverted toward adipogenesis in human BMSCs (13–15), rodent bone marrow stromal cells (16, 17), osteoblast precursor (18), and osteoblast-cell lines (19, 20) upon high glucose concentration exposure. In this context, a higher production of Reactive Oxygen Species (ROS) has been reported (18) in line with ROS involvement in suppressing osteogenic signaling pathways while triggering those of adipogenesis (21). Moreover, hyperglycemia condition also interferes with mature osteoblast biomineralization (22) and with functions of fully differentiated extramedullary adipocytes. Indeed, for the 3T3-L1 adipocytes, the prototypical cell line to model adipogenesis and white adipocyte functions, differentiation, and maturation in high glucose concentrations attenuate the insulin-stimulated signaling pathway (23), increase the expression of several inflammatory and chemotactic mediators (23, 24), and elevate levels of mitochondrial and endoplasmic reticulum stress (25). Importantly, a significant rise in intracellular ROS production is induced in the presence of high glucose concentrations both in 3T3-L1 adipocytes (23, 26) and mature adipocytes isolated from visceral fat pads (27) and has been associated with adipocyte dysregulations in metabolic diseases. Glucose excess and ROS generation are thus closely intertwined in both adipogenesis and adipocyte dysfunction.

Finely-tuned and moderate ROS levels are required as messengers of redox-sensitive signaling pathways during adipocyte differentiation as evidenced for extramedullary adipocytes [reviewed in (28)] and BMAds (18, 29–31). Yet, a persistent and high production of ROS leads to oxidative stress with molecule oxidation contributing to insulin-resistance and altered adipokine secretion in white adipocytes (32). The ROS rate results from the combination of various generating enzymes and scavenging defense systems which are differently expressed in the course of stem cell commitment, differentiation, and maturation of adipocytes. ROS sources mainly include the mitochondrial respiratory chain and the Nicotinamide Adenine Dinucleotide Phosphate (NADPH) oxidases (28, 32). ROS levels are enhanced in extramedullary adipose tissues in both fat-depot- and age-related fashions (33) and in metabolic disorders (34). Remarkably, oxidative stress in bone stimulates resorption (35) while represses formation (36) and is considered as one of the key processes in the loss of bone integrity in aging (37) and post-menopausal state (38). Yet ROS production in BMAds has only been studied in differentiating BMSCs within the first 12 days (21, 29–31, 39) and the contribution and sensitivity of mature (fully differentiated) BMAds to a high oxidative status has never been assessed.

As exemplified (29–31, 39), BMAds derived from human BMSCs or rodent bone marrow stromal cells are commonly studied in DMEM containing a high glucose concentration (i.e., 4.5 g/L or 25 mM glucose). In this study, we thus addressed whether such high glucose (HG) condition may affect the function and ROS generation of human BMSC-derived BMAds once they have reached their mature state. Indeed, the impact of glucose excess in comparison to the normoglycemic or low glucose concentration (i.e., 1 g/L or 5.5 mM glucose) was reappraised during the first 10 days of differentiation and followed up to 21 days of culture. Moreover, the influence of a pro-oxidant agent was analyzed to determine if ROS generation is involved in HG-induced BMAd deregulation. Using various cell culture set-ups, gene expression analyses and direct H2O2 measurements in intracellular and extracellular compartments, our results sustain that HG concentration leads to a ROS overproduction that perturbs notably adipokine synthesis.



MATERIALS AND METHODS


Cell Culture and Adipocyte Differentiation

Pre-screened human bone marrow mesenchymal stem cells now referred to as Bone Mesenchymal Stromal Cells (hBMSCs) were classically proliferated in high glucose (25 mM) DMEM medium, 10% fetal bovine serum (FBS), 1% L-glutamine and 1% penicillin/streptomycin (all from PanBiotech), up to 80% cell confluence to proceed with subsequent passages or adipocyte differentiation. All the experiments were performed between passages 7–9 for two donors (from Lonza; 19 year male, lot n°6F4393, and, 23 year female, lot n°423370).

hBMSC differentiation into BMAds was induced either in a low glucose (LG; 5 mM, to represent normal glycemia) or a high glucose (HG; 25 mM, to imitate severe diabetes) concentration. The two corresponding DMEM media (with FBS, L-glutamine, and penicillin/streptomycin) were supplemented with 1 μM insulin (PanBiotech), and other adipogenic inducers i.e., 0.5 μM dexamethasone (Dexa), 0.5 mM 3-isobutyl-1-methylxanthine (IBMX), and 50 μM indomethacin (Indo; all from Sigma). Adipogenic media were replaced every 3–4 days with fresh media up to 21 days of culture. Besides, in a third condition referred to as LG/HG, hBMSCs were differentiated in LG for the first 10 days (i.e., during the differentiation process) and in HG the following 11 days (i.e., once adipocytes are mature). Furthermore, to address the impact of adipogenic inducers [condition referred to as (+ind)], Dexa, IBMX and Indo were removed from media 2 days before the final analyzed time points (i.e., at day 12 or 19) and referred to as (–ind).

The cell differentiation and maturation were monitored using bright field microscopy up to 21 days; microscopic images were acquired and brightness/contrast adjustments were applied equally to every pixel in the images using Fiji/ImageJ (NIH).



BMAd Treatments With Pro- and Antioxidant Reagents

Stock solutions of 10 mM tert-butyl hydroperoxide (TBHP) and 400 mM N-acetyl-L-cysteine (NAC) (all from Sigma-Aldrich) were freshly prepared in sterile distilled water and PBS, respectively. Fully differentiated BMAds (at day 13 or 20) were treated for 1 day with either 10 to 200 μM TBHP (pro-oxidant) or with 1–10 mM NAC (antioxidant).



Separation of Non-lipid-laden and Lipid-Laden Cells

The procedure for separating lipid-laden and non-lipid-laden cell subpopulations was modified from Holt et al. (40). Differentiated cells were trypsinized on day 14 or 21 for a short duration (3–5 min) to allow detachment of non-lipid-laden cells only. The supernatant containing a majority of non-lipid-laden cells was collected and further processed with four centrifugation steps at room temperature (first, at 1,000 rpm for 5 min; second, at 2,000 rpm for 5 min; finally, two steps at 300 rpm for 10 min). At each step, the supernatant containing residual lipid-laden cells was carefully discarded, and the cell pellet corresponding to non-lipid-laden cells was resuspended in fresh media and vigorously mixed. Pelleted cells were either plated in the corresponding media for cell observation or used for subsequent analysis. After trypsin treatment, the remaining adherent cells, which mostly consist in lipid-laden cells i.e., BMAds, were washed twice with PBS and replenished with the corresponding media for 1 h before further processing.

The two cell subpopulations were lysed either in Extract-All (Eurobio) for mRNA expression analysis or lysis reagent (Life technologies) for ROS assays.



Quantitative Real-Time Polymerase Chain Reaction

Total RNAs were extracted using Extract-All following the manufacturer's instructions. Residual contaminating genomic DNA was digested by 2.5 unit/μl of DNase I recombinant (Roche). Reverse transcription was performed from 1 μg to 100 ng (for separated cell subpopulations) RNA using Maxima first strand cDNA synthesis kit (Thermo Scientific).

Real-time PCR analysis was carried out with FastStart Essential DNA Green SYBR master mix using the LightCycler Nano Instrument (Roche). Primers were designed with OLIGO Primer Analysis Software 6 (Molecular Biology Insights) and used when efficiency was >1.8 as for the following gene sequences: ADIPOQ (Fwd 5′-AGC TCT GCC CGG TCA-3′, Rev 5′-GAT CTT GGT AAA GCG AAT GG-3′), CAT (Fwd 5′-AAA CCG CAC GCT ATG GCT G-3′, Rev 5′-TGG AGA ACC GAA CTG CGA TG-3′); CEBPA (Fwd 5′-ACT GGG ACC CTC AGC CTT G-3′, Rev 5′-TGG ACT GAT CGT GCT TCG TG-3′); DGAT2 (Fwd 5′-GCC TCT TCT CCT CCG ACA C-3′, Rev 5′-CCG AAC TTG GTC TTG TGC TT-3′); GLUT4 (Fwd 5′-ATG CTG CTG CCT CCT ATG AA-3′, Rev 5′-CAG TTG GTT GAG CGT CCC-3′); GPX4 (Fwd 5′-GCC TTC CCG TGT AAC CAG T-3′, Rev 5′-GCG AAC TCT TTG ATC TCT TCG T-3′) (41); LEP (Fwd 5′-ATT TCA CAC ACG CAG TCA GT-3′, Rev 5′-GAA GAA GAT CCC GGA GGT-3′); NOX4 (Fwd 5′-AGG ATC ACA GAA GGT TCC AAG C-3′, Rev 5′-TCC TCA TCT CGG TAT CTT GCT G-3′) (42); PLIN2 (Fwd 5′-CAG AAG CTA GAG CCG CAA AT-3′, Rev 5′-ACG CCA CTG CTC ACG AG-3′); PPARG (Fwd 5′-GCT TCT GGA TTT CAC TAT GG-3′, Rev 5′-AAA CCT GAT GGC ATT ATG AG-3′); RPL13A (Fwd 5′-GCG GAT GAA CAC CAA CCC TT-3′, Rev 5′-GCA GCA TAC CTC GCA CGG-3′); SOD2 (Fwd 5′-ACC TGC CCT ACG ACT ACG G-3′, Rev 5′-GGT ACT TCT CCT CGG TGA CG-3′). Amplifications were performed as follows: 10 min at 95°C for polymerase activation; 40 repeats of three-step cycling (20 s denaturation at 95°C, 10 s annealing at 54–61°C, 10–36 s elongation at 72°C) for amplification. A melting curve analysis confirmed product specificity. The relative mRNA expression of tested genes was calculated according to Ct values and primer efficiencies (E), then normalized to the ones calculated for the ribosomal protein L13a (RPL13A) housekeeping gene according to [image: image]/[image: image]. As mentioned, relative mRNA expression were appropriately expressed as fold level according to LG condition either at day 3 (d3) or d21 for each donor and data are presented as average values ± SEM.



Cell Viability Assay

Cytotoxicity was assessed using CyQuant cell proliferation assay kit according to the manufacturer's instructions (Life technologies). hBMSCs were seeded on Corning Costar 96 well plates (Sigma-Aldrich), then differentiated and treated as aforementioned. The DNA-bound fluorescence was measured using Xenius XMA fluorescence microplate reader (Safas) at ~500 nm excitation and ~530 nm emission maxima in each lysed sample. The parameter settings (photomultiplier voltage of ~800–1,000 V; excitation duration of ~0.5 s; shaking duration of ~10 s prior measurement) were kept constant for all comparative set of experiments. Results were obtained from one single excitation in each sample well; yet, no photobleaching was detected after several repeated excitation steps on the same sample. A reference standard curve was created for converting sample fluorescence values into cell numbers. Each condition was assessed at least in triplicate. Data are presented as average values of cell amount ± SEM and expressed in % of cell viability compared to the initial cell number (i.e., at day 0).



Reactive Oxygen Species Assay

Amplex Red hydrogen peroxide/peroxidase assay kit (Life technologies) was used to measure intracellular and extracellular reactive oxygen species (ROS) (29, 43, 44) following a procedure previously reported (45, 46). Cells seeded in Corning Costar 96 well plates were rinsed twice with PBS, then lysed with 50 μl/well of microplate lysis reagent (Life technologies) diluted to 4X in Krebs-Ringer phosphate buffer (KRPG, containing 145 mM NaCl, 5.7 mM Na3PO4, 4.86 mM KCl, 0.54 mM CaCl2, 1.22 mM MgSO4), during 10 min at 37°C, and mixed vigorously. Then, each cell lysate was mixed with a KRPG solution containing Amplex Red (AmR) dye (final concentration: 50 μM; DMSO < 0.1%) and horseradish peroxidase (HRP) enzyme (final concentration: 0.1 unit/ml), to a final volume of 200 μl/well, mixed thoroughly and incubated at room temperature for 10 min, in the dark. As for extracellular ROS levels, a volume of 50 μl of cell media (i.e., conditioning media, CM) was collected from each well, from an initial volume of 200 μl/well. Each CM sample were placed in new 96 well plates and thoroughly mixed with AmR/HRP solution as previously mentioned, to a final volume of 100 μl/well. Sample fluorescence was measured using Safas Xenius XMA spectrofluorimeter at maxima excitation and emission wavelengths of 570 and 585 nm, respectively. The parameter settings (photomultiplier voltage between 600 and 1,000 V; excitation duration of ~0.2 s; shaking duration of ~5 s prior measurement) were kept constant for all comparative set of experiments. Results were averaged from four excitations in each sample well, and excitations were performed at equal distance (0.5 mm distance deviation from the first excitation) in each well; neither photobleaching nor photo-induction (47) were induced after three repeated excitation steps on the same sample following our experimental procedure. A hydrogen peroxide (H2O2) standard curve was generated for converting sample fluorescence values into H2O2 concentrations. A stock solution of 20 μM H2O2 was freshly prepared in KRPG from 3% H2O2 solution (Sigma-Aldrich) to produce H2O2 concentrations ranging from 0 to 2 μM. Solutions were loaded with AmR/HRP mix and fluorescence intensities were measured as abovementioned. Each condition was examined at least in triplicate (i.e., 3–4 wells/condition). Data were calculated as average values of ROS concentrations in function of the cell number in the wells ± SEM and expressed either in nM/cell or in fold change compared to control.



Statistical Analysis

Statistical analyses were performed using two-way Anova for kinetics or two-tailed unpaired Student's t-test with Prism 5 (GraphPad). p < 0.05 was considered significant. Data are presented as means ± standard error of the mean (i.e., SEM) from at least three independent experiments and two distinct donors.




RESULTS


HG Level Does Not Modify hBMSC Differentiation Into Adipocytes but Alters BMAds Once Mature

We investigated whether glucose levels affect adipogenesis and/or maintenance of the functions of BMAds by cultivating hBMSCs in pro-adipogenic media [i.e., (+ind) with insulin] up to 21 days in the presence of either low glucose (LG, 5 mM) or high glucose (HG, 25 mM) concentration. As shown by light microscopy (Figure S1), hBMSC phenotype changes along the differentiation: cells slowly accumulate lipids up to 7 days of differentiation, and mainly display typical BMAd phenotype (i.e., cells rich in lipid droplets) from 14 days. In fact, the differentiated population does not only contain typical BMAds, but also a significant part of cells exhibiting a fibroblast-like phenotype i.e., non-lipid-laden cells as referred in Holt et al. (40). Of note, no major difference regarding cell morphology and proportions in any subpopulation is observed between the two glucose levels (Figure S1).

Following the mesenchymal stem cell commitment, the early differentiation step of adipogenesis is dependent on the expression of the two main transcriptional factors PPARG (peroxisome proliferator activated receptor gamma) and CEBPA (CCAAT/enhancer binding protein alpha) and requires around 7 to 10 days of stimulation by adipogenic inducers (15, 39, 40). The terminal differentiation step encompasses acquisition of typical adipocyte genes such as lipogenic factors (e.g., the main glucose transporter GLUT4, the diacylglycerol O-acyltransferase 2 enzyme DGAT2 involved in fatty acid esterification into triglycerides) and adipokines (48), which leads to mature functional cells with larger lipid accumulation (39, 40, 48). To address if adipocyte differentiation was enhanced in HG conditions as previously reported (13–15), mRNA expression was analyzed at different days for the two donors (Figure 1A). As expected, the expression level of PPARG and CEBPA are significantly induced from day 3 (d3) to d14 in adipogenic media. Markers of the terminal differentiation such as the adipokines ADIPOQ (adiponectin; Figure 1A) and LEP (leptin; Figure S2A), GLUT4 (Figure 1A) and DGAT2 (Figure S2A) are expressed from d7 and markedly upregulated at d14. Yet, in line with microscopic observation, no modification can be observed between the LG and HG conditions supporting that in our settings, adipocyte differentiation is not modified in the presence of 25 mM glucose [Figure 1A and Figure S2A, compare (+ind)]. Finally from d14 to d21, the mRNA expression of the different markers was analyzed in several independent replicates for the two donors and appeared overall stabilized in the LG condition: PPARG, CEBPA (Figure 1B), and LEP (Figure S2A) are unchanged, though ADIPOQ, GLUT4, and DGAT2 are significantly modified by −25, +36, and +61%, respectively; however such variations are clearly inferior to that observed from d7 to d14. Altogether, these data infer that at d21, culture-derived BMAds can be considered as mature.
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FIGURE 1. HG level does not impact adipocyte differentiation potential of hBMSCs but alters mature BMAds. (A) Kinetics of the expression of PPARG, CEBPA, ADIPOQ, and GLUT4 genes observed after 0, 3, 7, 14, and 21 days in adipogenic differentiation medium under LG or HG concentrations. Data were obtained from one kinetic experiment performed in two donors and are expressed as relative mRNA fold changes according to values obtained at day 3 for each donor; data are presented as mean ± SEM. Using two-way ANOVA tests, the effect of time within adipogenic medium was found significant for all genes with p < 0.01. (B) Comparison of the mRNA levels measured after 14 and 21 days in differentiation media in the presence (+ind) or after the removal of the inducers 2 days prior to measurements (–ind), under LG and HG concentrations for 21 days or under HG condition for the last 11 days (LG/HG). Data were obtained from three independent experiments at day 14 and from six to seven independent experiments at day 21 with the two donors. Data are expressed as relative mRNA fold changes according to values obtained at day 21 in LG condition. Data are shown as mean ± SEM. *p < 0.05, **p < 0.01 compared to values obtained at day 14 for each glucose concentration; #p < 0.05, ##p < 0.01 compared to values obtained in the respective LG condition. §p < 0.05 compared to values obtained in the respective (+ind) condition. &p < 0.05 compared to values obtained in the respective HG condition (using unpaired t-tests).



While adipocyte differentiation was unaltered, some genes were significantly down-regulated in BMAds cultured in HG by d21 [Figure 1B, compare (+ind)]. Indeed, compared to d14, one supplementary week in HG leads to a decline in PPARG (p = 0.06), CEBPA and ADIPOQ mRNA levels. The expression level of these genes is also significantly decreased compared to LG at d21. As for GLUT4, DGAT2, and LEP (Figure 1B and Figure S2B) expression is not modified at d21 whatever the glucose concentration.

Adipogenic inducers (Dexa, Indo, IBMX) can be suspected to stimulate ROS production in adipocytes (49, 50). Consequently, we examined the impact of the removal of inducers (–ind) for the last 2 days [Figure 1B, see (+ind) vs. (–ind)]. The expression levels of PPARG and CEBPA tend to diminish; ADIPOQ mRNA level is affected in LG (−20%, p = 0.06) and more reduced in HG (−87%) upon inducer withdrawal. Such changes have already been observed in hBMSC-derived BMAds (40). Yet, the impact of glucose excess on the perturbed gene expression of PPARG, CEBPA, and ADIPOQ is preserved [Figure 1B, see LG (–ind) vs. HG (–ind)]. Of note, LEP mRNA (Figure S2B) is unchanged when inducers are removed in LG condition, but significantly decreased in HG condition.

One could argue that chronic exposure to HG level from the differentiation process has determined such alterations. We thus analyzed BMAds which were first differentiated in LG condition for 10 days, and, by then switched to the HG condition for the following 11 days [Figure 1B, see LG/HG (–ind) condition]. Strikingly, changes observed between LG and LG/HG conditions are similar to those reported above between LG and HG conditions, with reduced levels for PPARG, CEBPA, ADIPOQ, and LEP. The genes involved in lipogenesis such as GLUT4 and DGAT2 do not vary according to glucose concentration.

Our settings thus indicate that, upon a condition mimicking hyperglycemia, hBMSC-derived adipocytes functions are rapidly dysregulated with perturbed adipogenic transcriptional factors and adipokine levels.



HG Level Enhances ROS Production Both Intracellularly and Extracellularly in BMAds Once Mature

Next, we addressed whether reactive oxygen species (ROS) metabolism is altered and involved in the impairment of BMAd functions by HG. Intracellular ROS levels were measured during the differentiation process (from d0 to d14) and the maturation phase (i.e., at d21) in hBMSC-derived BMAds using the Amplex Red (AmR) method (45–47). Intracellular ROS production doubles along the different time points up to d14 in adipogenic LG medium and accelerates while reaching the maturation step between d14 and d21 (Figure 2A). Importantly, ROS levels are similar whatever the glucose concentration up to d7 of differentiation, while they markedly rise in the presence of HG concentration from d14 (3-fold increase vs. HG d7) to d21. Consequently, and as also shown in Figure 2B, HG exposure raises up to 46% the ROS rate compared to LG at both days 14 and 21. To verify whether adipogenic inducers contribute in regulating ROS metabolism as suspected (49, 50), ROS levels were also measured at d14 and d21 after the removal of the inducers 2 days prior to measurements (Figure 2B). Interestingly, withdrawing inducers (–ind) did not affect the ROS production since levels remained comparable to those obtained following permanent inducer stimulation (+ind), under either LG or HG conditions. To emphasize that BMAds are able to produce more ROS in the presence of HG concentration once mature, we compared intracellular ROS levels in cells fully cultured in LG or HG conditions for 21 days with cells exposed to LG condition the first 10 days followed by 11 days under HG, i.e., LG/HG condition. BMAds derived from the LG/HG condition display a 52% higher ROS production than those under LG, and at a similar rate than BMAds generated in HG condition (Figure 2C).
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FIGURE 2. HG level stimulates intracellular and extracellular ROS production by mature BMAds. (A) Kinetics of intracellular reactive oxygen species (ROS) levels examined up to 21 days of BMAd differentiation and maturation under LG or HG concentrations in presence of adipogenic inducers (+ind). Data were obtained from six to nine independents measurements (at least three technical replicates for the two donors) and are expressed as intracellular H2O2 concentration in nM per cell, mean ± SEM. Using two-way ANOVA tests, the effect of time within adipogenic medium was found significant for both glucose concentrations with p < 0.0001; the effect of HG was found significant with p = 0.013 and Bonferroni post-test ###p < 0.001. (B) Comparison of intracellular ROS levels measured at days 14 and 21, under LG or HG conditions, and under continuous stimulation by inducers (+ind) or after their removal 2 days prior to measurements (–ind). Data were obtained from six to nine independents measurements and are expressed as abovementioned with mean ± SEM. ***p < 0.001 compared to values obtained at day 14 for the respective medium composition; #p < 0.05, ###p < 0.001 compared to values obtained in the respective LG condition (using unpaired t-tests). (C) Intracellular ROS levels measured after 21 days in LG or HG concentrations or after 11 days in HG (LG/HG) following adipogenic inducer removal 2 days prior measurements (–ind). Data were obtained from eight to fourteen independents measurements, expressed as fold change compared to the LG condition, and are mean ± SEM. ####p < 0.0001 compared to LG condition (using unpaired t-tests). (D) Extracellular ROS levels assessed at days 14 and 21 in adipogenic medium, under LG, HG, or LG/HG conditions, with continuous stimulation by inducers (+ind) or after their removal 2 days before measurements (–ind). Data were obtained from four independents measurements from the two donors and are expressed as extracellular H2O2 concentration in nM per cell, mean ± SEM. *p < 0.05, **p < 0.01, ***p < 0.001 compared to values obtained at day 14 for the respective medium composition; #p < 0.05, ##p < 0.01, ###p < 0.001 compared to values obtained in the respective LG condition (using unpaired t-tests).



Additionally, as adipocytes also produce extracellular ROS (51), we measured ROS levels 21 days after the induction of differentiation within conditioned media (Figure 2D). BMAds are found to profusely produce extracellular ROS as their levels exceed by 1.5- to 3-fold the intracellular ones for both glucose conditions (Figure 2B vs. Figure 2D). Yet, results recapitulate the aforementioned changes in intracellular ROS metabolism. First, BMAds exposed to HG condition release higher ROS levels (by ~55%) than cells under LG, which is in line with the stronger level of intracellular ROS metabolism found under the higher glucose concentration. Next, removing the inducers 2 days prior to measurements (–ind) do not influence on the extracellular ROS levels which remain similar to the ones measured under continuous stimulation by inducers (+ind). Finally, elevated extracellular ROS levels observed under HG do not result from any perturbations of the differentiation process since comparable results are found for BMAds under LG/HG condition (Figure 2D).

One could argue that the aforementioned changes in ROS levels may result from variations in cell amounts in response to ROS-mediated oxidative stress and underlying cell damages. We therefore measured the cell amounts by means of a fluorimetric assay based on cellular DNA content. We found that cell amounts are unmodified along the cell differentiation upon the different glucose conditions (Figure S3) confirming that ROS changes are independent from any alteration of cell viability. Additionally, since it has been reported that the use of fluorescent ROS sensors can have several pitfalls (45–47), we verified the specificity of the AmR probe for both intracellular and extracellular ROS levels as well as its sensitivity for ROS detection by spectrofluorimetry (Figure S4). Results show that the AmR method is reliable for detecting intracellular H2O2 following cell lysis (Figure S4A) and for measuring extracellularly released H2O2 levels without any reaction from medium compounds (Figure S4B) or photo-induction of the probe (Figure S4C). Taken together, these data substantiate that changes in ROS levels found in Figure 2 do not result from any artifact but rather depend on glucose conditions.



Glucose Modulates ROS Metabolism of Mature BMAds in a NOX4-Dependent Manner

We then aimed to identify which intracellular enzymatic system mediates the rise in ROS metabolism under HG condition. Among multiple enzymatic systems, mitochondria are well-known for being the main source for intracellular ROS production. We thus evaluated the mRNA expression levels of SOD2 (superoxide dismutase 2), a mitochondrial enzyme converting the superoxide anion into H2O2 and whose activity is tightly associated with the function of the mitochondrial electron transport chain that leaks the superoxide anion (52). As for the antioxidant defense system, we focused on the expression of CAT (catalase) and GPX4 (glutathione peroxidase 4) which both scavenge excessive amounts of H2O2 and have already been found to be well-expressed in hBMSC-derived adipocytes (39) and BMAds from aging mice (53), respectively.

Regardless of the glucose level, SOD2 and CAT mRNA levels rapidly increase during adipocyte differentiation (Figure 3A) as already reported (39). The expression level of GPX4 is stable during the first week of differentiation and slightly progresses from d7 to d14. In LG condition, all genes reach their maximal expression by d14 (Figure 3B). Yet HG exposure for 21 days leads to a decrease in GPX4 and CAT (p = 0.06) levels compared to LG condition, with no change for SOD2 (Figure 3B). The removal of inducers does not disrupt the expression of these genes for BMAds in LG or HG medium [Figure 3B, see (+ind) vs. (–ind)]. Nevertheless, the absence of inducers reveals better the impact of HG concentration on the expression of CAT, GPX4, and SOD2 which are down-regulated compared to LG condition. Surprisingly, a 11 day exposure to HG concentration (LG/HG condition) does not totally reproduce the impact of cell exposure in the high glucose concentration from the differentiation process: indeed, SOD2 and GPX4 levels are unchanged compared to LG and increased compared to HG condition. Of note, the expression of CAT mRNA remains significantly diminished in LG/HG compared to LG (Figure 3B). Altogether, these data do not support any primary involvement of these systems in the rise of ROS generation under HG exposure (either HG or LG/HG) as observed (Figures 2B,D): discrepancies are obvious between the gene expression pattern of the H2O2 generating enzyme SOD2 and ROS amounts in our different conditions. As for the CAT and GPX4 gene expression, the HG-induced decrease could be suspected to contribute to ROS accumulation after 21 days but not from 14 days as observed (Figure 2B).
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FIGURE 3. ROS are mainly produced in a NOX4-dependent manner in mature BMAds. (A) Kinetics of SOD2, CAT, GPX4, and NOX4 mRNA levels observed after 0, 3, 7, 14, and 21 days in adipogenic differentiation medium under LG or HG concentrations. Data were obtained from one kinetic experiment performed in two donors and are expressed as relative mRNA fold changes according to values obtained at day 3 for each donor; data are presented as mean ± SEM. Using two-way ANOVA tests, the effect of time within adipogenic medium was found significant for all genes with p < 0.02. (B) Comparison of the mRNA levels measured after 14 and 21 days in differentiation media in the presence (+ind) or after the removal of the inducers 2 days prior to measurements (–ind), under LG and HG concentrations for 21 days or under HG condition for the last 10 days (LG/HG). Data were obtained from three independent experiments at day 14 and from six to seven independent experiments at day 21 with the two donors. Data are expressed as relative mRNA fold changes according to values obtained at day 21 in LG condition. Data are shown as mean ± SEM. *p < 0.05, compared to values obtained at day 14 for each glucose concentration; #p < 0.05, ##p < 0.01, ###p < 0.001 compared to values obtained in the respective LG condition. &&p < 0.01 compared to values obtained in the respective HG condition (using unpaired t-tests).



Consequently, we investigated whether HG-mediated ROS metabolism involves NADPH oxidases (NOX). These membrane-bound enzyme complexes lead to both intracellular and extracellular ROS (i.e., H2O2) production (51, 54). NOX4 is reported to be the major isoform in extramedullary adipocytes and to be critically regulated during both the differentiation process (21, 51) and the exposure to nutrients excess (55) of 3T3-L1 adipocytes. NOX4 mRNA expression drastically decreases during the early differentiation stage (up to d7, −67% compared to d0) in a comparable manner between LG and HG levels (Figure 3A), which reproduces previous results for the differentiating 3T3-L1 cell line (51). Since ROS levels increase during such time period (Figure 2A), it is therefore unlikely that NOX4 constitutes the main source for ROS production during the differentiation process. Interestingly, from d7 to d21, NOX4 mRNA levels increase with LG and HG exposure, respectively, leading to 72 to 100% of the expression level at d0 (Figure 3A). Indeed, compared to LG, NOX4 mRNA level is up-regulated in the HG condition by 61% (p = 0.11) and 68% at d14 and d21, respectively (Figure 3B). Besides, the absence of inducers does not significantly affect NOX4 expression; yet, the impact of glucose concentration is more emphasized with a ~3-fold increase of NOX4 levels in HG and LG/HG conditions compared to the LG one [Figure 3B, see (+ind) vs. (–ind)]. From d14 to d21 and in the different culture conditions, ROS generation and NOX4 expression evolve according to a comparable pattern, which supports the central involvement of the enzyme in the glucose-induced ROS production of mature BMAds.



Glucose-Induced Stimulation of ROS Metabolism Is Restricted to Mature Lipid-Laden BMAds

As shown in Figure 3A and in previous works (21), NOX4 is highly expressed in adipocyte precursors. Yet, as commonly observed, the hBMSC-derived fully differentiated cell population displays both lipid-laden (i.e., mature BMAds) and non-lipid-laden cells which are barely studied (Figure S1). To characterize how each subpopulation contributes to the ROS production, we thus performed an isolation procedure to get enriched fractions in lipid-laden and non-lipid-laden cells after 21 days in LG or HG adipogenic media. As shown in Figures 4A,B, each cell fraction is remarkably enriched in each specific cell type. Gene expression analysis demonstrates that the lipid-laden cells considerably express higher PPARG (>6-fold), CEBPA [(>19-fold), not shown] and ADIPOQ (>21-fold) mRNA levels than non-lipid-laden cells (Figure 4C). Besides HG exposure results in decreased expression levels of PPARG (p = 0.15), CEBPA (p = 0.07), and ADIPOQ (p = 0.06) in the lipid-laden subpopulation, as shown for the whole cell populations in Figure 1B. Of note non-lipid-laden cells express PLIN2 (perilipin2) which encodes for proteins recovering nascent lipid droplets during adipocyte differentiation (56). Yet, PLIN2 mRNA level remains 2.6-fold lower expressed in non-lipid-laden cells than in lipid-laden cells. PLIN1 (perilipin 1), the most specific and abundant protein covering mature triglyceride droplets in adipocytes (56), is drastically reduced by 50-fold in the non-lipid-laden subpopulation compared to the lipid-laden one (data not shown). Interestingly, GLUT4 mRNA expression was found similarly expressed in the two cell subpopulations. These data thus confirm the cell separation efficiency and suggest that non-lipid-laden cells can be considered as immature cells committed in the adipocyte lineage that, yet, already rely on glucose metabolism.
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FIGURE 4. HG level stimulates ROS production specifically in the lipid-laden BMAds subpopulation. (A,B) Microscopic images showing the two different cell populations which were separated as described in Materials and Methods. Adherent cells remaining after trypsin treatment are mostly lipid-laden BMAds as shown in (A) after 1 h of recovery in the corresponding adipogenic medium. The detached cell subpopulation was also seeded in the corresponding adipogenic medium to assess cell purity; as shown in (B), most cells are non-lipid-laden cells. Scale, 50 μm. (C) The mRNA expression level of adipocyte genes (PPARG, ADIPOQ, PLIN2, GLUT4) were measured in the lipid-laden BMAd-enriched subpopulation and in the non-lipid-laden cell-enriched subpopulation to prove cell separation efficiency. Gene expression analysis was performed after 21 days in LG or HG conditions; inducers were removed 2 days before cell separation. Results are Mean ± SEM from four independent experiments (two technical replicates with the two donors). (D) Intracellular ROS levels were measured in both cell subpopulations following their separation. Measurements were performed after 14 or 21 days in LG or HG conditions and after removal of the inducers for the last 2 days. Intracellular H2O2 concentration data (expressed in nM per cell) are Mean ± SEM from three independent experiments (technical replicates with the two donors). (E) The mRNA expression level of several genes involved in ROS metabolism (SOD2, CAT, GPX4, and NOX4) were measured in the lipid-laden BMAd-enriched subpopulation and in the non-lipid-laden cell-enriched subpopulation to analyse their respective contribution. Results are Mean ± SEM from four independent experiments [as described in (C)]. ***p < 0.001 vs. lipid-laden BMAds after 14 days in adipogenic medium at the corresponding glucose concentration; βp < 0.05, αp < 0.001 vs. lipid-laden BMAds at the corresponding glucose concentration and time analysis; ##p < 0.01, ###p < 0.001 between the two glucose concentrations (using unpaired t-tests).



We then quantified intracellular ROS concentrations in each subpopulation (Figure 4D). Regardless of glucose level, lipid-laden cells produce much higher ROS levels that non-lipid-laden cells, confirming that BMAds constitute the main cell source for ROS production in our model. Interestingly, changes in glucose levels did not affect the ROS levels in non-lipid-laden cells. In contrast, HG condition enhances ROS generation in the fully functional lipid-laden cells by about 50% compared with LG, both at d14 and d21, as found for the whole cell populations (Figure 2B). These findings support that the up-regulation of ROS metabolism by increased glucose level is connected to a molecular machinery which takes place only once cells were fully differentiated.

Expressions of genes controlling the ROS rate were also studied within each cell fraction (Figure 4E). The H2O2 generating enzyme SOD2 is found 3-fold better expressed in BMAds than in non-lipid-laden cells and is down-regulated by 23% upon HG exposure, in a similar way to the whole cell population (Figure 3B). Importantly, BMAd subpopulation displays the highest levels of the other H2O2 generating enzyme NOX4 which, furthermore, is up-regulated by 65% in the presence of HG concentration (Figure 4E), confirming that the increased expression induced by HG exposure is due to mature BMAds within the whole cell population. Regarding the antioxidant enzymes, CAT and GPX4 mRNA levels are ~2-fold less abundant within non-lipid-laden cells compared to BMAds, yet without any significant impact of the glucose concentration. Altogether, our data support that the glucose-induced enhancement of ROS generation is restricted to mature BMAds and most likely relies on the activity of NOX4.



Impairment of BMAd Function Under HG Level Is Mediated Through Enhanced ROS Metabolism

Next, we investigated whether the ROS excess produced during the HG concentration exposure could mediate the variations in the expression of the key adipogenic transcriptional factors and adipokines of BMAds observed at d21. We first assessed the responsiveness of the cells to treatments that artificially modulate intracellular ROS levels. BMAds were treated with different doses of pro- or antioxidant reagents, i.e., TBHP or NAC, respectively, for 1 day in the absence of inducers, under either LG of HG concentrations, prior to measurements of ROS levels, and cell viability (Figure 5). At both d14 and d21, exposing BMAds in LG to 50 μM TBHP increases the ROS levels to the ones observed for cells under HG alone, while 5 mM NAC in HG decreases the ROS rate to that of LG alone (Figure 5A). Besides, more ROS amount can be accumulated in BMAds treated with 50 μM TBHP and without any change in cell viability (Figure 5B). In contrast, the highest dose of TBHP (200 μM) triggers oxidative stress since the further rise in ROS levels is associated with a 60% loss of cells. Using NAC at either 5 or 10 mM lowers at a rather similar degree the intracellular ROS concentration at d21. Yet treatment with the highest NAC concentration results in cytotoxicity. Furthermore, in contrast to TBHP treatment, one has to point out that analyses of gene expression following NAC treatment do not appear advisable since either 5 or 10 mM of the reagent lead to a marked remodeling of lipid droplets (not shown) as already reported for adipocytes differentiated from a bone marrow stromal cell line (57), suggesting side effects in addition to the antioxidant activities. Overall, these data indicate that mature BMAds are well-responsive to any modulation of the redox state and handle higher ROS levels whatever the glucose concentration.
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FIGURE 5. Low doses of TBHP enhance ROS production in mature BMAds in a non-lethal manner and impair the gene expression of typical adipocyte genes. (A) Effects of 1 day treatment of mature BMAds after 14 or 21 days in LG or HG conditions with TBHP (50 and 200 μM) or NAC (5 or 10 mM) on intracellular ROS levels. Inducers have been removed from cell culture media 2 days prior to measurements. Data were obtained from six to ten independent experiments (at least three technical replicates with the two donors) and expressed as relative fold changes of measured H2O2 concentration according to values obtained at d14 in LG condition. Data are shown as mean ± SEM. Significant elevations of ROS levels between d14 and d21 were found but are not indicated. ###p < 0.001, ##p < 0.01, #p < 0.05 between the two glucose concentrations for the respective treatment. ∧∧∧p < 0.001, ∧∧p < 0.01, ∧p < 0.05 compared to untreated conditions for the respective glucose concentration (using unpaired t-tests). (B) Cell viability measured at d14 and d21 in untreated BMAds and following treatments with different doses of TBHP or NAC, under LG or HG conditions after removal of the inducers. Data were obtained from four independent experiments (two technical replicates with the two donors) and are presented as percentage of cell viability ± SEM compared to the cell amount at d0. ∧∧∧p < 0.001 compared to untreated conditions for the respective glucose concentration; &&&p < 0.001, &&p < 0.01 compared to the lowest dose for the respective pharmacological agent (using unpaired t-tests). (C) Effects of a 1 day treatment with TBHP (50 μM) of mature BMAds at d21, in LG or HG conditions, on the expression levels of PPARG, CEBPA, ADIPOQ, and LEP. Inducers have been removed 2 days prior to measurements. Data were obtained from three to six independent experiments including the two donors. Data are expressed as relative mRNA fold changes according to values obtained at d21 in LG condition, and are mean ± SEM. #p < 0.05, ##p < 0.01 compared to values obtained in the respective LG condition; ∧∧p < 0.01, ∧p < 0.05 compared to untreated conditions for the respective glucose concentration (using unpaired t-tests).



We therefore examined gene expression in mature BMAds under LG or HG conditions in the presence of a non-lethal dose of the pro-oxidant TBHP (50 μM; Figure 5C). Interestingly, TBHP treatment in LG condition results in similar decreases of PPARG and ADIPOQ mRNA levels than those observed in the HG condition alone. While LEP mRNA level tends to be lower in HG condition compared to the LG one, its expression is remarkably reduced in the LG TBHP condition compared to LG alone. Indeed, the transcriptional regulation of ADIPOQ and LEP genes display a high sensitivity to an increase in ROS amounts since both mRNA levels are further decreased in HG TBHP condition compared to HG alone (−40%, p = 0.06 and −60%, respectively). Of note, CEBPA expression levels tend to be reduced in HG condition (p = 0.09) but are unmodified in the presence of TBHP whatever the glucose concentrations, which suggests that the HG-mediated down-regulation in CEBPA mRNA level most likely relies on ROS-independent mechanisms. Altogether, the TBHP-induced increase in ROS levels mimics the down-regulation in the gene expression of PPARG and ADIPOQ observed in the HG condition (Figure 1B) and exacerbates the reported effect of HG on LEP expression (Figure S2), sustaining that HG-induced mature BMAd dysfunction is mediated by augmented intracellular ROS formation.




DISCUSSION

The involvement of various signaling pathways and mediators such as ROS has been substantially investigated in the BMAd differentiation process (11, 21). Yet, factors which regulate mature BMAd function are still poorly characterized while these specific adipocytes are considered as active cells interacting within the bone and bone marrow microenvironment (10, 11). Our study reports for the first time that mature BMAds exposed to a HG concentration display several alterations in the expression of the main adipokines and transcriptional factors involved in the maintenance of adipocyte function. These perturbations are associated with a rise in ROS generation likely mediated through the enhanced expression of NOX4. Actually, a non-lethal treatment with a pro-oxidant agent under LG condition reduces the mRNA levels of PPARG and ADIPOQ as the HG condition does, and amplifies the effect of glucose excess on LEP expression. Using various cell culture set-ups, several findings sustain that HG can regulate mature BMAd function. Firstly, examinations of gene expression, cell amount and ROS metabolism in the time course of adipocyte differentiation did not reveal any impact of glucose concentration. Secondly, any potential conditioning from the differentiation step has been analyzed and then discarded by using BMAds once fully differentiated under LG concentration. Indeed, an 11 day exposure to HG of these BMAds (LG/HG condition) recapitulates the modifications observed when cells were cultivated from differentiation in HG medium. Besides, removing adipogenic inducers once cells are differentiated does not suppress the ROS production and the gene expression profile induced by glucose. Finally, mature BMAds isolated from non-lipid-laden cells were found being the main cell source responsible of ROS production as well as being modulated by glucose with regard to gene expression alterations and ROS metabolism.

Mature BMAds are thus responsive to changes in glucose and ROS concentrations which is highly relevant regarding their phenotype and functionality in age- or metabolic disease-related bone disorders. Compared to extramedullary adipocytes, mature BMAds are characterized by low expression levels of Pparg, Adipoq, and Lep which are further reduced with the aging of mice (53). BMAds from Type 2 diabetic patients display a marked decrease in ADIPOQ expression and secretion with unchanged PPARG expression, and higher LEP mRNA and protein levels compared to BMAds from non-diabetic patients (4). Here we demonstrated that either HG-triggered ROS generation or artificially-induced ROS excess can alter PPARG and ADIPOQ expression without inducing any cytotoxicity. Interestingly, PPARG and ADIPOQ mRNA expressions have been shown to be suppressed by H2O2 in a dose-dependent manner in 3T3-L1 adipocytes (34). PPARG expression level and activity in mature extramedullary adipocytes is considered crucial to maintain adiponectin and other lipogenic enzymes expression level (58) and to repress inflammation (59) resulting in insulin-sensibility preservation (58). In our study, TBHP treatment in LG concentration reproduced the diminished expression levels of PPARG and ADIPOQ observed in HG condition (Figure 5C), supporting that the glucose-induced elevation in ROS production contributes to the regulation of their expression. Besides, in contrast to PPARG, ADIPOQ expression—whose mRNA level is further reduced in the presence of the pro-oxidant agent in HG condition—appears highly sensitive to the ROS rate in mature BMAds. This is a reminiscent feature of white adipocytes as reported through previous relationships between oxidative stress and ADIPOQ level in the 3T3-L1 model, in the visceral fat pads of mouse models and in human plasmas (34). Regarding the regulation of LEP expression in BMAds, several factors are likely involved. The impact of HG concentration and ROS metabolism is only revealed once inducers are removed from media (Figure S2 and Figure 5C). Actually, Dexa—one of the adipogenic inducers—has already been shown to stimulate the expression and release of LEP in hBMSC-derived adipocytes (60) and human primary cultivated BMAds (61). It is thus likely that, in our context, the impact of Dexa outcompetes the glucose-triggered effect when inducers are present. Interestingly, in the absence of Dexa, a pro-oxidant environment results in a tremendous decrease in LEP mRNA levels both in LG and HG conditions (Figure 5C). Altogether our data highlight that in a context of increased oxidative stress, such as the one triggered in aging (37), BMAds display an altered phenotype with a compromised capacity to synthetize ADIPOQ and LEP as already reported for mice (53) and humans (62). Such pro-oxidant status could also underlie the defect in ADIPOQ expression observed in the BMAds from Type 2 diabetic patients (4) while other factors predominate in the control of LEP expression.

Our study also provides evidence that the negative impact of hyperglycemia on bone is connected to an enhanced extracellular ROS production by mature BMAds, as supported with extracellular ROS concentrations higher than intracellular ones (Figure 2). Comparable amounts of H2O2 severely decrease viability of human osteoblast-like cells (63, 64). An excessive oxidative stress also promotes osteocyte apoptosis which, given the critical role of these main bone cells in bone remodeling, results in an increased and unbalanced bone resorption (65, 66). Conversely, counteracting oxidative stress improves osteocyte viability and cytokine expression (67), and prevents osteoblast apoptosis in aged (68) or gonadectomized (37) mice. Besides, differentiating osteoblasts from hBMSCs express less antioxidant enzymes than differentiating adipocytes (39). As previously emphasized, increased ROS metabolism also represses osteoblastogenesis (17, 69) and promotes adipogenesis (21, 31). Beyond these cell processes, oxidative stress combined with hyperglycemia accelerate AGEs formation and accumulation, such as pentosidine which is more and more considered as a critical determinant in the BMD-independent bone frailty of metabolic diseases (70–72). Our findings thus expand the deleterious roles of BMAds in Type 2 diabetes skeletal defects: besides compromising osteoblastogenesis, BMAds could further damage bone quality and properties by releasing more ROS in the context of uncontrolled hyperglycemia leading altogether to an exacerbation in AGEs formation.

HG-triggered ROS elevation in mature BMAds is likely associated with an increased NOX4 activity. The transcriptional regulation of NOX4 has been shown to give account on its enzymatic activity in cell culture (51, 73). Among the different NOX isoforms, NOX4 directly and constitutively produces H2O2 (54), and, has been reported to be the main isoform expressed in adipose tissues (51). In our study, both a rise in ROS amounts and NOX4 expression levels are observed in BMAds exposed to HG concentration, either from the maturation step (i.e., from d14, Figures 2A, 3A), in the presence or absence of adipogenic inducers or after a shorter exposure time to HG (LG/HG condition) (Figures 2B, 3B). In contrast, SOD2 mRNA levels are found either unchanged or even decreased upon inducer withdrawal when BMAds are cultured in HG concentration (Figure 3B). The expression levels of enzymes involved in ROS detoxification—such as CAT and GPX4—are also down-regulated in HG condition, which could contribute to a higher ROS rate. Yet, such regulation is at most observed while adipogenic inducers are absent and within a moderate range [e.g., −34% for CAT, LG (–ind) vs. HG (–ind)] compared to the one observed for NOX4 (+245%, LG (–ind) vs. HG (–ind), Figure 3B). Moreover, the gene expression pattern of NOX4 in our experiments is consistent with data from the 3T3-L1 preadipocyte cell line: while adipocyte differentiation is associated with decreased expression of NOX4 (51), fully differentiated adipocytes cultured in the presence of 25 mM glucose display a higher ROS generation which is concomitant with increased NOX4 activity (55). Indeed in that model, glucose excess was shown to be metabolized through the pentose phosphate pathway to provide larger amounts of NADPH which are cofactors of NOX enzymes. Besides, HG condition stimulates NOX4 translocation to lipid rafts of the plasma membrane (55). Though these findings have not been confirmed in hBMSC-derived adipocytes, it has to be pointed out that NOX4 activity is considered to provide continuously and independently of any activator H2O2 which is a membrane-diffusible and stable ROS (54). The HG-induced elevation in ROS levels observed both extracellularly and intracellularly is therefore likely ascribed to the increased NOX4 expression in mature BMAds.

Finally, hBMSCs or rodent bone marrow stromal cells are usually grown, differentiated and matured into different cell lineages in DMEM containing a HG concentration, i.e., with 25 mM glucose (29–31, 39). Such cell culture practice is also used for the 3T3-L1 cell line despite the induction of several adipocyte alterations (24, 26, 55) as emphasized above. The requirement of such HG concentration has been recently reappraised in the different handling steps of the 3T3-L1 cell line: a 3 day pulse with 25 mM glucose was demonstrated to be needed during the differentiation process and not the proliferation, nor the maturation of the cells (74). Here, our study provides evidence that hBMSC differentiation into adipocytes is unaltered when using a LG concentration. Besides, maturing adipocytes in the presence of HG concentration results in several functional alterations with decreased PPARG and ADIPOQ levels, and increased ROS metabolism. With an increasing interest for BMAds in energy and nutrient metabolism perturbations, a particular attention regarding glucose concentration in culture conditions should thus be brought to better decipher BMAd involvement and regulation using in vitro models.

In conclusion, beyond being accrued in Type 2 diabetes (3–5), mature BMAds release higher ROS levels in their microenvironment in response to HG concentration exposure. This ROS overproduction induces in mature BMAds defects in PPARG and ADIPOQ expressions without any cytotoxicity. Considering that excessive ROS production is closely associated with an inflammatory response and impaired insulin signaling in extramedullary adipocytes, further dysfunctions in BMAds in the settings of hyperglycemia could be expected and are worth investigating.
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Bone marrow adipose tissue (BMAT) is increased in both obesity and anorexia. This is unique relative to white adipose tissue (WAT), which is generally more attuned to metabolic demand. It suggests that there may be regulatory pathways that are common to both BMAT and WAT and also those that are specific to BMAT alone. The central nervous system (CNS) is a key mediator of adipose tissue function through sympathetic adrenergic neurons. Thus, we hypothesized that central autonomic pathways may be involved in BMAT regulation. To test this, we first quantified the innervation of BMAT by tyrosine hydroxylase (TH) positive nerves within the metaphysis and diaphysis of the tibia of B6 and C3H mice. We found that many of the TH+ axons were concentrated around central blood vessels in the bone marrow. However, there were also areas of free nerve endings which terminated in regions of BMAT adipocytes. Overall, the proportion of nerve-associated BMAT adipocytes increased from proximal to distal along the length of the tibia (from ~3–5 to ~14–24%), regardless of mouse strain. To identify the central pathways involved in BMAT innervation and compare to peripheral WAT, we then performed retrograde viral tract tracing with an attenuated pseudorabies virus (PRV) to infect efferent nerves from the tibial metaphysis (inclusive of BMAT) and inguinal WAT (iWAT) of C3H mice. PRV positive neurons were identified consistently from both injection sites in the intermediolateral horn of the spinal cord, reticular formation, rostroventral medulla, solitary tract, periaqueductal gray, locus coeruleus, subcoeruleus, Barrington's nucleus, and hypothalamus. We also observed dual-PRV infected neurons within the majority of these regions. Similar tracings were observed in pons, midbrain, and hypothalamic regions from B6 femur and tibia, demonstrating that these results persist across mouse strains and between skeletal sites. Altogether, this is the first quantitative report of BMAT autonomic innervation and reveals common central neuroanatomic pathways, including putative “command” neurons, involved in coordinating multiple aspects of sympathetic output and facilitation of parallel processing between bone marrow/BMAT and peripheral adipose tissue.

Keywords: bone marrow adipose tissue, fat, brain-bone interactions, pseudorabies virus, viral tract tracing, energy metabolism, sympathetic nerve, autonomic nervous system


INTRODUCTION

Within the peripheral nervous system, sympathetic adrenergic signals are transmitted by several distinct sets of ganglia, which regulate regions in the head, trunk, viscera, and limbs. Common higher order processing centers are needed to ensure rapid, precise coordination of whole-body responses such as changes in vascular tone and energy metabolism. Consistent with this, the central nervous system (CNS) is recognized as a key mediator of peripheral adipose tissue function (1–7). The bone marrow is also an important site of peripheral adiposity with evidence for unique regulation and function [reviewed in (8)]. However, to date, very little is known about the neural control of bone marrow adipose tissue (BMAT) or its relationship to other adipose tissue depots across the central neuraxis.

The existence and prevalence of sympathetic neurons within the skeleton and bone marrow is well established (9–12). Ducy et al. first functionally demonstrated that central leptin administration reduced bone mass (13). This was later followed by other studies demonstrating that this effect was mediated via sympathetic nerves and modulation of β-adrenergic signaling (14, 15). Centrally, key neuropeptides associated primarily with the hypothalamus (e.g., NPY, CART, AgRP, POMC) have also been implicated in regulating bone homeostasis [reviewed in (16)]. Despite current work linking both the hypothalamus and sympathetic nerves to modulation of the bone microenvironment, the central regulatory regions influencing the skeleton are still relatively undefined.

We hypothesized that shared central neural pathways, relative to white adipose tissue (WAT), may be involved in BMAT regulation. To test this hypothesis, we performed viral transneuronal tract tracing from bone marrow and inguinal WAT. Viral tract tracing is a tool used to identify neural circuits. In particular, attenuated pseudorabies virus (PRV) recombinants such as the PRV-Bartha strain are well-established tracers that can be used for multi-synaptic directional tracing (17–19). After local PRV injection, all exposed viral axons within the site are infected. The virus then traffics to the cell body, replicates, and spreads across retrograde efferent synapses. This facilitates multi-synaptic tracing through the spinal cord and CNS. Whilst sensory cell bodies can be infected with PRV, they will not sort viral particles into central axons across afferent synapses and thus, viral transmission terminates in these cells. These properties make PRV tracers ideal for identifying and mapping efferent pathways from peripheral tissues, inclusive of those within the sympathetic nervous system (SNS).

Several previous reports have used tracing techniques to begin to map the higher order autonomic networks that regulate bone, adipose tissues, and other organs (4, 5, 20–27). However, shared regulatory regions between bone marrow/BMAT and peripheral WAT have not been identified. Thus, in this study, we first determined the proportion of BMAT adipocytes that are innervated by the SNS in C3H/HeJ (C3H) and C57BL/6J (B6) mice. Then, we used PRV to trace efferent neuroanatomical circuits from both tibial bone marrow (inclusive of BMAT) and inguinal WAT of C3H animals. Tracing from B6 femur/tibia was used as a control to examine strain- and skeletal site-specificity. To accomplish this, we used replication competent, isogenic, attenuated strains of the PRV virus (PRV-Bartha) in which the gG locus had been replaced with a fluorescent reporter (28).



METHODS


Mice

The Institutional Animal Care and Use Committee (IACUC) at Washington University in St. Louis approved all procedures, and these experiments were performed in AAALAC accredited facilities. For all experiments, C3H/HeJ (C3H, Stock:000659) and C57BL/6J (B6, Stock:000664) mice were obtained from Jackson Labs; mice were acclimatized for 1 week prior to experiments. Mice were housed on a 12-h light/dark cycle at 70 ± 2 degrees Fahrenheit and fed standard chow (LabDiet® 5053). Relative to B6 mice, C3H mice are known to have a significant expansion of BMAT in the proximal tibia by 12-weeks of age (29).



Retrograde Viral Tract Tracing

Mice at 12-weeks of age underwent surgery and were euthanized for analysis 5–6 days after viral infection. This timing is sufficient to allow for retrograde transsynaptic transport of virus through 3 synaptic relays, up to 4 orders of neurons (1). Two isogenic pseudorabies retrograde tracing viruses were obtained from the NIH Center for Neuroanatomy with Neurotropic Viruses (CNNV): PRV-152 (30, 31) and PRV-614 (28). The PRV-152 virus has EGFP as the reporter, while mRFP is the reporter for PRV-614. C3H: Half the mice received PRV-152 into the tibia and PRV-614 into iWAT; whilst the other half received PRV-614 into the tibia and PRV-152 into iWAT. B6: Half the mice received PRV-152 into the proximal tibia and PRV-614 into distal femur; whilst the other half received PRV-614 into tibia and PRV-152 into femur. Figure 1A lists the viral loads injected at each site (fat vs. bone). A drilled bone defect model was used to place virus directly in bone using a pulled glass needle, microinjector, and stereotaxic apparatus to deliver 0.10 μL (PRV-152) or 0.15 μL (PRV-614) of viral solution at depths of 2.5, 3, and 3.5 mm from the top of the bone including the cartilage (Figures 1B–D). The injection site was sealed with bone wax to prevent leakage of the virus. For iWAT injections, 0.15 μL (PRV-152) or 0.20 μL (PRV-614) of virus was injected using a pulled glass needle at each of four sites along the length of the iWAT. All mice were given Buprenorphine SR (ZooPharm, 1.0 mg/kg) and monitored daily post-surgery until euthanasia. In our hands, 25% of injected C3H mice and 36% of injected B6 mice did not display evidence of infection in the brain. This could be due to failed ejection of the viral solution from the microinjector tip, failed viral infection, replication and/or spread, or mis-injection into the circulation. Previous work has shown that IV injection of PRV does not cause central neuronal infection (32).
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FIGURE 1. Virus placement and weight loss. (A) Viral titers and injection volumes. (B) Virus placement in the tibia at depths of 2.5, 3.0, and 3.5 mm from the top of the tibia or femur. Access to the tibial bone marrow was gained at the knee between the medial and lateral tibial condyles (B6 and C3H mice). Access to the femoral bone marrow was also via the joint surface (B6 mice only). (C) Representative computed tomography image of the needle tract into the tibial metaphysis (green dot). A pulled glass microinjector was used to minimize any disturbance to the surrounding bone and marrow. (D) Representative computed tomography of the needle tract into the femur (green dot).





Tissue Collection

Mice were sedated with Ketamine/Xylazine and perfused through the left ventricle with 25 mL of phosphate buffered solution (PBS) followed by 25 mL 4% paraformaldehyde (PFA) at a rate of 5.0 mL per minute using a peristaltic pump. Tissues were post-fixed overnight in 4% PFA and then placed in PBS for storage or processed and analyzed as described below.



MicroCT

Post-fixation, bones were embedded in 2% agarose gel. The proximal ends of the tibiae were scanned at 20 μm voxel resolution using a Scanco μCT 40 (Scanco Medical AG) calibrated using a hydroxyapatite phantom. Scans were used to verify placement of the needle into the bone (Figures 1C,D).



Immunostaining and Analysis

Tibia

To assess skeletal innervation, whole tibiae from 13-week old C3H and B6 male mice were sectioned transversely at 50 μm along the length of the bone. Tissues were processed in 30% sucrose and embedded in Tissue-Plus OCT compound (Fisher Scientific, Hampton, New Hampshire, USA, 23-730-571) prior to cutting. Sections were blocked in 10% normal donkey serum (Sigma, St. Louis, MO, USA, D9663) in TNT buffer (0.1M Tris-HCl pH 7.4; 0.15 NaCl; 0.05% Tween-20). The sections were then incubated for 48-h with primary antibodies to tyrosine hydroxylase (TH) and perilipin (Supplemental Table 1). Following three rinses in TNT buffer, primary antibody staining was visualized using fluorescently-tagged secondary antibodies. The sections were rinsed again with TNT buffer and incubated in DAPI (1:1,000 dilution; Sigma, St. Louis, MO, USA, D9542) for 5-min before mounting with Fluoromount-G (ThermoFisher Scientific, Waltham, Massachusetts, USA, 00-4958-02). Tiled sections were imaged at 10X on a Nikon spinning disk confocal microscope. Images were reconstructed and analyzed in ImageJ/FIJI (33). The number of perilipin positive adipocytes was counted manually in each section and the proportion adjacent to a TH+ axon was recorded (<5 μm spacing). It is important to note that only TH+ structures the bone marrow with a size and morphology that was consistent with an autonomic axon fiber were considered in our analysis (size ~1 μm in diameter, fibrous/branching, no nuclei—see Figure 2A as an example).
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FIGURE 2. Innervation of BMAT adipocytes by sympathetic autonomic nerves. (A) Cross-section of the proximal tibial metaphysis with immunohistochemical stains for adipocytes (perilipin, red) and sympathetic adrenergic nerves (tyrosine hydroxylase, green) overlaid with dapi (blue). In some regions, perilipin+ adipocytes are observed immediately adjacent to TH+ axons (~1 μm in diameter, fibrous/branching, representative inset, white arrowheads). B, bone. Scale bar = 50 μm. (B) Representative distribution of bone marrow adipose tissue (BMAT) in a C3H and B6 male, 13-week old tibiae. Osmium stain and CT reconstruction. Immunohistochemical sections along the length of the tibia were analyzed for adiposity and TH+ innervation as indicated. (C) The number of perilipin positive adipocytes in a full tibial cross-section (see example in A) was counted in each region as indicated in B and normalized to the volume of the bone marrow. As previously reported Scheller et al. (29), C3H mice had increased density of BMAT adipocytes along the length of the tibia relative to B6 animals (2-way ANOVA). (D) In the same regions, the number of adipocytes <5 μm from a TH+ nerve were counted and expressed relative to the total number of adipocytes within the section [“% BMAT Innervation (TH+)”]. Despite differences in adipocyte density, the proportion of BMAT adipocytes that were adjacent to a TH+ axon remained relatively consistent between strains. In addition, the % of innervated BMAT adipocytes was highest in distal regions of the tibia of both B6 and C3H mice. N = 3, C3H; N = 5, B6. 2-way repeated measures ANOVA. Graphed as mean ± SD.



Spinal Cord

After perfusion, processing in 30% sucrose, and embedding in Tissue-Plus OCT compound, whole embedded spines were stored at −80°C until sectioning. The entire spinal cord was sectioned at 50 μm on a cryostat (Leica CM1850) and then collected onto Superfrost charged slides (Fisher Scientific, Hampton, New Hampshire, USA, 12-550-15). Every 8th section was stained. The sections were thawed at room temperature for 10-min, prior to immunostaining. Sections were first blocked in 10% normal donkey in TNT buffer. The sections were then incubated for 48-h in primary antibodies against RFP and GFP (Supplemental Table 1). Following three rinses in TNT buffer, primary antibody staining was visualized using fluorescently-tagged secondary antibodies. The sections were rinsed again with TNT buffer and incubated in DAPI for 5 min before mounting with Fluoromount-G. The sections were imaged with a Hamamatsu 2.0-HT NanoZoomer at 20x magnification. Spinal cord sections were analyzed using the Allen Spinal Cord Atlas as a reference database (34).

Brain

Dry ice (solid CO2) was crushed to make a powder; each brain was rolled in the CO2 and then left to freeze solid on dry ice. Each sample was mounted using Tissue-Plus OCT compound to a H/I Cryo-Histomat MK-3 (Hacker Instruments, Winnsboro, South Carolina, USA) and cut into slices of 30 μm thickness. Sections were split into six series and stored in cryoprotectant solution (0.2M phosphate buffer pH 7.4, ethylene glycol, sucrose) until stained. Sections were washed in TNT buffer and blocked in 0.1M PBS with 0.05% Tween 20 and 5% normal donkey serum. Primary antibodies to GFP, RFP, and/or TH were diluted in 0.1M PBS with 0.05% Tween 20 and 1% normal donkey serum and were incubated overnight at 4°C (Supplemental Table 1). Following rinsing in TNT buffer, sections were incubated with secondary antibody for 1-h at room temperature (Supplemental Table 1). Sections were then incubated with DAPI (1:1,000) and then arranged onto slides and coverslipped with Fluoromount-G. Imaging was performed with a Hamamatsu 2.0-HT NanoZoomer at 20x magnification. Sections spanning the entire brain were matched to images in The Mouse Brain in Stereotaxic Coordinates Brain by Paxinos and Franklin (35) in order to identify traced central sites. For figure generation, a subset of sections were imaged at 10X magnification on a Leica confocal microscope.

Statistics

Statistics were performed in GraphPad Prism®. Statistical tests are indicated in the figure legends. An unpaired t-test was used to assess differences in body mass.




RESULTS


Sympathetic Adrenergic Innervation of Tibial BMAT Adipocytes in C3H and B6 Mice

Sympathetic adrenergic axons in bone and adipose tissues are rich in TH+ varicosities and terminate as free nerve endings (9, 36, 37). The proximity of the axon facilitates diffusion of neurotransmitters and subsequent actions on surrounding target cells, such as adipocytes. Thus, we performed immunohistochemical analysis of TH+ adrenergic nerve fibers and quantified their relationship to perilipin positive BMAT adipocytes at four sites along the length of the tibia. Consistent with previous reports (9, 38), we found that many of the TH+ axons were concentrated around central blood vessels in the bone marrow. However, there were also sparse areas of free nerve endings, particularly in the proximal metaphysis, which terminated in regions of BMAT adipocytes (Figure 2A). The relationship of BMAT adipocytes with TH+ axons was further explored by quantifying the percent of BMAT adipocytes that were directly adjacent to an axon (<5 μm away) along the length of the tibia in both C3H and B6 mice (Figures 2B–D). These included all adipocytes along the length of the neuron, not just at the axon terminal. As expected, the tibial adipocyte density was significantly greater in C3H mice relative to B6, particularly within the diaphysis (Figure 2C). However, despite this difference in density, the proportion of innervated BMAT adipocytes was comparable between strains and increased gradually from proximal to distal along the length of the tibia (Figure 2D). Specifically, from the proximal metaphysis to the region of the tibia/fibula junction, innervation increased from 5.2 ± 1.2% to 24.2 ± 16.0% in the C3H mice and 2.9 ± 1.4% to 14.4 ± 4.5% in B6 (Figure 2D).



PRV Tracing Identifies Central Pathways Mediating Efferent Innervation of Bone Marrow (Inclusive of BMAT) and iWAT

Infection Rate and Viral Characteristics

Male C3H mice at 12-weeks of age were injected with isogenic PRV viruses as detailed in Figures 1A,B. Half received PRV-152 (EGFP) into tibia and PRV-614 (mRFP) into iWAT, and the other half had PRV-614 (mRFP) into tibia and PRV-152 (EGFP) into iWAT. Though not uniformly reported or discussed in previous publications, PRV infection causes weight loss, lethargy, and eventually death in experimental animals (5, 19). C3H animals that were positively infected with one or both viruses demonstrated weight loss of 15 ± 1.6%, whilst mice negative for viral infection lost <3.9 ± 0.6% body weight (p = 0.003). At the end of the experiment, 75% of mice demonstrated positive infection with at least one virus that had progressed to the brain. Upon μCT verification of needle placement, one mouse was excluded due to needle perforation through the tibial cortical bone. The results from the remaining animals are described below.



Spinal Cord

Autonomic pathways consist of a two-neuron relay, which connects the tissue of interest to the spinal cord. In our experiments, the spinal cord was examined using serial thick frozen sections from the upper thoracic to the lower sacral regions. Labeling was observed to some extent at all levels of the thoracic, lumbar, and sacral spinal cord, except for the lowest sacral portions. Though a unilateral predominance was generally noted, the majority of the cases had progressed to a point where bilateral spread was evident. In all cases, cellular staining was notable in the sympathetic preganglionic neurons (SPNs) of the intermediolateral (IML) nuclei (Figure 3A). Connections from the IML were commonly present across the intercalated nucleus and labeling was also prominent within the central autonomic nucleus (lamina X). In the surrounding white matter, positive axons were noted to be crossing the lateral funiculus from the surface of the spinal cord (Figure 3B).
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FIGURE 3. Spinal cord. The axon of the most distal neuron within bone or fat, also known as the postganglionic autonomic neuron, connects to its cell body in the sympathetic chain ganglia. Within the ganglion, this cell body synapses with a new neuron, the sympathetic preganglionic neuron (SPN). The cell bodies of the SPNs are located in the spinal cord in the intermediolateral (IML) nuclei. Spinal cord neurons are then controlled by supraspinal circuits from the brain, which send target axons to synapse on SPNs through descending pathways. These are ultimately responsible for the coordinated regulation of neuro-skeletal and neuro-adipose tissue interactions. (A,B) In the presented case, PRV-614 (RFP) was injected into the tibia, whilst PRV-152 (GFP) was injected into iWAT. Yellow neurons are neurons that have become infected with both viruses (arrow). Scale bar = 500 μm (A) and 100 μm (B). Lf, lateral funiculus. (C) We observed positive cells within dorsal root ganglia (DRG) ipsilateral to the site of infection. In some cases, we also observed positive DRG cells on the contralateral side. However, spread to the brain through ascending spinal cord pathways was not noted. Representative image, PRV-614 (RFP) into iWAT. Scale bar = 500 μm.



Positive axons were also observed in the lateral reticulospinal tract just outside of the IML, in laminae II, V, and VII, and occasionally in the ventral horn. In mice where dual labeling was present in the brain, the staining pattern was the same as described above. In addition, though the majority of labeled neurons in the spinal cord were of a single color/origin, a small subset of dual-labeled neurons was present.

Lastly, given our cross-sectional analysis paradigm, we were able to observe several of the dorsal root ganglia. Though the PRV virus used is only capable of crossing between neurons at retrograde synapses of efferent axons, it initially infects all axons within the target tissue, including sensory afferent neurons. Consistent with this, we observed positive staining in a subset of the dorsal root ganglia; infection within contralateral ganglia was also present in some cases (Figure 3C). However, further spread from these neurons through anterograde spinal cord pathways was not noted.



Medulla, Pons, and Midbrain

The spinal cord connects to the brainstem at the base of the skull, transitioning into the medulla. Consistent with previous studies (4, 5, 20–27), PRV infection occurred bilaterally within the brain, even though only the right tibia and right iWAT were injected. A summary of traced brain regions and their incidence is presented in Table 1. Within the medulla, we observed pronounced positive staining in the area postrema (AP), the nucleus of the solitary tract (NTS), including the medial and ventrolateral parts, and the reticular formation of the medulla, originating from both regions of BMAT and iWAT (Figures 4A,B; Table 1). Within the median reticular formation, the nucleus raphe obscurus (ROb), the raphe pallidus (RPa) and nucleus raphe magnus (RMg) were consistently traced with PRV (Figures 4A–C). Moderate staining was also consistently observed between samples in the gigantocellular reticular nucleus (GRN) and the lateral paragigantocellular nucleus (LPGi) (Figures 4A,B). Adjacent to the reticular formation, staining from bone marrow/BMAT and iWAT was notable in the rostroventral medulla (RVLM) (Figure 4B). In the pons, located between the medulla and the midbrain, tracing was prominent from both injection sites within the locus coeruleus (LC), subcoeruleus (SLC), and Barrington's nucleus (BN) (Figures 4C, 5A,B). As performed previously (22, 39), co-stains with TH were used to distinguish these three regions (Figure 5). In the midbrain, positive infection from bone marrow and iWAT was detected in the periaqueductal gray (PAG) (Figures 6A–C). Staining within the PAG was predominantly identified in the dorsomedial, lateral, and the ventrolateral areas.



Table 1. Traced brain regions from C3H tibial bone marrow [tibia, inclusive of bone marrow adipose tissue (BMAT)] and inguinal white adipose tissue (iWAT).
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FIGURE 4. Co-infection of neurons from bone marrow/BMAT and iWAT in the medulla and pons. In the presented case, green neurons are traced from the tibia, whilst red neurons are from iWAT. Yellow neurons are those that have become infected with both viruses (white arrows). (A,B) Brainstem medulla, scale bar = 1 mm. (C) Pons, scale bar = 1 mm. Insets, scale = 100 μm: (1) Raphe obscurus (ROb), (2) nucleus of the solitary tract (NTS), (3) gigantocellular reticular nucleus (GRN), lateral paragigantocellular nucleus (LPGi) and rostral ventrolateral medulla (RVLM), (4) raphe pallidus (RPa), and (5) locus coeruleus (LC). RMg, raphe magnus.
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FIGURE 5. Tyrosine hydroxylase staining identifies co-infected ‘command neurons' in the locus coeruleus (LC), subcoeruleus (SLC), and Barrington's nucleus (BN). In the presented case, green neurons are traced from the tibia, whilst red neurons are from iWAT. A co-stain for tyrosine hydroxylase (TH) was used to define the boundaries of the locus coeruleus and subcoeruleus (LC and SLC, TH+) relative to Barrington's nucleus (BN, TH–). Yellow neurons are those that have become infected with both viruses without co-staining for tyrosine hydroxylase (TH) (white arrow). White neurons are those that are triple positive for GFP, RFP, and TH—indicating co-infection of a TH+ neuron within the LC or SLC as indicated (white arrowheads with black borders). (A) Overview of pons including the locus coeruleus (LC) and Barringtons nucleus (BN) at −5.52 mm from bregma. Scale bars: 1 mm and 200 μm (inset). (B) Overview of pons including the subcoeruleus (SLC) at −5.02 mm from bregma. Scale bars: 1 mm and 200 μm (inset). Individual channels for GFP (green), RFP (red), and TH (magenta) are shown for reference.




[image: image]

FIGURE 6. Co-infection of neurons from bone marrow/BMAT and iWAT in the periaqueductal gray (PAG). In the presented case, green neurons are traced from the tibia, whilst red neurons are from iWAT. Yellow neurons are those that have become infected with both viruses (white arrows). (A–C) Overview of tracing around the central aqueduct (Aq) at three regions including −2.92, −4.16, and −4.72 mm from bregma. Scale bar = 1 mm. (A'–C') Magnified insets showing individually traced neurons and those with co-infection from both sites (arrowheads). Scale bar = 200 μm. Green boxes on the sagittal sections denote the relative location of the displayed regions.



In multi-labeled samples, dual infected neurons from both injection sites were present in the medullary reticular formation (ROb, RMg, RPa, GRN, LPGi) and NTS (Figure 4). We similarly observed a subset of pontine LC, SLC, and BN neurons that were co-infected with viruses originating from bone marrow and iWAT (Figure 5). Lastly, several dual traced neurons were present in the PAG (Figure 6).



Hypothalamus and Forebrain

PRV infection was prominent within the hypothalamus, most notably within the paraventricular hypothalamus (PVH) (Figure 7; Supplemental Figures 1, 2). Infection of the PVH was bilateral from both bone marrow and iWAT; however, there was typically a discernable difference with a greater number of neurons stained on one side than the other (Supplemental Figure 1). This may be due to the virus crossing the midline via interneurons and then proceeding up into the brain, thus viral infection may lag on contralateral side, leading to the observed difference. In dual positive-infected mice, we observed a substantial number of neurons arising from the tibial injection and a number of neurons arising from iWAT in both posterior and medial parts of the PVH (Figures 7A–C). Again, similar to regions of the medulla and pons, we also identified neurons that were co-infected with both viruses (Figure 7; Table 1). Other regions of the hypothalamus with positive PRV infection include the lateral hypothalamus (LH), posterior hypothalamic area (PH), arcuate nucleus (ARC), dorsomedial hypothalamus (DMH), ventromedial hypothalamus (VMH), and suprachiasmatic nucleus (SCN) (Figure 7; Table 1). Lastly, we found robust labeling of neurons in the amygdala in a subset of animals (Figure 7B; Supplemental Figure 3). In close proximity to the amygdala, PRV-infected neurons were also present in the pyriform cortex in a 2/5 tracings from bone marrow/BMAT and iWAT (Table 1; Supplemental Figure 3).
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FIGURE 7. Co-infection of neurons from bone marrow/BMAT and iWAT in the hypothalamus. In the presented case, green neurons are traced from the tibia, whilst red neurons are from iWAT. Yellow neurons are those that have become infected with both viruses (white arrows). (A) Overview of hypothalamic tracing at −1.94 mm from bregma. Scale bar = 1 mm. (B) Overview of hypothalamic tracing, including amygdala, at −1.06 mm from bregma. Scale bar = 1 mm. (C) Medial portion of the paraventricular hypothalamus and suprachiasmatic nucleus at −0.82 mm from bregma. Scale bar = 1 mm. Insets: (1) dorsomedial hypothalamus (DMH), scale = 100 μm, (2) lateral hypothalamus (LH), scale = 100 μm, (3) amygdala (Me), scale = 200 μm and (4) paraventricular hypothalamus (PVH), scale = 200 μm. Regions identified include: third ventricle (3V), arcuate nucleus (Arc), dorsomedial hypothalamus (DMH), lateral hypothalamus (LH), amygdala (Me), posterior hypothalamus (PH), paraventricular hypothalamus (PVH), and suprachiasmatic nucleus (SCN).





PRV Tracing From B6 Femur and Tibia Mimics That Observed From C3H Mice

To examine the strain- and skeletal site-specificity of PRV, we traced to the brain from the proximal tibia and distal femur of a matched set of male 12-week-old, B6 mice. As above, some mice received PRV-152 (EGFP) into tibia and PRV-614 (mRFP) into femur while in others this was reversed. At the end of the experiment, needle placement was confirmed with μCT. Due to minor issues with tissue processing, the medulla and reticular formation could not be included in these analyses. However, in the pons, infection from the tibia and femur was observed in the BN, LC, and SLC (Table 2). Staining from both sites was also identified in the midbrain, specifically within the PAG (Table 2). As in C3H mice, the hypothalamus contained positive PRV infection predominantly in the PVH (Table 2; Supplemental Figure 4). Additional traced neurons were identified in the LH, PH, DMH, and SCN from a subset of animals (Table 2). Lastly, one of four cases from the tibia and two of three from the femur resulted in PRV infection in the amygdala (Table 2).



Table 2. Traced brain regions—B6 tibia and femur bone marrow (inclusive of BMAT).
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DISCUSSION

Shared innervation has been established between peripheral WAT and BAT adipose tissues (1–7). However, to date, our understanding of neural interactions with bone marrow/BMAT has been limited. We have previously demonstrated that cold exposure, a model of elevated sympathetic tone and catecholamine release, depleted BMAT from the proximal end of the tibia (29). More recently, it was shown that bone marrow adipocytes respond to isoproterenol (pan-adrenergic agonist—β1, β2, and β3) by increased phospho-hormone sensitive lipase, whilst the response following treatment with a β3 agonist, a major regulator of lipolysis in other adipose tissues, was present at a lower level (40). Together, this information suggests that there is likely some shared regulation of adipose tissues within the body but also that there may be subtle differences between BMAT and other adipose depots. Building on previous work, this study has been able to establish the presence of shared autonomic pathways between BMAT and iWAT. Dual labeled “command” neurons were noted regions such as the reticular formation, NTS, LC, PBN, SLC, BN, and hypothalamus—indicating that common neurons may be involved in the central regulation of both sites. Though the prevalence of dual infection reflects a wide range of variables including initial infection and viral trafficking, the overlap in our current study appears to range from 7 to 18% depending on the region (Figures 4–7). This is consistent with previous work on dual injections of PRV into different adipose depots which identified an incidence of 5–55% of dual-infected neurons, indicative of shared innervation between fat depots (41). The results provide the foundation for future studies to evaluate the functional roles of the identified central regulatory regions on BMAT, particularly within the contexts of shared regulation of WAT, bone, and bone marrow.


Innervation of BMAT

The presence of sympathetic neurons in the skeleton is well established (9–12). Similarly, the innervation of WAT adipocytes is well-documented (42, 43). In WAT, EM studies demonstrate that ~5% of WAT adipocytes are immediately adjacent to a sympathetic nerve axon (43). By contrast, beige or brown adipocytes have an innervation rate that approaches 100%, often with multiple nerve fibers per cell (43, 44). Our results suggest that TH+ innervation of BMAT is more similar to what has been documented for WAT, with ~5–25% of the BMAT adipocytes located immediately adjacent to a TH+ axon (Figure 2). This helps to define when and where locally-released neurotransmitters have the potential to act directly on the cells. Conversely, it suggests that upwards of 70% of BMAT adipocytes are relatively disconnected from the local adrenergic nerve supply (though regulatory impulses could be communicated indirectly or by diffusion). In the metaphysis, TH+ axons were occasionally observed to branch and terminate in regions of BMAT. In the diaphysis, the trajectory of the axons was generally restricted to the arterial vasculature, with less branching. It is unknown whether positioning of a BMAT adipocyte near an axon along its length vs. at the termini impacts the ability of the neuron to act on the cell. In other organ systems, axons have been shown to release neurotransmitters along their entire length (45). More work is needed, however, based on this data it is clear that TH+ neurons are well-positioned to signal to a subset of BMAT cells.



Shared Pathways—Vasoregulatory Responses

A key strength of these experiments is our ability to examine the results within the context of the extensive range of previously published PRV tracing studies across most major organ systems. Upon doing so, several patterns emerge. First, there are multiple regions that have been traced in nearly all studies to date. This includes early infection in areas of the pontine and medullary reticular formation, RVLM, raphe nuclei, and PVH from organs including spleen (21, 22), kidney (23, 24), adrenal gland (25), BAT (5, 27), sympathetic ganglia (25), pancreas (26), lumbar muscle (46), and iWAT/eWAT (4). These structures represent a common neural circuit controlling sympathetic autonomic outflow to a diverse set of organs (Figure 8). One likely explanation for this is the need for coordinated, whole-body regulation of vascular tone by the autonomic nervous system (47). For example, functional studies in cats and primates demonstrate that stimulation of the PVH causes systemic vasopressor responses that are mediated by the descending autonomic vasomotor fibers on the surface of the spinal cord, which synapse on SPNs in the IML to signal to peripheral tissues (48). In our study, this is consistent with prominent labeling in regions including the PVH (Figure 7), the surface of the lateral funiculus of the spinal cord, the SPNs of the IML nucleus and the medially associated cord/SPN regions such as the intercalated nucleus and central autonomic area (lamina X) (Figure 3) (49). Similarly, the pre-sympathetic neurons of the RVLM, traced from both sites in this study, are a key source of excitatory inputs to the SPNs in the spinal cord that help to maintain baseline arterial pressure (Figure 4) (50).
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FIGURE 8. Summary and model. (1) Nerve endings were infected by PRV-bartha virus after local injection into inguinal white adipose tissue (iWAT) or regions of BMAT in the proximal tibia. (2) Infection of sympathetic post-ganglionic axons and their ganglionic cell bodies progressed to infect the sympathetic preganglionic neurons (SPNs) within the intermediolateral nucleus (IML) of the spinal cord. Infection within the spinal cord was also noted across the intercalated nucleus and in laminae V, VII, and X. *Infection was also present in the dorsal root ganglia. This is due to the ability of PRV-Bartha to infect free endings of afferent neurons. However, after this, it is not able to traffic across afferent synapses toward the brain. (3) Viral tracing ascended through efferent pathways to central brain regions (4). The full list of traced regions is available in Tables 1, 2. Functionally, traced central regions are capable of coordinating autonomic signals through shared pathways, which descend to the target tissues. These regions have previously been implicated in regulation of vascular tone, lipolysis, and bone turnover.



Many of these areas have also been implicated in reflex autonomic control of vascular tone, a collection of diverse mechanisms by which the body integrates information from peripheral sensory inputs to subsequently coordinate autonomic responses. Within the spinal cord, for example, stimulation of sensory roots can influence the activity of autonomic SPNs (48). Locally, this may be explained by modulation of SPNs by autonomic interneurons within the dorsal horn (Figure 3) [discussed in (51, 52)]. To date, pre-sympathetic interneurons have been identified in laminae V, VII, and X. In our study, we also observed tracing in these laminae (Figure 3), emphasizing the potential for integration and modulation of sensory and sympathetic signals to iWAT/BMAT within the spinal cord (48). Integration also occurs within the brain. From this study, labeled central sites including the LC, NTS, RVLM, and medullary raphae (ROb, RMg, RPa) have the potential to integrate peripheral sensory inputs (e.g., somatosensory stimuli, peripheral chemoreceptors, arterial baroreceptors) with subsequent regulation of autonomic responses, including vascular tone (47, 50, 53–55). Thus, our work puts bone marrow/BMAT and iWAT into the same vasoregulatory network as organs including the spleen, kidney, adrenal gland, BAT, muscle and pancreas; however, future functional studies are needed to explore differences, if any, in the magnitude and timing of centrally-evoked responses.



Shared Pathways—Energy Utilization and Lipolysis

Nerve endings in both WAT and bone marrow exist as free terminals and lack conventional synapses with surrounding cells [reviewed in (56)]. Thus, peripheral neurotransmission is mediated by bulk release and diffusion of signaling factors. The catecholamine norepinephrine has a well-established role in mediating SNS activity to peripheral tissues. Norepinephrine controls local SNS-mediated vasoregulation (57), SNS-mediated lipolysis (56, 58), and SNS-mediated thermogenesis/beiging (59). Though its expression is not restricted to neurons, there is also evidence that neuropeptide Y (NPY), another sympathetic neurotransmitter, can regulate peripheral adipose tissues both via central circuits and locally through direct actions on adipocytes and surrounding cells (60, 61). This emphasizes that those central pathways which cause bulk peripheral neurotransmitter release, as described above for vasoregulation, may also promote lipolysis and/or adipose tissue thermogenesis. Few studies have examined the effect of sympathetic neurotransmitters on BMAT directly and this is an area that could be the further explored in the future.

Central integration of peripheral inputs is similarly critical to ensure optimal autonomic contributions to energy partitioning. A key mediator of this relationship is the adipocyte-secreted hormone leptin. Our viral tracing demonstrated prominent labeling from iWAT and bone marrow/BMAT in leptin-responsive regions such as the PVH, ARC, DMH, VMH, and AP. In addition to known actions on food intake, leptin has been implicated in the central regulation of bone marrow and peripheral adipocytes. Studies examining leptin deficient models (ob/ob) have found increased BMAT (62, 63). Leptin treatment of ob/ob mice reduces BMAT number and size due to lipid mobilization and apoptosis whilst simultaneously increasing bone formation (63, 64). In addition, leptin delivery to the VMH of healthy rats for 5 days induces a significant depletion of peripheral fat pads and also BMAT (65); this functionally demonstrates that central regulatory regions such as the VMH, also identified in our study, can simultaneously influence both BMAT and peripheral adipose tissues.



Regulation of Skeletal Homeostasis

While our focus is on adipose tissue comparisons, it should be noted that the bone injections would label nerves that interact with a heterogeneous population of cells: bone cells, bone marrow, and BMAT. Signaling in the VMH, for example, may link bone marrow with splenic innervation. Functionally, the VMH has been shown to suppress splenic lymphocyte activity (66) and natural killer cell cytotoxicity (67) demonstrating a clear role for sympathetic regulation of hematopoietic cells in spleen that may mirror what has been described for bone marrow (68).

In addition to hematopoiesis, for the past two decades, there have been numerous studies demonstrating the effects of central regulation on bone mass; interactions between the brain and bone mass have primarily focused on the hypothalamus (13, 14, 69). Consistent with this, we observed robust staining from bone to hypothalamic regions: LH, PH, ARC, DMH, VMH, and SCN. To date, the arcuate nucleus has a well-established role in regulating bone mass through AgRP/NPY neurons (70, 71) and more recently Kiss neurons (72). Interestingly, deletion of the estrogen receptor from Kiss1 neurons had sex-specific effects on bone mass with females having a striking 500% increase in cancellous bone mass in the distal femur, whilst males had normal bone mass in comparison to control WT mice (72). These studies, while focused on a single regulatory center of the brain, the arcuate nucleus, demonstrate the potential impact of modulating neuronal activity on the bone microenvironment. This same region is strongly linked to the regulation of energy homeostasis and the modulation of BAT and WAT, thus is a good candidate to further study to elucidate the effect of arcuate neurons on BMAT.

Similar to other adipose tissues, the bone microenvironment is also influenced by circulating cues such as leptin, which can influence sympathetic tone and also act directly on progenitor cells within the skeleton [reviewed in (73)]. Early work by Karsenty et al. demonstrated that leptin could inhibit bone formation via a central hypothalamic relay (13); this work predominantly examined the effects on vertebral bone mass, a site in the mouse that does not typically have many bone marrow adipocytes. The effects of leptin on bone have been complicated and been much debated; in ob/ob mice restoration of peripheral leptin signaling has an anabolic effect on bone mass (74), which opposes the central effects. This was also demonstrated when Prrx1-cre or Col3.6-cre was used to remove the leptin receptor; these mice had a significant increase in bone mass (75, 76).

In addition to the hypothalamus, the area postrema (AP) is another region that can respond to physiological factors as they enter the CNS and can influence autonomic control (77). The subpostrema, a V-shaped area, is located adjacent to the AP and on the upper limit of the commissural part of the NTS; it too is involved in autonomic regulation and provides bidirectional connections between area postrema and the NTS (78). Recently, Zhang et al. determined that Neuropeptide FF receptor 2 (Npffr2) signaling regulated NPY neuron activity in the arcuate nucleus and influenced BAT activity via the PVH (79). In addition to Npffr2 expression in the ARC, retrograde tracing from the ARC demonstrated that brainstem regions such as the area postrema, subpostrema, and NTS could provide input and regulate ARC neurons (79). Npffr2 deficient mice on a high fat diet show increased adiposity, reduced whole body energy expenditure, reduced UCP-1 protein in BAT and increases in cancellous bone mass (79). This study shows that brainstem neurons are able to influence the hypothalamus and regulate the bone microenvironment.

Other factors also implicated in energy homeostasis have been shown to influence the bone microenvironment via central signaling. Kajimura et al. (80) showed that adiponectin could influence sympathetic tone by regulating neurons within the locus coeruleus; leading to an inhibition of bone formation and increased bone resorption through RANKL (80). Notably, the central actions of adiponectin were apparent in older adiponectin deficient mice and differed from younger mice. Young adiponectin deficient mice had reduced bone mass, consistent with the direct effects of adiponectin to inhibit proliferation and induce apoptosis in osteoblasts (80). Similarly, hypocretin (also known as orexin) has been reported to reduce serum leptin levels via central signaling and reduce cancellous bone mass (81). Although sympathetic tone was not evaluated in that study, the changes in central orexin signaling were abolished in leptin deficient (ob/ob) mice suggesting that changes in leptin levels are affecting sympathetic tone (81). These studies highlight the notion that peptides can act through multiple pathways and thus, our study is a good tool for identifying potential regulatory regions that influence BMAT to assist with examining and targeting these central effects.




LIMITATIONS

While we hypothesize that there may be unique sites that signal to the BMAT environment in a context-specific manner, our viral tract tracing is limited as it is only able to establish the presence of infection and co-infection vs. iWAT. For example, we identified infected neurons from bone marrow/BMAT in only 2 out of 5 cases of positive PRV infection in the VMH, but not when traced from iWAT (Table 1). However, previous work has shown that stimulation of the leptin-responsive neurons in the VMH significantly affects both WAT and BMAT adipose tissue depots (65). Thus, the absence of infection in neuronal tracing studies does not mean that a region is functionally unimportant. In addition, while we can focus and integrate information known about single neural sites, it is also important to consider that these central regulatory regions are connected and interact with each other, i.e., the arcuate nucleus sends projections to other regions within the hypothalamus (82), that subsequently project to other parts such as the locus coeruleus, solitary tract, and reticular formation. Thus, several regions may actually work together to regulate bone, bone marrow and BMAT. Lastly, though expression of TH has been widely used to characterize peripheral nerves within bone, bone marrow, and the periosteum (9, 11, 83, 84), it has the potential to be upregulated with nerve stimulation (85). Thus, it is possible that the proportion of TH+ nerve-associated BMAT adipocytes may be higher in settings of increased sympathetic tone.



PROSPECTUS AND CONCLUSION

A large proportion of work into understanding the neural regulation of adipose tissue was originally performed in Siberian hamsters. Siberian hamsters (Phodopus sungorus) display large variations in body composition depending on the photoperiod they are exposed to: hamsters exposed to long days can have around 50% adiposity whilst exposure to shorter days leads to around 20% adiposity (86, 87). This connection between circadian rhythm and adiposity suggested a potential role for the CNS in regulating adipose tissue. While there are distinctive roles of the SNS in regulating brown adipose tissue (BAT) function in comparison to WAT, PRV retrograde tracing reveals that the central regulatory regions are similar between these peripheral adipose depots (5, 27). Consistent with this, we demonstrate that PRV tracing from bone marrow/BMAT identifies many of the same regions. In addition, we define a novel population of dual PRV-infected “command” neurons that are connected to both bone marrow/BMAT and iWAT. These neurons may coordinate multiple aspects of sympathetic output and facilitate parallel processing for local effects such as lipolysis, thermogenesis and vasoregulation (88–92). Moving forward, more work is needed, both at the level of the brain and locally within the bone marrow, to understand how and in what contexts neural impulses are necessary regulators of BMAT function.
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Supplemental Figure 1. Paraventricular hypothalamus from all C3H mice injected with PRV into the tibia or iWAT. Medial portion of the paraventricular hypothalamus from each mouse injected with either PRV-152 (GFP) or PRV-614 (RFP) and the site of injection, tibia or iWAT. Scale bar: 1 mm.

Supplemental Figure 2. PRV infection from bone marrow/BMAT traces to various parts within paraventricular hypothalamus. PRV-152 (GFP) was injected into the tibia and the following sites showed PRV infection: (A) Suprachiasmatic nucleus (SCN) and paraventricular hypothalamic nuclei: dorsal cap (PaDC), lateral magnocellular part (PaLM), and medial magnocellular part (PaMM); (B) Posterior paraventricular hypothalamic nuclei: posterior part (PaMP) and medial parvicellular part (PaPo).

Supplemental Figure 3. Amygdala and pyriform cortex traced from tibia. (A) Overview of brain slice. (B) Amygdala. (C) Overview of pyriform cortex relative to amygdala. (D) Pyriform cortex.

Supplemental Figure 4. Paraventricular hypothalamus from all B6 mice injected with PRV into the tibia or iWAT. Medial portion of the paraventricular hypothalamus from each mouse injected with either PRV-152 (GFP) or PRV-614 (RFP) and the site of injection, tibia or iWAT. Scale bar: 1 mm.

Supplemental Table 1. Antibodies used for immunostaining.
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The 4th International Meeting on Bone Marrow Adiposity (BMA2018) was hosted at the premises of the Regional Government of Hauts de France in Lille, from August 29th to August 31st 2018. This congress brought together physicians and scientists working on rheumatology and bone biology, oncology, hematology, endocrinology, and metabolic diseases, all interested in bone marrow adiposity. They shared their opinions, hypothesis, and original results. Six invited keynotes were given by S. Badr, B.C.J. van der Eerden, M.J. Moreno Aliaga, O. Naveiras, C.J. Rosen, and A.V. Schwartz. Twenty-one short talks were also given. This report briefly summarizes the scientific content of the meeting and the progress of the working groups of the BMA Society (http://bma-society.org/).
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INTRODUCTION

The 4th International congress on Bone Marrow Adiposity (BMA) was hosted at the premises of the Regional Government of Hauts de France in Lille, From August 29th to August 31st 2018 (https://bma2018.sciencesconf.org). The meeting was organized by C. Chauveau and G. Penel from the laboratory Pathophysiology of Inflammatory Bone Diseases EA4490 (currently becoming Marrow Adiposity and Bone Lab) located in Lille (University of Lille) and Boulogne sur Mer (Littoral Côte d'Opale University), with the collaboration of G. Kerckhofs from the Skeletal Biology and Engineering Research Center, KU Leuven, and the Institute of Mechanics Materials and Civil Engineering, UCLouvain, Belgium. Attendees were coming from 13 European countries, Canada and USA.

Three annual meetings were previously organized in Lille, France (https://bma2015.sciencesconf.org) (1); in Rotterdam, the Netherlands (https://adiposity.sciencesconf.org/) (2); and in Lausanne, Switzerland (https://bma2017.sciencesconf.org) (3). The fourth annual meeting, once again organized in Lille, France, brought together physicians and scientists working on rheumatology and bone biology, oncology, hematology, endocrinology, and metabolic diseases, all interested in BMA. The meeting was organized in the continuity of the previous ones, with the same purpose of facilitating exchanges between members of the emerging scientific community interested in BMA. To reflect the diversity of the attendees, oral communications were organized in five sessions: bone marrow adipocyte (BMAd) biology, BMA and clinical translation, BMA imaging, BMA in hematology and cancer, and finally BMA and metabolism. Details on the sessions and the contributors are given in Appendix A (Supplementary Material). For the first time, Meet the Professor sessions were organized with the precious involvement of C.J. Rosen and A.V. Schwartz. Finally, each working group, dedicated to nomenclature, methodologies, biobank, public engagement, data repositories, and sponsorship met to start or continue its work.

The submitted abstracts were ranked by all members of the Scientific Board of the BMA Society (BMAS), leading to 21 oral presentations and eight poster presentations. Two junior presentations (by M. Tencerova and A. Lovdel) were awarded by the Scientific Board of the BMAS by a free registration for the next BMA congress in Odense, Denmark.

In the present report, data unpublished at the time of the congress were highlighted by the symbol §.



SCIENTIFIC COMMUNICATIONS AND DEBATES


Bone Marrow Adipocyte Biology

Data on the biology of BMAds remain rare and far between. Moreover, some of these data appear to be contradictory. This situation justified a session dedicated to the biology of BMAds including two invited talks given by Prof. C.J. Rosen and Prof. B.C.J. van der Eerden. Based on relevant and remarkable data from the literature and their own work, speakers highlighted the specificity of BMAds related to their location in the skeleton and the hematopoietic niche, their endocrine, paracrine and autocrine functions, and the unique regulation of BMA. The main points presented by C.J. Rosen were: (i) links between PGC1α expression and BMA in mice depending on the bone analyzed (4), (ii) the effect of PTH on BMAd size, perhaps through stimulation of lipolysis (5), (iii) the hypothetic involvement of differentiation and dedifferentiation processes allowing changes between adipocyte and pre-adipocyte states (6), and (iv) links between mitophagy in stromal cell differentiation and their activity or ability to differentiate §. B.C.J. van der Eerden introduced the use of bioinformatics to study skeletal stem cell adipogenesis pathway. His study of the changes that occur in gene expression during the very early moments after induction revealed the first temporality of the processes that lead to adipocyte differentiation. This wide approach allowed the use of Connectivity Map (CMap) leading to the identification of new factors like parbendazole that are highly involved in adipocyte or osteoblast differentiation (7).

Other presented data gave more information on the nature of BMAds. In their study, E.L. Scheller and C.S. Craft used 3D electron microscopy to show that these cells have an extensive mitochondrial network (8). They are capable of adrenergic-induced lipid droplet remodeling but neither of UCP1 expression nor thermogenesis in vivo (9).

Relationships between BMAds and RANKL were also discussed in two studies. Indeed, N. Bravenboer showed that BMAds display changing activities like expression of RANKL after ovariectomy §. E. Douni revealed that transgenic overexpression of RANKL is associated in mice with high BMA and high bone resorption. Moreover, the same study showed that the inhibition of osteoclastogenesis is associated with low BMA §. R. Labella demonstrated high bone resorption and high osteoclastogenesis in female mice with a gain of function mutation of Gsα expressed under the control of an AdipoQ promoter, suggesting that BMAds may affect the bone/bone marrow microenvironment through the Gsα/cAMP signaling pathway §. Finally, G. Frangi pointed out links between the inactivation of the sodium-phosphate co-transporter, recently shown to be deleterious for ossification and bone quality (10), and BMA. Interestingly, the induced BMA increase is not associated with changes in plasma levels of adiponectin §.



BMA and Clinical Translation

Prof. A.V. Schwartz gave an invited lecture on the clinical determinants of BMA. While it was shown that BMA is under the control of gonadal and pituitary hormones in rodents, conclusive studies on the changes and differences in BMA that occur between men and women, during life and during menstrual cycle, remain scarce (11). Clinical and translational studies suggest that, depending on the situation or protocol, estradiol and testosterone plasma levels, or treatments with these hormones could be associated with a slightly low vertebral BMA in men and women for both kind of hormone (12, 13).

Data from two observational studies on several hundreds of subjects from the AGES—Reykjavik cohort were presented. The first one, presented by G. Woods, identified high vertebral BMA as a predictor of greater reductions in bone quality in spine, hip and femoral neck of older women §. The second one, presented by A. Veldhuis-Vlug, demonstrated an association between FSH and greater vertebral BMA in older women. Interestingly, for both studies no association was found in older men §.

Data from two interventional studies were also presented. A. Velduis-Vlug, starting from the positive effects of PTH treatment on bone from mice associated with decreased BMA, showed a trend toward lower BMA after treatment with Abaloparatide or Teriparatide in postmenopausal women (Abaloparatide-SC Comparator Trial In Vertebral Endpoints -Active- trial) with osteoporosis with beneficial effects on bone §. P.H. Bisschop pointed out the bariatric surgery (Roux-en-Y gastric bypass)-induced decrease in vertebral BMA of non-diabetic post-menopausal women. Compared with other studies, these data lead to suppose different effects of RYGB on BMA and bone depending on menopausal and diabetic statuses §.



BMA Imaging

Exploring in vivo bone marrow adiposity (BMA) using clinical imaging tools remains challenging. It is also of crucial interest to bring clinical and basic research closer together, as this could lead to relevant therapeutic solutions. In his invited lecture, S. Badr proposed magnetic resonance imaging (MRI) as the current best available technique to qualitatively and quantitatively assess BMA, especially through single-voxel proton spectroscopy and chemical shift encoding-based water fat imaging. However, interfaces between trabecular bone and BMA foster a local magnetic inhomogeneity that must be taken into consideration to provide accurate measurements (14). He proposed that future works might aim to extend the two main clinically available quantitative parameters—the proton-density fat fraction and lipid unsaturation level—to other imaging features to best depict BMA.

Additionally, two studies that illustrated what could be expected of MRI tools were presented. N. Sollmann investigated the relationship between vertebral BMA and paraspinal muscle fat composition, two parameters shown to be altered in various diseases. Interestingly, postmenopausal but not premenopausal women display high and correlated levels of fat in the two tissues (15). E. Burian presented a second study designed to better characterize BMA, and particularly its spatial heterogeneity. This feasibility study was driven on healthy pre- and postmenopausal women, using chemical shift encoding-based water-fat magnetic resonance imaging. Data from this study led to the validation of the approach and allowed to conclude to an increased bone marrow heterogeneity in lumbar spine of postmenopausal women (16).



BMA in Hematology and Cancer

The close location of BMAds and hematopoietic stem cells (HSCs) in the bone marrow, as well as results from in vitro experiments, support the hypothesis of direct interactions between these two cell types (17). During her invited lecture, Prof. O. Naveiras highlighted the rapid transition from red to yellow marrow within 1–3 weeks after chemotherapy, radiotherapy, or even food restriction and in some situations the fast reversion to red marrow. Also, the differences between environments of endosteal and perivascular HSC were taken into account, and the relationships between BMAds and HSCs seem to be complex because BMAds appear to compromise HSC-derived progenitors but not primitive HSC functions. Moreover, BMAds and preadipocytes seem to act differently on hematopoiesis.

Several studies highlighting these relationships were presented. With the ambition to accelerate the red-to yellow-to red transition after irradiation-induced bone marrow aplasia, S. Rojas-Sutterlin presented a first study that characterized changes of the stromal cell compartment in this situation, and identified phenotypic populations with differential kinetics. The adipocyte differentiation axis was particularly studied and associated with hematopoietic recovery §.

D. Mattiucci showed the results of a second study, also dealing with this relationship but in a caloric restriction situation. He concluded that adiponectin is mainly produced by BMAds in this situation and is not directly acting on bone marrow HSCs, but it contributes to the immunomodulatory effects of caloric restriction §.

M. Reagan studied the involvement of BMAds in the efficacy of antimyeloma treatments with dexamethasone. She showed that BMAds or their conditioned media support MM1S myeloma cells drug resistance, possibly through the action of IL-6. Moreover, treatment with anti-sclerostin antibody to decrease BMA in vivo lowers the resistance properties of myeloma cells §.



BMA and Metabolism

It is well-known that obesity and associated disorders are related with dysfunctional white adipose tissue (WAT) metabolism and a secretory pattern. During her invited lecture, Prof. M.J. Moreno Aliaga wondered whether brown adipose tissue (BAT) could be an anti-obesity and anti-diabetic tissue. She highlighted the therapeutical potential of some of the specialized pro-resolving lipid mediators (SPMs) such as maresin1, on dysfunctional adipose tissues (18). In ob/ob and diet-induced obesity mice, this SPM induces beneficial effects on WAT, activates BAT, and decreases insulinemia (19).

Six studies were presented during this session. K. Suchacki showed that adipocytes from the bone marrow and the WAT in human but also from rabbits are molecularly and functionally distinct. She demonstrated that insulin does not induce an increase in glucose uptake in most of the bone marrow cavities, but interestingly this result is depending on anatomic localization §.

M. Tencerova showed results on high fat diet mice suggesting that the diet induces insulin resistance in mesenchymal stem cells from subcutaneous adipose tissue but not in skeletal stem cells from bone marrow (20). This study also showed an increased insulin signaling in BMSCs from obese patients compared to those from lean subjects, hypothesizing that these data reflect an evolutionary conserved mechanism for bone as energy storage organ §.

Interestingly, in the postmenopausal state, also associated with metabolic alterations, S. Lucas demonstrated that BMAds show an evolving phenotype. In this context, or under high glucose exposure, BMAds express pro-osteoclastic, and/or anti-osteoblastic factors suggesting that they could contribute to the bone loss of postmenopausal osteoporosis §.

C.S. Craft enlarged the field of thinking by including the nervous system as a possible regulator of BMA. Indeed, her study showed that neuropathy-resistant mice are protected against type-1diabetes-induced neuropathy, bone marrow fat expansion, and bone alterations §.

P. Boroumand's study focused on the relationship between obesity-induced inflammation and bone marrow. Notably, she wondered whether increased BMA favors the development of inflammatory monocytes in this context. In vivo and in vitro results suggest that the high fat diet-induced changes in BMAd functions could be directly responsible for the activation of monocytes in the bone marrow §.

A last study from A. Lodvel on the involvement of glucocorticoids on caloric restriction-induced BMA increase revealed that in this context BMAT expansion is not sufficient for trabecular bone loss and that caloric restriction-induced alterations of bone and bone marrow are sex-dependent in mice. Moreover, the knockout of 11b-hydroxysteroid dehydrogenase type 1 protects male mice but not female mice from caloric restriction-induced increase in BMA §.




WORKING GROUPS


Nomenclature

Among the most developed groups, the working group for Nomenclature (Chairman: W.P. Cawthorn) has been working for almost 1 year to identify the terminology that has been used in the BMA field, and to propose a unified nomenclature system that will provide clarity and consensus as research into BMA continues to increase. The Nomenclature working group has pursued this work on the basis of the literature and the wide expertise of its members. During its meeting session at BMA2018, this working group validated propositions on 28 terms that have been used in the BMA research field, deciding which of these terms to use, and which to stop using. For those terms recommend to use, an exact meaning was also proposed. Finally, the group agreed to start the writing of a white paper on this subject. These recommendations are proposed as a review article in the present issue on BMA.



Methodologies

The working group Methodologies (Chairwomen: O. Naveiras and A. Veldhuis-Vlug) is preparing a review paper on the existing methodologies to characterize BMA. The working group members are all active researchers in the field of BMA, both clinical and preclinical. The working group members searched the literature for articles describing the investigation of BMA and discussed the results during personal and telephone conferences. The consensus opinion, both based on the review of the literature and on expert opinion, will be discussed in the review. The following topics will be tackled: (1) cell isolation, culture, differentiation and in vitro modulation of primary bone marrow adipocytes and adipocytic precursors, (2) histomorphometry of bone marrow adipocytes in 2D and 3D, (3) imaging of BMA in vivo with magnetic resonance imaging, (4) imaging of BMA ex vivo with contrast enhanced computed tomography, (5) in vitro microscopy, and (6) modulation of BMA in animal models.



Biobank

The BMAS working group on Biobank (Chairman: B.J.C. van der Eerden) has discussed how to proceed with its ambition to generate standardized approaches toward isolation, characterization and long-term storage of tissues/cells and data related to BMA. Additional aspects of biobanking that the working group will scrutinize are privacy regulations regarding participants/patients, data protection, and ethical guidelines. Obviously, within an international community focusing on BMA with a desire to unify methodologies and guidelines, challenges will emerge, and which will be the focus of the working group.



Public Engagement

Chair position for the working group Public engagement was transferred from E.L. Scheller to C.S. Craft. This working group proposed to assist E.L. Scheller in planning 2020 Seattle BMAS meeting. Members of this group would like to set up a LinkedIn account for BMAS similar to ASBMR's page. We also suggest adding a lab website link to each BMAS member name on the BMAS website.



Data Repositories

A first meeting of the working group Data repositories (Chairman: A. van Wijnen) allowed discussions on the objective of sharing data and on how to obtain omics data suitable for later comparisons.



Sponsorship

Chair position for the working group Sponsorship was transferred from G. Penel to P.H. Bisschop. Among the items discussed during this first meeting of the working group a standardization of the contracts with the sponsors of the congresses was proposed on the basis of those used for the current meeting. The presentation of the sponsors on the websites (congress and society) was identified as a crucial point.




CONCLUDING REMARKS AND PERSPECTIVES

This congress confirmed the dynamism of this young field of research. Indeed, numerous investigators showed their results related to all the fields of research interested in BMA (rheumatology and bone biology, oncology, hematology, endocrinology, and metabolic diseases). Moreover, several of the presented studies have been published since the congress (5, 8–10, 14, 15) or just before (4, 6, 13, 16–18, 20).

For the first time, each working group within the BMA Society (BMAS) met to work on its specific topic, resulting in the submission of two white papers. A long term work was initiated by the other working groups.

Also, the organization of the 2020 Seattle BMA congress was strengthened. Indeed, the young and dynamic BMAS discussed the organization of future BMA congresses. BMA 2019 will be organized in Odense (Denmark), whereas BMA2020 will be affiliated to the annual congress of the American Society for Bone and Mineral Research (ASBMR) in Seattle (USA).

As future perspective, the authors believe that the BMAS has to play a crucial role in holding this multidisciplinary community together, and in stimulating close interactions between the players in this field of research. Indeed, it is research at the forefront of scientific and technological development and knowledge, as confirmed by the presentations given during BMA 2018 congress, which brought a large overview on this tissue and demonstrated its involvement in numerous physiological functions and pathologies. One of the most interesting points was that BMAds seem to be adaptive and their activities depend on the context. Thus, a multidisciplinary approach seems essential to allow a rapid and certain progression of knowledge of this tissue and the use of this knowledge for therapeutic purposes. Additionally, we are convinced that the development of clinical imaging tools for routine assessment of BMA will be a challenging but decisive step.
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In bone diseases such as osteonecrosis and osteoporosis, a shift toward a preferential differentiation of mesenchymal stromal cells (MSC) into adipocytes at the expense of the osteoblastic lineage is described, leading to excessive accumulation of adipocytes in the bone marrow of the patients. The influence of cytokines and adipokines secreted by adipocytes on skeletal health is already well-documented but the impact of free fatty acids release on bone cell biology and viability is an emerging concept. We have previously demonstrated that the saturated fatty acid (SFA) palmitate (Palm) is cytotoxic for human MSC (hMSC) and osteoblasts whereas oleate (Ole), a monounsaturated fatty acid (MUFA), has no toxic effect. Moreover, Ole protects cells against lipotoxicity. Our observations led us to propose that the toxicity of the SFA is not correlated to its intracellular accumulation but could rather be related to the intracellular SFA/MUFA ratio, which finally determines the toxic effect of SFA. Therefore, in the present study, we have investigated the potential protective role of the enzyme stearoyl-CoA 9-desaturase 1 (SCD1) against the deleterious effects of Palm. SCD1 is an enzyme responsible for desaturation of SFA to MUFA; its activation could therefore lead to modifications of the intracellular SFA/MUFA ratio. In the present study, we showed that hMSC express SCD1 and liver X receptors (LXRs), transcription factors regulating SCD1 expression. Human MSC treatment with a LXRs agonist triggered SCD1 expression and drastically reduced Palm-induced cell mortality, caspases 3/7 activation, endoplasmic reticulum stress and inflammation. We also observed that, in the presence of Palm, the LXRs agonist provoked lipid droplets formation, augmented the total cellular neutral lipid content but decreased the SFA/MUFA ratio when compared to Palm treatment alone. Addition of an inhibitor of SCD1 activity abrogated the positive effects of the LXRs agonist, suggesting that SCD1 could play a key role in protecting hMSC against lipotoxicity.

Keywords: human mesenchymal stromal cells (hMSC), fatty acids, lipotoxicity, endoplasmic reticulum stress (ER stress), inflammation, liver X receptor activator, stearoyl-CoA 9-desaturase 1 (SCD1), bone diseases


INTRODUCTION

Osteoporosis (OP) and non-traumatic osteonecrosis (ON) are bone diseases affecting the quality of life. They are associated with low bone mass and increased fracture risk (1, 2). The prevalence of OP and ON is growing (3) and, although both diseases share some common risk factors (i.e., alcohol abuse and glucocorticoid treatment), their etiology is still not well-understood. It is now established that OP and ON are characterized by a decreased number of bone marrow mesenchymal stromal cells (MSC) and adipocyte accumulation in the bone marrow niche (4–6). Adipocytes release adipokines, cytokines and free fatty acids (FFA) that might influence skeletal cell survival and function and, hence, affect bone remodeling (2, 7–9).

FFA are an essential energy source for various cell types but it is recognized that a chronic exposure to high concentrations of those nutrients may be deleterious for cell function and survival in a process called lipotoxicity. The cellular and molecular mechanisms involved in lipotoxicity are still not completely understood although different processes have been described, including reactive oxygen species production (10), ceramide synthesis (11), and endoplasmic reticulum (ER) stress initiation (12). Lipotoxicity has been widely studied in different cell types including hepatocytes (13), pancreatic β cells (14), podocytes (15), and artery endothelial cells (16) but was poorly investigated in human MSC (hMSC). The role of lipotoxicity in the pathogenesis of bone diseases associated with lipid metabolism abnormalities such as OP and ON is now the subject of growing interest.

In a previous work, we showed that palmitic acid (Palm; C16:0), a saturated fatty acid (SFA), induced apoptosis of hMSC and osteoblasts. Cell death was preceded by activation of endoplasmic reticulum (ER) stress, pro-apoptotic pathways and by induction of a pro-inflammatory state. Addition of oleic acid (Ole; C18:1), a mono-unsaturated fatty acid (MUFA), prevented the deleterious effects of Palm by favoring its channeling and esterification in lipid droplets (LD) (17). We further demonstrated that SaOS-2 cells, a human osteoblastic cell line (18), co-treated with Palm and Ole accumulated higher intracellular amounts of Palm than SaOS-2 cells exposed to Palm alone (17). These observations led us to propose that the toxicity of the SFA is not correlated to its intracellular accumulation but, rather, could be related to the intracellular SFA/MUFA ratio (17).

In order to validate this hypothesis, we have now evaluated the implication of stearoyl-CoA 9-desaturase (SCD1) in hMSC protection against lipotoxicity. SCD1 catalyzes the desaturation of Palm and stearic acid (C18:0) in their monounsaturated counterparts, Cis-9-palmitoleic acid (C16:1) and Ole. Insulin, carbohydrates, SFA, MUFA, polyunsaturated fatty acids (PUFA) and cholesterol (19, 20) modulate expression of SCD1 by activation of different transcription factors such as liver X receptors (LXRs), peroxisome proliferator-activated receptors α, sterol regulatory element-binding proteins and CCAAT-enhancer-binding proteins (C/EBP)α.

LXRs are members of the nuclear hormone receptors superfamily of ligand-activated transcription factors inducing the expression of target genes after ligand binding. Oxysterol, oxidized cholesterol, cholesterol biosynthesis intermediates and glucose are natural ligands of LXRs and synthetic agonists of LXRs like T0901317 and GW3965 are routinely used for in vitro experiments (16, 21). LXR has two isoforms: LXRα that is mainly expressed in metabolically active tissues such as liver, intestine, macrophages, and adipose tissue and LXRβ which is ubiquitously expressed (21, 22).

In the present study, we postulate that LXRs activation could protect hMSC from lipotoxicity by modulating SCD1 expression and, consequently, inducing modifications of the intracellular SFA/MUFA ratio. Therefore, we examined the expression and regulation of the two isoforms of LXR in hMSC and we investigated the effect of a synthetic LXRs agonist, T0901317, on gene and protein expression as well as on cell function and survival.



MATERIALS AND METHODS


Isolation, Culture, and Characterization of hMSC

hMSC were obtained from bone marrow aspirated from the posterior iliac crest of healthy volunteers and patient affected by osteonecrosis (all donors were aged ≥18 years). The study was approved by our local institutional ethical committee, Comité d'Ethique hospitalo-facultaire Erasme-ULB (021/406), agreation number by “Ordre des Médecins” OM021. All participants gave their written consent. Bone marrow was diluted 1:0.5 with PBS and overlaid on Ficoll-Paque PREMIUM (GE Healthcare, Diegem, Belgium). Mononuclear cells were isolated after centrifugation and seeded at a density of 5.7 × 104 cells/cm2 in DMEM low glucose (1 g/l; Invitrogen, Gent, Belgium) supplemented with 10% FBS (Sigma-Aldrich, Diegem, Belgium), 100 U/ml penicillin and 100 μg/ml streptomycin (Invitrogen, Gent, Belgium). The culture medium was renewed after 4 days of culture and then every 2–3 days until cells reached confluence. hMSC were detached by enzymatic treatment (Trypsin-EDTA; Invitrogen, Gent, Belgium) every week and seeded at a density of 5.7 × 103 cells/cm2 until passage 8. In order to confirm the mesenchymal nature of the isolated cells, phenotyping by FACS flow cytometer and differentiation assays were performed (17). SaOS-2 cells, a human osteoblastic cell line (a kind gift from Bone Therapeutics, Gosselies, Belgium) were grown in McCoy's 5A medium (Invitrogen, Gent, Belgium) supplemented with 10% FBS, 100 U/ml penicillin and 100 μg/ml streptomycin. Culture conditions were the same as with hMSC.



Free Fatty Acid Treatment

Sodium oleate and sodium palmitate (Sigma-Aldrich Diegem, Belgium) were weighted and then solubilized in 90%/10% ethanol/water at 70°C to prepare 50 mM stock solutions. Before use, Palm and Ole were diluted in the appropriate culture medium (see below) containing 1% fatty acid free bovine serum albumin (BSA; Sigma-Aldrich, Diegem, Belgium). Taking into account the stepwise equilibrium model and the respective binding affinities of Palm and Ole for BSA (23) the free concentrations of palm and Ole used in our study are close to the physiological ones (24): it is estimated that in the presence of 0.5 mM total FA and 1% BSA, the free (i.e., unbound to BSA) Palm and Ole concentrations are, respectively, 27 nM and 47 nM (25). For FFA supplementation experiments, cells were cultured for the indicated times in a FA-specific medium composed of DMEM low glucose (hMSC) or McCoy's 5A (SaOS-2 cells) medium supplemented with 1% FBS, 100 U/ml penicillin, 100 μg/ml streptomycin, 1% FFA free BSA (Sigma-Aldrich, Diegem, Belgium) and, when required, diluted Palm and/or Ole (0.25–0.50 mM). As Palm and Ole were solved in ethanol, a similar dilution of the alcohol was added in the control culture condition (e.g., absence of FA).

T0901317 (N-(2,2,2-trifluoro-ethyl)-N-[4-(2,2,2-tri-fluoro-1-hydroxy-1-trifluoromethyl-ethyl)-phenyl]benzene-sulfonamide, Sigma-Aldrich Diegem, Belgium), the LXRs agonist, was solubilized in DMSO and used in pretreatment during 16 or 24 h and for treatment during 16, 24, or 48 h at 1–10,000 nM. CAY 10566 (CAY), the SCD1 inhibitor (3-[4-(2-chloro-5-fluorophenoxy)-1-piperidinyl]-6-(5-methyl-1,3,4-oxadiazol-2-yl)-pyridazine, Santa Cruz Biotechnology, Heidelberg, Germany) was dissolved in DMSO and used at 25 μM during 16, 24, or 48 h of treatment. Diluted DMSO was added in the control condition.



Determination of Cell Viability

Cells were seeded in 96-well plates at a density of 14.7 × 103 cells/cm2 for hMSC, and 20.6 × 103 cells/cm2 for SaOS-2 cells. After 3 days, culture media were replaced by the FA-specific medium containing or not increasing concentrations of Palm and/or Ole for the indicated times and concentrations. At the end of the treatment period, the cells were washed and incubated for 15 min with the nuclear binding dyes propidium iodide 10 μg/ml (Sigma-Aldrich Diegem, Belgium) and Hoechst 33342 10 μg/ml (Sigma-Aldrich Diegem, Belgium). Cell viability was examined by inverted microscopy (Axiovision Zeiss, Zaventem, Belgium) with UV excitation (λ excitation/emission: 365/397 nm). Living cells were characterized by their intact nuclei with blue fluorescence, whereas dead cells were depicted by yellow-red fluorescence. In each experimental condition, a minimum of 500 cells were counted.



Measurement of Caspases-3/7 Activity

Caspases-3/7 activity was determined using the Caspase-Glo® 3/7 assay (Promega, Leiden, The Netherlands). 29.4 × 103 cells/cm2 were seeded in 96-well white plates. After 3 days, culture media were replaced by FA-specific medium supplemented with increasing concentrations of Palm, complemented or not with Ole, for the indicated times. At the end of the incubation period, 100 μl of culture medium were replaced by 100 μl of Caspase-Glo reagent resulting in cell lysis and cleavage of the Caspase-Glo® 3/7 substrate by the activated caspases. The luminescent signal generated was detected after 1 h using a Victor2 (PerkinElmer, Zaventem, Belgium).



Quantification of mRNA Expression by Quantitative Polymerase Chain Reaction (qPCR)

Total RNA was isolated from cells seeded 3 days before treatment in 6-well plates at a density of 10.4 × 103 cells/cm2, using AURUMTM kit (Bio-Rad, Nazareth Eke, Belgium) according to the manufacturer's protocol. Total RNA (100 ng) was reverse transcribed in 20 μl using iScript cDNA synthesis kit (Bio-Rad, Nazareth Eke, Belgium). qPCR reactions were performed using a CFX96 thermal system (Bio-Rad, Nazareth Eke, Belgium) in a total reaction volume of 20 μl containing 3 mM MgCl2, 0.3 μM (each) forward and reverse primers (Table 1) (Eurogentec, Seraing, Belgium), 10 μl SYBR Green mix (Bio-Rad, Nazareth Eke, Belgium), and 2 μL cDNA. The cycling program was as follow: 95°C for 3 min followed by 40 cycles at 95°C for 30 s and 60°C for 30 sec. Hypoxanthine phosphoribosyltransferase 1 (HPRT1) was used as housekeeping gene.


Table 1. Primer sequences for real-time PCR.
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Western Blotting

hMSC (10.4 × 103 cells/cm2 in 6-well plates) were treated with FFA and then lyzed with Laemmli buffer (10% glycerol, 0.5 mM DTT, 63 mM Tris-HCl, 1% SDS, pH 6.8) containing a cocktail of proteases and phosphatases inhibitors (Roche Diagnostics, Vilvoorde, Belgium). Proteins were quantified by a paper dye binding assay. Equal protein amounts were separated by SDS-PAGE using 10% polyacrylamide gels. Proteins were transferred on polyvinylidene difluoride (PVDF) membranes Immobilion-P (Millipore, Overijse, Belgium) and immunolabeled overnight at 4°C using SCD1 antibody (rabbit, #2438, lot 2, Cell Signaling Technology, Leiden, The Netherlands). Membranes were then incubated for 1 h at room temperature with the secondary antibody peroxidase-conjugated ECLTM (GE healthcare, Diegem, Belgium). The immune complexes were detected by using the enhanced chemiluminescence method (Western Lightning® Plus-ECL, PerkinElmer Inc, Zaventem, Belgium). Band densities were quantified by ImageJ program (NIH, Bethesda, USA). Results were expressed as relative ratio between the protein of interest and β-actine (rabbit, #4967, lot 7, Cell Signaling Technology, Leiden, The Netherlands).



Detection of Intracellular Lipid Droplets

SaOS-2 cells were seeded in 6 well plates at 20.6 × 103 cells/cm2. When required, cells were pretreated with T0901317 (10 μM) during 16 h. After 24 h incubation in the presence or absence of Palm (0.25 mM), T0901317 (10 μM) and/or CAY (25 μM), SaOS-2 cells were washed twice with PBS and fixed with 4% paraformaldehyde for 15 min. The neutral lipids accumulated in intracellular LD were stained by BODIPY™ 493/503 (D3922, Thermofisher, Alost, Belgium) 1 μg/ml for 1 h. Nuclei were stained by Hoechst 33342 10 μg/ml (Sigma-Aldrich, Diegem, Belgium) for 10 min. After coloration, cells were rinsed twice with PBS before microscopic observation, in DMEM without FBS at room temperature using an Axiovert 200M fluorescence microscope and Axiocam MRm (Axiovision Zeiss, Zaventem, Belgium). The images have been merged with Axiovision software and scales have been added with ImageJ program (NIH, Bethesda, USA).



Ultrastructural Analysis by Electron Microscopy (EM)

SaOS-2 cells were seeded in flask of 75 cm2 at a density of 20.6 × 103 cells/cm2. Cells were pretreated with or without T0901317 (10 μM) during 16 h and further cultured in control conditions or treated for 24 h with Palm (0.25 mM), T0901317 (10 μM) and/or CAY 10566 (CAY) (25 μM). Cells were then collected and centrifuged at 320 g and the pellets were fixed with 4% (v/v) glutaraldehyde in 0.1 mol/L phosphate buffer (Millonig's buffer) at pH 7.4 for 1 h at RT. After 24 h washing in Millonig's buffer containing 0.5% sucrose (w/v), cells were post-fixed in 2% (w/v) OsO4 for 45 min, dehydrated, and embedded in Epon. Ultrathin sections were counterstained with lead citrate and uranyl acetate and observed with a Zeiss EM 109 at 50 kV (26). Scales have been added on images with ImageJ program (NIH, Bethesda, USA).



Gas Chromatography Analysis

SaOS-2 cells were seeded in flasks of 75 cm2 at a density of 20.6 × 103 cells/cm2,and pretreated with or without T0901317 (10 μM) during 16 h. To evaluate the cellular content of FA after 24 h of treatment in the presence or absence of Palm (0.25 mM), T0901317 (10 μM), and/or CAY (25 μM), cells were washed with PBS, scrapped and collected in 1 ml lysis buffer (1% SDS, 60 mM Tris-HCl and 10 mM EDTA). Total lipids were extracted with chloroform/methanol/water (2:2:1) and separated on a solid phase extraction -columns (Bond Elut-NH2, 200 mg, 3 ml, Agilent, Diegem, Belgium) in 3 fractions: free FA, neutral lipids (e.g., mono-, di- and triglycerides and cholesterol esters) and phospholipids. Quantification and characterization of the FA profile of the 3 lipidic fractions were then performed according to Louis et al. (27) on a Agilent 6890 series gas chromatography with a Supelco 24019 column (Sigma-Aldrich, Diegem, Belgium).



Statistical Analysis

Data are presented as means ± SEM. Values were determined from at least three independent experiments. Statistical analysis was performed by SPSS using Student's t-test or one-way ANOVA followed by t-test with the Fisher LSD correction for triple comparisons. Differences between groups were considered as statistically significant at p < 0.05.




RESULTS


LXRs Activation Triggers LXRα Expression in hMSC

T0901317 is a non-steroidal agonist of both isoforms of the transcription factor LXR, inducing the expression of genes under their control (28). To study the effect of LXRs activation, hMSC were pretreated during 16 h with T0901317 (1 nM to 10 μM) before a further 24 h culture period in the absence or presence of 0,25 mM of Palm or Ole.

As previously described in other cell types, T0901317 increased LXRα mRNA in a dose-dependent manner in hMSC but neither Palm, nor Ole significantly affected LXRα expression (Figure 1A). Neither T0901317, nor Ole (0.25 mM), nor Palm (0.25 mM) modulated the expression of LXRβ, the FFA being tested individually or in combination (Figure 1B).


[image: Figure 1]
FIGURE 1. T0901317 increases the expression of LXRα. hMSC were pretreated during 16 h with T0901317 and treated for 24 h with T0901317 in the absence of Palm (white column) or in the presence of Palm 0.25 mM (gray column), Ole 0.25 mM (shaded column). LXRα (A), LXRβ (B), expression were quantified by qPCR using the ΔΔCT method. Values were normalized for HPRT1 expression and are expressed as the ΔΔCT relative to control (Ctrl). Results are mean ± SEM of 9-12 individual experiments. *p < 0.01; **p < 0.001 vs. Ctrl; ##p < 0.001 vs. Palm 0.25 mM.




LXRs Activation Protects hMSC From Palm Cytotoxicity and Represses Palm-Induced ER Stress and Inflammation

As shown before (17), treatment of hMSC with Palm (0.25 mM or 0.50 mM) induced cell death and activated caspases 3/7 (Figures 2A,B). We now demonstrated that addition of T0901317 decreased Palm-triggered cell mortality in a dose-dependent manner. At the highest concentration tested (100 nM), T0901317 abolished cell death and caspases 3/7 activation (Figures 2A,B). T0901317 did not significantly affect cell viability and caspase 3/7 activation (Supplementary Figure 1A).


[image: Figure 2]
FIGURE 2. T0901317 decreases Palm-induced cell death. hMSC were pretreated during 16 h with T0901317 and treated 24 h with T0901317 in the absence of Palm (white column) or in the presence of Palm 0.25 mM (gray column) or 0.50 mM (black column). Cell death (A) was quantified by nuclear staining with Hoechst and propidium iodide. Values are mean ± SEM of 12–17 individual experiments. Caspases-3/7 activity (B) was measured using the Caspases-3/7 Glo assay. Values are expressed relative to Ctrl and are mean ± SEM of 3 individual experiments. *p < 0.05; vs. Ctrl; **p < 0.001; #p < 0.05; ##< 0.001 vs. Palm 0.25 mM; μp < 0.05; μμ < 0.001 vs. Palm 0.50 mM.


Ig heavy-chain binding protein (BiP) and C/EBP homologous protein (CHOP) are usually used as ER stress markers. We confirmed that cell treatment with Palm increased BiP and CHOP mRNA (Figures 3A,B) as well as the expression of the pro-inflammatory cytokines IL6 and IL8 (Figures 3C,D). Furthermore, our results revealed that LXRs activation by T0901317 decreased Palm-induced gene expression related to ER stress and cytokines in a dose-dependent manner in hMSC.


[image: Figure 3]
FIGURE 3. T0901317 counteracts Palm-induced ER stress and inflammation in a dose dependent manner. hMSC were pretreated during 16 h with T0901317 and treated for 24 h with T0901317 in the absence (white column), or in the presence of Palm 0.25 mM (gray column). BiP (A) and CHOP (C) was used as marker of ER stress. IL6 (B), IL8 (D) was used to showed inflammation. Gene expression was quantified by qPCR using the ΔΔCT method. Values were normalized for HPRT1 expression and are expressed as the ΔΔCT compared to control (Ctrl). Results are mean ± SEM of 12 individual experiments. *p < 0.05; **p < 0.01; ***p < 0.001 vs. Ctrl; #p < 0.05; ##p < 0.01 ###p < 0.001 vs. Palm 0.25 mM.




LXRs Activation Increases SCD1 Expression in hMSC

SCD1 is an enzyme implicated in FFA metabolism by converting SFA into MUFA. Its expression is under the control of several factors including LXRs (20). We observed that T0901317, a LXRs agonist, significantly increased SCD1 expression in a dose-dependent manner at both mRNA and protein levels in hMSC (Figures 4A,B). Palm used alone or in combination with T0901317, did not significantly regulate SCD1 protein expression. Of interest, we observed that Ole, tested alone or in combination with Palm, significantly decreased SCD1 mRNA (Figure 4A).


[image: Figure 4]
FIGURE 4. T0901317 increases SCD1 mRNA and protein expression. hMSC were pretreated during 16 h with T0901317 and treated for 24 h with T0901317 in the absence (white column), or presence of Palm 0.25 mM (gray column), Ole 0.25 mM (shaded column). SCD1 mRNA expression (A), was quantified by qPCR using the ΔΔCT method. Values were normalized for HPRT1 expression and are expressed as the ΔΔCT compared to control (Ctrl). Values are mean ± SEM of 12 individual experiments SCD1 protein level (B), was evaluated by Western blotting and normalized for β actine and Ctrl. Values are mean ± SEM of 7 individual experiments. *p < 0.05; **p < 0.01; ***p < 0.001 vs. Ctrl; #p < 0.05; ##p < 0.01 ###p < 0.001 vs. Palm 0.25 mM.




Inhibition of SCD1 Activity Abolishes the Protective Action of the LXRs Agonist in hMSC

CAY 10566 (CAY) is a potent and selective inhibitor of SCD1 activity, thus preventing the conversion of SFA into MUFA (29). CAY did not significantly affected cell death or caspase activity (Supplementary Figure 1B). In the presence of Palm 0.25 mM, inhibition of SCD1 by CAY significantly magnified the toxicity of the SFA, increasing both cell death and caspases 3/7 activation. Furthermore, our results demonstrated that inhibition of SCD1 activity abolished the protective action of the LXRs agonist T0901317 on Palm-triggered cell death and caspases 3/7 activation (Figure 5).


[image: Figure 5]
FIGURE 5. CAY suppresses T0901317 effect on cell viability and caspases 3/7 activation. hMSC were pretreated during 16 h with T0901317 and treated 48 h with T0901317, CAY 25 μM in the absence (white column) or presence of Palm 0.25 mM (gray column). Cell death (A) was quantified by nuclear staining with Hoechst and propidium iodide. Values are mean ± SEM of 4 individual experiments. Caspases-3/7 activity (B) was measured using the Caspases-3/7 Glo assay. Values are expressed relative to Ctrl and are mean ± SEM of 3 individual experiments. *p < 0.05; **p < 0.01 vs. Ctrl; #p < 0.05; ##p< 0.01 vs. Palm 0.25 mM; $p < 0.05; $$p < 0.01 vs. Palm 0.25 mM + T0901317 100nM.




Activation of LXRs Increases FFA Incorporation in Lipid Droplets in SaOS-2 Cells

We further evaluated the impact of LXRs activation and SCD1 inhibition on ER morphology in Palm-treated cells. Cell imaging by EM and FA quantification and analysis require large amounts of biological material. As hMSC are a rare and precious resource, SaOS-2 cells, a human osteoblastic cell line, were used to perform EM as we previously demonstrated that those cells are highly sensitive to lipotoxicity, showing a greater decrease of cell viability and a stronger activation of caspases 3/7 and ER stress in response to Palm than hMSC and hMSC-derived osteoblasts (17). The present results documented that LXRs activation increased SCD1 expression and viability in SaOS-2 cells (Supplementary Figures 2A,B), as observed in hMSC (Figures 2A, 4A).

Lipid droplets (LD) were not detected in SaOS-2 cells cultured in control condition (Figures 6A,E), whereas, as shown in Figure 6B, Palm-treated SaOS-2 cells displayed bodipy signal and we observed by EM that the ER was disrupted and inflated or angular (Figure 6F). Bodipy fluorescence markedly increased in SaOS-2 cells co-treated with Palm and T0901317 (10 μM) (Figure 6C). Moreover, we noticed the presence of numerous large LD surrounding the nucleus and often located in contact with, or close to, mitochondria (Figure 6G); the ER structure appeared unaltered in most of the cells. Addition of CAY, the SCD1 inhibitor, to Palm and T0901317 suppressed LD formation, severely damaged the ER (Figures 6D–H) and induced cell death (Supplementaury Figure 2B).


[image: Figure 6]
FIGURE 6. T0901317 induces LD formation in the presence of Palm and counteracts Palm-induced ER disturbance. SaOS-2 cells were pretreated during 24 h with 10 μM T0901317 (T0) and treated for 16 h with T0901317 10 μM, CAY 25 μM in absence, or in the presence of Palm 0.25 mM. Bodipy staining of lipidic vacuoles, microscopic observations were performed with a 20 fold magnification lenses (A–D). Electron micrographs (E–H). Arrow, inflated ER; discontinued arrow, angular ER; LD, lipid droplet; M, mitochondria.




LXRs Activation Abolishes Palm-Induced Modifications of the SFA/MUFA Ratio in SaOS-2 Cells

We further characterized and quantified the fatty acids (FA) present in the FFA, neutral lipids (NL) and phospholipids (PL) fractions obtained from SaOS-2 cell lysates cultured in control conditions or in the presence of Palm, Palm and T0901317, and/or CAY. The FA profile (i.e., SFA, MUFA, and PUFA contents) of the FFA fraction was unaffected by the different culture conditions (data not shown).

When cells were exposed to Palm, we observed an important accumulation of SFA in the NL fraction whereas the MUFA content was slightly decreased (Figure 7A). Of note, myristic acid (C14:0) augmented but its total amount remained smaller than Palm (Table 2). Taken together, these modifications led to an increase of the SFA/MUFA ratio from 4 to 11 in SaOS-2 cells exposed to Palm.


[image: Figure 7]
FIGURE 7. Relative FA content in SFA and MUFA. Normalized FA composition of SaOS-2 cells extract regroup in 2 classes: SFA and MUFA. Values are expressed relative to Ctrl. SaOS-2 cells were pretreated during 24 h with T0901317 and treated 16 h with T0901317 10 μM, CAY 25 μM in absence, or in the presence of Palm 0.25 mM. The fat extract is separated in 3 fractions: NL (A), PL (B) and FFA (data not shown). Values are mean ± SEM from 4 to 7 individual experiments.



Table 2. Modifications of SFA and MUFA content in SaOs-2 cells treated with Palm, an agonist of LXRs and/or a SCD1 inhibitor.

[image: Table 2]

As shown in Table 2, activation of LXRs by T0901317 in the presence of Palm induced a massive cellular accumulation of NL (10 times the amount measured in the control condition). As both SFA (from 9 to 86 ng/μg cell protein) and MUFA (from 2 to 19 ng/μg cell protein) increased, LXRs activation restored the SFA/MUFA ratio close to its control value (Figure 7A). Of note, Palm represented 65% of the total SFA.

In Palm + T0901317 treated cells, inhibition of SCD1 by CAY decreased twice the NL fraction, as compared to Palm + T0901317 treated cells. As total SFA and MUFA were decreased by 40 and 85%, respectively, the SFA/MUFA ratio increased to 17.3, principally due to modifications of Palm and of Cis-9-palmitoleic acid, Ole and Cis-11-vaccenic acid contents (Table 2).

In the PL fraction (Figure 7B), Palm or Palm + T0901317 treatments did not significantly affect SFA and MUFA content. However, addition of CAY to Palm and T0901317 doubled the SFA content while decreasing 4 times the quantity of MUFA. The SFA/MUFA ratio was thus only significantly affected by the concomitant presence of Palm, T0901317 and CAY in the PL fraction. Of note, despite the fact that we observed that the total lipid content was not significantly modified by Palm, the SFA/MUFA ratio was enhanced by around 50% as Palm content increased while Ole and Cis-11-vaccenic acid amounts decreased (Figure 7B, Table 2). Conversely, addition of T0901317 to Palm reduced the SFA/MUFA ratio, although in a non-significant manner, compared to Palm alone treatment (Figure 7B).

Of note, as expected, in both the NL and PL fractions, Palm slightly raised the quantity of Cis-9-palmitoleic acid whereas addition of T0901317 largely increased it (Table 2).

The objective of the present work is to evaluate the hypothesis that Palm lipotoxicity is prevented by decreasing the SFA/MUFA ratio in hMSC. To reach this purpose, cells were treated with a LXRs agonist in order to trigger SCD1 expression. SCD1 is an enzyme located in the ER membrane where it catalyzes the desaturation of SFA in their monounsaturated counterparts; its expression is upregulated by nutrients such as glucose, fructose, SFA and by LXR activation (30). Due to the very short half-life (3–4 h) of SCD1 protein, the activity of the enzyme is easily controlled via regulation of its expression (31).




DISCUSSION

LXRs are mainly known for their regulatory function on lipid and carbohydrate metabolism by oxysterols, the main natural LXRs ligands (32, 33). Indeed, LXRs regulate expression of genes involved in cholesterol metabolism and efflux. In the liver, LXRs induce the expression of several enzymes, including SCD1 (34). Oxysterols were implicated in osteoblastic and adipogenic differentiation of murine MSC, although their influence is still under debate. In mouse bone marrow-derived MSC, it was reported that activation of LXRs inhibits sonic hedgehog-induced osteoblastic differentiation (35). At the opposite, oxysterols were shown to promote osteoblastic differentiation by activation of both the hedgehog (36) and the LXRs signaling pathways (37) while they reduce adipogenic differentiation in a mouse multipotent bone marrow stromal cell line (36). Moreover, it was documented that oxysterol 20(S)-Hydroxycholesterol stimulates osteogenic differentiation by inducing notch target gene expression (37). Interestingly the overexpression of LXRα has an inhibitory effect on adipocyte differentiation (38), and LXRs activation was shown to decrease osteoclastogenesis and to trigger osteoclast apoptosis (39), thus reducing in vitro bone resorption (40). In a co-culture osteoporosis model of mouse osteoblasts and osteoclasts, LXRs activation counteracts osteoclastogenesis via inhibition of receptor activator of nuclear factor kappa-B ligand (RANKL) production by osteoblasts. In this model, activation of LXRs restores a physiological RANKL/osteoprotegerin ratio, promoting bone homeostasis (41). Up to now, the impact of LXRs activation on the biology of human MSC has been poorly investigated. In a particular cell sub-population, the multilineage-differentiating stress enduring (Muse) cells, LXRs activation has been linked to stem cell self-renewal and immunomodulation (42). The presence of LXRs-responsive elements in the LXRα promoter was previously documented, allowing regulation of LXRα expression by its own ligand in different cell types (43). In the present study, we confirm that hMSC expressed both LXR isoforms and we demonstrate that LXRs activation increases LXRα expression [the isoform particularly implicated in the control of lipid biosynthesis (22)] without affecting LXRβ expression. We further reveal for the first time that LXRs activation totally counteracts the deleterious effects of Palm in hMSC. LXRs were recently described as a connection between lipid metabolism and immune response (44). Indeed, in macrophages, LXRs activation counteracts the effects of LPS on expression of cytokines such as IL6 and IL1β and of the chemokine monocyte chemoattractant protein-1 (MCP-1), probably through modulation of NF-kB activity (45). In hMSC, our results show that LXRs activation decreases the inflammatory process triggered by Palm as IL6 and IL8 expression are significantly reduced. These observations are in line with the results of Wang et al. who demonstrated that activation of LXRs by artificial ligand decreases inflammation via toll-like receptor 4 (TLR4)/NF-κB and Keap-1/Nrf-2 pathways in adipose-derived mouse MSC (46). In macrophages, TLR4 activation reduces LXRs activation and decreases LXRs target gene expression after bacterial infection (47), suggesting a crosstalk between the two signaling pathways. Of interest, SFA are endogenous ligands of TLR4 and we have previously showed that Palm activates NF-kB and increases TLR4 expression as well as IL6 and IL8 secretion in hMSC, suggesting that TLR pathway might be embroiled in Palm-induced lipotoxicity in hMSC (17).

LXRs agonists such as SFA are known to upregulate SCD1 expression while MUFA and PUFA decrease SCD1 transcription in human aortic smooth muscle cells and mouse hepatocytes (30, 31). In the present work, we demonstrate for the first time a dose dependent effect of T0901317, the LXRs agonist on both SCD1 mRNA and protein expression in hMSC. As expected, Ole decreases SCD1 transcription. However, we could not show a significant effect of Palm on SCD1 mRNA and protein expression but this could be related to the high variability of SCD1 expression between subjects (Supplementary Figure 3), as previously documented (48). Our observations are in fair agreement with the literature as Karaskov et al., showed that medium-chain SFA, and particularly lauric acid (C12:0), bind and activate LXRα whereas long-chain SFA have no effect (49). Moreover, Bedi et al. observed that Palm binds to but does not activate LXRα in LXRα-transfected COS-7 cells (50).

The molecular mechanisms involved in SFA-induced lipotoxicity are still not fully understood. Various mechanisms were described (10–12), some are common to all cell types while others are specific of the cell type examined. SFA may provoke cell death by induction of an ER stress as Palm accumulation in the ER induces its engorgement, leading to disruption of the ER homeostasis and activation of the unfolded protein response (UPR) (51). UPR initially acts as a pro-survival response by triggering distinct mechanisms to overcome the ER overload: decreased protein translation, increased ER chaperone synthesis and misfolded protein clearance. If UPR does not successfully manage the ER engorgement, the response switches to activation of a pro-apoptotic pathway and, finally, leads to cell death (13, 41). In hMSC, we previously demonstrated that Palm treatment activates UPR by increasing expression of BiP, an ER chaperone and CHOP, an UPR-related protein inducing cell death. Activation of UPR is concomitant with caspases 3/7 activation and cell death (17). We now demonstrate that the LXRs agonist T090137 counteracts Palm activation of the UPR pathway and of caspases 3/7, thus promoting hMSC survival. All these effects are likely mediated by activation of SCD1 expression since inhibition of SCD1 activity abrogates the beneficial impacts of T090137.

In INS-1E cells, a rat pancreatic β cell line, downregulation of SCD1 expression enhances ER stress and apoptosis (52) whereas increasing SCD1 expression prevents lipotoxicity by favoring the incorporation of Palm in LD (53) These observations are in line with the present work, as we showed that the LXRs agonist T0901317 triggers SCD1 expression, LD formation and protects hMSC from Palm-induced toxicity. To further characterize the effects of Palm on cell organelles by EM, we used SaOS-2 cells, a human osteoblastic cell line, as susceptible to lipotoxicity than hMSC and hMSC-derived osteoblasts (17). Our results establish that Palm treatment distends the ER and induces ER membrane rupture. SaOS-2 cells co-treated with Palm and the LXRs agonist display LD formation and present less ER abnormalities such as inflated, angular or disrupted ER and cell viability is preserved. Lastly, we show that addition of an inhibitor of SCD1 activity to Palm and T0901317 suppress LD formation, provokes substantial damage to the whole cytoplasm and magnifies cell death, demonstrating the key role of SCD1 in the anti-lipotoxicity action of the LXRs agonist.

To further characterize the molecular mechanisms involved in the beneficial action of LXRs activation, we used gas chromatography to determinate the changes in nature and amount of the FA constituting LD and membrane in cells cultured in our different experimental conditions. Cell lipid extracts were separated into three fractions: (1) neutral lipids (NL) that are essentially composed of triglycerides, (2) phospholipids (PL), containing the membrane phospholipids, and (3) FFA, the non-esterified fatty acids. We observed that the lipid composition of this last fraction is unaffected by the different treatments tested (data not shown), as previously stated by Ariyama et al. in Hela cells (54).

In the NL fraction, Palm treatment increases the total lipid amount as well as the SFA/MUFA ratio, which is linked to enhanced cell death. Addition of the LXRs agonist to Palm drastically augments the total amount of NL, particularly the MUFA part, resulting in a decreased SFA/MUFA ratio that is associated with enhanced LD formation, as identified by EM. Upregulation of SCD1 protein synthesis by LXRs activation protects cells from lipotoxicity probably by promoting conversion of Palm to palmitoleic acid and, therefore, favoring its further integration in triglycerides and storage in LD. Indeed, it is known that MUFA are more easily added to diacylglycerol than SFA by the triglyceride-forming enzyme diacylglycerol O-acyltransferase (55). Inhibition of SCD1 activity drastically decreases the MUFA content, leading to a rise of the SFA/MUFA ratio and increased cell mortality. Altogether, these results corroborate the hypothesis that the beneficial action of the LXRs agonist is mediated by SCD1 increased expression and activity. As ER stress is also induced by alteration of the ER membrane fluidity (14, 54, 56), we hypothesized that in Palm-treated hMSC, an increase of saturated PL content could favor stiffening of the membranes and, therefore, participate to ER stress and cell mortality. Indeed, Chamulitrat et al. observed a 2.12 fold increase of the SFA/MUFA ratio in PL concomitant to caspases 3/7 activation when mouse hepatocytes are treated with Palm (56). In our work, even if Palm treatment has no significant effect on the SFA/MUFA ratio in the PL fraction, we observe nevertheless a 1.59 fold increase. Such a rise is weak but was reproducible; improving the experimental protocol by purification of ER membranes could probably permit to reach significant statistical results but this would require a huge number of cells to be performed. Furthermore, our results are concordant with literature and with our EM observations, supporting the idea that the degree of saturation of PL is embroiled in ER stress and cell death (14, 56).

Modifications of the PL membrane SFA/MUFA ratio affects membrane properties by several mechanisms and a membrane enriched in saturated PL shows perturbation of protein activity. Li et al. demonstrated on RAW 264.7 macrophages that saturated PL inhibit the activity of the sarco(endo)plasmic reticulum calcium ATPase-2b (SERCA2b), a calcium pump (57), leading to ER Ca2+ depletion and ER stress. In addition, increasing PL membrane saturation triggers the recruitment of cellular Src kinase to the membrane, activates c-Jun N-terminal kinases (JNK) signaling pathway and so, potentially induces inflammation (58). In hMSC, Palm causes inflammation but we have not observed modifications of JNK phosphorylation (data not shown). Palm may also affect membrane properties simply by modifying its hydrophobic nature as Palm aggregates within the membranes and thus increases membrane permeability (59). While addition of the LXRs agonist to Palm abolishes cell death, we have only observed a weak decrease of the SFA/MUFA ratio in the PL fraction (Figure 7B), mainly due to a significant rise (>25 fold) of Cis-9-palmitoleic acid (Table 2). In hMSC, such an increase could indeed partially restore membrane fluidity and thus contributes to preservation of cell viability, as mentioned in the literature (60).

Taken as a whole, our results suggest that lipotoxicity is not related to the accumulation of intracellular Palm but rather to the SFA/MUFA ratio in NL and PL fractions. Indeed, hMSC co-treated with Palm and the LXRs agonist have the largest amount of Palm in the NL fraction, a SFA/MUFA ratio similar to the control condition and do not suffer from lipotoxicity. In contrast, cells treated with Palm alone or in combination with the LXR agonist and the inhibitor of SCD1 contain less Palm in the NL fraction, present a high SFA/MUFA ratio and increased cell death.

ON and OP are bone diseases sharing common similarities such as bone marrow adipocyte accumulation as well as blood increase in triglycerides, high density lipoprotein (HDL) and cholesterol concentrations (61, 62). In a previous work, we have demonstrated that the bone marrow microenvironment of ON patients is enriched in SFA when compared to healthy subjects (9). Moreover, hMSC isolated from ON patients (ONMSC) are more sensitive to lipotoxicity than hMSC obtained from healthy volunteers (HVMSC). These observations were associated with an inverse regulation of SCD1 expression by Palm: Palm triggered SCD1 expression in HVMSC whereas it reduced it in ONMSC (9). Moreover, the basal expression level of carnitine palmitoyltransferase I, the limiting enzyme of FA β-oxidation, was 2 fold lower in ONMSC than in HVMSC, indicating that lipid degradation is also affected in ONMSC (9). Of note, dysfunctions of the NF-kB, TLR and TNF pathways implicating LXRs were recently highlighted in ON and OP patients (44, 63, 64). Altogether our observations suggest an important role for SCD1 in the prevention of lipotoxicity in hMSC.

Of note, dysfunctions of the NF-kB, TLR and TNF pathways implicating LXRs were recently highlighted in ON and OP patients (44, 63, 64).

In animal models, LXRs agonists are tested to treat hyperlipidemia (65) and atherosclerosis (66). Activation of LXRs has also been studied to treat diabetes. In an in vitro human hyperinsulinemia-induced insulin resistance model, activation of LXRs restores insulin sensitivity and decreases inflammatory phenotype. In such a model, addition of T0901317 restores insulin-stimulated glucose up-take, fatty acid synthase expression and counteracts metabolic disorder by decreasing secretion of the pro-inflammatory cytokine IL6 (67). Due to their ability to counteract lipotoxicity and their putative positive action on bone formation via decreased adipocyte/osteoclast differentiation and favoring osteoblast differentiation (36–38), LXRs agonists appear to be hopeful treatments for bone diseases associated with lipid metabolic disorders like ON and OP. Unfortunately artificial LXRs ligands like T0901317 or GW3965 increase serum triglyceride levels and exacerbate steatosis (68). Use of a selective LXRβ agonist could eventually maintain the beneficial effects as the triggering of SCD1 expression and the anti-inflammatory effect and suppress the impact on hepatic lipogenesis [for review (69)]. Another strategy proposed to avoid deleterious effects on liver is the use of tissue-selective drugs carrier (69). Instead of increasing SCD1 expression via LXRs activation, it would also be conceivable to increase lifespan of the protein by inhibiting the proteasome or by stabilizing the protein through phosphorylation of Y55 (70, 71).

In conclusion, our work demonstrates the essential role of SCD1 as a protective agent against lipotoxicity in bone marrow hMSC. Of interest, a recent study shows modification of SCD1 methylation at the menopausal age (72). Hypermethylation may impact enzyme expression and therefore, activity, and it is well-known that menopausal women are frequently affected by osteoporosis.

Our work also highlights the importance of maintaining a low intracellular SFA/MUFA ratio to preserve cell viability and validates our hypothesis that the SFA/MUFA ratio rather than Palm accumulation is responsible for cell death. This proposal is further supported by the work of Li et al., showing by NMR spectroscopy studies that bone marrow adipose tissue of ON patients is enriched in SFA and depleted of MUFA, leading to an increase of the SFA/MUFA ratio, when compared to controls subjects. Moreover, they correlated a high SFA/MUFA ratio with a lowest bone mineral density (73). In this work we performed in vitro studies on primary cultures of hMSC. Further in vivo studies, using animal models of OP and ON, are needed to better understand the physiological roles of SCD1 and LXRs activation in bone remodeling.

Altogether, our observations support future investigations for the use of LXRs agonists as potential therapeutic tools for bone diseases associated with lipid metabolism dysfunction.
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Research into bone marrow adiposity (BMA) has expanded greatly since the late 1990s, leading to development of new methods for the study of bone marrow adipocytes. Simultaneously, research fields interested in BMA have diversified substantially. This increasing interest is revealing fundamental new knowledge of BMA; however, it has also led to a highly variable nomenclature that makes it difficult to interpret and compare results from different studies. A consensus on BMA nomenclature has therefore become indispensable. This article addresses this critical need for standardised terminology and consistent reporting of parameters related to BMA research. The International Bone Marrow Adiposity Society (BMAS) was formed in 2017 to consolidate the growing scientific community interested in BMA. To address the BMA nomenclature challenge, BMAS members from diverse fields established a working group (WG). Based on their broad expertise, the WG first reviewed the existing, unsystematic nomenclature and identified terms, and concepts requiring further discussion. They thereby identified and defined 8 broad concepts and methods central to BMA research. Notably, these had been described using 519 unique combinations of term, abbreviation and unit, many of which were overlapping or redundant. On this foundation a second consensus was reached, with each term classified as “to use” or “not to use.” As a result, the WG reached a consensus to craft recommendations for 26 terms related to concepts and methods in BMA research. This was approved by the Scientific Board and Executive Board of BMAS and is the basis for the present recommendations for a formal BMA nomenclature. As an example, several terms or abbreviations have been used to represent “bone marrow adipocytes,” including BMAds, BM-As, and BMAs. The WG decided that BMA should refer to “bone marrow adiposity”; that BM-A is too similar to BMA; and noted that “Ad” has previously been recommended to refer to adipocytes. Thus, it was recommended to use BMAds to represent bone marrow adipocytes. In conclusion, the standard nomenclature proposed in this article should be followed for all communications of results related to BMA. This will allow for better interactions both inside and outside of this emerging scientific community.

Keywords: nomenclature, bone marrow adiposity, bone marrow adipose tissue, bone marrow adipocyte, skeletal stem cells, histomorphometry, MRI, computed tomography


INTRODUCTION

Bone marrow adiposity (BMA) is the phenomenon of fat storage within the bone marrow (BM). Several different cell types within the skeleton are capable of lipid uptake, including haematopoietic stem cells and osteoblasts (1–3). However, BM adipocytes are the principal cell type responsible for this BM fat storage. Studies relating to BMA have been published since at least the mid-nineteenth century, yet for much of the twentieth century there was relatively little research in this field. However, the past 20 years have seen a resurgence of interest in this topic: even as publication rates have grown across all fields, publications relating to BMA are increasing at an even greater rate (Figure 1). While the earliest studies of BM adipocytes focused on their roles in haematopoiesis, the field has since expanded to include many other disciplines, including skeletal biology, endocrinology and metabolism, stem cells, cancer biology, ageing, biomedical imaging, and beyond. This multidisciplinary nature is one of the strengths of the burgeoning BMA research community; however, it has also contributed to increasing variability in the terminology used in the BMA literature (Figure 1). This is leading to confusion and risks hindering progress in this field. Therefore, there is a need for a standardised nomenclature to facilitate communication between researchers from different fields, and to provide a foundation and consensus for future research relating to BMA.


[image: Figure 1]
FIGURE 1. Growth in publications and terminology related to bone marrow adiposity. The number of publications and unique terms relevant to the study of bone marrow adiposity (BMA) are shown, arranged by decade of publication. Also shown is the total number of papers indexed in PubMed for each time period. Publications relevant to BMA were identified through a systematic search of PubMed using the following terms: “marrow[Title] AND (fat[Title/Abstract] OR adipose[Title/Abstract] OR adipocyte[Title/Abstract] OR adiposity[Title/Abstract])”; publication dates up to 31/07/2019 were included. Because earlier studies (e.g., pre-1950) are often not indexed in PubMed, many of these papers were added manually based on our existing knowledge of the literature. Search results were then manually assessed to identify publications relevant to the study of BMA and to exclude results that were not directly relevant. This was necessary because many results related to other subjects, such as fat embolisms of bone marrow or, from 2000 onwards, adipose tissue stem cells. This approach identified 568 papers relevant to BMA nomenclature. By reading these papers, we distinguished the full range of terms that have been used to report concepts and/or measurements related to BMA research. If terms were associated with an abbreviation and/or unit of measurement, these were also recorded. Together, this generated a list of 519 unique combinations of term, abbreviation and unit; if two papers used the same term (e.g., bone marrow adipocyte) but with different abbreviations or units (e.g., BMAd vs. BM-AD), then these were counted as two unique terms. The number of papers and unique terms used per decade are shown. Key concepts and methods are described in Table 1, and terms related to these are presented in Tables 2–9. Further details are provided in Supplementary Tables 1–8.


The challenges for BMA nomenclature were first discussed in 2017 at the Third International Meeting on Bone Marrow Adiposity in Lausanne, Switzerland (4). To address this challenge, members of the International Bone Marrow Adiposity Society (BMAS), representing diverse fields, established a Nomenclature Working Group (WG). The authors of this manuscript represent the Nomenclature WG of BMAS. Our WG has since met several times, including via teleconference and in person, to identify the present state of nomenclature relevant to BMA research and to identify recommended terms, abbreviations and units for a standardised nomenclature. As stated in a previous nomenclature position paper for bone histomorphometry (5), “Our purpose is not to encourage or discourage the use of abbreviations and symbols but to ensure that the same ones are used by everybody.”



PUBLICATIONS AND TERMINOLOGY FOR THE STUDY OF BONE MARROW ADIPOSITY: HISTORICAL PERSPECTIVES

The existence of adipocytes as a major component of the BM has been noted since at least the 1860s, when Bizozzero and Neumann independently identified BM as the site of blood production (6, 7). In his seminal 1875 book on histology, Ranvier noted that caudal vertebrae of tailed animals are full of fat (8), further confirming that fat is a constituent of normal BM anatomy. Thereafter, references to fat cells, “yellow marrow” and “yellow adipose tissue” within the BM can be found not only in the writings of Neumann (9), but also in contemporary English-language works on pathology and BM anatomy (10, 11). Indeed, Coats noted that the BM is a place “where normally adipose tissue exists” (10). Use of the term “yellow marrow” underscored its distinction from the “red marrow” in which haematopoiesis occurs.

Piney's excellent 1922 paper summarised these earlier studies of BM anatomy but used the term “fatty marrow” instead of “yellow marrow” or “yellow adipose tissue” (12). Both “fatty marrow,” “yellow marrow,” and “yellow bone marrow” continued to be used interchangeably in the 1930s, sometimes being combined into the term “yellow fatty marrow” (13–19) or “yellow fat” (15). These and other contemporaneous studies continued to highlight the existence of “fat cells” in histological BM sections (15, 16, 18–21) but the term “adipocyte” is rarely used, and some papers ignore this cellular nature by instead referring to “fat spaces,” (22). Still other studies mention BM fat cells without referring to “fatty marrow” or “yellow marrow” (20, 21), and vice versa (17). Thus, in the 1930s it seems that BM adipocytes were not yet considered as an integrated adipose tissue.

In the latter half of the 1930s and the early 1940s, the term “bone marrow fat” begins to appear, often used alongside “fatty marrow” and “yellow marrow” (19, 23). The term “red marrow fat” was also used in contrast to “yellow marrow fat” (23); this demonstrates recognition that adipocytes also exist in the red marrow, and that these may have different properties to those within the yellow marrow. Hilditch and Murti further noted that the “bone marrow fat” of oxen shares properties of perinephric adipose tissue (23), presaging later suggestions that adipocytes within BM might constitute a bona fide adipose tissue (24). Nevertheless, the notion of marrow fat as an adipose tissue was not reiterated until the mid-1950s when Evans et al. suggested that marrow fat is essentially a fat depot, based on its similar lipid composition to perinephric adipose tissue (24). This period also sees the first use of more-quantitative histomorphometric analyses (25, 26), although it is not until the late 1980s that this would become widespread.

From the mid-1950s to mid-1960s the use of “marrow fat” became far more prevalent (24, 27–30), largely replacing “yellow marrow” as the term of choice. One notable exception is the 1967 study by Zakaria and Shafrir (31), who introduced the acronym “YBM” to refer to yellow bone marrow. They showed that, like white adipose tissue (WAT), YBM is capable of uptake and esterification of glucose and free fatty acids, as well as lipolysis for fatty acid release. Based on this, they concluded that YBM could be considered an adipose tissue. This period also includes one of the earliest uses of “marrow adiposity” (32), a term that has become increasingly prevalent in the past two decades (Table 2).

The 1970s saw increased interest in BMA, with notable growth in both the number of publications and the range of terms used therein (Figure 1). The terms “bone marrow adipose tissue” and “bone marrow adipocyte” first appear in the mid-1970s (33, 34), with another obvious shift being the increasing use of “marrow adipose cells,” “marrow adipocytes,” “marrow adipose tissue,” or “bone marrow adipose tissue” (33–45). This may reflect the growing recognition of BM adipocytes, collectively, as an integrated adipose tissue. However, many contemporary papers continued using “fatty marrow,” “yellow marrow,” and “marrow fat” (46–51), and in some cases a mixture of all of these terms can be found within a single paper (52). Thus, the increased study of BMA did not coincide with any consensus or standardisation of the nomenclature used. The late 1970s also saw the use of terms to specify anatomical location, such as “femoral” or “vertebral adipose cell” (40), or “proximal” and “distal” to describe marrow fat and red marrow (51). As we discuss herein in the section on Subtypes of Bone Marrow Adipocytes, terms addressing the site-specific properties of BM adipocytes are an important aspect of the standardised nomenclature for BMA research (Tables 1, 6).


Table 1. Key concepts and methods in the field of bone marrow adiposity.

[image: Table 1]


Table 2. Summary of terms and abbreviations that have been used to refer to bone marrow adiposity, yellow marrow, fatty marrow, or red marrow.
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Table 3. Summary of terms and abbreviations used to refer to bone marrow adipocytes.
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Table 4. Summary of terms and abbreviations used to refer to bone marrow adipose tissue, yellow adipose tissue, or marrow fat.
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Table 5. Summary of terms and abbreviations used to refer to different subtypes of BMAT and BMAds.
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Table 6. Summary of terms and abbreviations used to refer to progenitors for BMAds.
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The number of BMA-related publications and terms continued to increase in the 1980s (Figure 1), with one notable development being the emergence of new methods for quantitative assessment of BMA. These include magnetic resonance imaging (MRI) (53–57), computed tomography (CT) and dual-energy CT (58–61), and advances in histomorphometric analysis (62–64). Typically, these methods provide readouts of the fraction of BM consisting of fat or adipocytes, as reflected by use of terms such as “fat fraction” (56), “fat content” (57–59, 61, 65), and “adipose tissue fraction” (63). These method-related terms often are associated with units of measurement, although the units used frequently vary between studies. This theme has persisted in more-recent BMA research, with numerous combinations of terms, abbreviations, and units applied to the same measurement (Tables 7–9). Thus, an important goal of our proposed nomenclature is to standardise the terminology used in reporting common measurements in the BMA field.


Table 7. Summary of terms, abbreviations, and units that have been used to report histomorphometric measurements of bone marrow adiposity.
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Table 8. Summary of the most common terms, abbreviations, and units that have been used to report MRI/1H-MRS-based measurements of bone marrow adiposity.
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Table 9. Summary of terms, abbreviations, and units that have been used to report CT-based measurements of bone marrow adiposity.
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In the 1990s there was further growth in the number of terms used, despite a slight decrease in publications (Figure 1). This suggests an increasing diversity and continued lack of consensus for BMA nomenclature. Studies using histomorphometry or MRI became increasingly prevalent, with proton magnetic resonance spectroscopy (1H-MRS) also emerging as a powerful tool for BMA quantification (Tables 7, 8). The 1990s also saw an increased focus on progenitors for BM adipocytes, exemplified by references to “bone marrow stromal cells” (Table 6).

The numbers of BMA-related papers and terminology further increased in the 2000s, and since 2010 this growth has been even more substantial (Figure 1). The abbreviation BMAT, for “bone marrow adipose tissue,” first appears in 2007 (66), preceding the first use of MAT (“marrow adipose tissue”) in 2012 (67); each of these abbreviations is now widespread in the BMA literature (Table 3). Similarly, “bone marrow adiposity” first appears in 2002 but has become increasingly prevalent ever since (68) (Table 2). The past two decades have also witnessed the development of new methods for BMA analysis, including μCT of osmium tetroxide-stained bones (69, 70) and advances in MRI/MRS-based quantitation (71). These developments therefore have led to the introduction of additional new terms related to such methods (Tables 7–9). Many other notable terms have also emerged in the BMA literature during this period, such as SSC (for “skeletal stem cell”) (72) (Table 6), and use of “regulated” and “constitutive” to distinguish distinct BMAT subtypes (73) (Table 5). Given the vast number of terms used since 2000, it is not possible to succinctly summarise all of the key developments in these paragraphs. Therefore, readers should consult Tables 1–9, and further data in the Supplement, for a full overview of the nomenclature used in the BMA literature to date.



KEY CONCEPTS AND GOALS FOR A STANDARDISED NOMENCLATURE

This historical overview is based on our systematic search of PubMed (Figure 1) and our knowledge of other less-accessible papers. Thus, references to the “first use” of a term apply only to this extensive body of BMA-related literature; because some relevant publications may have been missed, some terms may have even earlier uses. Nevertheless, these historical perspectives on the BMA literature provide an essential foundation on which to establish a standardised nomenclature for studies relevant to BMA. The two major benefits of this literature review are as follows.

Firstly, we show that the existing BMA literature uses a highly diverse, heterogeneous terminology to report concepts and measurements relevant to BMA. As shown in Figure 1, the rate of publications within the BMA literature has increased dramatically in the past decade, reflecting the growing interest in this topic; however, the number of unique terms is growing even more quickly (Figure 1). Thus, since the 1990s, there has been an increasing diversity and lack of consensus for nomenclature relating to BMA research. Indeed, new terms continue to be proposed to this day (74). It is likely that research into BMA will continue expanding, and therefore it is essential to adopt a standardised nomenclature to provide a foundation and consensus for this growing field.

Secondly, reviewing the history of BMA research has identified key concepts and methods relevant to studies of BMA (Table 1). A standardised nomenclature must therefore incorporate terms, abbreviations and units related to these concepts and methods.

The following sections provide further discussion of the nomenclature for each of these, concluding with recommendations for the terms, abbreviations and units to be used in future reports of BMA research.



NOMENCLATURE RECOMMENDATIONS


Bone Marrow Adiposity

We define bone marrow adiposity as “The phenomenon of fat storage within the BM, primarily within BM adipocytes.” This can be considered an overarching concept for the field: it is the central theme that links several diverse disciplines, including haematology, bone biology, metabolism, endocrinology, stem cells, developmental biology, oncology, gerontology, and beyond. Given the centrality of this concept, we think it is important to provide both a clear definition and a standardised abbreviation for use in future studies. The abbreviation “BM adiposity” is recommended because “BM” is already used across the biomedical literature to refer to bone marrow, and therefore “BM adiposity” should be widely understandable. However, we also recommend the abbreviation “BMA” for two reasons: firstly, this abbreviation for “bone marrow adiposity” has become increasingly common in the literature since its first use in 2013 (Table 2); and, secondly, “BMA” is now recognised for this meaning through its use in the name BMAS (the International Bone Marrow Adiposity Society) and in the names of the five international meetings devoted to this topic (BMA2015–BMA2019) (4, 75, 76). It is important to note that BMA has also been used as an acronym for “bone marrow aspiration” (77) and “bone marrow aspirate” (78); however, the increasing use and recognition of BMA to refer to bone marrow adiposity should minimise any confusion with these other uses.

In considering the concept of BMA, it is essential to also highlight the terms “yellow marrow,” “fatty marrow,” and “red marrow.” Each of these refers to concepts intimately related to BMA and has longstanding and widespread use in the field (Table 2). Thus, “yellow marrow” and “fatty marrow” are used to refer to more-lipid-laden regions of BM whereas “red marrow” refers to those regions of the BM where adiposity is less prominent and haematopoiesis predominates; each of these terms is also used for macroscopic descriptions of different regions of BM, often in clinical contexts. Although numerous variations of these three terms have been used, “yellow marrow,” “fatty marrow,” and “red marrow” are by far the most common (Table 2 and Supplementary Table 1). Thus, given their widespread use, historical significance and clinical recognition, we recommend continued use of these terms in future studies relevant to BMA.

Further details of these four recommended terms, and the many terms that we recommend to avoid using, are provided in Table 2 and Supplementary Table 1.



Bone Marrow Adipocytes

A defining feature of BMA is the storage of lipid within bone marrow adipocytes. We define these cells as a population of bona fide adipocytes, that is, a cell type whose main functional and morphological characteristic is the storage and metabolism of lipids in a single large or several smaller triglyceride-filled vacuoles. This distinguishes adipocytes from other cell types, such as hepatocytes and myofibers, that in principle are also able to store triglycerides ectopically. In these latter cells, lipid accumulation is thought of as predominantly pathological, presumably due to lipotoxic reactions. In addition, haematopoietic stem cells and osteoblasts are also capable of lipid uptake (1–3). However, unlike these other cell types, mature adipocytes are uniquely equipped for metabolising and storing triglycerides and intermediates of lipid metabolism and feature a higher level of resistance to lipotoxicity. We would therefore also recommend against use of less-specific or even colloquial terms, including “fatty cell” or “fat cell” in a combination with the bone marrow, as these may refer to any type of lipid-containing cell (Table 3 and Supplementary Table 2).

A number of abbreviations to specifically define bone marrow-resident adipocytes have been used in the recent literature on BMA. Our recommendation is to maintain consistency with the broader context of adipocyte biology and bone histomorphometry, where adipocytes are commonly abbreviated with “Ad” (5). We therefore propose the consistent use of the terms “BMAd” or “BM adipocyte” to designate mature adipocytes within the bone marrow (Table 3 and Supplementary Table 2).

In addition to their ability to store lipids, another important property of BMAds is secretion of bioactive factors. This is reminiscent of both white and brown adipocytes, which release hormones, lipid species, cytokines, and other factors to exert local and systemic effects (79). Collectively, such adipocyte-derived secreted factors are known as “adipokines” and these contribute extensively to the physiological and pathological functions of adipose tissue (79). BMAds are also becoming increasingly recognised for their ability to secrete adipokines and thereby exert paracrine and endocrine functions (80). The two most prominent adipokines are the hormones leptin and adiponectin, which regulate energy homeostasis and have other diverse effects (79). BMAds express and secrete leptin both in primary culture and after in vitro differentiation from human bone marrow stromal cells (BMSCs) (81–83). BMAds also express and secrete adiponectin and might influence circulating concentrations of this adipokine (80, 84, 85). This suggests that BMAds might have endocrine functions.

BMAds also secrete many other endocrine and paracrine factors, including RANKL (86–88), DPP-4 (89), and stem cell factor (SCF) (90); cytokines such as interleukin-6 (IL-6), IL-3, IL-8, tumor necrosis factor-α (TNF-α), CXCL1, CXCL2, CXCL12, and MCP-1 (91–95); lipid species, such as free fatty acids (96–98); and RNA molecules within extracellular vesicles (80). Through these factors BMAds are reported to modulate haematopoiesis and skeletal remodelling. A full discussion of these functions is beyond the scope of this position paper, but more details are available in several recent reviews (80, 99, 100).

Relating to lipid storage, an unresolved question concerns BM adipocytes' unilocular vs. multilocular nature. These properties are traditionally linked to white and brown adipocyte identity, respectively (79, 101). Some studies suggest that BMAds with a brown adipocyte-like phenotype can occur in the bone marrow cavity (102), and brown adipocyte-like phenotypes can be induced in vitro using cell culture models of BMAds, for example after overexpression of FoxC2 (103) or SIRT1 (103). However, recent data indicate that in vitro cell models do not reliably recapitulate the properties of BMAds in vivo (74). Indeed, microarrays show that UCP1 transcripts are not enriched in whole BM of mice or humans (104, 105), nor is Ucp1 expression greater in BMAds vs. white adipocytes of mice (106). Recent work using lineage tracing and genetic models has also demonstrated that BMAds do not express Ucp1 during development or after adrenergic stimulation in mice (107). Similarly, primary BMAd progenitors have very limited, if any, brown adipogenic potential (89), and BMAds in vivo do not undergo cold-induced glucose uptake (108). However, multilocular BMAds do exist and account for around 5% of all BMAds in the long bones of mice (107). Thus, while it seems that BM adipocytes are distinct from brown adipocytes, it is unlikely that this multilocularity is indeed equated to brown adipocyte-like functions of BMAds. This also pertains to BMAd-intrinsic ability for rapid lipid mobilization in response to adrenergic stimulation or other physiological stimuli known to recruit brown adipocytes for their main function, which is thermogenesis. These remain open issues to be assessed in greater detail. Future authors may therefore opt to add further attributes to the term “bone marrow adipocyte” to better define parameters such as number of vacuoles (locularity), and also to reference anatomical localisation or metabolic characteristics. This relates to the recent discussion on distinct types of BMAds, regulated and constitutive, which will be discussed in the section on Subtypes of Bone Marrow Adipocytes.



Bone Marrow Adipose Tissue

One area of debate is whether BMAds are simply a subpopulation of BM cells that constitute a part of BM as a tissue, or whether, collectively, BMAds act as an integrated adipose tissue. References to “adipose tissue” within the BM can be found as early as 1883 (10), and studies from the 1940s and 1950s also proposed “yellow marrow” or “marrow fat” to be an adipose tissue, based on its similar lipid composition with WAT depots (23, 24). In 1967, Zakaria and Shafrir studied explants of “yellow bone marrow” (YBM), concluding: “The experiments demonstrate the capacity of YBM to synthesize fatty acids and glycerol from glucose, to take up and esterify long-chain FFA (free fatty acids) from an external medium and to release FFA under hormonal stimulation. All these activities are typical of adipose tissue function. Thus, the YBM seems to represent a metabolically active variety of fat store, similar to depots in other anatomical sites, but presumably with a specialized local importance” (31). These studies support the concept that BMAds, collectively, form an integrated adipose tissue.

One caveat, discussed further in the section on Subtypes of Bone Marrow Adipocytes, is that BMAd characteristics vary depending on skeletal site. The studies described above focussed on the yellow marrow, in which BMAds form a contiguous unit that is morphologically similar to white adipose tissue (109). However, BMAds also exist interspersed among the red marrow, where they do not form a spatially contiguous grouping; it is less clear whether these cells, designated “regulated” BMAds, can be considered as an adipose tissue.

This issue was debated extensively among the members of the Nomenclature WG. After much discussion, we concluded that it is appropriate to refer to BMAds as an adipose tissue, even for those adipocytes interspersed among the red marrow. This decision is based on two key points. Firstly, even in white adipose tissue, adipocytes comprise <25% of the total cell population (110). Thus, the fact that BMAds do not predominate in the red marrow does not preclude these from being considered as an adipose tissue. Secondly, “tissue” has been defined as “an aggregation of similarly specialized cells united in the performance of a particular function” (5); hence, possessing a common function is more important than the physical grouping of the cells. Although the roles of BMAds are still being elucidated, it is clear that these cells work together to perform common functions (109), and therefore they can be considered as an integrated adipose tissue.

A second point of debate regards how to abbreviate “bone marrow adipose tissue.” By far the most common abbreviations for this are “MAT” and “BMAT” (Table 4). One benefit of “MAT” is that this is more consistent with other abbreviations in the adipose field, such as “WAT” and “BAT.” One downside to “BMAT” is that this also been used to refer to a “bone marrow aspirate and trephine” biopsy (111); however, there are several benefits to the use of “BMAT” to abbreviate “bone marrow adipose tissue.” Firstly, by using “BM,” “BMAT” refers unambiguously to the BM and is consistent with other abbreviations recommended in this standardised nomenclature (e.g., BMA, BMAd, BMSC, BMFF). Secondly, in the BMA literature the use of “BMAT” precedes use of “MAT” by 5 years, and therefore there is a historical priority for “BMAT” (Table 4). Finally, use of “BMAT” has been recommended in a previous editorial (112), which provides further rationale for its continued use. In summary, we recommend the term “bone marrow adipose tissue” and the abbreviation “BMAT.” This can be defined as a collection of BMAds, which may be clustered together or interspersed among the haematopoietic marrow, that work together to perform common functions.

Two other terms are also recommended. Despite the longstanding references to adipose tissue within the BM, it has historically been more common to refer to “marrow fat” or “bone marrow fat” (Table 4). These terms continue to be used to this day, often in clinical reports and/or to reflect gross measurements of BMA (Supplementary Table 3). Considering the historical prominence and continued use of these terms, we have included “marrow fat” and “bone marrow fat (BM fat)” in the standardised BMA nomenclature. However, when discussing the formation and function of BMAds as a collective, integrated tissue, use of “bone marrow adipose tissue (BMAT)” should be given preference.

Further details of these recommendations, and the many terms that we recommend to avoid using, are provided in Table 4 and Supplementary Table 3.



Subtypes of Bone Marrow Adipocytes

One important concept in BMA research is that BMAds and BMAT display distinct characteristics depending on skeletal location. This was first shown in 1965 by Cohen and Gardiner, who found that during starvation in rabbits, lipid is mobilised from BMAds within the proximal red marrow but not from BMAds in the distal yellow marrow (28). Subsequent work in the 1970s extended these observations, including the demonstration of distinct lipid composition in proximal vs. distal BMAds [reviewed in (113)]. This concept was relatively overlooked until the mid 2010s, when Scheller et al. proposed the existence of “regulated” and “constitutive” subtypes of BMAds (73, 114). Further details, including the evidence supporting these two subtypes, are provided in an excellent recent review (113). Therein, regulated BMAds are “defined histologically as single adipocytes interspersed within the haematopoietic BM. They form gradually throughout life and accumulate with aging.” In contrast, constitutive BMAds “form early in development, are larger in size, and appear histologically as densely packed groups of adipocytes with little intervening haematopoiesis” (113).

The terms regulated and “constitutive” have since gained traction in the field, as evident through the increasing use of the abbreviations “rMAT” or “rBMAT” and “cMAT” or “cBMAT” to refer to these subtypes (Table 5). However, this classification raises an important question: are there only two general classes, or is the heterogeneity less binary than this? For example, in the mouse tibia, proximal (“regulated”), and distal (“constitutive”) BMAds display different properties, in particular in terms of fatty acid saturation, but, like their “regulated” counterparts, the “constitutive” BMAds can also be altered in certain contexts (115, 116). Moreover, in some models of lipodystrophy there is a loss of cBMAT at the distal tibia, whereas cBMAT in caudal vertebrae is maintained (117). Thus, like rBMAT, cBMAT can also display plasticity in response to environmental cues, and cBMAT properties vary depending on skeletal site. Finally, most studies of cBMAT and rBMAT are based in animal models; hence, it remains unclear to what extent these exist as distinct subtypes in humans.

Because of these complexities, as a priority we recommend referring to BMAT and BMAd subtypes based on their anatomical location, in preference to using the “constitutive” and “regulated” terminology. This approach, which already is common in the literature (Table 5), provides a definitive, unambiguous description that addresses the issue of site-specific characteristics. However, given the increasing use of “constitutive” and “regulated,” and the evidence supporting existence of these two broad subtypes (113), we accept that there is still value in continued use of these terms. Therefore, if authors do wish to use these terms, we recommend using rBMAT and cBMAT to refer to the regulated and constitutive subtypes of BMAT, and rBMAd and cBMAd when referring to these subtypes of BM adipocytes.

Further details of these recommendations, and the many terms that we recommend to avoid using, are provided in Table 5 and Supplementary Table 4.



Progenitors for Bone Marrow Adipocytes

BMAds originate from marrow-derived skeletal stem cells (SSCs) (72, 118). These cells go by different names, based on two different concepts regarding their differentiation properties and their tissue of origin. The first concept emanates from in vivo transplantation studies. These studies confirm the existence of multipotent progenitors present in BM stroma that can generate heterotopic bone/marrow organs (ossicles) with donor-derived skeletal cell phenotypes (chondrocytes, osteoblasts, stromal cells), including BMAds [reviewed in (119)]. The term Bone Marrow Stromal Cell (BMSC) is a time-honoured term used to indicate the population of non-hematopoietic, non-endothelial, rapidly adherent cells isolated from BM; adherence in culture is one characteristic property of these stromal cells. Clonal analysis of BMSCs coupled with in vivo transplantation revealed the presence of a subset of multipotent cells (120, 121). Later, these multipotent cells were found to be sinusoidal pericytes, cells that wrap around blood vessels providing them with stability. Furthermore, they were found to restore the perivascular compartment from which they originate (the ability to self-renew), making these cells bona fide SSCs (122). Thus, SSCs are a multipotent, self-renewing subset of BMSCs: all SSCs are BMSCs, but not all BMSCs are SSCs. It is essential to emphasise this because these terms have been used inconsistently in the literature, causing confusion about the relationship between SSCs and BMSCs.

Notably, the term “skeletal stem cell” currently describes a biological activity rather than a well-defined cell phenotype, since the specific identity of multipotent and self-renewing SSCs is not yet clear. As discussed in the accompanying BMAS Methodologies position paper by Tratwal et al., agreement on how to purify SSCs has not yet been reached: even populations highly enriched by using certain cell surface markers are still not homogeneous. Nonetheless, the use of the term “SSC” is appropriate based on the retrospective evidence of stemness demonstrated by the generation of ossicles by clonal populations of BMSCs. However, it is important to note that other populations of SSCs have recently been identified in the growth plate and in the periosteum in both mice and humans, but it does not appear that SSCs from these origins contribute to BMA [reviewed in (123)] (104, 123–126). Similarly, stromal cells capable of adipogenesis ex vivo have been isolated from cortical bone of the femoral diaphysis and cancellous/cortical bone of the proximal epiphysis of rats (127, 128). Although it remains to be confirmed if these cells can generate BMAds in vivo, their ex vivo adipogenic capacity differs depending on skeletal site. This echoes the site-specific differences in BMAd subtypes discussed in the previous section. Thus, the tissue origin of SSCs must always be identified. Indeed, not all populations of SSCs give rise to adipocytes, as determined by in vivo transplantation or lineage tracing in mice. Of note, “in vivo” is the operative term here, as it is known that the in vitro assay for adipogenesis is prone to artefact. In many fibroblastic populations, a few cells accumulate fat from serum in the medium, but do not synthesize triglycerides or hydrolyse them to the same extent as bona fide adipocytes.

According to the second concept, the term “Mesenchymal Stem Cell (MSC)” was introduced, based on the ability of BMSCs/SSCs to make cells and tissues of mesodermal origin. These include not only skeletal cell types (chondrocytes, osteoblasts and BMAds) but also non-skeletal phenotypes such as myoblasts, tenocytes, fibrocytes (ligament), white adipocytes, and others (124). However, as defined by developmental biologists, mesenchyme is an embryonic connective tissue that makes connective tissue, blood, and blood vessels during foetal development, and is not found in post-natal tissue (129). In spite of this, it was proposed that “MSCs” reside in all post-natal tissues, based on non-specific cell surface markers shared by virtually all fibroblastic cells (130), and that all “MSCs” are pericytes (125), able to give rise to osteoblasts, chondrocytes and adipocytes, making them equivalent to SSCs within the BM. However, during embryonic development, none of the non-skeletal cell types, including pericytes, have a common embryonic origin (118). Lastly, the “MSC” term emerged from less-than-rigorous in vitro studies; more-recent in vivo work has confirmed that the progenitor activity of different populations of perivascular stromal cells (if any) is always restricted to that of the tissue of origin (126).

For these reasons, the use of the term “Mesenchymal Stem Cell” and any other definition including the word “Mesenchymal,” especially the use of the acronym “BMSC” to indicate bone marrow mesenchymal stem cells rather than bone marrow stromal cells, is not scientifically accurate and is not recommended. Thus, we recommend using “SSCs” to refer to “Skeletal Stem Cells” and “BMSCs” to refer to “Bone Marrow Stromal Cells.” Describing the anatomical location from which these cells are isolated, as well as the species of origin, is also important when reporting studies of SSCs and BMSCs.

Further details of these recommendations, and the terms and abbreviations that we recommend to avoid using, are provided in Table 6 and Supplementary Table 5.



BMAT Morphometric Analyses

The elaboration of an appropriate nomenclature for BMAT morphometry cannot be conceived without considering the guidelines for bone histomorphometry that have been established for more than 25 years (5, 131). Indeed, many of the terms usable for BMAT morphometry are well-defined and properly abbreviated in the first Standardized Nomenclature, Symbols, and Units for Bone Histomorphometry (131) and in its revision (5).

As for bone, BMAT morphometry can be based on two- or three-dimensions (2D or 3D) and applied to many types of biological material, most commonly iliac crest bone/BM biopsies obtained from human subjects, and bones from experimental animals. Recent studies have also analysed BMAds within BM plugs of transgenic mice, allowing study of BMAd development by lineage tracing (132). A mixture of terminology for 2D and 3D techniques of analysis should not be used in the same article, unless different methods of analysis (i.e., histology vs. micro-CT) are used (5).

Both primary measurements and referents (i.e., some clearly defined area or volume within the sample) must be considered. The former include Adipocyte Area (Ad.Ar), Volume (Ad.V), Perimeter (Ad.Pm), Diameter (Ad.Dm), and Number (N.Ad); each of these abbreviations is consistent with the guidelines for bone histomorphometry (5). In addition to adipocyte number, measurements of the size of individual adipocytes (Ad.Ar, Ad.V, Ad.Pm, Ad.Dm) are important in the physiology and pathology of BMAT. Indeed, changes in total BMAT may be the result of mechanisms that lead to the increase or decrease of either BMAd size (lipid storage/lipolytic activity) or number (adipogenic differentiation, or BMAd apoptosis and clearance). Size-related measurements may have meaning per se and not require a referent. For example, they can be used for the calculation of mean (and median) of BMAds and to construct distribution curves; the latter provide a more accurate representation of BMAd sizes across the sample and therefore are the recommended method of presenting such data (Table 7).

In contrast to these measurements of BMAd size, for N.Ad, total adipose tissue area and total adipose volume, referents are needed, and must be properly defined. Since BM is distributed throughout the cavities of the skeleton and includes distinct kinds of tissues/cells (haematopoietic cells, BMAds, and BMSCs) and is highly vascularised, the referents may be different. Some of them (i.e., Tissue Area in 2D and Tissue Volume in 3D) have been already defined and abbreviated (T.Ar and TV, respectively) in the Standardized Nomenclature, Symbols, and Units for Bone Histomorphometry (5). For studies of BMA, additional referents to be considered include Marrow Area (Ma.Ar, in 2D) and Marrow Volume (Ma.V, in 3D), which coincide with the spaces of the skeleton delimited by endosteal surfaces (cancellous bone surfaces and endocortical surfaces).

The choice between T.Ar (or TV) or Ma.Ar (or Ma.V) as referents is important for the accurate interpretation of the data. For example, when osteopenia does occur, the Ma.Ar (or Ma.V) increases while T.Ar (or TV) does not. In addition, since haematopoietic cells and adipocytes are located in the Extra-Vascular compartment of the BM, the use of this region (Area: ExVa.Ma.Ar, i.e., Marrow Area minus Vascular Area; Volume: ExVa.Ma.V, i.e., Marrow Volume minus Vascular Volume) as referent could be more appropriate and, in principle, to be preferred in respect to Ma.Ar and Ma.V. Indeed, this Extra-Vascular compartment can be used as a referent not only for assessments of BMA (i.e., with total Ad.Ar, total Ad.V, or N.Ad as the numerator), but also for measuring the percentage of haematopoietic marrow. The latter is calculated by expressing the haematopoietic area (Hm.Ar) or haematopoietic volume (Hm.V) relative to ExVa.Ma.Ar or ExVa.Ma.V, respectively. As discussed in the accompanying BMAS Methodologies paper, the ratio of haematopoietic to adipose area (Hm.Ar./Ad.Ar.) may also be of interest in some instances but should not be confounded with measures of adiposity (e.g., Ad.Ar/Ma.Ar) or hematopoietic cellularity (e.g., Hm.Ar/Ma.Ar).

One challenge is that measurement of the Extra-Vascular Marrow compartment can be highly time-consuming. Thus, we suggest to use the area (or volume) of the Extra-Vascular Marrow compartment as referent in specific conditions only, for example in mouse long bone whole-mount sections in which the vascular spaces (sinusoids and central vein) may constitute a very significant and dynamic area or volume (133); and, in humans, in those haematological diseases in which BM vascularity is known to be altered (134). Use of the Extra-Vascular Marrow referent is, however, still limited by technological challenges, which may resolve as whole-mount 3D microscopy and high-resolution contrast-enhanced μCT become more widely available to reconstruct, and subtract, the vascular network within the BM space (135, 136). Subtraction of the central vein from the Marrow Area is, however, common in whole-bone histology of murine long bones due to the dilated lumen often associated with retraction artefacts upon fixation (reviewed in the accompanying BMAS Methodologies position paper by Tratwal et al.).

A final consideration, debated extensively among WG members, is whether to use the term “Adipocyte density” or “Adipocyte number” when describing measurements of N.Ad relative to a referent region (i.e., Ma.Ar, Ma.V, T.Ar, TV, ExVa.Ma.Ar, or ExVa.Ma.V). Such measurements report the population density of BMAds within the region of interest, and therefore we recommend that these are reported as “Adipocyte density” (Table 7). However, one concern with the term ‘density' is that readers may confuse this with a measurement of the actual physical density of BMAds (i.e., mass per unit volume of the cells); this concern was raised in the published guidelines for bone histomorphometry (5), which therefore prioritises the term “number” over “density” when reporting relative cell numbers. Thus, to be consistent with these previous guidelines, we agree that use of “Adipocyte number” is also acceptable when describing measurements of N.Ad relative to a referent region. What is essential is that studies should never report measurements of N.Ad alone: a suitable referent must always be used.

Details of the proposed nomenclature regarding BMAT morphometry are presented in Table 7, with further information in Supplementary Table 6.



MRI- and/or MRS-Based Analyses

MRI analysis of BMA was first reported in the mid-1980s (53–57), but the past 20 years have seen a notable increase in publications using MRI and/or 1H-MRS for assessment of BMA (Table 8 and Supplementary Table 7). Most studies report the fat fraction (FF) or lipid:water ratio, calculated from the lipid and water peaks in MR spectra (71); however, there is much inconsistency in how these measurements are reported. As shown in Table 8, measurements described by the term “fat fraction (FF),” or the related terms “marrow fat fraction” or “bone marrow fat fraction (BMFF),” typically are reported as a %, but in some cases the actual measurement reported is the lipid/water ratio and not the % fat fraction. Conversely, sometimes measurements described as a “ratio” are actually reported as % fat fraction. Confusing issues further, some studies have used the term “fat content” when reporting measurements of % fat fraction, whilst others have used this term when reporting the lipid/water ratio. In other cases, the terms “fat fraction” or “fat content” are used, but the units of measurement are not stated; this may cause confusion about whether the measurement is a fraction or a ratio. Finally, MRI has been used to report the volume or area of BMA from 3D or 2D images, respectively (Table 8).

This variability underscores the need for standardisation. To date, most studies use the term “fat fraction,” “marrow fat fraction,” or “bone marrow fat fraction” to report the % fat fraction of the BM (Table 8). These measurements typically are based on dual-echo MRI or MRS data, which can be subject to confounding factors (e.g., attenuation of the T2* signal) (71). In contrast, measurement of the proton density fat fraction (PDFF), based on multi-echo data, removes the effect of these confounding factors and thereby represents a truly standardised BMA measurement (71). Thus, in addition to 1H-MRS, PDFF is emerging as another gold-standard for BMA quantification. Nevertheless, many studies report dual-echo fat fraction measurements. We recommend reporting MRI and 1H-MRS-based measurements as fat fraction (FF) or bone marrow fat fraction (BMFF) when based on dual-echo data, and as PDFF when based on appropriate multi-echo sequences. These measurements should be reported as %, rather than the lipid/water ratio.

A final issue is the ability of MR to measure the degree of lipid saturation. Terms such as “unsaturation index” (UI) and “unsaturated lipid fraction” (ULF) have been used (137–141), and this capacity to assess not just BMAT quantity, but also BMAT quality, may reveal further insights about the clinical implications of altered BMA (71, 99). However, compared to reports of FF, BMFF or PDFF, there are far fewer papers reporting BMAT saturation, and therefore we feel it is too early to recommend terms, abbreviations or units for describing such measurements.

Further details of these recommendations, and the terms that we recommend to avoid using, are provided in Table 8 and Supplementary Table 7.



CT-Based Analyses

As for MRI, CT-based BMA analysis was first reported in the mid-1980s (58, 59, 61). However, the application of these two approaches has since diverged: MRI has found widespread use for clinical BMA assessment in vivo but remains relatively under used in preclinical animal studies. In contrast, only a handful of studies have used CT to measure BMA in vivo, whereas its preclinical use has flourished in recent years, particularly for μCT (Table 9). The latter is primarily a result of the development of contrast agents, such as osmium tetroxide, that allow μCT-based visualisation and quantification of BMA ex vivo.

Clinically, both single-energy CT (SECT) and dual-energy CT (DECT) have been used to assess BMA in vivo and ex vivo. SECT-based measurements of BM density, expressed in Hounsfield Units, correlate inversely with BMA; however, these measurements include the density of yellow and red marrow as well as trabecular bone, and therefore do not allow for direct quantification of BMA (142). Nevertheless, several recent studies have used SECT to estimate relative adipose volume within the BM based on HU thresholds indicative of adipose tissue (108, 143). In contrast to SECT, DECT is able to separate BMA from the other tissue components, allowing true quantification of BMA. Such DECT-based measurements, reported as fat fraction (Table 9), show good agreement with MRI/MRS-based assessment of BMA (142, 144, 145). Thus, for consistency with nomenclature for histomorphometry and MRI/MRS-based measurements (Tables 7, 8), we recommend that CT-based assessment of BMA should be reported as fat fraction (FF, %), bone marrow fat fraction (BMFF, %), or adipose volume (Ad.V/Ma.V, %).

Ex vivo, staining of tissue samples with contrast agents allows direct measurement of adipose volume by μCT. Most such studies report Ad.V as the % or fraction relative to Ma.V or TV, although a sizeable minority have reported absolute Ad.V; in some cases, it is not clear if absolute or relative adipose volume is being reported (Table 9). Consistent with our proposals for BMAT histomorphometry (Table 7), we recommend that μCT-based readouts of adipose volume should be reported relative to Ma.V (i.e., as Ad.V/Ma.V, %). For the referent, Ma.V should be prioritised over TV because the latter can include bone and other tissues that necessarily exclude BMAds; the size of these tissues may also vary based on the physiological or pathological context, confounding analysis of BMA. Thus, presenting Ad.V/Ma.V provides a more accurate assessment of BMA.

An emerging application of μCT is the ability to measure the number and size of individual BMAds. Adipocyte density (i.e., N.Ad/Ma.V) has been reported for samples stained with osmium tetroxide (146) or with a Hafnium-based polyoxometalate contrast agent (135). Similarly, nano-CT has been used to quantify the area of individual BMAds in 2D image slices of osmium tetroxide-stained samples, allowing the distribution of individual BMAd areas to be determined (147). As for BMAT histomorphometry, we recommend reporting these readouts as “Adipocyte density” (N.Ad/Ma.V) and the frequency distribution of “Adipocyte area” (Ad.Ar, μm2), respectively; “Adipocyte number” may also be used in place of “Adipocyte density,” as discussed in the section BMAT Morphometric Analyses. An obvious extension of these methods would be the measurement of total adipocyte area in 2D slices of CT scans, and of individual adipocyte volume in 3D scans. While such readouts have not yet been published (Table 8), for the sake of foresight we recommend that these should be reported, respectively, as “Adipose area” (Ad.Ar/Ma.Ar, %) or frequency distributions of “Adipocyte volume” (Ad.V, μm3).

Further details of these recommendations, and the terms that we recommend to avoid using, are provided in Table 9 and Supplementary Table 8.




CONCLUDING REMARKS

The study of BMA is a dynamic, vibrant, and expanding field of research. As populations and sub-populations of cells are more accurately defined, it may be necessary to reappraise the nomenclature to accommodate subtle nuances found between cells that may influence function. Similarly, it is likely that the BMA nomenclature will have to be updated to reflect advances in methodologies relevant to BMA research. The Nomenclature Working Group of the International Bone Marrow Adiposity Society will therefore endeavour to regularly reassess the field and make practical recommendations on nomenclature to help define and characterise the cells and environment that initiate, propagate and maintain BMA, and the methods used to assess these. Such future updates will depend on the continued growth and development of the BMA field. For now, we hope that the nomenclature guidelines herein will provide a foundation to support this growth; to promote collaboration; and to provide a consensus for the diverse fields of study related to BMA.
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The interest in bone marrow adiposity (BMA) has increased over the last decade due to its association with, and potential role, in a range of diseases (osteoporosis, diabetes, anorexia, cancer) as well as treatments (corticosteroid, radiation, chemotherapy, thiazolidinediones). However, to advance the field of BMA research, standardization of methods is desirable to increase comparability of study outcomes and foster collaboration. Therefore, at the 2017 annual BMA meeting, the International Bone Marrow Adiposity Society (BMAS) founded a working group to evaluate methodologies in BMA research. All BMAS members could volunteer to participate. The working group members, who are all active preclinical or clinical BMA researchers, searched the literature for articles investigating BMA and discussed the results during personal and telephone conferences. According to the consensus opinion, both based on the review of the literature and on expert opinion, we describe existing methodologies and discuss the challenges and future directions for (1) histomorphometry of bone marrow adipocytes, (2) ex vivo BMA imaging, (3) in vivo BMA imaging, (4) cell isolation, culture, differentiation and in vitro modulation of primary bone marrow adipocytes and bone marrow stromal cell precursors, (5) lineage tracing and in vivo BMA modulation, and (6) BMA biobanking. We identify as accepted standards in BMA research: manual histomorphometry and osmium tetroxide 3D contrast-enhanced μCT for ex vivo quantification, specific MRI sequences (WFI and H-MRS) for in vivo studies, and RT-qPCR with a minimal four gene panel or lipid-based assays for in vitro quantification of bone marrow adipogenesis. Emerging techniques are described which may soon come to complement or substitute these gold standards. Known confounding factors and minimal reporting standards are presented, and their use is encouraged to facilitate comparison across studies. In conclusion, specific BMA methodologies have been developed. However, important challenges remain. In particular, we advocate for the harmonization of methodologies, the precise reporting of known confounding factors, and the identification of methods to modulate BMA independently from other tissues. Wider use of existing animal models with impaired BMA production (e.g., Pfrt−/−, KitW/W−v) and development of specific BMA deletion models would be highly desirable for this purpose.

Keywords: bone marrow adiposity, bone marrow adipose tissue, bone marrow fat, marrow, adipocyte, standards, methods, Bone Marrow Adiposity Society


INTRODUCTION

Bone marrow adipocytes (BMAds) reside in the bone marrow (BM) in close contact with bone, hematopoietic cells, marrow stromal cells, nerves, and blood vessels. Bone marrow adipose tissue (BMAT) thus refers to BM areas where BMAds are the predominant cell type, and BMA refers more broadly to BMAT across all skeletal locations and metabolic states. Over the last decades, interest in the functional role of BMAds has gradually increased and it is now evident that BMAds are actively involved in bone metabolism, hematopoiesis, and energy metabolism (1, 2). In addition, a possible role for BMAds in many diseases has emerged (3), and research groups all over the world are investigating the origin, function, and interaction of BMAds. However, different methods, models, and techniques are being used, which creates a challenge to compare or combine the results. Therefore, the International BMAS initiated a Methodologies Working Group to describe the existing methodologies, to identify associated challenges, and to establish standards in reporting as guidance for future studies in the field.

BMAT encompasses a heterogeneous population of mature adipocytes and preadipocytes, with distinct morphologies, lipid content, gene expression and function. Committed preadipocytes have a fibroblast-like morphology when observed in vitro, and are therefore morphologically indistinguishable from the progenitor populations encompassed within the term bone marrow stromal cells (BMSCs). However, preadipocytes are phenotypically very different from mature adipocytes. Preadipocytes are defined as cells committed through adipogenesis and characterized by the expression of early adipogenic genes (PPARy and CEBPa) (4, 5). Mature BMAds express late adipogenic genes (AdipoQ, Glut4, FABP4, LPL, PLIN1, ZFP423) and contain a single large lipid droplet, therefore resembling white adipocytes in appearance. In particular, adiponectin (AdipoQ) expression is already present in BM preadipocytes and stromal precursors, then increases with differentiation (6). Additionally, Krings et al. (7) have revealed that BMAT from whole tibiae in C57BL/6 mice possibly have a distinctive phenotype, expressing genes characteristic of both white and brown adipose tissue (WAT and BAT, respectively), congruent with the expression pattern of purified, primary human BMAds (7–9).

Indeed, Tavassoli et al. identified in 1976 two distinct populations of BMAds: after treatment with hemolytic anemia-inducing agent phenylhydrazine (10) one population remained stable while another population disappeared, and was described as labile BMAds. These two different “stable” and “labile” BMAd populations could be distinguished using performic acid Schiff (PFAS) staining (11). The presence of two different populations of BMAds localized to different regions of the skeleton was also more recently shown by Scheller et al. In mice, smaller BMAds (31–33 μm cell diameter) are interspersed between hematopoietic cells in the femur, the proximal portion of the tibia, and almost all skeletal segments that contain hematopoietic BM, while larger BMAds (38–39 um) are localized in the distal portion of the tibiae and phalanx [(12); Figure 1]. When challenged with cold exposure, BMAds interspersed in the red/hematopoietic marrow decreased in size and number, while the adipocytes localized in the yellow/adipocytic marrow did not change. The terms “regulated” and “constitutive” BMAT, respectively, have thus been proposed.


[image: Figure 1]
FIGURE 1. (A) Distal-proximal representative images in Hematoxylin & Eosin (H&E) stain of 4μm paraffin sections of femur, tibia and tail of 8-week-old mice. Note that the artefactually empty region in the center of tibia and femur corresponds to the expansion of the central vein lumen due to fixation-mediated retraction. (B) Left panels: Murine bone marrow adipocytes in the tail vertebrae of 24-week-old mice (cBMAT) of 3μm paraffin sections stained with H&E (top) and 6μm sections stained with von Kossa/Methylene Blue (bottom). Right panels: murine bone marrow adipocytes in the proximal tibia of 24 weeks-old mice (rBMAT) of 3μm paraffin sections stained with H&E (top) and 100μm sections stained with perilipin immunofluorescence (bottom, Perilipin in green and TO-PRO-3 nuclear counterstain) of 50-week-old mice. All images correspond to C57BL/6 female mice housed at room temperature fed ad libitum standard diet. BM, bone marrow; BMAd, bone marrow adipocyte; CB, cortical bone; cBMAT, constitutive bone marrow adipose tissue; H&E, hematoxylin and eosin; rBMAT, regulated bone marrow adipose tissue.


BMSCs and committed BM pre-adipocytes are more easily isolated and have seen a larger number of in vitro assays developed than mature BMAds, which are more difficult to handle in culture or to process in whole bone samples. In vivo lineage tracing models have started to pave the way, while specific markers for BMAd maturation remain to be identified. If successful, identification of specific biomarkers at the different stages of BM adipogenesis in both mouse and human will provide tools to dissect the impact of BMA in physiology and disease. In vivo imaging technologies are being adapted from studies of different tissues (e.g., peripheral adipose tissue) and species (e.g., human to mouse), while novel ex vivo imaging techniques are being adapted and developed specifically for BMAds and BM stromal imaging. All such techniques and their limitations and challenges are reviewed in the six sections that constitute this review, and guidelines for reporting of BMA-related results to maximize comparability are proposed in the concluding remarks (Table 1). For clarity, an abbreviation table is provided the manuscript (Table 2).


Table 1. Challenges and goals ahead for the BMA field and the BMAS WG in methodologies.
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Table 2. List of abbreviations.
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Of note, even with such significant technological advances over the last decade, histological analysis has been a historical contributor in the understanding of BM composition and architecture, and is rapidly evolving through automatization via Digital Pathology. Histomorphometry therefore remains an important aspect of standard methodological practices in basic or translational research as well as clinical laboratories.

In addition, although rats and non-rodent animal models are recommended by the food and drug administration (FDA) or European Union as a model for osteoporosis, the field of BMA extends beyond bone health itself to the study of energy metabolism, hematopoiesis and metastatic bone disease, amongst other subfields. Mice constitute very important models for these other aspects of BMA research, especially in their quality of premier animal for genetic studies, and are thus recognized as preclinical model in this context. Nonetheless, we would like to encourage the study of BMA in larger animals and other rodents, especially when bone health and biomechanical properties of bone are being assessed.



HISTOMORPHOMETRY

The field of bone histomorphometry was accelerated in 1976 when Dr. Parfitt published “Terminology and symbols in bone morphometry” which lay the foundation for the first Guideline on Bone histomorphometry (13). We can now build on this important consensus to establish additional guidelines on histomorphometry of BMAT. In 1987 Parfitt et al. listed three different meanings for bone; mineralized bone matrix, bone matrix, and bone tissue (14). Bone tissue encompasses bone and a soft tissue within it, the BM. The BM includes hematopoietic cells and its precursors, physically and functionally supported by diverse BM stromal cell populations [reviewed in (15)]. The latter is a three-dimensional network of cells in contact with developing blood cells in the extravascular space. The known main cell types that constitute this network are: osteogenic cells near bone surfaces, perivascular cells associated to sinusoids, and adipocytes. As discussed in this first section, methods to quantify marrow components via histomorphometry are based on different sample preparation, embedding and staining techniques, most requiring an intermediate step of decalcification and some allowing for epitope conservation for immunostaining. Paraffin-embedded samples have the advantage of access to large retrospective collections and potential comparability across sites, especially for the clinical setting where paraffin-embedding is standard. Other conservation procedures allow for more precise histomorphometric quantification, and some do not require decalcification [methyl methacrylate (MMA), or resin embedding, including technovit 900].


Sample Preparation

Histomorphometric analysis relies predominantly on the quality of the sample. Therefore, careful consideration of the sample preparation is important. To prepare a BM sample, either calcified or decalcified bone samples can be embedded in paraffin or plastic, depending on the desired staining procedure (16, 17). For both procedures, the BM sample is regularly fixed in 4% Paraformaldehyde. Afterwards, the sample can be sectioned in conventionally 4–5 μm sections.


Decalcification

Several options of decalcifying agents are available, though Ethylenediaminetetraacetic acid (EDTA) is advised as compared to acid-based decalcification to enable most enzymatic and immunohistochemical stainings (18). Different factors can control the rate of the decalcification process: concentration of decalcifying agent, temperature, density of the sample, agitation and thickness of the tissue. In general, a large volume (e.g., 20x that of the sample), a high concentration of decalcifying agent and a high temperature (e.g., 20–37°C) during decalcification can speed up the reaction process. In contrast, increase of the size, density, and thickness of the sample may require longer decalcification time (17, 18). For an optimal immunostaining, an uniform decalcification of the sample is important, and we recommend decalcification at room temperature or 4°C on constant shaking, a large volume of EDTA to sample (at least 10:1 v/v) and several refreshments of the solution (every 3–4 days) to prevent calcium saturation (19).

Decalcification can also be performed using acidic agents to dissolve the calcium salts from the bone. This group of agents includes strong and weak acids. However, strong acid agents (nitric and hydrochloric acid) should be avoided in order to preserve the integrity of the cells and the enzymatic activity if subsequent immunostainings are desired (20). Among the group of weak acids (picric, acetic, and formic acid), decalcification performed with Morse's solution (50% formic acid and 20% sodium citrate) can also preserve the integrity of the sample for immunohistochemistry while allowing for high quality architectural evaluation with Hematoxylin and Eosin (H&E) staining (21). Dehydration is required prior to embedding. Ethanol dehydration in graded increases of ethanol and xylene, can allow for long-term storage of bones in 70% ethanol prior to embedding (22).



Embedding

To embed the samples after dehydration, several options exist. Most common and available is paraffin embedding. Decalcification is, however, necessary. This protocol is very useful to perform immunostaining, but the integrity of BM content, due to the juxtaposition of hard (decalcified bone) vs. soft (marrow) tissue is not guaranteed. Alternatives to paraffin are MMA or technovit 900 embedding. These do not require decalcification and allow for better preservation of the adipocyte morphology. However MMA and technovit 900 are less available in most laboratories and immunohistochemical staining becomes a challenge due to the destruction of the antigen presentation with the conventional MMA embedding protocols (23). With all embedding methods the histological procedure dissolves all the lipids in the vacuole, therefore the adipocytes are referred to as “ghosts,” which makes it impossible to investigate lipid content and composition in combination with histology.

To resolve this issue, Erben et al. developed an alternative protocol for plastic embedding, that avoids the complete loss of enzymatic activity in the tissue by adding methylbenzoate during the infiltration process and polymerization of the plastic (24). Here, cold embedding seems to be crucial for antigen presentation in the immunohistochemical procedure. Enzymatic activity is also preserved by using another resin embedding system (e.g., Technovit 9100) that contains methyl methacrylate and catalysators that allow the polymerization at low temperature (4°C) (25).



Staining

Although the adipocyte lipid vacuole is empty due to the ethanol-based dehydration necessary for histological procedures, these mature adipocyte ghosts are easily identifiable with several standardized staining procedures. The most frequently used in paraffin embedded bone is the H&E stain. Standardized staining procedures for plastic embedded bone, such as Goldner's trichrome, toluidine blue and Von Kossa staining can also be used to identify mature adipocyte ghost cells (24).

The discrimination between BMAds and blood vessels in a cross section can be difficult since the BM microenvironment is densely populated by blood vessels of different types and diameter and the endothelial wall is not always identifiable (26). Immunohistochemistry for Perilipin (27), a marker of mature adipocytes, is therefore useful for identification of BMAds in both human and murine tissues (Figure 1). Alternatively, immunostaining for Endomucin and/or CD31, markers for endothelial cells can be used to discriminate between blood vessels and adipocytes (28).




Quantification

Two types of dimensional quantification are possible: two dimensional in terms of perimeter, diameter and area, and three dimensional in terms of volume and surface (29). Moreover, as described in the consensus on bone histomorphometry (30) and extensively discussed in the accompanying BMAS nomenclature position paper, BMA parameters should be presented in relation to a reference region (31). By using a common referent, it is possible to assess changes in the number or percentage of adipocytes following an intervention or comparing physiological and pathological states. For histological measures of BMAT, two-dimensional measurements of BMAT are applicable and two reference areas should be used: Marrow area (Ma.Ar) and total tissue area (T.Ar). It is important to distinguish between these two areas since the interpretation is notably different. When bone mass is lost and replaced by other marrow tissue, the Ma.Ar is increased while T.Ar remains similar. Marrow adiposity increases only when the area of BMAds increases relative to the marrow space. For three-dimensional ex vivo or in vivo measurement, Marrow volume (Ma.V) and Total tissue Volume (TV) should be used. A priori, two-dimensional measures should be used in standard bone histomorphometry and three-dimensional measures should be reserved for techniques which rely on 3D measurements, as discussed in the ex vivo or in vivo sections. Three-dimensional measurements may be used in histomorphometry when analysis of serial sections is performed to approximate volumes.

Additionally, measurement of the size of individual adipocytes is important in the analysis of BMAT, since the changes in total adipose tissue can be due to either an increase in the number of adipocytes or an increase in the size of the adipocytes. This distinction is important since the mechanism behind these changes can reveal both differences in adipogenic differentiation (affecting the number) or in lipolysis (affecting the size). In consensus with the Nomenclature working group of the BMAS, we suggest to use the terms Perimeter (Ad.Pm), Diameter (Ad.Dm), and mean Adipocyte Area (Ad.Ar) to address adipocyte size. Adipocyte areas can be reported for individual BMAds, giving rise to the frequency distribution of BMAd areas and corresponding measurement of mean or median Ad.Ar. In addition, adipocyte area can be reported at the tissue level as % of total adipocyte area relative to hematopoietic area (ΣAd.Ar/Hm.Ar), tissue area (ΣAd.Ar/T.Ar) or, most commonly, to marrow area (ΣAd.Ar/Ma.Ar) also commonly reported as “marrow adipose area” or less precisely as “marrow adiposity.” Hematopoietic area is defined either by CD45 positivity in immunohistochemistry or, morphologically, by the areas defined by the high density of hematopoietic cell nuclei within the marrow space. Exhaustive recommendations on BMA nomenclature are available in the accompanying white paper authored by the BMAS Working Group in Nomenclature (31).

Another important histological measure for adipocytes is the density of adipocytes. This is also used to differentiate between adipogenesis or enlargement of the adipocyte due to lipid storage. Adipocyte density can be measured as number of adipocytes per marrow area (N.Ad/Ma.Ar), number of adipocytes per hematopoietic area (N.Ad/Hm.Ar) or as number of adipocytes per tissue area (N.Ad/T.Ar). Adipocyte density varies greatly in the endocortical vs. trabecular regions of the bone, and thus detailed annotation and standardization of the quantified region is paramount, as detailed in the BMAS reporting guidelines (Table 1).



Software

To quantify these parameters, a selection of software packages are available. Some have been developed for extramedullary adipose tissue and require manual adipocyte measurements, while others are designed for assessment of BM sections and are semi-automated, with a few entirely automated (listed in Table 3). Automated or semi-automated detection programs use shape (roundness, circularity) and the absence of color within the lipid vacuole for detection of BMAds. While such software packages are not yet routine, most laboratories have developed them in-house in order to perform adipocyte histomorphometry. Some of these software packages are freely available online (peerJ, fathisto, and MarrowQuant, see Table 3).


Table 3. Description of the most used software for bone marrow histomorphometry.
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Challenges and Limitations

Histomorphometric analysis is a very useful tool to determine the quality of bone and assess changes in the number and size of cells. One of the limitations is that histomorphometry is a time-consuming technique requiring microscopy, software and/or manual quantification. In addition, it is a technique that until now has relied on the interpretation of the single investigator, and therefore demands a solid quality control system. The detection of BMAds can be hampered by the close connection of adipocytes in yellow/adipocytic areas, making the separation and adequate counting of clustered adipocytes a big challenge, in particular if membranes are not intact. In mice, the number of adipocytes in long bones tends to be lower in sites of regulated BMAT, and thus separate adipocytes can be more easily discerned and counted in the red/hematopoietic marrow.

However, the distinction of adipocytes from small blood vessels can be a challenge, whether for manual quantification or automated algorithms, especially in the younger animals or in the context of marrow regeneration. Additional immunostains to discern microvasculature from adipocyte ghosts are thus highly recommended as a validation step. Moreover, one must keep in mind that histological sections are a cross-section of the bone/marrow organ and thus of the BMAd itself. In general, validation of automatic detection of adipocytes is not described, neither by presenting data on quality control measurements nor by comparison with a manual method. We therefore consider manual detection of adipocytes the gold standard for histomorphometry until automated software packages have been validated. Annotation and standardization of the quantified region, as well as reporting of the experimental parameters as detailed in the BMAS reporting guidelines (Table 1) cannot be emphasized enough. Additionally, correlation of histomorphometry findings with ex vivo or in vivo bone measurements of lipid content to calcified tissue constitutes a much-valued biological validation of findings. Finally, a recommendation on which bone may be considered as standard for reporting is premature, but we agree that choosing areas of transition between regulated and constitutive BMAT is most informative (e.g., tibia and/or caudal tail for mice).




EX VIVO WHOLE-BONE IMAGING

Histological slicing and histomorphometry remain the gold standard for the ex vivo evaluation and characterization of biological tissues in general, and BMAT in particular, by measuring adipocyte cell size and cell number. However, histological assessment (sectioning, staining, imaging, and analysis) remains a challenging, time-consuming, and often costly technique (29). Moreover, spatial patterns as well as the spatial inter-relationship between different tissues within one sample (for example BMAT in relation to bone and vasculature) can be inaccurate or impossible. To overcome some of the limitations of 2D analyses, several 3D imaging techniques have emerged to quantify the morphometry, spatial distribution of BMAT and its inter-relationship with other tissues in the marrow. In addition, mass spectrometry and high-profile liquid chromatography remain complementary standard methods to dissect lipid composition upon extraction (64, 65).


Contrast-Enhanced Microfocus Computed Tomography

X-ray microfocus computed tomography (μCT) is a very powerful tool for 3D imaging of mineralized tissues (66). High-resolution μCT (<2 μm voxel size) and nanoCT [down to 150 nm (67)] scans are achievable and a high field of view to voxel size ratio can be obtained (68). While one of the biggest advantages of μCT is its non-destructive character, a considerable limitation of this technology is its lack of specificity for soft tissues. Phase contrast μCT is a possible solution, as it can be used to, for example, enhance edges, which allows a better visualization of soft tissues (69). Indeed, it provides information concerning changes in the phase of an X-ray beam that passes through an object. Moreover, it uses monochromatic X-rays, resulting in accurate measures of the attenuation coefficient, and thus enabling quantitative μCT imaging. This technique requires, however, highly dedicated hard- and software, and is not readily available. In addition, to the best of our knowledge, phase contrast imaging has so far not been used to visualize BMAT. Therefore, the focus of this review is rather on desktop single energy, polychromatic absorption contrast-enhanced μCT (CE-CT) imaging. Although having its limitations in the cone-beam shape of the X-ray bundle and the lower X-ray flux compared to synchrotron μCT, scanning times down to 15 min for high-resolution imaging can be achieved nowadays. For this kind of CE-CT, typically, there are two kinds of contrast agents used for the visualization of soft tissues: perfusion contrast agents, mostly used for in vivo or ex vivo indirect imaging of vasculature, and contrast agents that bind to the tissues for ex vivo imaging, further referred to as contrast-enhancing staining agents (CESAs). Here, we will focus on CESAs, which have proven to allow CE-CT imaging of BMAT.

The introduction of CESAs has enabled contrast-enhanced CE-CT to become a very important tool in biomedical imaging. CESAs bind to tissues of interest, increasing the X-ray attenuation coefficient (70). The very first reports on the use of CESAs for CE-CT imaging of soft tissues go back to only about a decade ago. Indeed, several groups (71–73) used osmium tetroxide (OsO4) on mouse embryos, pig lungs, and honeybees, respectively, to enable virtual 3D anatomical analyses using CE-CT. Although in these studies OsO4 was used for general tissue staining, it is well-known for its specific binding to unsaturated lipids (74, 75). Consequently, several years later, Scheller et al. reported the use of OsO4 for 3D CE-CT visualization of BMAT and quantification of its amount and distribution in long bones of mice using standard μCT (12, 76) and subsequently, ultrahigh-resolution μCT (77).

OsO4-based BMAT characterization requires a two-step scanning protocol: first, bones are detached and thoroughly cleaned from soft tissues, fixed, and scanned to enable characterization of 3D calcified bone parameters. The fixed bones are subsequently decalcified and then stained with OsO4 for 48 h (76) or longer if the mouse models develop severe BMAT accumulation. Subsequently, OsO4-stained bones are rescanned. These images provide 3D quantification of BMAT structural properties, such as adipocyte volume/total volume (Ad.V/TV), adipocyte volume/marrow volume (Ad.V/Ma.V), and adipocyte volume/bone volume (Ad.V/BV), which are quantified based on the amount of osmium-bound lipid. When combining OsO4 staining with high-resolution μCT imaging, individual adipocytes can be distinguished (Figures 2A,C,E) and a distribution of diameter can be calculated. When combined with image coordinate registration, this technique allows alignment of both the BMAT distribution and bone micro-architecture, as well as calculation of the distance of the BMAds from the bone surface (80). Some studies have also used this approach to measure BMAd density (cells/mm2 Ma.V) (81). The use of OsO4 for CE-CT-based BMAT visualization in mouse bones has quickly become widespread due to its compatibility with existing μCT infrastructure, ease of use, and reasonable cost (63, 82–84). As with most techniques, a high level of standardization is needed for each step in the procedure (fixation, decalcification, OsO4 staining, imaging, and analysis). For example, insufficient decalcification can lead to problematic osmium penetration and staining (85). Indeed, the limited tissue penetration capability makes staining of dense regions of adipocytes or larger bones problematic, restricting this technique primarily to whole bones in mice. Moreover, OsO4 staining is highly toxic, needing careful handling within a fume hood and appropriate disposal (86, 87).
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FIGURE 2. Zoom of a longitudinal CE-CT cross-section of the metaphysis of a murine tibia from a 16-week-old C57BL/6Rj male mouse fed ad libitum standard diet, using (A) osmium tetroxide and (B) Hf-WD POM staining, on the same sample. The orange arrows indicate the same adipocyte. The black arrow in (B) indicates the bone and the white arrow indicates a blood vessel. Zoom of a longitudinal CE-CT cross-section of the diaphysis of a murine long bone using (C) osmium tetroxide and (D) Hf-WD POM staining on the same sample. Scale bars = 250 μm. 3D rendering of (E) an osmium tetroxide stained murine femur (left) and tibia (right) from an 11-week-old C57BL/6J male fed ad libitum standard diet at room temperature, where adipocytes are presented in dark gray and bone in light gray. (F) Hf-WD POM stained murine tibia from a 30-week-old C57BL/6Rj male mouse fed high fat diet for 22 weeks [reprinted with permission from (78)], where white represents the bone, orange the blood vessels and yellow the marrow adipocytes. (G) 3D EM image of an adipocyte [reprinted with permission from (79)]. Lipid is shown in gray, mitochondria in green, cytoplasm in semi-transparent yellow, vascular sinusoid in red, perivascular cells in pink and orange, and blood cells in turquoise.


To overcome these limitations, a recent study by Kerckhofs et al. reported the simultaneous visualization of mineralized and soft tissue structures within bones (Figure 2F) utilizing Hafnium Wells-Dawson polyoxometalate (Hf-WD-POM) as CESA (78). For this technique, murine long bones are incubated in POM powder dissolved in phosphate buffered saline while shaking gently for 48-h to 5-days. Samples are then scanned in the staining solution, or wrapped in parafilm and put in a sample holder for scanning. Thanks to the combination of the hydrophobic behavior of adipocytes and the binding of Hf-WD-POM to the BM tissue, visualization of the adipocytes is possible. When combining this CESA with high-resolution scanning (about 2 μm voxel size, maximum total image volume about 6 × 4.8 × 6 mm3), BMAds can be imaged at the single cell level (Figures 2B,D,F). This not only facilitates measurement of the volume fraction of BMAT within the bone (Ad.V), but also enables the quantification of the BMAd Number (N.Ad), density (N.Ad/TV), and Diameter (Ad.Dm). Additionally, with sufficient contrast, the vascular network can be discriminated from the other marrow tissues. This allows for full 3D blood vessel network assessment (i.e., branching and spatial distribution). Hence, Hf-WD POM-based CE-CT provides complementary data to standard histomorphometry, with enhanced 3D spatial information and inter-relation between different tissues in the BM compartment (Figure 2F). This was recently used to show that BMAT increased after menopause, and that increased BMAT was associated with osteoporosis and prevalent vertebral fractures (55). It should be highlighted that Hf-WD POM is non-invasive and non-toxic, and does not interfere with subsequent histological processing and immunostaining. A limitation of Hf-WD POM, however, is that it is not yet commercially available, although it can be requested in the frame of a collaboration.

When making a direct comparison between Hf-WD POM and OsO4 using high-resolution CE-CT, it was observed that both CESAs performed equally well for detecting BMAds (Figure 2). For locations with a low to medium BMAT amount, however, OsO4 staining was more sensitive in visualizing the sparsely distributed adipocytes (Figures 2A,B). For medium to high BMAT content, OsO4 tended to overestimate the adipocyte size due to high contrast difference between stained adipocytes and background, and thus contributed to the partial volume effect (Figures 2C,D). For this condition, Hf-WD POM allowed more accurate separation of individual adipocytes. Advantages and disadvantages of these ex vivo techniques are summarized in Table 4.


Table 4. Main quantitative parameters assessed when using ex vivo imaging techniques to explore bone marrow adipose tissue.
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Future Challenges: 3D Microscopy

In recent years, standard microscopy techniques have also been optimized to gain 3D information about whole-bone cellular networks and nanoscale insight into the microenvironment of single cells. For example, tissue clearing strategies in skeletal tissues allow mapping of vascular networks and cell distributions in whole bones using light-sheet or two-photon microscopy (88, 89). Similarly, >50 μm-thick section immunohistochemistry can provide ex vivo insight into cell localization in 3D via conventional confocal microscopy (90). Though not yet published, we anticipate that clearing techniques described for marrow tissue will be used to provide novel information about BMAT localization and function. A key advantage relative to CT-based analyses is the ability to interrogate local cells and pathways that are defined based on expression of specific proteins and biomolecules using antibodies or genetically modified rodents.

At the nanoscale, focused ion beam scanning electron microscopy (EM), a form of serial EM that allows for 3D reconstructions at subcellular resolution, was recently applied to the BMAT adipocyte niche (79). This work builds upon previous 2D EM analyses of BMAT (11) and has helped to define interactions of BMAT with surrounding cells at the endothelial interface, within the hematopoietic milieu, and at the bone surface (Figure 2G). The major limitation of all of these techniques is the need for specialized imaging equipment. In many instances, data handling and analysis paradigms, which require very sophisticated statistical analysis to correct for the boundaries imposed by the confined bone architecture (91), are also just beginning to emerge. In any case, the development of regularly revised common standards and the commitment to BMAS reporting guidelines, as specified in Table 1, will increase comparability and pave the way for the comparative studies necessary to determine future gold standards in this rapidly evolving field.




IN VIVO IMAGING

While ex-vivo techniques provide ample information of structures and allow for specific quantification of tissues, non-invasive imaging tools are essential when it comes to clinical studies so as to better understand the pathological processes that affect the BM in situ. To date, magnetic resonance imaging (MRI) is considered as the reference imaging modality to appraise in vivo BMA (92, 93). This powerful imaging tool has been used in animals, for example to follow the effects of zoledronic acid treatment on marrow adipogenesis in ovariectomized rats (47), to quantify the decrease in BMAT volume in obese exercising mice (63), and to follow the progression of BMA in murine hematopoietic recovery [(60, 61); Figures 3C,D]. Due to their small size, such measurements are not straightforward in rodents, as they require very strong magnetic fields for meaningful BMA signal detection, and dual-energy μCT is a valid alternative. MRI techniques are primarily applied in vivo in humans (Figures 3A,B). Indeed, the growing interest in BMA in relation with post-menopausal osteoporosis, fractures, metabolic perturbations, as well as over- or undernutrition states, opens up potential exciting perspectives for clinicians (94). However, the multiple interfaces between trabecular bone and bone marrow foster local magnetic inhomogeneities and challenge the accuracy and precision of BMAT quantification.
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FIGURE 3. (A,B) Proton-density fat fraction (PDFF) maps generated using chemical shift encoding-based water-fat imaging from a commercially available sequence on a 3 Tesla magnetic resonance scanner. Coronal oblique acquisition of the left hip (A) and sagittal acquisition of the lumbar spine (B) of a 69-year-old woman with chronic lumbar and inguinal pain. Regions of interest can be drawn to assess bone marrow adiposity [(1) 94%, (2) 77%, (3) 71%, (4) 96%] at different anatomical sites through the PDFF parameter. (C,D) A three-point Dixon acquisition using a spin-echo based sequence and chemical shift encoding-based water-fat separation was conducted on a 9.4 Tesla horizontal magnet, to assess BMAT in vivo at the peak of aplasia after irradiation and bone marrow transplant in an 8-week-old C57BL6 female mice housed at room temperature fed ad libitum standard diet with antibiotics supplemented in the drinking water. The lower limb is shown as imaged in maximal flexion (61). Normalized fat content map (C) and fat content overlaid a magnitude image, red 10% - yellow 100% (D) show high BMAT content in the distal femur and also some BMAT in the proximal femur (horizontal, top of image) and throughout the tibia (diagonally across the image), in comparison to fat signal of surrounding extramedullary adipose tissue.



What Can We Measure?
 
Main MR Imaging Biomarkers

The most relevant imaging biomarker used to quantitatively assess BMAT using MRI is the proton-density fat fraction (PDFF), which is the ratio of unconfounded fat signal to the sum of the unconfounded fat and water signals [(92, 92, 95, 96); Table 5]. As a result, the main challenge and limitation with quantitative BMAT assessment using MRI is to minimize the confounding factors to measure only signals coming from lipid protons. Interestingly, PDFF assessment of BMAT has benefited from technical developments in abdominal imaging. These technological improvements have been crucial for the emergence of reliable and non-invasive approaches to quantify adipose tissue in a standardized manner, especially through single-voxel proton spectroscopy (1H-MRS) and chemical shift encoding-based water-fat imaging (WFI) techniques (95).


Table 5. Main quantitative parameters assessed when using in vivo imaging techniques to explore bone marrow adipose tissue.
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The second most common quantitative parameter reported in the literature reflects BMAT fatty acid composition. This specific evaluation is a topic of growing interest, as saturated fatty acids may have deleterious effects on the osteoblast lineage and may play a role in multiple inflammatory processes along with certain polyunsaturated fatty acids, affecting bone health (97). Fat composition assessment can be performed through an expression of its degree of unsaturation or polyunsaturation, calculated, respectively as the ratio of signal coming from the olefinic protons at 5.31 ppm or diallylic protons at 2.8 ppm on 1H-MRS acquisitions, to the sum of all lipid signals (Table 5), as discussed in detail in section Single-Voxel Proton Spectroscopy (93).



Robustness of 1H-MRS and WFI Methodologies

When the main biases are taken into account, WFI sequences appear to be robust in quantifying PDFF against changes in experimental parameters, in good agreement with 1H-MRS [r = 0.979 reported by (98), and R2 = 0.92 by (99)], using calibration constructs [BM phantoms: R2 = 0.97; (100)], and in agreement with histology using excised lumbar vertebrae [r = 0.72; (101)]. The intraclass correlation coefficients for repeatability and reproducibility of WFI were, respectively 0.997 and 0.984 (102), and the coefficient of variation in the quantification of PDFF varied from 0.69 to 1.70% (103). Moreover, a negative correlation (r = −0.77; 77) was demonstrated between 1H-MRS-based PDFF and ex vivo biomechanical vertebral properties (failure load), highlighting the relevancy of this parameter in bone strength (104). The reproducibility of 1H-MRS is known to be excellent, especially when assessing the lumbar spine in vivo, with an average coefficient of variation of vertebral bone marrow content of 1.7% (93, 105). Although 1H-MRS has long been considered the gold standard (105), WFI seems therefore to be a relevant and efficient alternative due to its ability to derive spatially resolved PDFF maps, with an absolute precision error of 1.7% between C3 and L5 vertebrae (106), and no significant differences with spectroscopic assessment in children (99) or in adults (98).

With regard to BMAT composition, although similar values have been reported between measurements from high-resolution proton spectroscopy acquisitions on ex vivo specimen and in vivo imaging (R = 0.61; 71), the true BMAT unsaturation level is consistently underestimated in in vivo acquisitions because of the fewer visible peaks. As a result, Li et al. preferred the use of pseudo-unsaturation level to better discriminate the apparent BMAT composition assessment in in vivo studies from ex vivo measurements. This differentiation in terminology reflects well the need to bear in mind the technical limitations encountered when evaluating fat composition in vivo.




Toward a Better Standardization of MRI Techniques

Because 1H-MRS and WFI can be performed in most clinical facilities, their main technical limitations must be taken into account when assessing in vivo BMAT. A better standardization of the methodologies used to quantitatively assess BMAT would increase the accuracy of the reported PDFF in the literature, as well as the relevancy of inter-study comparisons.


Single-Voxel Proton Spectroscopy

Based on the frequency shift which exists between molecular groups, signals from water and lipid protons can be discriminated in a defined voxel of interest through 1H-MRS. However, although the area under each peak of the acquired spectrum is related to the number of protons of a specific chemical moiety, the MRS acquisition and post-processing analysis to calculate PDFF needs to consider the following confounding effects.

First, the water and fat components of BMAT have different T2 relaxation times. Therefore, in the absence of any T2-correction, the calculated signal fat fraction from 1H-MRS acquisitions is T2-weighted, depends on sequence parameters and overestimates the true PDFF. An 1H-MRS acquisition at different echo times combined with a T2 correction can removed T2-weighting effects (107, 108).

Second, even though initial 1H-MRS studies mainly considered the methylene group peak at 1.3 ppm to calculate bone marrow fat fraction or lipid/water ratio, adipose tissue has a complex spectrum made of multiple peaks. An oversimplification of the model used may reduce the accuracy of the qualitative and quantitative fat assessment. However, the trabecular microarchitecture promotes broad spectral peaks which make peak fitting challenging (93). Nevertheless, constrained peak fitting methodologies have been depicted and performed successfully at the hip and lumbar spine (107, 108).

Third, the short T1 value of bone marrow fat compared to water induces a relative amplification of the measured signal. PDFF calculations might be subsequently biased if T1 effects are not minimized. This effect can be minimized by using long repetition times for 1H-MRS acquisitions (93, 95, 109, 110).

Finally, the choice of the sequence mode is also of importance and depends on the employed echo times. By lowering J-coupling effects and being able to acquire spectra using shorter echo times, stimulated echo acquisition mode (STEAM) might offer a more accurate precise BMAT quantification compared to point-resolved spectroscopy (PRESS) sequences, despite its relatively noisier sensitivity (93).

The consideration of the above confounding effects is critical for assuring the robustness of MRS-based PDFF measurements across imaging protocols and imaging platforms, and essential toward the standardization of MRS-based PDFF measurements.



Water-Fat Imaging
 
Dedicated WFI techniques for BMAT assessment

WFI techniques share comparable confounding factors with 1H-MRS: there is a need for [image: image] decay correction and T1 bias minimization, as well as a consideration of the multi-peak spectral characteristics of fat.

Indeed, due to the complex bone microarchitecture, the multiple interfaces between trabeculae and bone marrow induce an important but differential [image: image]-shortening effect affecting both water and fat. [image: image] decay effects have therefore to be considered in the estimation of PDFF based on WFI. Despite its theoretical justification, a dual-[image: image] decay correction adjusting both water and fat relaxation times provides accurate bone marrow fat fractions at a nominal fat fraction close to 50% but noisy PDFF maps were reported in the spine in regions with lower values (104). Therefore, a single T2* decay model should be at least adopted in BMAT WFI (93).

Regarding the T1-effect, the relative signal amplification can be easily lessened by using low flip angles or predetermined calibration values on WFI acquisitions (93, 95, 109, 110).

Finally, concerning the multi-peak spectral characteristics of fat, one direct consequence in WFI that illustrates an oversimplification of the model used is the “grayish” appearance of adipose tissues on water-only images generated from WFI reconstructions considering a single fat peak. This residual fatty signal may come from an incomplete discrimination of fat and water signals, especially between olefinic fat protons and water (111). Although this simplification is acceptable for most clinical applications, a more advanced modeling of the fat spectrum is necessary for a quantitative purpose.



Commercially available WFI solutions

As mentioned above, the methodological improvements of fat quantification using MRI emerged mainly from abdominal imaging. Most MRI vendors have played an active role in the development of these sequences. Although these commercial quantitative WFI solutions aim to quantify liver PDFF, these techniques may be an easier and interesting alternative to 1H-MRS in quantifying BMAT. An approximation with the multi-peak liver fat spectrum can indeed be considered, as only a negligible difference between the total signal fat from the 3 main peaks was reported when comparing the proximal femoral bone marrow and the liver (87 vs. 90%, respectively) (93, 107, 112). In addition, these sequences implement de facto a [image: image] decay correction, and because the T1-effect can be simply lowered through a low flip angle, these solutions might be performed for BMAT PDFF assessment.




Other Technical Considerations

Other confounding factors may also be taken into account, such as noise-related bias (especially when using complex-based methods), eddy currents effects, gradient timing mis-registrations, phase errors in WFI and correction of J-coupling effects and chemical shift displacement effects in 1H-MRS (99, 107, 110). Their description goes beyond the purpose of this review, but they are fundamental for the development of future techniques.




Current Challenges When Imaging In Vivo BMAT
 
A More Accurate Description of BMAT Fatty Acid Composition

Reporting of BMAT fatty acid composition through an expression of its degree of unsaturation constitutes the second most common quantitative parameter provided in the literature after PDFF-based quantification of total BMAT. Currently, only 1H-MRS can reliably assess BMAT composition.

However, contrary to PDFF assessment, there is not sufficient literature on the methodological considerations that should be followed in imaging studies. The importance of STEAM acquisitions over PRESS when assessing BMAT composition has been nevertheless highlighted, as a low reproducibility of unsaturation level measurements has been reported using the latter, with a reported coefficient of variation of 10.7% (105).

Moreover, the proximity and partial overlap of the olefinic peak with the water peak (present at 4.7 ppm) reduce the robustness of the peak fitting process. As a result, in addition to the previously described technical considerations, post-processing the spectra for this specific purpose is challenging, especially in young adults. Areas with low fat content, more frequently encountered in red bone marrow, limits the accuracy and precision of the reported measurements (93). The extraction of BMAT unsaturation levels is subsequently less prone to variations in yellow bone marrow or red marrow with elevated fat content.

Consequently, there is an urge to standardize and improve the reliability of this potential biomarker, as the degree of unsaturation of BMAT might have clinical implications, such as its potential role in the occurrence of fragility fractures (113, 114).



A Better Depiction of Physiological Values

To date, studies performed in healthy subjects have allowed for the description of physiological variations, especially in the spine. In children, WFI showed a decrease in PDFF measurements from the lumbar to the cervical spine, with a natural logarithmic increase with age but without sex difference (99). However, in adults, sex-related variations in addition to age-dependence of PDFF have been reported in the spine (106, 108). Regarding BMAT composition, differences in the degree of saturation have also been observed between adult males and females, with unsaturated lipids being higher in women (115).

Nonetheless, even though these physiological variations are critical for a better understanding of BMAT physiology, data is still insufficient in the literature to determine the exact normal values by age and gender, primarily due to the lack of standardization in methods used to assess BMAT.



Alternatives to 1H-MRS and WFI

Diffusion weighted-imaging, relaxometry, texture analysis, direct signal intensity, and dynamic contrast-enhanced imaging are alternative tools that have been performed to assess bone marrow adiposity. Although they provide interesting information, such as functional parameters related to bone marrow vascularization (116), these MRI techniques have not yet reached a consensus due to the insufficient number of relevant publications.

On the contrary, dual-energy computed tomography (DECT) is an emergent technique which may become a powerful alternative to MRI techniques as it can provide quantitative parameters representing both mineral and organic bone components (117). Consequently, whereas conventional single-energy quantitative computed tomography methods underestimate volumetric BMD measurements, DECT can correct for BMAT, resulting in more accurate densitometric measurements (118–120). Furthermore, BMAT content can be explored reliably, as good correlations have been reported with WFI and histology on cadavers (121, 122), and 1H-MRS in vivo (123). Potential interesting applications exist in oncology, to follow marrow fat expansion and BMD involution in patients after chemotherapy or radiotherapy (124). The main limitations of this modality are the radiation exposure, the need for prior phantom calibration, and the lack of standardization and data regarding reproducibility between different scanners and manufacturers.

In summary, MRI constitutes the current gold standard for in vivo imaging of BMAT in a clinical research setting, with current acquisition methods allowing for inter-center comparability. The field would however benefit from increased standardization, both in terms of reporting of confounding factors of the measured subjects as recommended in Table 1 and in terms of definition of standard sites of measurements, in order to increase comparability and to establish physiological reference ranges in humans and possibly larger mammals. The use of MRI for mouse models is only starting, due to the need for very strong magnetic fields for meaningful BMA signal detection; dual-energy μCT is a valid alternative for murine in vivo imaging.





FROM CELL ISOLATION TO IN VITRO MODULATION

BMAds exist in a complex microenvironment within the bone, embedded within the marrow tissue where access to live cells for functional analysis is not trivial. Complementary to the above discussed challenges associated to BMAd imaging within their native environment, in vitro systems and ex vivo assays are crucial for understanding of the BMAd and its subtypes at the cellular level. The difficulty in isolating and handling primary mature adipocytes from the BM has led to the use of in vitro adipogenic differentiation assays from BM stromal cells as a surrogate method to study BMAd, an approach widely used in the field of peripheral adipocyte biology. This approach relies on the isolation of a stromal vascular fraction (SVF) from adipose tissue which is then plated and expanded in tissue culture plastic. The resulting adherent monolayer of stromal cells isolated from the BM, the so-called BMSC fraction, acquires the phenotype of multilocular and sometimes fully mature unilocular adipocytes in the presence of specific differentiation cocktails in standard 2D cultures. Mature BMAds, which in vivo develop only after birth (125), most likely originate from a specific subset of progenitor cells present within the BMSC fraction. This biological sequence thus supports, in part, the use of differentiated BMSCs to model BM adipogenesis. In vitro differentiation assays, however, reveal a cellular response to chemical stimuli resulting in a sum of specific phenotypes which describe in vitro plasticity, but do not necessarily reflect their native in vivo differentiation potential. The in vitro plasticity of BMSCs is in fact often larger than the plasticity revealed by in vivo readouts in native or injury-repair conditions, highlighting the importance of complementary in vitro assays and in vivo readouts to establish cell fate mapping within the BM, as described below and extensively reviewed elsewhere (126, 127). The sections below summarize key challenges and practical considerations to minimize variability and increase comparability in future BMAT cell-based studies, whether based on the isolation of primary BMAds or in vitro adipogenesis from BMSCs.


BMAT: Location and Isolation

The BM is a soft tissue within the medullary cavity of compact bone. A mixture of hematopoietic precursors and differentiated cells, adipocytic cells, stromal cells, blood vessels, and nerve fibers occupy the marrow space within a complex network of extracellular matrix. Several techniques to isolate BMAT have been developed, all of which require invasive procedures to extract different populations from the encompassing bone.

In juvenile (age 8 to 12-week-old) mice, yellow/adipocytic marrow is present essentially in the distal tibia (filling up about one third of the total shaft length), the tail vertebrae and phalanx. Of the mouse strains systematically compared, BMAT is maximal in these locations in C3H/HeJ mice, and minimal in C57BL6/J mice (12). Older mice show a progressive increase in BMAT from distal to proximal, gradually gaining mature adipocytes in most skeletal sites of red/hematopoietic marrow. BMAT development and progression varies with strain and gender (128). Sites of murine BMAT for isolation in steady-state are thus small, and obtaining sufficient number of cells for cell sorting or cell culture purposes requires in most cases pooling samples from several animals.

It is important to note, as discussed in the in vivo modulation and in vivo tracing sections, that there may be differences in developmental origin according to the site of BMAT isolation. Due to the high degree of yellow/adipocytic marrow in the distal tibia, which also contains less trabecular bone than the caudal vertebrae, isolation of intact BMAT is relatively straightforward from the tibia after section at the epiphyses followed by gentle flushing or centrifugation. Contrarily, enzymatic digestion or mechanical disruption provides a higher yield of primary adipocytes from the tail due to the high number of caudal vertebrae and the predictable yellow/adipocytic marrow transition in the murine tail from the non-weight bearing segments. It is particularly important to note, however, that the fibrous tissue surrounding tail vertebrae is very rich in subcutaneous and periosteal adipocytes which require extensive mechanical removal or enzymatic digestion prior to isolation of BMAds to avoid contamination from subcutaneous adipocytes. One should also be aware that crushing bones can result in high cell death of BMAds and BMSCs, and it is thus to be avoided. Extraction of the intact BM plug or gentle mechanical disruption of the bone by fragmentation with a scalpel or scissors is thus preferred. Alternatively, a disrupted marrow plug can be obtained from smaller bones by removing the epiphysis and placing the open shaft in a PCR tube with a pierced bottom inside an Eppendorf tube containing a small amount of media (e.g., 200 μl), then gently centrifuging (e.g., 1 s at 500 g). BMAd markers are present in the top buoyant layer, while hematopoietic markers are only present in the pellet fraction upon RNA transcription analysis.

The long bones of mice are of similar size than human iliac crest biopsies, also called trephine biopsies, which involve the spongy bone and are performed for diagnostic purposes in hematology (1–2 cm long and 0.2–0.4 cm in diameter). Isolation and mounting approaches are thus often appropriate for both murine and human samples. Bone marrow aspirates are in most instances performed in parallel to trephine biopsies. In pediatric practice, BM aspirates are often performed from the sternum. Either are excellent sources of BMAT for research purposes after appropriate ethical approval. Debris from hip- or knee-replacement surgeries, including limb amputations, as well as spine neurosurgery also provide material rich in BMAds, as these are skeletal sites of abundant yellow/adipocytic marrow in the human adult.

Due to physiological BMAT specific variations according to species, strain, age, gender and skeletal site, as well as variations imposed by the isolation technique (flushing, spin-down, direct collagenase digestion, other enzymatic digestion), it is extremely important that researchers detail these parameters and indicate yield of primary BMAds or BMSC populations to favor comparisons across groups. Future efforts of the field should include evidence-based recommendations on extraction protocols that best preserve the heterogeneity of BMAd and their precursors. Other factors that may influence BMAT quality, and therefore yield, are related to body weight, bone weight or length and presence of metabolic perturbations or disease. BMAT obtained from human samples may be normalized to weight (μg) of tissue. Weight-based normalization remains however challenging for the small murine samples, where normalization per bone or “per leg” (e.g., tibia and femur) is standard (129).



Mature BMAds: Isolation and Culture

Isolation of primary mature BMAds has been done to high purity by multiple gentle centrifugation steps (9, 56, 130, 131) and may include enzymatic digestion to aid dissociation of BMAds from their surrounding connective tissue. BMAds, just like visceral adipocytes, are fragile cells that are very sensitive to the strains of handling and temperature gradients. Samples must be manipulated gently and typically at 17–37°C to avoid lipid droplets from bursting. Generally, BMAd numbers obtained from murine bones are low due to the small volumes and their affinity to plastic and proneness to floatation or bursting, which encumbers handling. Cell counting of mature adipocytes by hemocytometer or flow cytometry is not representative of the sample at hand, and quality controls for purity and viability need to be devised through other methods including, for example, immunofluorescence for adipocyte yield and quantification of hematopoietic cell contamination (e.g., DAPI, phalloidin, LipidTox-DR and anti-CD45) or nuclei counting coupled to ceiling culture for quantification of yield of viable mature adipocytes. For claims on purified BMAds, especially those that refer to population based transcriptional analysis or proteomics/lipidomics, it is paramount that researchers specify the degree of hematopoietic and undifferentiated BMA cell contamination in both mouse and human BMAT. Single cell RNA sequencing techniques will facilitate BMAT studies, albeit at a high cost.

The possibility of fluorescence activated cell sorting (FACS)-based purification of mature adipocytes for downstream studies has been recently described for extramedullary adipocytes, based on forward/side scatter light signal and viability ensured by manual adjustments to the sorting pressure (132). It is to be demonstrated whether this approach may be compatible with primary BMAd isolation.

Regardless of the isolation approach, a large number of primary BMAds must be initially isolated for most downstream assays (see section on BMAd assessment in vitro). On successful isolation of mature BMAds, their culture is delicate and short-lived. Ceiling culture in 2D allows for maintenance of BMAds for about 1 week (Figure 4E), after which de-lipidation is often observed. To avoid de-lipidation, irradiation of the cells has proven to be technically beneficial prior to culture (9). The recent description of protective 3D BMAd cultures in engineered devices or silk scaffolds holds great promise to recapitulate important clues for their behavior in vivo (133–135), but raises new challenges to develop efficient cell extraction protocols for endpoint analysis and 3D imaging techniques compatible with these set-ups.
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FIGURE 4. In vitro bone marrow adipocyte differentiation. (A) Bright field image (objective 10x) of OP9 cells differentiated in presence of serum, dexamethasone, insulin and IBMX (DMI cocktail) for 6 days, (B) Digital Holographic Microscopy (DHM) image of OP9 cells differentiated in DMI for 7 days. (C,D) Primary murine bone marrow stromal cells after in vitro differentiation in similar conditions imaged by light-transmission microscopy, where lipid droplets show a high refractive index (C) or stained with neutral lipid oil-soluble colorant Oil Red O (D). (E,F) Primary murine BMAds from 2-month-old FVB female mice as seen by light-transmission microscopy (E) or stained with Oil Red O (F).




BMAd Progenitors: Isolation, Culture, and Modulation in vitro

Mature BMAds coexist hand-in-hand with their immature progenitors, which constitute a subset of the total BMSC fraction. The BMSC fraction has been defined by either (i) exclusion of endothelial and hematopoietic markers [typically CD31 to exclude endothelial components, CD45 to exclude hematopoietic components, and either murine Ter119 or human Glycophorine A to exclude nucleated erythroid lineage cells which lost CD45 expression, as discussed in Boulais et al. (136)], or (ii) by adherence and expansion in tissue culture plastic. Specific subpopulations with functionally validated in vivo stem cell or progenitor function, the so-called skeletal stem cells (SSCs) and their downstream committed or partially committed stromal, bone and cartilage progenitors have been recently described in mouse and human BM (137, 138). They present in vitro adipogenic potential and different degrees of in vivo adipogenesis, with human CD146 constituting the best functionally characterized marker for prospective isolation of SSCs (139, 140). Other skeletal multi-potent populations have been identified within the BM, including PαS (CD45−Ter119−PDGFRα+Sca1+) (141, 142), although care must be taken when defining clonal multi-potency (125, 140). Specific markers to prospectively isolate intermediate steps within the stromal to adipocyte commitment axis have also recently been identified in mice by Ambrosi et al. Namely, a tri-potent bone/cartilage/adipocytic perivascular CD45−CD31−Sca1+CD24+ stem-cell like population, a CD45−CD31−Sca1+CD24− adipocytic progenitor population and a more mature CD45−CD31−Sca1−Zfp423+ BMAd precursor population were identified in the context of aging, high-fat diet (HFD) induced obesity and bone regeneration (5). No equivalent adipocytic differentiation hierarchy has yet been described in the human BM.

Due to the difficulty in isolating and expanding highly purified BMAd progenitors in mice, and to the lack of specific prospective BMAd progenitor markers in human BM, most studies to date have used unfractionated murine BMSCs, or in vitro expanded human BMSCs complying with International Society for Cellular Therapy (ISCT) standards (143) to produce in vitro differentiated BMAds for functional studies. ISCT standards provide a minimal set of surface markers and functional assays to validate human BMSC homogeneity. Standardized downstream functional assays have been proposed by the FDA (144–146). BMSC cultures rely on the rapid adherence of the cells to the culture dish, which allows exclusion of most hematopoietic cells from the culture. Nonetheless, passaging and sometimes sorting is necessary to eliminate macrophage contamination. As for primary isolated BMAds and to maximize comparability across studies, it is paramount to detail the source of BMSCs (gender, age, strain if applicable, metabolic diseases, skeletal location) and the method of isolation, such as specific enzymatic (e.g., collagenase-1,-2,-4, a combination thereof, trypsin) or mechanical dissociation as well as the specific expansion protocol, whose heterogeneity may explain some disparities in the field (summarized in Table 6, BMAS reporting guidelines as summarized in Table 1) (162). It is equally important to include quantification of contamination with hematopoietic or endothelial cells, and, specifically for BMSC populations, and to quantify the overall progenitor function of the primary isolate through fibroblastic colony forming unit assays (CFU-F) prior to adipocytic differentiation.


Table 6. Variability in murine bone marrow stromal cell isolation protocols.
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Induction of adipogenesis from BMSCs in vitro has included a variety of inducers in standard 2D culture conditions, as summarized for primary murine samples in Table 7. Most differentiation techniques are based on methods developed for murine extramedullary pre/adipocytes (e.g., 3T3L1) or BMSCs primed for adipogenic differentiation (such as C3H10T1/2, 3T3-L1, or OP9). The common denominator includes a combination of the corticosteroid dexamethasone, which ultimately induces master transcriptional regulator of adipogenesis C/EBP-α, and phosphodiesterase inhibitor isobutylmethylxanthine (IBMX), which leads to cAMP accumulation, protein kinase A activation and thus PPAR-γ expression. The cocktail is classically accompanied by insulin exposure, whether from the serum or exogenously administered. Thus the acronym “DMI” cocktail for Dexamethasone, IBMX and insulin (163). In addition, adipogenesis can be further boosted through the use of cyclooxygenase-2 (COX) inhibitor indomethacin or PPAR-γ agonist rosiglitazone. Of note, the mechanical properties of the substrate are also determinant for BMSC differentiation, and even dominant to exogenous biochemical signaling (164), with softer matrixes favoring adipogenesis. The role of extracellular matrix components in this context, and its rate of degradation, has been however largely understudied in this context.


Table 7. Variability of in vitro murine bone marrow stromal cell adipogenic differentiation protocols.
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BMAd Differentiation Assessment: In Vitro Assays and Applications

Multiple different cell types have the ability to accumulate lipid droplets, and thus we must evaluate the criteria with which we distinguish BMAds from other cells of the BM. In the context of extramedullary stromal differentiation, some groups have adopted the criteria of presence of at least four lipid droplets to define an adipocyte (165). This is especially useful as a threshold in imaging techniques where lipid droplets are visible (Figures 4A,C,E). As such, each investigator should critically evaluate what threshold is used as a definition.

Adipocytic differentiation is not completely efficient from primary BMSCs obtained on isolation, and the heterogeneity in cultures is well-known (166). This may be due to undetected heterogeneity of the initial BMSC population and adipocyte progenitors therein, to paracrine signaling cues in the culture, or, possibly, to presence of stromal cells that actively inhibit adipogenesis as recently described for CD142+ SVF cells in murine extramedullary adipogenesis (167). Moreover, as discussed above, in vitro differentiation potential may not faithfully reflect in vivo potential. Stringent in vivo assays in the form of heterotopic marrow formation by in vivo transplant in permissive conditions should thus be the norm to reveal the true lineage potential (140, 168, 169). Researchers must therefore rely on genetically modified mouse models with differential donor/recipient marker expression, or, in the case of human samples, in xenotransplants into immune-deficient mice with species-specific surface marker, Alu sequence or mitochondrial DNA detection to determine donor vs. host BMAds.

Upon isolation and culture or differentiation in vitro, assessment of BMAd maturation relies on the definition of the BMSC-to-BMAd axis and on established or forthcoming readouts. Classical biochemical techniques (including western blot, real-time qPCR, flow cytometry, RNA sequencing, lipidomics) require relatively large cell numbers, thereby limiting assay performance for BMAds. Importantly, the cells on each extreme of the maturation spectrum vary greatly, as simply illustrated by the morphological changes when comparing the spindle-shaped BMSCs with large lipid-filled BMAds (Figure 4). This must be accounted for in the selection of suitable references, such as reference genes for RT-qPCR that do not change upon adipocytic differentiation. Thus, cytoskeletal or metabolic genes must strictly be avoided as reference genes, while at least two early/mid- (PPARγ, CEBPα) and two late- (AdipoQ, Glut4, FABP4, LPL, PLIN1) stage markers should be quantified as genes of interest to cover the adipocytic maturation spectrum. The stability of reference genes needs to be demonstrated upon differentiation in every experimental setting, but others have identified good reference gene in the context of adipocytic differentiation from peripheral stromal cultures human and rodent studies (170, 171).

In vitro microscopy-based readouts classically detect lipid droplet formation with fluorescent dyes (e.g., Nile Red, ORO, BODIPY) (Figure 4F), or use of cells from fluorescently-tagged reporter mice (e.g., tdTomato, RFP, GFP as extensively reviewed in section in vivo Lineage Tracing). Whether for microscopy or flow cytometric applications, careful interpretation of results is required, as most mature BMAds will be lost on liquid handling, and care must be taken not to count lipid vacuoles from broken cells as BMAds. More recently, label-free techniques such as digital holographic microscopy (Figure 4B) or Raman-based microspectroscopy have been developed for in vitro BMAd cultures with high resolution and potentially improved performance over classical techniques (172, 173). By preventing staining and liquid-handling biases, these methods provide additional information on lipid content along with quantification of morphological parameters. Additionally, microspectroscopy holds the promise to reveal information on chemical composition at the single cell level, which may reveal physiologically relevant heterogeneity.



Challenges in Cell-Based Assays

Isolation of primary BMAds remains challenging in both mouse and human. In vitro BMSC or BMAd precursor differentiation provides a valid alternative for studying the role of BMAds in cell-based assays, although potential differences with in vivo differentiated BMAds should always be acknowledged. This presents a challenge for normalization with age-matched control groups where the BMAds do not undergo similar changes. For appropriate normalization, it is thus important to account for both cell number and tissue weight, with pooling of control group mice to reach similar levels of BMAd isolation from the experimental and control groups for appropriate comparisons. For both primary BMAds and BMSCs, the cell mixtures obtained are highly dependent on the source and handling, and thus gender, age, skeletal location, metabolic perturbations, as well-extraction and culture methods should be thoroughly described as detailed in the recommended BMAS reporting guidelines (Table 1). With the application of in vivo BMA induction protocols (reviewed in Tables 8, 9), BMAds are modulated in cell size, number, and phenotypic/functional properties. Additionally, measures of BMAd purity and BMSC CFU-F progenitor function should be reported to increase comparability of results across different researchers. It is imperative that as the BMA field matures, so must the publication of consensus protocols as well as definitions for both BMAd and BMSC isolation and differentiation.


Table 8. In vivo modulation of bone marrow adipose tissue by dietary and environmental factors.
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Table 9. In vivo modulation of bone marrow adipose tissue by hormonal and pharmacological treatments in animal models.
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IN VIVO BMAT MODULATION


In Vivo Lineage Tracing

It is now well-accepted that BMAds differentiate from a small number of radioresistant mesenchymal progenitor cells that reside in the bone marrow. The ability to identify these early progenitor cells, more mature precursor cells, mature marrow adipocytes, and other mesenchymal lineage derived cells (e.g., osteoblasts), has been accomplished by the advent of modern lineage tracing using relatively specific Cre-drivers and fluorescent reporters (5, 84, 137, 199–202). This approach has the added benefit of being able to compare marrow adipocytes to white, brown, and beige adipocytes, and adipocytes in different anatomical locations in vivo.

Today's lineage tracing consistently depends on the Cre/Lox system (203). In the standard Cre/Lox system, Cre recombinase is expressed under the control of a tissue-specific promoter to permanently activate a reporter gene that functions to mark the original Cre-expressing cell population and all daughter cells that develop. Therefore, it is paramount that one has a detailed understanding of the Cre driver's spatiotemporal expression. Lack of this understanding can result in false interpretations of the origin of the cells. As an example, PdgfRα-cre traces all the adipocytes in white adipose tissue, but within the bone marrow, it traces about 50% of the adipocytes (202). By contrast, Prx-1-cre traces all marrow adipocytes (202). It also traces posterior subcutaneous white adipose tissue, including beige adipocyte precursors, as the mesenchymal origin of this depot gets recombined during limb development. In contrast, Prx1 does not trace the majority of brown adipocytes or any visceral adipocytes (204). Thus, it is useful because of its relative specificity, especially compared to adiponectin-cre, which traces all adipocytes including marrow adipocytes (Figure 5A), and a range of BMSC precursors (6). Another advantage to this system are inducible Cres. As an example, Prx1-ER-cre, where Cre expression is activated in Prx1 positive cells by tamoxifen injection. These types of constructs allow for the timed induction of the reporter. A caveat to be considered when using tamoxifen and ER-inducible cre-drivers, however, is that the dose of tamoxifen required to efficiently activate Cre expression can be 100–1,000 times greater than required to activate estrogen receptors. A single dose of tamoxifen is reported to have irreversible effects on the uterus. Furthermore, tamoxifen crosses the blood brain barrier to regulate energy metabolism, is a potent immune modulator in mice, and can induce bone marrow failure (205–207). Investigators who choose to use tamoxifen in spite of its potent estrogen receptor-mediated actions, should be advised to include a no treatment control as well as a tamoxifen-treated/no Cre control. Equally important is the nature of the reporter gene used. For example, adipocytes possess little cytoplasm relative to other cell types, therefore cytoplasmic reporters such as LacZ are not optimal for tracing adipocytes. Instead, membrane-targeted reporters such as mT/mG (membrane Tomato/membrane GFP) provide superior results (208, 209). For extensive discussions on this topic see Jeffery et al. (210) and Sanchez-Gurmaches et al. (211).
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FIGURE 5. Lineage tracing of bone marrow adipocytes and bone marrow stromal cells. (A) Adiponectin-cre:mT/mG mice received a single dose of x-irradiation (1,000 rads) to induce bone marrow adipogenesis. Following irradiation, the mice were reconstituted by an intravenous. injection of 106 syngeneic bone marrow cells to prevent radiation induced bone marrow damage. Bone marrow was collected from the femur as an intact plug, stained with LipidTox (fluorescent lipophilic dye), and marrow adipocytes visualized by confocal microscopy. Greater than 95% of the cells were eGFP+ indicating they were traced by expression of Adiponectin. (B) The femur from Twist-2-cre:mT/mG mice was isolated, the femoral head removed and the bone fixed in 4% paraformaldehyde overnight. The bones were then immersed in 30% sucrose for 3–4 days, then placed in optimal cutting temperature compound, and frozen. Five to 10 μm thick-sections were imaged by confocal microscopy. Columns of growth plate cartilage cells were eGFP+. In the bone marrow (outlined by arrows and appearing red), a small number of eGFP+ cells can be seen. In addition, approximately 50% of osteocytes (*bone, appearing black) were also eGFP+. Cells that were eGFP+ were traced by the expression of Twist-2.


Once the Cre-reporter has been selected, which will be dictated by the demands of the experiment, either an ex-vivo or in situ approach can be taken.

The ex-vivo approach involves dissecting out the femur, cutting off the femoral head and removing the distal epiphysis above the growth plate. A 20-gauge needle can then be inserted down the medullary canal (from proximal to distal), and punching out the needle through the distal growth plate. Because the distal growth plate is intact this causes the bone marrow to fill the needle. The needle is then attached to a syringe and the marrow plug can then be deposited on a microscope slide by depressing the barrel of the syringe. The adipocytes in the marrow plug can then be prepared for imaging by confocal microscopy. Femora are preferred for this technique because they are fairly uniformly cylindrical along the length of the bone making them amenable to boring.

Advantages: (1) This is a straight forward simple method that requires no specialized equipment, with the exception of the confocal microscope; (2) The method is rapid. It avoids the requirement of decalcification or sectioning; (3) Using mT/mG reporter mice, in addition to tracing mature marrow adipocytes, will show whether marrow adipocyte precursors (GFP+) expressed the gene of interest; (4) The marrow adipocytes, in the marrow plug, can be stained with a fluorescent lipophilic dye (i.e., LipidTOX) allowing for easy identification of the mature adipocytes. This also allows for better determination of cell counts and size. This approach can be combined with immunofluorescence to co-stain for other cell markers if desired.

Challenges: (1) Because adult mice (C57BL/6 background) have few marrow adipocytes in the femur, induction of marrow adipogenesis is recommended. However, the choice of which induction protocol to be used (x-irradiation, high fat diet feeding, feeding with a methionine restricted diet or a rosiglitazone containing diet, see Tables 8, 9) will depend on the experimental design; (2) The femoral medullary canal in adult mice is the only site sufficiently large to collect a workable bone marrow plug; (3) Because the cells are removed from the marrow their anatomical location, especially as it relates to trabecular bone and the endosteum is lost.

The second, in situ, approach maintains anatomical location with respect to the growth plate and endosteum, but by maintaining the calcified bone matrix, introduces its own complications. Although the in situ approach involves collecting fresh femurs, from that point, the method varies significantly from investigator to investigator. The bones can be fixed in paraformaldehyde overnight and then given a partial decalcification in EDTA, sucrose incubation follows, and then embedding in either a cryomedia or carboxymethyl cellulose, followed by frozen sectioning (Figure 5B). Some of the best images have been acquired using a tape-transfer system and cutting 10–30 μm sections (137, 199–201). Other investigators have even used paraffin embedding instead of frozen sections, although this necessitates the use of antibodies, even in fluorescence reporter mice (5). After sectioning, the tissue can then be stained with the desired antibody-conjugate (direct i.e., GFP, or indirect using a secondary fluorescent antibody or biotin-avidin conjugate), and imaged by fluorescence or confocal microscopy. However, the fixation and decalcification can vary greatly form investigator to investigator, including some who use no fixation and rapid freezing (200). In addition, to immunofluorescent staining, transient fluorescent reporter mice (e.g., Zfp423-EGFP) or Cre/Lox lineage tracing fluorescent reporter mice can be used.

Advantages: (1) The major advantage to this method is that it allows for direct visualization of the cells within intact bone. Thus, the spatial relationship between marrow adipocytes, other cells, and bone is maintained; (2) Using mT/mG reporter mice can be a significant advantage; (3) Mature marrow adipocytes can be imaged.

Challenges: (1) This method requires expertise and experience in bone histology and specialized histologic equipment (e.g., tungsten-carbide knifes to section bone); (2) Sectioning small bones (e.g., distal tibia and caudal vertebrae) can be difficult; (3) Difficulties using the tape-transfer systems have been reported; (4) The embedding techniques and section preparation often exclude the combined use of lipid-tracing dyes.

It is clear that great progress in lineage tracing of marrow adipocytes has been made during the last few years, due to advances such as the Cre/Lox system. Our ability to delineate cells in the bone marrow adipocyte lineage will only get better with the advent of more specific Cre-drivers and more robust reporters. Refinements in our ability to process bone to make it more accessible to these methods will result in an even better understanding of the lineage, how it relates to other mesenchymal lineage cells, and the myriad of other cells in bone marrow.



In vivo Modulation of BMA

BMAT is a complex and dynamic depot that is highly regulated and can affect the function of other tissues/organs. Whether presence of BMAT is necessary for normal physiological responses is still controversial. While some studies have shown that BMAT negatively influences bone mass, a study in BMAT-deficient KitW/W−v (BMAT−) mice suggested that the absence of BMAT did not have any relevant effect on ovariectomy-induced bone loss (22). However, a recent study in BMAT− male mice has shown that absence of BMAT exacerbated bone loss during hindlimb unloading (212).

The expandability of BMAT is regulated by nutritional and environmental factors, aging, endocrine signals, and pharmacological agents. Here, we critically summarize experimental models used to study in vivo regulation of BMAT development and function.


Nutritional and Environmental Interventions

In C57BL/6J mice, a strain susceptible to obesity and diabetes, HFD feeding induces also BMAT expansion (174, 175). When diet-induced obesity (DIO) is reversed by switching to normal chow diet (NCD) to mimic weight loss, the HFD-induced BMAT recedes (175). Some of these alterations are microbiota-dependent (195). The alterations induced by the HFD on BMAT gene expression differ from that observed in peripheral adipose tissues. In contrast to visceral WAT, pro-inflammatory gene expression was decreased while the expression of genes of the insulin signaling pathway increased in BMAT of HFD-fed mice, suggesting a differential metabolic regulation of BMAT adipocytes (161). Walji et al. (213) used microfibril-associated glycoprotein-1 (MAGP1) deficient (Mfap2−/−) mice that develop adult-onset obesity that precedes insulin resistance. In these mice, BMAT increased relative to WT mice coincident with the development of insulin resistance, and not with excess peripheral adiposity, hyperglycemia, change in trabecular bone volume or hematopoiesis.

Exercise is a life-style intervention proposed to prevent/counteract obesity-associated BMAT expansion (Table 8). Voluntary wheel running in C57BL/6 fed NCD or HFD demonstrated that exercise prevented the increase in BMAT acquisition (176). Styner et al. (189) found that exercise (alone or in combination with rosiglitazone) reduced BMAT volume and upregulated UCP1 expression in whole tibia (Table 9). Exercise can also reverse the increase of BMAT observed in previously obese animals (HFD-fed for 3 months) by decreasing both adipocyte number and size (63). Exercise was associated with higher trabecular and cortical bone quantity in lean and obese mice, but HFD itself did not influence bone quantity. Importantly, a recent study, also provided evidence that physical exercise modulates vertebral BMAT in humans (214).

The differential in vivo regulation of BMAT by nutritional status also occurs in animal models of caloric restriction (CR). In contrast to what is observed in visceral or subcutaneous WAT, BMAT is preserved or even increased in states of CR [(35, 177, 178, 183); Tables 8, 9]. Indeed, CR (30%) in young growing mice alters bone formation, but despite having a lower body weight and body fat percentage, they exhibit a dramatic increase in BMAT (35). In patients with anorexia nervosa, CR is also associated with increased BMAT (215, 216). However, in New Zealand rabbits moderate or extensive CR did not cause BMAT expansion (177). It has been suggested that the increase in BMAT is especially prominent when nutrient deprivation occurs during periods of skeletal growth, such as childhood or adolescence (178). This period of rapid skeletal growth may already be poised for BMAT development as this is also a time of rapid baseline BMAT accumulation (217).

The expansion of BMAT during CR has also been associated with changes in several neuroendocrine factors that are modulated in response to energy deprivation. The decrease in leptin that occurs during CR-induced weight loss may account for the increased BMAT. Indeed, BMAT is increased in leptin-deficient ob/ob mice (218), and subcutaneous leptin treatment induces loss of BMAT adipocytes and increases bone formation in these mice (181). Moreover, peripheral leptin therapy is effective in reversing the increased BMAT observed in type 1 diabetic mice and CR models, but does not stop the bone loss that occurs concomitantly [(182, 183); Table 9]. Furthermore, central injections of leptin into the ventromedial hypothalamus (VMH) of Sprague-Dawley rats, as well as leptin gene therapy (intraventricular administration of recombinant adeno-associated virus (rAAV)-leptin gene) to ob/ob mice also reduced BMAT (184, 185). Interestingly, mice with selective deletion of the leptin receptor (Lepr) in limb bone marrow stromal cells (Prx1-Cre;Leprfl/fl mice) exhibited normal body mass and hematopoiesis, but have decreased BMAT, and increased osteogenesis (219). Moreover, Prx1-Cre;Leprfl/fl mice were protected from the HFD-increases in BMAT and reductions in osteogenesis. It therefore appears that hypothalamic and peripheral leptin signaling may have different or multiple effects on adipogenesis within bone marrow.



Aging

Increased BMAT is also observed during aging, and has been negatively correlated with bone health, and sometimes precipitates impaired hematopoiesis in animals (5, 220) and humans (221–223). Dietary strategies have also been proposed to counteract the increased BMAT associated with aging, and combination of conjugated linoleic acid with fish oil can decrease age-associated BMAT in C57BL/6J mice (179). Dietary methionine restriction (MR) increases longevity in rodent models, however MR promotes BMAT accumulation in contrast to WAT reduction (180).



Endocrine Regulation

From an endocrine perspective, bone and BMAT metabolism are tightly linked and therefore BMAT is under extensive hormonal regulation. First of all, already a long time ago it has been observed that ovariectomy increases BMAT in animals (224) and ovariectomy is now commonly used to induce BMAT in animal models. These observations have been extended to humans, as BMAT increases during aging and this increase is accelerated in women around the time of menopause (225). Post-menopausal hormonal replacement therapy with estradiol, both long term (1 year) and short term (2 weeks) decreases BMAT in women (33, 226), showing that indeed estradiol is an important regulator of BMAT. At the same time that estradiol secretion by the ovaries ceases, compensatory follicle stimulating hormone (FSH) secretion by the pituitary gland increases. In addition to the effect of hormonal replacement therapy, also FSH blocking therapy has been shown to decrease BMA in mice (83). In addition to gonadal hormones, glucocorticoids have a profound effect on adipose metabolism and this also holds true for bone marrow adiposity. Cushing's disease, defined by increased adrenocorticotropic hormone (ACTH) production by a pituitary adenoma and therefore hypercortisolemia, increases BMAT and this reverses again following surgical cure by removal of the pituitary adenoma (227). Also, long-term glucocorticoid treatment leads to increased BMAT (228) and can be used to induce BMAT in animal models. Finally, parathyroid hormone, an important regulator of bone metabolism and potent osteoanabolic drug, also has an effect on BMA. Teriparatide treatment in osteopenic women reduces BMAT (229) and animal studies showed that this effect can be recapitulated by genetic deletion of the parathyroid hormone receptor in skeletal stromal cells (56). Interestingly, additional studies from the Rosen lab showed that the effect of PTH is not only on the differentiation of the SSC into the adipocytic lineage, but that Parathyroid Hormone (PTH) can also induce lipolysis in BM adipocytes (230). In addition, growth hormone (GH) is an important regulator of skeletal growth and growth hormone deficiency or resistance has been associated with changes in BMAT. In growing rats, hypophysectomy dramatically increases BMAT and this could not be reversed by treatment with either estradiol, thyroid hormone, cortisol or Insulin Growth Factor-1 (IGF-1), but was completely reversed by treatment with GH (231). In healthy, premenopausal women, vertebral BMAT measured with 1H-MRS was inversely associated with IGF-1 concentrations, but not stimulated GH concentrations (232). However, treatment with recombinant GH for 6 months in premenopausal obese women, did not change BMAT, although there was a significant difference between the GH treated and placebo treated groups due to the decrease in BMAT in the placebo group (233). Therefore, the role of GH in the regulation of BMAT in adult humans remains uncertain and studies in children during growth have not been performed.

BMAT is not only regulated by hormones, but also acts as an important endocrine organ itself. Cawthorn et al. (234) found that increased BMAT significantly contributes to the higher circulating adiponectin levels during CR. Moreover, studies in Ocn-Wnt10b mice, which resist BMAT expansion during CR, demonstrated that increased BMAT is required for the elevated circulating adiponectin in this condition. Furthermore, BMAT and adiponectin levels increase in patients undergoing therapy for ovarian or endometrial cancer, despite no change in total fat mass (234). Increased adiponectin levels and BMAT volume were also observed in DIO WT (C57BL/6J) mice treated with Rosiglitazone. However, female Ocn-Wnt10b mice treated with Rosiglitazone had mildly blunted hyperadiponectinemia (191) while males did not, suggesting a sex-specific response.



Pharmacological Modulation

Several drugs also regulate BMAT. PPARγ is a master transcription factor for adipocyte differentiation, and treatment with the insulin-sensitizing drugs thiazolidinediones (TZDs), which are PPARγ agonists, affects marrow adiposity. As shown in Table 9, treatment with several PPARγ agonists such as Rosiglitazone and Troglitazone enhanced BMAT in different animal models (187, 188). However, the effects of TZDs on BMAT seem to be strain-specific (190) and age-dependent, favoring BMAT accumulation in older mice rather than in young-growing animals (188). In ovariectomized (OVX) rats, treatment with rosiglitazone (BRL49653) exacerbated bone loss and increased BMAT (186). On the other hand, several studies have shown that treatment with PPARγ agonists increased BMAT without affecting trabecular bone volume, suggesting that adipogenesis and osteogenesis can be regulated independently in vivo (187). Similarly, netoglitazone administered to 6-month-old C57BL/6 mice had a strong adipogenic induction with no change in the trabecular architecture and modest decreases in cortical bone mineralization (235). In contrast, a reduction in BMAT has been observed in all studies administering PPARγ antagonists after chemo/radiotherapy, which are potent inductors of BMAT [(37, 192–194, 196, 236); Table 8]. Moreover, genetic models of PPARγ loss show a pronounced increase in bone mass with extramedullary hematopoiesis (237, 238). The effects of BMAT in the recovering of hematopoietic compartment seem apparently contradictory, possibly due to the differential effects of distinct BMAd subtypes and differentiation stages in hematopoietic progenitor support [reviewed in (239, 240)]. Methodologically, it is to be noted that although effective in reducing BMAT, the most commonly used PPARγ “antagonist” for in vivo experimentation, Bisphenol A Diglycidyl Ether (BADGE), has partial PPARγ agonist effects and is a potential endocrine disruptor receptor anti-androgenic and pro-estrogenic properties (241–243). It is therefore recommended that future in vivo studies use a more specific PPARγ antagonist such as GW9662 (196).

BMAT thus accumulates following hematopoietic marrow ablation. A wave of BMAT precedes hematopoietic repopulation and peaks from 2 to 3 weeks after whole-body radiation depending on dose and recipient characteristics (700–1,000 Gy) (193, 202). BMAT is then lost and the timing of recovery depends on the radiation dose and on the number of hematopoietic cells used for the rescue. Sublethal models which do not require hematopoietic rescue have also been developed with 5-fluorouracil or cytarabine treatments (194, 236). Both radiation and chemotherapeutic treatments induce dramatic increases in BMAT also in patients (234, 244), whereas certain disorders of inefficient hematopoiesis (e.g., W/Wv mice) are associated with greatly reduced BMAT and a modified lipid composition of the stroma (245, 246). The biological implications of BMAT in neoplastic progression within the BM microenvironment are only beginning to unravel (247–251).



Sympathetic Regulation

A very important issue when studying the in vivo modulation of BMAT is to consider the region-specific variation in the properties of the skeletal adipocytes, as already discussed in the BMAT isolation section. The studies of Scheller et al. (12) in mice strongly support the existence of a constitutive (cBMAT) and a regulated (rBMAT) depot. cBMAT is in the distal long bones fills the medullary canal from the tibia-fibular junction into the malleolus and caudal vertebrae, histologically resembles WAT, appears rapidly in the early postnatal period, does not usually respond to stimuli or pathophysiological changes (202), though it can reduced over several months with thermoneutrality (252). In contrast, rBMAT is situated in the proximal regions of long bones and in spinal vertebrae, develops after cBMAT, and is interspersed with hematopoietic cells. rBMAT increases or decreases in various conditions (DIO, aging, CR, etc.) (253).

The study of Scheller et al. (12) also revealed that knockout of PTRF (Ptrf−/− mice, a model of congenital generalized lipodystrophy 4) selectively inhibits formation of rBMAT adipocytes without affecting cBMAT, which could be one step toward generation of a genetic model of rBMAT ablation (12).

The lack of response of BMAT adipocytes to lipolysis during energy deprivation has been attributed to resistance to β-adrenergic stimulation, but this effect also shows region-specific differences. Acute fasting (48 h) decreases cell size of BMAT adipocytes within the proximal tibia but not within the tail vertebrae in Sprague-Dawley rats (178). Moreover, BMAT from distal tibia and tail vertebrae of these rats resists β-adrenergic-induced phosphorylation of Hormone-Sensitive Lipase (HSL) and/or perilipin, which are required for stimulation of lipolysis. Furthermore, treatment of C3H/HeJ mice with CL316,243, a β3-AR agonist, caused remodeling/beigeing of WAT, but only moderate remodeling of lipid droplets in BMAT of proximal tibia without affecting mid or distal tibia (Table 9). Furthermore, β-adrenergic stimulation through cold exposure shows lipolytic response by rBMAT (decreased rBMAT in the tibial epiphysis and in the proximal tibia) while cBMAT remained unchanged (12). Therefore, these data suggest that the lipolytic response to β-adrenergic stimulation is more pronounced in rBMAT than in cBMAT (178).

Another important factor to take into account when designing and interpreting studies about in vivo BMAT regulation is the effect of housing temperature. Most of the studies in mouse models are performed at room temperature (RT, around 22°C), which is below the thermoneutral temperature for mice (around 32°C). Therefore, RT housing can increase non-shivering thermogenesis by the sympathetic outflow and the activation of UCP1 in BAT (254, 255) showed that thermoneutral housing not only reduces UCP1 expression in BAT, but also increase BMAT and the percentage of body fat as compared with RT-housed mice. Therefore, the mild cold stress induced by RT-housing could be a non-considered confounding factor in mice studies.



In vivo Modulation Challenges

All these studies have demonstrated that BMAT expansion accompanies metabolic dysfunction. However, many physiopathological changes take place in these processes, and dissecting the role of BMAT expansion from the role of peripheral adipocytes and other metabolic perturbations make mechanistic studies a challenge. Furthermore, the divergent BMAT responses to different strains/species suggest the existence of a strong genetic background effect, which should be considered when designing studies, highlighting once more the importance of adhering to the BMAS minimal reporting guidelines when communicating results (see Table 1). Possibly, standard in vivo experimental conditions need to be defined for inter-laboratory comparisons. As we continue to identify the physiological processes that underlie the formation of BMAT and the environmental and genetic cues that control its accumulation, it is becoming increasingly evident that BMAT may be heterogenous.

Finally, in spite of their limitations, wider use of available genetic models of non-selective BMAT depletion (e.g., Ptrf−/−, W/Wv), which have lesser metabolic phenotypes than severely lipodystrophic mice (e.g., A-ZIP/F), should advance the field until models of highly-specific BMAT depletion can be developed. Furthermore, it is paramount to consider that the BMA, bone, vascular and hematopoietic compartments are tightly interlinked within the BM, such that in vivo analysis requires functional measurements of all four compartments to reach mechanistic conclusions.





BIOBANKING

The BMAS Working Group on Biobanking has the ambition to generate standardized approaches toward isolation, characterization and long-term storage of tissues/cells related to BMA and their associated data and annotations. Although difficult to achieve due to several challenges (see below), creating minimal standards to isolate and characterize BMAds as well as freezing protocols for long-term storage should significantly reduce variability in outcomes between studies and laboratories. This is especially important to ensure viability and conservation of heterogeneity in cell-based assays, and to ensure sample stability for chemical analysis including mass spectrometry. Most importantly, unified biobanking standards along with the protection of associated data will enable responsible use and exchange of samples for comparative and larger-scale studies. Ultimately, the field will benefit from improved applicability of animal and human BMA-related samples, which may better facilitate the discovery of novel therapeutics to target BMA.

In a complementary fashion to the BMAS Working Group in Methodologies, one of the foci of the BMAS Biobanking Working Group will be to congregate methodologies related to the collection, freezing/thawing and long-term storage of BMAds. Additional aspects of biobanking that the working group will scrutinize are privacy regulations regarding participants/patients, data protection and ethical guidelines to facilitate collaborative efforts. Main challenges toward this objective are briefly introduced below.


Isolation of BMAds

Different types of materials have been and will be employed to study BMA, including BM aspirates, biopsies, specific cell types, BM plasma fraction, etc. After having defined these, recommended standard procedures are required regarding BMA isolation, processing and characterization. For example, isolation protocols vary substantially between laboratories (digestion with collagenase or other enzymes, incubation times, etc.). In addition, it is important to distinguish protocols for animal studies vs. human materials as BMA is different in composition, location, metabolism and regulation. For human bone marrow–related samples, recommended patient screening should be additionally established (HIV, Hepatitis B and C virus). Finally, minimal standards should also be established for sample annotation, which should include description of the site of collection, method of collection and isolation, including time and type of digestion, time from collection to freezing, etc.



Characterization of BMAds

One of the biggest challenges is to define a healthy control set, especially for human samples (see Table 1). What is regarded as normal population and a standard site of collection and how do we define this? What is the minimal set of parameters required to define such a set? One solution is to propose a minimal set of specific surface molecules, gene expression markers and/or other biomarkers (e.g., lipid profiles) to facilitate comparisons and thus also multicenter studies. Some specific markers have been proposed (adipokine markers, absence of hematopoietic, endothelial, and hematopoietic markers) but additional species-specific markers are needed to be able to characterize BMAds in a uniform and reliable fashion.



Long-Term Storage of BMA-Related Samples

To date it has proven impossible to freeze BMAds, and the only access point to retrospective samples relies on the identification of adipocyte ghosts in paraffin blocks. Tissue samples containing adipocytes are being collected but these require purification and/or digestion steps before freezing. On the other hand, storage of precursor cells (SSCs) may poorly reflect the BMA situation at the time of isolation, most often due to cellular expansion (and deviation) in vitro before or after freezing. In order to create as much homogeneity as possibly, it is vital to define freezing and thawing procedures employed with a minimum of interfering steps as well as viability and cell growth/differentiation characteristics of previously stored BMA samples. Non-frozen samples, including paraffin blocks, may pose less issues, but still homogeneity in tissue processing and database management are required to optimize storage and exchange of samples.



Ethical Issues and Data Protection

With the installment of the General Data Protection Regulation (GDPR) in 2018 (EU GDPR Portal (website), accessed August 27, 2019, http://eugdpr.org) the protection of people and data has become more stringent. Trying to come up with a standardized procedure toward biobanking will face challenges, including different national regulations, institutionalized rules, etc. Ethical guidelines varying between countries should be dealt with to assess the possibility to generalize ethical topics into one document for samples to be collected in the future. Related to this, a general template for informed consent and awareness of mutual use of obtained samples by all involved may improve standardization and the possibility to share samples, which is especially relevant in the context of rare diseases. A BMAS consortium-wide material transfer agreement may be instrumental for this.

Issues related to data protection include the assurance that participant/patient data remains anonymous at all costs. Although the consciousness around this subject is increasing, the working group will assess these issues in detail and will aim to propose a comprehensive recommended protocol to safeguard anonymity and data protection that originates from any of the laboratories. Data obtained in the European union (EU) often cannot be stored on servers outside the EU and similar regulations may apply to different continents as well. Therefore, a robust data management plan needs to be installed that can explore and potentially overcome challenges such as decentralized storage of samples and associated files.

In conclusion, biobanking, and methodological challenges are tightly linked. Minimal standards and international overarching ethical guidelines for BMA sample collection and data protection will be critical to increase the quality of fundamental and multicenter clinical studies, and interpret with greater confidence the outcome and impact of BMA research within the next few years.




CONCLUDING REMARKS

Specific methodologies for the study of BMA have been developed in the last decade, paralleling the increasing interest in the field. Gold standard methodologies currently exist for the assessment of BMA ex vivo, in vivo and in vitro (e.g., histomorphometry and OsO4− 3D contrast-enhanced μCT for ex vivo, WFI and 1H-MRS MRI sequences for in vivo studies, lipid-dye-based and RT-qPCR-based assessment for assessment of in vitro BM adipogenesis) and emerging techniques may soon come to complement or substitute these gold standards (i.e., digital pathology algorithms for histomorphometry, POM-based contrast-enhanced CT for ex vivo imaging, dual energy CT for in vivo imaging as well as more reproducible parameters for in vivo MRI spectroscopy, label-free or 3D microscopy and microspectroscopy for in vitro imaging, or 3D adipose organoids for in vitro cultures).

However, great challenges still remain. First, given the inherent fragility of BMAds and their difficult access within the bone, protocols for extraction, ex vivo handling, and in vitro culture/differentiation of BMAds or BMSC progenitors vary greatly. Thus, recommended standardized protocols for in vivo modulation and extraction, minimal standards for BMAd purity assessment, and standardization of method-specific thresholds for BMA detection would greatly increase inter-study comparison and multi-site collaborations. Second, given the number of factors that affect BMA mass, and possibly type (e.g., skeletal location, gender, age, strain, nutritional status, metabolic state, exercise, ambient temperature, isolation technique), great attention needs to be paid in careful annotation and reporting of these confounding factors for all BMA scientific output. Third, in order to move forward the functional understanding of BMA, tools for the specific ablation of BMAds are urgently needed to uncouple the local BMA-effects from the metabolic effects of systemic lipodystrophy.

The BMAS Working Group in Methodologies and the collaborative BMAS community at large present the opportunity to reach methodological consensus guidelines and propose minimal standards that would strengthen the quality of our scientific output, increase comparability and prepare the field for multi-site preclinical and clinical studies which can pave the way to sound clinical translation. As a first step, incorporation of the BMAS nomenclature guidelines presented in the accompanying piece of this issue (31) and adherence to the methodology reporting guidelines presented here (Table 1) will ensure a common language for our community. In addition, we would like to invite readers to contribute by commenting on this review in the comments section of the “Frontiers in Endocrinology” website.
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Growing female mice housed at room temperature (22°C) weigh the same but differ in body composition compared to mice housed at thermoneutrality (32°C). Specifically, mice housed at room temperature have lower levels of white adipose tissue (WAT). Additionally, bone marrow adipose tissue (bMAT) and cancellous bone volume fraction in distal femur metaphysis are lower in room temperature-housed mice. The metabolic changes induced by sub-thermoneutral housing are associated with lower leptin levels in serum and higher levels of Ucp1 gene expression in brown adipose tissue. Although the precise mechanisms mediating adaptation to sub-thermoneutral temperature stress remain to be elucidated, there is evidence that increased sympathetic nervous system activity acting via β-adrenergic receptors plays an important role. We therefore evaluated the effect of the non-specific β-blocker propranolol (primarily β1 and β2 antagonist) on body composition, femur microarchitecture, and bMAT in growing female C57BL/6 mice housed at either room temperature or thermoneutral temperature. As anticipated, cancellous bone volume fraction, WAT and bMAT were lower in mice housed at room temperature. Propranolol had small but significant effects on bone microarchitecture (increased trabecular number and decreased trabecular spacing), but did not attenuate premature bone loss induced by room temperature housing. In contrast, propranolol treatment prevented housing temperature-associated differences in WAT and bMAT. To gain additional insight, we evaluated a panel of genes in tibia, using an adipogenesis PCR array. Housing temperature and treatment with propranolol had exclusive as well as shared effects on gene expression. Of particular interest was the finding that room temperature housing reduced, whereas propranolol increased, expression of the gene for acetyl-CoA carboxylase (Acacb), the rate-limiting step for fatty acid synthesis and a key regulator of β-oxidation. Taken together, these findings provide evidence that increased activation of β1 and/or β2 receptors contributes to reduced bMAT by regulating adipocyte metabolism, but that this pathway is unlikely to be responsible for premature cancellous bone loss in room temperature-housed mice.
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INTRODUCTION

The thermoneutral zone, also called the zone of thermal comfort, is the temperature range where the resting rate of heat production is in equilibrium with the rate of heat loss to the environment. The thermoneutral range varies among species and is ~10°C higher for mice than for humans (1). Environmental temperatures outside the thermoneutral zone induce adaptive responses in homeothermic animals to preserve core body temperature (e.g., shivering to increase body temperature and sweating/panting to decrease body temperature). In contrast to humans and larger rodents such as rats, mice are not strict homeotherms, but instead function as daily facultative heterotherms. This fundamental difference in energy homeostasis contributes to important differences in physiology between mice and humans. Daily torpor, where decreases in body temperature result in energy savings, is a common strategy utilized by mice and other small mammals to cope with low environmental temperatures and fluctuations in food availability (2). Cold stress induced by housing mice at standard room temperature results in physiological changes that can influence experimental outcomes. Tumor growth, for example, is significantly greater in mice housed at room temperature than in mice housed at thermoneutrality, and anti-tumor immune response is suppressed at room temperature (3). Furthermore, chronic stress induced by housing mice at room temperature increases the resistance of hematopoietic stem and progenitor cells to total body radiation-induced apoptosis (4). The impact of cold stress on response to tumor growth and radiation in the aforementioned studies depends on β-adrenergic signaling and is antagonized by treatment with propranolol, a non-specific antagonist of β-adrenergic receptors (3, 4).

When housed at room temperature, C57BL/6 mice of both sexes exhibit rapid loss of cancellous bone prior to cessation of linear bone growth (5–7). Importantly, housing mice at thermoneutrality prevents the premature bone loss (6, 7). The lower cancellous bone volume fraction in distal femur of mice housed at room temperature compared to mice housed at thermoneutrality is due, in part, to decreased bone formation; osteoblast-lined bone perimeter, bone formation rate measured using fluorochrome labels, mRNA levels for bone matrix proteins, and serum osteocalcin are lower in mice housed at room temperature. In contrast, osteoclast-lined bone perimeter is higher, suggesting locally increased bone resorption (7). Bone formation and cancellous bone volume fraction are often inversely associated with bone marrow adiposity (8–15). However, an inverse relationship was not observed with housing temperature; female mice housed at room temperature had lower bone formation as well as lower bMAT compared to mice housed at thermoneutrality, whereas male mice had lower bone formation but did not exhibit differences in bMAT (6, 7).

Bone is innervated and bone growth and turnover balance is regulated, in part, via sensory and sympathetic signaling (16). β-adrenergic receptors are located in skeletal tissue (17) and treatment with propranolol is reported to influence bone mass in some animal models (17–21) and increase fat accrual in humans (22, 23). Thermogenesis induced by cold stress is mediated, at least in part, by increased sympathetic outflow from the hypothalamus to peripheral tissues, including brown adipose tissue (BAT) (24). The purpose of this study was to assess the role of β-adrenergic signaling (by blocking β-adrenergic receptors with propranolol) in mediating the differential effects of housing temperature on body composition, bone, and bMAT levels in female mice.



MATERIALS AND METHODS


Experimental Design

The Institutional Animal Care and Use Committee approved the experimental protocol used in this study and animals were maintained in accordance with the NIH Guide for the Care and the Use of Laboratory Animals. A total of 40, 4-week-old, female C57BL/6 (B6) mice were obtained from Jackson Laboratory (Bar Harbor, ME, USA) and housed individually in a room on a 12 h light:12 h dark cycle. Food (Teklad 8604, Harlen Laboratories, Indianapolis, IN) and water were provided ad libitum to all animals. Body weight and food consumption were measured weekly for the 14-week duration of study.

Mice were randomized by weight into one of four groups, 22°C ± propranolol or 32°C ± propranolol (n = 10/group), and maintained at their respective temperatures and treatments until 18 weeks of age. Propranolol (Sigma, St. Louis) was administered in drinking water (0.5 g/l, pH 3.0) using aluminum foil-covered drinking tubes. Control mice received acidified water (vehicle). Water was changed twice/week. Water consumption was calculated as ml/d and the dose rate of propranolol calculated as mg/g/d. This method of delivery and dose of propranolol was chosen because it has been shown to be effective in blocking β1 and β2 but not β3 adrenergic receptors (25–27).

Mice were anesthetized with 2–3% isoflurane delivered in oxygen and body composition determined immediately prior to sacrifice. The mice were bled by cardiac puncture. Serum was collected and stored at −80°C for measurement of leptin and global markers of bone turnover. Abdominal white adipose tissue (WAT) and uteri were excised and weighed. Femora were removed, fixed overnight in 10% formalin, and stored in 70% ethanol for microcomputed tomography (μCT) and histomorphometric analyses. Tibiae and brown adipose tissue (BAT) were removed, frozen in liquid nitrogen, and stored at −80°C for mRNA analysis.



Serum Chemistry

Serum leptin was measured using Mouse Leptin Quantikine ELISA Kit (R&D Systems, Minneapolis, MN), serum osteocalcin was measured using Mouse Gla-Osteocalcin High Sensitive EIA Kit (Clontech, Mountain View, CA), and serum CTX-1 was measured using Mouse CTX-1 ELISA kit (Life Sciences Advanced Technologies, Petersburg, FL) according to the respective manufacturer's protocol.



Dual Energy X-Ray Absorptiometry

Percent body fat was determined using dual energy x-ray absorptiometry (DXA) (Piximus, Lunar Corp., Madison, WI, USA).



Microcomputed Tomography

Bone volume and architecture were assessed using μCT. We scanned right femora in 70% ethanol using a Scanco μCT40 scanner (Scanco Medical AG, Basserdorf, Switzerland) at a voxel size of 12 μm on a side (55 kVp x-ray voltage, 145 μA intensity, and 200 ms integration time). We set filtering parameters sigma and support to 0.8 and 1, respectively. Bone segmentation was conducted at a threshold of 245 (scale, 0–1,000) determined empirically. Total femur mineralized tissue volume (cancellous + cortical bone) was evaluated first. This was followed by evaluation of cancellous bone in the distal femur metaphysis. For the femoral metaphysis, 42 consecutive slices (504 μm) of cancellous bone, 45 slices (540 μm) proximal to the growth plate/metaphysis boundary, were evaluated. We used irregular manual contouring a few pixels interior to the endocortical surface to delineate cancellous from cortical bone. Direct cancellous bone measurements included cancellous bone volume fraction (bone volume/tissue volume, %), connectivity density (mm−3), trabecular thickness (μm), trabecular number (mm−1), and trabecular separation (μm).



Histomorphometry

Methods used for measuring bone histomorphometry have been described (28) with modifications for mice (29). Briefly, distal right femora were dehydrated in a graded series of ethanol and xylene, and embedded undecalcified in modified methyl methacrylate. A vertical bed microtome (Leica 2065) was used to cut coronal sections (4 μm thick), which were then affixed to slides precoated with 1% gelatin solution. One section/animal was stained for tartrate resistant acid phosphatase, counterstained with toluidine blue (Sigma, St. Louis), and used for cell-based measurements. All data were collected with a 20x objective using the OsteoMeasure System (OsteoMetrics, Inc., Atlanta, GA). The sampling site for the distal femoral metaphysis was located 0.25–1.25 mm proximal to the growth plate and 0.1 mm from cortical bone.

Cell-based measurements included osteoblast perimeter (osteoblast perimeter/bone perimeter, %), osteoclast perimeter (osteoclast perimeter/bone perimeter, %), marrow adipocyte area fraction (adipocyte area/tissue area, %), adipocyte density (number of adipocytes/tissue area, #/mm2) and adipocyte size (μm2). Osteoblasts were identified morphologically as plump cuboidal cells immediately adjacent to a thin layer of osteoid in direct contact with the bone perimeter. Osteoclasts were identified as multinucleated (two or more nuclei) cells with acid phosphatase positive (red-stained) cytoplasm in contact with the bone perimeter. Adipocytes were identified as large circular or oval-shaped cells bordered by a prominent cell membrane and lacking cytoplasmic staining due to alcohol extraction of intracellular lipids during processing. This method has been previously validated by fat extraction and analysis (30). All bone histomorphometric data are reported using standard 2-dimensional nomenclature (31).



Gene Expression

Tibiae (n = 8/group) were pulverized with a mortar and pestle in liquid nitrogen and homogenized in Trizol (Life Technologies, Grand Island, NY). Total RNA was isolated according to the manufacturer's protocol, and mRNA was reverse transcribed into cDNA using SuperScript III First-Strand Synthesis SuperMix for qRT-PCR (Life Technologies). Gene expression for a panel of genes related to adipocyte differentiation and function (Mouse Adipogenesis RT2 Profiler PCR Array, PAMM-049ZE-4) was determined according to the manufacturer's protocol (Qiagen, Valencia, CA). Gene expression was normalized to GAPDH. Relative quantification was determined (ΔΔCt method) using RT2 Profiler PCR Array Data Analysis software version 3.5 (Qiagen). Fold-change was calculated relative to mice housed at 32°C as the reference control. Specifically, we compared changes in tibia gene expression in (1) mice housed at 22°C relative to mice housed at 32°C and (2) mice housed at 22°C and treated with propranolol relative to mice housed at 32°C to identify overlap between genes differentially expressed in response to sub-thermoneutral housing or propranolol. Furthermore, the expression of additional genes (Adrb1, Adrb3, Alpl, and Bglap) was determined using gene-specific primers (Adrb1 - for: CTCATCGTGGTGGGTAACGTG, rev: ACACACAGCACATCTACCGAA; Adrb3 – for: GGCCCTCTCTAGTTCCCAG, rev: TAGCCATCAAACCTGTTGAGC; Alpl – Qiagen RT2 qPCR Primer Assay PPM03155A; Bglap– Qiagen RT2 qPCR Primer Assay PPM04465F), and changes in gene expression between treatment groups were analyzed using the ΔΔCt method as described above.



Statistical Analysis

A 2 × 2 factorial experimental design was used with mice randomized to a temperature group (22 or 32°C) and treatment group (vehicle control or propranolol). Mean comparisons were made using a two-factor linear model with an interaction between temperature and treatment. Residual analysis, Levene's test for homogeneity of variance, and Anderson-Darling tests of normality were used to assess the conditions for use of a linear model. A general linear model with unequal variances for the temperature groups, treatment groups, or both temperature and treatment groups (i.e., four distinct variance parameters) was used when the assumption of homogeneity of variance was violated. When interaction was present, inference focused on comparing temperature groups separately for vehicle and propranolol treated mice (i.e., focusing on how treatment modified the effect of temperature). The Benjamini and Hochberg (32) method for maintaining the false discovery rate at 5% was used to adjust for multiple comparisons. Differences were considered significant at p ≤ 0.05. All data are presented as mean ± SE. Data analysis was performed using R version 3.4.3.




RESULTS

The daily dose of propranolol—administered in drinking water—in mice housed at room temperature (22°C) or thermoneutral temperature (32°C) is shown in Figure 1. When averaged over the 14 weeks of study, mice housed at 22 and 32°C consumed 0.13 ± 0.01 mg/g/d and 0.14 ± 0.01mg/g/d of propranolol, respectively.


[image: Figure 1]
FIGURE 1. The daily dose of propranolol—administered in drinking water—in mice housed at room temperature (22°C) and thermoneutral temperature (32°C) over the 14-week duration of study. Data are mean ± SE. N = 10/group.


The respective effects of housing temperature and propranolol treatment on food and body weight, body composition, serum chemistry, and Ucp1 gene expression in BAT are shown in Figure 2. Mice housed at room temperature consumed more food per day than mice housed at thermoneutrality (panel A), resulting in 91% increase in cumulative food intake (panel B). However, housing temperature had no effect on body weight (panels C and D). Treatment with propranolol had no effect on daily or cumulative food intake or on body weight and no housing temperature x treatment interactions were noted for the aforementioned endpoints. Interactions between housing temperature and treatment were detected for percent body fat (panel E), abdominal WAT weight (panel F), and serum leptin levels (panel H); treatment with propranolol prevented the differential effects of housing temperature on these endpoints. Room temperature-housed mice had higher uterine weight (panel G). Finally, room temperature-housed mice had higher blood glucose (panel I) and higher BAT Ucp1 gene expression (panel J), endpoints not influenced by propranolol treatment.
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FIGURE 2. Effect of housing temperature (temperature) and treatment with propranolol (treatment) on (A,B) food intake, (C,D) body weight, (E) percent body fat, (F) abdominal white adipose tissue weight, (G) uterine weight, (H) serum leptin, (I) blood glucose, and (J) brown adipose tissue Ucp1 gene expression. Data are mean ± SE. N = 10/group for (A–I) and n = 8/group for (J). Post–hoc analysis was performed when there was a significant interaction term.


The respective effects of housing temperature and treatment with propranolol on bone microarchitecture in the distal femur metaphysis are shown in Figure 3. Mice housed at room temperature had lower bone volume fraction (panel A), connectivity density (panel B), trabecular thickness (panel C), and trabecular number (panel D), and higher trabecular separation (panel E). Treatment with propranolol resulted in higher trabecular number and lower trabecular separation. No housing temperature × treatment interactions were detected for any of the measured indices of bone microarchitecture.
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FIGURE 3. Effect of housing temperature (temperature) and treatment with propranolol (treatment) on cancellous bone architecture in distal femur metaphysic: (A) cancellous bone volume fraction, (B) connectivity density, (C) trabecular thickness, (D) trabecular number, and (E) trabecular separation. Data are mean ± SE. N = 10/group.


The respective effects of housing temperature and treatment with propranolol on osteoblast perimeter, osteoclast perimeter and indices of bone marrow adiposity in distal femur metaphysis are shown in Figure 4. Mice housed at room temperature had lower osteoblast perimeter (panel A) and higher osteoclast perimeter (panel B). Interactions between housing temperature and treatment were detected for adipocyte area fraction (panel C) and adipocyte density (panel D); specifically, treatment with propranolol prevented the differential effects of housing temperature on both indices of marrow adiposity. However, neither housing temperature nor treatment altered adipocyte size. The differences in histomorphometry can be appreciated in the representative micrographs shown in panels F–I.
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FIGURE 4. Effect of housing temperature (temperature) and treatment with propranolol (treatment) on indices of bone formation, bone resorption, and marrow adiposity in distal femur metaphysis: (A) osteoblast perimeter, (B) osteoclast perimeter, (C) adipocyte area fraction, (D) adipocyte density, and (E) adipocyte size. Representative images of the bone marrow compartment showing bMAT and cancellous bone in each treatment group in the distal femur metaphysis are shown in (F–I). Data are mean ± SE. N = 10/group. Post-hoc analysis was performed when there was a significant interaction term.


The respective effects of housing temperature and treatment with propranolol on serum osteocalcin and CTX-1 are shown in Figure 5. An interaction between housing temperature and treatment was noted for osteocalcin; the differential effects of housing temperature were attenuated by treatment with propranolol. Neither temperature nor treatment with propranolol had an effect on serum CTX-1.


[image: Figure 5]
FIGURE 5. Effect of housing temperature (temperature) and treatment with propranolol (treatment) on (A) serum osteocalcin, a marker of global bone formation and (B) serum CTX-1, a marker of global bone resorption. Data are mean ± SE. N = 10/group. Post-hoc analysis was performed when there was a significant interaction term.


The respective effects of housing temperature and treatment on expression of a panel of 84 genes (adipogenesis PCR array), including Adrb2 (β-adrenergic receptor 2), in tibia of mice housed at 22°C ± propranolol relative to mice housed at 32°C are shown in Figure 6. Housing temperature resulted in differential expression of 27 genes (22°C Veh vs. 32°C Veh); 12 of these genes were not differentially expressed in mice housed at 22°C and treated with propranolol and included genes for hormones (Adipoq, Lep), transcription factors and enhancer proteins (Cebpb, Dkk1, Klf2, Klf15, Jun, Src), regulators of cell cycle progression (Cdk4, Cdkn1b, Foxc2), and extracellular signaling factors (Sfrp1). Compared to mice housed at 32°C, Acacb was higher in mice housed at 22°C but lower in mice housed at 22°C and treated with propranolol. Finally, 31 differentially expressed genes were unique to propranolol treatment (22°C propranolol vs. 32°C vehicle). Expression levels for Adrb2 did not differ between mice housed at 22 and 32°C. However, expression levels were higher in propranolol-treated mice housed at 22°C compared to vehicle-treated mice housed at 32°C.


[image: Figure 6]
FIGURE 6. Effect of housing temperature and treatment with propranolol on expression of adipogenesis-associated genes (adipogenesis PCR array) in whole tibia. The Venn diagram shows the number of differentially expressed genes unique to temperature (22°C Veh vs. 32°C Veh, n = 12), number of differentially expressed genes unique to propranolol (22°C Propranolol vs. 32°C Veh, n = 31) and number shared by temperature and propranolol (n = 15). The gene list for differentially expressed genes is shown in the accompanying Table. Shared genes are bolded.


In addition to the panel of 84 genes described above, we determined the effect of housing temperature and propranolol treatment on expression of two additional β-adrenergic receptor subtypes (Adrb1 and Adrb3) and two genes coding for proteins related to bone formation, osteocalcin (Bglap) and alkaline phosphatase (Alpl). Mice housed at 22°C had lower levels of Adrb3 (−1.8; p < 0.002), Bglap (−1.3; p < 0.03) and Alpl (−1.4; p < 0.003) compared to mice housed at 32°C but no difference in expression of Adrb1. Propranolol treatment of mice housed at 22°C did not influence expression of Bglap, Alpl, or Adrb1. Expression levels of Adrb3 did not differ between propranolol-treated mice housed at 22°C and vehicle-treated mice housed at 32°C.



DISCUSSION

Compared to thermoneutral temperature (32°C), mice housed at room temperature (22°C) had lower percent body fat, lower abdominal WAT, lower cancellous bone volume fraction, connectivity density, trabecular thickness, trabecular number, osteoblast-lined bone perimeter, and bMAT (adipocyte area fraction and adipocyte density) in distal femur metaphysis, lower leptin and osteocalcin in serum, and lower mRNA levels for osteocalcin and alkaline phosphatase in tibia. In contrast, osteoclast-lined bone perimeter and trabecular separation were higher in room temperature-housed mice. Treatment with propranolol prevented housing temperature-associated differences in percent body fat, abdominal WAT, serum leptin, and distal femur metaphysis bMAT, but had no effect on bone response to housing temperature. Finally, there were shared as well as unique genes differentially regulated in response to room temperature housing and treatment with propranolol.

Housing of growing female and male mice at room temperature results in dramatic cancellous bone loss prior to skeletal maturity (5–7). The bone loss is not uniform, with more loss occurring in long bones than in lumbar vertebrae (7, 33) and in the distal femur, more loss occurring in metaphysis than in epiphysis (34). Importantly, housing mice at thermoneutrality prevents premature bone loss (6, 7). In female mice, changes in bMAT levels in response to differences in housing temperature follow a similar pattern in that the bMAT levels are lower in distal femur metaphysis of mice housed at room temperature (7). We did not measure bone marrow adiposity in lumbar vertebra or distal femur epiphysis because adipocytes are very uncommon at these sites in mice housed at either room or thermoneutral temperature. The lower levels of bMAT and lower levels of cancellous bone observed in female mice housed at room temperature appear consistent with a shared mechanism. However, a different response occurred in male mice; whereas premature cancellous bone loss was evident in males housed at room temperature, differences in bMAT were not observed (6). The divergent response of bMAT to room temperature-induced cold stress in female and male mice does not support a shared mechanism.

The quantity of bMAT in distal femur metaphysis is context-dependent and, as recently reviewed (35), influenced by numerous factors, including skeletal site, age, food availability, and housing temperature. Increased bMAT occurs with extremes in energy availability; obesity and rapid weight loss each result in increased bMAT. Treatment of rats with β-adrenergic agonists, such as isoproterenol, increased lipolysis in bMAT but to a lesser extent than inguinal WAT (36). Baek et al. (37) found that β-blockade using propranolol had no effect on bMAT in mice fed a normal diet but partially reduced increases in bMAT induced by both calorie restriction and calorie excess. Blocking β-adrenergic signaling in growing female rats fed a calorie-restricted diet attenuated reductions in circulating leptin, cancellous bone mass and increases in marrow adiposity. However, as was the case for mice fed a normal diet, propranolol treatment had no effect on bMAT in ad libitum-fed rats (19). Propranolol was shown to reduce dietary fat absorption and fat mass in mice fed high fat diet by suppressing expression of pancreatic lipase (26). In the present study, propranolol treatment prevented the differences in bMAT in distal femur metaphysis between female mice housed at room temperature and thermoneutral temperature.

We housed mice individually in the present study to facilitate measurement of food intake and to prevent huddling. Additionally, the mice were not offered material for nest building. These measures were important because mice employ huddling and nesting as strategies to decrease reliance on non-shivering thermogenesis when housed at sub-thermoneutral temperature (38). The 10°C higher housing temperature resulted in an impressive ~280% difference in cancellous bone volume fraction in distal femur metaphysis, a commonly evaluated skeletal site. While a detailed temperature response curve has yet to be established, the magnitude of observed change suggest even small differences in housing temperature, within or among vivariums, could influence results. Thus, factors with potential for altering thermoregulation (e.g., housing conditions or treatment) should be evaluated for their effect on bone mass, architecture, growth, and turnover.

The mechanisms mediating the impact of adaptive thermogenesis on bone metabolism during room temperature housing have received little attention. As anticipated, housing temperature strongly influenced gene expression levels for Ucp1 in BAT but the adaptive response to changes in housing temperature was not altered by treatment with propranolol. This finding is consistent with evidence that activation of Ucp1 gene expression by increased sympathetic outflow induced by cold stress is primarily mediated through β3 receptor signaling (39). Commonly referred to as a non-specific β-blocker, propranolol inhibits β1, β2 and β3 receptors. However, it is reported to be only a weak inhibitor of β3 at the dose used in the present study (40). This conclusion is supported by the lack of an effect of propranolol in the present study on Ucp1 expression in BAT of mice housed at either room temperature or at thermoneutral. Notably, while propranolol treatment resulted in higher trabecular number in distal femur metaphysis, this effect was not influenced by temperature. Thus, it is unlikely that room temperature-induced bone loss requires β1 and β2 receptor signaling. It is interesting to note that room temperature housing resulted in lower mRNA levels for β3 receptor in tibia and that this response was blocked by treatment with propranolol. Further studies will be required to determine whether β3 receptor signaling contributes to bone loss in room temperature-housed mice.

Studies performed in Ucp1 knockout mice suggest that Ucp1 expression has a protective effect on bone during cold stress induced by sub-thermoneutral temperature housing (41). However, deletion of Ucp1 increases activation of alternative forms of thermogenesis to maintain energy homeostasis, including increased shivering, in mice housed at room temperature. Because of the increased energy cost to activate alternative forms of adaptive thermogenesis, Ucp1 knockout mice are resistant to diet-induced obesity when housed at room temperature. In contrast, when housed at thermoneutrality, Ucp1 knockout mice have increased sensitivity to diet-induced obesity (42, 43). The fundamental difference in thermoregulation between mice and humans and the growing number of examples that housing temperature influences experimental outcomes (3, 44–59) argue strongly that thermoneutral housing of mice more accurately reflects the thermal environment in humans and preclinical studies performed in mice should be conducted at housing temperatures that minimize cold stress.

Propranolol treatment is associated with increased body weight in some individuals (22, 23, 60) and deletion of β1, β2, and β3 receptors in mice increases sensitivity to diet-induced weight gain (61). Adaptive thermogenesis in response to cold stress is energy demanding; in the present study, mice housed at room temperature required ~90% more energy to match the growth rate of mice housed at thermoneutrality. Although body weight did not differ, there were differences in body composition and serum leptin levels. Specifically, mice housed at room temperature had lower percent body mass as adipose tissue, lower abdominal WAT, and not surprisingly, lower serum leptin levels. Treatment with propranolol had no effect on weight but prevented the temperature-associated changes in body composition, potentially by inhibiting expression of pancreatic lipase as well as suppressing β-adrenergic signaling in bone.

Some, but not all, studies report that propranolol influences bone growth, mass and turnover in mice and rats. Factors such as gonadal status, mechanical loading and energy balance appear to influence the skeletal response to treatment with propranolol (18, 19, 21). In the present study, propranolol-treated mice exhibited small but significant changes in bone microarchitecture; trabecular number was increased and trabecular separation decreased. In contrast to adipose tissues, propranolol did not blunt the dramatic differences in bone mass, osteoblast-lined and osteoclast-lined bone perimeters, or expression levels for osteocalcin and alkaline phosphatase in long bones between mice housed at room temperature and thermoneutral temperature. These findings provide additional strong evidence that the mechanisms responsible for adipose and skeletal adaptations to cold stress differ. Elevated glucocorticoid and thyroid hormone levels, and decreased leptin levels may contribute to the rapid cancellous bone loss observed in male and female mice housed at room temperature. Glucocorticoids, thyroid hormone and leptin are important regulators of bone metabolism and their levels are altered by housing temperature (62–69). Further research is required to establish the role of changes in these hormones in premature cancellous bone loss in mice housed at sub-thermoneutral temperatures.

As previously indicated, sensory and sympathetic nerve fibers innervate bone (70, 71) and adrenoceptors, and receptors for vasointestinal peptide, substance P and calcitonin gene-related peptide are expressed on cells located within bone marrow, including osteoblasts, osteoclasts, chondrocytes, and their precursors (72–74). Cells within skeletal tissue also synthesize neuropeptides. Thus, cells in bone marrow are well positioned to respond to circulating as well as locally-produced neuropeptides whose levels are influenced by temperature. However, no change was observed in Ucp1 gene expression in bone marrow (data not shown), a finding that contrasts with the increase in Ucp1 gene expression in brown fat in room temperature-housed mice. Additionally, the decreases in cancellous bone mass and bone formation rate in room temperature-housed mice were associated with lower leptin, an adipokine known to increase sympathetic tone in mice (75–77). These findings do not preclude a role for sympathetic outflow in mediating the osteopenic effects of cold stress induced by room temperature housing but rather suggest they are unlikely to be mediated through β1 and β2 receptor signaling (78).

We evaluated expression levels for genes associated with adipogenesis and adipocyte function (using a PCR microarray), β-adrenergic receptors, and bone formation. These analyses identified genes in tibia of mice housed at room temperature in the presence or absence of propranolol that were differentially expressed compared to mice housed at thermoneutrality. These data reflect the product of number of cells within the tissue expressing a gene and expression level/cell and provide a broad-based index of the magnitude of change resulting from differences in housing temperature and treatment. In addition to genes exclusive to housing temperature (n = 12) and propranolol (n = 31), there were genes differentially expressed and changed in the same direction by both interventions (n = 14). One shared gene changed in opposite direction. Taken together, these findings further support the conclusion that β1 and/or β2 signaling contribute(s) to the changes in bMAT associated with adaptation to cold temperature stress. Based on our initial screen, it is notable that propranolol altered the effect of room temperature housing on expression levels of Adipoq, Lep, Klf2, and Klf15, genes whose protein products play important roles in adipogenesis (79–81). Specifically, these genes were no longer differentially expressed in response to room temperature housing. The expression level of the gene for acetyl-CoA carboxylase (Acacb), the rate-limiting step for fatty acid synthesis and key regulator of β-oxidation (82), was higher in mice housed at room temperature and lower in propranolol-treated mice, findings consistent with propranolol attenuating the lower bMAT in room temperature-housed mice. It is also of interest that propranolol treatment resulted in differential expression of a large number of genes not influenced by housing temperature. Bone marrow is a complex organ system and β-adrenergic receptors are not limited to mesenchymal cell lineages (83). Thus, the antagonistic effects of propranolol on the adaptive response of bMAT to changes in housing temperature could be due a combination of direct effects on β-adrenergic signaling by adipocyte progenitors and/or adipocytes and indirect effects mediated through β-adrenergic signaling by cells not related to adipocytes (e.g., hematopoietic lineage cells). Additional research is required to decipher the precise contribution of target cells and individual signaling pathways.

In summary, the lower percent body fat and abdominal WAT weight and higher Ucp1 gene expression in BAT in room temperature-housed mice, compared to mice housed at thermoneutrality, is consistent with increased β-oxidation and increased non-shivering thermogenesis, respectively. Both mechanisms likely contribute to the temperature-associated differences in body composition. Our findings evaluating the effects of propranolol on mice housed at room temperature or thermoneutral suggest that β1/β2 receptor signaling contributes to lower WAT and bMAT levels in room temperature-housed mice. Osteoblasts and adipocytes share a common mesenchymal stem cell progenitor (84). However, failure of propranolol to attenuate the reduction in osteoblast-lined bone perimeter associated with room temperature cold stress does not support β1/β2 receptor signaling as a mechanism for premature bone loss associated with standard room temperature housing.
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The bone marrow (BM) exists heterogeneously as hematopoietic/red or adipocytic/yellow marrow depending on skeletal location, age, and physiological condition. Mouse models and patients undergoing radio/chemotherapy or suffering acute BM failure endure rapid adipocytic conversion of the marrow microenvironment, the so-called “red-to-yellow” transition. Following hematopoietic recovery, such as upon BM transplantation, a “yellow-to-red” transition occurs and functional hematopoiesis is restored. Gold Standards to estimate BM cellular composition are pathologists' assessment of hematopoietic cellularity in hematoxylin and eosin (H&E) stained histological sections as well as volumetric measurements of marrow adiposity with contrast-enhanced micro-computerized tomography (CE-μCT) upon osmium-tetroxide lipid staining. Due to user-dependent variables, reproducibility in longitudinal studies is a challenge for both methods. Here we report the development of a semi-automated image analysis plug-in, MarrowQuant, which employs the open-source software QuPath, to systematically quantify multiple bone components in H&E sections in an unbiased manner. MarrowQuant discerns and quantifies the areas occupied by bone, adipocyte ghosts, hematopoietic cells, and the interstitial/microvascular compartment. A separate feature, AdipoQuant, fragments adipocyte ghosts in H&E-stained sections of extramedullary adipose tissue to render adipocyte area and size distribution. Quantification of BM hematopoietic cellularity with MarrowQuant lies within the range of scoring by four independent pathologists, while quantification of the total adipocyte area in whole bone sections compares with volumetric measurements. Employing our tool, we were able to develop a standardized map of BM hematopoietic cellularity and adiposity in mid-sections of murine C57BL/6 bones in homeostatic conditions, including quantification of the highly predictable red-to-yellow transitions in the proximal section of the caudal tail and in the proximal-to-distal tibia. Additionally, we present a comparative skeletal map induced by lethal irradiation, with longitudinal quantification of the “red-to-yellow-to-red” transition over 2 months in C57BL/6 femurs and tibiae. We find that, following BM transplantation, BM adiposity inversely correlates with kinetics of hematopoietic recovery and that a proximal to distal gradient is conserved. Analysis of in vivo recovery through magnetic resonance imaging (MRI) reveals comparable kinetics. On human trephine biopsies MarrowQuant successfully recognizes the BM compartments, opening avenues for its application in experimental, or clinical contexts that require standardized human BM evaluation.
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INTRODUCTION

Bone marrow adipocytes (BMAds) were long considered as passive fillers of the marrow cavity. In recent years, they have become accepted as occupying an important role within the bone marrow (BM) microenvironment in health and disease, while also contributing to whole-body energy homeostasis (1, 2).

At birth, the murine and human skeleton is entirely hematopoietic. BMAds appear shortly thereafter and increase throughout juvenile development in a centripetal fashion as the skeleton matures (3). This reciprocal relationship between adipocytic and hematopoietic content has been known since the enunciation of the “Neumann” law in 1902, describing the age-driven adipocytic conversion of the marrow in distal bones. Indeed, due to the macroscopic coloration of the predominant cell types, the marrow has been broadly categorized as hematopoietic/red or adipocytic/yellow marrow (4). In humans, adipocytes become the most abundant cellular component in the adult BM. In mice, age-dependent adipocytic conversion of the marrow is highly strain-dependent (5). Notably, the C57BL/6 murine strain, which constitutes the most widely used model for experimental hematopoiesis, presents the lowest degree of BM adipocyte content upon homeostatic skeletal maturation. However, upon hematopoietic ablation (e.g., after chemo- or radiotherapy) a massive adipocytic conversion has been consistently described in humans and across different mouse strains. The BM is thus heterogeneous depending on specific skeletal location, age, and physiological condition [reviewed in (6)].

At the single-cell level, however, BMAd heterogeneity was first described by the terms “labile” and “stable” (7). These terms were coined upon the discovery that performic acid Schiff (PFAS) positive and negative stains respectively differentiate “labile” BMAds interspersed within the hematopoietic red BM, which respond to hematopoietic demand (PFAS positive) from “stable” BMAds comprising the non-hematopoietic yellow BM of the distal long bones (PFAS negative) (4, 5, 7). The integration of macroscopic characteristics and single-cell response at the tissue level resulted in the terms “regulated” BM adipose tissue (rBMAT) and “constitutive” BMAT (cBMAT), and prompted further investigation on their differential skeletal distribution, cell size, and relative lipid composition. Mechanistically, specific loss of rBMAT with conservation of cBMAT has been described in the long bones upon cold exposure, and in lipodystrophic Ptrf knock-out mice, while an overall loss of BMAds is characteristic of c-kit mutant W/Wv mice (5, 8, 9).

The association between increased vertebral fracture risk and BM adiposity (BMA) in humans, as well as hematopoietic stem cell (HSC) quiescence and BMA has prompted increased interest in marrow adiposity. Adipocytic conversion of the marrow has been associated to increased vertebral fracture risk in humans, although a cause-effect relationship is not clearly established (10). While mature BMAds generally induce HSC quiescence in humans and mice, BMAd precursors, and their adiponectin-expressing immature counterparts support hematopoietic expansion in vitro and in vivo (11–18). In mouse models and patients suffering acute BM failure or receiving chemo- or radiotherapy, a rapid and massive adipocytic infiltration of the BM takes place (“red-to-yellow” transition). Following treatment with intensive chemotherapy, and sometimes HSC transplantation, hematopoietic recovery ensues when BMAds recede and functional hematopoiesis is restored (“yellow-to-red” transition). In the clinic, hematopoietic activity is assessed by pathologists' scoring of hematopoietic cellularity in trephine bone biopsies of the iliac crest, and is functionally correlated with circulating blood cell counts (19). Hematopoietic cellularity assessment at low power examination is performed systematically for all diagnostic trephine biopsies, and complementary to immunohistochemistry molecular and cytogenetic techniques for establishing the diagnosis of certain hematological disorders characterized by either hypercellularity (e.g., myeloproliferative neoplasias) or hypocellularity (e.g., hypoplastic bone marrow failure syndromes), or to follow disease progression and response to treatment (e.g., myeloablation for acute leukemias).

In vivo, Gold Standard quantifications of BMA in the research setting are contrast-enhanced (CE) osmium tetroxide (OsO4) lipid staining coupled to micro-computerized tomography (μCT) for rodents, and magnetic resonance imaging (MRI) fat-to-water ratio for human. Although highly informative, especially on higher resolution such as nano-CT, this method is costly and sample preparation requires handling of highly toxic products. Thus, accessibility to CE μ/nanoCT and/or MRI expertise can be limited outside of clinical laboratories or specific research settings.

Given the context-dependent heterogeneity of BM compartments and the challenges associated to the accessibility and longitudinal reproducibility of Gold Standards, we set out to develop a tool that could provide quantitative information on both BMA and hematopoietic cellularity with means accessible to most laboratories. Histological information obtained from hematoxylin-and-eosin (H&E) stained sections has long been the standard method to provide information on the architecture of biological samples. While the BM is a particularly difficult organ for histological analysis, in part due to the soft and hard tissue that are juxtaposed, the overall analysis of its multiple components (bone, blood progenitors, adipocytes) provides important information to understand its physiopathology. Available histomorphometric analysis programs usually specialize in detecting individual components, and either require targeted staining protocols to detect specific components within the bone fraction, or use less adapted tools from the extramedullary adipose field to quantify the BMAd fraction [(8, 9, 20–27); and also reviewed in (6)]. In order to reduce inter-observer variability and to quantify sections of entire murine bones rather than representative fields of view, automation and standardization of methods are key. We have developed a semi-automated digital pathology plugin compatible with QuPath (28), named MarrowQuant, which subdivides and quantifies the total marrow area (Ma.Ar) in H&E stained mid-sections of mouse bones. The plugin subclassifies an user-defined area (“Tissue Boundaries,” see definitions under Image Processing Logic) into four compartments: the mineralized bone, the hematopoietic, adipocytic, and interstitial/microvascular compartments, as well as an unattributed area if present. Upon segmentation, MarrowQuant then provides a BMAd area (Ad.Ar) and size distribution for individual adipocytes, both in the context of BMAds and of extramedullary adipocytes. MarrowQuant thus provides absolute and relative areas for discrete BM compartments, calculating the hematopoietic cellularity and adiposity on H&E stained sections from murine whole-bone sections. Specifically, the results presented here validate the use of MarrowQuant in murine bone marrow in the context of aging as well as in longitudinal studies upon radiation-induced aplasia, and show compatibility with the analysis of human bone trephine biopsies. Additionally, the stand-alone AdipoQuant plugin quantifies relative number and performs adipocyte ghost size fragmentation on H&E-stained extramedullary adipose tissue. Adipocyte ghosts are the delipidated derivatives of adipocytes resulting from sample processing and resembling void areas on H&E.

Our software is thus complementary to other available plugins for BMA quantification [comparative review provided in (6)] in that, together with more classically reported values for individual adipocytes or bone components, it provides quantification of hematopoietic cellularity within the range of pathologists' evaluations, while providing overall architectural segmentation of the BM space. We expect MarrowQuant will be a valuable addition to the rapidly evolving Digital Pathology field for use in a fundamental research setting or as a tool for the “digitally-enhanced” pathologist in the clinical setting.



RESULTS


Development of the Digital Plugin

Based on a combination of color and texture of whole-bone H&E stained sections as compared to background, we found MarrowQuant to most reliably perform marrow quantification when set to segment bone sections into four mutually exclusive detected compartments (Figure 1): (i) cortical and trabecular bone, (ii) nucleated/hematopoietic cells, (iii) BMA, based on adipocyte ghost detection, and (iv) interstitium/microvasculature, which recognizes both red blood cells (RBCs) and the eosinophilic protein or serous infiltrate that fills the remaining marrow space. If present, areas within the marrow space that are not recognized as any of the above will be categorized and shown as “Undetected area.” The Ma.Ar is used as denominator (see “Image processing logic” for definitions) to calculate the percentage of each of the detected areas apart from percentage bone which the user may calculate themselves. Percentage of trabecular bone can be calculated if the tissue boundaries encompass only the marrow cavity, whereas percentage of cortical plus trabecular bone can be calculated if the tissue boundaries also include the cortical bone. From the adipocyte ghost segmentation, MarrowQuant additionally approximates the adipocyte count and size distribution. This function can also be applied to extramedullary adipose tissue sections with the stand-alone AdipoQuant function (Figure 2). The MarrowQuant plugin for bone sections operates through QuPath using Fiji as an extension, thus allowing the user to work with a more intuitive interface.
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FIGURE 1. Masks of bone marrow compartment areas detected by MarrowQuant. (A–E) Proximal tibia and (F–J) caudal vertebra (Cd2). Arrowheads in (A,F) represent manually excluded artefacts. (A,F) Unprocessed H&E image, (B,G) bone detection (green), (C,H) nucleated cell detection (violet), (D,I) adipocyte ghost detection (yellow), (E,J) interstitium and microvasculature (pink). Image from the proximal tibia at day 15 post lethal irradiation and total bone marrow transplant (A) and caudal vertebra 2 (F) of a C57BL/6 2-months-old female mouse housed at room temperature fed a standard ad libitum chow diet. Scale bars are 50 μm (A–E) and 100 μm (F–J). MarrowQuant user-defined parameters set at recommended values for bone marrow analysis (minimum adipocyte size: 120 μm2, maximum adipocyte size: 5,000 μm2, minimum circularity: 0.3, exclude edges: false).
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FIGURE 2. Extramedullary adipocyte fragmentation by AdipoQuant. (A) unprocessed image, (B) adipocyte ghost membrane detection and fragmentation (cyan), (C) adipocyte size fragmentation distribution. Omental adipose tissue from a C57BL/6 10-weeks-old female mice housed at room temperature fed a standard ad libitum chow diet. Scale bars are 50 μm. AdipoQuant user-defined parameters set at recommended values for extramedullary adipocytes (minimum adipocyte size: 300 μm2, maximwn adipocyte size: 2,500 μm2, minimum circularity: 0, exclude edges: true). Binning has been set to 250 μm2.



Summary of the Image Processing Logic

The workflow underlying the MarrowQuant processing is shown in Figure 3. Image files from total slide scans acquired at 20x magnification (VSI format or extracted TIFF files) are directly loaded into QuPath for processing (Figure 3A). Firstly, and prior to image processing, the user must manually identify the region of interest (ROI) to be analyzed, denoted as “Tissue Boundaries” (Figure 3B). The wand tool in QuPath greatly simplifies this step. The user may also classify at this step regions that should be excluded from processing as “Artifacts.” In our dataset, we excluded significant fixation artifacts at this step, which are common upon retraction of the marrow tissue from the endosteum. For our dataset, we also systematically excluded the retraction artifact that creates a central vein lumen. Secondly, a representative small area within the Tissue Boundaries must be defined as “Background” and will serve as a reference background correction factor for the whole ROI. These regions are selected manually by the user with built-in drawing tools in QuPath and assigned the corresponding annotation class (see MarrowQuant Demo in Supplementary Video 1, Supplementary Datasheets 1 and 2). Preset parameters for adipocyte ghost circularity, roundness, and size are defined, but may be changed by the user depending on their application (e.g., tissues of different origin). For our dataset, we kept these parameters conservative to include all possible adipocytes and thereby test the robustness of MarrowQuant (see Methods and Figures 1, 2 legends for details). More restrictive values can be set and should be determined by the user on their particular dataset.
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FIGURE 3. Flow diagram of MarrowQuant logic. (A) A slidescan is acquired of an H&E stained bone section and loaded into QuPath. (B) User defines Tissue Boundaries, Background, and Artifacts with the help of the magic wand tool. (C) MarrowQuant is run on the created qProject in single or batch mode with preset or user-adjusted parameters. (D) Results can be saved as bone marrow mask images and a.txt file of area and calculated outputs. (E) User and/or pathologists' feedback is integrated by removing false-positive adipocyte selection and if necessary, processing images with adjusted adipocyte parameters.




Extramedullary Adipocyte Quantification With AdipoQuant

As suggested by the opposing effects of extramedullary adipocyte hyperplasia and adipocyte hypertrophy, the measurement of adipocyte size and number has become relevant in the context of multiple patho/physiological conditions (29, 30). We thus developed AdipoQuant to provide the adipocyte detection function as a stand-alone plugin which detects the total area covered by adipocyte ghosts and identifies individual adipocyte ghosts through recognition of the remaining membranes, providing a fragmentation size distribution count which can be applied to extramedullary white adipose tissues (Figure 2). Of note, adipocytes can only be identified as lipid ghosts in H&E images, as the lipid content in the vacuoles is dissolved on the alcohols used for the processing. Changes in relative adipocyte size of a whole adipose tissue may be thus quantified with the AdipoQuant script directly. The user must manually outline “Tissue Boundaries,” unwanted “Artifacts,” and the “Background” as described above. Not drawing any “Tissue Boundaries” will result in the entire image being analyzed. A.txt file is generated upon processing which lists the adipocyte ghost fragmentation count and size. The tool relies on identification of intact, clearly-stained H&E membranes for the most reliable generation of a watershed algorithm that fragments the mask. A mask is a pixel annotation of a specific region of the original image resulting from image processing (31). Therefore, a reliable size distribution is highly dependent on the quality of sample preparation (including staining, sectioning, and image acquisition).



Bone Marrow Quantification With MarrowQuant

Following the initial manual steps performed by the user in setting “Tissue Boundaries,” excluding “Artifacts,” and defining the “Background” within the QuPath environment as described above (Figure 3B), the MarrowQuant plugin first identifies the bone compartment within the given “Tissue Boundaries.” The bone mask is then subtracted to generate the total area of interest that we define as the “Total Marrow Area” (Ma.Ar) ascribing to the nomenclature recommendations for BMA (32). Within the “Total Marrow Area,” nucleated cells are detected to generate the “Hematopoietic Cellularity” mask. A watershed mask then detects and defines adipocyte ghosts by their intact cell membranes in the remaining area to generate the “Adiposity” mask. Finally, both the serous infiltrate and the RBCs, located either within the microvasculature or dispersed across the marrow space, are detected based on their eosinophilic properties to define the “Interstitium/microvasculature” mask. The remaining area within the “Total Marrow Area,” if any, is then quantified as unattributed “Undetected Area.” The five masks are mutually exclusive in the priority order specified above (Figure 3C). Therefore, “Total Marrow Area” (Ma.Ar) constitutes the sum of “Hematopoietic Cellularity” plus “Adiposity” plus “Interstitium/microvasculature” plus the unattributed “Undetected Area.” Derived parameters are the adipocyte size fragmentation distribution, and the ratio of hematopoietic area over the hematopoietic and adipocytic areas combined (see Equations 1 and 2 below). A mask output for the four defined compartments overlaid on the original image lets the user confirm the results (Figures 3D,E).




Validation of MarrowQuant With Gold Standards

μCT is an established technique used to quantify changes in bone mineral density and bone architecture. It is now widely used in the field of BMA for lipid detection. Ex vivo CT imaging of the native bone is combined with a second CT acquisition after bones have been decalcified and stained with the highly lipophilic dye OsO4. This procedure is usually referred to as OsO4-contrast-enhanced μCT or OsO4-CE-μCT. The ground truth assessment of hematopoiesis constitutes pathologists' assessment of H&E stained paraffin- or plastic-embedded bone sections. We therefore compared these Gold Standard evaluations of murine marrow, first for BM adiposity then for hematopoietic cellularity, to MarrowQuant detection. Importantly, mid-bone sections were defined by a complete bone silhouette plus the presence of the distal marrow space in the mid-sagittal tibial sections, and the femoral head marrow space in mid-longitudinal sections of the femur.


BM Adipose Quantification

We first compared the volumetric assessment of lipid content via OsO4-CE-μCT in C57BL/6 murine long bones to the MarrowQuant two-dimensional assessment of BM adipose area in mid-bone sections. Quantification of contralateral bones (right vs. left) with the two techniques over a range of percentage adiposity spanning from 0 to 64% indicates a high correlation (Figure 4A, n = 23, R2 = 0.84) despite the comparison of a volumetric (Figure 4B) with a two-dimensional assessment. In our dataset, 2D quantification of mid-sagittal sections are thus a robust estimate of volumetric renderings of bone and adiposity in the contralateral bone.
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FIGURE 4. Correlation to gold standards for MarrowQuant bone marrow adiposity and hematopoietic cellularity measurements. (A) MarrowQuant adipose area vs. osmium-tetroxide contrast-enhanced CT measurements of lipid (n = 23 bones, R2 = 0.84). Quantifications performed on femurs and tibiae of 18-months-old male mice, 8-weeks, 9-months, or 18-months-old female mice and of a select ion from (C). (B) μCT rendering (white: osmium-tetroxide stained lipids; blue: undecalcified bone) of a tibia from an 18-months-old C57BL/6 female mouse. (C) MarrowQuant “cellularity” (Equation 1) vs. Pathologists' “cellularity” assessment on the “validation-set” of images of full-length bones (Pathologists n = 4, images n = 59, R2 = 0.93). (D) MarrowQuant percent Hematopoietic Area (Equation 2) vs. Pathologists' “cellularity” assessment of the “validation-set” (Pathologists n = 4, images n = 59, R2 = 0.93). Evaluations done for femurs and tibiae of 2-months-old female mice at 0–42 days post lethal irradiation and transplant of 125,000 total bone marrow cells. All mice were C57BL/6 housed at room temperature and fed a standard ad libitum chow diet. OsO4, osmium tetroxide; μCT, micro-computerized tomography.




BM Hematopoietic Quantification

In spite of the species-specific differences discussed later, we decided to compare the performance of MarrowQuant with pathologists' assessment of hematopoietic cellularity in murine bones. To set up the MarrowQuant code and optimize the model parameters we curated a “training-set” of 89 images from murine bones at homeostasis or post-irradiation aplasia, spanning pathologist evaluated hematopoietic cellularity from 0 to 100%.

In human pathology, hematopoietic “cellularity” is defined as “the proportion of cellular elements relative to marrow adipose tissue” (33, 34), and therefore uses the sum of the hematopoietic and adipocytic areas as denominator for the calculation of “cellularity” (Equation 1, % hematopoietic cellularity). The pathologist definition of hematopoietic “cellularity” underscores the reciprocal relationship between the hematopoietic and adipose tissue in the BM.
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We found a strong linear correlation between the MarrowQuant calculation of hematopoietic cellularity and the mean of the pathologist's scoring of “cellularity” (Equation 1, Figure S1A, n = 89, R2 = 0.98). MarrowQuant “cellularity” values thus fell within the inter-observer variability of four independent pathologists' assessments, with a higher correlation to the mean at high “cellularity” values. MarrowQuant performance at estimating “cellularity” was subsequently confirmed on an independent “validation-set” from 59 images of murine long bones (Figure 4C, n = 59, R2 = 0.93).

In accordance with the MarrowQuant logic to subclassify the marrow space into three different compartments (hematopoietic, adipocytic, and interstitium/microvasculature) and an unattributed “undetected area” when present, we then calculated the hematopoietic cellularity as defined by hematopoietic area over total Ma.Ar (Equation 2, % Hematopoietic Area).
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We found that MarrowQuant measurement of percent Hematopoietic Area (Equation 2) progressed linearly when compared to the mean of the pathologists' “cellularity” scoring (Equation 1). Equation 2, however, better correlates to the mean of the pathologists' “cellularity” scoring at low hematopoietic content (Figure S1B, n = 79, R2 = 0.96). The MarrowQuant measurement of percentage Hematopoietic Area was also validated on an independent “validation-set” (Figure 4D, n = 59, R2 = 0.93). Note that MarrowQuant evaluation of percent Hematopoietic Area does not reach 100%, as opposed to pathologist-rated “cellularity,” precisely because it uses a different denominator that takes into account the entirety of the marrow space including the interstitium/microvasculature compartment.

In conclusion, in C57BL/6 mice, MarrowQuant 2D evaluation of BM adiposity (% Adipocytic Area/ Total Ma.Ar) in mid-bone sections highly correlated with gold standard OsO4-CE-μCT detection of marrow lipids in 3D measurements. Evaluation of hematopoietic content with MarrowQuant also highly correlated with gold standard “cellularity” scoring by pathologists. For evaluation of the hematopoietic compartment, MarrowQuant generates results according to two different equations that differ on the denominator. Equation 1 better correlates to the mean of the pathologist scoring in samples of high cellularity, while Equation 1 better correlates at low cellularities. For MarrowQuant evaluation of the percentage Hematopoietic Area as compared to other BM compartments, only Equation 2 is applicable as MarrowQuant uses Total Marrow Area as a denominator for all compartments.




Application of MarrowQuant

We hypothesized that quantification of BM components as a first architectural assessment of BM regeneration may provide valuable information on homeostatic states and disease progression. The C57BL/6 mouse constitutes the most widely used animal model in experimental hematopoiesis. Its skeleton is often assumed to be homogeneously hematopoietic, whereas it has now been well-described that BMAds are interspersed within specific regions of the marrow (5, 17).


Skeleton of the Homeostatic C57BL/6 Female Mouse

Here we provide for the first time a quantitative BMA skeletal map of the homeostatic C57BL/6 8-weeks-old female mouse, which reveals a transition of low adiposity, red BM (high cellularity) to high adiposity, yellow BM (low cellularity) in the proximal to distal regions of the skeleton (Figure 5). This transition is most notable in the proximal-to-distal tibia (Figure 6C), and highly predictable in the caudal vertebrae of the tail at the level of the Cd3–Cd4 transition (Figures 5G,H). The extremities of the skeleton such as the metatarsals or caudal tail vertebrae (e.g., Cd5, 76 ± 4% adiposity) are highly adipocytic whereas the axial skeleton such as the sternum (2.0 ± 0.1% adiposity) and thoracic/lumbar vertebrae (e.g., L4, 6 ± 1% adiposity) are almost entirely hematopoietic. These gradients of red and yellow marrow have also been reported in human, where the adult distal skeleton is nearly completely adipocytic (3, 35). Location-specific BMA may be explained from the perspective of skeletal development, musculoskeletal forces, and temperature gradients (36).
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FIGURE 5. Red-to-yellow marrow transition in homeostasis. Eight-weeks old C57BL/6 reconstructed skeletal map locates the proximal-to-distal red-to-yellow marrow transition in the first caudal vertebrae and proximal-to-distal tibia approximately at the site of the fibular insertion. Skeletal map and quantifications performed for bones of female mice housed at room temperature and fed a standard ad libitum chow diet. Percentages of MarrowQuant cellularity (BM-C) and adiposity (BM-A) from Equation 2 are shown for select bones (femur, n = 6; tibia, n = 6; sternum, n = 10; lumbar, n = 7; tail, n = 6; all are mean ± s.d.). Cd, caudal (vertebrae); L, lumbar; S, sacral; T, thoracic.



[image: Figure 6]
FIGURE 6. Red-to-yellow transition with aging. Representative H&E images of femurs (A) tibiae (C). Note high adiposity on proximal and distal but not mid-shaft of 18-months-old female tibia. MarrowQuant analysis for (B) femurs (n = 3) and (D) tibiae (n = 3) from 8-weeks-old and 18-months-old C57BL/6 females. BM adiposity is significantly higher in 8-weeks-old tibias vs. femurs (P = 0.0045) and in 18-months-old tibias vs. femurs (P = 0.0316). Hematopoiesis is greater in 18-months-old femurs than tibias (P = 0.0993). Error bars represent mean ± s.d. P-values are indicated for hematopoietic compartment (purple) and adipocytic compartment (yellow) are *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001 by Student's t-test for cellularity (black) and adiposity (gray). (E) BMAd fragmentation distribution of the proximal (purple) and distal (orange) 8-weeks-old tibia (n = 10) vs. (F) the 18-months-old tibia (n = 3). ***P < 0.001 by multiple comparisons test. Representative mid-longitudinal H&E section of bone marrow compartments in the proximal-to-distal caudal vertebrae of (G) 8-weeks-old and (H) 18-months-old mice. MarrowQuant analysis of caudal vertebrae in (I) 8-weeks-old (n = 6) and (J) 18-months-old (n = 4) female mice. ****P < 0.0001, **P < 0.01 for cellularity and adiposity and *P < 0.05 for cellularity by two-way ANOVA. Mice were C57BL/6 females housed at room temperature and fed a standard ad libitum chow diet. BM, bone marrow; BMAd, bone marrow adipocyte; H&E, hematoxylin and eosin; mo, month; wk, week.




Long Bones of the 18-Months-Old C57BL76 Female Mouse

BMA has been described to increase with age, which may in part be attributed to the terminal differentiation and depletion of BMAd precursors, and in part to the potential protective function assigned to mature BMAds of surrounding cells such as low-proliferating HSCs. In the clinical diagnostic setting, values for normal cellularity of standard trephine biopsies from the pelvic bone in humans are interpreted according to age such that normal, age-adjusted cellularity is described by the formula: normal cellularity = 100% – age (years) ± 20% (33).

In C57BL/6 mice, significant differences in BMA are seen between 8 weeks and 18 months of age (Figure 6). The femurs of juvenile mice at 8 weeks of age contain relatively few BMAds (2 ± 1%) that are mostly located at the distal site. With age, BMA in the femur of female C57BL/6 mice increases slightly to 4 ± 2% adiposity (P = 0.03) and also appears in the proximal femur (Figures 6A,B). While the distal tibia already contains BMAds at an early age with 4 ± 1% adiposity at 8 weeks old, BMA expands further up the BM cavity, especially at the epiphysis of the proximal tibia to 31 ± 14% (P = 0.01) at 18 months old (Figures 6C,D). BMAd size fragmentation distributions tibia in homeostasis (8-weeks-old C57BL/6 females) shows the distribution shifted toward larger adipocyte size in the distal tibia as compared to the proximal tibia (Figure 6E) as has been previously reported (5). Adipocyte size fragmentation in the tibiae of aged mice (18-months-old C57BL/6 females) show comparatively larger adipocytes as compared to the young animals (Figure 6F). Interestingly, older mice present no difference in the size distribution of distal vs. proximal adipocytes across the tibia, suggesting reduced remodeling as compared to young mice (Figures 6E,F, compare orange lines). BMA is also increased in the proximal tail of aged mice while maintaining the red-to-yellow marrow transition in the first caudal vertebrae (Figures 6G,H). Other strains such as the C3H, with high bone mass, or NSG, that are prone to obesity, have higher BMA than the C57BL/6 strain (not shown).



Irradiation-Induced BM Aplasia in the Skeleton of the C57BL/6 Female Mouse

In certain pathophysiological circumstances such as in osteoporosis, anorexia, or obesity, the marrow becomes more adipocytic. In stress hematopoiesis, such as after chemo/radiotherapy to overcome malignant hematopoiesis, the plasticity of the marrow becomes very apparent. In the timespan of several weeks, the marrow undergoes a rapid “red-to-yellow” conversion, and then recovers thanks to residual or transplanted HSCs. We set up a murine stress hematopoiesis model by applying lethal irradiation immediately followed (day 1) by transplantation of a limited number of healthy BM cells. In this model, the marrow initially becomes necrotic and highly hemorrhagic due to the breakage of the marrow-blood barrier (day 4–10 post-transplant), such that the marrow space is characterized by a high content of RBCs and serous infiltrate. During this time, circulating white blood cells and platelets are reduced 10-fold (Figure S2). Shortly thereafter BMAds begin to occupy the marrow space such that the BM reaches peak adiposity at days 13–17 post-transplant in the femur and tibia (Figures 7, 8A,B). At this time, and in parallel to revascularization, the new hematopoietic system starts to recover. Around day 25 post-transplant, circulating blood levels show exit from severe thrombo- and neutropenia (<200 and <0.5 cells/mm3, respectively) (Figure S2). Over the next several weeks, blood counts increase and eventually return to normal levels of functional hematopoiesis. Importantly, the overall peak of aplasia and time of recovery in this model closely resembles that observed in patients undergoing HSC transplantation (37, 38).
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FIGURE 7. Red-to-yellow-to-red transition in bone marrow aplasia and hematopoietic recovery. Skeletal map of an 8-weeks-old C57BI/6 female mouse 17 days post-lethal irradiation and transplant of 125,000 total bone marrow cells. Results for MarrowQuant quantification of hematopietic cellularity and adiposity are shown for select bones (femur, n = 3; tibia, n = 10; sternum, n = 3; lumbar, n = 4; tail, n = 4, all error bars represent mean ± s.d). Note that average adiposity (BM-A) and hematopoietic cellularity (BM-C) are homogenous across the axial skeleton (lumbar vertebrae and sternum) and femur, while the tibia and caudal vertebrae present higher adiposity and lower cellularity. BM-C is higher in sternum than Cd5 (P = 0.0001) and Cd4 (P = 0.0002), while BM-A is higher in Cd-5 (P < 0.0001) and Cd4 (P = 0.0002) than sternum by Student's t-test. Cd, caudal (vertebrae); L, lumbar; S, sacral; T, thoracic.


Examination of the C57BL/6 skeleton at murine peak of aplasia shows that myeloablation renders the entire skeleton of the C57BL/6 8-weeks-old female mouse highly adipocytic and aplastic (Figure 7). Specifically, we find at day 17 post-irradiation a low hematopoietic cellularity (average BM-C 15–37%) in skeletal sites that are highly hematopoietic at homeostasis (average BM-C >50% hematopoietic cellularity, e.g., axial skeleton including sternum and vertebrae Cd1-3) (Figures 5, 7). Site-specificity variations including a proximal to distal hematopoietic gradient are conserved, and can be reliably measured in the lumbar to caudal transition (Figure 8F). Moreover, longitudinal analysis of the “red-to-yellow-to-red” transition in femurs (Figure 8A) and tibiae (Figure 8B) also indicated a peak of adiposity at days 14–17 post-irradiation, and a higher peak of adiposity in the tibiae than in the femurs.
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FIGURE 8. Red-to-yellow-to-red transit ion in bone marrow aplasia and hematopoietic recovery. MarrowQuant results for quantifications of (A) femurs and (B) tibiae in hematopoietic recovery at 0–42 days post lethal irradiation and transplant of 125,000 total bone marrow cells in 2-months-old C57BL/6 female mice. ****P < 0.0001, ***P < 0.001, **P < 0.01, *P < 0.05 by two-way ANOVA for cellularity (black) and adiposity (gray). (C) BMAd size fragmentation distribution in the proximal and distal tibia at peak of aplasia on days 17–21 (n = 10 tibiae) from MarrowQuant measurements extracted from (B). (D) Changes in BMA fraction measured by MRI after lethal irradiation and total BM transplant as a time-course of recovery in the whole femur in vivo under the same conditions as (A), n = 3–5 bones per time point. ***P < 0.001 by multiple comparisons test. (E) Mid-longitudinal H&E section and (F) quantification of bone marrow compartments in the proximal-to-distal caudal vertebrae at day 17 post lethal irradiation and transplant of 125,000 total bone marrow cells in 2-months-old C57BL/6 female mice. ****P < 0.0001, **P < 0.01, and *P < 0.05 for BM adiposity by two-way ANOVA. All error bars represent mean ± s.d. Mice were housed at room temperature and fed a standard ad libitum chow diet. BM, bone marrow; BMA, bone marrow adiposity; BMAd, bone marrow adipocyte; Cd, caudal (vertebrae); D, day; L, lumbar; MRI, magnetic resonance imaging; S, sacral; T, thoracic.


The first 2 weeks post-irradiation entail important vascular remodeling. Quantitatively, the interstitium/microvasculature even constitute the most important compartment in some of the proximal sites (e.g., femur D4-10, Cd1 on day 17). Interestingly, when samples of varying cellularities post-irradiation are compounded (all images from Figure 4D), the measure of hematopoietic cellularity presents preferential reciprocity with the adiposity and interstitium/microvasculature compartments (Figure S3), suggesting that hematopoietic expansion or retraction might be the driver of marrow remodeling. Changes in BMAd size fragmentation of lethally irradiated mice as compared to homeostatic C57BL/6 8-weeks-old females, indicate a shift toward more and larger BMAds in the proximal tibia (Figures 6E, 8C, compare purple lines). The increase in number and size signifies hyperplasia and hypertrophy of the labile BMAds in the proximal tibia at the peak of aplasia putatively originating from a differentiation of skeletal stromal/stem cells or pre-BMAds. However, a small change in size fragmentation in the distal tibia, which is predominantly composed of stable adipocytes, indicates that constitutive BMA could also be undergoing some degree of remodeling. A similar “red-to-yellow-to-red” conversion occurs in the femur during the time of aplasia.

Just as with CE-μCT in homeostasis, we set to validate our findings with MRI as an available tool for Gold Standard measurements of BMA. BMA quantification performed in murine limb bones was possible through access to a 9.4 Tesla magnet for small animal imaging. We chose MRI in vivo imaging as an alternative to ex vivo imaging because repetitive imaging allows for a very significant reduction on the number of animals required to study the kinetics of marrow recovery, as compared to the ex vivo terminal experiments. MRI analysis validated the time course of marrow recovery in the femurs of mice undergoing lethal irradiation followed by BM transplantation, as compared to MarrowQuant analysis of full bone mid-longitudinal sections (Figure 8D). Additionally, MRI measurements also revealed that the proximal femur appears to recover more rapidly (max at D10 and decreases, Figure 8D) than the distal portion (max D15–D30, Figure 8D), which already contains some BMAds during homeostasis (stable/constitutive BMAds). In conclusion, volumetric measurements by MRI show a progression of fat signal that corresponds to the bidimensional quantification of adipocyte ghosts observed on histology with one of the most commonly used techniques to estimate fat content of a tissue in vivo (39).



Human Trephine Biopsies

MarrowQuant has been developed for quantification of mouse bone H&E stained paraffin sections and is also able to detect BM compartments in human trephine biopsies (Figure S4). While samples analyzed from mice have the entire bone encompassing the marrow still intact, trephine biopsies although similar in size (roughly 2 cm long and 2 mm in diameter) also have trabecular bone but not the cortical bone encompassing the marrow. Cells are larger in general (40) thus presenting a different texture to stained mouse sections and may also present with a larger degree of serous infiltrate that is not detectable with the current version of MarrowQuant. Additionally, due to their surgical nature, trephine biopsies are by definition hemorrhagic with RBCs detected throughout the majority of the interstitium. Note that currently MarrowQuant cannot separate the interstitial and the microvascular components. Despite these differences, initial correlations, indicate promising results (pathologists n = 2, images n = 32, R2 = 0.85, Figure S4F).





DISCUSSION

MarrowQuant provides a means to quantitatively evaluate overall BM architecture in H&E-stained sections in single- or batch-mode by subclassification into the bone, adipose, hematopoietic, and interstitial/microvascular compartments. Systematic comparison of training and validation sets with gold standards for adiposity and hematopoietic cellularity showed robust correlations. To our knowledge, this is the first semi-automated digital pathology tool to quantitatively evaluate murine marrow composition and in particular the hematopoietic and interstitial/microvascular compartment. Other approaches in murine and human tissues have been described which focus mainly on bone morphometry and use stains non-compatible with concurrent hematopoietic evaluation such as Goldner's Trichrome or Von Kossa or TRAcP (6, 41).

While standard practices for evaluating bone morphometry and hematopoietic cellularity have existed for many years, the field of BMA is newly emerging and thus methods of quantification are currently being defined. Automatization of sample preparation and quantification is required to increase accuracy, comparability, and reproducibility of results (6). This is rapidly developing in clinical and experimental pathophysiology with image-analysis programs emerging for quantification and detection of specific cell types related to disease progression (42, 43). Indeed, the high-quality image collection of over 192 murine H&E-stained bone sections that composes our dataset may become useful in training deep-learning algorithms for full automatization and finer detection of BM compartments. Histomorphometry reveals abundant architectural information about a specimen that may be missed by the gating inherent to immunofluorescence. In the future, highly multiplexed immunofluorescence staining has the possibility to reveal as much information of cellular composition as conventional flow cytometry analysis while conserving information on tissue structure (44). MarrowQuant constitutes an example of a histomorphometry digital pathology tool that can provide quantitative data complementary to visual analysis of architectural features.


BM Compartment Detection

MarrowQuant relies on the user's definition of a region of interest and the exclusion of artifacts that may arise from sample processing (such as fixation retractions). High-quality stained sections provide best results as the tool relies on intact adipocyte membranes and an even staining coloration for quantification. Image acquisition is also an important initial aspect of preparation as the tool relies on background identification, and therefore stitched images should not show a gradient that would produce an uneven shade of the background and influence subsequent processing steps. Despite these measures that must be accounted for during setup, the automation of image quantification with MarrowQuant means that numerous samples can be batch processed. While the automated quantification is up to four times longer than a pathologists' assessment of hematopoietic cellularity (2 min on a standard laptop computer vs. less than a minute per image for pathologists), it has the advantage of providing quantitative information on several BM compartments at once in a highly reproducible manner.

The quantitative output for the bone, adiposity and interstitium/microvasculature mask in the MarrowQuant results is straight-forward. Two results are provided for the quantification of the hematopoietic compartment due to discrepancies in the most appropriate denominator to be used. For users interested in subdividing the BM compartment (e.g., Figures 5–8) the only relevant output for the hematopoietic compartment is the result of Equation 2. For users who would like to use MarrowQuant exclusively for quantification of the hematopoietic compartment, similarly to pathologist evaluation of “cellularity,” we propose using Equation 1. Note that datasets with a prominent number of low cellularity samples (<30% cellularity) may benefit from choosing Equation 2 (Figure 7).

The user should be aware of some limitations of MarrowQuant regarding BM segmentation. Firstly, the current version of MarrowQuant provides area values which compound the full area of interest. Thus, MarrowQuant calculations do not provide a regional gradient of cellularity or adiposity within each bone unless the user manually fragments the bone into separate images. A measure of dispersion across a single bone may be of interest when the marrow compartment is expected to be highly heterogenous. This is the case, for example, in early hematopoietic recovery post-aplasia, where loci of hematopoiesis appear heterogeneously across the marrow space.

Secondly, osteoblasts or bone lining cells with prominent nuclei that have a similar color and texture to the nucleated cells that make up the hematopoietic mask, may be included in the hematopoietic area if detached from the endosteal surface (Figures S5A,E). MarrowQuant contains a bone mask dilation feature that will prevent cells in direct endosteal position from being counted in the hematopoietic area. However, if detached, depending on the extent of the artifact and the overall hematopoietic cellularity of the sample, such cells may be misclassified as a significant portion of the hematopoietic mask. In this case, the user should manually exclude them as artifacts. Other non-hematopoietic cells with prominent nuclei, likely including both bone lining cells (45, 46) and stromal cells are expected to be recognized within the hematopoietic mask or fall within the undetected area.

Thirdly, since hematopoietic detection is based on identification of nuclei, the area occupied by adipocytic nuclei may contribute to the hematopoietic compartment (Figures S5B,F). In our dataset, this phenomenon constitutes a systematic bias of <5% (see crossing of MarrowQuant values on x-axis, Figure 4D), which is an insignificant contribution to the hematopoietic area in samples of medium to high cellularity, but may add variability in samples of low hematopoietic cellularity and high adiposity.

Fourthly, while the nuclei of megakaryocytes are correctly assigned to the hematopoietic mask, their cytoplasm is often included within the microvascular/interstitial compartment, and sometimes identified as bone area due to their similar texture and color (Figures S5C,G). These mis-assigned bone areas are easily detected as squares within the marrow space, and will be automatically subtracted from the total Ma.Ar. In our dataset, the area of mis-assigned megakaryocytes is minimal, but this may become relevant in other biological contexts where megakaryocytes are significantly enlarged and/or increased in number (e.g., myeloproliferative neoplasms). Finally, the interstitium/microvasculature is well-detected by MarrowQuant but may be problematic when the RBCs and/or serous infiltrate are lost upon tissue fixation in specific areas, such as on hemorrhage with leakage of vessels, or in perfused samples. The empty spaces must then be taken as artifacts to avoid them being counted as adipocytes, although the total area of interest is thus reduced to quantify the conserved tissue only. A related inherent bias is the fact that the mid region of the bone (e.g., mid-sagittal sections for the tibiae and mid-longitudinal sections for femurs) often contains the central vein, whose lumen is enlarged due to the fixation-related retraction artifact. In the interest of consistency across the dataset, we have opted to classify the enlarged central lumen as an artifact. Sections across the lumen therefore contain a reduced “total area of interest” for analysis. These are examples of issues that the user should be familiar with, and aware of when interpreting results.



Adipocyte Fragmentation

Adipocyte quantification on BM sections will be largely dependent on the quality of the sample and absolute values must be interpreted with caution. One caveat is that adipocyte size fragmentation is a comparative measure and MarrowQuant may hyper- or hypo-fragment adipocytes where membranes are not clear (Figures S5D,H). In our dataset hypo/hyper-fragmentation does not contribute to the overall adipocytic area as compared to manual classification. However, when membranes are intact, as is more often the case with extramedullary adipose tissue due to the nature of the samples, hypo/hyper-fragmentation is a negligible factor.

In our hands, the adipocyte-only detection function of AdipoQuant is somewhat more convenient to apply on extramedullary tissue than other current open-source softwares developed specifically for white adipose tissue. Although the number of adipocytes obtained are similar, the area identified by AdipoQuant (or MarrowQuant at large) seems truer to size. The fragmentation of the adipocytes lies clearly on the membranes and not within the adipocyte itself when compared to, for example, Adiposoft (Figure S6) (47). Identifying an area of interest before quantification also allows the user to quantify whole tissue sections and to eliminate regions that may be irrelevant for a particular analysis (such as vasculature). Thus, while Adiposoft may give a more accurate total adipocyte count in samples of lower quality, MarrowQuant will be truer to the total adipocytic area and distribution. Moreover, the MarrowQuant adipocyte fragmentation and separate annotation per adipocyte linked to the flexibility of QuPath, allows the user to easily correct for false positives during the post-analysis validation and eliminate them from the analysis.



Human Application

We have found that the most important difference affecting MarrowQuant results between human and mouse lies in the fact that hematopoietic nuclei are less densely packed in human as compared to mouse marrow. Indeed, in our experience, the cytosolic space of mouse hematopoietic cells is relatively small in histological sections as compared to human samples. Additionally, while mouse marrow samples are encased by cortical bone, human trephine biopsies of a similar size comprise only a small part of the entire bone and thus the marrow space as seen in these histological samples are not fully surrounded by cortical bone. Other processing issues come from visible color differences between mouse and human samples. The potentially duller stain of the human samples has consequences on the efficiency for the thresholding methods used in the code and can sometimes result in mis-segmentation. The observed color difference may be due to the nature of the samples, the preparation and staining protocols, and/or subsequent storage of slides before image acquisition. The method for decalcification of the bone may be different which may influence bone staining. Additionally, human slides were imaged weeks after staining whereas mouse image were usually scanned days after staining. These points could explain the observed color alteration in human samples. Technical adaptations are ongoing for an improved quantification of human BM in a later MarrowQuant release. In conclusion, due to the different nature of human biopsies compared to mouse samples, several parameters of the plugin must still be optimized to obtain accurate and reliable measurements, which will be the subject of a separate study and a new software release.




CONCLUSION

H&E is the most common and routinely performed stain in histopathology. MarrowQuant is a semi-automated digital pathology tool and workflow for QuPath, that quantifies four detectable BM compartments (adipocytic, hematopoietic, osseous, interstitial/microvascular, interstitium/microvasculature) and the remaining undetected area, if any, on H&E stained sections of whole intact murine bones. MarrowQuant was optimized for paraffin-stained sections but could potentially be applicable to plastic-embedded samples that are also widely used for histomorphometry. Despite some discordances in mid-cellularity samples which also present a high inter-observer variability, MarrowQuant cellularity calculation falls within the range of pathologists' estimations.

While the paraffin sections present only one slice of the whole organ, in our experimental setup with mid-sections of entire bones from C57BL/6 mice, the quantification correlates highly with volumetric quantifications of the contralateral whole bone by μCT combined with osmium-tetroxide staining. We were also able to apply the non-invasive technique of MRI in vivo to follow changes in fat signal on murine hematopoietic recovery. The results correspond to MarrowQuant histological assessment and correlate with blood recovery curves at peak of aplasia. Moreover, MarrowQuant provides a size fragmentation distribution of adipocytes and thus may additionally be applied to H&E sections of extramedullary white (omental or inguinal) adipose tissue. This feature has been extracted to offer the possibility of independent use from MarrowQuant, and has been named “AdipoQuant.”

Future iterations of the tool applied to human samples could incorporate machine learning methods to overcome the hurdles of the distinct morphology of human tissue and detection of specific cells (e.g., macrophages and megakaryocytes with large cytoplasms, bone-lining cells). Close collaboration with hematopathologists will help to further develop this tool for human tissues and potential clinical research and/or computer-aided diagnostic applications.



METHODS


Mice

In vivo procedures were carried out in accordance with the Swiss law after approval from the local authorities (Service Vétérinaire de l'Etat de Vaud) and experiments were designed according to the ARRIVE guidelines. Eight-weeks old C57BL/6J were purchased from Charles River Laboratories International and maintained at the Center for Studying Living System (CAV) at the EPFL in microisolator cages. Mice were provided continuously with sterile food and water ad libitum, and bedding. Mice were housed at room temperature in 12 h light/dark cycles and fed a standard ad libitum chow diet.



Human Samples

This work was performed under the approval of the local ethical authorities (CER-VD). Images of human bone marrow H&E stained paraffin sections from diagnostic samples of patients undergoing treatment for acute myeloid leukemia were received for analysis as blinded, anonymous images form the Institute of Pathology at Lausanne University Hospital (CHUV). The trephine biopsies were processed for standard pathology diagnosis and H&E stained paraffin sections were scanned using a 40x objective.



Bone Marrow Transplantation

Eight-weeks-old female C57BL/6 mice were lethally irradiated with a total 850 rad dose in an X-ray radiator (RS-2000, RAD SOURCE) 24 h before transplant. The dose was split in two doses of 425 rads separated by a 4-h interval. Total bone marrow cells were isolated from crushed bone marrow of 8-weeks-old female C57BL/6J donor mice in phosphate buffered saline (PBS, Life Technologies 10010056) solution with 1 mM EDTA (Thermo Fisher Scientific 15575020). Total BM cells for transplantations by SR-S were obtained by flushing instead of crushing. RBCs were removed by incubation with ice-cold lysis buffer (BioLegend) for 30 s. Samples were filtered through a 70 μm cell strainer (Sigma Aldrich CLS431751) and centrifuged at 300 g for 10 min at 4°C. Recipient mice were injected with 125,000 donor cells via tail-vein injection. For at least 2 weeks after lethal irradiation mice were treated with paracetamol and antibiotics in the form of 30 mg of Enrofloxacin (300 μl of Baytril 10% solution, 100 mg/ml, Bayer) and 125 mg of Amoxicillin (2.5 ml of Amoxi-Mepha 200 mg/4 ml, Mepha Pharma AG) as well as 500 mg of Paracetamol (Dafalgan®) to 250 ml of drinking water protected from light. Peripheral blood was collected to assess blood recovery (blood volume 50 μl) and analyzed by standard veterinarian blood cell counter (ABC™). Mice were sacrificed by CO2 inhalation.



Magnetic Resonance Imaging

All experiments were conducted on a 9.4T/26 cm horizontal magnet (Agilent/Varian) using a home-built quadrature transceiver of 20 mm diameter loops (Figure S7). Animals were anesthetized with 1.5% of isoflurane, respiration, and temperature were monitored during the whole study. Animals were placed on their side and the leg was immobilized in a contracted position. A triple point Dixon acquisition (39) was performed using a spin-echo based sequence (te = 9 ms, tr = 1.5 s) with 10 coronal slices of 0.8 mm on a FOV 25 × 20 mm2 (acq. Matrix 192 × 128). Dixon's technique in combination with a spin-echo based sequence minimized signal loss of the marrow due to bone magnetic susceptibility. Three acquisitions were performed with the echo acquisition shifted 0, 0.4, and 0.8 ms corresponding to the fat-water chemical shift of 1,250 Hz at 9.4 T. Images were reconstructed using a homebuilt Matlab script to extract water and fat maps. Phase unwrapping was performed using a toolbox from Matlab file exchange (48). At the end of the MR acquisitions, animals were sacrificed, tibia and femur were dissected to conduct histology and validate MR Dixon acquisitions.



Histology

Bones were extracted and cleaned of soft tissue. Long bones and cranium were placed loosely in histology cassettes while spine (including tail) and paws were placed in histology cassettes (Simport M505-11) with sponges (Simport M476-1) to flatten the samples for facilitated sectioning. Bones were fixed for 24 h at room temperature in 10% neutral buffered formalin (VWR 11699404), then rinsed three times with phosphate buffered saline (1x PBS) solution. Bones were decalcified in 20% sodium-citrate (Sigma Aldrich 71405) and formic acid (ROTH 4724.3) solution (v/v) for 30–36 h or in 0.4 M EDTA pH 7.4 (Sigma Aldrich 607-429-00-8) for 2 weeks (solution changed every 3 days) at room temperature. The two different decalcification protocols resulted in similar quality of H&E-stained paraffin sections. Bones were washed three times in PBS or under running tap water for 2 h before transferring to 70% ethanol (Reactolab 96170). The tissues were submitted for stepwise dehydration and embedded in paraffin blocks for sectioning at 3–4 μm thickness with a rotary microtome (RM, Leica microsystems). All cuts were mid-bone sections (i.e., mid-longitudinal for femurs and mid-sagittal for tibiae). Bone silhouettes that do not correspond to those presented in Figures 5, 6 for mid-bone sections were discarded. For mid-longitudinal sections of the femur, at the proximal end, both the head and the neck should be visible, while at the distal end, the two condyli (medial and lateral) should be visible. For mid-sagittal sections of the tibia, at the proximal end, the tibial plate should be intact with conservation of the tuberosity and crest of the tibia; at the distal end, insertion of the fibula as well as the lateral and medial malleolous at the ankle joint should be visible. Femoral and tibial silhouettes that preserve these features should then preserve a contiguous marrow cavity. After floating on a water bath to flatten, sections were mounted on glass slides (Superfrost+ slides, Menzel gläser). Paraffin sections were stained with Hematoxylin and eosine (H&E) using the Tissue-Tek Prisma automate (Sakura) and permanently mounted using the Tissue-Tek glass G2-coverslipper (Sakura) to assess morphology.



Image Acquisition and Processing

Whole-slide images were acquired with an automated slide scanner (Olympus VS120-SL) at 20x magnification with focus points along the total area of interest or using the in-situ focus mode using the accompanying software (Olympus VS-ASW L100 2.9). VSI files obtained from scanning were directly loaded into QuPath for analysis on Windows or Mac operating systems. Extracted TIFF files were also used for analysis. The “training-set” consisted of 79 images of full or partial bones. The “validation-set” consisted of 59 images of full bones. Parameters are pre-set but adjustable by the user if deemed necessary (e.g., adipocyte circularity or size, see tutorial for details). The software workflow follows basic morphological operations, color deconvolutions, thresholding, smoothing operations, and watershed as annotated in the code provided as open source and described in the technical guidelines. When accounting for pre-processing steps such as the drawing of the regions of interests as well the as the segmentation process, it typically takes 1–2 min in order to obtain MarrowQuant outputs for an image with a sample of a mouse bone. Technical details are annotated in the code and details on download, installation and use of the plugin with the QuPath software are given in the tutorial (MarrowQuant Tutorial, Supplementary Material).



MicroCT

Fixed bones were scanned for reconstruction of undecalcified bone. Samples were placed in an Eppendorf tube with PBS and scanned using a Quantum X-Ray Micro-CT Scanner (Perkin Elmer Quantum) at 90 kV, 160 μA, CT 160, live 80, and field of view (voxel size) 20 μm2 at setting “Fine” for 2 min per sample. A hydroxyapatite phantom was included as control. The software suite provided by the manufacturer was used for image acquisition and reconstruction. Bones were then processed further with formic acid decalcification and osmium tetroxide staining.


Osmium Tetroxide Staining

Decalcified bones were rinsed in distilled water. Osmium tetroxide solution was prepared fresh (1% osmium tetroxide [Electron Microscopy Sciences 19110), 2.5% dichromate potassium solution (VWR 1.04864.0500)] with appropriate chemical safety protection and samples stained in 20 ml glass scintillation vials (Electron Microscopy Sciences 7632) in 2 ml of solution at room temperature for 48 h. Bones were washed with distilled water three times and transferred to Eppendorf tubes with distilled water for μCT acquisition as done previously. Quantifications were done on the Analyzer 10.0 software (Analyze Direct, Inc.).




Statistical Analysis

Values are shown as mean plus or minus the standard deviation. Statistical analysis was performed using GraphPad Prism (version 8.0.0, GraphPad Software) or R Statistical Analysis Software (2013, R Core Team). Mean values were compared by Student's t-test or two-way analysis of variance (ANOVA). Statistical significance was accepted for P < 0.05, and reported.
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In vivo intervention Animal model (route of administration) Outcomes (assays) References
Leptin ob/ob mice | BMAT volume, 1 bone formation (181)
(s.c. osmotic pumps) (H-t)
Type 1 Diabetic mice | Adipocyte number, <> bone mass loss (182)
(s.c. osmotic pumps) (H, nCT)
C57BL/6J mice | BMAT formation induced by CR, < BMD (183)
(sc) (O, nCT, H
Sprague-Dawley rats 1 number of BMAT adipocytes (184)
(VMH injection) (H-t)
ob/ob mice 1 BMAT, 1 bone formation (185)
(rAAV-Lep, i.c.v) (H-f)
Orchidectomy C57BL/6J mice 1 BMAT (152)
(H-9)
PPARy Agonists Wistar rats (gavage) < ADA/MA, 1 ADA/MA, 1 AAA/MA. (186)
Rosigitazone (H-)
Ovariectomy (OVX)
OVX + Rosiglitazone
Troglitazone ApoE~/~ mice 1 BMAT (AdA/MA) (187)
(mixed with diet) (H-)
Rosiglitazone C57BL/6J mice C57BL/6J: 1 BMAT (adipocyte number) (H-t) (188)
C57BL/6J mice + Exercise Exercise: |, BMAT-induced by rosigitazone (O, (189)
nCT)
C57BL/6J mice C57BL/6J: 11 BMAT (H-) (190)
C3H/Hed mice C8H/He: 1 BMAT (H-)
DBA2J mice DBA/2J: > BMAT (H-)
A/ mice AlJ: < BMAT (H-)
Diabetic yellow agouti Avy/a 1 BATAWAT gene expression in marrow of (0]
C57BL/6 mice, not increase BAT genes in
diabetic mice (H-t, RT-PCR)
Ocn-Wnt10b mice 1 BMAT vs. WT (O, pCT) (191)
(mixed with diet)
PPARy Antagonists BALBY/c (streptozotocin-induced diabetes) | BMAT, <> BMD (192)
Bisphenol A Diglycidii Ether, male C57BL/6J mice | BMAT, 1 BMD ©n
BADGE (partial C57BL/6J mice + lethal iadiation | BMAT, 1 hematopoietic recovery (199)
antagonist properties) C57BL/6J mice + cytarabine < BMAT, rescue BMD (194)
C57BL/6J mice + high fat diet (35%) (H-t, wCT, IF, RT-PCR) (195)
(ip)
GWB662 (pure antagonist) C57BL/6 into C.B10-immune BM aplasia | BMAT, 1 hematopoietic recovery (196)
(ip) (IF, RT-PCR)
B-3 Adrenergic agonists Sprague-Dawley rats BMAT from distal tibia and tail vertebrae resists (178)
Isoproterenol or CL316,243 (ip) p-adrenergic-induced lipolysis
C8H/HeJ mice Moderate lipid droplet remodeling of BMAT
(ip) adipocytes (proximal tibia); (O, wCT, IHC)
Dexamethasone C57BL/6J mice  BMAT, | BMD (197
(ip) (H-f, kCT)
Lethal irradiation + BM VB 1+ BMAT (193)
Transplantation < BMAT, 1 BMD in “fatless” FVB.A-ZIP/F
(H-f, kCT)
C57BL/6J mice 1 MAd/MA, ©1)
1 Ad. number and size
(MQ-t, f.st;sp & MRI-f)
Beagle dogs 1 BMAT (198)
(H-t, hu, 1)
Cytarabine (ARAC) Ablative C57BL/6J mice 1 BMAT; (H-t) (194)

chemotherapy

1, Decreass; 1, Increase; <, No change; BAT, brown adipose tissue; BMAT, bone marrow adipose tissue; BMD, bone mineral density; f, femur; H, histomorphometry; hu, humerus;
IF, immunofluorescence; IHC, immunoistochemistry; ip., intraperitoneal; O, Osmium tetroxice steining; 1, racius; st, stemurm; sp, spine; t, tivia; WAT, white adpose tissue; rAAV-Lep,
recombinant adeno-associated virus (FAAV)-Leptin; BADGE, Bisphenol A Diglyciayl Ether; BM, bone marrow; CR, calorie restriction; Ad.A., adipocyte area; M.A., marrow area; PPARy,
WCT, micro-computed tormography; RTPCR, real-time quantitative polymerase chain reaction; OVX, ovariectomy; VMH, Ventromedial Hypothalamus; WT, wid-type; s.c., subcutaneous;
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MRI- or
CTbased
techniques

MRI-based
techniques

Parameter
Bone marrow fat

fraction (BMFF)

Signal fat fraction
(SFF)

Proton-density fat
fraction (PDFF)

Degree of ipid
unsaturation

Definition

Estimate of relative bone
marrow fat content

Ratio of fat signal to the
sum of the fat and water
signals

Ratio of unconfounded
fat signal to the sum of
the unconfounded fat
and water signals
Ratio of signal coming

from unsaturated lipids to
the sum of all lipid signals

Properties

* Generic term

« Sensitive to experimental
parameters when measured
with MRI

* Generic term

Specific to MR techniques

Can be sensitive to

MRI parameters

Unconfounded imaging

biomarker

Insensitive to MRI parameters

« Olefinic protons (5.31 ppm) are
often used as an estimate of
unsaturated lipids

Main imaging techniques

Single-voxel proton spectroscopy
Water-fat imaging
* Dual-energy CT

Single-voxel proton spectroscopy
Water-fat imaging

Single-voxel proton spectroscopy
Water-fat imaging

« Single-voxel proton spectroscopy

BMFF, bone marrow fat fraction; CT, computed tomography; MRI, magnetic resonance imaging; PDFF, proton density fat fraction; SFF, signal fat fraction.

Outcome

Marrow fat content

Marrow fatty acid
composition
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Samples

Flushed
BM

Centrifuged
BM

Crushed
long bones
Flushed
and cut
long bones
Cutand
washed
long bones

Cut long
bones

BSA, bovine serum albumir
P/S, penicillin/streptomycir

Isolation medium

DMEM/F12, 20% FBS,
P/S, 2mM L-glutamine,
0.1mM NEAA, 3mM
sodium pyruvate

PBS, 2%FBS, 2mM EDTA

Leibovitz's L-16 medium, 1
mg/ml BSA, 10mM
HEPES, 1% P/S

HBSS, 2%FBS

DMEM, 15% FBS, 2mM
L-Glutarmine, 1% P/S, 8.7
o/l NaHCOs

a-MEM, 10% FBS, 1% P/S

a-MEM, 15% FBS, 1%
P/S, 2.2/l NaHCO3

a-MEM

RPMI-1640, 10% FBS, 1%
P/S

Long term medium
RPMI-1640, 20% FBS,
2mM glutamine, 1% P/S
N/A

N/A
PBS

a-MEM, 10% FBS

DMEM

N/A

PBS, 20% FBS

RBC lysis

0.8%
NH4CI

RBC lysis
buffer

H0 65

ACK

Enzymatic digestion

3mg/micol. |
+ 4 mg/ml Dispase
(15min 37°C)

0.005% trypsin + 0.002%
EDTA + 0.25 mg/ml col.
IV (4 min 37°C)

DNase | + col. IV or +
liberase® (15 or 20 min
37°0)

Trypsin (2min 37°C)

col. (20min 87°C)
1 mg/mi col. Il (1-2h
37°0)

0.2% col. (1h 37°C)

6% col.

0.5% col. I (1h 87°C)

Depletion/
enrichment

Anti-CD45,
Nestin-GFP+
FACS

Anti-CD45,
anti-Ter119,
anti-CD31

Application

Cell culture

Cell culture

Flow
cytometry

Flow
cytometry

Cell culture

Cell culture
Cell culture

Cell culture
Cell culture

Cell culture
Cell culture
Cell culture

BMAd
isolation

Cell culture

Flow
cytometry
Cell culture

Flow

cytometry

Cell
Culture

Flow
cytometry

References

(147)

(148)

(149)

(27, 150)

(151)

(152)

(153)

(154, 155)
(156)

©4)
(157)
(158)
(56)

(135, 159)
(28)

(160)

(141)

(161)

; Col., collagenase; DMEM, dulbeco’s modiified eagle medium; FBS, fetal bovine serum; RBC, red blood cell; RPMI, L-glutamine, phenol red, reduced serum;
NEAA, non-essential amino acids.
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References (147) ©4) (156) (160) (56) (135) %)

Maintenance

Medium DMEM:F12  o-MEM RPMI aMEM a-MEM or DMEM 60% DMEM low Glc: 40%MCDB
Serum 20% FBS 10% FBS 10%FBS  10% FBS 20% or 10% FBS 2% FBS
Other 0.1mM NEAA  2001M NEAA TS, linoleic acid, dexa, AA, EGF,
LIF, PDGFBB, bFGF

Adipogenic
Medium DMEM:F12  o-MEM DMEM oMEM o-MEM or DMEM 60% DMEM low Glo: 40%MCDB
Serum 20% FBS 10% FBS 9%horse  10% FBS 20% or 10% FBS 2% FBS

serum
Other 2001M NEAA
1BMX (M) 500 500 450 05 500 05
Dexa o 1 05 025 1 1 1
Hydrocortisone (uM)
Indomethacin (M) 100 60 50
Insulin (ug/m) 5 5 0.01 10 10 10 5 5
Rosigltazone (M) 1 1 1
T3 (M) 1 1
Differentiation time 2 weeks 3 weeks 12 days 2 weeks 2-4days 3-4days 4days 48h 5 days

NEAA, non-essential amino acids; dexa, dexamethasone; ITS, insulin-transferrin-selenium mix; AA, L-ascorbic acid 2-phosphate; EGF, epidermal growth factor; LIF, leukemia inhibitory
factor; PDGFBB, platelet-derived growth factor BB; bFGF, basic fibroblast growth factor; FBS, fetal bovine serum.
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In vivo Animal model Outcomes References

environmental (assay)
intervention
High fat diet C57BL/6J mice 1BMAT (174)
(45-60%) oor | (175)
Bonemass  (161)
©,1CT)
Physical exercise C57BL/6 mice 1BMAT (176)
(voluntary exercise volume in ©3)
wheel in NCD and NCD and
HFD mice) HDF-
fed mice.
1Bone mass.
©,nCM
Caloric restriction C57BL/6J mice (CR: 1 BMA @5)
(CR) 30% of NCD) volume
(H, MR)
New Zealand White ~ 1BMAT volume  (177)
rabbits [CR: (O, nCT. H)
Moderate (30%) or
extensive (50-70%)]
Acute fasting (48h)  Sprague-Dawiey BMAdsize:  (178)
rats proximal
tibia
otail vertebrae
©,1CT)
Cold exposure (4°C)  C57BL/6J LIBMAT (12
CBH/He < BMAT
©,nCT
CLA +FO C57BL/6 mice JBMAT (179)
supplementation [G)
Dietary methionine  C57BL/6J mice 1BMAT (180)
restriction ©.uCT)

1, Decrease; 1, Increase; «», No change; BW, body weight; CLA, conjugated inoleic acid;
FO, fish oil; HFD, high fat diet; O, osmium tetroxide staining; BMAT, bone marrow adjpose
tissue; NCD, normal chow diet; rBMAT, regulated BMAT; cBMAT, constitutive BIMAT:
BMAd, bone marrow adipocyte.
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Abbreviation  Term used Year firstused”  No. of papers using this term Recommended term(s) and

abbreviation(s)
ssc Skeletal stem cell (SSC) 2004 12 Skeletal stem cell (SSC)
Skeletal stem cell (0 abbreviation) 2004 11
Mouse skeletal stem cell (SSC) 2015 1
human skeletal stem cell (1SSC) 2018 1
BMSC Bone marrow stromal cell 2004 20 Use BMSC to refer to bone marrow
stromal cells (see toxt for further
considerations)
Bone marrow mesenchymal stem cel 2018 5
Bone marrow mesenchymal stem cell 2012 1
Bone marrow stromal cell (mBMSC)™ 2015 1
Bone mesenchymal stem cell 2016 1
Bone-derived marrow mesenchymal stem cell 2017 1
Bone marrow stromal cell (BM stromal cel) 2017 1
Bone marrow mesenchymal cell 2018 1
Bone marrow mesenchymal stromal cell 2018 1
Not defined 2018 1
Bone marrow mesenchymal stemvstroml cell 2019 1

No abbreviation used (see Supplementary Table 5)

Data are prosented as described for Table 2; asterisks (') are shown in the column headers to emphasise that other uses may exist. Terms are organised by abbreviation used, and
then by frequency and date of use. Further considerations are provided/in the main text. Terms used without an abbreviation, and references for papers using each combination of term
and abbreviation, are presented in Supplementary Table 5.

*mBMSC, mouse bone marrow stromel coll.

#Although we recommend using “skeletal stem cell” and “bone marrow stromel cel,” the former should be abbreviated as *SSC” rather than *BM-MSC'; and the latter should be
described as a “stromal cell,” not a “stem cell,” and should be abbreviated as “BMSC,” not as “BM-MSC”,
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Measurementtype  Yearfirstreported’  No. of papers’  Recommended term(s) Recommended abbreviation(s)

and unit(s)
Adipocyte area (per 2002 28 Adipocyte area Ad.Ar, wm2 (Showing the frequency
cell; mean or median) (mean or median) distribution of Ad Ar is recommended)
Adipocyte diameter 1989 25 Adipocyte diameter Ad.Dm, um (Showing the frequency
(per cell; mean or (mean or median) distribution of Ad.Dm is

median) recommended)

Adipocyte perimeter 2002 5 Adipocyte perimeter AdPm, wm (Showing the frequency
(per cell; mean or (mean or median) distribution of Ad.Pm is

median) recommended)

Adipocyte density 1990 70 Adipocyte density or N.Ad/Ma.Ar, N.AGMaY, NAd /TAr,

(cells per field, area, or Adipocyte number N.Ad /TV. Units should be clearly
volume) stated (e.g., cells/mm?, cells/um2,
etc..)

Adipose area (per 1950 39 Adipose area or Adipose  Report as adipose area (Ad.Ar)

field, marrow area or tissue area relative to marrow area (Ma.Ar) or

tissue area) tissue area (TAr). This must be
presented as %

Adipose volume (per 1991 29 Adipose volume or Report as adipose volume (Ad.V)

field, marrow volume or Adipose tissue volume relative to marrow volume (MA.V)

tissue volume) or tissue volume (TV). This must be
presented as %

Terms are grouped based on the type of measurement reported. For each type of measurement, several diferent terms, abbreviations and units have been usedin the literature; these
variants are shown in Supplementary Table 6. For the Year first reported and the Number of papers, asterisks (') are shown to emphasise that other uses may exist. We recommend
that measurements of BMAG density are presented as cell number relative to the area or volume of the marrow o total fissue, and tht these are reported as *Adjpocyte density”;
however for consistency with the published guidelines for bone histomorphometry (5) it also acceptable to describe this measurement as “Adipocyte number,” provided that a suitable
referent region is used. Adipocyte area (AdAr; jum?) or volume (AdLV: um®) can be reported either for individual adipocytes or for the sum of all adipocytes within the regions analysed.
The former should be reported s the mean or median per adipocyte o as a distrbution of adipocyte areas or volumes per sample. The latter should be reported as *Adipose area”
and presented as % relative to the area or volume of the marrow (Ma) or total tissue (T). This is consistent with the standardised nomenlature for bone histomorphometry (%), and
with our recommendations for BMA measurements based on MRIMRS or CT (Tables 8, 9). In some instances, it may be necessary to use “Extravascular marrow” area or volume
(ExVa.Ma.Ar or ExVa.Ma.V). This and further consicerations are discussed in the main text. References for papers using each combination of term, abbreviation and unit are provided
in Supplementary Table 6.
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Term

Year first used” Recommendations for

MRI/MRS measurements

Abbreviations used Units used No. of papers

using this term®

Fat fraction

Marrow fat fraction
Bone marrow fat fraction

Proton density fat
fraction

Signal fat fraction; fat signal
fraction

Lipid fraction; bone marrow
lipid fraction

None; FF n.s.; %; Lipid/water ratio 1999 27 Fat fraction (FF), Bone
marrow fat fraction (BMFF),
proton density fat fraction
(PDFF). Values should be
reported as %.

None; FF; MFF %; Lipid/water ratio 1992 27

None; BM fat fraction; BMF; ; Lipid/water ratio 1995 2

BMFF; FF

None; proton density FF; POFF;  n.s.; % 2014 21

bone marrow PDFF

None; sFF ns.; % 2012 7

Nore; LF 9%; Lipid/water ratio 1985 4

Fat content

Bone marrow fat content

Marrow fat content

Bone marrow adipose
tissue content

Lipid/water ratio
Fat/water ratio; bone
marrow fat/water ratio

Bone marrow fat/water %

Bone marrow adipose
tissue area

Bone marrow adiposity
cross-sectional area
Yellow bone marrow
cross-sectional area

None; FC ns;% 1987 15 Don't use for reporting
MR-based measurements of
fat fraction.

None; BMF content; bone : Lipid/water ratio 2009 11

marrow FC; FC

None 9%; % Fat fraction; L 2005

MAT content; BMAT content n.s.; %; Lipid/water ratio 2016 3

9%; Lipid/water ratio 2004 13 Don'tuse
None 9%; Lipid/water ratio 2014 1
Nore % 2011 1

BMA cm? 2015 1 Don't use. Instead present
relative to marrow area

csA om? 2017 1

CsA mm? 2013 1

Terms are grouped into subcategories (bold, capitalised text) based on the wording used. Other data are presented as described for Tables 2-7; for the Year fist reported and the
Number of papers, asterisks () are shown to emphasise that other uses may exist. We recommend that MRVMRS-based readouts be reported as fat fraction, because this is the
approach used most commonly in the existing literature. For consistency, fat fraction measurements should be reported as %, rather than as lipid/water ratios. Measurements of BMAT
area (Ad.Ar) should be reported as % of marrow area (M.Ar), ie., AdAr/M.As, as recommended for histological or CT-based measurements (Tables 7, 9). Further considerations are
discussed in the main text. Additional terms/abbreviations/units, as well as references for papers using each combination, are provided in Supplementary Table 7.
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Imaging method Measurement type Yearfirst  No.of papers*  Recommended Recommended

reported* term(s) abbreviation and unit
SECT, DECT or pCT Fat fraction (% or fraction) 1987 8 Fat fraction; Bone FF (%), BMFF (%)
Without contrast agent) marrow fat fraction
Adipose volume (per marrow 2019 2 Adipose volume Ad.V/MaV (%)

volume)

1CT (Samples stained with  Adipose volume (per marrow Adipose volume AdVMaV (%)

osmium tetroxide or other  volume)
contrast agents)
Adipocyte density (per marrow 2014 2 Adipocyte densityor  NAd/Ma.V (Cel
volume) Adipocyte number  number/unit volume)
Adipocyte area (Distribution of 2015 1 Adipocyte area Ad.Ar, um? (Show
individual adipocyte areas) (mean or median) frequency
distribution)m
Total adipocyte area (ver Siice) na na Adipose area Ad.Ar/Ma.Ar (%)
Adipocyte volume (per slice) na na Adipocyte volume A, um® (show

(mean or median) frequency distribution)

Data are presented as described for Table 7, except that imaging method is also indicated. For the Year first reported and the Number of papers, asterisks () are shown to
emphasise that other uses may exist. For each type of measurement, several diferent terms, abbreviations, and units have been used in the literature; these variants are presented in
Supplementary Table 8. Most in vivo studies using SECT or DECT report measurements of fat fraction or relative acipose volume, and therefore we recommend reporting these as
indicated in the table. Most ex vivo wCT studies assess adipose volume normalised to marrow volume or totel tissue volume, although in some cases it is unclear which of these is used
for normalisation. Other studies present absolute adipose volume or assess adipocyte density or area. We recommend that uCT-based readouts of adipose volume or area be reported
relative to marrow volume (Me.V) or marrow area (Ma.Ar), and that indiividual adipocyte areas be reported as the mean or median, or as a frequency distribution. This is consistent
with our recommendations for histology-based measurements (Table 7). Further considerations are discussed in the main text. References for papers using each combination of term,
abbreviation and unit are provided in Supplementary Table 8.
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Term Abbreviation ~ Yearfirstused*  No. of papers using this term*  Recommended term(s) and abbreviation(s)

Marrow adiposity - 1967 119 Bone marrow adiposity (BM adiposity, BMA)
Bone marrow adiposity - 2002 78
BM adiposity 2011 12
BVA 2013
BMAT 2017 1
Bone adiposity - 2009 4
Yellow marrow - 1883 109 Yellow marrow (No abbreviation)
™ 2010 1
Yellow bone marrow - 1936 23
YBM 1967 2
Yellow BM 1996 2
™ 2019 1
Yellow fatty marrow; yellow fatty bone - 1933 7

marrow; yellow fat marrow

Fatty marrow - 1922 82 Fatty marrow (No abbreviation)

Fatty bone marow - 1990 7
Fatty BM 2008 1
Fatty yellow marrow - 2013 7
- 1883 122 Red marrow (No abbreviation)
AM 2010 2
Red marrow (active marrow) - 2003 1
Red bone marrow - 1922 21
Red BM 1996 2
AM 2019 1
RBM 2015 2
h(ajem{atjopoietic marrow - 1936 24

Relevant terms and abbreviations were identified through a systematic search of the lterature relating o bone mamow adiposity. Within these search resuilts, the totel number of papers
using each termvabbreviation combination is indicated, along with the year that these were first used asterisks () are shown to emphasise that other uses may exist. For most terms,
no abbreviation is used (-). Based on this and other considerations (described in the main text), we recommend use of the term bone marrow adiposity (abbreviated as “BM adiposity”
or “BMA'). Use of the terms “yellow marrow,” *fatty marow” or ‘red marrow” is also acceptable, given the long-term use of these terms in the BMA literature. Red marrow is in some
cases described as hematopoietic marrow, hemopoistic marrow, haematopoietic marrow or haemopoistic marrow; for simpliciy, we have grouped together papers using these speling
variants. Terms specilic to measurements of bone marrow adposity, such as “fat fraction” or “fat content,” have not been included and are shown instead in Tables 6-8. Additional
terms and abbreviations, as well as references for papers using each combination, are provided in Supplementary Table 1.
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Term Abbreviation Yearfirstused*  No. of papers using this term*  Recommended term(s) and abbreviation(s)

Adipocyte - 1981 39 Bone marrow adipocyte (BM adipocyte, BMAC)
Ac 2018 1
Adipose cell - 1971 16
Adip 2005 1
Bone adipocyte - 1981 6
Marrow adipocyte - 1978 105
Marrow adipose cell - 1971 8
Bone marrow adipocyte - 1976 100
BM adipocyte 1995 30
BMA 2016 17
BMAd 2019 2
MAT adipocyte 2015 6
BMAT adipocyte 2018 3
BM-A 2013 2
BM-AD 2018 2
Marrow AC 2016 1
Bone marrow adipose cell - 1974 3
Marrow-associated adipose cell  — 1974 1
Medulary adipocyte - 2010 1
Skeletal adipocyte - 2015 1
Yellow adipocyte - 2019 1

Fat cell - 1893

48 Don'tuse
FC 1935 1
Fatty cell - 1985 3
Marrow fat cell - 1931 14
Bone marrow fat cell - 1966 10
BM fat cell 1998
Fat-containing cell = 1980 2

Data are presented as described for Table 2; asterisks (") are shown in the column headers to emphasise that other uses may exist.
Based on this and other considerations (described in the main text), we recommend use of the term bone marrow adipocyte, abbreviated as BM adipocyte or BMA. Terms related to
measurements of bone marrow adpocytes, such as “adipocyte density,” have not been included and are shown instead in Tables 6-8. Addtional terms and abbreviations, as well as
references for papers using each combination, are provided in Supplementary Table 2.
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Term Abbreviation Yearfirstused”  No. of papers using this term  Recommended term(s) and abbreviation(s)

Adipose tissue - 1883 17 Bone marrow adipose tissue (BMAT)

Adipose tissue from bone marrow 1999 1
Adipose marrow - 1991 4
Adipose marrow tissue - 2017 1
Marrow adipose - 1971 2
Marrow adipose tissue - 1971 31
MAT 2012 56
Marrow-associated adipose tissue 1974 1
Bone marrow adipose - 1979 5
bone marrow adipose tissue - 1974 3
BMAT 2007 49
BM adipose tissue 1988 3
MAT 2014 15
BM-AT 2019 1
- 1954 101 Marrow fat or Bone marrow fat (BM fat)
MF 2008 3
Bone marrow fat - 1936 80
BM fat 2002 3
BMF 2007 11
MF 2014 1
Medulary fat - 1994 2
Bone fat - 2010 1
Yellow adipose tissue - 1883 2 Don't use
YAT 2011 4
Yellow adipose - 2016 1
Yellow fat - 1933 2
Yellow adipose marrow - 2018 1
Fatty tissue - 1922 1
Fatty yellow adipose tissue - 2019 1
Bone marrow fatty tissue - 1903 1

Data are presented as described for Table 2; asterisks (') are shown in the column headers to emphasise that other uses may exist. Based on this and other considerations (described
in the main text), we recommend use of the term bone marrow adipose tissue, abbreviated as BMAT. Use of ‘marrow fat” or “bone marrow fat (BM fat)" is aiso acceptable, given the
long-standiing use of these terms in the BMA literature. References for papers using each combination of term and abbreviation are provided in Supplementary Table 3.
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Term used

Abbreviation

'CONSTITUTIVE OR REGULATED BMAT AND BMAds

Constitutive marrow adipose tissue

Constitutive bone marrow adipose tissue

Constitutive bone marrow adipocyte

Regulated marrow adipose tissue

Regulated bone marrow adipose tissue

Regulated bone marrow adipocyte

GMAT

Constitutive MAT
cBMAT
Constitutive BMAT
GMAT adipocyte
cBMA

rMAT adipocyte
Regulated MAT
BMAT
Regulated BMAT
fMAT adipocyte
rBMA

DISTAL OR PROXIMAL BMAT AND BMAds

Distal marrow adipose tissue

Distal marrow fat
Distal tibia marrow adipose tissue
Proximal marrow acipose tissue
Proximal marrow fat

Proximal tibia marrow adipose tissue
BONE-SPECIFIC TERMS

Femoral adipose cell

Femur marrow fat
Tibial adipose bone marrow
Vertebrae adipose cell
Vertebral fat

Intravertebral bone marrow fat
Vertebral bone marrow fat

Vertebral BMAT
Vertebral marrow fat
Vertebral MAT

distal MAT

dMAT
Proximal MAT

PMAT

VMB fat
VBMAT

VMAT

BMAT WITHIN RED OR YELLOW MARROW

Red marrow fat
Red bone marrow fat

Red marrow adipose tissue
Yellow marrow adipose tissue

RBM fat
MAT
YMAT

Year first used”

2014

2017
2017
2017
2015
2016
2014
2017
2017
2017
2015
2016
2017

2016

1979
2017
2016
1979
2017

1977

1984
1985
1977
1989
2002
2012
2017
2018
2012
2018

1940
2001
2019
2018
2018

No. of papers using this term*

26

~ -
N~ o N~

ek S s S b bk e - = e

[N

Recommended term(s) and
abbreviation(s)

Use of cBMAT, cBMA, rBMAT, and
rBMAd is acceptable (But when
discussing subtypes, it is preferable to refer
o skeletal location of the BMAT and
BMAdS)

Use “distal” or “proximal” to refer to
BMAT/BMAd location within long
bones

When required, use bone-specific
terms to indicate location of BMAT or
BMAds (see text for further details)

Don't use

Data are presented as described for Table 2; asterisks () are shown in the column headers to emphasise that other uses may exist. When necessary, we recommend indicating
site-specific diferences in BMAT/BMAG subtypes by referring to the skeletal site (e.g., “femoral,” “tibial," *vertebral’) and the location within these bones (e.g., “proximal” or “distal).

Use of “constitutive” or ‘regulated” is aiso acceptable, with the recommended acronyms being CBMAT, cBMAd, rBMAT, and rBMAG, consistent with the recommended nomenclature
for bone marrow adipocytes (BMAd) and bone marrow adipose tissue (BMAT). Further considerations are providedin the main text. References for papers using each combination of
term and abbreviation are provided in Supplementary Table 4.
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Conceptor method  Definition Recommended terms and abbreviations Further
details
Bone marrow The phenomenon of fat storage within the bone marrow ~ » Bone marrow adiposity (BM adiposity; BMA) Table 2
adiposity (BM), primarily within BM adipocytes. * Yellow marrow; red marrow; fatty marrow (Not abbreviated)
Bone marrow The cells within the BM whose primary function is lipid + Bone marrow adipocyte (BM adipocyte; BMA) Table 3
adipocytes storage.
Bone marrow ‘The functionally integrated tissue formed collectively by + Bone marrow adipose tissue (BMAT) Table 4
adipose tissue BM adipocytes + Bone marrow fat (BM fat)
Site-specific The concept that BM adipocytes have distinct * Constitutive or Regulated BMAT or BMAd (cBMAT, cBMAd; Table 5
differences (BMAd morphological, molecular and functional characteristics, TBMAT, BMAC)
subtypes) depending on their skeletal location. This may also applyto » Use “distal” or “proximal” to denote BMAT or BMAd location
BMAd progenitors. within long bones; and bone-specific terms to denote skeletal
site (e.g., femoral, tibia, vertebral, etc...)
Stem and progenitor  The seff-renewing, multipotent progenitor cells within the  # Skeletal stem call (SSC) Table 6
cells BM that give rise to adipocytes, osteoblasts, * Bone marrow stromal cell (BMSC)
chondfrocytes, and fioroblasts. * Do not refer to bone marrow/mesenchymal “stem’” cels (this
is a misnomer)
Histo-morphometry  Use of histomorphometry to quantify bone marrow * Adipocyte area (Ad.Ar, wm?) Table 7
adiposity, either on a per-adipocyte level (e.., Ad.Ar * Adipocyte diameter (Ad.Dm, um)
Ad.Dm, Ad.Pm)’ or a whole-tissue level (e.g., adjpocyte * Adipocyte perimeter (Ad.Pm, m)
density, adjpose area, adipose volume).  Adipocyte density or Adipocyte Number* (N.Ad relative to
Ma.Ar, Ma.V, TAr or TV)
* Adipose area (Ad.Ar relative to Ma.Ar, TAT; report as %)
* Adipose volume* (Ad.V relative to Ma.V or TV; report as %)
Magpnetic resonance  Use of proton-based MRI/MRS to quantify the proportion o Fat fraction (FF, %) Table 8
imaging or or absolute amount of fat within the BM. Typically in vivo,  # Bone marrow fat fraction (BMFF, %)
spectroscopy Volumetric measurements. + Proton density fat fraction (PDFF, %)
(MRI/MRS)
Computed Use of CT to estimate BM fat fraction, or pCT to measure  » FF (%) or BMFF (%) Table 9
tomography BMAT volume or BMAd density. Typically done ex vivo * Adipose area per marrow area’(Ad. AvMa.Ar, %)

using contrast agents but can also be done in vivo.

* Adipose volume per marrow volume* (Ad.V/Ma.V, %)
* Adipocyte density” (N.Ad/Ma.V or NAQ/M.AY)

These concepts and methods were identified through a systematic lterature search, as described in the legend to Figure 1. The recommendations include 26 unique terms and 35
abbreviations. Abbreviations used!in this table (') are defined as follows: N.A, adlpocyte number; Ad.Ar, total adpocyte area; Ad.V, totel adipocyte volume; Me.Ar, marrow area; Me.V,
marrow volume; TAr, tissue area; TV, tissue volume. Further details for each concept/method are provided in the indicated tables and in the main text.
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Abbreviation Definition

20/3D Two/Three Dimensional

B3-AR Beta-3 Adrenergic Receptor

b Summation

wetT Microfocus Computed Tomography

ACTH Adrenocorticotropic Hormone

Ad.Ar Adipocyte Area

Ad.Dm Adipocyte Diameter

Ad.Pm Adipocyte Perimeter

AdipoQ Adiponectin

BADGE Bisphenol A Diglycidyl Ether

BAT Brown Adipose Tissue

BM Bone Marrow

BMA Bone Marrow Adiposity

BMAS Bone Marrow Adiposity Society

BMAd Bone Marrow Adipocyte

BMAT Bone Marrow Adipose Tissue

BMD Bone Mineral Density

BMFF Bone Marrow Fat Fraction

BMSC Bone Marrow Stromal Cell

BODIPY Boron-Dipyrromethene

BV Bone Volume

cBMAds Constitutive Bone Marrow Adipocytes

cp Cluster of Differentiation

cox Cyclooxygenase-2

CR Caloric Restriction

CAMP Cyclic Adenosine Monophosphate

CEBPa CCAAT Enhancer Binding Protein Alpha

CE-CT Contrast-Enhanced Computed Tomography

CESA Contrast-Enhancing Staining Agents

CFU-F Colony-Forming Unit-Fibroblast

DAPI 4 6-Diamidino-2-Phenylindole

DECT Dual-Energy Computed Tomography

DIO Diet Induced Obesity

DMI Cocktail for Dexamethasone, IBMX And Insulin

EDTA Ethylenediaminetetraacetic Acid

EGFP Enhanced Green Fluorescent Protein

EM Electron Microscopy

Eu European Union

FABP4 Fatty Acid Binding Protein 4

FACS Fluorescence-Activated Cell Sorting

FBS Fetal Bovine Serum

FDA Food and Drug Administration

FSH Folicle Stimulating Hormone

GDPR General Data Protection Regulation

GFP Green Fluorescent Protein

GH Growth Hormone

Glutd Glucose Transporter Type 4

HBE Hematoxylin and Eosin

TH-MRS Proton Magnetic Resonance Spectroscopy

H-WD-POM Hafnium Wells-Dawson Polyoxometalate

HFD High Fat Diet

HV Human Immunodeficiency Virus

Hm.Ar Hematopoietic Area

HSL Hormone-Sensitive Lipase

1BMX Isobutyimethylxanthin

IGF-1 Insulin Growth Factor 1

IHC Immunohistochemistry

IscT International Society for Cellular Therapy

Lepr Leptin Receptor

LPL Lipoprotein Lipase

MaAr Marrow Area

Mav Marrow Volume

MAGP1 Microfibril-Associated Glycoprotein-1

MMA Methyl Methacrylate

MR Methionine Restriction

MRI Magnetic Resonance Imaging

N.Ad Adipocyte Number

NCD Normal Chow Diet

ORO Oil Red O

0504 Osmium Tetroxide

ovX Ovariectomized

PLINT Perilipin 1

PCR Polymerase Chain Reaction

PDGFRa. Platelet Derived Growth Factor Aipha

PDFF Proton-Density Fat Fraction

PFAS Performic Acid Schiff

Ppm Parts Per Milion

PPARyY Peroxisome Proliferator-Activated Receptor
Gamma

PRESS Point-Resolved Spectroscopy

PIS Penicilin/Streptomycin

PTH Parathyroid Hormone

PTRF Polymerase | and Transcript-Release Factor

ARV Recombinant Adeno-Associated Virus

rBVAd Regulated Bone Marrow Adipocyte

RBC Red Blood Cell Lysis

RFP Red Fluorescent Protein

RNA Ribonucleic Acid

RT.GPCR Real-Time Quantitative Polymerase Chain Reaction

SFF Signal Fat Fraction

SsC Skeletal Stem Cell

STEAM Stimulated Echo Acquisition Mode

SVF Stromal Vascular Fraction

TAr Tissue Area

TRAP Tartrate-Resistant Acid Phosphatase

v Tissue Volume

2D Thiazolidinediones

UcPt Uncoupling Protein 1

viv Volume/Volume

VMH Ventromedial Hypothalamus

WAT White Adipose Tissue

WFI Water-Fat MR Imaging

wr Wid Type

ZFP423 Zinc Finger Protein 423
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Software Species, sample  Automatic  Other Reported Proposed Other Stains References

ormanual  methods  parameters parameters  measures (embedding)
OsteoMeasure  Monkey, proximal  Manual - - AdATAr - - ©2)
fernur
OsteoMeasure Human, biopsy Manual Blinded N.Ad, % Ad.V TAdA/TArG = Goldner, 20x (33)
count TV (AV/TV); total -~ N.Ad/T.Ar;
AdPm total Ad.Pm
OsteoMeasure Mouse, femur Manual - TAdA/TAr Bone standard Goldner's (34)
N.AJ/T.Ar. Ad.Pm; histomorphometry  Trichrome/Von
NAJ/TAr Kossa
OsteoMeasure  Mouse, distal Manual - NAJ/TAr NA/TAr Bonestandard - (@)
fernur histomorphormetry
OsteoMeasure ~ Proximal tibia Manual - - NA/TAr Bonestandard  unstained (6)
metaphysis histomorphometry  (paraffin)
OsteoMeasure Mouse, femur Semi- - Marrow fat ZAdA/TAr Bone standard HRE 87)
automatic content % histomorphometry
(AV/TV)
OsteoMeasure  Mouse, tibia manual - NAJ/TAY; NAJ/TAY; Bone standard  TRAP/toluidine  (38)
AdDm AdDm histomorphometry  blue
OsteoMeasure Mouse, distal Manual - Ad.AI/TAr; AdAI/TAr Bone standard TRAP/toluidine  (39)
fernur NA/TAr NATAr histomorphometry  blue
OsteoMeasure Mouse, distal Manual Fat Ma. adiposity; EAdA/TArG Bone standard Methyl- (40)
femur metaphysis extraction  Ad. Density SAdAMaAr;  histomorphometry methacrylate
and analysis N.Ad/Ma.Ar
OsteoMeasure  Human, bone Manual - AdAMa.Ar AdA/MaAr  Bonestandard  unstained, @1)
biopsy histomorphometry ~ (plastic) 10x
OsteoMeasure  Mouse, tibia Manual - NAJ/TAr NAJ/TAY; Bonestandard  H&E @)
AdATTAr AdATAr histomorphormetry
OsteoMeasure Mouse, distal Manual e AdVTV TAdA/TAr Bone standard s (43)
fermnur histomorphormetry
Image Pro Mouse, distal Manual - N.Ad; AdAr ADATTAL - H&E (@4)
femur N.Ad/Ma.Ar
Image ProPlus  Mouse, tibia Manual - - SAAATTAG - H8E (@8)
AdAMaAY;
N.Ad/Ma.Ar
Image ProPlus  Mouse, tibia Manual = AdAr AdA/MaAr  Bonestandard  HZE (@6)
histomorphometry
Image Pro Plus v6  Rat, femur Manual Manual N.A; Ad.Ar; SAJA/TAr;,  Bonestandard  HSE @7
count Ad.Dm, Ad. SAdAMaAr;  histomorphometry
density N.Ad/Ma.Ar;
AdDm
Image Pro Plusv6 ~ Rat, femur Manual - Ad.Dm, Ad.Dm; Bonestandard  H&E (@8)
N.Ad/Ma.Ar ZAdA/TAr histomorphometry
%Ad.Ar TAd.Ar/Ma.Ar;
N.Ad/Ma.Ar
Image Pro Plus v6  Rabbit, distal Manual - Ad.Dm; AdDm; - H&E (@9)
fernur N.Ad/Mea.Ar; N.Ad/Ma.Ar;
AdArMa.Ar SAdATMaAr
ImageJ Rat, proximal tibia ~ Manual = Ad. content Ad.Ar; = H&E (50)
(AdA, TA) SAdAITAr
ImageJ Mouse, femur or Manual - AdNV/MaV SAdA/MaAr Bonestandard  HGE (plastic  (51)
tibia histomorphometry  or paraffin)
20x
ImageJ Rat, proximal tibia ~ Manual - NAJ/TAY; NAJ/TAY; - H&E 2
Ad.Ar/TAr Ad.A/TAr
ImageJ Mouse, distal Automatic/  OsteoMeasure TAradiposity, ~ SAAVTAr, - Von Kossa (59)
femoral manual NAJTA, EAdATMaAT; tetrachrome
metaphysis adiposity (%) NAJ/TA;
N.Ad/Ma.Ar
OsteoidHisto Human, biopsy Sermi- - ADV/TV: SAJAVTA;;  Bonestandard  Goldner's 64
automatic AdV/MaV EAd.Ar/Ma.Ar;  histomorphometry Trichrome
AdDm AdDm;
NAd/Ma.Ar NAd/Ma.Ar
OsteoidHisto Mouse, tibia Semi- > AdV/TV TAdA/TArG Bone standard Calcein (55)
automatic Ad.V/Ma.V EAd.Ar/Ma.Ar;  histomorphometry blue/TRAP
AdDMAdDM  Ad.Dm;
NAJ/TAr
Bioquant Osteo Human, biopsy Semi- Blinded N.Ad, Ad. size, N.Ad/Ma.V; Bone standard ~ (56)
automatic count SAdAMaAr  histomorphometry
Bioquant Osteo  Rat, tibia Manual - NAJTV NAJ/TAr Bone standard  Goldner's 67)
histomorphormetry trichrome
Bioquant Osteo I Mouse, femur No - AV SAJAVTAr  Bonestandard  Goldner's 68)
information histomorphometry  Trichrome or
TRAP
LeicaQ-win Plus  Rabbit, vertebrae ~ No - Ad.Dm; AdDm; - Oi-Red-0 59
information NAd/Ma.Ar NAd/Ma.Ar
MarrowQuant Mouse, skeleton  Sermi- Osmium TA; MaAr; TA;MaAr,  BoneAr, H8E (parati) (60, 61)
automatic tetroxide NAd; AdAr; NAd; AdAr;  hematopoietic  20x
stain with EAdATMaAr;  TAdAYMaA;  Arvasoular Ar
nCT AdV (uCT) N.Ad/Ma.Ar
MarrowQuant Mouse, tivia Semi- - TAG MaAr; TA;MaAr,  hematopoietic  HAE (parafin)  [Rojas-Sutterlin
automatic AdAY; NAd; AdAr; A, vascular Ar etal.as
TAd.A/Ma.Ar TAd.Ar/Ma.Ar; reviewed in
N.Ad/Ma.Ar (61,62)
Metamorph Mouse, femur Semi- - AdA; NAd SAJAVTA: - H&E ©3)
automatic NAd/Ma Ar;
AdDm

Ad., adipocyte; Ad.Ar, adipocyte area; Ad.Dm, adipocyte diameter; N.Ad, adipocyte number; Ar, Area; Ma., marrow; Ma.Ar, marrow area; AV, total adipocyte volume; H&E, hematoxylin
and eosin; TRAP, tartrate-resistant acid phosphatase; TV, total tissue volume; £, summation; wCT, micro-computerized tomography.
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2D techniques

3D techniques

Parameters

Histomorphometry

« Adipocyte number (N.Ad)

« Adipocyte size (AdY)

« Adipocyte density

(N.Ad/Ma.Ar)

« Spatial localization (2D)
wCT—Osmium
BMAT volume (mm?)
BMAT density (%)
Adipocyte number* (N.Ad)
Adipocyte size* (Ad.V)
Spatial localization (3D)

wCT—POM
BMAT volume (mm?)
BMAT density (%)
Adipocyte number* (N.Ad)
Adipocyte size* (Ad.V)
Spatial locaiization (3D)

FIB-SEM

 Ultrastructure.
* Cell-cell interactions

Method

Resin, paraffin, or frozen sections
(<5-10pm)

Whole bones or tissue
samples, decalcified, and
stained in osmium tetroxide
solution.

« Samples imaged and analyzed
with - or high-resolution CT

* Whole bones or tissue
samples are immersed in POM
solution

« Samples imaged and analyzed
with j1- or nanoCT.

3D electron microscopy

Advantages

General availability
Can be used in all species
« Pairs well with

histological stains

o Adapts existing CT
infrastructure and analysis
techniques

« Simple protocol

* Low cost

 Commercially available
reagents

* Highly sensitive for
sparse BMAds

* Simultaneous visualization of
bone, BMAT, and vessels in a
single dataset"

o Adapts existing CT
infrastructure and analysis
techniques

* Simple staining protocol

* Non-invasive

* Accurate measure of Ad.Dm

* Cellular and sub-cellular
resolution of BMAd
within niche

Limitations

Slice/region bias
Limited field of view
Time consurming
High cost

« Poor penetrationinlarge, or high
adiposity samples

* Two-step scanning protocol for
bone and BMAT analyses

* Overestimates Ad.Dm

« Highly toxic

o High spatial and contrast
resolution  needed  to
discriminate  blood  vessel
network

« Not yet commercially available

* Not very sensitive for sparsely
BMAds

« Diffusion can take several days,
depending on the sample size

« Requires  highly
equipment

« Time-consuming

* Limited field of view

* High cost

specialized

*High-resolution wCT only (<2 wm resolution). Ad.Dm, Adipocyte diameter; N.Ad, Adipocyte number; Ad.V, Adipocyte volume; BMAd, bone marrow adipocyte; BMAT, bone marrow
adipose tissue; FIB-SEM, Focused lon Beam Scanning Electron Microscopy; POM, polyoxometalate; Ma.Ar, Marrow Area; n.CT, micro-computed tomography.
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Challenges Goals

Main Standarcize Increase comparability by:
challenge « Homogenous ~ definitions (. BMAS

consensus in nomenciature)

« Homogenous  reporting  (cf. BMAS
Reporting Guidelines below)

Increase reproducibilty by:

 Establishing consensus on standardized
bone sites for analysis
(e.g., MBMAT/CBMAT transition zones:

tibia, caudal vertebrae)

o Establishing consensus on  reference
groups

 Establishing recommended standardized
protocols:
o For invivo modulation
o For in vivo extraction of primary BMAd

and BMSCs
o For method-specific thresholds for
BMA detection

 Minimize effects of known confounding
factors, to increase inter-study and multi-
site comparison

« Increase availability and accessibilty of
imaging techniques to implement use in
routine clinical practice

Technical Adhere to Implement the following “BMAS Reporting
aspects minimal Guidelines”:
reporting « Specify precise BMA skeletal location in
guidelines all figure legends
» Report known confounding factors for all
experiments:

o Skeletal location, gender, age, strain

o Ambient temperature (e.g., average
housing temperature)

o Nutiitonal status (e.g., average food
intake, antibiotics)

o Metabolic state (e.g., fasting, time of
collection)

o Exercise (. type of enrichment
material in cages)

« Report isolation technique with sufficient
precision  to  reproduce;  consider
depositing  protocol  (e.g.,  protocol
sharing platforms  as ~ recommended
in the BMAS working group site at
www.bma-society.org)

o Repot  BVMAd  puity  (eg.
hematopoietic/CD45* cells, endothelial
contamination, and CFU-F/BMSC) and
viability/intactness

 Report detailed imaging parameters,
post-processing tools and algorithms

Innovate Development of:
« Models for specific BMAd deletion
Specific BMA biomarkers
Recommended reference gene-set for
adipogenic differentiation
» Move from descriptive to mechanistic
studies

Ciical Define Define the normal physiological values and
perspectives  standards increase functional understanding:
o In humans by age, gender, skeletal
location and lipid composition
« In animal models by establishing a
consensus reference group to be.
included as comparison in all animal
studies (ie., C57BL/6J 8-wesk-old
female mouse as homeostatic
control group)
Disseminate  Faciltate access and use of unbiased BMA
methodologies to non-experts (e.g.,
automated imaging, reference gene sets,
reference cel trajectory maps)

BMA, bone marow adiposity; BMAd, bone mrrow adipocyte; BMAS, Bone Merrow
Adiposity Society; BMSC, bone mrrow stromal cel; cBMAT, constitutive bone marrow
adipose tissue; CFU-F, Colony Forming Unit-Fibroblast; rBMAT, regulated bone marrow
adipose tissue.
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Region of the brain Abbreviation Tibia  iWAT  Dual labeled
(N=5 (N=5)  neurons

MEDULLA AND RETICULAR FORMATION

Raphe obscurus nucleus ROb 4 4 Yes
Raphe magnus nucleus RMg 5 3 Yes
Raphe palidus nucleus RPa 5 4 Yes
Gigantocelular reticular GRN 5 4 Yes
nucleus

Lateral LPGi 4 4 Yes
paragigantocellular

nucleus

Rostroventral medulla RVLM 3 2 -
Nucleus of the soltary NTS 5 4 Yes
tract

Area postrema AP 4 2 -
PONS

Barrington’s Nucleus BN 5 5 Yes
Locus coeruleus Lo 5 5 Yes
Subcoeruleus nucleus sLc 5 5 Yes
MIDBRAIN

Dorsomedial DMPAG 5 3 Yes
periaqueductal gray

Lateral periaqueductal LPAG 5 3 Yes
gray

Ventrolateral VLPAG 4 3 Yes
periaqueductal gray

HYPOTHALAMUS

Paraventricular PaDC 4 4 Yes
hypothalamic nucleus,

dorsal cap

Paraventricular PalM 5 4 Yes

hypothalamic nucleus,
lateral magnocellular part

Paraventricular PaMM 5 3 Yes
hypothalamic nucleus,

medial magnoceliular part

Paraventricular PalMP 5 4

hypothalamic nucleus,

posterior part

Paraventricular PaPo 4 4 Yes
hypothalamic nucleus,

medial parvicellular part

Lateral hypothalamus LH 5 2 Yes
Posterior hypothalamic PH 4 1 -
area

Arcuate nucleus At 3 1 -
Dorsormedal DMH 2 2 Yes
hypothalamus

Ventromedial VMH 2 0 -
hypothalamus

Suprachiasmatic nucleus SCN 2 0 -
OTHERS

Amygdala Me 3 2 -

Pyriform cortex Pir 2 -3 -
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Region of the brain (fromB6 ~ Abbreviation  Tibia Femur
mice) N=4 (=3

Barrington's Nucleus BN 4 2
Locus coeruleus Lc 4 3
Subcoeruleus nucleus sLe 3 3
MIDBRAIN
Dorsomedial periaqueductal gray DMPAG 0 1
Lateral periaqueductal gray LPAG 1 2
Ventrolateral periaqueductal gray VLPAG 3 2
Paraventricular hypothalamic PaDC 4 3
nucleus, dorsal cap

Paraventricular hypothalamic PaLM 3 3
nucleus, lateral magnocelluar part

Paraventricular hypothalamic PahM 3 3
nucleus, medial magnocellular part

Paraventricular hypothalamic PaMP 4 3
nucleus, posterior part

Paraventricular hypothalamic PaPo 4 3
nucleus, medial parvicellular part

Lateral hypothalamus. H 2 2
Posterior hypothalamic area PH 2 2
Arcuate nucleus Arc o 2
Dorsomedial hypothalamus DMH 2 2
Ventromedial hypothalamus VMH o 2
Suprachiasmatic nucleus. SCN 2 2

Amygdala Me 1 2
Pytiform cortex Pir 0 2
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BIP (HSPAS)-For
BiP (HSPAS)-Rev
CHOP (DDIT3)-For
CHOP (DDIT3)-Rev
HPRT1-For
HPRT1-Rev
IL6-For

IL6-Rev

IL8 (CXCL8)-For
IL8 (CXCL)-Rev
(XRa (NRTHS)-For
(XRa (NRTH3)-Rev
LXRB (NRTH2)-For
LXRB (NRTHZ)-Rev
SCD1 (SCD)-For
SCD1 (SCD)-Rev

Sequence

5'-ACCAATTATCAGCAAACTCTATGGAA-3
§'-CATCTTTTTCTGCTGTATCCTCTTCA-3'
5'-TGGAAGCCTGGTATGAGGAC-3'
5'-AAGCAGGGTCAAGAGTGGTG-3'
5'-GGCGTCGTGATTAGTGATGAT-3'
5'-CTTGAGCACACAGAGGGCTAC-3'
§'-AGCCACTCACCTCTTCAGAACGAA-3'
§'-CAGTGCCTCTTTGCTGCTTTCACA-3
5'-GGACCACACTGCGCCAACACAG-3'
5'-TCCACAACCCTCTGCACCCAGTT-3"
5'-CGCACTACATCTGCCACAGT-
-TCAGGCGGATCTGTTCTTCT-3'
5'-CCTCCTGAAGGCATCCACTA-3
5'-GAACTCGAAGATGGGGTTGA-3
§'-TGTTCGTTGCCACTTTCTTG-3'
5-TAGTTGTGGAAGCCCTCACC-3'

Product size
(bp)

74

123

189

122

88

141

163

163
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Fatty acid Ctrl Palm 0.25 mM Palm 0.25mM + T0901317 10 M Palm 0.25mM + T0901317 10 uM + CAY 25 uM

NEUTRAL LIPIDS

c14:0 0.05 +£003 030£0.12 1.89 031" 0.85 £ 0.20%5%
C16:0 359:+0.11 14.66 0,61 76.13 % 9.95" 39.87 4 591558
c18:0 5.04£0.30 563+0.38 769062 8.36 % 0.89
Total SFA 8.67+0.38 20.58 & 0.58"* 85.99 & 10.83" 49.08 & 6.5155%
C16:1cis9 ND 030+0.11* 7.81 & 1.07"" 028+ 0.115%%
C18:1cis9 1.08 4 0.27 1.18 40,07 5.30 £ 0.85" 1.68 4 02258
Cl8:tcis1t 1,094 041 0.44:£028 5.67 £ 0.83" 0.95 £ 0.4855%
Total MUFA 247+ 061 1.93 4037 19.09 + 2.75" 2.84 % 0.725%%
PHOSPHOLIPIDS

C14:0 091:£021 0.56 £0.18" 0.40 £ 0.16# 1.07 £0.328
c16:0 17.04 4255 20,08 + 4.01 19.85 & 3.90 36.11 4 7.80%
C18:0 590£0.77 538:+0.71 599088 7684156
Total SFA 23.85+3.37 26,02+ 4.86 26.24 + 4.85 44.86 + 9.675
Cl6:1cis9 0.71:£0.09 1.10£0.19 2.06 + 0.46# 0.12:£0.128
C18:1cis9 4.86+0.66 3.06 +0.47* 8.42 +£0.62 1.20 4 0.66°
Ci8:tcis1t 262030 1.42 £ 0.19" 1.85 % 0.30 0.62 +0.38°
Total MUFA 8.20+1.07 5.66+0.88 7.40 + 1.41" 2.05:+1.13°

Main FA extracted in Sa0S-2 cells. Sa0S-2 cells were pretreated during 24 h with T0901317 and treated 16 with Paim 0.25mM in the presence or absence of T0901317 10 uM and
CAY 25 M. Values are mean  SEM of 47 individual experiments and are expressed in ng of fatty acid per ug of cell protein. *p < 0.05; **p < 0.01 vs. Ctr: **'p < 0.001; *p < 0.05;
#5 < 0.01; *¥p < 0,001 vs. Palm 0.25mM; $p < 0.05; $%p < 0.01; $3%p < 0.001 vs. Palm 0.25mM + T0901317 100 nM.
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