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Editorial on the Research Topic
 Intravital Microscopy Imaging of Leukocytes



The capacity to image motile leukocytes in three dimensions in tissues and organs, in situ, over time (the 4th dimension), in a living organism, presents a unique and powerful tool that allows for real-time investigation of their function and behavior. The approach of “seeing” cells in the live animal is called intravital imaging or in vivo microscopy (IVM). Recent advancements in microscope technologies, new strains of reporter mice, novel surgical approaches, and broad access to fluorochrome conjugated monoclonal antibodies, have led us to now visualize, at sub-cellular level, deep into living tissues. To reach this stage, many obstacles had to be overcome. For example, imaging of the lung required the opening of the chest cavity without the lung collapsing. Similarly, imaging of organs with strong autonomic innervation (heart, intestines) needs to overcome the dynamic tissue movements. As these technical challenges have been met and overcome, we are now only beginning to reveal the true life of the leukocyte. The goal of this Research Topic was to bring together some of the latest methodological developments in the field of IVM as well as some novel findings both in terms of unstudied diseases, and leukocyte function and cellular fate.

Immune cells play a pivotal role in both maintaining and restoring homeostasis in our bodies. Resident leukocytes are either strategically located in tissues prone to infection (e.g., skin, body cavities), or actively patrol vasculature of some organs (e.g., lung, liver). Once infection or injury occurs, these resident immune cells alert other immune cells, facilitating robust cellular recruitment when needed. In these functions, leukocytes are actively supported by platelets, blood components that in recent years have become highly appreciated as critical helpers and regulators of the immune response. Montague et al. review imaging approaches that have allowed for the study of platelets at the single cell level. These studies have provided great insight into the roles of platelets in both hemostasis and in infection/inflammation, reveling rapid and dramatic shape changes, alterations in adherence and interactions with other blood cells, plasma proteins, and vascular structures. In many respects, the ability to image platelet activation, in real-time, has fundamentally changed our understanding of these multifaceted blood components.

During the inflammatory response to virtually any disorder, the first leukocytes to be recruited to the afflicted tissue are neutrophils. These cells are traditionally regarded as the simple, dispensable foot-soldiers of innate immunity and are largely underappreciated. In this Research Topic, several papers focus on neutrophils, analyzing their behavior and function during sterile (Davis et al.), viral (Pizzagalli et al.), or bacterial (Cichon et al.) inflammation/infection as well as during cancer (Sody et al.). In the latter context, Sody et al. show that tumor associated neutrophils, or TANs, are associated with poor prognosis of cancer, and migrate in a unique fashion into solid tumors via both CXCR2-dependent and -independent mechanisms. Clearly, neutrophils are not only engaged in the first-line of defense but are also involved in adaptive immunity and antigen presentation (1). Pizzagalli et al. report that, upon challenge of mice with attenuated influenza virus (vaccination), neutrophils are “seen” transporting viral particles from the site of infection to the draining lymph nodes. Although lymph node imaging is typically challenging due to their location deep within draining tissues, the rather superficial and accessible location of the popliteal lymph node allows for efficient and clear imaging of this secondary lymphoid tissue, making it one the most frequently imaged lymph nodes [(2), Lopez et al.]. Further developing the ability to image lymph nodes, Lopez et al. have established a method for visualizing the mandibular draining lymph nodes of the eye to study corneal immune responses. It is within these lymph nodes that antigen presentation occurs as inflammation progresses, and it is the dendritic cells (DCs) that play a critical role in lymphocyte activation during the dry eye disease (DED) adaptive immune response. Two papers included in this Research Topic focus on the morphology and kinetics of these DCs in both the eye and lymph nodes of animals affected by DED (Jamali et al.; Ortiz et al.).

Historically, one of the most challenging tissues to image in the live organism is the heart. This difficulty is due to both continual tissue movement (beating) needed to maintain normal tissue perfusion throughout the animal and due to its location deep within the chest. In fact, it has only been in the last decade that high resolution imaging of the living, beating heart of an intact animal has been possible. In this Research Topic, two groups have provided reviews of the key advancements, techniques and knowledge gained from intravital imaging of the heart and the coronary microcirculation with an emphasis on vascular health and leukocyte trafficking (Allan-Rahill et al.; Kavanagh and Kalia). Key in these imaging advancements is the development of a technique that involves the installation of a glass window and a gentle vacuum-mediated tissue stabilization, allowing for fixation of a single field of view for imaging (Allan-Rahill et al.; Kavanagh and Kalia). Although not yet developed for the beating heart, imaging of other tissues can utilize long-term implantable windows, allowing for visualization of a tissue or organ, in a single animal, over an extended period of time (days-weeks), creating the possibility to follow a given pathological process (e.g., tumor progression) over time (3). Sedin et al. developed a system of highly controlled vacuum chambers to stabilize the kidney during IVM for several hours with minimal disruption of local milieu. One of the important, yet not often addressed, shortcomings of window application in IVM is maintenance of the local temperature of the imaged tissue. Ahl et al. constructed a tissue-stabilizing system via 3D printing that aids in the control of tissue temperature underneath the window allowing for imaging of skin or muscle for several hours. The temperature maintenance is also a key methodological issue in the study by Ortiz et al. who have developed an imaging platform heated by circulating water in the region of the lacrimal gland of the eye.

The spectrum of technical issues faced by the IVM users also includes organ autofluorescence. It is an intrinsic parameter that depends on naturally present, endogenous fluorophores, and in the case of the liver, this phenomenon can provide real-time information on the morphology and functional properties of this organ (4). Davis et al. report on strategies to accommodate this autofluorescence and with a methodological approach, they were able to study leukocyte behavior during non-alcoholic fatty liver disease (NAFLD), a disorder rarely studied with IVM due to the high autofluorescence associated with lipidemic liver. The liver is frequently a target for metabolic-induced damage and perturbations as highlighted during the study of another disease affecting this organ, Wilson's disease, resulting from a point mutation leading to copper accumulation in the liver and brain. Cichon et al. contrasted this condition with that of Menkes disease, a condition in which there is not enough copper available. In either case, during sepsis, the organ is affected by either diminished production of neutrophil extracellular traps (NETs) or decreased neutrophil infiltration, respectively, conditions that are readily tracked and characterized using IVM.

In this Research Topic, we present a selection of papers on both latest developments in research on leukocytes in various tissues and organs, along with novel, or improved methodology, for intravital imaging. Studies and reviews presented in this Research Topic cover multiple tissues/organs and they include the ear (Sody et al.), eye (Jamali et al.; Lopez et al.; Ortiz et al.), heart (Allan-Rahill et al.; Kavanagh and Kalia), kidney (Sedin et al.), liver (Cichon et al.; Davis et al.), lymph nodes (Lopez et al.; Pizzagalli et al.), muscle and skin (Ahl et al.). We have come a long way since the nineteenth century when Augustus Waller and Julius Cohnheim observed the vasculature within the tongue of a live frog using very simple light microscopes (5). Contemporary IVM continues to evolve, embracing new technology and methodology that expands the repertoire of organs, deep-set tissues, and cell types that can be imaged as well as analytical tools that enable a better comprehension of obtained data. By embracing these developments, we are now better equipped than ever to reveal the true life of a leukocyte in health and disease.


AUTHOR CONTRIBUTIONS

All: inviting contributors, handling and tracking submissions, acting as associate editors for selected manuscripts, inviting reviewers, co-authoring and revising the manuscript. EK: coordinating the team work, drafting the manuscript.



FUNDING

CW was supported by the CSL Centenary Fellowship. CJ was supported by the Canada Research Chairs Program. EK was supported by a grant (No. 2018/29/B/NZ6/00713) from the National Science Center, Poland (NCN).



REFERENCES

 1. Vono M, Lin A, Norrby-Teglund A, Koup RA, Liang F, Lore K. Neutrophils acquire the capacity for antigen presentation to memory CD4(+) T cells in vitro and ex vivo. Blood. (2017) 129:1991–2001. doi: 10.1182/blood-2016-10-744441

 2. Secklehner J, Lo Celso C, Carlin LM. Intravital microscopy in historic and contemporary immunology. Immunol Cell Biol. (2017) 95:506–13. doi: 10.1038/icb.2017.25

 3. Alieva M, Ritsma L, Giedt RJ, Weissleder R, van Rheenen J. Imaging windows for long-term intravital imaging: general overview and technical insights. Intravital. (2014) 3:e29917. doi: 10.4161/intv.29917

 4. Croce AC, De Simone U, Freitas I, Boncompagni E, Neri D, Cillo U, et al. Human liver autofluorescence: an intrinsic tissue parameter discriminating normal and diseased conditions. Lasers Surg Med. (2010) 42:371–8. doi: 10.1002/lsm.20923

 5. Hwa C, Aird WC. The history of the capillary wall: doctors, discoveries, and debates. Am J Physiol Heart Circ Physiol. (2007) 293:H2667–79. doi: 10.1152/ajpheart.00704.2007

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2020 Wong, Jenne and Kolaczkowska. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.












	
	ORIGINAL RESEARCH
published: 25 June 2019
doi: 10.3389/fimmu.2019.01419






[image: image2]

Distinct Spatio-Temporal Dynamics of Tumor-Associated Neutrophils in Small Tumor Lesions

Simon Sody1, Mohib Uddin2, Anika Grüneboom3†, André Görgens4,5, Bernd Giebel4, Matthias Gunzer3 and Sven Brandau1*


1Department of Otorhinolaryngology, University Hospital Essen, University Duisburg-Essen, Essen, Germany

2Respiratory Global Medicines Development (GMD), AstraZeneca, Gothenburg, Sweden

3Institute for Experimental Immunology and Imaging, University Hospital Essen, University Duisburg-Essen, Essen, Germany

4Institute for Transfusion Medicine, University Hospital Essen, University Duisburg-Essen, Essen, Germany

5Department of Laboratory Medicine, Karolinska Institutet, Stockholm, Sweden

Edited by:
Craig N. Jenne, University of Calgary, Canada

Reviewed by:
Mia Phillipson, Uppsala University, Sweden
 Victor Naumenko, National University of Science and Technology MISiS, Russia

*Correspondence: Sven Brandau, sven.brandau@uk-essen.de

†Present Address: Anika Grüneboom, Department of Internal Medicine 3 - Rheumatology and Immunology, Friedrich-Alexander-University Erlangen-Nürnberg (FAU) and University Hospital Erlangen, Erlangen, Germany

Specialty section: This article was submitted to Inflammation, a section of the journal Frontiers in Immunology

Received: 05 February 2019
 Accepted: 05 June 2019
 Published: 25 June 2019

Citation: Sody S, Uddin M, Grüneboom A, Görgens A, Giebel B, Gunzer M and Brandau S (2019) Distinct Spatio-Temporal Dynamics of Tumor-Associated Neutrophils in Small Tumor Lesions. Front. Immunol. 10:1419. doi: 10.3389/fimmu.2019.01419



Across a majority of cancer types tumor-associated neutrophils (TAN) are linked with poor prognosis. However, the underlying mechanisms, especially the intratumoral behavior of TAN, are largely unknown. Using intravital multiphoton imaging on a mouse model with neutrophil-specific fluorescence, we measured the migration of TAN in distinct compartments of solid tumor cell lesions in vivo. By longitudinally quantifying the infiltration and persistence of TAN into growing tumors in the same animals, we observed cells that either populated the peripheral stromal zone of the tumor (peritumoral TAN) or infiltrated into the tumor core (intratumoral TAN). Intratumoral TAN showed prolonged tumor-associated persistence and reduced motility compared to peritumoral TAN, whose velocity increased with tumor progression. Selective pharmacological blockade of CXCR2 receptors using AZD5069 profoundly inhibited recruitment of TAN into peritumoral regions, while intratumoral infiltration was only transiently attenuated and rebounded at later time points. Our findings unravel distinct spatial dynamics of TAN that are partially and differentially regulated via the CXCR2 signaling pathway.

Keywords: tumor-associated neutrophils, neutrophil granulocytes, intravital imaging, multiphoton microscopy, tumor microenvironment, tumor immunology, CXCR2, AZD5069


INTRODUCTION

During the last decade, a high intratumoral frequency of tumor-associated neutrophils (TAN) was established as a strong predictor of poor clinical outcome in the majority of solid tumor entities (1–3). In fact, in a recent transcriptomic analysis of ~18.000 human tumor samples from 14 solid tumors neutrophils (secondary to mast cells) showed the strongest correlation with adverse cancer outcomes (1).

Despite this well-established prognostic role in the clinical setting, the mechanisms underlying a disease-promoting activity of neutrophils are still poorly understood. Murine studies have identified a variety of neutrophil-mediated pro-tumorigenic factors (4). Production of neutrophil-derived matrix metalloproteinases like MMP-9 were shown to release VEGF-A from the extracellular matrix (ECM) and thereby constitute a major source of pro-angiogenic factors in the tumor microenvironment (5–8). In addition, neutrophils can influence invasiveness and metastatic potential of tumor cells by angiotropism (9) or neutrophil granule-derived enzymes, that actively remodel the ECM and mutually activate tumoral proteases to promote the invasion of tumor cells (10). Priming of lung pre-metastatic niches through neutrophil MMPs enhanced the metastatic spread of mammary tumors (11). Likewise, human neutrophils, after CXCR2-dependent recruitment (12), and MAPK activation have the ability to induce multiple tumor promoting mechanisms (6), which includes the cortactin-mediated induction of tumor cell invasion and metastasis in patients (13). Further, immunosuppressive neutrophils with myeloid-derived suppressor cell activity (PMN-MDSC) can drive tumor immune evasion (14–16).

Despite this important role of neutrophils in malignant disease, until recently, even in murine models, mechanistic studies on the recruitment and intratumoral biology of TAN were limited to histological tissue analyses, ex vivo investigations or depletion of neutrophils by antibodies without a direct observation of the live cells within the tumor. To a large extent, this has been based on existing models such as lys-EGFP, c-fms-EGFP, and hMRP8-Cre that were not neutrophil specific and hence also included the analysis of “contaminating” cells from the myelomonocytic and dendritic lineages (17–19). As such, immune-mediated mechanisms of neutrophil recruitment to the sites of tumor are incompletely understood.

Experimental murine studies and clinical correlation analyses have identified ligands for CXCR2 as major drivers of TAN recruitment into tumor lesions, involving CXCL1/KC, CXCL2/MIP-2, CXCL5/LIX, CXCL6, and MIF (12, 20–23). Consequently, at least in murine models, many of the disease-promoting effects of neutrophils can be attenuated by CXCR2 blockade (24–26). In contrast to human neutrophils, where CXCR1 and CXCR2/IL-8 interaction is a major chemoattractant (27), in mice, CXCR1 has a redundant capacity for neutrophil trafficking whilst playing a predominant role in regulating degranulation (28). Neutrophil effector functions and trafficking to tissues are also context-dependent. While neutrophils were initially considered as purely pathogen-clearing innate effector cells, to date, complex and adaptable functions in infection, inflammation and cancer are emerging (29, 30).

In this study, we used AZD5069 to modulate recruitment of TAN into tumor lesions in vivo. AZD5069 is a small molecule antagonist with over 100-fold selectivity for CXCR2 relative to CXCR1 receptor, that does not adversely affect neutrophil-mediated host immunity (31, 32). Beyond a potential immuno-oncological target (20), AZD5069 has been extensively studied as an orally active immunotherapy in chronic respiratory diseases, including COPD (33, 34), bronchiectasis (35) and severe asthma (36, 37). In murine tumor models CXCR2 blockade has been shown to modulate neutrophil trafficking to sites of chronic inflammation, subsequently reduced tumor and metastasis formation and enhanced treatment efficacy in distinct therapeutic conditions (38–41).

To directly image different phases of neutrophil invasion into locally growing tumors, we used a recently established mouse model, termed Catchup (42). This allowed us to uncover time-dependent changes in frequency, localization, and migratory patterns of neutrophils in small tumor lesions. We found that neutrophils localized in either intratumoral or peritumoral regions revealed distinct migratory patterns. Surprisingly, blockade of the CXCR2 chemokine receptors, previously believed to selectively inhibit migration of neutrophils into tumors and other inflammatory tissue lesions, was shown to markedly attenuate peritumoral stromal TAN, whilst only transiently blocking the recruitment of TAN into the early tumor cell lesion. These findings have important implications for the precision targeting of TAN in emerging cancer combination immunotherapies.



MATERIALS AND METHODS


Animals

All animal experiments were performed in accordance with the animal ethics committee of the state of North Rhine–Westphalia, Germany, and German guidelines for experimental animal welfare. Generation of CatchupIVM−red was previously described (42). CatchupIVM−red mice were bred in the animal facility of the Centre for Medical Biotechnology of the University Duisburg Essen and housed under specific pathogen-free conditions in individually ventilated cage racks. Both male and female CatchupIVM−red mice were used at any age between 3 and 6 month, but animals were sex- and age-matched in each experiment as much as possible.



Tumor Cell Culture

The murine oropharyngeal cell line MOPC (C57BL/6-derived, HPV16 E6/E7−) was kindly provided by J. Lee (Sanford Research/University of South Dakota, Sioux Falls, SD, USA) and cultured as described previously (43). MOPCEGFP cells were generated by lentiviral gene transfer using a pCL6IEGwo empty vector (44) as previously described (45). Cells were washed twice in phosphate buffer saline (PBS) before injection into mouse dermis under sterile conditions.



Tumor Model

Syngeneic murine HNSCC line MOPCEGFP were injected superficially in the dermis of the outer dorsal ear for intravital microscopy. Approximately 3 min before tumor cell injection the ear was depilated using commercially available depilatory cream, applied <2 min. Under Ketamin/Xylazin (100/20 mg/kg body weight) anesthesia ~10 μl of 20*106/ml cell suspension in PBS was injected into the ear dermis using a 30-gauge cannula.



Contralateral Day 3 Tumor

In one experiment, on day 3 after tumor cell inoculation, AZD5069 and vehicle-treated CatchupIVM−red mice were injected with a second tumor into the contralateral outer ear dermis. Tumor injection and CXCR2 blockade was performed as described below.



CXCR2 Antagonism

CXCR2 was blocked with small molecule antagonist AZD5069, which was provided by AstraZeneca. AZD5069 was diluted in vehicle solution consisting of 1.14% w/w HP-β-cyclodextrin and 0.5% Hydroxy propyl methyl cellulose (HPMC 6 cps) in 0.1 mM Carbonate buffer (pH 9.5–10). One-hundred microliter of 10 mM AZD5069 or vehicle solution only (for control group) was continuously administered twice daily (12 h interval) via oral gavage starting 12 h before tumor cell injection.



Intravital 2-Photon Microscopy

Imaging of MOPCEGFP tumors in the outer dermis of the dorsal ear was performed non-invasively on costume build water heated aluminum stage. The ear was gently mounted on pre-warmed aluminum block using Vaseline, covered with a cover slip and encumbered with a 1 cm diameter metal ring. PBS was used as immersion medium beneath and above cover slip sealed with Vaseline to prevent drain. Long term anesthesia was controlled via intubation narcosis and mechanical ventilation (1.5% Isoflurane in O2) using capnography to maintain physiologic ventilation (expiratory CO2: ~20 mmHg). Mice were injected with 10 μL of a 1 mM QTracker® 655 (Life Technologies, Darmstadt, Germany) solution i.v. to visualize blood vessels before constant observation in a Leica TCS SP8 MP microscope (Leica Microsystems, Mannheim, Germany) with simultaneous detection via hybrid-reflected light detectors and photomultiplier tubes with a HCX IRAPO L253/0.95 water objective. If not otherwise indicated excitation was performed at 960 nm using a Coherent Chameleon Vision II Ti:Saph-Laser (Coherent LaserSystems, Göttingen, Germany). The following filter settings were used: collagen (second harmonic generation, SHG) BP485/30; neutrophils (tdTomato transgene) BP585/50, blood vessels (QTracker®) BP660/30, tumor cells (EGFP) BP525/50. Raw data were reconstructed with Imaris (Bitplane, Zurich, Switzerland) for quantitative analysis and generation of representative pictures and videos.



Statistical Analysis

Data were analyzed using GraphPad Prism Software (GraphPad Software, Inc., La Jolla, CA, USA). Statistical significance was assessed with paired or unpaired two-tailed t-test for the comparison of two groups and two-way ANOVA with Bonferroni post-tests for the comparison of multiple groups if not otherwise indicated. Results were considered statistically significant at p ≤ 0.05.




RESULTS


Establishment of a Longitudinal Intravital Imaging System to Monitor TAN Mobility and Migration During Early Engraftment of Tumor Cells

At first, we established technical requirements crucial for high quality, unperturbed, longitudinal imaging of TAN in early tumor cell lesions. Maintaining body temperature is important for preserving normal physiology of mice during prolonged and longitudinal imaging. Common heating pads are unsuitable for this purpose, since periodical heating leads to relevant material expansion and contraction with enormous shifts in z-direction. To circumvent this problem, we designed a water heated aluminum stage with an external heating unit, which was constantly perfused with 36°C warm water. After narcosis, depilation of the ear, tumor cell injection and i.v. blood labeling the mouse ear was gently mounted with petroleum jelly (Vaseline®) in prone position on pre-warmed aluminum block and covered with a glass cover slip. For stable long-term imaging conditions (>1 h) endotracheal intubation and controlled isoflurane narcosis (1.5% Isoflurane in 100% O2) with constant capnometry (FetCO2 = 2–3%) proved successful. Continuous capnometry ensured appropriate ventilation, sufficient narcosis depth, tolerability and an adjusted recovery phase. For short-term imaging periods (<1 h) i.p. ketamine narcosis without endotracheal intubation was sufficient. Using these procedures intravital imaging was performed on days 0, 3, and 6 (Figure 1A).
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FIGURE 1. Topography of small intradermal lesions of tumor cells. (A) Experimental scheme for longitudinal analysis of spatio-temporal dynamics of TAN. After narcosis CatchupIVM−red mice were intradermally injected with MOPCEGFP cells into the dorsal ear skin (day 0). Directly before imaging Qtracker® vascular label 655 was injected i.v. into the tail vein or retrobulbar to visualize blood vessels. Imaging procedure on the same tumor lesion was repeated on days 3 and 6. (B) Images 1–4 show single cross sections in different depth in a multidimensional 2-Photon stack of an advanced tumor (>day 10). Orthogonal maximum intension projection (MIP) in the x-z-plane (bottom) and y-z-plane (right). Epidermal layer shows a weak autofluorescent signal in the tdTomato emission spectrum (red). Neutrophils show highly fluorescent tdTomato signals and weakly accumulate Qtracker® over time (here 1.5 h post-injection is shown). After fluorescence overlay, neutrophils are displayed in magenta. This enables additional differentiation from autofluorescence by mixed color. Only residual Qtracker® (blue) from leakage or clotting and no blood staining is visible since i.v. injection occurred 1.5 h prior to image acquisition in this case. MOPCEGFP tumor cells are in green. Collagen fibers of the basal membrane and dermal matrix are visualized through SHG signal (white). Image 1 represents the epidermal-basal membrane border. (C) Means (+/– SEM) of tumor lesion volumes at different time points after tumor cell injection. Day 0 = 120–180 min after tumor cell injection. N = 6 animals. (D) Definition of tumoral compartments. Tumor volume was assessed by semi-automated surface generation of tumor cells (solid green). TAN inside tumor surface area were termed “intratumoral,” cells outside were designated as “peritumoral.” Cross-section through tumor volume reveals intra- vs. peritumoral TAN. (E) Intravital multidimensional 2-Photon images of representative tumor cell lesions in MIP from days 0 (120 min after tumor cell injection), 3, and 6 are depicted. 3D reconstruction was performed with Imaris® (Bitplane).



To this end, following the adoptive transfer of ~150,000 cells of the HNC cell line MOPCEGFP (45), an appropriate superficial tumor cell lesion was identified with epifluorescence and navigation through oculars. The autofluorescence of epidermal cells followed by overlay with the second harmonic generation (SHG) signal of the basal membrane during multiphoton acquisition permitted navigation through skin layers (Figure 1B). Mean size of the lesion analyzed inside the field of view increased over time from ~0.007 mm3 (day 0, 120–180 min after injection) to 0.017 mm3 (day 6) (Figure 1C). Within the tumor cell lesion, we identified TAN in two distinct regions relative to the tumor cell mass. The center of a compact tumor lesion, consisting of densely packed tumor cells, was considered intratumoral and TAN localized in this area were designated intra-TAN. The directly adjacent, SHG signal/collagen rich, area within the field of view was termed peritumoral compartment. The peritumoral compartment was defined as a maximum distance of 250 μm from the tumor margin, which was expected to be in reach of paracrine tumoral conditioning factors, but without direct tumor cell contact (Figure 1D; Supplementary Video 1). TANs in this region were termed peri-TAN. Using our model, we could routinely record longitudinal sessions of TAN imaging in single tumor lesions from day 0 (up to 3 h post tumor cell injection) until days 3 and 6 post injection (Figure 1E).

This experimental model therefore has provided a reliable method for longitudinal monitoring of unmanipulated TAN in small newly established tumor cell lesions with high resolution and in the context of two different spatial compartments of the tumor microenvironment.



Dynamics of Early Neutrophil Infiltration Into the Tumor Lesion

Due to their small size, very early tumor lesions are not readily accessible to classical histological preparation and analysis. Hence, intravital 2PM was especially suited to monitor immune cell dynamics in these very early tumor cell lesions. Supplementary Video 2 records TAN infiltration between 45 and 120 min after tumor cell injection. At 60 min post injection, high numbers of highly migratory neutrophils started to infiltrate the tumor lesion (Supplementary Video 2). This influx followed sigmoid kinetics over the first 3 h (Figure 2A) and at 3 h post injection substantial numbers of neutrophils infiltrated the tumor injection site. In order to test whether the injection procedure itself may cause accumulation and recruitment of neutrophils we monitored injections of PBS (Figure 2E). While PBS injection indeed stimulated the recruitment of a smaller number of neutrophils, this influx was clearly low-level compared to the tumor cell-induced recruitment (Figures 2B,E). In addition, neutrophils, induced by this initial mechanical stimulus, showed short persistence and almost completely disappeared from the injection site by days 3 and 6 (Figures 2C–E).
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FIGURE 2. Differential recruitment and migratory patterns of intratumoral vs. peritumoral neutrophils. CatchupIVM−red mice were injected with MOPCEGFP cells into the dorsal ear dermis. TAN infiltration and motility was assessed by transdermal intravital 2PM. (A) Time course of TAN recruitment during the first 3 h after tumor cell inoculation. TAN density at 3 h was defined as 100% (mean with SEM of 2 representative mice is shown). (B–D) Neutrophil densities were quantified in intratumoral (green bars) and peritumoral (gray bars) compartment and after PBS injection only (white bars) at days 0, 3, and 6 and depicted as number of TAN per 0.015 mm3 tumor tissue volume (n = 6 mice for tumor and n = 2 mice for PBS). (E) Representative 2-D still images generated from three-dimensional multiphoton images in maximum intension projection (MIP) demonstrating low neutrophil recruitment and persistence in control CatchupIVM−red mice injected with PBS+Qtracker® at day0. At day 0 the Qtracker dye (+PBS) (cyan) was injected into the ear dermis only. On day 3 and 6 blood vessels were labeled by i.v. Qtracker® (blue) injection. Yellow asterisks mark hair follicles (day 0). Dotted white line indicate areas of invaginated epidermal layer (wrinkle) with high red autofluorescence. Scattered neutrophils are represented by cell-associated red signals in the tissue parenchyma. (F–I) Velocities of neutrophils in the tumor compartments assessed by semi-automated tracking. (J–L) Migration of TAN in (F–H) was also analyzed for directionality (track length/displacement). (F–L) n = 4 for tumor bearing mice, n = 2 for PBS, n = 3 in (I) and cumulative number of analyzed single neutrophils depicted in each plot. Statistical significance was assessed with paired t-test (B–D) and unpaired two-tailed t-test (F–L), α = 0.05. Mean +/– SEM is shown in bar graphs and 5–95% percentiles in boxplots. 3D reconstruction, quantification and tracking were performed with Imaris® (Bitplane).



We next investigated numbers and migration of individual TAN. While intra-TAN were mostly in contact with the carcinoma cells themselves, peri-TAN were in contact with the surrounding normal or stromal tissue and the extracellular matrix. At 2–3 h post injection, a substantial number of neutrophils was present in both compartments. At day 3 the frequency of peri-TAN was already strongly decreased from 322 cells/0.015 mm3 (day 0) to 79 cells/0.015 mm3, with further reduction by day 6 (Figures 2B–D). In contrast, intra-TAN frequencies remained at high levels until day 3 and only decreased to lower levels by day 6 (Figures 1B, 2B–D).

We next quantified and compared the motility of TAN in these two compartments. At day 0, both intra-TAN and peri-TAN were highly migratory displaying an average velocity of 8.8 μm/min. This velocity was comparable to neutrophils recruited in response to PBS injection, suggesting that tumor cells strongly increased recruitment of neutrophils over the injection trigger as such (Figure 2B), but did not further modulate their speed (Figure 2F). We did not compare migratory properties of intra- vs. peri-TAN at day 0, since neutrophils rapidly interchanged between compartments at this early point in time, making a clear allocation impossible. Instead the comparison of velocity of intra-TAN and peri-TAN was performed starting at day 3 and then followed up for at least 10 additional days. We observed that the velocities of intra-TAN strongly decreased during tumor development and TAN in larger developed tumors (day 14 or later) displayed a rather sessile phenotype (Figures 2G–I and Supplementary Video 3). Interestingly, and in contrast to directly tumor cell-associated neutrophils, peri-TAN increased their velocity over time. By day 14, this resulted in a substantial difference in velocity of intra- vs. peritumoral TAN (Figure 2I). Next, we analyzed the directionality of TAN migration over time. At day 0 (1 to 3 h after injection) the infiltration of neutrophils into the lesion was directional (Figure 2J, directionality > 0.5). In contrast, at days 3 and 6, the overall directionality of TAN decreased over time, with peritumoral TAN constantly displaying a slightly higher directionality than intratumoral TAN (Figures 2K,L). Supplementary Video 4 supports this finding.

In conjunction, these data establish previously unknown time-dependent differences in recruitment, persistence and migratory behavior of TAN located in either the intratumoral or the peritumoral area of the tumor microenvironment.



Effect of CXCR2 Blockade on TAN Recruitment Into Tumors

We have previously shown that TAN in this MOPC tumor model express high amounts of CXCR2 on their surface (45). Expression of CXCR2 ligands in the tumor microenvironment is believed to be a major pathway of TAN recruitment in murine tumor models (20, 46–48) and even in human HNC patients (3). Given the tumor-promoting role of TAN, interference with CXCR2/CXCR2-ligand interaction, has been proposed as a means to limit the pro-tumorigenic activity of TAN. Against this background, we investigated how CXCR2 blockade would affect frequencies and migratory patterns of TAN in this model. Consistent with this idea the small molecule CXCR2 antagonist, AZD5069 effectively blocked the influx of TAN into both the intratumoral and peritumoral areas at early time points after tumor cell inoculation (left columns, 2–3h, Figures 3A,B). However, unexpectedly, intratumoral TAN rebounded by days 3 and 6 despite AZD5069 treatment. Thus, CXCR2 blockade was unable to limit the recruitment of intra-TAN to intratumoral areas at days 3 and 6 (Figure 3A, compare Figure 3D for the respective still images of videos). This inability was in contrast to the durable inhibitory effect of AZD5069 on the frequency of peri-TAN, which did not show a significant rebound (Figure 3B). In fact, in most experiments CXCR2 blockade still maintained peri-TAN density to levels below 70 cells/0.015 mm3 on days 3 and 6 (Figure 3B) while intra-TAN reached levels comparable to or even higher than control mice by day 3 and later (Figure 3A). This rebound of intra-TAN occurred despite reduced levels of circulating neutrophils in AZD5069-treated mice until day 6 (Supplementary Figure 1). To confirm that AZD5069 was still generally active at day 3, we injected a second tumor at the contralateral side at this time point (Figure 3C). In this tumor, CXCR2 blockade still effectively inhibited the immediate recruitment of TAN into the tumor lesion at 2–3 h post injection. This indicates the in vivo activity of the compound despite the inability to exclude intra-TAN from tumors injected 3 days earlier in the same animal. Strikingly, also in the secondary tumor, AZD5069 lost effects on intra-TAN 3 days post injection (Figure 3C) suggesting that this effect is mediated by a change in tumor biology rather than TAN biology. Consistent with observations in primary tumors, in most experiments CXCR2 blockade retained its inhibitory activity on the recruitment of peri-TAN by 3 days post injection also for the 2nd challenge tumor.
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FIGURE 3. Intratumoral and peritumoral TAN are differentially affected by CXCR2 blockade to AZD5069 treatment. CatchupIVM−red mice were injected with MOPCEGFP cells into the dorsal ear dermis. TAN infiltration and motility was assessed by transdermal intravital 2PM. To block CXCR2 AZD5069 was orally administered twice daily starting from day−1 before tumor cell inoculation until the end of the experiment. Intratumoral (A) and peritumoral (B) TAN infiltration was quantified as neutrophils per 0.015 mm3. Note the efficient reduction of both intratumoral and peritumoral TAN by AZD5069 at day 0. Also note the rebound of intratumoral, but not peritumoral, TAN under AZD5069 treatment at days 3 and 6. (C) Three days after injection of the primary tumor, AZD5069-treated mice received a second tumor injection into the contralateral ear dermis. TAN density was determined in intra- and peritumoral areas 2–3 h and 3 days after 2nd tumor injection. (D) Intravital multidimensional 2-Photon images of representative tumors of AZD5069 treated mice in maximum intension projection (MIP) on days 0, 3, and 6. Velocities and directionality of intratumoral (E,G) and peritumoral (F,H) TAN in AZD5069-treated compared to control mice were determined on days 3 and 6 by intravital 2PM and semi-automated tracking (pooled data from n = 4 mice per group). Statistical significance of difference was assessed with unpaired two-tailed t-test (α = 0.05). Data in (A–C) are individual mice and the bar represents the median. Data in (E–F) are presented as box-plots with whiskers indicating the 5–95% percentile. In (G–H) barplots of means with SEM. In (A–C) each symbol represents one mouse. **p < 0.01, ***p < 0.001, ****p < 0.0001, ns = p > 0.05. 3D representation, quantification, and tracking were performed with Imaris® (Bitplane).



Having analyzed the effects of CXCR2 blockade on TAN densities, we then assessed the effect of CXCR2 blockade on fundamental motility parameters of TAN in both compartments. In day 0 intravital imaging showed the trafficking of neutrophils through vasculature directly adjacent to tumor cell lesions. As expected, also signs of neutrophil adhesion and rolling could be observed. Importantly, and confirming data from Figures 3A,B, the extravasation of TAN from vessels into the tumor lesion was completely abrogated by CXCR2 blockade at this time point (Supplementary Video 5). Since AZD5069 treatment completely prevented TAN recruitment to tumor lesions at the day of injection, motility was subsequently only analyzed at days 3 and 6 post injection. Interestingly, and despite its inability to reduce the recruitment of TAN to the intratumoral lesion at this time point (Figure 3A), AZD5069 still significantly reduced the motility of intra-TAN at day 3 (Figure 3E). However, at day 6 this effect of CXCR2 blockade on intra-TAN over vehicle treated animals was lost. A similar pattern of response was found for AZD5069 effects on the small numbers of peri-TAN. As depicted in Figure 3F, AZD5069 reduced the velocity of peri-TAN only at day 3 and not at day 6. Instead, the small number of peri-TAN, which infiltrated the tumors in the presence of CXCR2 blockade at day 6, seemed to display substantial mobility with a mean velocity above 5 μm/min (Figure 3F). In summary, the effects of CXCR2 blockade on the migration demonstrated clear differences between intra- and peri-TAN. In contrast, we observed a coherent effect of CXCR2 blockade on the directionality of TAN migration in both compartments. Here, AZD5069 treatment equally increased the directionality of TAN migration in both compartments (Figures 3G,H).

These data show, that, in addition to its distinct inhibitory effects on intra- and peri-TAN recruitment, AZD5069 also affects the intratumoral motility and directionality of these TAN subtypes in small tumor lesions.




DISCUSSION

In this study, we demonstrate the establishment of an experimental system of unperturbed longitudinal tumor-associated neutrophil (TAN) observation in the living mouse. To this end, we used a tumor cell injection model in the murine ear dermis. While this model has many advantages in terms of the imaging technology, it also has apparent limitations. Notably, injection models, particularly with respect to early growth phases do not fully recapitulate the complex multi-component tumor-stroma available in selected chemically induced or transgenic models. Despite these limitations, syngeneic transplantation models are very frequently used for experimental research and important aspects of immuno-oncology are being investigated in such models (45, 47, 49, 50). In terms of in vivo imaging, many experimental models to date require major surgical intervention to make tumor lesions accessible to imaging technologies (51, 52). This constitutes a trauma with subsequent effects on immune cell infiltration and behavior. Our model utilizes a minimally invasive procedure allowing for longitudinal long-term observations of the invasion of unperturbed TAN into a growing tumor. Although artificial disruption of tissue integrity occurs during intradermal injection in this model, the degree of damage is comparable to human tumor-associated wounds and inflammation, which are actually induced by invasive malignant progression or iatrogenic biopsies and surgery (53, 54). Our model, therefore, recapitulates certain aspects of regular tumor development in patients with cancer. In addition, we investigated the stimulus by PBS injection itself. By comparing neutrophil dynamics in PBS-only lesions with tumor cell injection, we could show that tumor cells are the major source of neutrophil attraction and exclusively induce persistence in this model. Tumor lesions showed four times greater neutrophil densities than PBS lesions. Further, the neutrophil influx in PBS lesions was transient; and resolved to background by day 3, while TAN recruitment was durable over >6 days of observation.

Interestingly, we observed the formation of densely packed areas of tumor cells within 3 h after tumor cell injection and tumor cells showed tight microscopic cell-contacts. It is tempting to speculate that the injection of tumor cells and the formation of dense tumor cell areas also influences the biology of the surrounding stromal tissue. Our intravital imaging shows effective triggering of TAN recruitment into what we designated “intratumoral” and “peritumoral” (surrounding stromal) areas. Thus, at these early time points, most likely both tumor cell-derived and stromal cell-derived factors trigger TAN recruitment (22, 23, 55). At later time points, intra-TAN showed prolonged persistence and reduced motility, consistent with in vitro observations demonstrating recruitment and delayed apoptosis of neutrophils in response to tumor-derived factors (12, 56).

Most tumors consist of tumor cell islands and surrounding parenchyma or non-malignant stroma cells. Recently, we demonstrated a differential prognostic role of stromal vs. tumoral inflammation in head and neck squamous cell cancer (HNSCC) patients (57). Considering the emerging prognostic relevance of tumor-stroma constitution and sublocalization of immune infiltrates in solid tumors (58, 59), we especially focused on separate analyses of tumoral compartments in this study and could indeed find striking differences in TAN frequencies, motility and CXCR2-dependent regulation with regard to TAN localization.

A key finding was the reduced directionality and velocity of intra-TAN compared with peri-TAN. This reduced migratory activity of intra-TAN could be a possible reason for the persistence of high TAN densities in the intratumoral compartment beyond day 3 as opposed to the rapid decrease of peri-TAN frequencies. Additional evidence for the intratumoral persistence of intra-TAN comes from an analysis of adoptively transferred peripheral blood leukocytes from CatchupIVM−red mice together with tumor cells into the ear dermis of C57BL/6 mice (Supplementary Figure 2). Here, we observed viable migrating adoptively transferred TAN until day 3 after transfer, suggesting that at least a certain number of intra-TAN can persist for up to 3 days in the tumor lesion. In contrast, the increased mobility of peri-TAN may lead to an increased chance of contact to distracting cues from sites away from the tumor lesion. It remains to be shown, which mechanisms are active in recruiting peri-TAN away from the tumor. Also delayed apoptosis of intra- vs. peri-TAN is a potential mechanism that might explain our findings (56, 60). New models utilizing photoactivatable GFP-transgenic neutrophils have recently been published (61) and could be used to further decipher the fate and function of intra-TAN after recruitment into the tumor core area.

CXCR2 is a major signaling pathway in neutrophil recruitment in tumors and non-malignant neutrophil-driven inflammatory diseases (34, 62–64). In a previous study, using the same MOPC cell line, we have demonstrated expression of KC and MIF by MOPC tumors (45). Interestingly, in the present study, we observed differential effects of CXCR2 blockade on TAN localized in either the intratumoral or peritumoral tissue areas. The fact that CXCR2 blockade efficiently blocked primary TAN influx on day 0 suggests a major role of the CXCR2 pathway in driving acute TAN recruitment. This is consistent with published intravital data in zebrafish larvae where neutrophil recruitment to wounds is abrogated by CXCR2 antagonists (65). However, in addition tumors may develop CXCR2 independent mechanisms of TAN recruitment which lead to stable TAN infiltration beyond day 3. Alternatively, TAN residing in specialized niches of tumors might produce factors that recruit additional TANs, as has been shown recently for HGF, that is produced by TAN and recruits additional TANs via c-Met signaling (66). Similar observations have been made for neutrophils in necrotic lesions that induce a feed-forward loop for the recruitment of other neutrophils via leukotriene B4 (67). Future work needs to address, which mechanism is active in our model. Interestingly, in a model of zebrafish wounding additionally to the initial recruitment of neutrophils also the resolution of inflammation seemed to depend on CXCR2 (65).

The chemokine receptor CXCR2 is primarily expressed on mature neutrophils. However, in tumor hosts often an expansion of immature neutrophils occurs (45). Immature circulating neutrophils normally express low or no CXCR2. Evrard et al. recently showed that tumor bearing mice display elevated numbers of immature CD101− neutrophils in blood and pancreatic tumors compared to naive mice (68). Those cells showed low surface expression of CXCR2. Interestingly, in this model CXCR2− immature cells were still capable of normal tissue infiltration and interstitial migration. Hence, antagonizing CXCR2 using AZD5069 may selectively allow CXCR2− immature neutrophils only to infiltrate transplanted tumors in our model. By contrast, CD101− immature neutrophils only account for 1 to 5 % isolated neutrophils in blood and 5 to 16% of isolated neutrophils from pancreas in animals with low or high tumor burden, respectively (68). However, in our tumor model the numbers of intra-TAN in CXCR2-blocked CatchupIVM−red mice even exceeded those of vehicle treated animals on day 3. In addition, using the same tumor cell line model as in this study, we recently reported that in both, naïve and tumor-bearing C57BL/6 mice, neutrophils in the blood, bone marrow and spleen consistently express considerable amounts of CXCR2 (45). The high TAN content under CXCR2 blockade occurs despite reduced systemic levels of circulating neutrophils (Supplementary Figure 1). Next to TAN-intrinsic mechanisms, it might still be possible, that the tumor changes its phenotype in a co-evolution with TAN or other infiltrating immune cells, which should be investigated in future studies. Furthermore, tumor cell triggered differential chemokine modifications in the densely packed intratumoral compartment may differ from chemokine processing and constitution in the peritumoral compartment. For neutrophil activating chemokines, it is known that their effect is modulated by post-translational changes like nitration or binding to glycosaminoglycans (69). Additionally, differential constitution in terms of extracellular matrix or extracellular proteolytic activity of both compartments may lead to differential conformational changes of the present chemokines to predominantly monomers or dimers. Since it was shown for CXCL1 that monomeric and dimeric form display differential activity in CXCR2 binding leading to a possible fine-tuning of chemokine-receptor pair effects (70), it is plausible that differential chemokine constitution in both compartments may lead to differential migratory properties of TAN.

In summary, our data represent the first targeted observation of unperturbed TAN in the living mouse during very early tumor establishment in vivo. Despite known and obvious limitations in terms of tumor cell development, our transplantable tumor model for intravital imaging reflects certain elements of human tumor cell biology and allows longitudinal tracking of spatio-temporal dynamics of unperturbed genetically labeled TAN. Clearly, our data suggest that infiltration of intratumoral lesion and peritumoral stroma are differentially regulated in terms of chemo-attractive and repulsive cues including the respective chemokine receptors and ligands involved. Interestingly, CXCR2 antagonism by AZD5069 is ineffective in preventing Ly6G+ cell recruitment to tumor lesions at latter timepoints. Additional studies are required to decipher the complex bi-directional cross-talk of tumor tissue and TAN responsible for this dynamic interplay. Preliminary data in our group indicate strong tumor promoting features of intratumoral TAN (data not shown). Hence, our intravital system opens the possibility to further functionally characterize these distinct classes of TAN in different tumoral compartments and thereby enables unpreceded insight into TAN biology in the living animal.
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Intravital imaging is an invaluable tool for studying the expanding range of immune cell functions. Only in vivo can the complex and dynamic behavior of leukocytes and their interactions with their natural microenvironment be observed and quantified. While the capabilities of high-speed, high-resolution confocal and multiphoton microscopes are well-documented and steadily improving, other crucial hardware required for intravital imaging is often developed in-house and less commonly published in detail. In this report, we describe a low-cost, multipurpose, and tissue-stabilizing in vivo imaging platform that enables sensing and regulation of local tissue temperature. The effect of tissue temperature on local blood flow and leukocyte migration is demonstrated in muscle and skin. Two different models of vacuum windows are described in this report, however, the design of the vacuum window can easily be adapted to fit different organs and tissues.

Keywords: intravital microscopy, skin, blood flow, leukocytes, vacuum window, confocal microscopy


INTRODUCTION

Microscopy has a long history as an important tool in life science research. In recent decades, more advanced microscope technologies have been steadily emerging, providing researchers with a plethora of options for visualization of complex biological processes. Intravital microscopy provides unique information about cellular behavior and functions within the living animal. With the invention of the confocal microscope (1) and its ability to optically section the imaged tissue, the possibility of imaging cell-cell interactions in vivo was greatly improved. Further technological advances allowed for the introduction of the multiphoton microscope, which improved some of the limiting aspects of confocal microscopy, such as phototoxicity and penetration depth. While these microscopy techniques enable high temporal and spatial resolution imaging, other aspects of in vivo imaging remain challenging, and impact the quality of the results. The access to and preparation of the target tissue should enable maintained regulation of homeostasis including stable blood perfusion, innervation and temperature, which otherwise will influence the observed biological processes. In addition, stabilization of the target tissue is crucial for high-resolution imaging, and even very slight movements can prevent acquisition of usable image data. When performing imaging in anesthetized laboratory animals, the breathing of the animal is the most common cause of movement artifacts, also in tissues distal to the lungs. Devices using vacuum for immobilization of the lungs and other organs have been previously described, but has required custom-made metallic parts to function, somewhat increasing the threshold for most researchers to acquire such systems (2–5).

Maintaining proper physiological conditions while exposing the tissue to the microscope objective is important if the benefits of studying biological processes in vivo are to be retained. While standard practice is to carefully control the body temperature of the animal with a whole-body heating pad, local tissue temperature of the imaged area is rarely reported. Attaching the tissue to any kind of stabilizing device or imaging window may further increase the risk of heat loss when the ambient-tempered device is in physical contact with the tissue and may act as a heat-sink. Interestingly, the importance of local temperature control when studying immune cell behavior was recently highlighted in a paper by Lin et al. (6) demonstrating that T-cell trafficking and bacterial clearance were affected by febrile temperatures.

In an effort to overcome these challenges, we here utilize 3D printing together with commercially available electronic components to produce a versatile and low-cost in vivo imaging platform. The platform consists of a temperature-regulated vacuum window, a vacuum window holder and an operating table with magnetic mounting points. We also present two proof-of-concept applications for the platform: The study of blood flow using heat-induced hyperemia and the effect of local tissue temperature on leukocyte migration.



MATERIALS AND METHODS


3D-Printing

All 3D-printed parts were designed in Fusion 360 (Autodesk Inc., San Rafael, CA, USA). The vacuum window holder and the vacuum windows were printed with a Form 2 3D-printer (Formlabs, Somerville, MA, USA) with 50 μm layers. The vacuum window holder was printed in clear resin (Formlabs). The vacuum windows were printed in Dental SG resin (Formlabs) and post-processed according to Formlabs guidelines to reach biocompatibility. The operating table was 3D-printed in black PLA (polylactic acid) with an Ultimaker 3 Extended 3D printer (Ultimaker B.V., Geldermalsen, The Netherlands) using a 0.8 mm nozzle and 200 μm layers with the ironing feature (Neosanding) enabled when preparing toolpaths in Ultimaker Cura 4.0.0 (Ultimaker). All STL files are available in the Supplementary Data.



Magnets

The magnets inserted in the base of the operating table and the vacuum window holder were neodymium disk magnets, of N42 grade with nickel plating and a diameter of 15 mm and a height of 8 mm (Webcraft GmbH, Gottmadingen, Germany).



Electronic Components

The electronic control unit was built using readily available standard components. Specifically, an Arduino UNO Rev3 microcontroller was connected to a MOSFET IRF520 module (Velleman, Gavere, Belgium), a 100 kΩ NTC bead thermistor (NXFT15WF104FA2B100, Murata Electronics, North America) and a 32 AWG nichrome resistance wire.



Animals

Male C57Bl/6J mice [30–35 g (Taconic, Denmark)], male CX3CR1GFP/+/NG2DsRedBAC F1 hybrid mice [25–30 g [B6.129P-Cx3cr1tm1Litt/J, The Jackson Laboratory, (7)] and (Tg(Cspg4-DsRed.T1)1Akik, The Jackson Laboratory, (8)] were used. All animals had access to tap water and pelleted food ad libitum throughout the experimental study. For blood flow measurements, fur was removed by shaving the right hind limb of the mice 1 day prior to the experiments. For intravital imaging, the following antibodies were administered through an injection in the tail vein approximately 30 min before start of imaging to visualize leukocytes and blood vessels: anti-mouse Ly6G mAb conjugated to Brilliant Violet 421, anti-mouse CD31 mAb conjugated to Alexa Flour Dye 647. All experiments were approved by the Regional Animal Ethics Committee in Uppsala, Sweden, under the ethical permit number C81/14.



Surgical Preparation, Blood Flow Measurements, IR, and Intravital Imaging

Mice were anesthetized by spontaneous inhalation of isoflurane (Abbott Scandinavia, Sweden) diluted 1.8–2.6 % in a mixture of air and oxygen. The animals were immediately placed on the operating table described in this article, with a heating pad to control and maintain body temperature. IR temperature imaging was performed using a FLIR A40 thermal imaging camera and the FLIR Report Studio software (FLIR, Wilsonville, OR, USA). For the blood flow measurements, the left jugular vein was catheterized with a PE-10 cannula for administration of L-NAME and saline, and the right carotid artery was catheterized and connected to a BP transducer (MLT0380/D) and a Bridge Amplifier (ML221). Blood pressure data was recorded at 1 kHz sampling rate by a PowerLab 4/3 and analyzed in LabChart 7 Pro software (AD Instruments, Oxford, UK). Blood flow was measured using Laser Speckle Contrast Analysis (785 nm laser, 20 μm resolution, PeriCam HR PSI System, Perimed). For intravital imaging, a ~10 × 10 mm patch of the abdominal skin was carefully dissected from the mouse and turned upside down, creating a skin flap still connected to the mouse abdomen. The vacuum window, described in this article, was covered with an imaging-grade 13 mm No. 1.5 glass coverslip held in place with vacuum grease, where after the inside of the mouse abdominal skin was carefully immobilized using the vacuum. Prior to attachment, the coverslip had been prepared with a 0.5 mm3 agarose gel (2% in Hanks balanced salt solution, Sigma-Aldrich) containing MIP-2 (0.5μM), (R&D Systems) to induce chemotaxis of leukocytes.

The table was then mounted on a Scientifica MMBP stage connected to a Leica SP8 point-scanning confocal microscope with a Leica HC Fluotar L 25 ×/0.95-W VISIR objective. Experiments were conducted in a room temperature of 23.5±°C.



Analysis

Data is presented as mean ± SEM and data analysis was performed using GraphPad Prism 6 (GraphPad Software, La Jolla, CA, USA). Student's two-tailed t-test was used analyzing two groups and p < 0.05 was considered significant.

Intravital time-lapse movies were processed using the Fiji distribution of ImageJ and the TrackMate plugin (9–11).




RESULTS

The purpose of the vacuum window imaging platform is to immobilize tissue from an anesthetized animal to enable in vivo high resolution imaging, primarily using an upright confocal or multi photon microscope. In addition, maintained tissue temperature is essential when studying biological parameters. To allow for this, as well as to enable the study of the effects of locally altered temperature, the vacuum window described here was designed to provide both regulation and readout of tissue temperature.

At the center of the in vivo imaging platform is a 3D-printed vacuum window (Figure 1A). The window was connected to a vacuum source (Figure 1B). The negative pressure was regulated through a coarse adjustment valve (Figure 1C) and fine-tuned using a negative pressure gauge (Figure 1D) and a manually regulated vacuum wastegate (Figure 1E). A vacuum trap (Figure 1F) was used to protect the vacuum source. Further, the vacuum window was connected to an Arduino microcontroller (Figure 1G) through a 4-wire cable, enabling reading of temperature data as well as controlling temperature through a heating wire inside the vacuum window.
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FIGURE 1. Schematic drawing of the components in the vacuum window in vivo imaging platform. (A) Vacuum window, (B) connection to central vacuum system (ON/OFF), (C) coarse vacuum adjustment valve, (D) negative pressure gauge, (E) vacuum wastegate for fine tuning of negative pressure, (F) vacuum trap, (G) Arduino microcontroller.




Temperature-Regulated Vacuum Window

To enable imaging of tissue, the vacuum window was designed with a circular opening in the head of the window (Figure 2A). Importantly, the flat top of the 13 mm vacuum window head serves as the attachment surface for a round glass coverslip (Figure 2B, green area), which is hermetically sealed to the window frame using a thin layer of vacuum grease. The vacuum window head was constructed so that it together with the coverslip constitutes the upper half of a vacuum connected chamber (Figure 2C). When vacuum is applied through the vacuum channel (Figure 2D), tissue positioned below the vacuum window head will be pulled upward and held against the coverslip, enabling imaging through the coverslip. In our experiments, 5–20 mbar was enough negative pressure to get stable attachment of the tissue to the coverslip.


[image: image]

FIGURE 2. Features of the 3D-printed vacuum window. (A) Window opening, (B) coverslip attachment surface (green), (C) vacuum window head cross section, (D) vacuum channel, (E) thermistor channel, (F) heating wire channel, (G) steel plate cutout for kinematic mount.



To enable registration of temperature, a thermistor channel (Figure 2E) was positioned in the vacuum window, allowing entry of the thermistor wires in the vacuum window body and positioning of the thermistor head as close to the window opening as possible. This channel was designed to also have an opening close to the head of the window to facilitate insertion of the thermistor during assembly. Heat delivery to the window was provided by a 32 AWG nichrome resistance wire inserted in a heating channel in the vacuum window (Figure 2F). The heating channel openings were positioned on both sides of the thermistor channel in the vacuum window body, while the channel itself circumvents the vacuum window opening in the head to enable heat transfer to the imaged area when a current is applied to the resistance wire. During assembly, the nichrome wire was first inserted into a PTFE (OD/ID: 0.9 mm/0.4 mm) tube to facilitate insertion into to the heating channel. After assembly of both the thermistor and heating wire, all channel openings were sealed with a cyanoacrylate adhesive. To allow for magnetic attachment to the holder, the top of the vacuum window body was designed with a cutout for a round steel plate (15 × 2 mm) that was glued in place during assembly (Figure 2G).

The vacuum window was 3D-printed using a biocompatible resin using a Form 2 printer. STL files for printing the window can be found in the Supplementary File 1. Notably, the vacuum window design can easily be adapted to fit a specific organ of interest.



Electronic Control Unit

For measuring and regulating tissue temperature, a control unit was built using an Arduino Uno Rev3 microcontroller (Figure 3A) powered by a USB cable connected to a computer (Figure 3B). The USB interface was also used for logging thermistor data and setting target temperature. Heating wire power was provided through a MOSFET module connected to a standard computer power supply unit delivering 3.3 V (Figure 3C). The vacuum window (Figure 3D) was connected to the control unit using a 4-wire cable (Figure 3E) with screw terminal connectors in each end to attach the four wires.
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FIGURE 3. Features of the electronic control unit. (A) Arduino Uno, (B) USB connection to computer, (C) 3.3 V power supply and MOSFET module, (D) vacuum window, (E) 4-wire cable, (F) circuit diagram.



The computer connected to the control unit through the USB interface (Figure 3B) was running the Arduino IDE software, which provided continuous logging of thermistor temperature as well as setting target temperature for the control loop. The control loop was designed so that it reads the temperature of the thermistor, compares it with the set target temperature, and adjusts power output to the heating wire using a PID regulator. ON/OFF functionality of the heating system was achieved with the power switch of the power supply unit. A complete circuit diagram of the control unit is provided in Figure 3F. The code for the microcontroller can be found in the Supplementary File 2.



Holder and Operating Table

In order to achieve stable immobilization of tissue attached to the vacuum window, a vacuum window holder (to be mounted on a steel plate) and an operating table with magnet attachment points was designed and 3D-printed. STL and Gcode files for printing the holder and operating table can be found in the Supplementary File 1.

The operating table (printed in PLA using an Ultimaker 3 Extended 3D printer) had cutouts for a heating pad (Figure 4A), M5 thread inserts for mounting of the table on a Scientifica stage (Figure 4B), and 15 mm round neodymium magnets (Figure 4C). Thread inserts and magnets were glued in place during assembly.
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FIGURE 4. Vacuum window holder and operating table with magnetic attachment points (A) Heating pad cutout, (B) M5 thread inserts, (C) neodymium magnet cutouts, (D) height-adjustable vacuum window holder—front view, (E) holder side view with vacuum window attached, (F) neodymium magnet position on holder, (G) steel plate position in vacuum window, (H) height-adjustable vacuum window holder—side view, red area indicates position of steel plate, (I) holder attachment area on table.



The vacuum window holder was printed in clear resin using a Form 2 printer. After assembly, the height adjustment screw in the base of the holder (Figure 4D) can be used to position the vacuum window vertically (Figure 4E). The mounting part of the holder consists of a kinematic mount that fits to the vacuum window body. Attachment of the window to the holder is achieved using a neodymium magnet (Figure 4F) on the mount and a steel plate in the vacuum window (Figures 2G, 4G).

The height-adjustable holder was mounted on a 2 mm steel plate (Figure 4H, red area). Together with the magnetic attachment points on the operating table and the vacuum window, this constitutes a stable tissue immobilizing platform while at the same time providing great flexibility in XYZ positioning of the imaging window (Figure 4I). The neodymium magnets also function as attachment points for any other steel plate mounted peripherals, such as holders for tubing (Figure 5).
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FIGURE 5. Complete setup of the 3D-printed in vivo imaging platform mounted on a Scientifica stage on the Leica SP8 confocal microscope, shown together with heating pad, anesthetic mask and metal plate mounted holders for tubing.



Figure 5 depicts the complete setup mounted with additional magnetically attached holders for tubing on a Scientifica stage for imaging with an upright Leica SP8 confocal microscope.



In vivo Temperature Control Dynamics

The thermistor embedded in the vacuum window head was positioned as close as possible to the underlying tissue. However, during heating, the temperature in window opening is expected to be lower due to the distance from the heating wire circumventing the window. In order to elucidate the relationship between the temperature reported by the thermistor and the temperature inside the window viewing area below the coverslip, a set of experiments was performed using a FLIR A40 thermal imaging camera. By setting up temperature measuring points in the acquired IR images using the FLIR Report Studio software, temperature readouts in positions inside and surrounding the viewing area were recorded.

The dynamics of local tissue temperature regulation in vivo was tested using two different temperature setpoints with the vacuum window attached to the inside of an abdominal skin flap of an anesthetized C57Bl/6J mouse. First, a physiological tissue temperature of 37°C was used as the setpoint for the temperature control loop. As shown in Figure 6A, an overshoot, most pronounced at the window edge containing the heating wire (Figure 6A, red line), up to 40°C was briefly reached, followed by an undershoot. After 10 min, a stable temperature of approximately 36°C was reached in the center of the imaging window. The positions of the IR temperature measurement points are shown in Figure 6B.
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FIGURE 6. Vacuum window temperature control dynamics in anesthetized mice with skin flap attached to window. Temperature setpoint at (A) 37°C and (C) 42°C. (B,D) Shows the corresponding IR images with temperature measurement points.



Secondly, a supraphysiological tissue temperature of 42°C was set for the control loop (Figure 6C). This setpoint did not produce an overshoot, most likely due to the fact that it appeared to be close to the maximum temperature possible with a 3.3 V power source. This is supported by the power readout (Figure 6C, yellow line) from the control unit, showing that maximum power was delivered for the first 5 min, after which power started to be reduced by the control loop. After 10 min, the IR temperature reading inside the window stabilized at approximately 40°C. The positions of the IR temperature measurement points are shown in Figure 6D.

In these experiments, both the embedded thermistor and the IR camera reported that the initial tissue temperature inside the window was lower than physiological temperature at around 32–33°C, while the shaved skin of the mouse outside of the window maintained approximately 36°C (Figures 6A–D, gray line and marker), indicating that the vacuum window serves as a heat-sink when the heating is turned off and room temperature is lower than skin temperature.



L-NAME Attenuates Heat-Induced Hyperemia in Mouse Hind Limb Skin and Underlying Muscle

Given the ability of the vacuum window presented here to manipulate local tissue temperature, we wanted to test this function in an experimentally relevant setting; the study of heat-induced hyperemia. Heat-induced hyperemia can be used to study functional blood flow regulation, and has previously been achieved by applying heat to an entire limb through tubing containing pre warmed water to increase skin temperature 10°C. The temperature-regulated vacuum window developed here could provide researchers with a tool for more controlled experimental settings, including more precise readout of local tissue temperature. To this end we conducted a set of experiments in anesthetized C57Bl/6J mice using a Laser Speckle Contrast Analysis system, which provides quantitative image data of tissue blood flow. Fur was removed from the hind limb of mice 1 day prior to the day of the experiment. Blood flow was measured with the vacuum window head placed on the exposed skin of the hind limb, and the window opening was selected as the measurement area (Figure 7A). Continuous blood flow measurements were performed for 130 min during which the vacuum window heat was turned on with a setpoint of 37°C for two separate periods of 20 min each. Nitric oxide produced by the endothelial nitric oxide synthase (eNOS) is known to regulate blood flow (12, 13). The L-arginine analog L-NAME (N(ω)-nitro-L-arginine methyl ester) is a widely used eNOS inhibitor (14), thereby affecting the ability of vasculature to dilate. After the first heating and a cool-down period of 20 min, a bolus dose (10 mg/kg) of L-NAME was administered, after which continuous infusion (3 mg/ml at 0.35 ml/h) of L-NAME was initiated (Figure 7B). The mean blood flow (perfusion units) during 15 min before each heating cycle was considered as the baseline value of blood flow, whereas the plateau phase of the blood flow curve during the heating was considered the hyperemic blood flow value. The difference (delta PFU) between baseline and hyperemia provides a readout of the ability of the animal to regulate blood flow in response to heat. Arterial blood pressure was monitored throughout the experiments (Figure 7C). Heating the vacuum window to 37°C produced a marked increase in local blood flow, whereas L-NAME attenuated this increase (Figure 7D). These results demonstrate the possibility of using the temperature-regulated vacuum window as a tool for studying functional blood flow.
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FIGURE 7. Laser speckle blood flow imaging in the mouse hind limb. (A) Laser speckle contrast image of a mouse hind limb with heat turned off, (B) 130 min continuous blood flow and (C) arterial blood pressure measurements, including two heat challenges and L-NAME administration, (D) heat-induced hyperemia is attenuated after L-NAME administration (n = 6).





Leukocyte Migration Speed at Different Tissue Temperatures

The main purpose of the temperature-regulated vacuum window is to provide researchers with a tissue stabilizing tool for in vivo imaging that gives the experimenter control over local tissue temperature. To investigate the effects of different tissue temperatures on leukocyte migration, we conducted experiments in anesthetized mice with fluorescently labeled leukocytes.

Neutrophils were immunostained with Ly6G mAb conjugated to Brilliant Violet 421 in CX3CR1GFP/+/NG2DsRedBAC mice, where GFP is expressed by CX3CR1+ cells (predominantly monocytes, macrophages and dendritic cells), and DsRed marks vascular mural cells (pericytes) to provide more detailed information about the vascular morphology. In the imaging data, pericytes (red) can be seen covering arterial vasculature and as smaller dots along capillaries, but are absent on the venous vasculature. Blood vessels were immunostained with CD31 mAb conjugated to Alexa Flour Dye 647.

To induce leukocyte recruitment from the vasculature, an agarose gel containing MIP-2 was attached to the coverslip of the vacuum window before it was lowered onto the inside of an abdominal skin flap. The appearance of immunostained tissue attached to the vacuum window coverslip is demonstrated in Figure 8, showing a tile scan that covers the complete window opening of the oval vacuum window. The teeth of the inner window edge are visible (Figure 8A) and mark the border between the mouse skin and the plastic material of the window. The MIP-2 gel is also visible as a dark shape blocking light from the stained tissue (Figure 8B). A Leica SP8 confocal microscope was used to acquire time-lapse recordings of the migrating leukocytes while the vacuum window was cycled ON-OFF in 20 min intervals with a supraphysiological temperature setpoint of 42°C.


[image: image]

FIGURE 8. In vivo confocal tile scan of the complete vacuum window opening attached to immunostained mouse skin. (A) Teeth of the window border lining the tissue, (B) MIP-2 gel positioned between the coverslip and underlying tissue. Color code: Ly6G–cyan, CX3CR1–green, CD31–gray, NG2–red. Scale bar is 400 μm.



Leukocytes were tracked using the TrackMate plugin for ImageJ (Figure 9A), and the speed of the cells was plotted for the duration of the experiments. The tracking of cells in these data sets was performed so that only migrating cells were included in the analysis. Time-lapse movies and images visualizing cell tracking from the experiments are available in the Supplementary Files 3–7. Neutrophil migration speed was increased during the periods of heating (Figures 9B,C), while migrating CX3CR1 cells showed a less clear response to heat (Figure 9D), indicating that temperature control is of importance when doing intravital imaging of leukocytes. The NG2-positive cells were not visibly affected by the heat-cycling in these experiments.


[image: image]

FIGURE 9. In vivo tracking of leukocyte migration during heat challenge. (A) Shows a frame from the corresponding time-lapse movie and tracking data. Color code: Ly6G–cyan, CD31–gray, NG2–red. (B) Migration speed of neutrophils was increased during heating periods compared to periods without heating. (C,D) Show track speed of neutrophils and CX3CR1 positive cells, respectively, plotted over time with heating periods indicated by gray areas.






DISCUSSION

Here we present the most complete and easily accessible solution to date for enabling in vivo imaging of virtually any organ of anesthetized mice. This was achieved by further development of previous designs (3, 4) of vacuum windows to be able to monitor and control temperature of the imaged tissue. The vacuum window was designed with a magnetic mounting system that makes pre-experimental set up of the platform easy.

The readily available and low-cost electronic components together with the supplementary code for the Arduino microcontroller provides the researcher with an easily assembled bare-bones control unit. While the specific electronic parts used in this paper will produce an easy-to-use functional system, most parts can be substituted with alternative components, e.g., in order to achieve a more compact setup and fit it in a small chassis. Addition of fuses and diodes can also easily be made to provide short-circuit protection if required. To further facilitate ease of use of the system, we chose to include a complete operating table in the platform. The neodymium magnets embedded in the bottom of the table provide an attachment area where the vacuum window holder, or any other steel-mounted peripheral device, can be freely positioned while still maintaining excellent stability. This gives the platform great flexibility, allowing researchers to use the temperature-regulated vacuum window at any position of the anesthetized mouse suitable for their specific application. In addition, magnets embedded in the top edge of the table allows for attachment of steel-mounted holders to secure tubing for vacuum and anesthesia. The emergence of low-cost, commercially available 3D printers has led to massive growth of the 3D printing market (15). The scientific community has embraced the opportunity to create custom-built laboratory tools for a wide range of applications (16–19). The in vivo imaging platform described in this paper was 3D printed, and all STL files are available for download in order to ease use of the design.

The test of the temperature regulating ability of the vacuum window demonstrated that it is possible to attain stable temperature using both physiological and supraphysiological setpoints within 10 min of operation. Presumably, this time period can be shortened if the vacuum window is pre-heated instead of starting from ambient temperature. Of note is also that without heating turned on, the temperature reported by the IR measurement point inside of the viewing area was significantly lower (32–33°C) than that of the shaved skin of the mouse (36°C). This indicates that the window itself might be acting as a heat sink, lowering temperature in the observed tissue, further emphasizing the importance of being able to control temperature in the vacuum window in order to maintain physiological conditions during imaging. These experiments also provide insight in the relationship between thermistor temperature and tissue temperature. At a temperature setpoint of 37°C, tissue temperature was approximately one degree lower than the thermistor reading, and at a 42°C setpoint, tissue temperature was two degrees lower. We believe that this is due to the fact that the thermistor is positioned closer to the heating wire than to the center of the vacuum window opening, which leads to poorer heat transfer from the wire to the tissue in the center of the window than to the thermistor. Thus, with heating activated, heat transfer becomes a relevant factor which results in 3–5% lower tissue temperature compared to the setpoint of the vacuum window. This difference appears to increase with setpoint temperature. If the temperature regulating function of the vacuum window is to be utilized, and uncertainty below 5% is required, we suggest that the researcher investigates the temperature discrepancy between the thermistor and the center of the vacuum window with the tissue of interest attached to the window.

In order to compare the performance of the temperature-regulated vacuum window to established methods, we conducted a set of experiments on blood flow regulation in the mouse hind limb. These experiments test the ability of the mouse vasculature to up regulate blood flow in response to a local heat increase. Our results show that the vacuum window successfully induces hyperemia without affecting arterial blood pressure, and that administration of L-NAME attenuates this response. Compared to the conventional method of using tubing with pre-heated water, the vacuum window provides a simpler and more effective way of achieving hyperemia, with the added benefit of more precise temperature regulation due to the embedded thermistor.

Tracking migrating cells in vivo is associated with several challenges related to the preparation and stabilization of tissue. Ex vivo solutions such as explanting lymph nodes or spleens for leukocyte imaging are commonly used to circumvent this, with the drawbacks of disconnecting blood circulation with risk of hypoxia, and removing the organ from its original position and thus losing the possibility of leukocyte trafficking in and out of the organ. Other solutions for in vivo imaging may include extracorporeal tissue fixation to a viewing pedestal with the possibility of heat and fluid dissipation. For true physiological readouts, intact tissue within the animal must be handled in such a way so that sufficient blood flow is maintained in order to avoid ischemia, and any mean of stabilizing the tissue must be gentle enough not to cause unnecessary trauma that might affect cell behavior in the imaged area. In our proof-of-concept in vivo imaging experiments, the temperature-regulated vacuum window fulfilled the function as a tissue-stabilizing device eliminating artifacts such as those emanating from respiratory movements. When heat was cycled to a supraphysiological setpoint of 42°C to mimic fever, the increased migration speed of neutrophils was apparent, both visually and according to tracking data. CX3CR1 positive cells showed a much less pronounced migration speed response to heat, indicating that all leukocytes do not respond the same to fever.

Taken together, the present study provides researchers with details on a 3D printed, low-cost in vivo imaging platform with a temperature-regulated vacuum window. The presented proof-of-concept experiments demonstrate the function of the vacuum window as a tissue stabilizer as well as the importance of local temperature regulation when performing in vivo imaging of leukocytes.



DATA AVAILABILITY

The datasets generated for this study are available on request to the corresponding author.



AUTHOR CONTRIBUTIONS

DA and CS conducted the experiments. DA, JS, OE, JK, ES, GC, and MP designed the method and study. DA, GC, and MP analyzed the data and interpreted the results. DA wrote the manuscript. DA, OE, JK, ES, GC, and MP contributed to the editing of the manuscript.



FUNDING

The work was supported by Swedish Research Council (2018-02552), Ragnar Söderberg foundation, Knut and Alice Wallenberg foundation, Swedish Society for Medical Research, the Göran Gustafsson Foundation, the Family Ernfors Foundation and the Novo Nordisk Foundation.



ACKNOWLEDGMENTS

The authors would like to thank Greger Thornell and Erika Åkerfeldt at the Department of Engineering Sciences, Division of Microsystems Technology, Uppsala University for lending us the FLIR A40 thermal imaging camera as well as providing technical support on the system. 3D printing was performed at U-PRINT: Uppsala University's 3D-printing facility at the Disciplinary Domain of Medicine and Pharmacy.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fimmu.2019.02036/full#supplementary-material

Supplementary Video 1. 180 minute in vivo time-lapse movie from the Leica SP8 confocal microscope, imaging mouse skin attached to the vacuum window. Neutrophils can be seen migrating during heat-cycling of the vacuum window. Color code: Ly6G–cyan (neutrophils), CD31–gray (blood vessels), NG2–red (pericytes).

Supplementary Video 2. 100 minute in vivo time-lapse movie from the Leica SP8 confocal microscope, imaging mouse skin attached to the vacuum window. CX3CR1+-cells can be seen migrating during heat-cycling of the vacuum window. Color code: CX3CR1–green (monocytes/macrophages/dendritic cells), CD31–gray (blood vessels), NG2–red (pericytes).

Supplementary Images 1–3. Screenshots from visualization of neutrophil tracking in Supplementary Video 1 using the TrackMate plugin for ImageJ. Color code: Ly6G–gray (neutrophils), tracks are colorized to facilitate identification of individual tracks.
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Neutrophils are amongst the first cells to respond to inflammation and infection. Although they play a key role in limiting the dissemination of pathogens, the study of their dynamic behavior in immune organs remains elusive. In this work, we characterized in vivo the dynamic behavior of neutrophils in the mouse popliteal lymph node (PLN) after influenza vaccination with UV-inactivated virus. To achieve this, we used an image-based systems biology approach to detect the motility patterns of neutrophils and to associate them to distinct actions. We described a prominent and rapid recruitment of neutrophils to the PLN following vaccination, which was dependent on the secretion of the chemokine CXCL1 and the alarmin molecule IL-1α. In addition, we observed that the initial recruitment occurred mainly via high endothelial venules located in the paracortical and interfollicular regions of the PLN. The analysis of the spatial-temporal patterns of neutrophil migration demonstrated that, in the initial stage, the majority of neutrophils displayed a patrolling behavior, followed by the formation of swarms in the subcapsular sinus of the PLN, which were associated with macrophages in this compartment. Finally, we observed using multiple imaging techniques, that neutrophils phagocytize and transport influenza virus particles. These processes might have important implications in the capacity of these cells to present viral antigens.
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INTRODUCTION

The innate immune system plays a critical role in protecting the host during the first hours that follow a new insult (1). This process involves complex cell-to-cell and cell-to-pathogen interactions that are essential for the early recognition of the pathogen and the initiation of the adaptive immune response (2). Although several advances have been made in linking the behavior of innate immune cells to the efficiency of the immune response (3), many questions remain open. This is mainly due to the dynamic nature of the aforementioned interaction patterns, which change over time and are distributed in space (4).

The lymph node (LN) has been the preferred organ to investigate in vivo the complexity of cell behavior and cell dynamics in relation to immune functions (5). This organ is highly compartmentalized and is composed of specific regions, which facilitate the coordination of the innate and adaptive immune responses. Indeed, the architecture of the LN further promotes the dynamics of immune cell interactions, such as antigen trafficking between macrophages from different regions, which is critical for the final effector response (6–10), and the capture and presentation of antigen by LN resident dendritic cells (DC) (11, 12). The migration of different cell populations to the specific regions of the LN follows a complex balance of chemokine gradients that orchestrate its architecture. For instance, CCL21 and CXCL12 act on the vascular endothelium to promote the recruitment of leukocytes via high endothelial venules (HEV) (13, 14). After the extravasation process, CXCL13 and CCL19-21 direct B and T cells toward the B-cell follicle and the T-cell zone, respectively (15–20).

Among the innate cells that migrate to the LN in inflammatory conditions, neutrophils constitute the first line of defense against pathogens (21, 22). These cells have important immunological functions, such as the secretion of antimicrobial compounds (23), and play a key role in tissue cleaning and remodeling (24). Neutrophils are abundant in the circulation in their mature form and are rapidly recruited from the bone marrow upon inflammation (25, 26) via post-capillary vessels (27, 28) or lymphatics (28–31). Neutrophil recruitment to the site of infection is a highly regulated process that involves the initial secretion of pro-inflammatory factors, released by activated macrophages and DC, which regulate the expression of adhesion molecules from vascular endothelial cells (24, 32). Among the different inflammatory cytokines that have shown to be involved in this process, the interleukin-1 (IL-1) family (33–35) and the tumor necrosis factor (TNF) are some of the best-characterized (29). In addition, many other chemokines and receptors are known to be involved (36).

Once recruited to the inflamed tissue, neutrophils can interact with lymphocytes and antigen-presenting cells (APC) influencing the adaptive immune response (24, 37, 38). This was demonstrated in different inflammatory conditions in which neutrophils released B cell-stimulating molecules, such as BAFF or CD40L (39), or induced T cell proliferation and activation (37, 38, 40). T cell response can be further orchestrated by neutrophils influencing both DC priming and T cell function via NETosis or release of granules (41). Moreover, recent evidence has indicated that neutrophils can cooperate with DC, transporting antigens to the site of T cell activation or acting as APC (21, 42, 43).

While the initial recruitment of neutrophils from blood has been extensively characterized (44), their post-recruitment behavior remains widely unknown. One of the few actions previously described regards the formation of aggregates or swarms (22). This process involves the coordinated migration of cells toward a common target (22, 45, 46). During the formation of swarms, the first neutrophils that are recruited can trigger a cascade of secondary chemoattractants, which amplify the recruitment of other neutrophils in a feed-forward manner (47). The main signals triggering neutrophil influx and swarm formation were associated with tissue injury (48, 49). However, in infection models, other factors such as pathogen-derived compounds (50), or molecules released by dying neutrophils (51) can trigger swarm formation. The role of neutrophil swarms has been linked with microbicidal activity, tissue remodeling, and protection of uninfected tissues (21). However, it is unclear how individual neutrophils behave in the swarming environment. Recent studies using infection models have shown that neutrophil swarm growth is correlated with the removal of subscapular sinus macrophages (22). This suggests an interplay between the two populations and a possible involvement of the resident cell population in the initiation and regulation of the process.

To better investigate the behavior of neutrophils following influenza vaccination, imaging techniques are of paramount importance. Among the available imaging methods, 2-photon intravital microscopy (2P-IVM), allows the long-term observation of cells in tissues of living animals. For this reason, in the last two decades, 2P-IVM has become an essential tool for the observation of immune-related mechanisms in vivo, highlighting unprecedented mechanisms related to cell migration and cell-to-cell interaction (5). However, an interdisciplinary approach is required to analyze the imaging data generated by this technique. Indeed, the recently established image-based systems biology approach (52) combines microscopy data with computational methods to describe, quantify, and interpret complex biological processes, from imaging data. This combination of methods allowed for instance to uncover different T cell receptor signaling patterns (53) or different types of migration patterns (54) from the tracks of immune cells.

In this work, we employ a cutting-edge imaging analysis methodology to characterize in vivo the dynamics of neutrophil recruitment and their migratory patterns following vaccination with UV-inactivated influenza virus. Thus, we highlight the interaction of early recruited neutrophils with the resident macrophage population involved in antigen capturing. Finally, we report how neutrophil behavior changes over time, using a new mathematical model that maps recurrent motility patterns of neutrophils to biological functions.



RESULTS


Neutrophils Are Recruited to the Draining Lymph Node via Blood Following Influenza Vaccination

To study the dynamics of neutrophil recruitment to the popliteal lymph node (PLN) we evaluated the total number of Ly6G+CD11b+ cells by flow cytometry during the first 24 h following footpad administration of influenza vaccine (UV-inactivated influenza virus, strain A/Puerto Rico/8/34). We observed a rapid increase in the number of neutrophils, reaching a peak at 12 h post-vaccination (p.v.) (Figures 1A,B). Moreover, we found that the recruitment coincided with an increase in the expression of the early activation marker CD69 in these cells (Figure 1C). However, we found that, once in the LN, neutrophils downregulate the expression of the chemokine receptor CXCR4, one of the key regulators of leukocyte trafficking (Figure 1D). In addition, we also detect loss and shedding of the receptors CD44, CD62L, and CD49d, which are constitutively expressed in resting neutrophils (Supplementary Figures 1A–D). To better characterize the recruitment process, we performed confocal microscopy and quantified the presence of these cells in different areas of the PLN at 3 h p.v. (Figure 1E). We observed that, at this early time, neutrophils accumulate in the medullary and interfollicular areas (Figure 1F). Next, to evaluate if the recruitment occurs via the blood vessels or the lymphatic system, we monitored in vivo the process using intravital 2-photon and electron microscopy. Quantitative analysis of the 2-photon movies acquired in the paracortical blood vessels of LysM-GFP mice showed a prominent increase in the number of neutrophils during the first 2 h p.v. (Figure 1H). In addition, we observed the presence of multiple hotspots (55) in the wall of high endothelial venules (HEVs), suggesting a relevant role of these areas in the observed recruitment (Figure 1G; Supplementary Movie 1). To confirm this observation, we performed electron microscopy in a PLN HEV, which clearly showed neutrophils associated with the blood vessel endothelium as early as 2 h p.v. (Supplementary Figure 1A). Interestingly, intravital imaging of the lymphatic vessels, which drain the area in which the vaccine was administered (Figure 1I), showed a progressive increase in the number of neutrophils inside the lymphatic vessels during the first 4 h p.v. (Figure 1I; Supplementary Movie 2). However, this process appeared to be slower than the recruitment that occurs via blood, as we could not detect any neutrophil in the lumen of the lymphatic vessels during the first 2 h p.v. (Figure 1J).
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FIGURE 1. Neutrophil recruitment and distribution into the popliteal lymph node (PLN) after influenza vaccine administration. (A) Kinetic of neutrophil recruitment into the PLN during the first 24 h following UV-inactivated influenza virus injection (UV-PR8). (B) Flow cytometric analysis showing the recruitment of neutrophils (Ly6G+ CD11b+) at 12 h post-vaccination (p.v.). Percentages of CD69+ (C) and CXCR4+ (D) cells out of all neutrophils at 12 h p.v. compared with non-vaccinated controls. (E) Representative confocal microscopy of LN section showing the distribution of Ly6G+ neutrophils (red) in the LN at 3 h p.v. in a CD11c-YFP animal. (F) Quantification plots showing the distribution of neutrophils in the medullary (Med), interfollicular area (IFA), T cell zone (Cortex), follicle (Fo), and subcapsular sinus (SCS) areas of the LN at 3 h p.v.. (G) Sequential 2-photon intravital (2P-IV) micrographs showing the recruitment of LysM-GFP neutrophils (green). Blood vessels (red) are labeled by i.v. injection of Rhodamine B isothiocyanate-Dextran. White arrows indicate a hotspot. (H) Time series showing increasing density of neutrophils inside high endothelial venules (HEVs) of the PLN following vaccination. (I, left) Schematic drawing of the mouse footpad showing the injection site (1), the imaged area (2), and the lymphatic drainage toward the PLN (3). (I, right) Sequential 2P-IV micrographs showing the recruitment of LysM-GFP inside the lymphatic vessel in the injection site following UV-PR8 administration. (J) Time series showing increasing density of neutrophils inside the draining lymphatic vessel. In all figures, the presented data are representative of at least three independent experiments. Results are given as mean ± SD. ns p > 0.05; *p < 0.05; **p < 0.01; ****p < 0.0001.




The Recruitment of Neutrophils to the LN Involves the Cytokine IL-1α and the Chemokine CXCL1

In a previous study, we observed that the necrotic death of the LN macrophages after the administration of influenza vaccine was followed by the release of the potent inflammatory cytokine IL-1α (6). In this work, we confirmed that IL-1α reaches an early peak (6 h) following vaccination and returns to basal levels at 24 h p.v. (Figure 2A). Moreover, we found that IL-1RKO animals show a significant inhibition of neutrophil recruitment in the PLN (Figure 2B). To confirm that IL-1α was involved in neutrophil recruitment, we injected a dose of 1 μg of recombinant IL-1α in the mouse footpad, and observed that the injection of this cytokine alone was able to induce the recruitment of neutrophil in the draining PLN at 12 h p.v. (Figure 2D). In a previous work, we also observed that influenza vaccination induced a fast increase of the chemokine CXCL1 (6), a well-known inducer of neutrophil recruitment (56). Therefore, to investigate whether the production of this chemokine was associated with LN macrophages, we measured the secretion of CXCL1 in animals in which LN macrophages (CD169-DTR + Diphtheria toxin) or monocytes (CCR2KO) had been depleted. We observed that, in both cases, the levels of CXCL1 were significantly reduced at 12 h p.v. compared to the control group (Figure 2C). However, CXCL1 levels were not completely abrogated. Interestingly, we also observed that the type-I interferon response following vaccination was necessary for the secretion of this chemokine, as IFNARKO animals showed a prominent inhibition of the levels of CXCL1 at 12 h p.v. (Figure 2C). Moreover, we also observed that IFNARKO animals display lower number of resident macrophages (Supplementary Figures 1H,I), while CCR2KO did not showed any difference (Supplementary Figure 1G). However, DTX-treated CD169-DTR mice exhibited a complete depletion of LN macrophages after the administration of the toxin (Supplementary Figure 1F). Besides, footpad administration of recombinant CXCL1 (0.5 μg/fp) alone was able to induce a significant recruitment of neutrophils in the popliteal LN (Figure 2D). However, we observed significant differences in the effect that both molecules had on the activation of neutrophils. Recombinant CXCL1, but not IL-1α, was able to induce the expression of the early activation marker CD69 in the recruited neutrophils (Figure 2E). However, neutrophils recruited after IL-1α administration showed higher levels of MHC II compared to the ones recruited following treatment with CXCL1 (Figure 2F).
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FIGURE 2. Production of CXCL1 and IL-1α induce recruitment of neutrophils to the PLN in response to vaccination. (A) Time course showing the secreted IL-1α in the LN at 0, 2, 6, 12, and 24 h following vaccination. (B) Flow cytometric analysis showing the recruitment of neutrophils in the LN in B6 and IL-1R-deficient mice at 12 h p.v.. (C) Cytoplex analysis showing the production of CXCL1 in the LN at 12 h p.v. in CCR2 KO, IFNAR KO, and CD169DTR mice compared to B6 controls. Flow cytometric analysis showing the total neutrophils count (D), and the expression of CD69 (E), and MHCII (F) after administration of recombinant IL-1α and CXCL1. In all figures, the presented data are representative of at least three independent experiments. Results are given as mean ± SD. ns p > 0.05; *p < 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001.




Neutrophils Phagocytize and Transport Influenza Virus

To examine the capacity of neutrophils to phagocytize UV-inactivated influenza virus (UV-PR8), we performed electron microscopy. Indeed, results showed that a number of neutrophils phagocytized necrotic vesicles containing the UV-PR8 particles (Figure 3A, Supplementary Figure 1J). To quantify the percentage of neutrophils that phagocytized the virus, we labeled inactivated influenza virus with the lipophilic dye DiO and performed flow cytometric analysis. We found that 15% of the neutrophils were positive at 12 h p.v. (Figure 3B). Finally, to assess the capacity of neutrophils to transport phagocytized influenza particles, we performed 2P-IVM in LysM-GFP mice. The dual tracking of DiD-UV-PR8 and LysM-GFP neutrophils confirmed that, after phagocytosis, neutrophils were able to transport the phagocytized virus within the LN during 7 h (Figure 3C, representative track, Supplementary Movie 3). A volumetric reconstruction further confirmed that viral particles were internalized, with a distance from the cell centroid smaller than the cell radius (Figure 3D).
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FIGURE 3. Neutrophils phagocyte and transport influenza virus. (A) Schematic drawing (left) of an electron micrograph (right) showing neutrophils in the SCS phagocytizing UV-inactivated influenza virus at 2 h p.v.. (B) Flow cytometric analysis indicating the percentage of neutrophils positive for influenza vaccine (DiO labeled, left) and the corresponding MFI analysis (right). (C) Intravital 2-photon micrograph showing a LysM-GFP neutrophil (green) phagocytizing DiD labeled UV-PR8 (red) (left). Intravital 2-photon timelapse showing the correlation between the tracks from a UVPR8-positive vesicle and the neutrophil (right). (D) Distance of the viral particles from the cell centroid (black line), compared to the cell radius (red line). Results are given as mean ± SD. ns p > 0.05; *p < 0.05; **p < 0.01.




Neutrophils Change Their Motility Soon After Being Recruited to the LN

To identify the areas of the LN with higher activity, we acquired low-magnification 2P-IVM movies (Figure 4A) in a non-fluorescent recipient animal by adoptively transferring neutrophils from a CK6/ECFP donor. Moreover, to visualize the vasculature and the LN macrophages, we administered fluorescein isothiocyanate-dextran (200 kDa) and CD169-PE antibody, respectively. Initially, we imaged an area located in the paracortex of the LN (Figure 4A, dashed line), characterized by a high vascularization and active recruitment of neutrophils. Representative snapshots of the acquired movies are shown in Figures 4B–D, while the tracks of the analyzed cells are plotted in Figures 4E–G. A qualitative analysis of cell migration showed that at 30 min p.v. neutrophils generated long tracks in four main directions, which were associated with their movement inside the blood vessels (Figure 4E; Supplementary Movie 4). Once outside the blood vessel (75 min p.v.), neutrophils did not follow any preferential direction (Figure 4F; Supplementary Movie 4), while at later time points (135 min p.v.) they displayed a collective migration directed toward an area in which cells started to cluster (Figure 4G; Supplementary Movie 4). Next, we quantified cell migration by computing measures based on entire tracks (Figure 4H). We observed a significant change in neutrophil motility occurring within 30–75 min p.v. Indeed, neutrophils at 30 min p.v. were faster, more directional and traveled longer distances with a lower arrest coefficient, compared to later time points. However, no significant difference was observed between 75 and 135 min. These findings, using track-based measures, confirmed a change in the overall motility only after recruitment. Nevertheless, the analysis of the instantaneous speed of neutrophils showed a high variance (Figure 4I, left), which was associated with a variable mean over time (Figure 4I, right, black line). The observed variability in speed arises from both the differences between distinct cells at the changes of speed that a single neutrophil undergoes over time. An example is provided in Figure 4J, where the track of a neutrophil (left) and the plot of the instantaneous speed (right) over time are shown. This example shows the transition between two distinct behaviors that are characterized by low speed and high speed, respectively.
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FIGURE 4. Time-course of neutrophil motility. (A). Low-magnification 2P-IVM micrograph showing the structure of the PLN including vascular network (Fluorescein isothiocyanate-Dextran), CD169+ macrophages (red), collagen scaffold (Second Harmonic Generation–blue) and neutrophils (light-blue) adoptively transferred from a CK6/ECFP animal. Image was acquired immediately after vaccine injection. (B–D) Snapshots of representative LN areas at different time points. (E–G) Plots of cell tracks with common origin showing four preferential migratory directions at 30 min, more equally distributed directionalities at 75 min and a tendency toward the 1st and 4th quadrants at 135 min. The number of tracks is 19, 101, 57, respectively. (H) Cell motility quantification using tracks mean speed, straightness, displacement, and arrest coefficient. (I) Boxplots of Instantaneous speed (left) exhibiting high variance at early time points. Instantaneous speed time series (right) showing distinct trends at different time points. (J) Representative track (left) acquired at 135 min and the associated time series of the instantaneous speed (right). The same cell exhibits two different trends characterized by low speed (i) and high speed (ii). Results are given as mean ± SD. ns p > 0.05; *p < 0.05; ***p < 0.001; ****p < 0.0001.




Neutrophils Perform Different Actions Over Time

To describe the long-term and time-varying behavior of each individual neutrophil, we defined, according to previous studies (45, 57–59), five distinct cellular actions based on the motility patterns visually identifiable in the videos (Figure 5A). We named them flowing, arrested, patrolling, directed migration and swarming (Figure 5A). To detect these actions from imaging data, we divided the track of each neutrophil into multiple fragments (tracklets). Then, we computed morphological and motility measures on each of them. By defining a gating strategy on these measures, each tracklet was associated with an action (Figure 5B). Considering each tracklet as a data-point, the proposed gating strategy identified five distinct populations corresponding to the different actions (Figure 5C). Following this analysis, we observed that neutrophils perform different actions at different time points (Figure 5D). At homeostasis, neutrophils were mostly flowing. Hence, circulating within blood vessels with high speed and directionality (Supplementary Figure 2; Supplementary Movie 8). Then, during the first 30 min p.v. neutrophils were mostly associated with capillaries, displaying both flowing and directed migration. This behavior changed when neutrophils started to migrate within the LN (30–75 min p.v.), displaying primarily patrolling, directed, and arrested behaviors. Other neutrophils exhibited a temporarily directed migration. Finally, at 2 h p.v., cluster formation was the predominant neutrophil behavior. This was associated with temporarily directed migration of neutrophils either toward a swarm under formation or from a previously formed swarm to another target. In addition, a small population of neutrophils was arrested (Figure 5D). These results confirmed that the time-varying motility of neutrophils can be represented as a sequence of distinct actions which, in turn, are associated with distinct biological processes.
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FIGURE 5. Neutrophils exhibit different actions in the early response to vaccination. (A) Graphic representation (up) and 2P-IVM micrographs showing different neutrophil actions in response to influenza vaccination: flowing “F” neutrophils moving inside blood vessels, with long and straight tracks following the vessel structure. Arrested neutrophils “A” exhibit confined tracks and short displacement. Patrolling neutrophils “P” have long, non-straight tracks associated with extensive tissue monitoring. Directed neutrophils “D” exhibit straight tracks with lower migration speed compared to flowing neutrophils. Swarming neutrophils (S) form cell aggregates with high density and large volume. (B) Gating strategies used to define and identify the actions according to cell speed, displacement, straightness, and arrest coefficient on track fragments of fixed length (500 s). (C) Classification of track fragments at different time intervals (arrested: black, patrolling: red, directed: green, flowing: blue, unspecified: gray). (D) Time-course plot showing the percentage of cells performing each of the actions over time, according to our gating strategy.




Following Vaccination Neutrophils Form Swarms in the SCS Associated With SCS Macrophages (SSM)

To identify the areas in the LN with high cell motility we performed low magnification (10X) 2P-IVM, which allowed the visualization of the whole organ (Figure 6A; Supplementary Movie 5). Cells were tracked for a period of 30 min and the percentage of cells migrating from one region to another was computed. We found that at early time p.v. most of the neutrophil migration occurred between the interfollicular (IF) and the SCS areas (Figure 6B). To evaluate the presence of areas associated with high neutrophil motility, we measured the average pixel velocity by optical flow, a computer vision method that does not require cell tracking (60). The results showed the presence of hotspots with high motility, which are depicted as lighter areas in the pixel velocity heat map (Figure 6C). These hotspots were localized in the SCS and IF area. Interestingly, the hotspots were associated with the regions where swarms were formed (Figures 6D,E).
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FIGURE 6. Characterization of neutrophils swarm formation in the PLN after influenza vaccination. (A) Low magnification 2P-IVM micrograph showing the PLN of a LysM-GFP animal at 3 h p.v. Seven different areas are identified according to their anatomical structure and cell populations: SCS, follicles (Fo1-3), interfollicular areas (IF1-2), and medullary area (MED). (B) Transition matrix showing the migration of cells across different areas. The value at the i-th row and j-th column refers to the percentage of cells that migrated from the i-th to the j-th area. Values on the diagonal refer to the percentage of cells that remained in the same area. (C) Pixel velocity heatmap, showing hotspots with high motility. (D) 2P-IVM micrograph showing the IF and SCS areas at 6 h p.v. Cap refers to the collagen capsule. Dashed lines indicate hotspots toward which cells migrate with high motility. (E) Pixel velocity heatmap showing hotspots with high motility (yellow) (E). Dashed lines indicate hotspots toward which cells migrate with high motility. (F) Sequence of micrographs at 6 h p.v. showing the formation of multiple LysM-GFP neutrophils swarms in the SCS in close proximity to CD169+ macrophages (white) (G) Swarm volumes over time observed at 6 h p.v.. Volumetric data built according to fluorescence intensity thresholding. (H) Sigmoid fit to previous swarm volume (R = 0.652) showing their averaged growth phase. (I) Sequence of micrographs with 25x magnification in the SCS showing CFP-expressing neutrophils initiating a swarm at 5 h p.v. (J) Trajectories of 5 h p.v. swarm plotted from the same origin (K) Time-course distances from the swarm center at 5 h p.v. (L) High magnification 3D reconstruction of LysM-GFP neutrophils interacting with CD169 macrophage network (red) in the SCS region. (M) Colored transmission electron micrograph (left) and schematic drawing (right) showing the interaction of different neutrophils (n) with a macrophage (mf) in the SCS of the LN at 2 h p.v.. (N,O) Number of neutrophils vs. time showing an oscillatory trend in an area without macrophages (N), and an increasing trend indicative of swarming in an area associated with macrophages (O).


To fully characterize neutrophils swarming behavior, we recorded movies in the SCS region of the LN using different magnifications. Low magnification movies from LysM-GFP mice showed that neutrophils formed large and multiple swarms in association with regions enriched with macrophages (Figure 6F; Supplementary Movie 6). Such swarms grew in size over time (Figure 6G). Furthermore, neutrophils involved in the swarms often changed their directionality from one cluster to another (Figure 6F). In mathematical terms, the average dynamic of the observed swarms was best described by a sigmoidal function (Figure 6H), suggesting that swarm formation undergoes an initial steady state, a growing phase and a plateau before its resolution. Moreover, we observed that the decreasing swarms showed a resolution period of ~30 min.

To better visualize individual neutrophil behavior, as well as possible interactions with resident macrophages, we acquired high-magnification videos starting from 5 to 7 h p.v. These videos confirmed that swarm formation occurs in proximity to SSM (Figure 6I; Supplementary Movie 7), with highly directed and skewed trajectories (Figure 6J), and the majority of the cells approaching the center of the swarm (Figure 6K). Moreover, using high-magnification 3D reconstruction and EM, we confirmed that neutrophils were located in close proximity to SSM clusters (Figures 6L,M). To investigate the involvement of SSM in the formation of swarms we quantified the accumulation of neutrophils in areas proximal or distal to SSM. Interestingly, the number of neutrophils fluctuated over time outside the SCS area (Figure 6N). By contrast, it constantly increased in areas rich in macrophages (Figure 6O) exhibiting the sigmoidal growth rate observed during swarm formation.




DISCUSSION

In this study, we investigated in vivo the behavior of neutrophils that are recruited to the draining LN following influenza vaccine administration. Neutrophil recruitment has been previously described in several infection models (22, 30, 44, 51, 61). However, despite the critical role of these cells in pathogen clearance and the initiation of the inflammatory response, their specific behavior upon vaccination remains poorly studied. In this work, we observed a rapid recruitment of activated and mature neutrophils in response to vaccination with an inactivated influenza virus. Although the role of neutrophils against influenza has been extensively studied in the lung (62), this is the first time that their behavior is characterized in the draining LN in the early response to influenza vaccine administration.

The way neutrophils enter the LN remains controversial. Different studies have suggested that neutrophils get recruited mainly via the HEV (44, 48). However, other authors have stated that neutrophils access the LN mainly via the lymphatic vessels (29–31). Our data suggested that influenza vaccination induces an initial recruitment of neutrophils via HEV, followed by a minor, secondary wave through the lymphatics that drain directly from the injection site to the sentinel LN. It is tempting to speculate that the type of recruitment might influence the function of the recruited cells. However, future experiments need to be performed to study differences in the behavior and the function of neutrophils that arrive through different routes. In addition, we found that a percentage of neutrophils downregulates the expression of CXCR4, a marker known to be involved in neutrophil mobilization from the bone marrow and trafficking through the circulation to the site of inflammation (63, 64). Moreover, consistently with neutrophils activation, we detected a downregulation of multiple cell surface receptors linked with leucocyte trafficking and accumulation (65, 66). By contrast, these receptors were expressed at high levels in resting neutrophils (67).

Neutrophil localization within the LN after pathogen challenge is tightly linked to their specific function. In a previous study, we observed that macrophages, located within the subcapsular sinus (SCS) and the medullary area of the LN, capture and retain influenza virus following vaccination. Interestingly, in both the areas, macrophages undergo necrosis-like cell death after viral capture that leads to their progressive decline (6). Our study demonstrated that neutrophils migrate toward the SCS progressively, probably in response to chemoatactic signals released by the necrotic macrophages, as suggested by other models based on infection (22, 48). Among the different signals released by the necrotic macrophages, IL-1α is one of the most potent (6). In this work, we have demonstrated that IL-1α and its receptor IL-1R are involved in the initial recruitment of neutrophils to the LN. Other authors have previously confirmed the role of IL-1β and IL-1R in the recruitment of neutrophils to the infection site (33, 68, 69). However, we could not observe any significant secretion of IL-1β or activation of the inflammasome pathway in the LN following influenza vaccine administration (6). Therefore, we can conclude that the observed absence of neutrophil recruitment in the IL-1R-defective mice was associated to IL-1α released by macrophages.

Moreover, we confirmed that CXCL1, a mouse homolog of human IL-8, was also involved in the recruitment of neutrophils to the LN. The source of this chemokine needs to be further investigated but we speculate that DC and activated macrophages could be the main producers (70, 71). Indeed, the secretion of CXCL1 was almost abolished in mice lacking type-I interferon (IFN) receptors, suggesting an important role of LN macrophages and DC, the main producers of IFN, in this process. Thus, absence of IFN-I signaling in IFNARKO mice partially reduce the total number of CD169+ macrophages compared to the control, although it did not significantly impair the number of medullary macrophages. However, the specific elimination of macrophages reduced only partially the expression of CXCL1. Interestingly, our findings demonstrated that subcutaneous administration of IL1-α and CXCL1 induced the mobilization of neutrophils toward the LN. Nevertheless, we showed that CXCL1 induced the expression of CD69, a marker associated with the early activation, while IL-1α administration increased the expression of MHCII, suggesting a potential role of neutrophils in antigen presentation, as previously described in other models (40, 72). Neutrophils are sensitive to a vast array of chemoattractants that regulate their migration and infiltration to inflamed tissues. Indeed, Chou et al. (73), previously described this process as a cascade that require a multitude of chemokines, such as MIP-1α, MIP-1β, and MIP-2. Therefore, will be of interest to explore the complex nature of signals that mediate neutrophils recruitment post-influenza vaccination.

In the early phases of recruitment, we found that neutrophils exhibited significant differences, resulting in reduced speed, directionality, and displacement, while increased arrest coefficient. These findings suggest that the recruited neutrophils actively migrate and increase cell-to-cell interactions. Previous studies have associated the increase in the arresting of neutrophils with the oxidative burst (20) in which reactive oxygen species are generated. Antigen presentation might also influence the speed of neutrophils. Indeed, other authors have reported that neutrophils can serve as antigen presenting cells (APC) during influenza infection in mice (2, 74, 75). In support of the notion that neutrophils might act as APC in the context of influenza vaccination, we observed that they actively phagocytize influenza particles, which were previously associated with necrotic macrophages. Moreover, we could observe an increase in the expression of MHCII in these cells after exposure to IL-1α, which is released by the dying macrophages (6). However, it is not clear if the APC function of neutrophils might occur in the LN or, as suggested by other authors (76), in other immune-relevant organs, such as the spleen. In support of the former, we observed that neutrophils are able to transport influenza particles for long distances in the LN (77). This suggests that neutrophils can carry viral particles to specific areas as described for other infection models (78–80). Therefore the potential capacity of the neutrophils to transport viral particles to other organs as well as the capability of these cells to function as APC need to be further investigated.

Our findings supported that neutrophil behavior is a dynamic process, with significant differences observed already within the first 3 h p.v. These findings were in agreement with previous in vitro studies in which the motility of neutrophils was found to change within minutes in response to both external (i.e., chemical gradients) and internal factors (i.e., directional memory) (81).

Among the different actions that occur within the first few hours after vaccination, we identified the formation of swarms, which is a process previously associated with tissue injury (49, 51). In this study, we showed that neutrophils swarms are formed in the SCS, co-localizing with the resident SSM population. The characterization of swarm dynamics showed consistent growth rates, suggesting that they are comparable to smaller transient swarms observed in other infection models (22). Regarding the factors that generate this behavior, tissue injury, neutrophil secondary cell death, and the release of the chemoattractant LTB4 have been previously proposed as triggers of swarm formation (51). Although LTB4 is mainly secreted by neutrophils, macrophages can also produce this molecule (51). These observations, along with our in vivo evidence of swarms association with SSM, suggest a close association between the two populations. In previous studies, swarm formation in the SCS was linked with the removal of resident SSM (24). We speculate that macrophage death contributes to the initiation, amplification, and stabilization of neutrophil swarming and recruitment via the release of different chemoattractants, such as IL-1α. However, the redundancy in the recruitment process of neutrophils, with the involvement of more than 30 chemokine receptors (36), makes the effect of a single molecule difficult to be distinguished from other cues that regulate neutrophil chemotaxis.

Regarding the swarm dynamics, a direct correlation between swarm size and tissue injury severity has previously been shown (82). Furthermore, the number of neutrophil secondary death is also proportional to the swarm size (51). It would be compelling to determine whether influenza vaccination induces the death of neutrophils in a way similar to the previously described macrophage death (6).

The quantification of the spatio-temporal migration and interaction patterns of cells from 2P-IVM data presents specific challenges. These arise from the difficulties both in cell tracking and in describing a complex biological system by means of numerical values. The difficulties in cell-tracking, arise from both the textureless appearance and the complex biomechanical properties of neutrophils, including high plasticity and formation of contacts. These problems are amplified by the high number of cells that need to be tracked. To facilitate individual tracking, the number of fluorescently-labeled cells can be reduced by performing an adoptive transfer of a limited number of fluorescently labeled cell to a non-fluorescent recipient animal. This justifies the differences in cell number between the experimental setup using LysM-GFP transgenic model or the adoptive transfer of CFP-neutrophils into wild type animals prior to imaging shown in Figures 1, 6, respectively.

In this study, we described an alternative way to analyze cell motility in 2P-IVM videos when single cells cannot be tracked. Indeed, by computing pixel velocity, we identified the areas in the LN, called hotspots, in which cells were more active. The advantage of pixel-based measures with respect to track-based measures is that neither manual nor automatic single-cell tracking is required. Therefore, this allows the analysis of videos with a high number of cells.

The quantification of neutrophil behavior from 2P-IVM data is further challenged by the lack of mathematical models that make their motility patterns interpretable. Although optical probes can be used to transform a biological function into a light signal, their application for 2P-IVM remains challenging (83).

To address this issue, we developed a new method of analysis that brings two main advantages with respect to the previously used methods: capturing the time-varying motility of cells and making results interpretable. Indeed, the available methods to assess cell motility can lose information during the averaging process (81). Additionally, although several measures of cell motility were defined (84), the connection of their values to a biological meaning remains to be addressed by the investigator. When applied to our data, the standard track-based measures did not capture significant differences in neutrophil behavior. However, the new method of analysis, proposed in Figure 5, identified distinct actions, which changed over time, indicating clear differences in the functions of the analyzed cells. Although in this study we defined five distinct actions of neutrophils, alternative actions could be also defined in future studies, such as apoptosis or NETosis (78), amongst others.

The proposed method allowed to perform a dynamic in situ cytometric analysis as proposed in previous studies (53, 83) where distinct phenotypes of cells were identified in 2P-IVM data. However, a set of gates correlating phenotypes to actions were not defined previously. By contrast, our action-based model allowed to define a precise set of gates to interpret the results. It would be compelling to define an extended list of actions that neutrophils can perform or automatically unravel populations of cells expressing distinct phenotypes using data mining methods such as clustering algorithms (85, 86). Additionally, advanced computer vision methods can be applied to detect more complex behaviors, both on shorter and longer periods of time considering other parameters such as cell morphology, context, and space-time structures. This is in line with recent works that aim to recognize cellular motion phenotypes in in vitro cultures (87) or human actions using deep machine learning methods (88).

In conclusion, to analyze the complex dynamics of neutrophils in intravital imaging data, an interdisciplinary effort is required. By combining different imaging methodologies, molecular techniques, and pattern recognition methods, we identified distinct behaviors of neutrophils in the early response to influenza vaccination. These behaviors are the expression, of the biological mechanisms that follow influenza vaccination. In addition, we identified an interaction between neutrophil and macrophages, which might be important in terms of the capacity of the former to capture and present antigen.



METHODS


Mice

All animals were bred in-house or acquired from Janvier labs (C57BL/6). Mice were maintained under specific pathogen-free conditions at the Institute for Research in Biomedicine, Bellinzona and used in accordance with the Swiss Federal Veterinary Office guidelines. The following transgenic mice were used: LysM-GFP (89), IL-1R KO (90), TLR3 KO, Myd88 KO (91), CCR2 KO, IFNAR KO (92), CD169DTR (93), CD11c-YFP (94), CK6/ECFP (95), UBC-GFP (96). All strains were on C57BL/6 background. All animal experiments were performed in accordance with the Swiss Federal Veterinary Office guidelines and authorized by the relevant institutional committee (Commissione cantonale per gli esperimenti sugli animali, Ticino) of the Cantonal Veterinary with authorization numbers TI28/17, TI02/14, and TI07/13.



Virus Production Inactivation and Labeling

Influenza virus strain A/PR/8/34 was grown for 3 days in the allantoic cavity of 10-day embryonated chicken eggs. To remove cellular debris the allantoic fluid was harvested and centrifuged at 3,000 rpm for 30 min. Virus was subsequently purified twice in a discontinuous sucrose gradient at 25,000 rpm for 90 min. Virus stocks were quantified by tissue culture infective dose assay (TCID50). To be inactivated, viral suspensions were placed under the UV lamp at a distance of 15 cm for 15 min. For the labeling of UV-inactivated influenza virus, 50 mg/ml of DiD or DiO dye was added to the viral suspension and incubated for 20 min at RT. After that, virus was subsequently purified by centrifugation as mentioned before.



Antigen Administration and Injections

106 plaque-forming units (PFU) of inactivated virus per footpad in a final volume of 10 μL were injected into anesthetized mice at different time points prior to LN collection. Macrophage depletion from CD169DTR mice was established by intraperitoneal (i.p.) injection of 10 μg/kg of diphtheria toxin (Sigma-Aldrich) a day before vaccination. Recombinant murine IL-1α (1 μg/fp) and murine CXCL1 (0.5 μg/fp) were reconstituted in sterilized PBS and injected in a final volume of 10 μl 12 h before LN collection. For in vivo labeling of cells, mice received subcutaneous injection of 1 μg of fluorescently-labeled αCD21/35, αF4/80, and αCD169/footpad (Biolegend), 3 h before image acquisition. To label the blood vessel mice were injected intravenously with 70 kDa Rhodamin B isothiocyanate-Dextran or Fluorescein isothiocyanate-Dextran solution as described before (97).



Flow Cytometry

Neutrophil influx to the PLN was monitored using flow cytometry. PLN were collected, disrupted with tweezers, and digested for 10 min at 37°C in an enzyme mix composed of DNase I (0.28 mg/ml, Amresco), dispase (1 U/mL, Corning), and collagenase P (0.5 mg/mL, Roche) in calcium- and magnesium-free PBS (PBS-) followed by a stop solution composed of 2 mM EDTA (Sigma-Aldrich) and 2% heat-inactivated filter-sterilized fetal calf serum (Thermo Fisher Scientific) in PBS- (Sigma-Aldrich). Fc receptors were blocked (αCD16/32, Biolegend) followed by surface staining and analyzed by flow cytometry on a LSRFortessaTM (BD Biosciences). Dead cells were excluded using ZombieAcqua fixable viability dye (Biolegend) and data were analyzed using FlowJo software (TriStar Inc).



Antibodies

In this study, cell suspension was isolated from harvested organs and immunostained with various combinations of the following fluorescence-conjugated antibodies: αB220 (RA3-6B2), αCD3 (17A2), αCD11b (M1/70), αCD69 (H1.2F3), αI-A/I-E (M5/114.15.2), αLy-6G (1A8), αCD21/CD35 (7E9), αF4/80 (BM8), αCD169 (3D6.112), αCD16/32 (90) (all from Biolegend).



Cytoplex Assay

The concentration of various cytokines and chemokine in the lymph was determined by LEGENDPlex assays (Mouse Proinflammatory Chemokine Panel and Mouse Inflammation Panel; Biolegend) according to manufacturer's instructions. Briefly, popliteal PLNs were collected and carefully disrupted in 75 μL ice-cold phosphate buffer, minimizing cell rupture. The suspension was centrifuged at 1,500 rpm for 5 min, and the supernatant was collected. Twenty-five microliter supernatant was used for the protocol following the manufacturer instructions. Samples were analyzed by flow cytometry on an LSRFortessa (BD Biosciences), and data were analyzed using LEGENDPlex software (BioLegend).



Immunohistology and Microscopy

Mice were euthanized, PLN harvested and fixed in 4% PFA at 4°C for 4–6 h. Organs were embedded in 4% low gelling agarose (Sigma-Aldrich) and 50 μm sections were cut with Leica VT1200S vibratome (Leica Microsystems), blocked with proper sera and stained with the indicated antibodies in 0.05% Tween-20 in 0.5% BSA PBS- for two days at 4°C shaking. More details are reported in the antibodies section. Immunofluorescence confocal microscopy was performed using a Leica TCS SP5 confocal microscope (Leica Microsystems). Micrographs were acquired in sequential scans and merged to obtain a multicolor image. Images were processed using Imaris software (Bitplane AG).



Electron Microscopy

PLN were collected and fixed in 2% formaldehyde 2.5% glutaraldehyde in 0.1 M sodium cacodylate buffer (pH 7.4) overnight at 4°C. LN were washed in 0.05 M maleate buffer (pH 5.15) and stained for 2 h in 1% uranyl acetate in maleate buffer. The samples were dehydrated by incubation for 15 min in ethanol water (60, 90, 100%) and embedded in Epon.



Intravital Two-Photon Microscopy

Deep tissue imaging was performed on a customized up-right two-photon platform (TrimScope, LaVision BioTec). Two-photon probe excitation and tissue second-harmonic generation (SHG) were obtained with a set of two tunable Ti:sapphire lasers (Chamaleon Ultra I, Chamaleon Ultra II, Coherent) and an optical parametric oscillator that emits in the range of 1,010–1,340 nm (Chamaleon Compact OPO, Coherent), with output wavelength in the range of 690–1,080 nm.

Imaging was performed in the PLN as previously described (98).



Image Analysis and Data Processing

Cell detection, tracking and volumetric reconstruction from 4D 2P-IVM data were performed using Imaris (Oxford Instruments, v7.7.2). Raw data generated from Imaris were further processed and analyzed with a custom Matlab script.

Cell tracks were generated semi-automatically and curated to correct errors (i.e., jumps or non-detected cells). Tracks with a duration <5 points or 300 s were excluded from the analysis. Videos were stabilized using the drift correction functionality when needed, compensating for translational-drift only and by cropping the largest common area in the videos. Standard measures of cell motility were computed using Imaris. These include: Track duration (time interval between the first and the last time points in which a cell is tracked), Track Length (total length of the cell trajectory), Track Speed Mean (Track length/Track duration), Track Displacement (length of the vector from the first to the latest centroid position of the cell), Track Straightness (Track Displacement/Track Length), and Speed (instantaneous speed computed between adjacent time points).


Spectral Unmixing

An additional imaging channel, specific for the cells of interest was generated by classifying each pixel as foreground or background. This was achieved using the Coloc functionality of Imaris in combination with a custom supervised machine learning method for pixel classification implemented in Matlab as described by Pizzagalli and colleagues (99). This method trains a Supported Vector Machine (SVM) to classify pixels as background or background on the basis of examples provided by the user. A minimum of 20 and a maximum of 60 training points were provided for each video. To differentiate between background and foreground the following features were used: Local color, Gaussian-weighted average color in a neighborhood (sigma = 3, 7 μm).



Quantification of Cell Density in High Endothelial Venules (HEV) and Lymphatic Vessels (LV)

The density of neutrophils in a vessel presented in Figure 1 is defined as the ratio of the number of cells inside a vessel and the volume of the vessel itself. The density of neutrophils in HEV was computed at different time points inside a selected HEV which was visible for the entire duration of the acquisition (3 h). HEV were labeled by the i.v. injection of 70 kDa Rhodamine B isothiocyanate-Dextran. Cells inside the HEV were manually counted every 300 s. The volume of the HEV was estimated as the volume of a cylinder, by measuring the average diameter in the xy plane and the average height along z and the length of the vessel.

The density of neutrophils in LV at the injection site were computed in a LV visible for the entire duration of the acquisition (4 h). Draining LV were labeled by the subcutaneous injection of DiD-labeled virus and 70 kDa Rhodamine B isothiocyanate-Dextran. Cells were detected and counted automatically using the Spots function of Imaris. The volume of the LV was estimated via volumetric reconstruction using the Surfaces tool of Imaris.



Estimation of Distance of the Virus Particle With Respect to Cell Centroid

To confirm the internalization of the viral particles by neutrophils, the distance of the particles from the cell centroid was computed and compared to the cell radius. Cell radius was estimated via volumetric reconstruction of the cell surface and computed as the radius of a sphere having the same volume of the cell.



Pixel Velocity

The average velocity of pixels presented in Figure 6A was estimated via a custom Matlab script that computes optical flow as described in Karlsson and Bigun (60). Only the channel where the neutrophils were visible was used for optical flow estimation. To address the lack of texture of immune cells which leads to an aperture problem, Tikhonov regularization was used while computing the flow (Tikhonov constant = 40). Additionally, outliers were removed by Gaussian smoothing (sigma = 7) followed by the saturation of the bottom 1% and the top 1% of all pixel velocity values (set to the minimum and maximum values, respectively).




Action Recognition


Gating Strategy

We mapped a biological meaning (actions) to specific ranges of instantaneous motility measures. This allowed both to describe the dynamic behavior of neutrophils as a series of actions and provided a suggestion on the biological function of each neutrophil at different time points. However, the problem of identifying one action from a range of measures (gate) is an ill-posed problem which often arises when characterizing a complex biological system from experimental data (100). Indeed, not all the possible actions are known and several actions might exhibit similar motility measures leading to an undetermined solution. To solve this issue, we defined gating thresholds that minimize the overlap between distinct actions and we selected one action out of the multiple possible solutions, based on an arbitrary priority order. Although the gates used to detect actions are subjected to the bias of the investigator, these can be easily adapted according to the experimental settings and based on a priori knowledge.



Software Implementation

A custom Matlab script (Supplementary Data File 1) was used to automatically compute instantaneous motility measures and detect actions.

This script decomposes each track into track fragments (tracklets) with a fixed duration of 500 s (approximated to 17 time points with a sampling interval of 30 s). From a track with total duration Td ≥ 17 time points, K = (Td – 17) + 1 tracklets were extracted by a sliding window. For the analysis of neutrophils actions in homeostatic conditions and due to the high speed of cells flowing in large blood vessels, the time window was reduced to five time points and the sampling interval of the microscope decreased to 20 s.

Then, the script computes the following measures on each tracklet. Displacement: distance between the initial and the final points of the tracks. Speed: track length/track duration. Straightness: displacement/track length.

Arrest coefficient is typically defined as the percentage of time in which a cell moves below a certain speed threshold. However, being the tracklets of short duration this results in a limited number of admissible percentages. Additionally, a sharp threshold may introduce artifacts. Therefore, we computed arrest coefficient by using a sigmoidal thresholding function defined as follows.

[image: image]

where τ = 2 μm/min is a speed threshold and ac0 = k – (k/e1−τ) is the arrest coefficient of a cell having a constant speed of 0 μm/min.

Based on the aforementioned parameters, each tracklet was associated with one of the following actions:

“Arrested”: Cell which does not move (i.e. interacting/adhering/death), exhibiting low speed, low directionality, low displacement, and high arrest coefficient.

“Patrolling”: Cell which moves, covering a large area of tissue, with medium speed and directionality.

“Directed”: Cell which moves toward a target exhibiting high speed and directionality (high displacement and low arrest coefficient).

“Flowing”: Cell which flows inside the capillaries of blood vessels in the LN. A flowing cell exhibits extremely high speed and directionality.

Tracklet-to-action association was implemented by means of fixed thresholds corresponding to different gates defined in Table 1.


Table 1. Gating thresholds.

[image: Table 1]

The detection of cells involved in a swarm (swarming) was achieved via a volumetric reconstruction. For the videos in Figure 4 with adoptively transferred CK6/ECFP neutrophils, swarms were considered as surfaces with a minimum volume of 2*103 μm3.

The number of cells in a swarm was estimated by dividing the swarm volume by the volume of a single cell (assumed to 1*103 μm3 without spaces between cells).




Swarm Quantification

To quantify the size and the growth rate of swarms we defined both a cell density and an overall directionality criteria. More precisely, we detected swarms in regions where cells accumulated and where most trajectories pointed to. The “surfaces” functionality of Imaris was used to reconstruct the volume of swarms, selecting the marching cube algorithm with either a user-defined brightness threshold in low-magnification videos–Figure 6C or by manually defining a region of interest around the swarm in high magnification videos–Figure 6I. Neutrophils involved in the swarm were manually tracked until the end of the videos or when they merged to emerging swarms.



Statistics

Results were expressed as mean ± standard deviation (SD). All statistical analyses were performed in Prism8 (Graphpad Software, La Jolla, USA). Means among two groups were compared with two-tailed t-test. Means among three or more groups were compared with one-way ANOVA with Dunn's multiple comparison post-test.



SOFTWARE AVAILABILITY AND USAGE

The source code of the program to quantify the actions of immune cells from their tracks, is provided in Supplementary Data File 1. This program requires the tracks of the cells to be exported from Imaris to an Excel file. After this has been done, it is possible to open the program in Matlab, enter the location of the Excel file, and executing the program. The plots counting the actions will be automatically created.

To facilitate this process, and to avoid the requirement of Matlab, the software will be further distributed as an open source plug-in for common imaging software at https://www.ltdb.info/tool and https://github.com/IRB-LTDB/.
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Supplementary Movie 1. Recruitment of neutrophils from blood vessels. 4D 2P-IVM video acquired in the LN showing LysM-GFP neutrophils (green) recruited via blood vessels (labeled with i.v. injection of Rhodamin B isothiocyanate-Dextran–red, dashed line). Arrow indicates a hotspot where neutrophils accumulate during extravasation.

Supplementary Movie 2. Recruitment of neutrophils from lymphatic vessels. 4D 2P-IVM video acquired in the site of injection, showing LysM-GFP neutrophils (green) recruited via lymphatic vessels (red) that draining to lymph node. UV-PR8 is labeled in FR (white) and collagen fibers are visible by second harmonic generation (SHG, blue).

Supplementary Movie 3. Neutrophils phagocytize influenza virus particles. 4D 2P-IVM video acquired in the LN showing an interaction between LysM-GFP neutrophils (green) and viral aggregates (UV-PR8-DiO, red). Lines indicate the tracks of neutrophils and viral aggregates, respectively.

Supplementary Movie 4. Migration of neutrophils in the LN at 30, 75, and 135 min post-vaccination. Neutrophils (light-blue) adoptively transferred from a CK6/ECFP animal, migrate in the lymph node exhibiting different motility patterns over time. The vascular network is labeled via i.v. injection of Fluorescein isothiocyanate-Dextran (green), macrophages are labeled via CD169-PE antibody (red) while the collagen scaffold is visible via Second Harmonic Generation (SHG, blue).

Supplementary Movie 5. Neutrophil migration in different areas of the LN. 4D 2P-IVM video acquired using a low magnification (10x) showing the migration of LysM-GFP neutrophils (green) in the different areas of the LN. Collagen scaffold is visible via Second Harmonic Generation (SHG, blue).

Supplementary Movie 6. Swarm formation after vaccination. 4D 2P-IVM video showing the formation of multiple LysM-GFP neutrophils swarms (green) in the SCS in close proximity to CD169-AF647 macrophages (white). Blood vessels are labeled via i.v. dextran injection (red) and the LN scaffold is visible via Second Harmonic Generation (SHG, blue).

Supplementary Movie 7. Swarm formation associated with dying macrophages. 4D 2P-IVM video showing swarm formation after vaccination. CFP-expressing neutrophils (light-blue) are adoptive transfer into CD11c-YFP (green) animal prior vaccine injection. UV-PR8 is labeled with DiD labeling dye (red). Dashed line indicates the subcapsular sinus area and arrows indicate recruited neutrophils.

Supplementary Movie 8. Neutrophil migration in homeostasis. Neutrophils (light-blue) adoptively transferred from a CK6/ECFP animal flow within the blood vessels of the lymph node. Vascular network (labeled via i.v. injection of Fluorescein isothiocyanate-Dextran (green), macrophages are labeled via CD169-PE antibody (red) while the collagen scaffold is visible via Second Harmonic Generation (SHG, blue).

Supplementary Figure 1. (A) Scanning electron micrograph showing an association between neutrophils (n) and HEV at 2 h post vaccination (p.v.). The lumen of the blood vessel is marked in red. (B) Flow cytometric analysis showing the recruitment of neutrophils (Ly6G+ CD11b+) at 12 h p.v. Percentages of CD44+ (C), CD62L (D) and CD49d+ (E) cells out of all neutrophils at 12 h p.v. compared with non-vaccinated controls. (F) Absolute numbers of CD169+ cells in the lymph node of DT treated CD169-DTR mice (left) and representative density dot plot showing the gating for CD169+CD11c intlow macrophage population (right). Quantification of CD169+ macrophages in CCR2KO (G) and IFNARKO mice (H). (I) Total number of CD169+F4/80+ medullary macrophages in IFNARKO mice. (J) Schematic drawing (left) of an electron micrograph (right) showing neutrophils in the SCS phagocytizing UV-inactivated influenza virus at 2 h p.v.

Supplementary Figure 2. (A) 2P-IVM micrograph showing the vascular structure of the popliteal lymph node and the tracks of neutrophils (white lines) prior to vaccination. Only neutrophils visible for at least 100 s and migrating within the lymph node are tracked. (B,C) Actions performed by the tracked neutrophils corresponding to distinct motility values shown in (B) mainly associated to flowing (C).
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Although mortality rates from cardiovascular disease in the developed world are falling, the prevalence of cardiovascular disease (CVD) is not. Each year, the number of people either being diagnosed as suffering with CVD or undergoing a surgical procedure related to it, such as percutaneous coronary intervention, continues to increase. In order to ensure that we can effectively manage these diseases in the future, it is critical that we fully understand their basic physiology and their underlying causative factors. Over recent years, the important role of the cardiac microcirculation in both acute and chronic disorders of the heart has become clear. The recruitment of inflammatory cells into the cardiac microcirculation and their subsequent activation may contribute significantly to tissue damage, adverse remodeling, and poor outcomes during recovery. However, our basic understanding of the cardiac microcirculation is hampered by an historic inability to image the microvessels of the beating heart—something we have been able to achieve in other organs for over 100 years. This stems from a couple of clear and obvious difficulties related to imaging the heart—firstly, it has significant inherent contractile motion and is affected considerably by the movement of lungs. Secondly, it is located in an anatomically challenging position for microscopy. However, recent microscopic and technological developments have allowed us to overcome some of these challenges and to begin to answer some of the basic outstanding questions in cardiac microvascular physiology, particularly in relation to inflammatory cell recruitment. In this review, we will discuss some of the historic work that took place in the latter part of last century toward cardiac intravital, before moving onto the advanced work that has been performed since. This work, which has utilized technology such as spinning-disk confocal and multiphoton microscopy, has—along with some significant advancements in algorithms and software—unlocked our ability to image the “business end” of the cardiac vascular tree. This review will provide an overview of these techniques, as well as some practical pointers toward software and other tools that may be useful for other researchers who are considering utilizing this technique themselves.
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HEART DISEASE AND INFLAMMATION

In the United Kingdom, more than a quarter of all deaths are attributable to cardiovascular disease (CVD) and around 7.4 million people currently live with a heart or circulatory disease (1). While mortality is decreasing in developed countries, the number of people who are living with cardiovascular conditions is increasing; the number of patients in the UK who underwent percutaneous coronary interventions (PCI) in 2013 was seven times the number two decades earlier (2). Although there has been significant progress in the reduction of mortality rates from CVD, it is still the cause of death for almost 170,000 people every year– accounting for almost 28% of all mortality in the UK (3). In order to fully ensure that we can treat this disease properly in the next decade, it is critical that we fully understand the mechanisms that underlie this condition.

One of the key players in both acute and chronic heart conditions is inflammation. The role of inflammation in heart disease has become clearer in recent years. For many years, heart disease was considered to be a problem of hemodynamics, resulting simply from blockage or narrowing of blood vessels (4). It subsequently became apparent that a haemodynamic theory alone could not explain the manner in which heart failure (HF) progressed. This led those in the field at the time to suggest additional underlying mechanisms contributing to the development of HF. The “cytokine hypothesis,” proposed in the early 1990s, suggested that it was in fact the release of cytokines during heart disease that drove the progression and pathology of this disorder (5). Since then, and particularly over the last 10 years, we have become increasingly aware of the importance of inflammation and the role leukocytes play in the progression of heart disease. Whether inflammation causes heart disease or vice-versa is a hotly debated topic, and probably varies on a patient-by-patient basis. Although circulating pro-inflammatory cytokine levels are raised in patients with HF and positively correlate with disease severity (6), this does not necessarily indicate that the inflammation is the predominant causative factor. Much of our understanding of the role of inflammation in heart disease is derived from animal models. For instance, animals over expressing TNFα have high levels of inflammatory infiltrate in their hearts and develop dilated cardiomyopathy; these mice have an exceptionally high mortality rate (~25% at 6 months) (7). Interleukin-23p19−/− mice, who have an interleukin-23 deficiency (a cytokine important in the differentiation of CD4+ cells), show significantly increased inflammation, impaired scar formation, and adverse remodeling after MI (8). Consistent with this, using anti-inflammatory approaches has been shown to be beneficial in animal models of heart disease; administration of a TNFα antagonist attenuates the development of myocardial inflammation, fibrosis, and subsequent cell death in a model of streptozotocin-induced diabetic cardiomyopathy (9).

Exposure of cardiac endothelial cells to pro-inflammatory cytokines leads to the upregulation of adhesion molecules (10), which in turn, leads to the recruitment of inflammatory effector cells. These effector cells, which include neutrophils, monocytes, macrophages, and lymphocytes, can induce apoptotic, and phenotypic changes in cardiac endothelial cells via the release of cytokines, reactive oxygen species, or the engagement of counter-ligands on the endothelial cell surface (4). Endothelial cell phenotypic changes in this manner are not trivial—TGF-β and Ang-II can induce an endothelial-to-mesenchymal transition, shifting endothelial cells toward a fibroblast phenotype and leading to the development of cardiac fibrosis (11). It is clear, however, that some degree of inflammatory cell infiltrate is required for normal repair functions to take place following an ischaemic event or during the development of a chronic cardiac pathophysiological disease state (12). It is widely accepted and understood that inflammatory cells are often required for the resolution and repair of injured tissues. Indeed, that is also the case with the heart—for instance, monocytes/macrophages are essential for normal physiological healing of the heart following MI (13). However, what is important from a therapeutic point of view is that we are able to ensure that the inflammatory response to an insult is appropriately measured and does not overwhelm the local tissue environment. In particular, the main goal is to protect the local microvascular environment as it is within the microcirculation where the inflammation that is causative for HF is thought to predominantly occur (14).



THE IMPORTANCE OF THE CORONARY MICROCIRCULATION—THE “BUSINESS END” OF THE VASCULAR TREE

The potential role of the coronary microcirculation in pathologies of the heart has been known for some time. In 1967, Likoff et al. described a set of 15 patients who they considered to have coronary heart disease, but with patent coronary arteries (15). With remarkable foresight, Likoff et al. suggested that the coronary syndrome exhibited in these patients resulted from “abnormalities in the microcirculation” and that “an oxygen-diffusion impairment … at these levels could be responsible for the symptoms and signs of apparent myocardial ischemia” (15). Over the subsequent 50 years, our understanding of the importance of the microvasculature in coronary pathophysiology has improved significantly and we are now acutely aware of the importance of coronary microvascular dysfunction (CMVD). In 2013, CMVD was implicated as a primary causative factor for heart failure with preserved ejection fraction (HFpEF), shifting the causative emphasis away from left ventricular afterload excess (14). This suggestion is consistent with the idea that smaller vascular components are critical in determining the vascular resistance of the heart; ~55% of the total vascular resistance in the heart originates in cardiac microvessels (16).

Understanding how the microvessels of the heart operate in health and disease is critical. The heart is supplied by two major coronary arteries—the left and right—which both originate from the early part of the ascending aorta. These arteries branch into smaller vessels which supply distinct anatomical regions of the heart. This branching initially occurs at the epicardium, before continuing into the myocardium where the vessels begin to form a tree-like network (17). Finally, in contrast with a number of other tissue beds, these vessels develop into a non-tree like network with hairpin loops, T-, Y-, and H-shaped junctions (18). Interestingly, as a result of these connections, capillaries which are directly adjacent to each other may have completely opposite and counter-current flow profiles (19). Our understanding of microvascular perfusion in the cardiac microvasculature is further complicated by the contractile activity of the heart. Intramyocardial microvessels are subject to rhythmic compression during systole (20) with diameters decreasing by up to 20% (21). Furthermore, blood which enters the coronary arterioles during diastole can be squeezed out during systole, in some cases generating retrograde flow (22). Although one would assume similar physical forces to be applicable in the capillaries, the extent to which retrograde flow occurs in the terminal end of the microcirculation is currently unclear. This highly contorted structural design, in conjunction with the complexities of contraction-dependent retrograde and counter-current flow, makes in vitro or in silico modeling of the coronary microvasculature challenging. The ability to image the coronary microvasculature in situ is a critical step in helping us to understand the nature of pathophysiology that occurs in this bed.

Unfortunately, research investigation of the microcirculation in patients is difficult. Techniques such as positron emission tomography (PET) have allowed the identification of some cardiac specific haemodynamic parameters, such as myocardial blood flow (MBF; mL/min/g) and coronary flow reserve (CFR; MBF near maximal coronary vasodilation to basal MBF) (23). Single photon emission computed tomography (SPECT), magnetic resonance imaging (MRI), and ultrasound offer some structural information, but often without sufficient resolution to identify “true” microvasculature (24). While these are useful surrogate markers for coronary vascular dynamics, none of them are—in practical terms—suitable for clinicals or researchers to directly visualize the coronary microcirculation in patients (25). Compounding this situation, imaging the coronary microcirculation in vivo has also been considered, at least for the vast majority of the last 50 years, particularly challenging. This has led to some researchers referring to the cardiac microcirculation as a research “black box” (25). Not only is the heart in an anatomically challenging location in respect of imaging, the physiological motion inherent to the organ makes identification of the microvasculature difficult. Recent work has identified the size of the challenge facing scientists in regard cardiac motion. Of all of the major organs used for intravital microscopy, the heart has one of the highest maximal displacements under normal physiological conditions (up to 19.9 mm/s) (26); worse still, this displacement more than doubles when animals are on ventilation (47.8 mm/s) (26), an essential component during surgery for intravital imaging of the heart. As a result of this movement, without stabilization techniques, resolution at a single cell level is impossible—something which intravitalists have been able to achieve in other vascular beds for over a hundred years (27). This has led to the of significant deficits in our knowledge related to the coronary microcirculation and how this relates to cardiac diseases and pathophysiology (25). While many other tissue beds are readily available for intravital microscopy (28–33), the unique nature of the coronary microcirculation limits our ability to use these organs as surrogates for the study of this important vascular network.



IMAGING THE CORONARY MICROCIRCULATION—THE EARLY STUDIES

Experimental imaging studies of the microcirculation began to gather pace during the mid-to-late part of the 1900s. These studies could be categorized into three main categories: (1) those aimed at identifying the layout of the coronary microvascular network under normal physiological conditions and under conditions of hypoxia; (2) those examining the effect of cardiac contraction on the coronary microcirculation; and (3) studies seeking to understand the effects of myocardial ischemia reperfusion injury on the coronary microcirculation. In perhaps the first feasible example of cardiac intravital, Martini and Honig (34) performed microscopy on the beating heart of ventilated rats. In this preparation, the heart was exposed via an incision in the chest wall, covered with a glass slip, and illuminated via a point-strobe light driven into a ring condenser. While this model generated useable images, it did not control for movement. So poor was movement control, that the authors required “~100–150 feet of film to provide 30–50 focused frames” (34).

Subsequent studies began to address this issue of stabilization. These studies all generally shared the same technical setup which was indicative of the time—images were captured using camera-based systems, with the tissue illuminated either by either epi- or trans-illumination. All of these preparations (and indeed, their modern counterparts) had to deal with two main physiological processes which induce movement—cardiac contraction and pulmonary inflation. In one of the first imaging studies of the beating canine heart, Tillmanns et al. used a number of adaptations to overcome the inherent difficulties with imaging the beating organ (35). Firstly, the authors considered epi-illumination—while easy to achieve—to be inefficient. As the ventricular wall is too thick for transillumination, light needed to be transmitted toward the microscope objective from a point within the heart muscle. This method of transillumination was achieved using what, even some 45 years later, might still be considered an elegant approach. Tillmanns et al. used a 20G needle, engineered to contain a quartz rod (which is conducive to light) with a mirrored end, with the terminal end modified to reflect light at 45°. Insertion of this under the superficial layer of the myocardium would lead to the transmission of light upwards and through the ventricular wall, making capture by light microscopy viable (35). In addition, to ensure that the microscope remained in focus with the surface of the beating heart, Tillmanns et al. designed what they termed a “focus keeper”—a floating, counterbalanced system that allowed the microscope objective to move in vertical synchronicity with the beating heart. This ensured that the objective always retained an identical z-distance from the tissue surface regardless of the movement of the heart itself. While controlling for movement in the XZ plane, it should be noted that this mechanism did not specifically include mechanisms that compensated for lateral movement; rather, the application of the device with some downward force was expected to hold the heart in its lateral position (35). This group went on to further validate this method, publishing evidence of vascular patency and perfusion dynamics through imaging of the administration of FITC-conjugated dextran (19).

Following on from these initial studies, intravital microscopy of the heart continued to develop, with particular focus around the development of methods to improve tissue stability and resultant image quality. Originally, Nellis et al. attempted to mechanically (and relatively aggressively) fix a segment of the beating heart around a specific point, allowing them to image this area free from movement artifacts (36). However, they quickly found that aggressive mechanical fixation significantly impeded microvascular perfusion (36). Consequently, they slightly adapted their existing method to be more conservative in its approach to constraint. In this study, the authors designed two imaging techniques for the beating rabbit heart; (1) a free-motion imaging technique, where transillumination came from a light source underneath the tissue surface (thus, inside the ventricle) but with no mechanism to constrain the imaging site with relation to the light; (2) a fixed-position imaging technique, where the trans/epi-illumination also included a means for holding the tissue in positional synchronicity with the light source (37). In addition, the authors were one of the first groups to utilize electrocardiographic (ECG) gating to help minimize motion artifacts. However, rather than being used to trigger imaging, the ECG was linked to a stroboscopic light source. Using the QRS complex as a reference point, Nellis and colleagues were able to trigger rapid and short-lived (15–25 μs) illumination at the same point in the cardiac cycle (38). While the heart is moving relatively free at all times, only illuminating the surface at a particular point in the cardiac cycle gives a perception of stillness. Furthermore, slightly staggering the triggering delay from the QRS complex allowed the authors to give an impression of the heart moving in slow motion.

Pulmonary inflation proved a much more challenging issue to deal with; while the heart could be either physically constrained or movement compensated for, preventing the lungs from inflating is clearly an exceptionally difficult task in the context of most surgical setups. After many years, (39) identified high-frequency jet ventilation (HFJV) as a potential technique which could be used to mitigate some of this movement. HFJV is a relatively non-conventional mechanism of ventilation which is thought to be favorable in cohorts who are at risk of chronic lung injury (40). It maintains effective gas exchange, yet effectively reduces respiratory motion to almost nil, by working at very small tidal volumes and high respiratory rates (41). By applying this methodology to cardiac intravital imaging, the authors were able to ventilate the lungs, but with minimal physical displacement of the heart due to pulmonary movement. Cardiac displacement was further dampened by the positioning of 22G needles entering at the interventricular groove and exiting from the left ventricle (39) and tissue movement negated by the use of stroboscopic illumination. In a further technological advance, the authors designed a semi-automated electromagnetically controlled micromanipulator—termed the “Wobbler.” This device could be registered manually with the location of the vasculature of interest at various points during the cardiac cycle. Once this information was known, an attached computer was able to move the micromanipulation arm in synchronicity with the vessel of interest. Using these techniques, the authors identified that around 75% of the total vascular resistance in the heart resides in vessels beneath 200 μm (39). Subsequent work from this group has used the same technique to successfully measure cardiac microvascular dynamics in response to α1- and α2-adrenergic stimulation (42) and the role of nitric oxide in the response to adenosine (43).



IN VITRO IMAGING OF THE HEART—THINKING OUTSIDE THE BOX

While the above approaches were relatively successful in achieving their goal of tissue stabilization, it is fair to say that they were not easily accessible to all laboratories. The development of the tools described were often complex and not always applicable across all use cases. In these situations, many users turned to the Langendorff heart, or isolated perfused heart, as a potential means for cardiac tissue imaging but with the ability to more easily control some of the movement aspects of the tissue.

The Langendorff model was first conceptualized by Langendorff (44), and since then has become a mainstay of the cardiovascular research community. However, unlike many other techniques which have their origins based in long history, the basic methodology for the Langendorff model remains largely unchanged since its original inception. For a more detailed and comprehensive description of the technique, the authors are directed to an excellent review covering this topic (45). However, to summarize—the heart is removed via careful dissection and the aorta is cannulated for the (retrograde) administration of a perfusion buffer. Administering this buffer against the normal physiological direction of flow closes the aortic valve and forces fluid to flow via the left and right main coronary arteries and into the resulting microvasculature. While the Langendorff model has some obvious disadvantages, there are some key advantages to consider: the model is straightforward, low cost, reproducible, and allows for the study of the heart in isolation.

In almost all use cases of the Langendorff model, the heart is perfused with Krebs-Henseleit buffer (KHB) (45). This buffer primarily relies on glucose as the primary metabolic substrate for the working heart. While this is sufficient to cover the energy needs of the tissue, perfusion with KHB (or other physiological buffers) does significantly limit the use of the Langendorff preparation for in vitro modeling of leukocyte trafficking using microscopic techniques. It should be noted that the Langendorff heart can be perfused with blood and interestingly, a number of studies have shown that doing this does significantly improve the function of the heart in this model (46–48). In smaller animals, the volumes of blood required for constant perfusion of this model may be prohibitive; perfusing one murine heart would require blood from many donors (49). In addition, blood from larger species is often unsuitable as their relatively larger erythrocytes are less able to traverse murine capillaries (49). There are also potential questions about the validity of using these models for immune cell trafficking; studies have shown that blood collection in itself can result in leukocyte activation in the resulting isolate (50). In addition, oxygenation of isolated blood (a critical requirement) can often lead to cellular damage due to the formation of foam (51). Unfortunately, the relative expense and complication of using blood vs. KHB has meant that most researchers—unless they specifically require blood supplementation—favor KHB or other physiological buffers over perfusion with haematopoietic components. Some more complex options exist in order to facilitate blood perfusion (for example, parabiotic models); the reader is directed to other reviews where this is considered in more detail (49).

Very few studies have used the ex vivo perfused heart for imaging immune cell trafficking. It should be noted that it is not the case that there are a lack of ex vivo perfused heart models in which immune cells are administered; there are such models—but rather that these models do not undergo live imaging, instead relying on immunostaining or scanning electron microscopy methods on cut sections (52–54). Kuppat et al. used widefield fluorescence imaging, at the terminal end of their experiment and after the inducement of cardioplegia, to identify neutrophil trafficking in the microvasculature. Administration of labeled neutrophils and FITC-dextran (for vascular contrast) into the perfused ex vivo heart has been used to examine the role of angiotensin I converting enzyme (ACE) and nitric oxide in the attenuation of inflammation post ischemia-reperfusion injury (55). Neutrophil recruitment was markedly enhanced in guinea pig hearts following ischemia-reperfusion (IR) injury, a phenomena which could be reduced by administration of cilazaprilat (an ACE inhibitor) or enhanced by treatment with nitro-L-arginine (NOLAG) (55). The authors were also able to demonstrate some capillary plugging in this model—a phenomena where excessive leukocyte recruitment results in the blockage of capillaries and an ultimate failure of perfusion; often, when this occurs following IR injury, this is termed “no-reflow” (56).

Given the potential benefits of the Langendorff system, it remains surprising that to date this model has not been readily used to dynamically monitor the mechanisms of cellular trafficking in the perfused heart. What makes this perhaps more surprising is that the Langendorff model has been used extensively for imaging of the heart but outside of the context of immune cell trafficking. There are many examples of the model being used for other investigations, such as: imaging of sarcomere length during cardiac mechanics (57, 58); calcium handling and the identification of various types of calcium waves during health and disease (59–62); and the assessment of mitochondrial function using dyes which are sensitive to mitochondrial membrane potential (ΔΨm) (63). Much of this imaging is actually performed live and used to generate image data for quantitative analysis; as such, the tools are readily available in most labs to adapt this model to examine cellular trafficking. Indeed, a combinatorial approach (for instance, imaging calcium transients alongside cellular recruitment) may help to yield more detailed information about the molecular events that occur in the context of immune cell recruitment. Given many labs will have access to heart tissue that is not suitable for intravital imaging but may be accessible for later ex vivo imaging, it may be worth considering the Langendorff model as a potential tool for investigating mechanisms of cell recruitment.

Other imaging models exist beyond than the Langendorff system, albeit somewhat less complex. For some experimental purposes, groups have found that imaging cardiac explants without any flow or contractile activity may provide some useful information about inflammatory processes. As a small part of a larger intravital study, Li et al. used cardiac explants to examine the behavior of neutrophils following IR injury (64). Hearts were isolated from LysM-GFP mice, in which neutrophils could be readily identified by their GFPhi phenotype (64). Using two-photon microscopy, few neutrophils were identified in mice without IR injury; however, following IR injury, significantly increased numbers of neutrophils could be observed in the microvasculature. More importantly, even in the absence of any flow, these neutrophils could be observed crawling and transmigrating through the vessel wall into the tissue parenchyma (64). As an important methodological note, the authors were able to image the explanted heart for at least 6 h post reperfusion, likely due to the low phototoxicity and bleaching that is inherent with two-photon microscopy. However, the lack of flow and contraction in this model limits its translation to the whole organ.



CONFOCAL AND MULTIPHOTON INTRAVITAL IMAGING OF THE BEATING HEART—SEEING THINGS DIFFERENTLY

Cardiac intravital imaging advanced significantly with the introduction and uptake of more advanced imaging techniques such as laser scanning (raster scanning) confocal imaging, spinning disk confocal imaging, and multiphoton imaging. As understanding these techniques is key to garnering a full appreciation of how these new technologies have helped cardiac intravital reach the next level, we shall briefly touch on them from a technical stand point in this review an overview of the advantages and disadvantages of the methods discussed in this section is shown in Table 1. Should readers want further technical information about these techniques, there are excellent reviews to which one should refer (65–67). Examples of the types of images generated from cardiac intravital microscopy using these techniques are provided (Figure 1).


Table 1. Summary of the various options for cardiac intravital imaging.
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FIGURE 1. Typical imaging results from cardiac intravital microscopy. As the technique has developed, so has the variety of parameters that can be assessed from cardiac intravital imaging. (A) Using fluorescently labeled antibodies, the recruitment of leukocytes (green, anti-Gr-1) and platelets (red, anti-CD41) to injured heart can be monitored. Importantly, particularly in models of acute inflammation where understanding of the chronology of cell recruitment is crucial, imaging can be taken from the same area over a period of time. Cell recruitment can be counted by simple identification, while thrombus formation can be analyzed by masking upon positive signal. Figures adapted from published figure (70) (scale bar: 100 μm). (B) Perfusion of the mouse with a vascular contrast agent allows researchers to identify viable areas of tissue perfusion and permits the calculation of functional capillary density. During IR injury, for example, there is a clear reduction in the amount of patent microvessels compared to an animal undergoing sham surgery. Areas of “no-reflow” are shown with white arrows. Figures adapted from published figure (68) (scale bar: 100 μm). (C) Using a combination of vascular contrast agents and cellular staining, cell trafficking in and out of vessels can be examined in depth. The range of fluorescent channels which can be examined is limited only by the availability of filters and dyes. In this example, GFP-labeled bone marrow cells can be seen in the heart, both inside and outside of the vascular space. Adapted from Lee et al. (69) (scale bar: 200 μm). (D) Advancements in stabilization (and synchronization) techniques have allowed for detailed physical measurements to be performed due to the near eradication of motion artifacts. For example, imaging the contraction of single cardiomyocytes is now possible using this technique. Adapted from published figure (70) (scale bars: 20 μm). (E) The use of genetically modified animal strains facilitates studies that examine trafficking without the need for antibody (or tracker)-based staining techniques. In this example, LysM-GFP positive neutrophils can been seen trafficking to the heart following IR injury (subpanel A), which can be inhibited by administration of a CXCL2 neutralizing antibody (subpanel B). Adapted from published figure (71) (scale bars: 50 μm).


During regular widefield fluorescence imaging, the tissue is illuminated by a block of excitation light as it is focused in toward the plane of interest. As a result, not only does the excitation light excite the target focal plane, but also excites other focal planes above and beneath the target. These planes generate emission light, but as they are not in the same focal plane as the detector, they impact negatively on the resulting image and generally reduces image quality. Confocal imaging introduces a pinhole which rejects light that is not in the same focal plane as the detector. This significantly improves the image quality by rejecting out-of-focus light, reducing blur and improving resolution. There are two main methods relevant to this review: laser scanning and spinning disk. Although both are forms of confocal imaging, they should be considered very distinct in their methodologies. In the case of laser scanning confocal, this imaging is performed in a point-scanning mode; the microscope system has a single raster scanning beam which moves across the tissue to generate the resulting image pixel-by-pixel based on the returned signal at each point. Once reaching the end of the image, the scan head can either return to the start position and begin again (one-way) or reverse its direction (round trip). It may be immediately obvious that in a moving tissue, point-scanning methods may not be suitable for image capture. For the entire image frame to be captured in the exact same physical space, the tissue would need to remain entirely still for the duration of each raster scan duration. This—at least in the case of the heart—is impossible without complete cardioplegia; even with the most aggressive stabilization techniques, the heart retains some degree of contraction within the confines of the imaging window. Spinning disk confocal avoids some of these problems by generating multiple beams which illuminate the tissue simultaneously. These multiple beams are generated by placing a spinning disk (which contains up to 20,000 pinholes) in the emission light path. This disk runs at up to 10,000 rpm and illuminates the entire sample with these generated beams. The use of a second disk, running in sync with the first provides the pinhole effect that is critical to confocal imaging and allows for the generation of confocal quality imaging, but without any loss of speed or image quality due to raster scanning methods. As a result, the raw (unprocessed) images derived from these techniques differ greatly (Figure 2). Raster scanning techniques tend to generate intravital imaging that has “tearing” artifacts, where imaging fields have intra-field artifacts due to movements during the travel of the scan head. On the other hand, spinning disk techniques tend to have inter-field artifacts, stemming from movements of the entire field between frames. In addition, in contrast to raster scanning techniques, field uniformity (identical stimulation at each pixel of the image) cannot be guaranteed. While this may be an issue for models that rely on pixel intensity (such as platelet recruitment), it can be mitigated by averaging frames across an imaging window (rather than analyzing still images). Spinning disk confocal is also prone to a phenomenon known as pinhole crosstalk. This results from out-of-plane/scattered emissions passing through an adjacent pinhole on the disk which is not in alignment with the pinhole the excitation light passed through (72). This effect leads to an increased background signal on spinning disk confocal microscopy when compared to laser scanning confocal. However, the speed advantages gained from employing spinning disk confocal has allowed some labs—including ours—to perform cardiac intravital without necessarily needing aggressive post-analysis image restoration techniques (68).
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FIGURE 2. Common artifacts observed during cardiac intravital in raster and spinning disc scanning modes. The type of motion artifacts observed during cardiac intravital are highly dependent on the nature of the scanning mode utilized to obtain the images. Raster scanning modes, which use a scan head to move across the tissue in a point-by-point fashion are subject to “tearing” artifacts, which result from the tissue moving while the scan head progresses across the tissue. This manifests in scanlines being positionally out-of-sync as the scan head moves in its secondary axis. In spinning disk mode, the scan head images the whole field of view during the imaging procedure. Thus, spinning disk imaging modes tend to cause whole-field image shifts.


Multiphoton imaging is a further and more powerful form of confocal imaging that delivers focally limited imaging but without the need for a pinhole. In contrast with other microscopy techniques which use continuous wave laser/light sources, multiphoton microscopy uses pulsed lasers to generate a stream of infrared photons. As infrared photons have less energy than their non-infrared counterparts, the near simultaneous (within 1 × 10−18 s) absorption of two photons at the same fluorophore is required for excitation (as the wavelengths used are infrared, excitation wavelengths used for fluorophores are longer than they would be using confocal microscopy). In addition, as the beam is focused through the microscope optics, the photons become more and more crowded in space—thus increasing the chance that two photons may simultaneously interact with a single fluorophore. The net result of this combination of factors is that there is a small volume downstream of the objective—the focal plane, in this case—where the probability of two photons meeting a fluorophore near-simultaneously is sufficiently high enough that excitation can occur. It is this physical phenomenon that results in the excitation of fluorophores only within the focal plane—there is no out of focus excitation and it is this which delivers confocality without the need for a pinhole. Similar to laser scanning confocal, multiphoton microscopy operates in a point-scanning mode, working across the tissue in a pixel-by-pixel fashion. Again, similar to laser-scanning confocal, multiphoton imaging is highly sensitive to movement and requires a mixture of physical stabilization, a degree of predictability in tissue movement (possibly including gating—discussed later), and post-acquisition image manipulation.

The first studies to effectively develop cardiac intravital using these imaging techniques to monitor immune cell trafficking in real-time were published at around the same time in 2012. The first of these studies, by Li et al. (64), used multiphoton microscopy to identify some of the basic characteristics of leukocyte trafficking within the heart, in real-time. This paper used two main approaches, combining elegant surgery, and an external stabilization device. For the first approach, the authors connected a donor heart into the circulation of a recipient mouse. To achieve heterotopic heart transplantation, they engrafted donor hearts into the right cervical region of recipient animals. In order to generate injury, some donor hearts had undergone cold (4°C) ischemia for 1 h prior to reconnection. To re-establish perfusion, the donor ascending aorta and pulmonary artery were connected to the recipient's right common carotid artery and right external jugular vein, respectively. Once successfully transplanted, the donor heart adopted a normal heartbeat in its ectopic position. In order to image this heart in position, the authors developed an imaging chamber consisting of a glass coverslip which was brought into contact with the heart using height-adjustment dials. The authors also applied a small ring of veterinary adhesive (cyanoacrylate based) in order to physically stabilize the heart against the chamber glass. By engrafting wild-type (WT) donor hearts onto either LysM-GFP mutant mice (whose neutrophils express high levels of GFP) or CX3CR1 GFP/GFP mutant mice (B6.129P-Cx3cr1tm1Litt/J; whose monocytes express GFP), the authors were able to image the trafficking of exogenous (non-resident) neutrophils and monocytes to the heart during reperfusion (Q-dots were used as a vascular contrast medium). Using this technique, the authors identified minimal neutrophil recruitment in post-capillary venules during IR injury, but rather localized most recruitment activity to the walls of the larger coronary veins where they identified intraluminal crawling and congregation. In addition, monocyte recruitment to the microvasculature was also identified, although congregation of monocytes was not identified in this model (65). Perhaps one of the most interesting capabilities of this model is the ability to graft donor hearts from mutant mice; allowing researchers to investigate cardiac-specific mechanisms in the context of otherwise normal systemic physiology. The authors capitalized on this, using donor hearts from ICAM-1 mutants (B6.129S4-Icam1tm1Jcgr/J); these mice do not express a functional form of ICAM-1 (73). Results from these hearts, alongside the use of Mac-1 blocking strategies, suggested a key role for Mac-1/ICAM-1 in intravascular crawling and transmigration of neutrophils. Subsequently, the authors adapted their original stabilization technique to stabilize the heart in its normal intrathoracic position. No neutrophil recruitment was noted in the absence of inflammation. Importantly, results from heart imaging in its normal position in situ correlated with the results obtained from heterotopic heart transplants. The authors noted that in this model, mice were able to tolerate this imaging procedure for at least three hours; this is important to note, as this preparation did not use pacing, or any special ventilation techniques (such as supplementation with medical air). The authors have subsequently used this imaging model in further sophisticated studies, including: the identification of a critical role for CCR2+ monocytes in driving neutrophil recruitment following ischemia (71) (imaging from this study is included in Figure 1E); showing evidence that tissue-resident macrophages promote or inhibit monocyte recruitment dependent on their CCR2 expression phenotype (74); and that ferroptosis (an iron-dependent form of cell death) is a key mediator of neutrophil recruitment in transplanted hearts through a TLR4/TRIF/Type I IFN signaling pathway (75).

Later in 2012, Lee et al. published (69) an alternative method for intravital imaging of the cardiac microcirculation, utilizing not only tissue stabilization but also cardiorespiratory gating. On the former point, the stabilization proposed by Lee and colleagues was significantly less intensive than in the work of Li et al. (64). The stabilizer in this study was essentially a small ring machined from stainless steel, with an outer and inner diameter of 3.6 and 2.2 mm, respectively. This ring had a small groove on the base, and was designed to be attached to the heart surface, using veterinary adhesive. The stabilizer was attached to an arm which itself was attached to a manipulator allowing it to be advanced or adjusted to the correct location on the surface of the heart. Due to the relatively small internal diameter of the ring, the initial design was specifically for use with “stick” objectives—extremely thin objective lenses that were designed to fit within the center of the machined ring (these objectives, manufactured by Olympus, are now hard to reasonably hard to obtain). The authors also published a modification that could be applied to the stabilizer that allowed for the use of standard diameter water-immersion lenses (in this study, the x20 XLUMPLANFL, which has a lens diameter of 5.2 mm at its base and 10.5 mm where it meets the base of the objective). These standard objectives still permitted the capture of high-quality multichannel imaging (an example from this method can be seen in Figure 1C). One of the useful aspects about using such a small stabilizer and the ability to manipulate the stabiliser's location, is that the heart can be positioned such that the only pressure the heart experiences is that of it contracting against the stabilizer. The authors suggest that this is “similar as the heart beating against the chest wall” (69). Although stabilization provided mechanical support to the beating heart, motion artifacts remained and physiological gating became necessary in order to circumvent these issues. This gating was designed to retain capture fields only during specific points of the cardiac and respiratory cycle. Initially, the authors had considered (and attempted) gating imaging on points in the cardiac cycle alone. However, the authors noted that gating on the cardiac cycle alone was insufficient as pulmonary movements were also significant contributors to the physical movement of the heart. In order to eliminate movement, the authors chose two points on both cycles in which to capture images. In the cardiac cycle, they chose a 15 ms window after the appearance of the P wave, as measured by electrocardiogram (ECG). In the pulmonary cycle, a window of 90 ms near the end of expiration was selected; as the animals were mechanically ventilated, the observers could be sure of the exact point in respiration at which imaging would be triggered. The net result was the generation of an optimal imaging window during which image data could be retained. Using this information, the group designed an algorithm which could, in real-time, rebuild images using only line scans obtained during the optimal imaging window. Rebuilding these, the authors were able to generate captures in real-time, devoid of motion artifacts. In the initial paper, this model was tested, perhaps unsurprisingly, by examination of leukocyte recruitment following cardiac ischaemia-reperfusion injury. The authors labeled endogenous leukocytes by administration of Rhodamine 6G and noted leukocyte rolling in cardiac capillaries. The descriptions of leukocyte trafficking in this study were relatively preliminary and minimal analysis was performed on the trafficking described. Subsequent work from the group explored the addition of cardiac pacing as a means to gate imaging more reliably (76). The authors also suggested that this should also to allow for imaging to be better gated prospectively. A number of years later, the same group published an extensive methods paper, describing the various techniques they had developed to date in detail and distributing the 3D STL files in order for research groups to be able to print the stabilizers for themselves using 3D printing techniques (70). It is worth noting that others have since designed glue-dependent stabilizers that are relatively similar in design (77); but it is probably the case that are only so many ways that one can design a stabilizer for cardiac imaging—as the technique becomes more widespread, we would posit that significant differences in the overall design of stabilizers are unlikely.

We have also recently published work using a glue-based stabilizer for cardiac intravital microscopy (68). Although we have used a stabilizer that is similar in design to those used elsewhere in the literature, we have not used cardiopulmonary data to gate our imaging. Rather, we have used a combination of spinning disk confocal imaging, minimal exposure times, and high sensitivity detection in order to allow us to capture as many frames as possible during any given amount of time. The net result is that we have enough frames from which we can disregard those which are afflicted by motion artifacts, and retain those that are sufficiently clear (we have written software to help us achieve this, which we will come onto later). Using this technique, we have been able to examine the role that stem cells play in the downregulation of inflammatory injury following ischaemia-reperfusion injury. We have shown previously that haematopoietic stem cells (HSCs), in addition to their normal physiological role, are able to play an active role in the reduction of an acute inflammatory injury (78). Indeed, HSCs express a number of receptors for pro-inflammatory cytokines, such as the TNF receptors TNFR1 and TNFR2 (78), so it is contemplable that they may possess the ability to respond to inflammatory cytokines. Using spinning disk confocal imaging, we sought to identify the acute time course of neutrophil and platelet recruitment following the onset of reperfusion injury; and secondly, whether the administration of HSCs is able to affect the onset of this inflammatory response. By utilizing endogenous antibody labeling, we identified that both neutrophil and platelet recruitment is enhanced rapidly during reperfusion (a representative example of this imaging can be seen in Figure 1A). Furthermore, the administration of HSCs significantly reduced neutrophil and platelet accumulation during reperfusion. At the end of each experiment, we administered a vascular contrast agent to identify viable perfused microcirculation; as we could do this in the same animals, this allowed us to obtain additional functional data while not increasing the number of animals required for each group. Using this technique, we identified that IR injury is characterized with clear areas of microvascular no-reflow, evidenced by portions of cardiac microcirculation which do not take vascular contrast agent upon administration (a representative example of this imaging can be seen in Figure 1B).

Not all published methods rely on glue to affix stabilizers to the heart. Rather than rely on VetBond and other tissue adhesives, some groups have turned to negative pressures (suction) in order to affix their stabilizer devices to the tissue surface. Before suction stabilization was adopted as a means for imaging the heart, it had been used extensively as a means for imaging the lungs (79–81). Vinegoni et al. were the first to describe a suction based device for intravital imaging of the cardiac microvasculature (82). The device is small, similar to that described in Lee et al. (69); the internal chamber of the stabilization device has a diameter of 2 mm, while the outer diameter is 4.5 mm. The outer chamber is a hollow ring, which is attached to a vacuum regulator. This regulator provides gentle suction to the device and maintains the connection between the stabilizer and the tissue surface. The small diameter of the internal chamber does mean, again, that the user is highly dependent on access to micro-lens (or “stick”) objectives. However, suction based techniques have a very clear advantage—it is much, much easier to remove a stabilizer that is being held on by suction than it is to remove one that is affixed to the heart with glue. As such, using suction-based stabilization techniques allow for the movement of the stabilizer unit to different parts of the heart and/or the possibility of recovery surgery in cardiac intravital imaging models. Again, in this study, the authors utilized cardiopulmonary gating in order to attempt to remove motion artifacts. Critically, the authors go to some lengths in this study to convince that the application of the suction stabilizer leaves no lasting effect on the cardiac tissue. As a result of application, the authors show no visible cardiac damage, no change to ECG traces, and no macro- or microvascular damage identified by Griffonia simplicifolia-I lectin administration (which labels endothelial cells) (82).

An elegant approach was devised by Jung et al. who created a small suction-assisted endoscope which could be advanced into the chest cavity and toward the heart with minimally invasive surgery (83). The aim of the endoscope was to transmit signal from the base of an imaging probe to the top, such that an objective lens could image the top of the probe as if it were imaging the surface of the heart. By attaching a number of rod lenses together, the authors were able to achieve this, generating a lens with a x1 magnification and a length of 20 mm. The bottom two-thirds of this lens was housed within a steel sleeve, and surrounded by an outer steel tube which acted as the suction tube. This suction tube was connected at its end to a rubber tube which provided the suction source (at a pressure of 50 mmHg), with the upper third of the imaging probe protruding through the suction tube. This entire construct is then held in place, and imaged through the tip of the imaging probe with a high-numerical aperture objective. Validation data with the technique showed that application of suction through the construct virtually eliminated all movement, while the flow rate of cells through the microcirculation was not perturbed even at negative pressures as high as 150 mmHg (83). Furthermore, tissue damage was only observed at extreme levels of suction (300 mmHg) and no local inflammation was noted in areas where the suction was applied. One interesting aspect of this technique is that the authors were able to reproducibly (and with no evidence of damage) move the endoscope around the heart in order to image an area wider than a single field of view. This “wide-area scan” mode allows for individual captures to be tiled in a mosaic fashion, generating fields much larger than the initial limited field of view. In the publication associated with this work, the authors—using individual 250 μm fields of view—were able to construct an interlaced high resolution image of 1.2 mm by 1.2 mm (83). The authors went on to examine the recruitment of CX3CR1+ monocytes and neutrophils to the post ischaemic heart using both longitudinal (0, 1, or 6/7 days) and acute imaging (0, 5, or 30 min). Neutrophil recruitment increased acutely, with significantly enhanced neutrophil recruitment observed within 30 min [we have seen an identical observation using spinning disk confocal (68)]. Interestingly, neutrophil recruitment returns to baseline at 7 days post reperfusion. On the other hand, monocyte recruitment increases much more rapidly in reperfusion and precedes neutrophil recruitment, with a significant increase in monocyte presence as early as 5 min post reperfusion. Furthermore, this increase continues at 30 min and persists up to 6 days post-reperfusion. The authors also noted an increase in the number of monocytes flowing through the heart during reperfusion, but with a significant decrease in rolling during this period.

More recently, others have developed alternative suction stabilization techniques that do not depend on “stick” objectives or rod lenses. Matsuura et al. (84) have developed a suction-based stabilizer for use on rats that has a small central hole. In a slightly higher plane than the base of this central hole is an outlet for suction. Up from this is a notch onto which a larger cover slip sits, allowing the formation of a fully closed pressurized system once negative pressure is applied via suction through the outlet. The rat is positioned underneath the central hole of this stabilizer, and either side of the animal, two arms which protrude from the central portion of the stabilizer lock into two locking nuts which are located on metal breadboard and tightened to (a) lower the stabilizer in the z-plane onto the tissue, and (b) lock the stabilizer in place. With the coverslip in place between the tissue and the objective, water immersion objectives can be used with relative ease. Using a mixture of alignment and image processing techniques, the authors were able to monitor the trafficking of leukocytes in subsequent image frames, with frame to frame captures allowing for the calculation of leukocyte velocity and displacement. The authors were also able to identify an increase in leukocyte recruitment as a result of ischemia-reperfusion injury, which was induced via the insertion and inflation of a PCI balloon into a loop placed around the left anterior descending coronary artery. The authors further stated that leukocyte blockage of capillaries occurred within 1 h of reperfusion (84), consistent with results we have seen in our work (68).



NOTHING ALIVE IS TRULY STILL—ACQUISITION DATA PROCESSING AND ADAPTIVE FOCUSING MECHANISMS FOR IMAGING THE HEART

While stabilization techniques are able to eradicate the vast majority of tissue movement, it is impossible (unless the tissue is rendered cardioplegic) to prevent all movement of stabilized cardiac tissue. This is because even within the central imaging window of a cardiac stabilizer, the myocardium will continue to contract, regardless of much gross movement is reduced. Therefore, further compensatory techniques are required to eliminate these movement artifacts from resulting data. At present there are two main mechanisms by which this can be achieved; either by the use of software processing, or adaptively focused optics. On the latter, a number of techniques now exist which are set up to allow microscope optics to move in line with tissue movement. One of the earliest iterations of this approach used a high-speed (~955fps) camera to detect movement of bright fluorescent particles in an imaging field, and subsequently moved the microscope objective accordingly to maintain these particles in the same initial location (85). This study was primarily for the movement of the objective in the x,y planes and not z. Additional work by the same authors later added the ability to also compensate for movement in the z plane, creating a system that could compensate for tissue movement in all three dimensions (86). Other solutions exist to help imaging setups mitigate against the movement of tissues in the axial plane. Spectral domain optical coherence tomography (OCT) has been used to rapidly measure the distance between a moving tissue and an imaging objective (87). When coupled with fast processing and piezoelectric control of objectives, this technique has been shown to be able to rapidly compensate for fast moving tissues in live animals.

Software processing is a much more accessible means for minimizing movement artifacts, from both a financial and a technical perspective. Software processing can be done either prospectively or retrospectively. Prospective image processing involves using information from the preparation and/or model to manipulate image capture in order to capture image frames that do not suffer from movement artifacts. In retrospective image processing, the image data is handled after it has been captured. In some cases, the data may be captured with a range of ancillary data such as ECG and respiratory cycles, while in others, image data may be captured alone and processed without the support of additional data sets. Image processing based on physiological parameters normally relies on either cardiac ECG gating, pulmonary gating, or a mixture of both. Such techniques aren't particularly new. In as far back as 1981, researchers were using the peak of the QRS complex as a timing reference for the triggering of an external stroboscopic light source (37). Although this is not technically a triggering of image capture (in this instance, the presence of light on a given image frame allows the non-illuminated frames to be ignored), modern day equivalents are essentially more efficient versions of the same technique. Much of the work in this area has developed in the lab of Ralph Weissleder et a. who have published a number of studies [including an excellent and comprehensive methods paper (70)] which detail extensively how they have applied these techniques. For prospective image gating, the ECG and/or respiratory data must be processed and linked directly to the capture hardware in real-time. Windows are set in which tissue movement is likely to be minimal—in most cases this is normally defined as the entire QRS complex for the ECG, and either the Pplat or PEEP segment for pulmonary airway pressure (70, 88, 89). Although prospective gating strategies are more efficient in that they require the collection of less data (i.e., data likely to be spurious is rejected even before it is captured), they also require more expensive hardware and for capture systems to be compatible with fast triggering. However, one system—prospective sequential segmented microscopy (PSSM)—has been used as a method for generating motion-artifact free intravital imaging of the heart (76). In this technique, cardiac pacing is used to provide absolute definition of the cardiac cycle. Using this known pacing information, image capture can be accurately harmonized with an appropriate point in the cardiac cycle (in this study, pulmonary movement was minimized by either electronic triggering of the ventilator or pausing of its activity). In PSSM, the capture frequency and the pacemaker frequency are slightly offset. By doing this, it is possible to capture images from the heart during the entire cardiac cycle. This technique has been used to make determinations of cardiomyocyte activity at the single cell level; data from this technique shows it is possible to image the contractile activity of individual cardiomyocytes (76) (an example of the imagery underlying this technique is shown in Figure 1D).

It is much more common to see retrospective image processing techniques used in the context of cardiac intravital microscopy. While some of these techniques have been designed specifically with cardiac intravital in mind, others have been designed more generally for intravital microscopy. Others are simply general image processing techniques which can be applied to intravital microscopy. We will cover briefly the latter as they are the most generic and not cardiac specific. General image processing in the context of cardiac intravital most often takes the form of registration and alignment tools. Image registration is a technique to align or reposition images that have shifted in respect to one another. It is most often used in medical scanning, such as in CT and MRI scanning, but does have a use in intravital when handling images with reasonably manageable movement artifacts. Numerous plugins are available either for use in ImageJ/Fiji [we have found SPIM Registration to be a good tool in our hands (90)] or standalone [elastix is a well-established tool in this regard (91, 92)]. Some specific tools have been designed for registration of intravital microscopy data. IMART (Intravital Motion Artifact Reduction Tool) is a software tool designed specifically for the removal of motion artifacts (via registration) of intravital microscopy imaging (93). This image registration tool takes advantage of the fact that sequential frames in a time series are likely to be very similar to one another, while still being able to compensate for noise due to things like the introduction of cells, vascular dyes, and antibodies (93). StabiTissue is another tool that can perform similar functions and was also specifically designed for the purposes of intravital microscopy (94). Registration tools are useful, in particular when stabilization has been used and small amounts of residual movement remain. This is often the case, we have found, when using spinning-disk confocal imaging techniques for cardiac intravital imaging. Of course, registration tools are not particularly useful for line scanned images unless the image data has been processed by another tool first to repair distortions due to “during-scan” movement.

Retrospective image processing tools have two different tasks depending on the type of image data they are processing; for instance, line/raster scanned image data is very different to spinning disk confocal image data. The latter, providing it has been captured at a fast-enough speed, will contain full fields of valid image data. The former will contain image frames which will be made up of individual line scans that will be out of sync in the x,y plane. In order to process this data, the software must be able to return to the ECG/lung airway pressure data, connect this data with line scans, and reject line scan data which falls outside of the cardiac/pulmonary windows. Indeed, this is the approach that most studies have taken in this regard (69, 70, 88). While this means that the constructed image will be made of individual line scans with different temporal profiles, the image capture rate should be sufficient that the differences between them are relatively (and more importantly, biologically) insignificant. It is important, if it possible, for researchers to capture both ECG data and lung airway pressure—movement of the lungs is a clear contributor to the movement of the heart and a failure to take this into consideration can cause serious difficulties for cardiac intravital imaging—particularly for line-scanning techniques. However, not all techniques obtain respiratory or cardiac physiology data during capture. Indeed, we have found that cardiac intravital using spinning disk confocal does not require ECG or respiratory gating to generate useable imaging. In these cases, retrospective processing of image data sets without this information is required. In these cases, the most frequent approach used for this type of processing is frame rejection, where those with significant motion artifacts are removed from an image set. There are a number of tools available to allow researchers to achieve this, which work in a broadly similar fashion with some slight differences in how they achieve their goal of frame rejection.

Intravital_Microscopy_Toolbox is an ImageJ tool developed by Soulet et al. (95) which is designed to process an image stack and remove individual frames affected by motion artifacts. This software works by comparing each frame to a reference frame (or frames), and calculating a dissimilarity score. Using a cut-off value for this difference, the toolbox is able to remove frames which are considered to be too dissimilar to the reference frames. Along similar lines, we have developed a tool—termed Tify—which is able to process large image stacks and perform automated frame removal based on whether or not they meet given criteria (in terms of this review, this would be whether they contain motion artifacts or not) (96). However, rather than use reference frames, Tify instead uses a small subset of human scoring, underlying image statistics (such as standard deviation, entropy, and skewness), and regression analysis to attempt to “quality score” all frames from an entire image stack (for an idea of the methodology involved, see Figure 3). To make this software more applicable for intravital microscopy, we built in two additional statistics which were specifically relevant to cardiac intravital imaging: sum pixel ramp and segment intensity deviation. Detailed descriptions on how these statistics are calculated is beyond the scope of this review, but detailed information is available in the published manuscript detailing Tify (96). On average, users needed to score around 20 frames in order for Tify to score the remaining frames in the image stack with high levels of accuracy. To test this accuracy, we asked users to attribute a quality score (0–5) to 200 frames of a video obtained from cardiac intravital imaging. We then provided Tify with the scores from the first 20 of these, and assessed the software's accuracy at calculating the rest; the correlation co-efficient between human scores and calculated scores was high (e.g., 0.76 ± 0.03 for one set) (96). This approach has some advantages—because the image scores for unseen frames are calculated formulaically, Tify does not need to have seen images in advance in order to score them—it simply needs to have a formula with which to calculate the scores from. Therefore, it is possible—for instance—that a user could carry out intravital microscopy on the heart, perform scoring on those images, and generate a formula that can be used for all subsequent cardiac intravital microscopy images that are processed through Tify. One of the other advantages to Tify that, at least to our knowledge, is not available in other post-acquisition software, is the ability to retain temporal relationships between the retained frames. Most methods of frame removal do not rely on a simple system of cut-off; that is, if an image is below a certain quality of score, then it is removed from the stack. When we designed Tify, it was important to us that the output from our program retained some temporal relationship—for instance, if our software had disposed of 20 s of consecutive frames (an extreme example) then the result would have a large temporal gap in the output. To avoid this, we built in a feature called Frame Windowing, which rather than being a frame rejection technique, should rather be considered as a frame selection technique. Users specify the size of a window in n frames, and the software identifies the highest quality frame from within that window. Once done, the software moves onto the next n frames, and so on until the end of the input file. The resulting output is 1/n times the size of the original file, but each frame has some degree of temporal link between them.
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FIGURE 3. Process map for Tify and example of human vs. computed image scoring for example sets of images. (A) Our image processing tool Tify has a set procedural pathway for processing video captures from spinning disk confocal imaging. This quality-based tool is able to exclude frames from a large image stack by exclusion based on quality scoring. Using a small subset of human scores, Tify is able to use regression to calculate estimated scores for frames which it has not seen and subsequently exclude them from final output videos. (B) Crucially, Tify is able to calculate scores which are proximal to human scores.




CONCLUDING REMARKS

For some time in the latter part of the 1970s and 1980s, it appeared as if cardiac intravital becoming a routine technique was an inevitability, given the pace of developments. It would be fair to comment that some of the techniques used in the 1980s were, even by todays technological standards, exceptionally elegant. However, the final leap toward using these techniques to monitor immune cell trafficking seemed to be lacking. It was not until the publications earlier this decade that allowed intravital microscopy of the heart to begin to gather pace again. As we approach the end of this decade, there are now a range of tools and approaches available to those who wish to explore intravital imaging of the cardiac microvasculature. We would put on record that such work is still challenging; the surgery required for exposure of the heart and induction of ischaemia is not trivial. However, the technological barriers that one used to face are no longer in the way. Using these new found techniques over the next decade, perhaps we may finally see an end to the days where the cardiac microcirculation is considered a research “black box.”
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We developed an experimental set up that enables longitudinal studies of immune cell behavior in situ in the challenged as well as unchallenged kidney of anesthetized mice over several hours. Using highly controlled vacuum to stabilize the kidney, the superficial renal cortex could continuously be visualized with minimal disruption of the local microenvironment. No visible changes in blood flow or neutrophils and macrophages numbers were observed after several hours of visualizing the unchallenged kidney, indicating a stable tissue preparation without apparent tissue damage. Applying this set up to monocyte/macrophage (CX3CR1GFP/+) reporter mice, we observed the extensive network of stellate-shaped CX3CR1 positive cells (previously identified as renal mononuclear phagocytes). The extended dendrites of the CX3CR1 positive cells were found to bridge multiple capillaries and tubules and were constantly moving. Light induced sterile tissue injury resulted in rapid neutrophil accumulation to the site of injury. Similarly, microinfusion of uropathogenic Escherichia coli into a single nephron induced a rapid and massive recruitment of neutrophils to the site of infection, in addition to active bacterial clearance by neutrophils. In contrast, the kidney resident mononuclear phagocytes were observed to not increase in numbers or migrate toward the site of injury or infection. In conclusion, this model allows for longitudinal imaging of responses to localized kidney challenges in the mouse.

Keywords: intravital, renal infection, neutrophils, macrophages, mononuclear phagocytes, sterile injury


INTRODUCTION

The host immune response to injury and infections is both site- and situation-dependent, and is even influenced by the circadian rhythm, with variations in the mechanisms of leukocyte recruitment to different organs as well as to different infectious agents (1–3). In general, tissue resident immune cells acting as sentinels, rapidly detect changes of the microenvironment, and respond accordingly. This response includes macrophage phagocytosis and killing of the pathogens, but also production of chemokines and cytokines to activate and recruit other immune cells to the site. The first cells to be recruited from circulation to the site of infections are neutrophils, which are competent bacteria-killers via the production of reactive oxygen species and antibacterial products. In addition to their role in host defense, leukocytes contribution to tissue restoration following injury has recently been recognized (4–6).

In contrast to the urethra and the bladder, the kidney is typically considered sterile (7). However, urinary tract infections (UTI) are one of the most frequently reported bacterial infections, both in community and hospital settings (8). In some cases, the infection can spread from the urethra to the bladder and eventually further up into the kidney and, in the worst scenario, enter the blood circulation to cause urosepsis. During homeostasis, the urinary tract eliminates these microorganisms rapidly and efficiently by natural host defense mechanisms including physical (washing out, secretory IgA antibodies), chemical (pH, antibacterial peptides), and biological (immune cells) weapons (9). The healthy kidney contains at least five distinct populations of resident renal mononuclear phagocytes with overlapping dendritic and macrophage characteristics (10–12). These cells appear homogenously distributed throughout the kidney (13) and are derived either from the yolk sac during embryogenesis, or from hematopoietic stem cells by de novo recruitment of circulating monocytes (14). Activation of the resident renal mononuclear phagocytes is associated with the development and progression of kidney disease (15). However, the precis role of these numerous cells in maintaining and regulating kidney functions is not yet fully clarified. The sparse information regarding the function of resident renal mononuclear phagocytes can be partially attributed to the difficulties in studying them locally in vivo rather than as a whole population in an organ. Due to the high tissue density of the kidney, intravital imaging is limited to the superficial regions of the cortex and to the use of fluorescence, either from conjugated antibodies directed against specific surface markers or from genetically labeled cell populations which endogenously express fluorophores. Further, the correlation between levels of antibody-targeted surface molecules/fluorescently tagged gene and the phenotype of the cells needs to be confirmed. Overlapping expression of classical markers for dendritic cells and macrophages further contribute to confusion within the field regarding the action of these tissue resident populations.

Previously, we had developed a spatially-temporally controlled model of kidney infection in rats which allowed us to visually follow the progression of uropathogenic Escherichia coli (UPEC) kidney infection in real-time (16, 17). UPEC express a unique sub-set of virulence factors which allow them to colonize the urinary tract including adhesion pili and exotoxins (18). In this model, bacteria are microinfused into a single tubule of an exposed kidney in an anesthetized rat and followed with multiphoton microscopy. This work was one of the first to use intravital imaging to follow bacterial infection in situ and described a number of new phenomena including a rapid protective vascular coagulation response (17) and the role of bacterial virulence factors in host response kinetics (19). An aim had been to follow up on this work by detailing the early immune cell recruitment to UPEC infection, but a drawback in this model was the lack of tools available for rats, particularly a lack of fluorescently transgenic animals as are available in mouse models. In this current report, we describe an experimental set up that enables studies of immune cell behavior in the cortex of the mouse kidney, including transgenic animals, in both healthy animals and during injury and local bacterial infection in single nephron over several hours. Using this set up, the extended dendrites of the resident renal mononuclear phagocytes were found to bridge multiple capillaries and tubules and were in constant motion, apparently probing the environment of the healthy kidney. In addition, intravascular neutrophils were demonstrated to crawl within the microvasculature. Following both sterile injury and infection, the neutrophils rapidly accumulated in large numbers at the afflicted site, where they also were found to phagocytose bacteria. Neither sterile tissue injury nor bacterial infection however, did alter the mononuclear phagocytes network, which did not increase in number or migrated following the insult. In summary, this study demonstrates that a stable preparation for intravital microscopy of the mouse kidney cortex reveals distinct immune cell behavior in situ and can help to better understand their role and interactions.



MATERIALS AND METHODS


Animals

C57Bl/6J mice [30–35 g (Taconic, Denmark)], CX3CR1+/GFP F1 hybrid mice [25–30 g (B6.129P-Cx3cr1tm1Litt/J, The Jackson Laboratory, (20)) and (C57Bl/6J, Taconic)] and CX3CR1+/CRE: Rosa-Tomato hybrid mice [25–30g (Cx3cr1tm2.1(cre/ERT2)Jung (21)) and Gt(ROSA)26Sortm14(CAG−tdTomato)Hze (22)] were used. All animals had access to tap water and pelleted food ad libitum throughout the experimental study. The following antibodies were administered intravenously to visualize kidney resident mononuclear phagocytes, blood vessels, platelets and neutrophils, respectively: anti-mouse; F4/80, CD31 (PECAM-1), CD41, and Ly-6G (Gr-1). A detailed information about clone, suppliers, doses and conjugated fluorophores are presented in the Supplementary Table 1. The antibodies were administered approximately 30 min before start of experiments to optimize the staining of the target cells. All experiments were approved by the Regional Animal Ethics Committee in Uppsala, Sweden, under the ethical permit number C98/16.



Surgical Preparation, Tissue Stabilization, and Confocal Imaging (Figure 1A)

Mice were anesthetized by spontaneous inhalation of isoflurane (Abbott Scandinavia, Sweden) diluted 1.8–2.6% in a mixture of air and oxygen. The animals were immediately placed on a custom made table with a heating pad to control and maintain body temperature. The left jugular vein was catheterized with a PE-10 cannula for the injection of antibodies and saline (detailed information in Supplementary Table 1). Mice were then placed in the right, lateral decubitus position and a small incision into the left side of the abdominal cavity was made to expose the left kidney. To allow for real time imaging of the live kidney in situ, we constructed a modified version of the pancreatic vacuum window (23) with a 4 × 6 mm internal diameter. The window was covered with an imaging-grade 13 mm coverslip held in place with vacuum grease. The suction window (Supplementary Figure 1), attached to an in house constructed stand, was guided in position immediately above the kidney (Figure 1A). A low vacuum (8–16 mbar) was applied before lowering the window in contact with the tissue. In each experiment the lowest vacuum needed for immobilization was used to prevent kidney damage. The table was then transferred to a line-scanning confocal microscope (Zeiss LSM 5 Live with Zeiss Zen 2009 software) and the objective (WPlanApo 40x/1.0 objective with 0.5x optical zoom) was lowered into the central region of the preparation to minimize any effects of suction transmitted to the edges of the tissue. A graphical description and pictures of the experimental setup are presented in Figure 1A and Supplementary Figure 1. For confocal fluorescence microscopy we used the Zeiss LSM 5 Live line-scanning microscope with simultaneous two-channel acquisition. This system is equipped with maintenance-free lasers of diode or solid-state type, 405 nm laser diode, 50 mW; 488 nm laser diode, 100 mW; diode-pumped solid-state laser 532 nm, 75 mW; laser diode 635 nm. Excitation filters, BP 415–480 for BV421 and eFluor450; BP 500–525 for GFP and Alexa 488; BP 550–615 or LP 505 for TRITC, BV605 and Alexa 555; LP 650 for BV650, Alexa 647 and eFluor660 combined with suitable beam splitters and lasers. Brightfield intravital microscopy was done using a with a X-Cite 120 PC fluorescence system (EXFO Photonic Solutions Inc, Canada).


[image: Figure 1]
FIGURE 1. Graphical depiction of the experimental set-up described in the manuscript to expose (A) or microinfuse (B) and image the kidney. An image captured under these settings is presented as an example on right of the graphical description. Scale bar represents 50 μm. Additional information is available in Supplementary Figure 1 and Supplementary Video 1.




Light Induced Tissue Injuries

Large injuries were induced by exposing the kidney to X-Cite 120 PC fluorescence system (EXFO Photonic Solutions Inc, Canada) at high intensity. Exposing the kidney to a short (10 s) burst of high intensity (50 mW) of the 405 nm excitation laser of the line-scanning confocal microscope induced a small scope in the renal cortex.



Bacterial Infection

The UPEC strain LT004 (16) which constitutively expresses GFP from a chromosomal insertion was used in infection experiments. Microinfusion was performed by adapting to mouse the method previously described for rat (16, 17, 24) Briefly, inoculum were grown overnight in Luria Broth (LB) with chloramphenicol (20 mg/μl) at 37°C. A 1:100 dilution of the overnight culture was then reinoculated into LB with chloramphenicol (20 mg/μl) and grown at 37°C to an OD600 of 0.6. The bacteria were then washed twice (5 min 5 kg) in NaCl (154 mM) and suspended in PBS to a final concentration of 1 × 109 CFU/ml. The final bacterial suspension used to microinfuse the kidney tubules were made by mixing the bacterial stock with the injection tracer solution in a 1:1 ratio, giving a final bacterial solution of 5 × 108 cfu ml−1. The tracer solution was a mixture of 0.7 mg ml−1 Fast Green FCF (Fisher, Fair Lawn, NJ, USA) and 0.4 mg ml−1 Alexa Fluor 647 conjugated 10 kDa dextran.


Bacteria Infusion Into the Renal Tubule

Needles for the microinfusion were made from thin walled borosilicate glass capillaries of 1 mm outer diameter containing an inner filament (WPI TW100F-4) by pulling the capillary in opposite directions with an in house constructed micropipette puller. The tip of the needle was cut off at the desired tip diameter of 8–10 μm using a Dumont 5/45 forceps and sanded to a 30° tip angle. Before using the micropipette, the pipette was function tested by injecting air in 1 M hydrochloric acid, injection pressure 20 psi. After the test the tip was gently dried with a soft tissue.



Pipette Filling

The capillary was mounted to the nozzle of a pneumatic PicoPump (WPI PV820) on the hold pressure port with the vent port connected to an industrial vacuum line. Using a Leitz micromanipulator and holder to hold the pipette the tip was lowered into the bacterial suspension and filled from the tip using vacuum pressure.



Microinfusion (Figure 1B)

The capillary was mounted to the nozzle of the PV820 on the eject pressure port with the vent port connected to the atmosphere. Using the hold pressure gauge the hold pressure was set to 2 psi. Under stereoscopic microscope observation (96x), using a Leitz micromanipulator and pipette holder, the bacterial suspension was injected for ~10 min into one renal tubule in mouse, prepared as described for confocal imaging (described above). The rate of infusion averaged 49 ± 23 nl min-1 (n = 7), which corresponded to delivery of about 5 × 105 cfu. In sham-infected animals sterile PBS mixed with tracer solution was infused into the renal tubules. Observation was performed with a PlanApo 20x/0.8 objective with 0.6 up to 0.8x optical zoom in the confocal microscope described above.





RESULTS


The Experimental Setup Allows Maintained Kidney Integrity

The superficial renal cortex was continuously visualized for several hours in anesthetized mice under an upright laser-scanning confocal microscope using the experimental setup described in Figure 1A and Supplementary Figure 1. The kidney was stabilized within the peritoneal cavity by means of an in-house constructed vacuum stabilized observation window (23) to avoid the use of a kidney cup that can alter circulation, accelerate dehydration, and drop in organ temperature. Further, the use of an upright microscope facilitate long in vivo observations with maintained peripheral circulation, as it allows for the organ of interest to be situated at the level of the heart to avoid development of edema. To minimize the disruption of renal tissue integrity and microcirculation by the stabilizing holding arm, the size of the window was enlarged compared to the original design (23) to spread the low, negative gas pressure over a larger surface area (Supplementary Figure 1). Using this approach, auto-fluorescent proximal tubule and CD31 stained blood vessels with visible blood flow could be detected over time to a depth up to 100 μm (Supplementary Video 1). No visible major changes in blood flow were detected after 5 h post operation (Supplementary Video 2). Administration of anti-mouse Ly-6G antibodies intravenously revealed the presence of neutrophils interacting with capillary endothelium (Figure 2 and Supplementary Video 3), demonstrating that in our setting neutrophils normally scan the vasculature of the renal cortex in the unchallenged kidney. Repeated imaging over a period of more than 2 h of the intact live kidney did not show any clear increase in the number of visible detected neutrophils (Figure 2) or the number of adherent and/or crawling neutrophils. Thus, this experimental setup allows for visualization of the kidney cortex in the anesthetized mouse without concomitant obvious or dramatic neutrophil activation and recruitment hours after exposure.


[image: Figure 2]
FIGURE 2. Neutrophils scanning capillaries within the superficial cortex in the unchallenged kidney. Confocal snapshots of the unchallenged kidney in a live C57BL/6J mouse taken at 30, 60, 120, and 150 min post-operation from the Supplementary Video 3. Capillaries are visualized in red (anti-CD31- mAb Alexa Fluor 555) and circulating neutrophils in green (anti-Ly6G-mAb Alexa Fluor 488). Scale bars are 50 μm and pictures are representative of 5 experiments. WPlanApo 40x/1.0 objective with 0.5 zoom was used.




Renal Network of Probing Mononuclear Phagocytes

The CX3CR1 chemokine receptor is a commonly used marker for macrophages, monocytes and some dendritic cells. Using a transgenic mouse strain expressing the green fluorescent protein under the regulatory signal governing the expression of CX3CR1 (20) we monitored the distribution and behavior of these cells in the kidney. Confocal microscopy of CX3CR1+/GFP mouse kidney in situ in anesthetized mice revealed an extensive network of stellate-shaped CX3CR1 positive cells in the interstitium of the superficial renal cortex (Figure 3 and Supplementary Video 4). As previously described, most of these cells, also called renal mononuclear phagocytes (rMoPhs) (25), demonstrated transcapillary and transtubular connections with their multiple dendrites bridging several tubules and capillaries (Figure 3 and Supplementary Videos 4, 5) (13, 26). Further, in vivo visualization verified that the majority of the CX3CR1 positive cells located in the cortex were also positive for the pan-macrophage marker F4/80 (Figure 4), confirming previous observations (13, 27). These were situated in close proximity to the tubular capillaries (Figure 3 and Supplementary Videos 4, 5). Time laps recording experiments over 1 h showed dendritic activity of these cells, and they seemed to be constantly probing and sampling the vasculature as well as the tubules (Figure 5 and Supplementary Video 6). These observations confirm previously reported observations by other groups and further validate that our experimental does not seem to alter the rMoPhs network (13, 26).


[image: Figure 3]
FIGURE 3. Distribution and stellar shape of CX3CR1 positive mononuclear phagocytes in the renal cortex. Confocal snapshot from the Supplementary Video 4. Blood vessels in red (eFluor 450 conjugated anti-CD31 mAb) and mononuclear phagocytes in green (CX3CR1-GFP). The scale bar indicates 50 μm. Recorded through a WPlanApo 40x/1.0 objective with 0.5 zoom. Additional 3 dimensional observations are presented in Supplementary Video 5.



[image: Figure 4]
FIGURE 4. Confocal snapshot of the live kidney in a CX3CR1+/GFP mouse taken 30 min after intravenously administered anti-F4/80-mAb-Alexa Fluor 647. Capillaries are displayed in red (anti- CD31-mAb eFluor 450), mononuclear phagocytes in green (CX3CR1-GFP) and in magenta (anti-F4/80- mAb Alexa Fluor 647). Double positive cells appear bright in the merged figure. All scale bars represent 50 μm. WPlanApo 40 x/1.0 objective with 0.5 zoom was used.



[image: Figure 5]
FIGURE 5. Distribution and dendritic activity of F4/80+ mononuclear phagocytes in the renal cortex. Confocal snapshot at different time points from the Supplementary Video 6. (A,B) Show of perivascular F4/80+ mononuclear phagocytes sampling the renal capillaries. Capillaries are displayed in red (anti-CD31-mAb Alexa Fluor 555) and mononuclear phagocytes in green (anti-F4/80-mAb Alexa Fluor 647). Boxed areas highlight several active cells with extension and retraction of dendrites (circles). Scale bar 50 μm. WPlanApo 40x/1.0 objective with 0.5 zoom was used.




Recruitment of Neutrophils to Renal Sterile Injury or Bacterial Infections

To explore if our experimental setting did not altered the immune reactivity of the exposed mouse kidney, we tried to visualize the recruitment of circulating neutrophils to injury site. A superficial injury on the kidney was induced by over exposing it to intense light sources from a fluorescence illumination system or a high intensity 405 nm laser that, respectively, can induce a large or a small burn injury in the cortex. The light induced damages led to a rapid and massive accumulation of neutrophils to damaged area (Figure 6A and Supplementary Video 7). In the case of smaller local laser-induced damage, neutrophils recruited from circulation were also detected in close proximity of the injury (Supplementary Figure 2). The large network of rMoPhs was not affected by the sterile injuries. Indeed no obvious changes were observed in the pattern of the CX3CR1 positive cell network at the site of neutrophil accumulation (Figure 6B and Supplementary Video 8). This observation corroborates the description of CX3CR1 positive cells acting merely as sentinels activated upon injury to release chemokines that rapidly trigger the recruitment of neutrophils at the early stage of bacterial infections (15, 28).


[image: Figure 6]
FIGURE 6. Reaction to light induced sterile injury. Snapshot at 0, 30, 60, and 90 min of Supplementary Video 7 from CX3CR1+/GFP mouse kidney after over exposure under a fluorescence lamp at maximum intensity to induce large area damage. Recorded through a PlanApo 20x/0.8 objective with 0.8 zoom. Scale bar 50 μm. (A related to Supplementary Video 7) Mononuclear phagocytes displayed in green (CR3CR1-GFP), neutrophils in cyan (anti-Ly6G-mAb Brilliant Violet 421) and platelets in magenta (anti CD41-mAb Brilliant Violet 605) to visualize blood flow. (B related to Supplementary Video 8) Same picture as in (A) without the neutrophil fluorescence for a better observation of the CR3CR1-GFP cells and platelet accumulation.


To observe the immune cell reaction induced by an infectious stimulus, we injected 105 cfu of a fluorescent uropathogenic Escherichia coli strain (UPEC) directly into a single renal tubule adapting a method developed in the rat to the mouse [Figure 1B, (16)]. Observation of the infected site over several hours revealed the dynamics of bacterial growth and tubule colonization as well as neutrophils moving to the infected site (Figure 7A and Supplementary Video 9). The presented experimental setting do thus maintain the abilities to detect and signal a local infection that lead to neutrophil chemotaxis toward to infected regions in the kidney cortex. While neutrophils were observed close to the infected site at the late time points, the CX3CR1 positive cells network appeared similar compared to prior to when the bacteria were injected (Figure 7B and Supplementary Video 10). This observed relative passivity of macrophages compared to neutrophils in phagocytosis during infection in the upper urinary tract agrees with results present in the literature (29). Interestingly sham-infusion of PBS alone in a tubule did not induce neutrophil recruitment, implicating the bacteria as the attracting inflammatory agent and showing that tubuli puncture per se was not sufficient to trigger a massive neutrophil response. Moreover, the setting allowed for real time visualization of bacterial clearance by neutrophils as we could observe that the GFP signal originating from infecting bacteria decreased and finally disappeared in parallel to neutrophils becoming GFP-positive (Figure 8 and Supplementary Video 11).


[image: Figure 7]
FIGURE 7. Reaction to infected tubule. (A related to Supplementary Video 9) snapshot taken at 60, 90, 120, 150, and 180 min post infection of one tubule with the UPEC strain (GFP displayed in magenta) in a of a CX3CR1+/CRE:Rosa-Tomato mouse recorded through a PlanApo 20x/0.8 objective with 0.7 zoom. The injected bacterial solution contains an injection tracer (blue, Alexa Fluor 647 conjugated dextran) to visualize injected tubule. Neutrophils are shown in cyan (anti-Ly6G mAb Brilliant Violet 421). CX3CR1 positive cells are displayed in green (tdTomato). (B related to Supplementary Video 10) Same picture as in (A) without the neutrophil fluorescence for a better observation of the CR3CR1-GFP cells and bacterial growth.



[image: Figure 8]
FIGURE 8. Bacterial clearance. Snapshots taken from Supplementary Video 10 at different time point post infection of one tubule infused with the UPEC strain (GFP) in a of a CX3CR1+/CRE:Rosa-Tomato mouse showing the clearing of bacteria by neutrophil in red (Ly6G mAb-BV421). CX3CR1 positive cells are displayed in green (tdTomato) and UPEC in magenta (GFP). PlanApo 20x/0.8 objective with 0.6 zoom.


The correlating rat model of UPEC infection has previously shown that upon UPEC infection in a single renal tubule, coagulation is triggered in the local peri-tubular capillaries (17, 30). This coagulatory response observed several hours after infection has been shown to be protective by isolating the infection site and preventing bacterial translocation into the blood stream and a progression to urosepsis (17). In the mouse setting, some experiments were carried out with circulation tracers. These reporters allowed monitoring the quality of blood flow during observation. Light injury induced important perturbation in the circulation, as reveled by the accumulation of platelets in the capillaries surrounding the damaged area (Figure 6B and Supplementary Video 7). Tubule infusion in the mouse is a delicate manipulation to perform. Going through the kidney capsule can be difficult and can lead to either perforation of capillaries or bacterial leakage. Only few infusions had been successfully performed and the very limited number of observations could neither allow us to conclude if this clotting around infected tubules is or isn't also a protective mechanism in the mouse. However, trials that resulted in bacterial leakage or local bleeding, both with UPEC or PBS, lead to an observable perturbation in blood flow quality in the capillaries as the circulation tracer was not displaced by passing erythrocytes as revealed by capillaries segments emitting intense fluorescent signal from the circulation tracer (Supplementary Video 12). The presented model may thus be used to investigate local coagulation in capillaries surrounding an infected tubule as has been done in the rat model (17).




DISCUSSION

This study demonstrates means to longitudinally study the behavior of resident and recruited immune cells in kidney cortex under basal conditions as well as during localized tissue injury and infection in vivo in the mouse. This model offers many genetic tools to visualize and decipher immune cell behavior and interaction by direct visualization. Using this approach, we could observe the numerous stellate-shaped CX3CR1+ and F4/80+ resident renal mononuclear phagocytes, which were found scattered throughout the kidney, where they exerted a probing behavior as their extended dendrites spanned several tubules and capillaries, and were in motion. Further, neutrophil scanning of the kidney vasculature was observed under basal conditions, and massive neutrophil accumulation was detected following light-induced sterile injury or bacterial infection, whereas the structure of the renal mononuclear phagocytes network was not affected by either challenge.

The development of experimental models to study biological events in the living animal is both difficult and time consuming. Great care must be taken no to disturb the function and integrity of the organ studied. As the kidney is a very delicate organ that is highly dependent on an intact blood flow, it is a demanding organ to study in vivo. By carefully applying a gentle controlled negative pressure (vacuum) to the outer surface of the kidney, the vacuum suction window provided both stabilization and optimal tissue preparation for imaging. Using bright and photostable fluorophores, e.g., Alexa Fluor dyes, the risk of phototoxicity was minimized. Further, a multi-photon microscope would improve the z-resolution and further reducing the risk of phototoxicity, making it possible to image even deeper into the tissue. Importantly, this method enables imaging in situ and does not involve removal of the organ from the animal, allowing for the study of infection with the vasculature, nervous, and immune systems intact. Further, with this method we were able to image beyond 5 h post-op, which is probably close to the time limit a mouse can be kept anesthetized under our experimental conditions without severely affecting the blood pressure.

Animal models of inflammation has together with intravital microscopy been instrumental for increasing the understanding of the mechanisms underlying the leukocyte recruitment from circulation to tissue, as well as leukocyte effector function at different inflamed sites. While the high density of renal tissue impedes traditional bright field imaging of its vasculature and immune cells, high-speed confocal microscopy of fluorescently marked cells, and/or structures enables visualization of blood flow and cell-cell interactions to limited depth in living animals. Intravital microscopy is inevitable associated with both circulatory and respiratory movements, which highlights the importance of reliable models where these cells can be visualized during minimal organ stress. By utilizing a modified version of the technique presented by Looney et al. (23), we have established a method for real-time analysis of the renal micro-environment which is a powerful tool to learn more about the renal resident immune cells during homeostasis as well as during the pathology of bacterial infections in vivo. The present technique provides access to the intact microcirculation and microanatomy of the mouse kidney, with the combination of easy to use, high resolution, great stability and with maintenance of normal immune cell reactivity.

In the healthy kidney, numerous mononuclear phagocytes are scattered throughout the renal tissue. The mononuclear phagocytes can be divided into several subpopulations dependent on their expression levels of macrophage- and dendritic cell markers (F4/80, CD11b, and CD11c, respectively). Recent gene array data combined with antibodies directed against CD64 and MerTK (efferocytosis receptor) indicate that the majority of these cells are macrophages, and not dendritic cells as previously believed (11, 31). In addition to their distinct identities, their diverse effector functions remains to be fully established. Clodronate-depletion removes actively phagocytosing cells and resulted in lower plasma creatinine levels following kidney injury, demonstrating that these macrophages aggravate acute kidney injury (32). However, when the renal mononuclear phagocytes are depleted to a larger extent using the CD11b-diphtera toxin receptor model, protection against ischemia-reperfusion injuries is not observed (33), which indicates that some of the renal mononuclear phagocytes have important functions in tissue recovery.

The role of both neutrophils and renal mononuclear phagocytes in bacterial infections has previously been described (9, 15, 29). Using a model of repeated transurethral installation of E. coli (UPEC) into the bladder, flow cytometry following kidney homogenization demonstrated that renal neutrophil- but not macrophage numbers were increased 3 h following bacterial instillation, while the total number of dendritic cells and macrophages decreased over time (29). Further, the mononuclear phagocytes were shown to upregulate CXCL2 in response to infection, and thereby contributed to the recruitment of neutrophils. The method developed in the current manuscript enabled tracking of local immune cell behavior over time in the renal cortex of unaffected kidneys or following sterile injury or bacterial infections. We observed that neutrophils of the healthy kidney displayed a normal behavior, as they were sporadically scanning the inside of the blood vessels, and, in response to injury and infection, rapidly accumulate in large numbers at the affected site. The renal mononuclear phagocytes of healthy kidneys were as expected actively scanning their local microenvironment with their dendrites spanning several tubules and capillaries, but, in contrast to neutrophils, did not migrate toward adjacent sterile injury or bacterial infection within the observation time. This is in contrast to what is described for the sterile injury of the liver (34), where F4/80+ cells originating from the peritoneal cavity accumulated as early as 1 h following insult. Cells of the innate immune system are classically viewed as first responders to invasion and damage, where they contribute in different ways to restore tissue homeostasis. It is clear that their ability to detect and respond to environmental signals differ between challenges as well as affected sites (3, 35).

In summary, we established a model that enables longitudinal and precise imaging of the superficial kidney cortex for hours in mouse without impacting the circulation and immune cell potential. This model allowed us to visualize the behavior of neutrophils and resident mononuclear phagocytes submitted to localize aseptic as well as septic challenges.
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Supplementary Video 1 related to Figure 1A. 3D projection of a z-stack taken with a WPlanApo 40x/1.0 objective with 0.5 zoom showing autofluorescent tubules in green and labeled blood vessels in red (Alexa Fluor 555 conjugated anti-CD31 mAb). The stack (depth 83 μm) was exported to video at 12 fps using ImageJ.

Supplementary Video 2. Visualization of blood flow. Live imaging of the kidney of a CX3CR1+/GFP mouse 5 h after surgery taken with a WPlanApo 40x/1.0 objective with 0.5 zoom. Blood flow was imaged by i.v. injection of TRITC dextran 500 kDa as contrast agent that allow the observation of erythrocytes as black (not stained) dots. Sequence was recorded at a rate of 2 fps for 150 s and then exported to video at 12 fps using ImageJ. GFP fluorescence from the CX3CR1 positive cells not displayed.

Supplementary Video 3 related to Figure 2. Neutrophils scanning capillaries within the superficial cortex in the unchallenged kidney of a C57Bl/6J mouse with a WPlanApo 40x/1.0 objective with 0.5 zoom. Blood vessels are labeled with Alexa Fluor 555 conjugated anti-CD31 mAb (red) and neutrophils are seen in green (Alexa Fluor 488 conjugated anti-Ly6G mAb). Elapsed time is shown at the low right. The time lapse was recorded directly after surgery at 0.3 fps and exported to video at 24 fps using ImageJ. The scale bar indicates 50 μm.

Supplementary Videos 4, 5 related to Figure 3. Video 4 Distribution of CX3CR1 positive mononuclear phagocytes in the renal cortex of CX3CR1+/GFP mouse. Blood vessels are in red (eFluor 450 conjugated anti-CD31 mAb) and mononuclear phagocytes in green (CX3CR1-GFP). Elapsed time is shown at the low right. The time lapse was recorded at 6 fps with a WPlanApo 40x/1.0 objective with 0.5 zoom and exported to video at 24 fps using ImageJ. The scale bar indicates 50 μm. Video 5: 3D projection of a z-stack (depth 86.74 μm) taken on the same mouse with a WPlanApo 40x/1.0 objective with 0.5 zoom showing blood vessels in red (eFluor 450 conjugated anti-CD31 mAb), CX3CR1 positive cells in green (GFP) and neutrophils in cyan (Alexa Fluor 555 conjugated anti-Ly6G mAb).

Supplementary Video 6 related to Figure 5. Distribution and dendritic activity of F4/80+ mononuclear phagocytes in the renal cortex of a C57Bl/6J mouse. Blood vessels are displayed in red (Alexa Fluor 555 conjugated anti-CD31 mAb) and mononuclear phagocytes in green (AF647 anti-F4/80 mAb) and neutrophils in magenta (Alexa Fluor 488 conjugated anti-Ly6G mAb). Elapsed time is shown at the low right. The time lapse was recorded at 0.3 fps with a WPlanApo 40x/1.0 objective with 0.5 zoom and exported to video at 24 fps using ImageJ. The scale bar indicates 50 μm.

Supplemental Video 7 related to Figure 6A. Recruitment of neutrophils to light induced sterile injury. The CX3CR1+/GFP mouse kidney following exposure under a fluorescence lamp at maximum intensity to induce a large damaged area. Mononuclear phagocytes are displayed in green (GFP), neutrophils in cyan (Brilliant Violett 421 conjugated anti-Ly6G-mAb) and platelets in magenta (Brilliant Violett 605 conjugated anti CD41) to visualize blood flow. Elapsed time is shown at the low right. Twenty stacks (depth: 51.7 μm) were recorded with 5 min intervals with a PlanApo 20x/0.8 objective with 0.8 zoom and exported to video at 9 fps using ImageJ (3D-Projection). The scale bar indicates 50 μm.

Supplementary Video 8 related to Figure 6B. Light-induced sterile injury, same video as Supplementary Video 7 related to Figure 5A without the neutrophil fluorescence to better visualize the behavior of CX3CR1 positive cells and blood flow. The CX3CR1+/GFP mouse kidney following exposure under a fluorescence lamp at maximum intensity to induce a large damaged area. Mononuclear phagocytes are displayed in green (GFP) and platelets in magenta (Brilliant Violett 605 conjugated anti CD41) to visualize blood flow. Elapsed time is shown at the low right. Twenty stacks were recorded with 5 min intervals with a PlanApo 20x/0.8 objective with 0.8 zoom and exported to video at 9 fps using ImageJ. The scale bar indicates 50 μm.

Supplementary Video 9 related to Figure 7A. Recruitment of neutrophils to an infected tubule. Live imaging of the kidney area surrounding one tubule infected with the UPEC strain from 90 to 155 min post infection. Bacteria are displayed in magenta (GFP), mononuclear phagocytes in green (tdTomato) and neutrophils in cyan (Brilliant Violett 421 conjugated anti-Ly6G mAb). Elapsed time is shown at the upper right. Fourteen stacks (depth: 53.5 μm) were recorded with 5 min intervals with a PlanApo 20x/0.8 objective with 0.7 zoom and exported to video at 9 fps using ImageJ (3D-Projection). The scale bar indicates 50 μm.

Supplementary Video 10 related to Figure 7B. Live imaging of the kidney area surrounding one tubule infected with the UPEC strain from 90 to 155 min post infection. This is the same video as Supplemental Video 9 related to Figure 7A without the neutrophil fluorescence to better visualize the behavior of CX3CR1 positive cells around the infected tubule. Bacteria are displayed in magenta (GFP) and mononuclear phagocytes in green (tdTomato). Elapsed time is shown at the upper right. Fourteen stacks (depth: 53.5 μm) were recorded with 5 min intervals with a PlanApo 20x/0.8 objective with 0.7 zoom and exported to video at 9 fps using ImageJ (3D-Projection). The scale bar indicates 50 μm.

Supplementary Video 11 related to Figure 8. Bacterial clearance by neutrophils in close vicinity of CX3CR1 positive cells. UPEC strain is displayed in magenta (GFP), neutrophils in cyan (eFluor 660 conjugated anti-Ly6G mAb) and CX3CR1 positive cells in green (tdTomato). Elapsed time is shown at the upper left corner. Thirty five stacks (depth: 83.2 μm) were recorded with 5 min intervals with a PlanApo 20x/0.8 objective with 0.6 zoom and exported to video at 9 fps. The scale bar indicates 50 μm.

Supplementary Video 12. Live imaging with a WPlanApo 40x/1.0 objective with 0.5 zoom of the kidney of a CX3CR1+/GFP mouse where one tubule was infused with PBS and one with the UPEC strain, recorded 3.5 h after infection. The i.v. injection of TRITC dextran 500 kDa as contrast agent allow for blood flow assessment as the circulating erythrocytes replace the dectran and appear as black (not stained) dots. Seconds 0:00 to 0:03 present the untouched surrounding area, 0:04 to 0:21 the UPEC infected tubule and 0:21 to 0:25 the PBS infused tubule. Sequences were recorded at a rate of 2 fps for 150 s and then exported to video at 12 fps using ImageJ.

Figure S1. Post-surgery pictures of the experimental setting taken before transferring the animal to the microscope (A) or before tubule micro infusion (C) and of the respective stabilizing window used (B,D).

Figure S2. Confocal tile scan of a live kidney 60 min post laser-induced tissue damage. Exposing the kidney to a short (10 s) burst of high intensity 405 nm laser (50 mW) induced a small scope of approximately 0.1 mm2 in the renal cortex. Within 60 min the area surrounding the scope was infiltrated with Ly-6G positive neutrophils (magenta). Mononuclear phagocytes displayed in green (anti-F4/80-mAb), renal capillaries in red (anti-CD31-mAb) and neutrophils in magenta (anti-Ly6G-mAb). The scope is outlined by white arrows. The scale bar indicates 100 μm.



REFERENCES

 1. Maas SL, Soehnlein O, Viola JR. Organ-specific mechanisms of transendothelial neutrophil migration in the lung, liver, kidney, and aorta. Front Immunol. (2018) 9:2739. doi: 10.3389/fimmu.2018.02739

 2. Pick R, He W, Chen C-S, Scheiermann C. Time-of-Day-Dependent Trafficking And Function Of Leukocyte Subsets. Trends Immunol. (2019) 40:524–37. doi: 10.1016/j.it.2019.03.010

 3. Rankin LC, Artis D. Beyond host defense: emerging functions of the immune system in regulating complex tissue physiology. Cell. (2018) 173:554–67. doi: 10.1016/j.cell.2018.03.013

 4. Christoffersson G, Phillipson M. The neutrophil: one cell on many missions or many cells with different agendas? Cell Tissue Res. (2018) 371:415–23. doi: 10.1007/s00441-017-2780-z

 5. Davies LC, Jenkins SJ, Allen JE, Taylor PR. Tissue-resident macrophages. Nat Immunol. (2013) 14:986–95. doi: 10.1038/ni.2705

 6. Theret M, Mounier R, Rossi F. The origins and non-canonical functions of macrophages in development and regeneration. Development. (2019) 146:dev156000. doi: 10.1242/dev.156000

 7. Hilt EE, McKinley K, Pearce MM, Rosenfeld AB, Zilliox MJ, Mueller ER, et al. Urine is not sterile: use of enhanced urine culture techniques to detect resident bacterial flora in the adult female bladder. J Clin Microbiol. (2014) 52:871–6. doi: 10.1128/JCM.02876-13

 8. Flores-Mireles AL, Walker JN, Caparon M, Hultgren SJ. Urinary tract infections: epidemiology, mechanisms of infection and treatment options. Nat Rev Microbiol. (2015) 13:269–84. doi: 10.1038/nrmicro3432

 9. Abraham SN, Miao Y. The nature of immune responses to urinary tract infections. Nat Rev Immunol. (2015) 15:655–63. doi: 10.1038/nri3887

 10. Alikhan MA, Ricardo SD. Mononuclear phagocyte system in kidney disease and repair. Nephrology. (2013) 18:81–91. doi: 10.1111/nep.12014

 11. George JF, Lever JM, Agarwal A. Mononuclear phagocyte subpopulations in the mouse kidney. Am J Physiol Ren Physiol. (2017) 312:F640–6. doi: 10.1152/ajprenal.00369.2016

 12. Kawakami T, Lichtnekert J, Thompson LJ, Karna P, Bouabe H, Hohl TM, et al. Resident renal mononuclear phagocytes comprise five discrete populations with distinct phenotypes and functions. J Immunol. (2013) 191:3358–72. doi: 10.4049/jimmunol.1300342

 13. Soos TJ, Sims TN, Barisoni L, Lin K, Littman DR, Dustin ML, et al. CX3CR1+ interstitial dendritic cells form a contiguous network throughout the entire kidney. Kidney Int. (2006) 70:591–6. doi: 10.1038/sj.ki.5001567

 14. Ginhoux F, Jung S. Monocytes and macrophages: developmental pathways and tissue homeostasis. Nat Rev Immunol. (2014) 14:392–404. doi: 10.1038/nri3671

 15. Weisheit CK, Engel DR, Kurts C. Dendritic cells and macrophages: sentinels in the kidney. Clin J Am Soc Nephrol. (2015) 10:1841–51. doi: 10.2215/CJN.07100714

 16. Månsson LE, Melican K, Boekel J, Sandoval RM, Hautefort I, Tanner GA, et al. Real-time studies of the progression of bacterial infections and immediate tissue responses in live animals. Cell Microbiol. (2007) 9:413–24. doi: 10.1111/j.1462-5822.2006.00799.x

 17. Melican K, Boekel J, Månsson LE, Sandoval RM, Tanner GA, Källskog Ö, et al. Bacterial infection-mediated mucosal signalling induces local renal ischaemia as a defence against sepsis. Cell Microbiol. (2008) 10:1987–98. doi: 10.1111/j.1462-5822.2008.01182.x

 18. Terlizzi ME, Gribaudo G, Maffei ME. UroPathogenic Escherichia coli (UPEC) infections: virulence factors, bladder responses, antibiotic, and non-antibiotic antimicrobial strategies. Front Microbiol. (2017) 8:1566. doi: 10.3389/fmicb.2017.01566

 19. Melican K, Sandoval RM, Kader A, Josefsson L, Tanner GA, Molitoris BA, et al. Uropathogenic Escherichia coli P and Type 1 fimbriae act in synergy in a living host to facilitate renal colonization leading to nephron obstruction. PLOS Pathog. (2011) 7:e1001298. doi: 10.1371/journal.ppat.1001298

 20. Jung S, Aliberti J, Graemmel P, Sunshine MJ, Kreutzberg GW, Sher A, et al. Analysis of fractalkine receptor CX3CR1 function by targeted deletion and green fluorescent protein reporter gene insertion. Mol Cell Biol. (2000) 20:4106–14. doi: 10.1128/MCB.20.11.4106-4114.2000

 21. Yona S, Kim K-W, Wolf Y, Mildner A, Varol D, Breker M, et al. Fate mapping reveals origins and dynamics of monocytes and tissue macrophages under homeostasis. Immunity. (2013) 38:79–91. doi: 10.1016/j.immuni.2012.12.001

 22. Madisen L, Zwingman TA, Sunkin SM, Oh SW, Zariwala HA, Gu H, et al. A robust and high-throughput Cre reporting and characterization system for the whole mouse brain. Nat Neurosci. (2010) 13:133–40. doi: 10.1038/nn.2467

 23. Looney MR, Thornton EE, Sen D, Lamm WJ, Glenny RW, Krummel MF. Stabilized imaging of immune surveillance in the mouse lung. Nat Methods. (2011) 8:91–6. doi: 10.1038/nmeth.1543

 24. Choong FX, Sandoval RM, Molitoris BA, Richter-Dahlfors A, . Chapter three - multiphoton microscopy applied for real-time intravital imaging of bacterial infections in vivo. In: Conn PM, editor. Methods in Enzymology Imaging and Spectroscopic Analysis of Living Cells. New York, NY: Academic Press (2012). p. 35–61. 

 25. Nelson PJ, Rees AJ, Griffin MD, Hughes J, Kurts C, Duffield J. The renal mononuclear phagocytic system. J Am Soc Nephrol. (2012) 23:194–203. doi: 10.1681/ASN.2011070680

 26. Snelgrove SL, Kausman JY, Lo C, Lo C, Ooi JD, Coates PT, et al. Renal dendritic cells adopt a pro-inflammatory phenotype in obstructive uropathy to activate T cells but do not directly contribute to fibrosis. Am J Pathol. (2012) 180:91–103. doi: 10.1016/j.ajpath.2011.09.039

 27. Kitching AR, Ooi JD. Renal dendritic cells: the long and winding road. J Am Soc Nephrol. (2018) 29:4–7. doi: 10.1681/ASN.2017101145

 28. Schiwon M, Weisheit C, Franken L, Gutweiler S, Dixit A, Meyer-Schwesinger C, et al. Crosstalk between sentinel and helper macrophages permits neutrophil migration into infected uroepithelium. Cell. (2014) 156:456–68. doi: 10.1016/j.cell.2014.01.006

 29. Tittel AP, Heuser C, Ohliger C, Knolle PA, Engel DR, Kurts C. Kidney dendritic cells induce innate immunity against bacterial pyelonephritis. J Am Soc Nephrol. (2011) 22:1435–41. doi: 10.1681/ASN.2010101072

 30. Schulz A, Chuquimia OD, Antypas H, Steiner SE, Sandoval RM, Tanner GA, et al. Protective vascular coagulation in response to bacterial infection of the kidney is regulated by bacterial lipid A and host CD147. Pathog Dis. (2018) 76:fty087. doi: 10.1093/femsle/fty087

 31. Gautier EL, Shay T, Miller J, Greter M, Jakubzick C, Ivanov S, et al. Gene-expression profiles and transcriptional regulatory pathways that underlie the identity and diversity of mouse tissue macrophages. Nat Immunol. (2012) 13:1118–28. doi: 10.1038/ni.2419

 32. Day Y-J, Huang L, Ye H, Linden J, Okusa MD. Renal ischemia-reperfusion injury and adenosine 2A receptor-mediated tissue protection: role of macrophages. Am J Physiol Ren Physiol. (2005) 288:F722–31. doi: 10.1152/ajprenal.00378.2004

 33. Ferenbach DA, Sheldrake TA, Dhaliwal K, Kipari TMJ, Marson LP, Kluth DC, et al. Macrophage/monocyte depletion by clodronate, but not diphtheria toxin, improves renal ischemia/reperfusion injury in mice. Kidney Int. (2012) 82:928–33. doi: 10.1038/ki.2012.207

 34. Wang J, Kubes P. A reservoir of mature cavity macrophages that can rapidly invade visceral organs to affect tissue repair. Cell. (2016) 165:668–78. doi: 10.1016/j.cell.2016.03.009

 35. Mujal AM, Krummel MF. Immunity as a continuum of archetypes. Science. (2019) 364:28–9. doi: 10.1126/science.aau8694

Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Copyright © 2019 Sedin, Giraud, Steiner, Ahl, Persson, Melican, Richter-Dahlfors and Phillipson. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.












	
	ORIGINAL RESEARCH
published: 08 January 2020
doi: 10.3389/fimmu.2019.02988






[image: image2]

Optimization of In vivo Imaging Provides a First Look at Mouse Model of Non-Alcoholic Fatty Liver Disease (NAFLD) Using Intravital Microscopy

Rachelle P. Davis1,2, Bas G. J. Surewaard1,2,3, Madison Turk1,2, Agostina Carestia1,2, Woo-Yong Lee2,3, Björn Petri1,2, Stefan J. Urbanski4, Carla S. Coffin1,5 and Craig N. Jenne1,2*


1Department of Microbiology, Immunology, and Infectious Diseases, University of Calgary, Calgary, AB, Canada

2Snyder Institute for Chronic Diseases, University of Calgary, Calgary, AB, Canada

3Department of Physiology and Pharmacology, University of Calgary, Calgary, AB, Canada

4Department of Pathology and Laboratory Medicine, University of Calgary, Calgary, AB, Canada

5Department of Medicine, Cumming School of Medicine, University of Calgary, Calgary, AB, Canada

Edited by:
Valentin A. Pavlov, Northwell Health, United States

Reviewed by:
Giovanni Tarantino, University of Naples Federico II, Italy
 Dimitrios Davalos, Cleveland Clinic Lerner College of Medicine, Case Western Reserve University, United States

*Correspondence: Craig N. Jenne, cnjenne@ucalgary.ca

Specialty section: This article was submitted to Inflammation, a section of the journal Frontiers in Immunology

Received: 03 July 2019
 Accepted: 05 December 2019
 Published: 08 January 2020

Citation: Davis RP, Surewaard BGJ, Turk M, Carestia A, Lee W-Y, Petri B, Urbanski SJ, Coffin CS and Jenne CN (2020) Optimization of In vivo Imaging Provides a First Look at Mouse Model of Non-Alcoholic Fatty Liver Disease (NAFLD) Using Intravital Microscopy. Front. Immunol. 10:2988. doi: 10.3389/fimmu.2019.02988



Non-alcoholic fatty liver disease is a spectrum of liver pathology ranging from simple steatosis to steatohepatitis and can progress to diseases associated with poor outcomes including cirrhosis and hepatocellular carcinoma (HCC). NAFLD research has typically focused on the pathophysiology associated with lipid metabolism, using traditional measures such as histology and serum transaminase assessment; these methods have provided key information regarding NAFLD progression. Although valuable, these techniques are limited in providing further insight into the mechanistic details of inflammation associated with NAFLD. Intravital microscopy (IVM) is an advanced tool that allows for real-time visualization of cellular behavior and interaction in a living animal. Extensive IVM imaging has been conducted in liver, but, in the context of NAFLD, this technique has been regularly avoided due to significant tissue autofluorescence, a phenomenon that is exacerbated with steatosis. Here, we demonstrate that, using multiple imaging platforms and optimization techniques to minimize autofluorescence, IVM in fatty liver is possible. Successful fatty liver intravital imaging provides details on cell trafficking, recruitment, function, and behavior in addition to information about blood flow and vessel dynamics, information which was previously difficult to obtain. As more than 30% of the global population is overweight/obese, there is a significant proportion of the population at risk for NAFLD and complications due to NAFLD (liver decompensation, cirrhosis, HCC). IVM has the potential to elucidate the poorly understood mechanisms surrounding liver inflammation and NAFLD progression and possesses the potential to identify key processes that may be targeted for future therapeutic interventions in NAFLD patients.
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INTRODUCTION

Non-alcoholic fatty liver disease (NAFLD) is characterized by a spectrum of pathologies ranging from simple hepatocyte steatosis to non-alcoholic steatohepatitis (NASH) (1). Individuals with NAFLD, and especially those with NASH, are at risk of progression to more significant liver disease such as cirrhosis and hepatocellular carcinoma (2). Typically, NAFLD is associated with a body mass index (BMI) > 35, diabetes, dyslipidemia, and the metabolic syndrome (3). It is estimated that 30% of the North American population is overweight or obese, suggesting a significant proportion of the population is at risk for NAFLD (4). In the United States, NAFLD/NASH has become the leading cause of end-stage liver disease requiring liver transplantation (5). Due to the significant burden of NAFLD/NASH, to both society and to the health care system, there is an urgent need to develop improved pre-clinical animal models for the testing of new therapies as well as improving our understanding of mechanisms of disease pathogenesis. Although the methionine-choline deficient diet (MCD) is a common mouse model of NASH, in many ways it does not accurately recapitulate the chronic microenvironment remodeling that occurs in humans with NAFLD (6). Specifically, MCD models of NAFLD try to replicate disease using a short 2 to 3 week time frame. It is thought this rather “acute” model of liver disease does not accurately recapitulate the chronic tissue remodeling that occurs over a period of decades in humans. Considering this, we have implemented a 20 week high fat diet (HFD) for mice that better models the clinical course of NAFLD development (7).

Although first utilized in the middle of the nineteenth century (8–10), intravital microscopy (IVM) has, over the past two decades, moved to the forefront for tracking cell behavior in real-time, in living animals (11–15). This approach provides remarkable insight into in cell dynamics and in vivo disease progression within intact tissues. One of the most studied organs by IVM is the liver. In addition to having a central role in metabolism and protein synthesis, the liver is also an important front-line immune tissue. The liver is crucial for pathogen clearance from the circulation, immunosurveillance, and is a common site for both primary and metastatic cancers (11, 16–19). In fact, more than 800 papers have been published using IVM in the liver (20). Although mouse models of disease have proven extremely useful for studying immune cell interactions in infection and tissue repair (21–23), there remains a distinct gap in the IVM literature with regards to mouse models of NAFLD. The primary reason for this paucity of studies is the notoriously difficult and unique issues involved with imaging a fatty liver. The liver is known to possess a relatively strong profile of autofluorescence, which is greatly exacerbated in conditions of lipid accumulation (24). Due to this significant imaging obstacle, fluorescent IVM of NAFLD in a mouse model has, in the past, been consistently avoided.

Autofluorescence in the liver originates from several sources and can have variable excitation and emission profiles. For example, vitamin A is naturally fluorescent and is found in relatively high concentration in hepatic stellate cells within the liver (25). Similarly, nicotinamide adenine dinucleotide (NADH) fluorescence is common within hepatocytes in the liver (25). Other sources of autofluorescence include metabolites and fatty acids (26). Many of these endogenous emission signals are present in the 400–500 nm range, and thus, the liver exhibits naturally high fluorescence using UV and 488 nm excitation lasers in particular (27). Importantly, this natural autofluorescence is enhanced by the lipid accumulation and metabolic stress that are hallmark in NAFLD. Following significant optimization, and in consideration of the biophotonics of liver imaging, we have developed a successful multicolour IVM approach that enables the study of this tissue in NAFLD mice. This article explains in detail the differences between imaging of fatty liver and healthy controls and delineates the methodological approach to successful image acquisition based on some of the different microscope platforms available.



MATERIALS AND METHODS


Mice and Model of NAFLD

C57Bl/6 mice were purchased from Jackson Laboratories (Bar Harbor, ME). Animals were housed in a pathogen-free environment at the University of Calgary. All experimental protocols were approved by the University of Calgary Animal Care Committee and were in compliance with guidelines from the Canadian Council for Animal Care (AC16-0040; AC18-0050). NAFLD mice were fed a high fat, high sucrose diet obtained from Dyets Inc (Bethlehem, PA) ad libitum for 20 weeks beginning at 6 weeks of age. Diet was a custom formula containing 40% fat, 40% sucrose, 20% protein. Control mice were fed standard mouse chow and housed in the same facility to ensure comparable microbiome.



Antibodies and Reagents

Conjugated antibodies used for in vivo imaging are as follows: PE-conjugated anti-CD49b (platelets), Alexa Fluor (AF) 647-conjugated anti-F4/80 (Kupffer cells), Brilliant Violet (BV) 421-conjugated anti-Ly6G (neutrophils), and PerCP/Cy5.5-conjugated anti-CD8a. All antibodies were purchased from Biolegend Inc. (San Diego, CA, USA). Antibodies were administered at a dose of 1–3 μg/animal intravenously (i.v.) 10 min prior to imaging. Polystyrene beads (Fluoresbrite YG microspheres 1.0 μm, Polysciences Inc., Washington, PA, USA) were injected intravenously during image acquisition to track blood flow and to measure Kupffer cell function. Rhodamine-conjugated dextran was used as vascular contrast agent for visualization of liver sinusoids; injected intravenously 10 min prior to imaging.



Intravital Microscopy

Surgical preparation of animals for intravital microscopy of the mouse liver was performed as previously described (28). After general anesthesia (10 mg/kg xylazine hydrochloride and 200 mg/kg ketamine hydrochloride), an i.v. catheter was inserted in the tail vein to administer fluorescently labeled antibodies or additional anesthetic directly into the bloodstream. For surgery, a laparotomy was performed, and the abdominal skin and peritoneum were removed to expose the liver. The falciform ligament was cut after securing the sternum away from the liver using a suture. The mouse was moved to a heated stage, to maintain body temperature throughout image acquisition, and placed on its right side. Using a wet cotton swab, the stomach was manipulated to maneuver the liver into place on a glass coverslip. The gastrointestinal tract was moved away from the liver and secured by wrapping in wet gauze. One layer of wet tissue was placed on the liver to preserve physiological conditions, prevent drying, and diminish movement. Imaging was performed using an inverted Leica SP8 resonance-scanning microscope (Leica Microsystems) with a 25× water-immersion objective lens. For spinning-disk microscopy an inverted microscope (IX81; Olympus) was used, equipped with a focus drive (Olympus), a motorized stage (Applied Scientific Instrumentation), and fitted with a motorized objective turret equipped with 20×/0.70 UPLANSAPO objective lenses coupled to a confocal light path (WaveFx; Quorum Technologies) based on a modified CSU-10 head (Yokogawa Electric Corporation).



IVM Analysis

For vessel diameter, sinusoids were manually measured using the LasX software ruler. Each FOV had 10 sinusoidal measurements to accurately represent the entire FOV. For cell/particle quantification, random fields of view (FOV) were chosen and the number of events were counted for a given frame. For blood flow velocity, sinusoids between 80 and 120 μm of length were identified and the velocity of fluorescent beads passing through these sinusoids was measured. For each bead, a time measurement in seconds to traverse the measured distance was recorded. Distance was divided by time, and the measurements were repeated in a minimum of five sinusoids/FOV.

[image: image]

To calculate flow rate, sinusoidal measurements of vascular diameter allowed for the calculation of the sinusoidal cross-section area. Blood velocity (from the bead calculations) was applied to determine the overall flow rate in μm3/s.

[image: image]

Cell behaviors as visualized by IVM were characterized as either stationary (cells that move <1 cell diameter in 3 min of imaging) or crawling (cells interacting with the endothelium and traversing >1 cell diameter in 3 min).



Histology and Alanine Aminotransferase (ALT) Measurements

Following euthanasia, liver samples were collected and fixed in formalin. Paraffin embedding was performed, and 4.0 μm sections were stained with hematoxylin and eosin (H&E). All mouse slides were assessed by a blinded hepatopathologist to determine the degree of steatosis, the presence of inflammation and hepatocyte ballooning. Blood was collected via cardiac puncture using a 1:10 dilution of 4% sodium citrate (Sigma Aldrich), and then centrifuged at 1,000 × g for 10 min to obtain plasma. Blood plasma samples were sent to Calgary Lab Services (CLS, Calgary, Canada) and ALT measurements were performed to assess degree of liver tissue damage.



Progressive Emission Filter Scan (Lambda Scan)

Marked autofluorescence can be observed in tissues depending on the excitation/emission spectra used. To assemble a complete fluorescence profile of the liver, the Lambda Scan feature of LasX software (Leica microsystems) was utilized. Fixed excitation wavelength lasers were used, one at a time, and emission filters positioned in front of HyD detectors were set to function as 50 nm-wide band pass filters. Scanning was performed using 20 nm step-wise advancements of the emission filter via automated algorithm; settings were as follows: for the 405 nm excitation laser (50% power), emission filters scanned from 425 to 775 nm; for the 488 nm excitation laser (10% power), emission filters scanned from 510 to 760 nm; for the 552 nm excitation laser (10% power), emission filters scanned from 560 to 770 nm; and for the 638 nm excitation laser (5% power), emission filters scanned from 645 to 775 nm. Snapshots for individual excitation wavelengths were captured at each 20 nm interval within the scan range.



Statistical Analysis

With the exception of velocity measurements, a Student's T-test was used to determine statistical significance in all instances. For comparison of velocity measurements, a One-way ANOVA with Tukey post-test was used. All reported measurements represent the mean of 5 FOV/animal. N = 5 animals/group, *p < 0.05, **p < 0.01, ***p < 0.001.




RESULTS


20 Week HFD Generates a Reproducible NAFLD Phenotype With Elevated Autofluorescence

To determine the liver phenotype following HFD for 20 weeks, animal body mass, liver damage, and lipid accumulation was assessed in mice fed HFD and in age-matched controls. Mice on HFD had significantly increased body mass compared to age-matched control animals (Figure 1A). Plasma ALT levels indicated significant hepatic damage in HFD mice compared to controls (Figure 1B) and histological analysis of the liver revealed marked lipid deposition within hepatocytes of HFD mice, whereas minimal steatosis was observed in controls (Figure 1C). Overall, mice fed an HFD show a consistent NAFLD phenotype, involving weight gain, steatosis, and elevated ALT levels validating the selected mouse model of NAFLD. The steatosis observed in mice fed HFD resulted in significant liver autofluorescence in a wide range of wavelengths when imaged by IVM (Figure 1D). Even in the absence of added fluorescent labels or dyes, strong background autofluorescence dotted with foci of high intensity signal are seen throughout the liver, in multiple emission wavelengths.


[image: Figure 1]
FIGURE 1. Establishment of a mouse model of NAFLD. Animals were fed either SD or HFD for 20 w and animal weight (A) and plasma ALT levels (B) were measured. Histology of the mouse liver reveals normal tissue architecture in animals fed SD (Ci), whereas, animals fed HFD (Cii) display pronounced steatosis and hepatocyte ballooning. IVM imaging of unstained liver (i.e., no exogenous fluorophores or dyes added) shows an overall autofluorescence dotted by focal intense spots of fluorescence (white spots in the overlay image) (scale bar = 100 μm) (D). ***p < 0.001.




Lambda Scanning for Autofluorescent Profile Mapping

As illustrated in Figure 1D, lipid dense tissues demonstrate significant autofluorescence when visualized by confocal microscopy. To better map the specific wavelengths of light attributed to this autofluorescent signal a spectral scan was performed. A spectral scan involves imaging a given tissue with a fixed excitation wavelength and a narrow, step-wise shifting emission filter. In a scan, a single excitation laser is used, and fluorescence is captured for each of a series of sequential detection filter ranges. For example, fluorescence is captured through a series of sequential, overlapping 50 nm gates (400–450, 420–470, 440–490 nm, etc.) With this approach, we mapped the complete autofluorescent signature of the liver for each excitation laser (Supplemental Figure 1).

Mapping the autofluorescence profile in this manner is informative regarding which specific fluorophores should be avoided (emission overlap with regions of high autofluorescence), and which fluorophores may be better options. With respect to the Leica SP8 imaging platform, spectral mapping can be done through an automatic feature, the Lambda Scan, where both the emission detector bandwidth and number of imaging steps can be specified. Lambda scanning was performed on NAFLD mice to map the full autofluorescence profile. Results show substantial autofluorescence between 450 and 520 nm when excited by the 405 nm laser and between 550 and 650 nm when excited by the 488 nm laser. Additionally, discrete, punctate autofluorescence can been seen in most imaging windows. We utilized this spectral scan to choose antibodies: those that have a higher Stokes shift (maximal separation of excitation and emission spectra of a given fluorophore) and are excited outside of the 488/552 nm range to avoid the autofluorescent characteristics of fatty liver.



IVM Image Acquisition: Optimization for NAFLD and Microscope Platform

To minimize the autofluorescence phenomenon, and to ensure it was possible to identify and track multiple cell populations within a fatty liver, we employed several optimization strategies. First, microscope settings were selected to utilize sequential scanning. This approach involves cycling each excitation laser on and off in a sequence, to minimize the collection of non-specific light (background) from sub-optimal excitation (i.e., excite with single wavelengths sequentially as opposed to multiple excitation wavelengths simultaneously). Often, multiple laser lines are switched on together, allowing for simultaneous excitation and visualization of multiple fluorophores by different optical detectors. Although this approach supports rapid imaging of samples, it can generate unwanted fluorescence through off-peak excitation of fluorescent compounds or molecules. For example, molecules that are normally not excited by a 488 nm laser may be excited by a 405 nm laser and bleed into photodetectors used to image fluorophores excited by the 488 nm laser. In this case, ensuring the 405 nm laser is off when imaging with the 488 nm laser will limit excitation and bleed through of unintended fluorescent signals.

Additionally, the use of a tunable Spectral Detector emission filter located before the optical detectors [photomultiplier tubes (PMTs) or hybrid gapless detectors (HyDs)] allowed us to narrow the wavelength range of the captured emission fluorescence (Figure 2A). This process allows us to maximize detection of desired emission spectra while “cropping-out” non-specific autofluorescence spectral overlap signal. Although narrowing the emission filter captures less light, this is outweighed by the advantage of excluding background and spectral overlap from other fluorophores.


[image: Figure 2]
FIGURE 2. Optimization of IVM of murine NAFLD. (A) Schematic representation of the imaging strategy utilizing narrower emission filters (red and blue boxes) that have been shifted away from peak fluorophore emission to limit the collection of non-specific spectral overlap (yellow shading). IVM of liver using resonant scanning confocal microscopy with conventional filter settings in animals fed SD (Bi) or HFD (Bii). RSC imaging of livers from mice fed SD (Biii) or HFD (Biv) using optimized (narrowed filters, off-peak fluorescence collection, sequential excitation) imaging parameters yields substantially less background autofluorescence and allows for clear visualization of multiple labeled immune cell populations. Cell populations were labeled with i.v. fluorophore-conjugated antibodies 10 min prior to imaging (scale bar = 50 μm). Additionally, lipid deposits are visible in the liver of mice fed HFD (Bv, white outlines; same FOV as Biv). IVM of liver using spinning disk microscopy in animals fed SD (Ci) or HFD (Cii). Animals were i.v. injected with fluorophore-conjugated antibodies 10 min prior to imaging (scale bar = 50 μm).


To compensate for the loss of collected fluorescent signal resulting from the use of narrow emission filters, other settings required adjustment to compensate. The resonance scanning confocal microscope (RSM) platform used in these experiments was equipped with a mix of PMTs and HyDs for signal detection. Whereas, PMTs are excellent at imaging bright fluorophores or fluorophores with emissions below 400 nm or above 750 nm, they often require high excitation laser power and substantial signal amplification (gain) at the detector (Supplemental Table 1). In contrast, HyD-based detectors are significantly more sensitive, allowing for detection of dimmer signals with less electronic amplification (thus less signal noise), ideal for imaging through narrow wavelength emission filters. Additionally, using an RSM allowed for the adjustments to be made to the optical pinhole diameter, increasing photon capture. Normally, a smaller pinhole allows for the capture of less out-of-focus light rendering a higher resolution image; however, opening the pinhole slightly maximizes light capture with minimal sacrifice of image resolution. Pinhole adjustments are possible and straightforward on most scanning confocal imaging platforms. In contrast, although possible, adjusting the pinhole diameter on most spinning-disk microscope platforms is not simple and often requires additional hardware installation (29). Optimal imaging of the autofluorescent liver requires balance of all these settings; therefore, careful consideration of fluorophore combinations is needed in order to acquire the best image possible with minimal background.

The livers of mice fed a SD can be effectually and clearly imaged utilizing conventional settings (Supplemental Table 2) on an RSM (Figure 2Bi); however, imaging of cellular targets labeled with fluorophore-conjugated antibodies is nearly impossible in the liver of mice fed an HFD (Figure 2Bii). Although application of sequential imaging, narrow emission filters, and optimized pinhole can enhance imaging of livers in SD mice (Figure 2Biii), this approach is more critical in HFD mice where specific fluorophore signals that could not previously be separated from autofluorescence are now imaged as discrete, discernable markers (Figure 2Biv). This approach not only allowed for clear visualization of specific labels, but also highlighted anatomical changes in the liver with lipid deposits now easily identifiable as dark circular structures located between the liver sinusoids (outlined in white, Figure 2Bv).

Following optimization of fatty liver imaging on an RSM platform, we next compared image quality to that obtained on a spinning-disk microscope (fixed pinhole diameter, non-tunable emission detectors, camera-based images as compared to PMT/HyD-based imaging on RSM). It should be noted that although our spinning-disk microscope utilizes multiple excitation laser wavelengths, these laser lines are not identical to the RSM platform (491, 561, and 642 nm for SDM vs. 405, 488, 552, and 638 nm for RSM). This makes use of the identical labeling antibodies difficult, and thus comparison of specific markers is not optimal; however, general comparison of background fluorescence and the separation of signal from noise/background is possible. Imaging healthy livers (SD) using a spinning-disk microscope yields clear images, capable of discerning multiple fluorescent markers and tracking several cell types in real-time (Figure 2Ci). This imaging is very comparable to what is captured in SD mice using the optimized RSM protocol (Figure 2Bii). Importantly, when imaging the liver of mice fed a HFD, spinning-disk microscopy demonstrates limitations (Figure 2Cii). Due to the fixed (glass) band-pass filters located in front of the image capture CCD camera, it is difficult to optimize imaging windows to enhance signal collection while limiting non-specific spectral bleed-through. In much the same fashion as the non-optimized RSM (Figure 2Bii), spinning-disk microscopy of liver in HFD animals captures numerous patches of generalized autofluorescence and a punctate pattern of high intensity signal in multiple channels (appearing as white spots). In contrast, optimized RSM of HFD livers reduces the diffuse autofluorescence and eliminates the high intensity autofluorescent areas (Figure 2Biv), allowing for tracking of several cell types within this diseased liver.



IVM to Visualize Liver Physiology and Cell Tracking

The greatest advantage of IVM over other techniques (histology, FACS, etc.) is the ability to assess intact tissues under physiological conditions. Intravenous delivery of fluorophore-conjugated albumin rapidly highlights the vasculature, permitting the identification, and tracing of the living network of liver sinusoids and venules. The use of this vascular contrast agent in mice fed SD illustrates a dense honeycomb of liver sinusoids that converge on larger draining venules (Figure 3Ai). This vasculature is interwoven with clear columns of hepatocytes separating the sinusoids (Figure 3Aiii). In contrast, the liver vasculature of mice fed a HFD (Figures 3Aii,iv) demonstrates a restricted and convoluted network that bends and wraps around the hepatocyte lipid deposits (dark circular voids in Figure 3Aiv) associated with the steatosis seen in NAFLD. Direct measurement of the images allowed us to determine vascular diameter (Figure 3B). Assessment of multiple vessels per field of view (FOV), and multiple FOVs per animal provided an overall picture of vascular physiology and demonstrates statistically narrower liver sinusoids in the HFD mice. Furthermore, by introducing fluorescently-conjugated antibodies to label platelets, or i.v. injection of fluorescent polystyrene beads (1 μm in diameter), we were able to determine the blood flow velocity within the liver sinusoids. Combining this velocity, with vascular diameters allows for the calculation the overall hepatic blood flow (Figure 3C). Not surprisingly, given the restriction in vascular diameter, animals fed HFD demonstrated significantly reduced blood flow through the hepatic sinusoids when compared to blood flow in the livers of healthy mice.


[image: Figure 3]
FIGURE 3. Assessment of fatty liver physiology using IVM. Mapping of liver vasculature in mice fed SD (Ai) or HFD (Aii) using an i.v. injection of FITC-conjugated albumin (red). Overlay of hepatocyte fluorescence with vascular contrast agent (SD, Aiii; HFD, Aiv) (scale bar = 50 μm). (B) Mean liver sinusoidal diameter as measured by IVM (values represent vascular diameter in μm, mean of >10 sinusoids/FOV; 5 FOV/animal, n = 3 animals per group). Mean sinusoidal blood flow rate as determined by IVM (C). Rate was calculated by measuring the sinusoidal cross-sectional area and blood velocity (as determined by velocity of i.v. injected fluorescent beads) and values are reported as μm3/s. ***p < 0.001; **p < 0.01.


IVM is not restricted to assessing vascular function and blood flow dynamics in the liver. Intravenous introduction of fluorophore-conjugated antibodies against specific cell surface markers, or the use of mice expressing fluorescent reporter proteins, allows specific cell populations to be labeled and tracked in real-time. Through the addition of anti-Ly6G (labels neutrophils), anti-F4/80 (labels macrophage), anti-CD8 (labels cytotoxic T cells), and anti-CD49b (labels platelets and NK cells) we were able to visualize and track multiple cell populations in simultaneously in the living animal (Figure 4A) (14, 17, 21, 23). With this approach we directly enumerated the number of cells visible per FOV (Figures 4B,C) and characterized cellular behavior (Figures 4D,E). For example, tracking of neutrophils within the liver vasculature revealed significantly more stationary cells than crawling cells in the fatty liver (Figure 4D). This observation is consistent with what has been observed in livers of healthy mice where few actively crawling cells are seen (13, 30).


[image: Figure 4]
FIGURE 4. Tracking of immune cell behavior and function in fatty liver by IVM. Fluorescent antibody labeling of multiple immune cell populations enables tracking of cell behavior and function by IVM (A). Cells were labeled by i.v. injection fluorophore-conjugated antibodies 10 min prior to imaging. Scale bar = 50 μm. (B) Quantification of the number of neutrophils (Ly6G+) and cytotoxic T cells (CD8+) by IVM in the livers of mice fed HFD (values represent the number of cells/FOV; minimum of 5 FOV/animal; n = 3 animals). (C) Quantification of the number of macrophage (F4/80+) by IVM in the livers of mice fed SD or HFD (values represent the number of cells/FOV; minimum of 5 FOV/animal; n = 3 animals per group). (D) IVM assessment of neutrophil behavior in the livers of mice HFD; 5 FOV/animal; n = 3 animals. (E) Determination of neutrophil (Ly6G+), cytotoxic T cell (CD8+) or intravascular bead velocity in the livers of mice fed HFD (values represent mean object velocity in μm/s from 5 FOV/animal; n = 3 animals). (F) Representative image obtained by IVM of sterile bead capture (bright green) by liver macrophage (F4/80+; red). Scale bar = 50 μm. (G) Quantification of bead capture in the liver (values represent the number of beads/FOV; minimum of 5 FOV/animal; n = 3 animals). (H) Determination of the fraction of macrophage that have captured a minimum of 1 bead (values represent the % of macrophages binding beads/FOV; minimum of 5 FOV/animal; n = 3 animals). (I) Determination of fraction of macrophage that have bound multiple beads (values represent the % of macrophages binding multiple beads/FOV; minimum of 5 FOV/animal; n = 3 animals). ***p < 0.001; **p < 0.01; *p < 0.05.


Moreover, as these images and associated videos are collected in real time, we are able measure the velocity of the crawling cells and the velocity of circulating fluorescent beads (Figure 4E). In this instance, we have determined that neutrophils move significantly faster than CD8+ T cells but are significantly slower than objects (beads) observed freely circulating in the bloodstream. One of the primary immune functions of the liver is to filter circulating pathogens from the blood; a process that is largely mediated by the liver-resident macrophage population, the Kupffer cells (KC) (31, 32). Through the introduction of small (1 μm), sterile, fluorescent polystyrene beads into the circulation, we were able to visualize KC binding and capture of the circulating microspheres (Figure 4F). Comparison of target capture in healthy mice and mice fed an HFD demonstrated a reduced capacity for pathogen clearance in the fatty liver (Figure 4G) as reflected by a significant reduction in bead capture. Importantly, because we were able to directly visualize these immune responses, we determined that the observed deficiency in bead capture stems from both a reduced number of KCs “catching” beads (Figure 4H) and, a reduced capacity, on a per cell basis, to capture multiple targets (Figure 4I). These basic analyses demonstrate the power of IVM to assess liver physiology and immune function within a living, intact tissue and offer the ability to shed light on key processes (immune cell recruitment, cell behavior, cell-cell interactions, vascular tone, and blood flow) associated with disease progression and liver dysfunction within the context of fatty liver disease.




DISCUSSION

In the current study, we demonstrate how IVM can be used to study liver physiology and immune cell behavior in a murine model of NAFLD in animals receiving long-term HFD. To our knowledge, this technique for imaging NAFLD has not been reported to date. Optimization of multi-color imaging provides a new approach to study NAFLD in a living animal in real-time. Although many different murine models of NAFLD exist, each with their own advantages/disadvantages, the model chosen for this study involves a 20 week HFD. This model not only recapitulates the key clinical features of NAFLD (based on histology and serology), but also allows adequate time for critical immune and tissue reprogramming (macrophage phenotypes, T cell subsets) and remodeling (vascular structure, fibrosis). This reprogramming is critically important when one considers the diverse population of liver resident immune cell populations and phenotypes (Kupffer cells, iNKT cells, NK cells, etc.). We believe this chronic model is a more accurate depiction of human disease progression, a condition that takes decades to develop in patients, affording time for immune cell populations to reprogram to respond to increased hepatocyte stress and tissue remodeling.

For more than two decades, IVM has been used to study liver biology and immune responses. Utilizing technologies ranging from white light microscopy to epifluorescence, confocal microscopy (spinning disk, laser scanning, resonant scanning) and multiphoton microscopy, we have gained much knowledge of liver physiology, inflammation, tissue repair, and host-pathogen interactions (23, 33–38). Although these approaches have generated a wealth of information by mapping cell behaviors, cell-cell interactions and generating detailed 3D renderings of liver anatomy, most studies have only looked at healthy livers or at tissues following acute challenge (infection, sterile injury). Liver conditions such as NAFLD, where there is substantial accumulation of lipid within the liver and critical changes in mitochondrial physiology (39, 40), often alter the fluorescent properties of the liver tissue itself. Although this has little impact on techniques such as white light microscopy, the impact on fluorescent imaging is far more significant. As we have demonstrated, NAFLD results in increased autofluorescence within the diseased liver, which makes the tracking of fluorescently labeled targets quite difficult with standard imaging approaches. Through the use of advanced microscope technologies, technologies that in recent years have become accessible and available to many research institutions, and careful optimization of intravital imaging parameters, it is now possible to track multiple populations of individual immune cells within a mouse model of NAFLD. It should be noted that imaging strategies described herein have been optimized on a Leica SP8 microscope. Although overall optimization approaches are applicable across multiple platforms, specific settings (laser power, detector sensitivity/exposure time, pinholes, etc.) will likely have to be empirically determined on each individual imaging platform for best performance.

This new imaging capability opens important doors in the area of NAFLD research, allowing us to address a myriad of different questions that are simply not possible with other techniques; How does a fatty liver respond to pathogen challenge? How do resident immune cells respond to potential pharmacological therapeutics in a fatty liver? How do leukocyte populations interact with each other and with the liver parenchyma? By visualizing tissue physiology, blood flow, pathogen interactions, and cell behaviors within intact living tissues, in real-time, these questions can now be answered. For example, multiple studies have noted an increase in macrophage or decrease in CD4+ T cell populations in the liver during the development of NAFLD but these studies have not completely determined how these cell populations interact within the liver microenvironment nor have they fully mapped how these populations contribute to disease progression (41–43). Given the central role the immune system plays in the progression of liver disease, results in this context will be critical to advance understanding of disease pathogenesis as well as therapeutic interventions for patients with NAFLD.

Due to the elevated autofluorescence found in a fatty liver, accurate real-time imaging has been difficult to achieve (24). RSM provides an attractive platform due its wide range of possible image acquisition settings, highlighting the effectiveness of this technology as a suitable platform for IVM imaging in NAFLD. Further, features such as the Lambda Scan can provide additional detail on spectral regions of fluorescence that can be avoided prior to the development of labeling panels and further image optimization. In fact, this approach of spectral Lambda Scanning and emission filter shifting/optimization could be applied to various types of tissue known to exhibit significant autofluorescence to gain the same insight, and image quality (Supplemental Figure 2). The experimental approaches and data presented in this study provides detailed step-by-step information to optimize IVM imaging in any tissue with marked background fluorescence and provides important considerations to be included in model development by microscopists in both beginner and advanced stages of training. Importantly, IVM is not limited to RSM or spinning-disk microscopy. Additional imaging platforms including widefield fluorescence and two-photon microscopy each have their own advantages and disadvantages with respect to IVM of the liver. For example, two-photon imaging does not require a pinhole, typically results in reduced photodamage, generates less out-of-focus fluorescence and often has higher sensitivity for some fluorophores (20). We did not explore the feasibility of this platform in the imaging of fatty liver in the current work. A recent study has suggested application of this platform for imaging fixed murine fatty liver tissue samples is possible (44); however, an extensive workup of autofluorescence profiles, optimization for imaging multiple cell populations, and application to live animals remains to be completed.

Although this study has demonstrated the power of IVM, there are limitations that should be acknowledged. First, IVM can be restricted in the number of cell types that can be labeled at one time. Typically, the number of colors used is anywhere from one to five, but some studies have visualized up to eight markers in a single liver. This limitation in the number of markers that can be imaged means that observations are often simplified and cannot distinguish specific cell subsets in the same way flow cytometry can. Additionally, many markers used for flow cytometry simply are not bright enough in vivo or are based on intracellular targets requiring cell permeabilization prior to labeling making these markers not suitable for IVM. Furthermore, this study did not include the use of multiphoton imaging, a technique that has become increasingly common due to its longer wavelengths allowing for greater tissue penetration and often less autofluorescence.

The obesity epidemic is staggeringly prominent in North America, and NAFLD is quickly becoming the number one indication for liver transplant (45, 46). Considering this, it becomes imperative to delineate the mechanisms associated with the inflammatory progression of NAFLD and provide new techniques to intimately examine the liver microenvironment in the context of NAFLD. We believe the data presented here provides critical new avenues for NAFLD research and represents an exciting new platform for exploration and discovery, especially in the context of immunity. Further experiments using IVM in a mouse model of NAFLD can expose crucial differences in leukocyte trafficking and behavior that may be altered in a NAFLD setting and can provide greater detail into immune mediated fibrosis and functional immune differences that may exist within NAFLD.
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Neutrophil extracellular traps (NETs) contribute to pathological disorders, and their release was directly linked to numerous diseases. With intravital microscopy (IVM), we showed previously that NETs also contribute to the pathology of systemic inflammation and are strongly deposited in liver sinusoids. Over a decade since NET discovery, still not much is known about the metabolic or microenvironmental aspects of their formation. Copper is a vital trace element essential for many biological processes, albeit its excess is potentially cytotoxic; thus, copper levels are tightly controlled by factors such as copper transporting ATPases, ATP7A, and ATP7B. By employing IVM, we studied the impact of copper on NET formation during endotoxemia in liver vasculature on two mice models of copper excess or deficiency, Wilson (ATP7B mutants) and Menkes (ATP7A mutants) diseases, respectively. Here, we show that respective ATP7 mutations lead to diminished NET release during systemic inflammation despite unaltered intrinsic capacity of neutrophils to cast NETs as tested ex vivo. In Menkes disease mice, the in vivo effect is mostly due to diminished neutrophil infiltration of the liver as unmutated mice with a subchronic copper deficiency release even more NETs than their controls during endotoxemia, whereas in Wilson disease mice, excess copper directly diminishes the capacity to release NETs, and this was further confirmed by ex vivo studies on isolated neutrophils co-cultured with exogenous copper and a copper-chelating agent. Taken together, the study extends our understanding on how microenvironmental factors affect NET release by showing that copper is not a prerequisite for NET release but its excess affects the trap casting by neutrophils.

Keywords: endotoxemia, sepsis, neutrophils, neutrophil extracellular traps, trace elements, copper, Menkes disease, Wilson disease


INTRODUCTION

The capacity to cast neutrophil extracellular traps (NETs) by neutrophils was described 15 years ago, yet not all aspects or mechanisms of their release were revealed thus far (1). NETs are still being studied mostly using isolated neutrophils, but it seems critical to follow their release in vivo where NET formation might be affected by additional factors such as the presence of other cell populations (specific to the organ as well as other leukocytes) and microenvironment conditions such as local plasma content. In particular, the immunometabolic requirements for NET release are still ambiguous, including requirement for some macro- and micronutrients. Thus, far, only zinc dependency of NETs was reported (2), whereas impact of iron was inconclusive as various chelating agents were either stimulating or inhibiting NET formation (3, 4). NETs are structures released by highly activated neutrophils whose backbone consists of DNA decorated with nuclear histones and granular proteins such as antimicrobials (e.g., defensins) and proteases (e.g., neutrophil elastase, NE), but also cytoplasmic and cytoskeletal proteins (1, 5). While originally NETs were believed to be beneficial for the host defense via their capacity to capture and immobilize pathogens (1, 6), it was subsequently recognized that they can also cause bystander damage or contribute to disease outbreak or relapses (7–9). This “Dr. Jekyll and Mr. Hyde phenotype” can be attributed to early and late stages of inflammation, respectively. One of conditions in which release of NETs goes from beneficial [early blood bacterial trapping (10)] to detrimental [delayed organ damage (7)] is sepsis and endotoxemia (6). As systemic inflammation is associated with high mortality, independently of the causative pathogen or just the presence of lipopolysaccharide (LPS)/endotoxin (11), this calls for new therapeutic strategies but first requires gaining detailed knowledge on the mechanisms of NET release. Recent studies have shown liver dysfunction as an early event in systemic inflammation (12), and intravital microscopy revealed that during sepsis or endotoxemia, NETs are released robustly into liver sinusoids of mice (6, 7, 10). Beyond systemic inflammation, there are multiple conditions in which liver is strongly affected, and some of them are connected with excess/deficiency of microelements (13–16).

Metal ions play an essential role in many biological processes acting as chemical catalyzers, structure stabilizers, gene regulators, and signaling molecules (17). This also includes immune processes as metal ions are essential for both leukocytes and pathogens (18) and transition metals/trace elements important in immunity include Fe, Zn, Mn, and Cu (18, 19). Interestingly, when PMA (a phorbol ester) was used to induce NETs, neutrophils contained void vacuoles with visibly reduced concentrations of Ca, Fe, Zn, and Cu but NETs themselves did not contain Cu although they did Ca, Fe, P, and S (20).

At the cellular level, copper serves as a cofactor in multiple proteins due to its redox ability (19, 21, 22). Its uptake (both dietary and peripheral distribution) occurs via membrane copper transporters, including CTR1 (23). Copper is important for the immune system function as macrophage and lymphocyte activities are diminished when it is deficient (24). As to neutrophils, their maturation is altered in copper-deficient individuals. In humans, neutropenia accompanying copper deficiency results from arrest of maturation of neutrophils (promyelocytes/metamyelocytes ratio is altered) (25) but most probably also from their impaired release from the bone marrow and decreased life span of circulating ones (26). Furthermore, anti-neutrophil antibodies were detected in the serum of copper-deficient patients, suggesting a possible reason for (partial) depletion of neutrophils (27). On the other hand, the excess of copper is highly toxic because this element is a potent inducer of reactive free radicals that can cause oxidative damage to proteins, lipids, and nucleic acids (21). Therefore, numerous mechanisms were developed to control copper levels, and they include P-type ATPases (ATP7A and ATP7B), which are involved in copper efflux and intracellular sequestration (21, 28). Mutations in Atp7a gene result in depletion of copper in the liver due to impaired intestinal copper intake while Atp7b mutations lead to systemic accumulation of copper due to impaired excretion by the liver (14, 16, 28–30). Therefore, we undertook the current study to verify the impact of copper excess and deficiency on NET release into liver sinusoids during systemic inflammatory reaction. The facts that directly prompted us to the investigation were the following: (i) neutrophil status is affected by the lack of copper (26), (ii) copper is released during NET formation (20), (iii) excess of copper affects the liver (31), (iv) NETs are strongly deposited in the liver during systemic inflammation (7, 10), and (v) deficiency of other trace elements was shown to affect NET release (2, 3). Since we aimed to primarily study NETs in situ in the liver vasculature, where they are formed during systemic inflammation, we used two mouse models of human genetic disorders in which copper homeostasis is disrupted, Menkes disease and Wilson disease. In addition, liver is one of the organs that is mostly affected by genetic copper excess (Wilson disease) (14) or marginal copper deficiency (leading to non-alcoholic fatty liver disease, NAFLD) (32).

Wilson disease patients present with progressive liver damage as well as neurological disorders and psychiatric symptoms (31). In toxic milk mice (tx-J) that serve as the disease model, the gene encoding ATP7B is affected. This protein serves as a copper-transporting molecule that, at high intracellular copper concentrations, effluxes its excess. Thus, if ATP7B is malfunctioning, this process is impaired as well as subsequent copper excretion into the bile, which results in copper accumulation in the liver, brain, and, to a lower extent, in other tissues (29, 30). By 6 months of age, copper concentration can be over 50-fold more than that of a normal adult animal (33).

On the other hand, mutations in the human ATP7A gene lead to a neurological disorder called Menkes disease, which usually results in mortality at 3–5 years of age in its classical form (16). The mouse ATP7A protein is encoded by the X-linked Atp7a gene, and among its several reported mutations in mice, one (Atp7amo-ms) results in the mottled phenotype resembling Menkes disease and affects mosaic mutant males (15, 34). In these mice, similarly to patients with Menkes disease, copper accumulates in the small intestine (trapped in enterocytes) and kidneys, while liver, brain, and heart display its deficiency (34). Additionally, as in the classical form of Menkes disease, the mosaic mutation of Atp7a leads to early death on about day 16. The phenotype can be partially reversed by regular s.c. copper (II) chloride injections since the second day of life till day 45 (34, 35). Mice still display symptoms of Menkes disease, and their copper levels are decreased.

With the application of intravital microscopy, herein we reveal that NET formation in the vasculature of endotoxemic liver is impaired in mice with genetic mutations leading to either deficiency or excess of copper. The two mutations affect Atp7a and Atp7b, respectively, and we demonstrate that the products of both genes are expressed by some neutrophils. Polymorphonuclear leukocytes of animals with Wilson disease (Atp7btx-J/J) casted less NETs despite more profound infiltration of the liver. Ex vivo studies confirmed that copper concentration beyond its serum levels inhibits NET formation and in higher concentration kills the cells. On the other hand, in Menkes disease mice (Atp7amo-ms), weaker NET formation correlated with lower neutrophil numbers. However, in mice with subchronic copper deficiency (inbred mice treated for 8 days with a copper chelator), despite decreased neutrophil counts, NET formation was even increased. This indicates that copper might not be required for NET casting or even interfere with it whereas in Atp7a mutants, additional traits are present and we discuss them. Taken together, we demonstrate that while copper does not seem to be a prerequisite for NET formation, its high levels affect this process and directly kill neutrophils.



MATERIALS AND METHODS


Mice

All animals were maintained in the Animal Unit of the Institute of Zoology and Biomedical Research, Jagiellonian University. Mice were housed under standardized conditions of temperature (21–22°C) and illumination (12 h light/12 h darkness) with free access to tap water and pelleted food (Labofeed H diet, Kcynia, Poland). As a reference inbred strain, age-matched C57Bl/6J male mice were used. They were purchased from Charles River (Germany) via AnimaLab (Poland). All experimental animal protocols were approved by the Local Ethical Committee No. II in Kraków (293/2017 and 293A/2018) and were in compliance with the EU Animal Care Guidelines. Main murine strains used in experiments were Atp7a mosaic mutant mice and Atp7b toxic milk mice and their respective littermates.



Atp7a Mosaic Mutant Mice (The Menkes Disease Model)

Mice were bred in the Department of Genetics and Evolutionism, Jagiellonian University, and derived from a closed outbred colony. In the present study we used mosaic mutant males, which exhibit lethal phenotype about day 16 after birth and age-matched wild type males. Mosaic missense mutation (ms/−) consists of G to C nucleotide change in the exon 15 of Atp7a gene resulting in an arginine to proline substitution in the 6th highly conserved transmembrane domain of ATP7A protein (15). Mosaic mutant males (ms/−) were obtained by mating heterozygous (ms/+) females with normal (+/−) males. To rescue the otherwise lethal phenotype, mice were receiving subcutaneous injections of 50 μl of 0.01% CuCl2 solution (5 μg Cu/g body weight) every 2 days from day 2 to day 45 after birth. Very few pups survive. In the present study, we used 3-month-old males that could still survive without further copper supplementation and reach maturity (36).



Atp7b Toxic Milk Mice (The Wilson Disease Model)

The mutant C3HeB/FeJ Atp7btx-J/J and control C3HeB/FeJ mice were purchased from The Jackson Laboratory (Bar Harbor, ME, USA) and bred in the Department of Genetics and Evolutionism, Jagiellonian University. The tx-J mutants have a genetic defect that originated due to a G to A base substitution at the position 2,135 in the exon 8 of the Atp7b gene; this caused a Gly712Asp missense mutation in the second putative membrane-spanning domain of the ATP7B protein (37). Homozygous mutants (tx-J/tx-J) were obtained by mating heterozygous (tx-J/+) females with heterozygous (tx-J/+) males, and tail biopsy was obtained from each mouse to check for Atp7b mutation. Experiments were performed on 7/8-month-old male mice. The age was adjusted in such a way that a 6-month point of very high copper concentration was reached (33).



Antibodies and Dyes for IVM

For intravital microscopy, the following antibodies were used, Alexa Fluor 647 anti-neutrophil elastase (clone G-2, Santa Cruz Biotechnology), Brilliant Violet 421 anti-Ly6G (1A8, BioLegend), PE anti-F4/80 (clone BM8, eBioscience), or Alexa Fluor 488 anti-F4/80 (clone BM8, Invitrogen), and PE anti-CD49b (clone HMα2, BioLegend). Sytox green (the DNA dye) was purchased from Invitrogen. All antibodies were injected i.v. via the jugular vein ~20 min prior to intravital imaging. Sytox green was administrated during imaging as it stains DNA instantly.



Induction of Systemic Inflammation/Endotoxemia

Mice (C3HeB/FeJ Atp7btx-J/J, C3HeB/FeJ, Atp7amo-ms, outbreds, C57Bl/6J) were i.p. injected with 1 mg/kg b.w. LPS (Escherichia coli serotype 0111:B4; Sigma-Aldrich), and they were subjected to intravital imaging 24 h post LPS injection. Some animals were left untreated. In some experiments, prior to endotoxemia induction, C57Bl/6J were injected i.p. with 5 mg/kg b.w of copper chelator tetrathiomolybdate (TTM, Sigma-Aldrich) every 24 h for 8 days.



Preparation of the Mouse Liver for Intravital Microscopy

Mice were anesthetized with a mixture of ketamine hydrochloride (200 mg/kg b.w.; Biowet Pulawy) and xylazine hydrochloride (10 mg/kg b.w.; aniMedica). After anesthesia, cannulation of the right jugular vein was performed for the supply of the anesthetics and for injection of antibodies or other reagents. Preparation of the liver for intravital imaging was performed as previously described by Kolaczkowska et al. (7). Briefly, a midline incision followed by a lateral incision along the costal margin to the midaxillary line was performed to expose the liver. The mouse was placed in a right lateral position, and ligaments attaching the liver to the diaphragm and the stomach were cut, thus allowing the liver to be externalized onto an imaging board covered with a saline-soaked kimwipe tissue. Then, a coverglass was placed on the left liver lobe and the space underneath the coverglass was filled with saline (it was constantly refilled to keep the tissue moist). The animal positioned on the imaging board was subsequently placed under the upright microscope.



Spinning Disk Confocal Intravital Microscopy

The mouse liver was visualized with a ZEISS Axio Examiner.Z1 upright microscope equipped with a metal halide light source (AMH-200-F6S; Andor, Oxford Instruments) with motorized 6 position excitation filter wheel and laser-free confocal spinning disk device (DSD2; Andor, Oxford Instruments) with ZEISS EC Plan-NEOFLUAR 10×/0.3 and/or ZEISS EC Plan-NEOFLUAR 20×/0.5 air objective. Four excitation filters were used (DAPI: 390/40 nm; GFP: 482/18 nm; RFP: 561/14 nm; Cy5: 640/14 nm) and visualized with the appropriate emission filters (DAPI: 452/45 nm, exposure time 500 ms; GFP: 525/45 nm, exposure time 500 ms; RFP: 609/54 nm, exposure time 500 ms; Cy5: 676/29 nm, exposure time 250 ms). The 5.5 megapixel sCMOS camera (Zyla 5.5; Andor, Oxford Instruments) was used for fluorescence detection. An iQ 3.6.1 acquisition software (Andor, Oxford Instruments) was used to drive the microscope.



NET Formation Analyses

Fluorescence imaging of NET components was performed with intravital immunofluorescence analysis. NETs were visualized by co-staining of neutrophil elastase (anti-NE antibodies; 1.6 μg) and extracellular DNA (Sytox green; 0,1 mM in saline). NETs were quantified with SD-IVM using previously published methodology (7, 38). In brief, images were acquired as z stacks of xy planes (1 mm intervals) from the bottom to the top of sinusoids in each field of view using a 20× objective lens, and saved as extended focus images in tiff format. Images from individual color channels were exported and analyzed in ImageJ software (NIH). The intensity of elastase staining was analyzed so that differences in background fluorescence between experiments and antibody lots could be accounted for and background autofluorescence could be eliminated, contrast was adjusted to minimize autofluorescent background staining, and a minimum brightness threshold was set to yield only positive staining. The same contrast and threshold values were applied to all images from all mice strains and groups within the experiment. Thresholded images were converted to binary (black and white), and the area per field of view (FOV) covered by positive fluorescence staining (black) was calculated with ImageJ software. Data are expressed as the percentage of area in each FOV covered by positive fluorescence staining. In ex vivo studies on isolated neutrophils, the cells were incubated on coverglasses, and then subsequently immunocytostained for the presence of NETs (as described below). NETs stained on coverglasses were visualized using the same microscope. Briefly, in ImageJ, images were converted to a grayscale (8-bit type) and thresholded to black and white to estimate the positive signal of extDNA/NET (black).



Neutrophil, Kupffer Cell, and Platelet Counts

Neutrophils were visualized with anti-mouse Ly6G antibodies (0.4 μg/mouse), Kupffer cells (KCs) were stained with anti-F4/80 antibodies (0.4 μg for PE or 3 μg for Alexa Fluor 488/mouse), and platelets were stained with anti-CD49b antibodies (0.6 μg/mouse). Neutrophils and KCs were counted per 20× FOV, minimum 4 FOV from each mouse. The area covered by platelets was estimated as described previously (7, 38) and above for NETs, on images acquired as z stacks of xy planes (1 mm intervals) from the bottom to the top of sinusoids and is expressed as the percentage of area in each FOV covered by positive fluorescence staining.



3D Reconstruction of Liver Cross-Sections

Overview of mouse livers was established on a side view of a 3D reconstruction (IMARIS software, Bitplane, Oxford Instruments) of a series of optical cross-sections (z stacks). In brief, a series of z stacks through the liver was performed with a z-step of 1 μm approximately through 50 z planes. Then, liver structure was reconstructed with IMARIS software with DAPI, RFP, and Cy5 channels, for neutrophils, KCs, and neutrophil elastase, respectively. Additionally, on some acquired z stacks, red signal (KC staining) was made semi-transparent to expose the blue signal (neutrophil staining) present inside.



Isolation of Mouse Neutrophils From the Bone Marrow

Bone marrow neutrophils were isolated as described previously (39). Briefly, mice were euthanized and the femurs and tibias were removed. The ends of the bones were resected and the bone marrow was removed by flushing with 10 ml of ice-cold HBSS(–) (w/o Ca2+ and Mg2+; Lonza Bioscience). The bone marrow was then suspended by drawing it through a 20-gauge needle. Marrow cells were then pelleted in a centrifuge (1,300 rpm, 4°C, 6 min) and after that resuspended in 5 ml of 0.2% NaCl for about 30 s for hypotonic lysis of the red blood cells followed by the addition of 5 ml of 1.6% NaCl. After immediate centrifugation (1,400 rpm, 4°C, 7 min), the cell suspension was placed over a discontinuous Percoll gradient (GE Healthcare) consisting of 78, 69, and 52% layers diluted in HBSS(–). The cell suspension was spun at 2,600 rpm, 4°C, for 30 min. Neutrophils localized to a band between the 78 and 69% layers were collected with a transfer pipette and washed in HBSS(–) (1,500 rpm, 4°C, 6 min), and the cell pellet was suspended in HBSS(+) (HBSS with Ca2+ and Mg2+) (Lonza Bioscience).



Ex vivo Neutrophil Viability, Counts, and Adhesion

The purity of isolated neutrophils was over 99%, and neutrophil viability was over 98% in each experiment. To estimate viability, cells were stained with Trypan blue dye (Sigma-Aldrich) and counted in the Bürker hemocytometer. The numbers and purity were assessed by Türk solution (0.01% crystal violet in 3% acetic acid) staining. The viability was double-checked with PrestoBlue® (Invitrogen) assay, which yielded the same results. The ability of the cells to adhere to cell culture plate after LPS (75 μg/ml) stimulation was tested using the crystal violet test (CV). After incubation, supernatants with non-adherent cells were removed, whereas adhering cells were fixed with absolute methanol (RT, 10 min). After fixation, methanol was removed and crystal violet solution (25 mg in 5 ml 20% methanol; Avantor) was added to each well (RT, 5 min). Following incubation, the plate was gently washed in running tap water and air-dried. To recover crystal violet, 100 μl of 100% methanol was added to each well and the plate was agitated for 10 min. The optical density (O.D.) was measured in a spectrofluorometer (Infinite 200 Pro, Tecan, Austria, Gmbh) at 570 nm.



Ex vivo Evaluation of Reactive Oxygen Species/Respiratory Burst

Content of reactive oxygen species (ROS) in LPS-stimulated neutrophils was measured by two methods, NBT test, and fluorescent DCF-DA assay. In the latter test, the cell-permeable fluorogenic probe 2′,7′-Dichlorofluorescin Diacetate (DCF-DA; Sigma-Aldrich) was added to each well at a final concentration of 25 μM, 30 min after neutrophil stimulation with LPS (75 μg/ml). For the positive control, 1 mM H2O2 was used. After 30 min of incubation (37°C, 5% CO2) the plate was centrifuged (3,000 rpm, 5 min, RT) and cell pellets were rinsed in 100 μl of PBS. Then, the fluorescence intensity was measured in a spectrofluorometer (Infinite 200 Pro, Tecan, Austria, Gmbh) at 485(20)/535(25) nm. The respiratory burst was measured with nitroblue tetrazolium assay (NBT). Briefly, neutrophils were stimulated with LPS (75 μg/ml) and 1 h before the end of the incubation period, NBT solution (10 mg/ml in dH2O; Sigma Aldrich, St. Louis, MO) was added to each well and incubated for 1 h (37°C, 5% CO2). Following the incubation, supernatants were removed and the cells were fixed with absolute methanol for 15 min. They were subsequently washed twice with 70% methanol, air-dried, and solubilized (in 120 μl of 2 M potassium hydroxide and 140 μl of dimethyl sulfoxide) to release formazan deposits. The O.D. was measured in a spectrofluorometer (Infinite 200 Pro, Tecan, Austria, Gmbh) at 595 nm.



Ex vivo Studies on NET Release by Neutrophils

Neutrophils suspended in HBSS(+) were seeded in wells of either 96- or 24-well plates (Nest; Thermo Scientific, respectively). They were let to adhere for 30 min and then were stimulated for 6 h with LPS (75 μg/ml), various concentrations of copper (II) chloride (Cu 0.25, 0.5, 1, 2, 3, 130, and 200 μg per ml; Sigma-Aldrich), copper chelator tetrathiomolybdate (TTM 10 μM), or a mixture of Cu and TTM. In some experiments, phorbol 12-myristate 13-acetate (PMA, 50 nM/3 h; Sigma-Aldrich) was used as a positive control for NET formation. After incubation, cell viability was verified with PrestoBlue®. Alternatively, immediately after incubation, the cells were carefully fixed in sequence of 1, 2, and 3% paraformaldehyde in PBS for 2, 10, and 20 min, respectively, to not disrupt formed NETs and washed in PBS. Neutrophils seeded in 24-well plates were used for immunocytochemistry.



Immunocytochemical Staining of NETs, CTR1, and ATP7A/B in Neutrophils

After incubation with stimulants, neutrophils were immediately fixed in paraformaldehyde as described above. Extracellular staining [for citrullinated histones H3 (citH3) and extracellular DNA (extDNA)]: prior to staining, coverglasses were washed two times for 5 min in PBS, and then incubated in blocking solution (3% BSA in PBS) (BSA, bovine serum albumin, Sigma-Aldrich) for 45 min at RT. Subsequently, coverglasses were soaked with rabbit polyclonal anti-histone H3 (citrulline R2 + R8 + R17) antibodies diluted 1:200 in 1% BSA/PBS (Abcam) and incubated overnight at 4°C in a humid chamber. The slides were then washed in PBS and incubated with Cy3-conjugated goat anti-rabbit IgG (H+L) antibody (diluted 1:300 in PBS/1% BSA, Jackson Immunoresearch) for 1 h at RT. At the end of the procedure, Sytox green was added to stain for extDNA (5 μM). After washing in PBS the coverglasses were mounted with VECTASHIELD Mounting Medium (Vector Laboratories). Intracellular staining (CTR1, ATP7A, ATP7B): prior to staining, cells seeded on coverglasses were permeabilized by bathing in TBS (Triton X-100, Na2HPO4 × 12H2O, Na2HPO4 × 1H2O, BSA, NaCl, dH2O) for 5 min. Non-specific antibody binding was blocked by incubation with 3% BSA/PBS for 45 min. Subsequently, the cells were labeled with rabbit polyclonal antibodies anti-ATP7A (diluted 1:100; Abcam) or anti-ATP7B (diluted 1:100; GeneWay) or rabbit polyclonal anti-SLC31A/CTR1 (diluted 1:250; Novus Biologicals) and incubated overnight at 4°C in a humid chamber. The slides were then washed in PBS and incubated with the secondary antibody goat anti-rabbit IgG–H&L (Cy3) (diluted 1:100) for 1 h at RT. After the coverglasses were washed in PBS, they were mounted with VECTASHIELD Mounting Medium. Fluorescent signal was detected with a ZEISS Axio Examiner.Z1 upright microscope equipped with confocal spinning disk device DSD2.



Measurement of Copper Content in Livers and Plasma

The level of copper in livers obtained from mutants and the wild-genotype control male mice was measured by atomic absorption spectrophotometry (AAS). The liver samples were weighed and digested in 2 ml of boiling Suprapur-grade nitric acid (Sigma-Aldrich). After being cooled down to RT, each sample was suspended in 10 ml of deionized water. Reference material samples were prepared in a similar manner. The copper concentration was measured using the graphite furnace AAS technique (AAnalyst 800, Perkin-Elmer). Moreover, three samples of nitric acid were used as blanks. In addition, three samples of a standard reference material, Cu = 189 ± 4 mg/kg, were analyzed for normalization of the obtained data.



Biochemical Assessment of Liver Injury

Blood was collected by cardiac puncture into a heparinized syringe. Samples were centrifuged at 1,200 g for 10 min for the retrieval of plasma. Subsequently, mice were euthanized and their livers were collected and homogenized. Samples were analyzed for ALT activity as per the manufacturer's protocol (Sigma-Aldrich).



Statistics

All data are presented as mean values ± SD. Data were compared either by unpaired two-tailed Student's t test or one-way analysis of variance with Bonferroni multiple comparisons post hoc test. Statistical significance was set at P < 0.05.




RESULTS


NET Release by Neutrophils in Septic Mice With Menkes and Wilson Diseases

NETs are hardly present in the vasculature of untreated mice (6, 7, 10), and it was also the case in this study (Figure 1 and Supplementary Figure 1). During systemic inflammation, all parameters were studied 24 h post LPS administration. In vivo NET release was thus far studied mainly in C57Bl/6J mice (7, 10, 40), and for this reason, we compared the release of the traps by Atp7a/b mutants and their unmutated counterparts to the above inbred strain (Figures 1A–C). Littermates of the mutant mice — outbred (ctr-7a) for ms/− animals with Menkes disease and C3HeB/FeJ (ctr-tx) for tx-J mice with Wilson disease — did produce NETs upon endotoxemia, but, significantly <C57Bl/6J mice (Figure 1A vs. Figure 1B). To detect NETs in the liver, mice were injected with fluorescent Sytox green to stain extDNA and Alexa Fluor 647 labeled antibodies directed against neutrophil elastase. Overlaying signals of the nuclear and granular components of neutrophils laying along sinusoid walls were considered indicative of NETs as previously published (6, 7, 10). Accordingly, Figure 2 presents exemplary images of NETs formed in liver sinusoids of ms/− and tx-J mice and their counterpart controls. To quantify NET release, the area covered by neutrophil elastase was estimated with ImageJ as described previously (6, 7, 10). Importantly, in both Menkes and Wilson disease endotoxemic mice, NET formation was significantly lower in comparison to their respective unmutated controls with provoked inflammation (Figure 1C, Supplementary Figure 1, and Supplementary Movies 1, 2). In fact, upon LPS stimulation, no increase in NET release was observed in either of the mutants when compared to their healthy counterparts.
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FIGURE 1. Deposition of neutrophil extracellular traps (NETs) in liver sinusoids during endotoxemia in C57Bl/6J mice (A) and in animals with Wilson (tx-J) and Menkes (ms/−) diseases and their respective controls — ctr-tx and ctr-7a (B,C). NET formation was quantified as the percentage of area covered by neutrophil elastase (NE) in each analyzed field of view (FOV) (mice n = 3/group). Asterisks indicate significant differences using unpaired two-tailed Student's t test (*P ≤ 0.05, **P ≤ 0.01, ***P ≤ 0.001, ****P ≤ 0.0001) in (A,B) or one-way ANOVA (post hoc Bonferroni) test in (B); different letters indicate statistically significant differences between groups. Representative pictures of NE deposition in livers of C57Bl/6J mice are presented in (A) and of Menkes disease mice and their littermates in (C) (images of Wilson disease mice and their controls are presented in Supplementary Figure 1). On images, autofluorescent hepatocytes (green) can be observed, and between them, sinusoids are seen as black areas. In the latter structures, NE signal is deposited along endothelium (violet). UT, untreated. The scale bar indicates 50 μm.
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FIGURE 2. Detection of NET components in the liver vasculature of endotoxemic Wilson (tx-J) and Menkes (ms/−) disease mice and their respective controls (ctr-tx and ctr-7a). On images, autofluorescent hepatocytes (dim green) as well as Sytox green+ extracellular DNA (bright green) and NE signal (violet) are seen. Overlay of extDNA and NE is indicative of NETs (yellow arrows). The scale bar indicates 50 μm.




Neutrophil Influx Into Livers of Septic Mice With Menkes and Wilson Diseases

In the course of endotoxemia, accumulation of neutrophils in the liver is observed (7), and this phenomenon was also captured herein in livers of LPS-treated C57Bl/6J (not shown), and ctr-7a and ctr-tx mice (Figures 3A,B). However, in the case of Menkes disease mice, neutrophil numbers were as low as in ctr-7a untreated animals even after LPS administration. ms/− animals are in general characterized by low numbers of neutrophils as there are abnormalities in their maturation (25). On the contrary, neutrophil numbers in livers of tx-J mice with systemic inflammation were even higher than in endotoxemic ctr-tx animals (Figures 3A,B, 4C and Supplementary Movies 1, 2). On 3D z stacks performed through the liver, we also noticed that in Wilson disease mice, partially engulfed neutrophils were present in multiple KCs (Figure 4D). Although some neutrophils could also be spotted inside liver macrophages in Menkes disease mice, such events were rare.
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FIGURE 3. The presence of neutrophils in livers of Wilson (tx-J) and Menkes (ms/−) disease mice and their respective controls (ctr-tx and ctr-7a) with systemic inflammation. Neutrophils were counted per field of view (FOV; n = 3/group) (A). Asterisks indicate significant differences using unpaired two-tailed Student's t test (*P ≤ 0.05, ***P ≤ 0.001, ****P ≤ 0.0001) and one-way ANOVA (post hoc Bonferroni) test (different letters indicate statistically significant differences between groups). Representative images revealing neutrophil deposition in liver sinusoids are presented in (B). On images, autofluorescent hepatocytes (green) can be observed, and between them, sinusoids are seen as black areas. In the latter structures, neutrophils are deposited (false red color; Brilliant Violet 421 anti-Ly6G antibody). The scale bar indicates 50 μm.
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FIGURE 4. The presence of Kupffer cells (A) and platelets (B) in livers of Wilson (tx-J) and Menkes (ms/−) disease mice and their respective controls (ctr-tx and ctr-7a) with endotoxemia. Kupffer cells were counted per field of view (FOV), and area covered by platelets is expressed in percentage (as calculated by ImageJ) (mice n = 3/group). Asterisks indicate significant differences using unpaired two-tailed Student's t test (*P ≤ 0.05, **P ≤ 0.01, ****P ≤ 0.0001) and one-way ANOVA (post hoc Bonferroni) test (different letters indicate statistically significant differences between groups). A series of optical cross-sections (z stacks) were made through inflamed livers. Exemplary images of z stacks made through the liver of Menkes disease and Wilson disease mice and their respective controls are shown in (C). Kupffer cells are marked in red, neutrophils in blue, and neutrophil elastase in violet. In endotoxemic mice with Wilson disease, neutrophils present (partially or fully) inside some Kupffer cells were observed (D). The scale bar indicates 20 μm.




KC Counts in Menkes and Wilson Disease Mice During Endotoxemia

KCs constitute the largest population of resident macrophages in the body, and their primary function is to protect the liver from bacterial infections (41). As numbers of KCs might be strain-specific (42), we firstly verified their numbers in healthy mice and observed more KCs in C3HeB/FeJ (ctr-tx) than in outbred (ctr-7a) mice (Figure 4A and Supplementary Figure 2). However, Menkes mutants had more KCs than ctr-7a and Wilson disease animals. In the course of systemic inflammation, an increase in counts of KCs was observed, in both ctr-7a (statistically significant) and mutated ms/− animals (tendency) (Figure 4A). This was not a case either for ctr-tx or tx-J mice, and furthermore, these animals had significantly less KCs present in their liver sinusoids 24 h post endotoxemia induction (Figures 4A,C).



Platelet Accumulation in Sinusoids of Mice With Wilson and Menkes Diseases

Platelets are pivotal during systemic inflammation as they are important for a cross-talk between KCs and pathogens (43), and they might be important for NET formation (44), and contribute to NET pathology (10). We detected less platelets in sinusoids of ctr-tx (C3HeB/FeJ) mice than the outbreds, which is in line with reported variations between some murine strains (45). However, there were no differences between the control animals and their respective mutants (Figure 4B). According to ANOVA, there were no significant differences in platelet accumulation in liver sinusoids of Wilson disease mice (tx-J) and their littermates, although t test showed weaker platelet accumulation upon endotoxemia. The same pattern was observed for Menkes disease mice (Figure 4B).



Functional Characteristics of Neutrophils Isolated From Mutant Mice

To verify if reduced NET formation detected during systemic inflammation in either ms/− or tx-J mice resulted from intrinsic restrains of neutrophils or rather the microenvironment, basic parameters of neutrophils were evaluated (Figure 5). The viability of neutrophils isolated from all mutant and control strains was similar (data not shown) and so was their ability to adhere (Figure 5B). The only difference was stronger adhesion of neutrophils from mice on C3HeB/FeJ background (both ctr-tx and tx-J) detected 3 h after cell seeding, suggesting that this was due to genetic factors (data now shown). However, after 6 h, there were neither intergroup nor interstrain differences in neutrophil adhesion (Figure 5B). We also did not detect differences in the capacity to perform respiratory burst/release ROS between Menkes disease mice and their genetically unaltered littermates (Figure 5C and Supplementary Figure 3). However, mice on the outbred background (both ctr-7a and ms/−) started producing more ROS after several hours (6 vs. 1–3 h; Supplementary Figure 3B vs. Supplementary Figure 3A, Figure 5C, respectively), whereas a reversed pattern was observed in mice on the C3HeB/FeJ background. Importantly, we detected that neutrophils isolated from both mutant strains could form NETs upon LPS stimulation ex vivo although they released less NETs than their unmutated controls (Figure 5A).


[image: Figure 5]
FIGURE 5. Ex vivo studies on isolated bone marrow neutrophils of Wilson (tx-J) and Menkes (ms/−) disease mice and their respective controls (ctr-tx and ctr-7a) evaluating their capacity to form NETs (A), adhere (B), and release reactive oxygen species (ROS; C). NET formation and capacity to adhere were evaluated 6 h after stimulation with LPS, and the content of ROS was measured after the first hour (DCF-DA test). In (C), white/black bars represent responses of cells treated with H2O2 (positive control)—data for neutrophils from control mice (white bars) and mutants (black bars). Asterisks indicate significant differences using unpaired two-tailed Student's t test (*P ≤ 0.05, **P ≤ 0.01, ****P ≤ 0.0001) and one-way ANOVA (post hoc Bonferroni) test (different letters indicate statistically significant differences between groups).




Phenotype of Copper Chelator Treated Mice

Some C57Bl/6J mice were treated with a Cu chelator for eight constitutive days and then treated with LPS to induce 24-h systemic inflammation. In these animals, liver sinusoids were layered with significantly more NETs than in their saline-treated counterparts (Figure 6). Albeit the numbers of KCs (Figure 6C) and platelets (Figure 6D) were unchanged in these mice, significantly less neutrophils infiltrated liver sinusoids (Figure 6B).


[image: Figure 6]
FIGURE 6. The impact of subchronic copper deficiency on NET formation (A), neutrophil numbers (B), Kupffer cell counts (C), and platelet covered area (D) in C57Bl/6J mice. Copper chelator (Cu chelator) was administered for 8 days and then LPS-systemic inflammation was induced. NET covered area and cell counts were performed 24 h later. Asterisks indicate significant differences using unpaired two-tailed Student's t test (***P ≤ 0.001, ****P ≤ 0.0001).




Copper Levels in Mice With Wilson and Menkes Diseases

Copper levels were estimated by AAS. Despite Cu injections into mice with Menkes disease (ms/−), to keep them alive, their copper levels were still diminished in both the liver and (especially) the plasma (Figure 7A). As anticipated, we detected significant copper accumulation in livers of mice with Wilson disease (tx-J), higher by ~50-fold than in ctr-tx animals (Figure 7A). However, plasma copper levels were not increased in tx-J mice. In spite of being a disease of copper intracellular overload, the total serum copper is usually low/reduced in the circulation of individuals with the Wilson disease, mice or human, but it might increase in time (30, 46). This is in contrast to copper levels in the liver and the GI tract where its high accumulation impacts cells, including infiltrating leukocytes.


[image: Figure 7]
FIGURE 7. Liver and plasma copper accumulation (A) and alanine transaminase (ALT; B) levels estimated in mice with Wilson (tx-J) and Menkes (ms/−) diseases and their respective controls (ctr-tx and ctr-7a). Asterisks indicate significant differences using unpaired two-tailed Student's t test (*P ≤ 0.05, **P ≤ 0.01) and one-way ANOVA (post hoc Bonferroni) test (different letters indicate statistically significant differences between groups). Condition of hepatocytes, visibility of sinusoids, and deposition of autofluorescent aggregates is shown on representative images of livers in (C); images of mice with Wilson and Menkes diseases are shown along with their controls and C57Bl/6J mice. No additional staining was performed, and only autofluorescent hepatocytes (green) were recorded in the GFP channel. Between the hepatocytes, sinusoids (black ducts) can be observed. The scale bar indicates 50 μm.




Liver Damage in Mice With Wilson Disease vs. Menkes Disease

Alanine aminotransferase (ALT) can be found in the blood and some organs, although in greatest abundance in the liver, and its increased levels/activity are indicative of liver damage (7). Activity of ALT was unchanged in Menkes disease mice as measured in their liver homogenates and plasma (Figure 7B). Conversely, there was a tendency to increased ALT activity in both liver tissue and plasma of mice with Wilson disease, but the differences did not reach statistical significance (Figure 7B). The data corresponded with the architecture of liver sinusoids; i.e., while livers appeared to emit a homogeneous autofluorescent signal in Menkes disease mice, sinusoids were well-visible and hepatocyte nuclei were clearly observable; in Wilson disease mice, all these parameters were altered (Figure 7C, representative images; Supplementary Movies 1, 2). Hepatocyte morphology was disturbed, their nuclei were hardly evident, and sinusoids were less visible and less of them appeared on average in FOVs. Moreover, numerous green autofluorescent corpuscles were observed (Figure 7C and Supplementary Movies 1, 2). It should be stressed that some autofluorescent aggregates, although much less frequent, were also detected in controls of Wilson disease mice (ctr-tx).



Expression of CTR1, ATP7A, and ATP7B in Neutrophils

One of the cellular copper transporters is high-affinity copper uptake protein 1 (CTR1), and its expression was detected in both resting neutrophils and those incubated with copper (0.5, 1, and 2 μg/ml) whereas the signal was stronger (more dispersed) in cells cultured without it (Supplementary Figure 4). This is in agreement with CTR1 expression in other organs of mice exposed to either copper-rich or -deficient diets (47). Nevertheless, the expression of CTR1 was detected only on up to 5% of cells (data not shown), which suggests that other copper transporter(s) must also be operating in neutrophils. In line with this, divalent metal transporter 1 (DMT1) was shown to be upregulated on inflammatory neutrophils (42). Also the presence of ATP7A and ATP7B proteins was detected in some neutrophils (~5%) either resting or incubated with copper (Supplementary Figure 4). ATP7A expression seemed dispersed between the trans-Golgi network and through the cytoplasm, independently of the presence of exogenous copper (Supplementary Figure 4). This is in line with ATP7A shuttling copper between the Golgi apparatus and the cell membrane to maintain its proper concentration (21). However, while ATP7B expression was also diffused throughout the cytosol in resting cells, it was more confined to Golgi apparatus in the presence of copper (Supplementary Figure 4).



Ex vivo Studies: Viability of Neutrophils and Formation of NETs in the Presence of Exogenous Copper

Isolated neutrophils, when treated with various concentrations of copper, revealed high sensitivity to this element. Decreased viability of the cells was observed from concentration 1 μg/ml onwards when Cu was the only exogenous factor (Figure 8A; –LPS). When higher concentrations of copper were added to neutrophil cultures (up to 200 μg/ml), 100% mortality was observed (not shown). When neutrophils were additionally incubated with LPS, exogenous copper was less toxic (Figure 8A; +LPS). Copper chelator (TTM) rescued neutrophil viability in all concentrations of copper tested; here, shown for 1 μg/ml (Figure 8B; –LPS). Both LPS (Supplementary Figure 5) and PMA (not shown) alone induced NET formation while copper alone did not induce NET formation (Supplementary Figure 5). When NET release was induced by LPS in the presence of copper, it did not affect NET release in concentrations up to 1 μg/ml, and neither did copper chelator (Figure 9A). Furthermore, the chelator restored NET formation by neutrophils incubated with 1 μg/ml of copper (Figures 9A,B).


[image: Figure 8]
FIGURE 8. The impact of exogenous copper of neutrophil viability (A), and counteraction of copper effects by its chelating agent (B) in ex vivo conditions. Neutrophils isolated from the bone marrow of C57Bl/6J mice were incubated with various copper concentrations in the presence (+LPS) or absence (–LPS) of lipopolysaccharide (A). Cell viability reversed by the Cu chelator (B). The dotted line (B) indicates values for untreated neutrophils (Cu concentration “0” in A). Asterisks indicate significant differences using unpaired two-tailed Student's t test (**P ≤ 0.01) and one-way ANOVA (post hoc Bonferroni) test (different letters indicate statistically significant differences between groups).
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FIGURE 9. Neutrophil extracellular trap (NET) formation in the presence of exogenous copper. Neutrophils were either incubated with LPS (+LPS), various concentrations of copper (Cu), or left alone. Additionally, some cells were stimulated with LPS and/or copper chelator when co-cultured with the varying concentrations of copper. In all groups, neutrophil capacity to form NETs was quantified (A). Different letters indicate statistically significant differences between groups using one-way ANOVA (post hoc Bonferroni). Representative images of NETs formed by LPS in the presence of copper with or w/o copper chelator are shown in (B). Extracellular DNA (extDNA) is shown in green and citrullinated histone H3 (citH3) is shown in red. To visualize co-localization of NET components, the images from each channel were overlaid (NETs, overlay; orange). The scale bar indicates 50 μm.





DISCUSSION

Sepsis is one of the leading causes of death (48) and also patients with endotoxemia are at risk of increased mortality (11). Moreover, endotoxemia occurs in many patients with sepsis, but also in many clinical settings that are non-infectious in nature. A severe form of systemic inflammation is characterized by (multi)organ failure and although liver is not the most commonly affected organ, when it is, this becomes a grave complication and leads to its acute failure (12). Moreover, LPS plays a prominent role in liver injury in rodents and human individuals (49). We furthermore confirmed these findings in mouse models of bacterial and LPS-induced systemic inflammation and we were able to correlate them with NET formation and their inadequate removal, proteolytic activity of neutrophil elastase, and microcoagulation connected with platelet deposition (7, 10). While knowledge on direct NET inducers is rather vast, we still do not know much about microenvironmental factors that are critical for casting the traps. Involvement of some trace elements in NET formation was studied previously, and it was shown that formation of PMA-induced NETs is zinc dependent (2), but impact of iron is less clear as various iron-chelating agents were shown to either stimulate or inhibit NET formation (3, 4). Moreover, influx of calcium ions was shown to proceed NET release in numerous models (50). All the above elements were shown to be released (themselves or as a part of protein complexes) during NET formation, and the traps were also decorated with them (20). Also copper is present in neutrophils and was localized both in their cytoplasm and nucleus, and it is released from them in response to at least some of the NET inducers (PMA) (20, 51).

Herein we report that in mice with either phenotype, of high (Wilson disease) and low (Menkes disease) copper levels in the liver, NET formation during endotoxemia was impaired whereas NET release during this condition is one of the hallmarks of the human reaction to LPS and has been proposed to serve as its promising blood biomarker (6, 52). The fact that less NETs were formed in inflamed livers of Menkes mice correlates with hardly occurring neutrophil infiltration and impaired neutropoiesis is most probably directly responsible for this phenomenon. Of note, we also show that respective controls of Wilson/Menkes disease mice produce significantly less NETs than C57Bl/6J mice, with C3HeB/FeJ mice displaying the weakest capacity to cast NETs. Thus, these data further extend previous findings on murine strain differences in respect to the efficiency of NET formation (53). In animals with Wilson disease (Atp7b mutants), indeed very high accumulation of copper was observed in the organ and accordingly liver was injured. In particular, the appearance of the organ revealed with intravital microscopy was striking as sinusoids were hardly visible, and hepatocytes were enlarged and their nuclei were barely evident, a phenotype coinciding with hematoxylin-stained liver sections (33). Moreover, numerous autofluorescent bodies could be detected. Autofluorescence and its distribution in the liver is an intrinsic parameter that can provide real-time information on the morphology and functional properties of this organ (54). When liver is malfunctioning, autofluorescence is more prominent and rather than by NAD(P)H, it is emitted by collagen and vitamin A (54).

In damaged (non-infectious) liver, NET formation is very weak as we showed previously for sterile thermal liver injury and further compared it to systemic bacterial infection (55). However, although very few NETs were observed during systemic inflammation in Wilson mice, at the same time, a larger number of neutrophils infiltrated the liver than in endotoxemic control (ctr-tx) animals. This indicates that the cells were not prone to cast NETs. To verify it further, we performed an ex vivo experiment in which we incubated neutrophils isolated from bone marrow with various copper concentrations. Our first observation was that neutrophils were very sensitive to copper and they remained fully viable only in copper (II) chloride concentrations of up to 0.5 μg/ml. This is in line with the fact that ~0.5 μg/ml is an average serum concentration of copper in healthy C57Bl/6J mice (56) and mice on the C3HeB/FeJ background (Figure 7A; ctr-tx). However, in the presence of LPS, neutrophils were less sensitive to copper. This might be connected to the fact that neutrophils activated by pro-inflammatory factors such as LPS have a prolonged life span and delayed apoptosis (57). Moreover, one of the effects of transition metals, including copper, on cells is induction of apoptosis. In fact, Cu-induced hepatotoxicity and neurotoxicity, occurring also during Wilson disease, is connected to its pro-apoptotic action (58).

Neutrophils primed ex vivo to cast NETs by LPS were releasing their similar quantities in the presence of exogenous copper within the physiological range (0.25–0.5 μg/ml) and copper-chelating agent only slightly (if at all) decreased the process. However, at the copper concentrations that were toxic to neutrophils (>1 μg/ml) significantly less NETs were released and the copper chelator restored this phenomenon. This indicates that indeed high copper concentrations prevent the release of NETs or it directly echoes low numbers of live neutrophils.

To verify if neutrophils themselves are equipped with the machinery to control intracellular copper levels, we studied cellular expression of some of its regulators. We revealed that at least some neutrophils express the copper transporter — CTR1, and moreover some of them express both ATP7A and ATP7B (up to 5% of neutrophils). While expression of ATP7A is anticipated in most cell types (21), ATP7B expression was so far only reported in hepatocytes and KCs (33). To the best of our knowledge, expression of ATP7 isoforms was not studied in neutrophils so far. Since neutrophils from Wilson disease mice lack functional ATP7B, they might still be able to efflux excessive copper via ATP7A. But our studies indicate that only to a certain point beyond which the cells first decrease their activity (weaker NET release at 1 μg/ml) and then die (>1 μg/ml). In fact, the latter concentration is the one observed in the serum of ATP7B-deficient mice at the age of 28 weeks and older (30). Interestingly, transplantation of only hepatocytes of ATP7B-deficient mice into spleens of their control littermates increases serum copper levels by 60% (59). Overall, the above studies indicate that the production of neutrophils is not diminished by high copper concentrations (serum and liver), and during systemic inflammation, these cells infiltrate liver even stronger than in genetically wild type mice. This might suggest that higher numbers of neutrophils are recruited to the liver to compensate for lower neutrophil activity.

In Wilson disease mice, also lower numbers of KCs and platelets were detected than in their control counterparts. KCs are macrophages of the liver that are central to both the hepatic and systemic response to infection (60). As they normally express ATP7B to regulate their copper levels, they are as overloaded with the element as hepatocytes (33), which most probably results in their death. In fact, KCs cooperate with platelets during the early stages of systemic inflammation as platelets facilitate a cross-talk between KCs and pathogens/their derivatives (43). Because numbers of KCs are lower in Wilson disease mice, platelet counts might be diminished as they adhere to KCs in the course of endotoxemia (43). Even more importantly, during ongoing sepsis, profound platelet aggregation occurs within and around NETs, and it is significantly diminished when they are removed or not formed (10). We propose the above factors to be responsible for weak platelet deposition in inflamed livers of Wilson disease mice. Interestingly, we also noticed neutrophils present inside numerous KCs of Wilson disease mice. This might suggest that more neutrophils die while present in the copper overloaded liver and they are engulfed by liver macrophages. Additionally or alternatively, due to low numbers of KCs, dying neutrophils are not properly removed, which results in their accumulation in the organ.

In mice with the Menkes disease (Atp7a mutants) phenotype, also significantly less NETs were detected in the course of endotoxemia. However, in contrast to tx-J animals, in these mice, significantly less neutrophils were infiltrating the liver and it is known that copper deficiency impairs their maturation in the bone marrow (25). As mentioned above, KCs are important for the initiation of systemic inflammation as together with platelets they activate a proper inflammatory response that leads to neutrophil infiltration (43). During systemic reaction, their numbers might slightly increase (60–62), and this was also observed in mice with Menkes disease. However, although copper deficiency does not seem to impact numbers of KCs, it is known to affect some macrophage activities (e.g., their capacity to perform respiratory burst) (63). Moreover, reduced superoxide anion production was also observed in neutrophils of copper deficient individuals (64). Therefore, lower levels of NETs released during endotoxemia in Atp7a mutant mice might have also resulted from weaker production of ROS. However, NET formation was shown to be ROS(NOX)-independent in multiple settings including sepsis, and so was NET release induced by complement receptors, TLR2/TLR4 ligands or TLR4-activated platelets (7, 40, 65). In fact, physiological NET triggers (pathogens and their derivatives, and cytokines) seem to act in a ROS-independent manner (66). Therefore, weaker NET release probably rather results from low neutrophil numbers. The Menkes disease mice also had lower platelet counts present in inflamed livers. Alteration in platelet capacity to adhere and form plug/thrombus was shown previously in copper-deficient animals (67, 68) but what we observed in the current study might simply result from less NETs being cast as they form a platform for platelet adhesion in LPS-induced systemic inflammation (10).

To verify if copper deficiency results in a weaker NET formation, we kept C57Bl/6J mice, with unaltered ATPase expression, on daily copper chelator injections for 8 days to mimic a semi-chronic copper deprivation. To our surprise, during endotoxemia, much stronger NET release was detected in the livers of these animals than in their saline-treated controls. Similarly as in Atp7a mutants, less neutrophils were present in liver sinusoids but the numbers of KCs and platelets were unchanged. These results imply that indeed copper deficiency directly affects neutrophil numbers but the impact on NET formation is more complex. In our ex vivo experiments, copper chelator alone (when no exogenous copper was added) was not impacting NET formation (even in higher concentrations than show here), suggesting that copper is not essential for the release of NETs. The fundamental difference between mice with subchronic copper deficiency and Atp7a mutated animals is high accumulation of copper in the intestines of the latter animals (35). It is because copper has been shown to affect microbiota diversity in the gut of mice (69) and microbiota content (both qualitative and quantitative) is critical for proper aging of neutrophils and their removal as well as for casting NETs (70). Furthermore, antibiotic therapy was shown to affect ATP7A expression in the colon of mice (71). Therefore, depending on the status of microbiota, diverse numbers of aged neutrophils might be available in mice with subchronic copper deficiency and Atp7a mutants, while it is the aged neutrophil phenotype that exhibits enhanced NET formation under inflammatory conditions (70). Although we are unaware of studies on microbiota composition in Menkes disease-affected humans or mice, it is known to be altered in Wilson disease patients (72). Therefore, verification of microbiota changes in Menkes patients and in Wilson and Menkes mice could shed light on this issue.

In conclusion, with the application of intravital microscopy, we revealed that in both in vivo phenotypes of inappropriate copper distribution/levels and efflux in the body, resulting from altered genotypes, NET formation is decreased during systemic inflammation. This implies that at early stages of the reaction, affected individuals are less armed to capture pathogens and indeed some Wilson disease patients are more prone to sepsis (73). Overall, the study reveals that the requirement for different microelements for NET formation considerably varies as unlike zinc, low or negligible levels of copper do not interfere with NET formation or might even enhance it. In contrast, high copper concentrations (beyond 1 μg/ml) inhibit NET release, but this is mostly due to the cytotoxicity toward neutrophils.
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Supplementary Movie 1. Menkes disease mice (ms/−) and their controls (ctr-7a) with 24-h endotoxemia. Neutrophils were labeled with Brilliant Violet 421 anti-Ly6G antibody (blue), neutrophil elastase with Alexa Fluor 647 anti-NE (violet) and platelets with PE anti-CD49b (red). Autofluorescent hepatocytes are green. The scale bar indicates 50 μm.

Supplementary Movie 2. Wilson disease mice (tx-J) and their controls (ctr-tx) with 24-h endotoxemia. Neutrophils were labeled with Brilliant Violet 421 anti-Ly6G antibody (blue), neutrophil elastase with Alexa Fluor 647 anti-NE (violet), Kupffer cells with Alexa Fluor 488 anti-F4/80 (bright green) and platelets with PE anti-CD49b (red). Autofluorescent hepatocytes are green (dim green). The scale bar indicates 50 μm.
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Platelets are small anucleate cells that are essential for many biological processes including hemostasis, thrombosis, inflammation, innate immunity, tumor metastasis, and wound healing. Platelets circulate in the blood and in order to perform all of their biological roles, platelets must be able to arrest their movement at an appropriate site and time. Our knowledge of how platelets achieve this has expanded as our ability to visualize and quantify discreet platelet events has improved. Platelets are exquisitely sensitive to changes in blood flow parameters and so the visualization of rapid intricate platelet processes under conditions found in flowing blood provides a substantial challenge to the platelet imaging field. The platelet's size (~2 μm), rapid activation (milliseconds), and unsuitability for genetic manipulation, means that appropriate imaging tools are limited. However, with the application of modern imaging systems to study platelet function, our understanding of molecular events mediating platelet adhesion from a single-cell perspective, to platelet recruitment and activation, leading to thrombus (clot) formation has expanded dramatically. This review will discuss current platelet imaging techniques in vitro and in vivo, describing how the advancements in imaging have helped answer/expand on platelet biology with a particular focus on hemostasis. We will focus on platelet aggregation and thrombus formation, and how platelet imaging has enhanced our understanding of key events, highlighting the knowledge gained through the application of imaging modalities to experimental models in vitro and in vivo. Furthermore, we will review the limitations of current imaging techniques, and questions in thrombosis research that remain to be addressed. Finally, we will speculate how the same imaging advancements might be applied to the imaging of other vascular cell biological functions and visualization of dynamic cell-cell interactions.
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INTRODUCTION


Imaging and Platelets

Platelets are minute disk-shaped cells that are produced from megakaryocytes and have prominent roles in hemostasis. Platelets contain many granules that hold growth factors, chemokines, and other platelet-activating molecules and proteins and have an open canalicular system (OCS) important for protein transport. Furthermore, platelets also have a plethora of membrane surface receptors that are vital for platelet activation and thus, function, and for interactions with other immune cells including leukocytes (1, 2), malaria-infected red cells (3) and adaptive immune cells (4–6).

Excellent historical accounts of the first visual observations of platelets have been extensively reviewed (7, 8). Notable observations were made by Max Shultze (9) and Bizzozero (10), both pioneers of cell biology who adapted existing oil immersion microscopes within moist chambers to visualize blood “particles” and describe them as another blood component distinct from leukocytes and erythrocytes. Bizzozero also described how platelets had a physiological role in stopping hemorrhages (bleeds) in vessels (10).

Since the development of rudimentary immersion lenses, a number of improved and unique optics and laser technologies have emerged. These modern imaging tools are designed to observe diverse molecular and morphological changes of cells and/or dynamic interactions within a network of living cells in vitro and in vivo. For analyses of blood cell function, applications have largely focused on immune and red blood cell (RBC) biology as these cells are >5 μm in diameter and are well-suited for most commercial micro-imaging tools, where imaging in three dimensions at high spatial resolution is achievable.

Platelets, on the other hand, have received less focus, due to both being small in size (around 2–3 μm) and with the potential to be rapidly activated. The biophysical properties of platelets are distinct in their sensitivity to changes in blood fluid shear force, thus capturing platelet events at physiological flow rates requires high performance imaging systems as platelets are highly susceptible to motion blurring. Thus, platelet imaging under physiological flow conditions tests the limitation of spatial-temporal imaging resolution where sub-platelet structures are not visible (11).



Platelets, the Infantry of the Blood

Platelets circulate in the blood in a resting, quiescent state, with circulating levels maintained at a constant level within the normal range 150–400 × 109 platelets per liter of blood in healthy people (12). Human platelets circulate for between 7 and 10 days and are selectively removed by resident cells of the liver or spleen for clearance unless they are consumed as part of a hemostatic response (13). Although platelets do not contain a nucleus (therefore no DNA), they contain RNA, ribosomes, mitochondria, and a number of storage organelles and granules, which are dynamically regulated during normal platelet function (14, 15).



Granules

Platelet alpha, dense, gamma, and lambda granules contain chemokines (platelet factor 4; PF4, CXCL7), growth factors (vascular endothelial growth factor; VEGF, platelet-derived growth factor; PDGF), coagulation proteins and platelet-activating molecules (ADP, Factor V, Factor XIII, fibrinogen, and von Willebrand Factor; VWF) as well as lysosomes/proteolytic enzymes (16–18). Release of platelet granular contents helps stabilize platelet aggregates, enhance further platelet recruitment, and amplifying wound repair and immunological and inflammatory processes (15, 19–21). Often these granule contents can be used to indicate and quantify platelet activation.



Adheso-Signaling Receptors

Platelets have a host of membrane-associated receptors that engage with one or more counter-receptors or plasma/extracellular matrix proteins. Of major importance, glycoprotein (GP) Ib-IX-V, which binds VWF as well as P-selectin, Factors XI and XII, leukocyte integrin αMβ2, collagen, thrombin and kininogen, and GPVI, which binds collagen, fibrin and laminin (22), initiate platelet adhesion events. These receptors act in concert (23) to translate cues from the surrounding vascular environment to mediate molecular signaling pathways that lead to platelet activation, platelet adhesion as well as mediating interactions with other cells (24, 25). The goal is for platelets to adhere and seal the damaged vessel area, thus maintaining hemostasis (26). Platelet receptor engagement triggers phosphorylation and activation of intracellular molecules (Src family kinases, phosphoinositol-3 kinase and protein kinase C), degranulation, and the rearrangement of the cytoskeleton causing platelet shape change (27). Ultimately, these activation steps result in the activation of the platelet-specific integrin αIIbβ3, which non-covalently binds dimeric plasma fibrinogen as well as potentially other plasma proteins (fibronectin, cadherins, VWF) thus bridging adjacent platelets (28).

As platelets also contain an OCS, receptor engagement and cytoskeletal rearrangement coordinates the exposure of this specialized internal membrane network that is important for protein transport (29) and amplification of prothrombotic responses. The cytoskeletal rearrangement enables platelet receptors to cluster (30, 31) which amplifies signaling events and helps stabilize platelet contact points. Activated platelet membranes become negatively charged through the exposure of phosphatidylserine and this mediates procoagulant (thrombin generating) capacity (32). Phosphatidylserine exposure can also occur in pathophysiological settings such as on exposure of murine platelets to antiplatelet autoantibodies (33). An additional consequence of receptor activation is the metalloproteolytic shedding of the ligand-binding ectodomains of GPIbα (the ligand-binding portion of GPIb-IX-V) and GPVI receptors. Through this metalloproteolytic process, thrombus propagation may be controlled and limited (34, 35).



The Process of Thrombus Formation

Thrombosis is an exaggerated and generally undesired form of hemostasis where there is uncontrolled platelet adhesion and aggregation, leading to increased thrombin formation, and fibrin generation (36). Large thrombi (blood clots) may occlude blood vessels or undergo embolization, where the thrombi break apart and pieces move to occlude smaller vessels causing strokes and myocardial infarction (37). Arterial thrombosis usually is triggered by rupture of a collagen- and tissue factor-rich stenotic plaque at relatively high (1,000–5,000 s−1) wall shear rates, which are sufficient to unfold VWF and activate platelets. Venous thrombosis occurs at very low or static (0–200 s−1) shear rates with contributions from the vascular bed and inflammatory cells (38). Together, acute venous and arterial thrombosis accounts for the most common causes of death in developed countries (39–41).

Platelet aggregation leading to thrombus formation is a multistep adhesion process (Figure 1) involving distinct receptors and adhesive ligands, with the contribution of individual receptor-ligand interactions to the aggregation process dependent on the prevailing blood flow conditions (42, 43). Platelets normally circulate in a quiescent, latent form but initially roll, then adhere at sites of endothelial injury, where matrix proteins such as collagen, VWF or laminin are exposed. If the rheological conditions are altered such that non-laminar disrupted flow is present, platelet activation is also immediately triggered (36, 44, 45). Engagement of GPIbα by the A1 domain of VWF under a shear force is critical for generation of ligand–receptor signals (46, 47). Intracellular signals then trigger platelets to change shape and flatten, cluster receptors, undergo calcium flux, generate reactive oxygen species and begin to degranulate. These steps serve to stabilize the adherent platelet, amplify the platelet activation, and enhance recruitment of additional platelets to the aggregate. Platelets are able to form stable adhesion contacts at all shear rates found throughout the vasculature (48) and activation can occur directly in flowing blood—within regions of a flowing blood column that can impart either intermittent or sustained elevated shear exposure in the absence of blood vessel wall contact (49).


[image: Figure 1]
FIGURE 1. Platelet contributions to thrombus formation. Platelets circulate in the blood stream in a quiescent (resting) state. When exposed extracellular matrix proteins such as von Willebrand Factor (VWF) or collagen are detected at the site of injury, platelets are induced to roll, and then adhere. The GPIb-IX-V complex and GPVI receptors on platelets orchestrate this adhesion and activation process. Adherent platelets become activated, expose P-selectin and phosphatidylserine, and secrete secondary mediators such as ADP and thromboxane. This promotes platelet recruitment and activation of αIIbβ3 which mediates platelet aggregation by binding plasma fibrinogen. Coagulation is also activated resulting in fibrin formation following thrombin cleavage of fibrinogen, leading to the consolidation of the platelet aggregate into a thrombus and healing of the damaged area. Fibrinolytic processes eventually dissolve the formed thrombus, causing the thrombus to embolize. Thrombosis occurs when there is increased coagulation and exaggerated thrombus formation and/or reduction of fibrinolytic processes, potentially leading to occlusion of the blood vessel.


Development of high-speed imaging approaches have enabled many laboratories to evaluate and quantify this process in vitro and our understanding of how receptors, vascular constituents, rheology and secondary messengers released from platelets contribute to this process has expanded. Nonetheless, important additional contributions of RBCs and leukocytes as well as contributions from specific vascular beds, coagulation processes and blood rheology considerations are generally missing from experiments in vitro, meaning that many aspects of this system remain to be well-defined.



Imaging Platelet Function in vitro to Advance Our Understanding of Thrombosis

In the modern era, platelet function can be readily imaged in vitro using advanced light-based microscopy systems with phase contrast or fluorescence capabilities (Table 1). In many cases, the isolation of human platelets from anticoagulated blood is desirable to reduce cellular autofluorescence (68) and allow clearer visualization of platelets. Platelet isolation is rapidly achieved using low speed centrifugation (110 g), to obtain a preparation of platelet-rich plasma (PRP; platelets plus all plasma proteins) with minimal numbers of RBCs and leukocytes. Removal of microparticles can be achieved by ultracentrifugation of isolated plasma at >100,000 g and used for platelet resuspension. Using selected anticoagulants and wash buffers that control pH well, plasma proteins can be “washed” away from platelets to generate a washed platelet preparation that is free of all plasma components. This fractionation and preparation is ideal for single platelet imaging and spreading. In summary, the single cell imaging techniques have utility to examine specific surface receptors, platelet cytoskeletal changes, interactions with immobilized ligands such as collagen and fibrinogen, or platelet-cell interactions. Washed platelets, PRP and anticoagulated whole blood can be also used in microfluidic-based systems to examine thrombus formation under conditions found in flowing blood.


Table 1. Imaging techniques and applications for platelet research in vitro.
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Micro-Imaging Platelets in a Dish

Platelets can quickly change from a rounded, non-adherent form to adhere and undergo rapid shape change (flatten) when exposed to purified immobilized ligands such as extracellular matrix proteins collagen and laminin and adhesive proteins, including fibrinogen and VWF. This “spreading” effect can lead to the formation of filopodia and lamellipodia with subsequent ability to actively mobilize, which requires cytoskeletal protein rearrangement, including polymerization of actin, and other cytoskeletal proteins (69). Platelet adhesion and extent of spreading (area covered) can be quantified.

Widefield microscopy, including phase contrast, total internal reflection fluorescence (TIRF) (70, 71), reflectance interference contrast (RIC) (72), differential interference contrast (DIC) (73) and confocal microscopy with fluorescence capabilities (74) have enabled visualization of activation events in real time including clustering of platelet receptors and cytoskeleton rearrangement following platelet contact with immobilized ligands. Washed platelets are usually resuspended in permeabilizing buffer containing fluorescently-tagged antibodies or probes targeting actin and tubulin (51, 75, 76), and allowed to spread at 37°C for 30–120 min on microscope slides coated with an immobilized ligand to visualize changes in cytoskeletal rearrangement (Figure 2B). Actin-mediated cytoskeletal rearrangements allow the formation of filopodia and then lamellipodia and microscopy has identified differential contributions of each of these structures to a forming thrombus (77). Live cell imaging has demonstrated roles for GTPase proteins including Cdc24, RAC1, and RhoA (78). Widefield microscopy has also been valuable in assessing megakaryocyte (platelet parental cell) function, including studying roles of receptors, cytokines and growth factors in pro-platelet formation (79–81).


[image: Figure 2]
FIGURE 2. Platelet spreading. (A) Under resting conditions platelets normally are non-adherent. Upon exposure to an activating agonist, platelets change shape by reorganizing cytoskeletal elements, leading to the formation of filopodia, followed by lamellipodia and an increase in surface area. When platelets are exposed to immobilized ligands in experiments in vitro, this shape change is known as platelet spreading. Light microscopy images shows actin arrangement and morphology of phalloidin-treated platelets exposed to non-coated coverslips (left) or coverslips pre-coated with collagen (middle) or fibrin (right). Images were taken using an inverted bright-field fluorescence microscope. Scale bar = 20 μm. (B) Schematic of processes that can be imaged during platelet spreading in vitro include (1) Cytoskeletal protein rearrangement, such as formation of actin nodules, microtubule organization and generation of stress fibers; (2) super resolution microscopy (dSTORM, SIM) can capture GPVI clustering (purple dots) and alignment along collagen fibers (green lines); (3) microvesicle formation can be imaged using optical systems that provide resolution below 150 nm; discrete cytoskeletal rearrangement occurs alongside calpain-dependent processes, where calcium-sensitive proteases detach membrane proteins, allowing membrane blebbing required for microvesicle release from platelets and megakaryocytes.


Widefield microscopy imaging together with the availability of genetic data has helped identify and characterize platelet defects in patients with syndromes including Scott syndrome (82), Wiskott-Aldrich syndrome (65), and Filamin A disorders (83, 84). These syndromes are challenging to detect or evaluate using conventional platelet function testing due to associated thrombocytopenia (low platelet count). Of note, platelet spreading assays, which are not affected by low platelet count, can help define bleeding phenotypes in patient samples that are negative for an aggregation defect (85). The combination of biological optical microimaging with genomic information has opened up new avenues to test and evaluate these rare conditions that are not limited by low platelet counts but are still constrained by the limits of optical diffraction (86, 87).



Nanoscale Imaging of Single Platelets

Initial ultra-high resolution imaging studies of the platelet cytoskeleton and membrane glycoproteins were assessed using electron microscopy (EM) (88–90). EM is a highly specialized and time-consuming technique that provides excellently detailed nanometer scale level imaging resolution of platelet ultrastructure including intracellular organelles, cytoskeletal components, and storage granules that is beyond the resolution limits of conventional light microscopy. EM has been used to describe platelet dysfunction disorders, such as Gray Platelet syndrome, the rare congenital autosomal recessive bleeding disorder caused by an absence or deficiency in alpha granules (91, 92).

Scanning and transmission EM protocols generally require multiple washing of small portions of sample and can also integrate immunolabeling and negative staining techniques. Transmission EM requires thin tissue sections through which electrons can pass generating a projection image of the interior of cells, structure and organization of protein molecules and cytoskeletal filaments, and the arrangement of protein in cell membranes (by freeze-fracture). Scanning EM provides a wealth of information about surface topography, atomic composition and distribution of immunolabels. A limitation of EM samples obtained from platelets from patients and thrombi are they often become unviable at the time of processing and this imposes limitations on the types of biological questions that can be pursued.

The emergence of super resolution microscopy and other nanoscopy techniques (93–95) have overcome several limitations of traditional light-based approaches to achieve nanometer resolution. Unlike EM techniques, these samples can be prepared using regular biochemical processes that preserve biological functions. Amongst many nanoscopic techniques, Structured Illumination Microscopy (SIM) and Single Molecule Localization Microscopy (SMLM) approaches (61) have provided unique insights into cytoskeletal protein clusters of actin nodules (65), tubulin and actin stress fibers (96, 97), and cytoskeletal rearrangement during platelet activation (98, 99). These approaches also have greatly improved knowledge of surface receptor co-localizations. For example, the platelet receptor GPVI has been shown to dimerize and cluster along collagen fibers (Figure 2) and is co-localized with integrin α2β1 (31). It will be interesting to apply these high resolution techniques to determine whether other receptor-ligand interactions, such as GPIb-IX-V on immobilized VWF, also demonstrate dynamic movement, and whether GPVI clusters in this way on fibrin(ogen) or other immobilized GPVI ligands. The consequences of receptor clustering on platelet aggregate formation and stability, and whether clustered receptors are protected from proteolytic cleavage by metalloproteinases such as A Disintegrin And Metalloproteinase (ADAM) 10 (100) are additional research questions that can now be addressed.

SIM imaging approaches are well-suited to evaluate platelet-specific defects in individuals and or genetically modified animals with congenital deficiencies in protein expression. For example, SIM has been applied to study spreading behavior and changes in cytoskeletal rearrangement in platelets with cytoskeletal protein deficiency; such as ARPC1-deficiency, where reduced actin-related protein 2/3 complex (Arp2/3) led to aberrant platelet spreading (66) and Wiskott-Aldrich syndrome protein (WASp) deficient platelets from patients and WASp knockout mice resulted in reduced actin nodule formation (65). With the expanding implementation of SIM in other microscopy methods (e.g., TIRF microscopy), we anticipate SIM to have increased applications in high to super-resolution imaging of platelet and thrombus behavior (101).

High resolution microscopy has also been valuable in assessing megakaryocyte (platelet parental cell) function, including studying roles of receptors, cytokines, and growth factors in pro-platelet formation (57, 80, 81). However, these imaging techniques have been developed for a static system, which does not permit implementation of fluid shear stress, a crucial physiological driver of platelet production. The next frontier, therefore, is to couple these imaging processes to microfluidic systems, and examine platelet and megakaryocyte processes under conditions found in flowing blood.

Brown et al. used electron tomography coupled with intravital correlative light-electron microscopy (CLEM) to capture thrombopoiesis events in real time and calculate megakaryocyte membrane parameters during this process of platelet production. They identified that mass fusion between internal and external membranes allows megakaryocytes to extend multiple protrusions rather than proplatelets into the marrow sinusoidal vessel space (58).




MICROFLUIDICS IMAGING OF PLATELETS: RECAPITULATING THROMBUS FORMATION IN VITRO


Laboratory Research and Extending to the Clinical Sector

Microfluidic devices and flow-based systems provide good avenues to study these concepts in combination, thus allowing coagulation, platelet function, and roles of shear to be studied simultaneously, using small quantities of blood (Table 1). Simple single channel microfluidic systems generally uses glass capillary tubes (optically clear) or conduits made using a mask to produce channels usually of 50–100 μm thick channels in polydimethylsiloxane (PDMS) which are mounted on glass coverslips (102). The channels or capillaries are coated with an adhesive ligand (103, 104). A syringe pump either pulls or pushes antibody- or fluorescently labeled blood, PRP or washed platelets in the presence of anticoagulant (generally trisodium citrate and PPACK), through the channel at constant shear rates which are determined by the velocity of the flow and viscosity values that are appropriate for the sample being evaluated. If the contribution of coagulation to the hemostatic process is to be assessed, then the sample must be carefully recalcified to overcome the anticoagulant (105, 106). The whole process is captured using a high-resolution objective lens with a high-speed photodetector or high-sensitivity camera (usually confocal or widefield/fluorescence). Altering channel geometrics can help study platelet aggregation/thrombus formation in conditions recapitulating pathological vessel geometries, stenotic vessels, and vessel areas where stagnation points and shear gradients may occur (107, 108). Microfluidic platforms have been reviewed in detail elsewhere (109, 110).

Many laboratories have used microfluidic systems to monitor thrombus formation, demonstrate the effects of fluid shear stress and define molecular events involved (110–114). Microfluidic studies have assessed thrombus formation in healthy donors (50, 115) and patients afflicted with von Willebrand disease, hemophilia, or thrombocytopenia (114, 116), and used to tease out points of difference between immobilized ligands. De Witt and colleagues ranked 52 different adhesive surfaces for thrombus formation at arterial and venous shear rates (104) and others have studied thrombus formation in blood from mice with genetically engineered deficiencies in platelet receptors or signaling proteins (50). At this time, the only commonly used clinical device that incorporates an element of shear stress to evaluate platelet function is the platelet function analyser (PFA)-100 or PFA-200 which assess time to occlusion of collagen/epinephrine or collagen/ADP coated cartridges by a sample of citrated whole blood. Values in healthy donor samples for time to occlusion are extremely broad and data are unreliable in samples where the hematocrit or platelet count is low (117).

Taken together, findings have led to the consensus that increasing shear stress promotes binding of platelet GPIbα and/or αIIbβ3 to VWF, promoting activation and platelet aggregation (112, 118–120). Exposure to fluid shear stress or immobilization on a solid support matrix modulates VWF tertiary structure, inducing the molecule to unfold and expose sites within the A1 domain of VWF that directly bind to the GPIbα subunit of GPIb-IX-V. This generates signaling events that trigger platelet aggregation (46, 47). Therefore, the effect of pulsatile flow compared to constant flow on thrombus formation will be an important aspect in future studies, especially in the context of platelet activation in mechanical circulatory support devices, such as left ventricular assist devices (LVADs) and extracorporeal membrane oxygenation (ECMO) circuits (34, 108).

Recent studies have also assessed platelet receptor roles in thrombus growth and stability, with GPVI being a key potential player, through its interaction with fibrin in a growing thrombus (121, 122). Targeting of GPVI, a specific receptor found only on platelets and megakaryocytes, provides a good target for anti-platelet therapy without associated bleeding risks (123, 124). Microfluidic systems are therefore a useful tool to examine new GPVI antagonists on reducing thrombus growth and stability. ACT017, a humanized antibody fragment against GPVI, is an example of one of these targets tested with in vitro microfluidic systems and has progressed through Phase 1 trials (121, 125, 126).



Recapitulating a Blood Vessel in a Microfluidics System

Microfluidic imaging systems of whole blood exposed to shear have also provided insight into the contribution of RBCs to thrombus propagation, especially at venous shear rates (121, 127). RBCs are the most abundant blood cell type and are heavily glycosylated. They circulate through the central lumen of the vessel and serve to marginate platelets away from the lumen center and toward the vessel wall. RBCs are the major contributor to blood viscosity, and hence, to vascular fluid shear stress (128–130), which in turn impacts on platelet activity. Therefore, it is important to consider the contribution of RBCs in the design of all microfluidic imaging experiments, particularly when using RBC-free PRPs, or washed platelets. This is typically partially compensated by altering the shear stress in the microfluidic chamber.

Some efforts have been made to grow endothelial cells in microfluidic channels to evaluate endothelial cell contribution to platelet activation and recruitment for forming thrombi (48). Whilst challenging, the seeding, culturing and maintenance of viable endothelial cells to mimic a blood vessel environment in a microfluidic channel formed with a 3D collagen-based hydrogel has been successfully developed (131, 132). However, imaging in thick non-homogeneous cellular network requires good laser scanning microscopy techniques, i.e., intravital microscopy, that will be covered in greater detail in later sections.



Real Time Microfluidics Quantitative Imaging of Platelets

Thrombus surface area coverage, height and volume are commonly measured in microfluidic devices, but this often requires the use of fluorescently labeled antibodies or probes with variable affinities and efficiencies of binding to the platelet membrane. This approach is not always well-suited for live imaging quantification as these reagents can potentially interfere with normal platelet processes and receptor function. Additionally, laser microscopy increases the risk of photobleaching which, together with phototoxicity, are highly confounding variables during live measurement (133). Further, volumetric quantification is routinely conducted using total fluorescence intensity, which is ultimately limited by the dynamic range of the photodetectors and prone to signal saturation. Other quantitation mechanisms include generalized scoring of thrombi or using the integrated density of the fluorescence signal per field of view (50, 104, 134). These have allowed robust quantitation and comparisons of patient thrombi formed compared to healthy controls, but are not yet standardized approaches, meaning comparison of data across microfluidic systems and between laboratories is not always straightforward (135). Furthermore, most approaches require setting signal thresholds, which can introduce the potential for operator bias and impact on quantitation in real-time.

Although microfluidic systems have advanced the field, these systems do not perform well if coagulation is permitted to proceed. In anticoagulated microfluidic systems the physical properties of thrombi formed do not include the contribution of thrombin activation.



Imaging Hemostasis and Thrombosis Processes in vivo

Whilst imaging of thrombus formation in vitro has helped to quantify the contribution of platelet receptors, ligands, and other parameters to thrombus formation, imaging in vivo still remains the premier research tool as it permits assessment of thrombus formation in its native microenvironment, which considers contributions from coagulopathy, other blood cells and processes (for example neutrophil extracellular traps) and the endothelium (Table 2). Injury to a blood vessel may be induced using a precisely-guided laser, ligation of a blood vessel, topical application of ferric chloride, or by mechanical or electrolytic injury (150, 151). The selected mode of thrombosis-inducing injury very much depends on the vascular bed being examined and the experimental question being addressed as relative contributions of the surrounding endothelium, transitory leukocytes, and RBCs and the coagulation and complement pathways vary significantly with the mode of injury.


Table 2. Imaging techniques and applications for platelet research in vivo.
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The development of rapid (spinning disk) laser scanning confocal microscopes (152) has enabled sufficient speed to capture transient events in flowing blood. Using laser scanning microscopy, there is sufficient depth penetration to image thrombus formation in mice using laser-induced injury models (136, 153). For example, Falati et al. have assessed the roles of platelet, tissue factor and fibrin in the formation of thrombi in mice after laser-induced endothelial injury (136). However, there is still limited depth which laser confocal microscopy can achieve due to high optical scattering (154). Since then, the inclusion of ultrafast laser systems for multiphoton microscope has open up new opportunities to reach from several hundred micrometers up to 1 millimeter in depth, which expands the hemostasis research questions that can be asked using blood vessels of animals in vivo (155). Indeed, the use of the term “intravital microscopy” is now synonymous with the use of multiphoton microscopes across biology.



Intravital Microscopy Systems

Intravital microscopy systems are now routine to study disease models because of the ability to capture cellular activities in its microenvironment. These instruments use an ultrafast laser system that achieves a reduction of light scattering in tissue and therefore increases depth of imaging. In addition, video rate intravital microscopy offers real-time monitoring so as to record rapid and dynamic events for accurate quantification of events at sub-cellular size scale (156, 157).

Intravital microscopy for thrombosis studies usually requires injection of fluorescently labeled platelets or fluorophore-conjugated antibodies to target a platelet receptor or protein of interest (150, 151). Mice that have been genetically altered to be deficient in a protein or genetically engineered to express reporter-tagged proteins in a cell-specific manner, such as GFP, YFP, and mCherry also have great utility (150, 158–160). Several reports have now used intravital imaging to investigate megakaryocyte-derived structures entering bone marrow sinusoids (161, 162) and platelet production.



Hemostasis and Thrombus Formation in Its Natural Microenvironment

The development of mice expressing multiple reporters, such as the colorful “confetti” mice reduces the reliance on antibody labeling of cells. For platelet studies, the R26R-Confetti mice were used to study migrating mechanoscavenging platelets that collect bacteria (74). Studies using transgenic mice expressing LifeAct-GFP have also revealed details of platelet actin cytoskeletal structure and nodules (65, 163). When pairing these fluorescent transgenic mice with an intravital microscope, it becomes possible to delve deep underneath dense tissue and potentially observe megakaryopoiesis and changes in ploidy and proplatelet formation and release into the blood stream (87, 164). Fluorescently-labeled platelets have enabled studies of platelet migration and platelet interactions with other blood cells, in a number of physiology scenarios, including inflammation (139), infection (165), and cancer (166).

Key thrombus formation studies in vivo have aimed to define the evolution of a thrombus by examining initial steps of platelet activation, signaling and recruitment, and how different extents of platelet activation can affect the stability of the formed thrombus. Stalker and colleagues visualized platelet recruitment following endothelial damage to a cremaster muscle microcirculation, and identified that platelets formed a thrombus with at least 2 distinct zones. The inner core zone contained tightly packed degranulated platelets (as measured by P-selectin expression), which was co-localized with fibrin (167, 168), and had evidence of active thrombin (167, 169). The outer shell zone consisted of loosely-packed platelets, with reduced P-selectin expression and undetectable levels of fibrin. Other intravital laser-induced thrombosis studies have examined roles for tissue factor, thrombin generation (170), platelet receptors GPIbα (171, 172), GPVI (173, 174), protease-activated receptor 4 (175, 176), P2Y12 (177, 178), and αIIbβ3 (153, 179, 180). Roles for plasma proteins, such as VWF and fibrinogen (170) fibronectin (181, 182) vitronectin (183) and neutrophil extracellular traps (165) and signaling molecules (184) in platelet activation and accumulation following damage to the endothelium have been defined using intravital imaging systems (150). Thrombi properties vary with the nature of the blood cellular composition and vascular bed as well as the extent of the induced injury, and therefore both factors will determine the response and level of the associated inflammation. This remains a major consideration in the choice of in vivo model and imaging modality.



Limitations of Imaging in Living Organs

A common challenge in intravital imaging is the maintenance of a comparable extent of injury within an animal and across a series of experiments in different batches of animals. This is dependent on consistent laser power, diameter of the laser beam, and depth of the blood vessel. This is especially difficult in confocal systems that often use dual laser sources (i.e., one for imaging and another to induce injury) that require considerable co-alignment in all 3 planar directions to achieve accurate and consistent laser injury. It is possible to use the laser for imaging to also induce laser injury (157) for example in multiphoton imaging, the high-energy near-infrared and infrared pulsed laser allows one to perform laser ablation at a localized section in tissue at a specified depth. To further extend the imaging depth achievable, longer infrared wavelength lasers for triple photon absorption are available and would be a great advantage to platelet researchers but can be limited to the range of excitable fluorophores (185).

The ideal system would allow consistent imaging of platelet recruitment and thrombus formation with minimal photobleaching at any chosen imaging depth. While there are numerous commercial multiphoton intravital microscopes available, the ability to achieve high speed, signal and depth drive many laboratories to build their own systems, which are adapted to the laboratory specifications and requirements (186). However, subtle differences and non-standard configurations mean that experimental conditions cannot be fully duplicated between laboratories.

While the implementation of fluorophores and fluorescent probes are an established method for visualization in vivo and in vitro, they face various limitations that can impact on the biological application studied or imaged, including interference with receptor signaling, cytotoxicity, and target specificity (Table 2). Thus, the heavy reliance on these biochemical tools can create significant issues with imaging in vivo (187, 188). Label-free intravital imaging offers an exciting option to reduce this issue and will allow imaging of platelets and their structures in their physiological environment. A label-free imaging approach will also reduce or remove phototoxicity and photobleaching complications and allow imaging of true dynamic events leading to platelet activation and thrombus formation.

Other potential intravital imaging techniques using multiphoton effects include second and third harmonic generation (SHG, THG) microscopy and Raman scattering (Coherent Anti-stokes Raman scattering; CARS). Many of these modalities have been established in other cell biology systems, and could be applied to intravital mouse thrombosis models (Table 2). SHG microscopy is a non-linear imaging technique, where light scattered over non-centrosymmetric molecules (including the extracellular matrix protein collagen) produces a photon at half the incident wavelength (95). THG microscopy involves non-linear light scattering originating from polarization of an excited volume, including at water-lipid/water-protein interfaces. Thus this approach is relevant to the imaging of molecular events at platelet and cell membranes (146). Raman/CARS microscopy detects signal from inelastic photon scattering upon interaction with matter (95), and would have utility in measuring thrombus volume.

An additional task that all high resolution imaging approaches bring is in the handling and processing of extremely large data files, the necessity to improve contrast and resolution, remove out of focus signal and correct for animal movement (e.g., breathing) that uses image registration (156). In addition to motion, images can be enhanced by going through image deconvolution processes (189, 190). For traditional deconvolution (except for blind deconvolution), it is necessary to first obtain an image of the ideal point spread function of the imaging system. Once the ideal point spread function is determined (191), one can then identify a suitable deconvolution mask to sharpen the images. A mismatch of the ideal point spread function of the system will introduce unnecessary image defects in deconvolved images (192). Upon imaging, it is crucial for imaging specialists to use image registration and deconvolution to improve final images and remove artifacts prior to quantification, in order to reduce errors (193).



Beyond Fluorescence Imaging: Quantitative Imaging Without Fluorescence Labeling in vitro

Reflectance Interference Contrast Microscopy (RICM) (46, 72) is one of the first non-label quantitative imaging approaches that uses interference to examine how platelets interact with an immobilized substrate. Although, this approach is sensitive to several nanometers above the coverslip glass, it is limited to measure signals from a small thickness (~100 nanometers) of a single platelet and cannot be used to quantify volumetric information of platelet aggregates or thrombus.

Current standardized microfluidic imaging systems with label-free imaging approaches exploits the refractive index of platelets as its endogenous label. Since there is no nucleus in a platelet, the refractive index of platelets is likely to be stable, providing an opportunity to capture high amounts of quantitative data. Quantitative phase microscopy (QPM) provides measurements of cell depth by monitoring changes in refractive index, which shifts the phase of the incident light wave (53). QPM not only allows non-invasive and label-free imaging of cells, it eliminates the risk of photo-bleaching and reduces optical distortion of samples (54). QPM has been implemented to quantify the volume, mass, and density of platelet aggregates and thrombi formed on collagen-coated microfluidic channels in the presence or absence of tissue factor when exposed to venous shear rates (73). Digital holographic microscopy (DHM), a form of holographic QPM, has been applied to imaging blood samples, and quantify platelet aggregates formed at low (100 s−1) shear (194). More recently, DHM was used to quantitatively measure changes in volume of platelet aggregates over time when exposed to different shear rates (Figure 3). A stability index was developed by monitoring the reduction in thrombi volume after the established thrombi field was exposed to elevated (7,000 s−1 and 12,000 s−1) shear rates using physiological buffered solution (55). The use of QPM with microfluidic systems permits acquisition of accurate values for thrombus height, area and volume without the requirement of fluorescence labeling and the potential to provide a new means of assessing platelet function in clinical samples.


[image: Figure 3]
FIGURE 3. Imaging modalities for visualizing platelets. Multiple imaging modalities can be used for platelet imaging depending on the process to be imaged and imaging environment. Epifluorescence and bright-field imaging are most commonly used for general assessment of thrombus size and the biochemical composition of platelets (195). Electron microscopy allows resolving fine physical structures of single or an aggregate of platelets but is limited to fixed samples (195). Where imaging of functional platelets is required, in vitro imaging using TIRF or confocal microscopy could reveal dynamic events of single platelet activity and thrombosis (196), with the option of employing super-resolution and single-molecule imaging techniques for nanometer resolution of fluorescently-tagged biomolecules (65). To recapitulate more physiological conditions, the use of microfluidics and label-free microscopy can provide physiological flow conditions and reduce the risk of phototoxicity incurred by photobleaching, respectively. Finally, in vivo platelet imaging has been realized by confocal and 2-photon microscopy, the latter which provides greater tissue penetration and less phototoxicity, but with a higher equipment cost (197). Microscopy images were obtained from https://doi.org/10.1038/s41467-019-09150-9, https://doi.org/10.1038/s41467-019-10067-6, https://doi.org/10.1038/ncomms8254, and https://doi.org/10.1371/journal.pone.0071447, under the Creative Commons license (CC BY 4.0, https://creativecommons.org/licenses/by/4.0/). Images were cropped and figure letters were removed for clarity.


Due to the ease and simplicity of sample handling, QPM techniques can aid predictive models of thrombus formation, contraction, and stability across a range of shear rates and are ideal modalities for development for point-of-care devices to assess platelet function and thrombosis and bleeding risk in at risk patients. These imaging approaches can address research questions targeting mechanisms involved in the regulation of thrombus size, for example the respective roles of metalloproteinases (34, 198) or tetraspanins (199, 200) in modulating thrombus size and stability. However, as QPM techniques rely on phase information in transmitted light, they can often be limited by strongly scattering media. For instance, RBCs are strong scattering agents, akin to tiny polymer lenses, and obscure the visualization of platelets during thrombus formation.



Integrating High Speed Imaging Into Microfluidic Systems

There is a wealth of molecular tools, platelet-reactive surfaces, microfluidic devices and imaging modalities that sit within research spaces, each approach with specific strengths and weaknesses. Ideally the acquisition of data will be performed under agreed standardized experimental conditions, permitting comparison and integration of findings into current models of thrombus formation under flow.



In vitro Imaging Cytometry

Conventional flow cytometry requires a narrow stream of fluorescently labeled cells in suspension to enter a single weakly focused laser beam. This allows direct single point excitation of fluorescence from each cell passing through the focused laser beam. This approach is devoid of any spatial information with regards to the cell that has been detected and devoid of any morphological information for the detected cell.

Imaging flow cytometry (IFC) aims to incorporate high speed imaging into a flow cytometry system either through a high speed camera system or improved laser scanning methods (201). Although progress in the field of IFC has achieved imaging speed of several hundred imaging frames per second (202), the resolvable image resolutions and imaging depth of these IFC systems can detect platelet/cell aggregates (203, 204) and changes at the platelet membrane (205), but still cannot resolve sub-platelet structures owing to trade-offs between sensitivity, speed, and resolution of the sensor (206).

Currently there are no standardized methods available in the clinical hematology laboratory to evaluate platelet function under vascular fluid shear conditions. Hence, an imaging flow cytometry system that can evaluate platelet function in a standardized way in samples from people with platelet counts below 100 × 109/L would be an asset to clinical hematology. Real time assessment by point-of-care/clinical lab-based imaging flow cytometry devices using microfluidics could help address these issues. For example, information on platelet function in acquired thrombocytopenia at initial presentation and then after therapy could inform on platelet quality particularly if platelet count has not been normalized. Further, monitoring platelet function and thrombotic risk could help guide clinical decisions on patient-specific antiplatelet/anticoagulant therapy to help reduce thrombotic events.



In vivo Imaging Cytometry

The concept of in vivo IFC systems was developed to count, characterize, and image biological cells flowing in a living organism (in this case a mouse) at different time points, thus providing longitudinal information of biological events. The in vivo flow cytometer was first used to quantify the circulation lifetime of different tumor cells and monitor apoptotic cells in circulation (166, 207, 208) with single cell sensitivity. However, existing in vivo IFC approaches are limited by technological challenges that restrict 2D regions of interest to superficial layers of tissue, preventing the experimental interrogation of cellular and molecular events in major blood vessels. Application of laser scanning technology and laser beam shaping, have circumvented this limitation to achieve single cell analysis in vivo. For instance, a recent study used multiphoton microscopy techniques to expand the field of in vivo imaging tools and visualize calcium fluxes of 10,000 neurons over millimeter ranges (209).



More Than One Imaging Microscope: Multimodal Imaging

Until now, almost all platelet imaging has been conducted exclusively using a single type of microscope system i.e., spinning disk confocal and structured illumination microscopy. While it is convenient to adopt existing imaging protocols for platelet imaging, there are inherent challenges in imaging platelets due to the complex nature of the platelet-platelet aggregation process. Label-free imaging modalities such as photoacoustic imaging (210) and optical coherence tomography (211) can be combined with an existing multiphoton microscopy system to achieve both structural and fluorescence imaging (212).




CONCLUDING REMARKS

Many brilliant advances in imaging techniques for analyses using in vivo and in vitro approaches have helped build substantial understanding of roles of receptors, molecular signaling, and the relative contributions of RBCs, leukocytes and platelets to thrombosis and hemostasis as well as other vascular processes. These research-based approaches have been critical for exploration of new means to develop and evaluate novel therapeutics that ultimately improve patient hematology healthcare. The next stage will be to bring one or more of these imaging modalities into the clinical space in an appropriate format and with a well-characterized and standardized ability to evaluate and quantify platelet function in patients at risk of thrombosis, or with unexplained bleeding, or a low platelet count where assessment of platelet function is precluded from using standard hematology laboratory approaches. It is hoped that these tools will also be useful to assess anticoagulant and antiplatelet effectiveness and for stratifying patients who are at risk of thrombosis or bleeding.
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Cardiovascular disease is the leading cause of worldwide mortality. Intravital microscopy has provided unprecedented insight into leukocyte biology by enabling the visualization of dynamic responses within living organ systems at the cell-scale. The heart presents a uniquely dynamic microenvironment driven by periodic, synchronous electrical conduction leading to rhythmic contractions of cardiomyocytes, and phasic coronary blood flow. In addition to functions shared throughout the body, immune cells have specific functions in the heart including tissue-resident macrophage-facilitated electrical conduction and rapid monocyte infiltration upon injury. Leukocyte responses to cardiac pathologies, including myocardial infarction and heart failure, have been well-studied using standard techniques, however, certain questions related to spatiotemporal relationships remain unanswered. Intravital imaging techniques could greatly benefit our understanding of the complexities of in vivo leukocyte behavior within cardiac tissue, but these techniques have been challenging to apply. Different approaches have been developed including high frame rate imaging of the beating heart, explantation models, micro-endoscopy, and mechanical stabilization coupled with various acquisition schemes to overcome challenges specific to the heart. The field of cardiac science has only begun to benefit from intravital microscopy techniques. The current focused review presents an overview of leukocyte responses in the heart, recent developments in intravital microscopy for the murine heart, and a discussion of future developments and applications for cardiovascular immunology.
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INTRODUCTION

The primary function of the heart is to pump blood throughout the body via the circulatory system, delivering oxygen and nutrients to the tissues, and removing carbon dioxide and waste simultaneously. The heart is composed of four chambers, each separated by uni-directional valves, that synchronously work to cycle blood through the systemic and pulmonary circulation. The function of the heart relies on the action of contractile cells, known as cardiomyocytes, specialized conducting cells that facilitate coordinating rhythmic contraction, extracellular matrix that provide mechanical support, as well as veins, arteries, and microvasculature to supply blood to the working muscle. Importantly, the heart vascular network, known as the coronary circulation, maintains perfusion of myocardial tissue with hemodynamics that are out-of-phase to the systemic circulation (1).

Almost all diseases of the heart involve an immune response with a high degree of spatial and temporal regulation that is orchestrated by functionally varied leukocyte populations. This dynamic nature of leukocytes, coupled with the fact that contractile motion at the cell and tissue level is an essential function of the heart, present a unique and challenging environment to study the immune system. Given that the heart is highly specialized and metabolically active, containing the highest oxygen consumption rate per unit of tissue in the human body (2), it is highly susceptible to insults that decrease its function. These include myocardial infarction, a condition that is caused by the partial blockage of blood supply to the myocardium, and chronic heart failure, which is a slow and progressive pathology that weakens the pumping ability of the heart. Diseases of the heart are the most common cause of death in the United States and the majority of populations worldwide (3). Furthermore, the incidence of heart disease continues to increase at an alarming rate despite significant advancements in therapies and techniques (4). Although an inflammatory component has long been recognized as a contributing factor in these diseases, the coupling between the dynamics of the inflammatory cell populations and heart function remains unexplored.

Common techniques to study the cellular basis of cardiac disease in experimental models typically capture a static point in time (e.g., post-mortem immunohistology) or use reduced preparations (e.g., ex vivo perfused heart, cell dissociation or isolation and analysis such as flow cytometry). These approaches have led to enormous progress in our fundamental understanding of leukocyte biology in the heart over the past century. However, these approaches fail to capture simultaneous and interacting processes at the cell-scale. The study of leukocyte dynamics in the majority of organ systems, including brain (5–7), kidney (8–10) skin (11, 12), and many more (13–17), have greatly benefitted from intravital microscopy imaging approaches by providing invaluable insight into the fundamental behavior and function of these cells during normal and diseased states. The field of cardiovascular science has started to overcome the barriers of applying intravital microscopy to the heart, a critical step in understanding the pathophysiological basis of these devastating cardiovascular diseases.

The purpose of this review is to provide an overview of leukocyte responses in the heart, outline the advances in the application of intravital multiphoton microscopy to the rodent heart, and highlight its application to investigate specific questions about leukocyte biology within the heart.



IMMUNE CELL POPULATIONS OF THE HEART

The heart of a healthy adult mouse contains the full repertoire of leukocyte populations including mononuclear phagocytes, dendritic cells, neutrophils, T cells, and B cells (18). These leukocyte classes differ in their regional location in the steady-state heart (19), likely due to specific interactions with both cardiomyocytes (20) and non-cardiomyocyte resident cells including endothelial cells (21), smooth muscle cells, and fibroblasts (22), all of which are sources of cytokines, chemokines, and growth factors.

The predominant immune cell population in the heart during healthy conditions is the tissue resident macrophages, accounting for 5–10% of non-myocytes in the heart (23–25). Resident macrophages are found primarily near endothelial cells and within the interstitium between cardiomyocytes (26). Fate mapping studies have shown that cardiac macrophages arise from embryonic progenitors before the start of definitive hematopoiesis and then self-renew through local proliferation with minimal input from blood derived monocytes (26, 27). C-C chemokine receptor type 2 (CCR2) expression is low in the cardiac resident population of macrophages, however a small population of CCR2+ cardiac macrophages, and lymphocyte antigen 6C (Ly6C)+ macrophages exist in the myocardium and are thought to be derived from circulating precursors (27, 28). Histological studies demonstrate that resident macrophages have a spindle-like morphology and associate closely with cardiomyocytes and endothelial cells (20, 25). To maintain homeostasis, these cells survey the local microenvironment and can phagocytose dying or senescent cells (23). Mice expressing green fluorescent protein (GFP) under the control of the Cx3C chemokine receptor (Cx3Cr1) promotor are commonly used to identify monocytes and resident mononuclear phagocytes including cardiac resident macrophage populations (25, 29). In other organs such as the brain, these Cx3Cr1+/GFP mice were used to discover that Cx3Cr1+ cells are actively moving their processes in the normal state and respond within minutes to injury (30–32). Tissue resident cardiac macrophages have recently been discovered to have tissue-specific functions in both health and disease that are not only essential for a coordinated response to injury, but also vital for healthy, steady-state cardiac physiology. Hulsmans et al. (20) demonstrated that resident macrophages are denser in the atrioventricular node, where they actively couple to cardiomyocytes to facilitate electrical conduction through connexin-43-containing gap junctions. Inducible transgenic ablation of these resident macrophages resulted in atrioventricular block, demonstrating a previously unknown, tissue specific function of macrophages. Intravascular patrolling monocytes that are Cx3Cr1+ were observed in the mouse heart during steady-state conditions (33), and are thought to rapidly infiltrate during inflammatory conditions, as has been described in other tissues (34, 35). Mast cells, dendritic cells, B cells, and regulatory T cells are found sparsely in normal cardiac tissue, while neutrophils and monocytes are not observed in myocardial tissue unless within the coronary circulation or in response to a stimulus (19, 27).

The heart is susceptible to a wide range of injuries, both acute and chronic in their nature, that initiate leukocyte responses that aim to repair. Acute myocardial infarction occurs due to an occluded or ruptured coronary artery causing ischemia to a region of the heart that would otherwise be perfused. This event initiates a coordinated immune response that can be divided into inflammatory and reparative phases which differ in leukocyte composition and phenotype (18). The inflammatory phase occurs shortly after ischemia and involves the degranulation of resident mast cells (21), the release of cytokines and chemokines including interleukin (IL)-1, IL-6, tumor necrosis factor-alpha (TNF-α), and CC-chemokine ligand 2 (CCL2) from resident macrophages and cardiomyocytes (36–38), hematopoietic growth factors from fibroblasts (39), and activation of endothelial cells to upregulate adhesion molecules (40, 41). Together these factors recruit neutrophils and monocytes from the circulation and hematopoietic stem and progenitor cell populations from the bone marrow (23, 42, 43). Within the infarcted heart, neutrophils and monocytes remove dead and dying cells by efferocytosis (44) and the release of proteolytic enzymes to facilitate digestion of dead tissue (45, 46). These actions further enhance inflammation by the production of cytokines including TNF-α, IL-1, and IL-6 (36, 47–49). Neutrophil numbers diminish ~3–4 days post-infarction in the mouse, whereas monocytes continue to accumulate in the infarct for several days thereafter, where they differentiate into macrophages and express Ly6CLow (50). The presence of neutrophils is essential for the transition to the reparative phase since the release of neutrophil gelatinase-associate lipocalin promotes a reparative macrophage polarization (51). The reparative phase is further characterized by a decreased production of inflammatory cytokines and growth factors (52), accumulation of mast cells (53), and a transition of cardiac macrophages to a reparative phenotype that secrete transforming growth factor-beta (TGF-β) and vascular endothelial growth factor (VEGF) to promote fibrosis and angiogenesis (52, 54). Interestingly, some reports suggest mast cells do not influence levels of inflammation following infarction, however are more important for restoring cardiac contractility by regulating calcium sensitization of cardiomyocyte myofilaments (53).

Immune cell dynamics in chronic and adaptive pathologies of the heart such as heart failure, are amenable to intravital imaging approaches, since these changes can be far more subtle than the rapid and intense reaction caused by acute cardiac pathologies such as myocardial infarction. Heart failure is broadly defined as a condition in which the heart muscle is unable to pump enough blood to meet the body's nutrition and oxygen demands. If the heart muscle is too weak, the fraction of blood pumped out from the left ventricle can drop below 30–35%, a condition known as heart failure with reduced ejection fraction. On the other hand, heart failure with preserved ejection fraction (HFpEF) occurs when there is a deficiency in the relaxation and filling capacity of the heart chambers (diastolic dysfunction) while maintaining a normal ejection fraction (55, 56). HFpEF is increasing in incidence with a mortality rate equal to other cardiac pathologies (57–59) and an absence of any evidence-based therapies. The etiology and risk factors are broad and unclear, and there are limited experimental animal models that recapitulate the pathology (60), making it difficult to study leukocyte function. Tissue biopsies of human HFpEF patients show that cardiac macrophages (61) and blood monocytes (62) increase, and an animal model of diastolic dysfunction and aged mice demonstrate this increase is due to monocyte recruitment and increased hematopoiesis from bone marrow and spleen (61). In an animal model of pressure overload induced by transaortic constriction (TAC) that mimics aspects of HFpEF but eventually develop a reduced ejection fraction, Nevers et al. demonstrated T-cell recruitment, increased lymphocytes and macrophages in the myocardium, and increased endothelial cell expression of adhesion molecules VCAM1, ICAM1, and E-selectin (63). Wnt-mediated neutrophil recruitment facilitates cardiac dysfunction during heart failure, which has been demonstrated by improved cardiac function following neutrophil depletion in the TAC model (64). However, the behavior and localization of these neutrophils within the microcirculation or myocardium that are responsible for this damage are unknown. Furthermore, the TAC model has been criticized as a surrogate model of HFpEF due to the acute effects of aortic constriction. More recently, Hulsmans et al. used a mouse model of diastolic dysfunction and aged mice (18–30 months old) to demonstrate that increased myocardial macrophages result from monocyte recruitment and increased hematopoiesis (61). Understanding of the relationship between the ejection fraction, the blood delivered to the rest of the body and the local blood flow within the heart itself, is also limited in heart failure models.

A major advantage of using intravital microscopy to study cardiac disease, is the ability to visualize fast and dynamic behaviors of leukocyte sub-types that can influence tissue repair. Such interactions have been described in other tissues, including neutrophil mediated dismantling of damaged vessels and the creation of channels for regrowth in liver (65), and patrolling monocyte mediated neutrophil activation (10) and effector CD4+ T cell antigen recognition (9) in the inflamed kidney. It is possible that similar actions occur within the heart, yet this remains unknown. Specific cellular interactions that could be investigated with cardiac intravital microscopy include the neutrophil-induced promotion of reparative macrophage polarization following infarction (51), and neutrophil-dependent induction of hypertrophy (64).



INTRAVITAL IMAGING OF LEUKOCYTES IN THE HEART: PREVIOUS APPROACHES

Approaches to imaging the rodent heart at cell resolution need to consider three separate aspects—surgical access, image acquisition, and pre- or post-processing of images. Previous approaches to imaging leukocytes in the heart at cell resolution used varied strategies to address these three aspects, and are summarized in Tables 1, 2.


Table 1. Surgical and stabilization approaches in the heart.
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Table 2. Imaging and reconstruction approaches in the intravital heart.
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One of the first approaches to imaging leukocyte populations in the mouse heart used heterotopic heart explantation with the primary application to study leukocyte recruitment into the inflamed heart (66). Heterotopic heart models are advantageous for discriminating between infiltrating leukocyte and resident cell dynamics, because the leukocyte populations of the recipient animal were labeled through transgenic techniques, whilst the donor heart remains unlabeled. Therefore, labeled leukocyte populations following transplantation are indicative of infiltrating cells and are not tissue resident cells. This technique involves transplanting a donor heart into the right cervical position of a recipient mouse, connecting the right common carotid artery to the donor ascending aorta, and right external jugular vein to the donor pulmonary artery. Optical access is gained by placing the mouse within a stabilization chamber allowing a coverglass to be lowered onto the heterotopic heart (Figure 1A). Image acquisition used video-rate scanning with 15-frame averaging, and Z-stack imaging that was partially synchronized with the heart rhythm. This method produced images of neutrophils and macrophages at baseline and following ischemia-reperfusion induced either by transplantation or coronary artery ligation. Imaging demonstrated recruitment of neutrophils to the heart, their extravasation from coronary veins, and their infiltration of the myocardium where they form large clusters (Figure 3A). In combination with transgenic cell ablation studies (diphtheria toxin receptor targeted expression), this technique has been used to demonstrate that tissue-resident, CCR2-expressing cardiac macrophages promote monocyte recruitment after transplantation (67). The same authors also present intravital imaging of neutrophils flowing, rolling, and crawling within coronary vessels of the murine heart in its native intrathoracic position during baseline and inflamed conditions. Intra-abdominal heart transplantation using a similar technique has also been used to image trafficking of donor dendritic cells following transplantation, finding that they migrate out of donor tissue and that this behavior is Cx3Cr1-dependent (68). While the heterotopic heart presents a unique system to study leukocyte dynamics in the context of transplant-induced ischemia-reperfusion and acute and chronic rejection, it remains restricted to these applications since the heterotopic heart does not contribute to the hemodynamics of the recipient despite perfusion of the donor coronary circulation and beating of the heart. Understanding cardiac leukocyte dynamics during healthy, steady-state conditions requires imaging of the heart within the natural intrathoracic location. More recently, a similar stabilization device enabled imaging the native heart within the intrathoracic position of rats (69). This technique involves removing the anterior chest wall and applying a circular stabilizer affixed with a cover glass and suction ring to reduce motion. Using a clever ischemia reperfusion model that was deployed during intravital imaging, the authors showed the accumulation of transplanted, GFP+, bone-marrow derived leukocytes that occlude capillaries following reperfusion.


[image: Figure 1]
FIGURE 1. Surgical approaches for intravital microscopy of the beating mouse heart. (A) The cervical explanted heart model provides the benefits of studying cardiac graft vs. host interaction [image adapted from Li et al. (66) with permission]. (B) Endoscopic, suction-stabilized imaging provides a less invasive approach and enables time-lapse imaging that reduces motion and appears to leave major histocompatibility complex class-II (MHC-II) + immune cell numbers unchanged [image reproduced from Jung et al. (33) with permission]. (C) Intrathoracic approaches enable a wider field of view of the freely beating heart in mechanically ventilated animals. Optical access to the heart is gained by a left thoracotomy in the anesthetized mouse. (D) Passive tissue stabilization is achieved by a 3D printed stainless steel probe (left) with a coverglass and reservoir for water immersion of the microscope objective. Tissue adhesive is applied to the underside of the stabilization probe prior to attachment to the left ventricle. Photographs show the probe attached to the heart (top right) and a view of the heart surface with visible coronary vessels in the window (bottom right). Image adapted from Jones et al. (78).


Less invasive approaches are achievable through the use of suction-assisted, micro-endoscope, optical probes (33). A benefit of this technique is the local stabilization of the myocardial tissue that significantly reduces motion artifact and therefore eliminates the need for retrospective image processing. This technique utilizes a gradient refractive index (GRIN) lens within suction tubing, an assembly that is sufficiently small (2–3 mm) to be inserted through an incision in the intercostal space, thereby making repeat longitudinal imaging achievable (Figure 1B). To counter the small field of view typically achievable with micro-endoscopic lenses, the lens can be moved within the suction tubing via a translation stage to image multiple regions. Using repeated imaging over 6 days in Cx3Cr1+/GFP mice to track monocytes and LysM+/GFP mice to track neutrophils, Jung et al. provided evidence that following acute myocardial infarction, recruited monocytes come first from the vascular reservoir and then later from the spleen. Although this technique allows repeat imaging which is advantageous for studies of long-term leukocyte infiltration, the use of GRIN lenses results in a reduction in image resolution and imaging depth due to low numerical aperture (NA) and is not well-suited for studying leukocyte dynamics that involve fine cellular features. Image resolution and achievable depth rely on many factors including acquisition speed and fluorescence excitation source (multiphoton or single photon excitation), however the approximate lateral and axial resolution of GRIN lenses are 1 and 12 μm, respectively, with ≤ 0.6 NA objectives, compared to sub-micron resolution with approximately 1.0 NA objectives (79–81). GRIN lens imaging depth has been reported to be ~95 μm in brain tissue compared to ~1,000 μm without (82–85), but was not specified in heart. Typically, ~100–200 μm depth of imaging is achieved with a traditional objective in the heart (78).

Passive tissue stabilization that sufficiently reduces cardiac and respiration-induced motion in the axial direction can be used in tracking leukocyte dynamics on short-time scales with relatively wide fields of view. This has been demonstrated by Lee et al. using rhodamine-6G to label leukocytes (70). Passive tissue stabilization involves the application of a stabilizing ring that is bonded to the surface of the heart (Figures 1C,D). Image capture typically requires gating image acquisition by synchronizing with the stable portion of the cardiac cycle (diastole) (71). To eliminate motion from breathing, many studies transiently pause ventilator-induced respiration (70). Externally pacing the heart also simplifies timing image acquisition. If adequate stabilization is achieved with tissue stabilization devices so that axial motion of the cardiac contraction remains less than the axial dimension of the structure of interest (cell or capillary), then free-running images can be used to capture very short time-scale dynamics that occur over one heart beat. In our experience, cardiac contraction induced axial motion is often greater than the structure of interest, and severe suppression of motion might suggest inadequate ventricular function. Furthermore, transiently stopping ventilation of the animal, and externally pacing the heart can exert aberrant effects on the animal and heart function. Using similar passive motion stabilizers, prospective and retrospective image gating methods have been incorporated to image with high resolution (71) however, image gating fails to capture the dynamics of the heart at its peak contraction (systole). Recently, Kavanagh et al. have applied passive tissue stabilization of the beating heart without gating strategies, using fluorophore-conjugated antibodies to visualize neutrophils and platelets following ischemia-reperfusion injury (72).



MOTION WITHIN MOTION—CAPTURING A MOVING CELL WITHIN A MOVING ORGAN

Motion is a defining characteristic of leukocytes, blood flow, and most importantly, the heart. The progress of cardiac leukocyte biology requires techniques to quantitatively assess leukocyte characteristics including polarized morphology, spatially-dependent speeds, and transmigration ideally with minimal artifacts and invasiveness.

Intravital microscopy of the beating mouse heart has primarily relied on multiphoton microscopy, specifically 2-photon excitation fluorescence (2PEF) microscopy, because it provides fluorescence imaging with microscopic resolution at depth in intact tissues (86). In contrast to confocal microscopy, which utilizes continues-wave (non-pulsed) laser wavelengths at which single photons can excite fluorescence, 2PEF microscopy uses photons with approximately half the energy of the confocal microscope lasers and approximately double the excitation wavelength. Therefore, it requires the nearly simultaneous (within ~10−16 s) interaction of two photons with a fluorescent molecule to excite fluorescence (87). The emitted fluorescence signal then scales as the square of the excitation intensity, rather than proportionally as with confocal or wide-field fluorescence microscopy, resulting in a signal primarily emitted from the beam focus where intensity is highest. An image is reconstructed by scanning this focus in the sample, measuring the amount of emitted fluorescence, and assigning that value to the image pixel corresponding to the focus position. Scattering of the emitted light does not blur the reconstructed image because all the light is known to have originated from the focus point. To achieve the higher intensities required for two-photon microscopy, the excitation laser is pulsed, and because the gaps in time between pulses are relatively long, the average power remains low. These characteristics greatly increase the signal-to-noise ratio, restrict excitation to a narrow focal volume, and minimize harmful energy deposition in the tissue. Confocal microscopy can also be used in vivo, but because it relies on rejection of scattered and out-of-focus light, the signal decays rapidly with depth. A further advantage of using longer wavelengths is reduced light scattering which also increases imaging depth compared to confocal microscopy.

An important consideration is that leukocyte behavior varies with time, especially during inflammatory conditions. Therefore, different imaging approaches are best at capturing the intravital dynamics depending on whether the activity is faster or slower than the speed of tissue motion. For example, leukocyte crawling, extravasating, and migration through myocardial tissue typically occurs at speeds of ~7–10 μm/min (66). Since this is slower than tissue motion during systole, ~9 mm/s (5.4 × 105 μm/min), and the leukocytes remain in the field of view over multiple heartbeats, imaging can be gated to limit acquisition during stable portions of the cardiac cycle (Figure 2A). However, fast leukocyte dynamics, such as intravascular flow, must account for three-dimensional movement of the tissue throughout the cardiac cycle which requires additional approaches.


[image: Figure 2]
FIGURE 2. Image acquisition and reconstruction techniques for the beating mouse heart in vivo. (A) Heart structure is relatively stable during diastole allowing acquisition of full image frames with no motion artifact [image adapted from Lee et al. (70) with permission]. (B–F) Line-by-line reconstruction enables volumetric reconstructions at any point within the cardiac or respiratory cycles. (B) Simultaneous recording of the electrocardiogram (ECG) and lung pressure during imaging produces image frames at a single Z-plane that are captured at various points in the cardiac and respiratory cycles. The R-wave peak of the ECG (red arrows) and inspiratory peak of the lung pressure (blue arrows) are defined as the start and end of the cardiac cycle and respiratory cycle, respectively. (C) Each 512 × 512 pixel image frame is produced by raster scanning the excitation laser in the X-direction, therefore each line has a defined position in Y, a depth in Z, and a time it was captured with respect to the cardiac cycle (cardiac time) and respiratory cycle (respiratory time). (D) Each Y, Z line in the image is associated with a phase in the cardiac and respiratory cycles (yellow spots). An image volume is reconstructed using image lines for each Y, Z position that occur at a specified part of respiratory and cardiac cycles (green shaded box). (E) The closest Y, Z position (green circle) to a requested point in cardio-respiratory phase space that is absent (red cross) can be used to completely fill a three-dimensional volume. (F) Reconstructed vasculature of the beating mouse heart during diastole. Vasculature is fluorescently labeled with a Texas Red dye conjugated to a 70 kDa dextran. Scale bar in A represents 20 μm.


It is possible to achieve capture of cell dynamics throughout the whole cardiac cycle without the need for external pacing, gating strategies, or breath holds, by using passive tissue stabilization, mechanical ventilation, and fast resonant scanning acquisition coupled with cardiorespiratory-cycle dependent image reconstruction algorithms (78). Figures 2B–F demonstrates reconstruction methods to achieve high quality volumetric images of cardiac dynamics at the microscale. Bidirectional raster scanning at a single depth relative to the microscope (Z-position) is achieved by scanning the beam focus using slow galvanometric scanning for the Y-axis, and fast resonant scanning for the X-axis, which enables the acquisition of frames at ~30 frames/s. X, Y, Z position refers to the microscope stage position and not to the orientation of the cardiac tissue since the heart is actively beating and therefore moving through the imaged region. The two primary sources of motion within acquired imaging frames are the cardiac muscle contraction and respiratory motion of the lungs pushing on the heart. Therefore, the electrocardiogram (ECG) and lung pressure are simultaneously recorded and used to index image frames according to where they occurred in the cardiac and respiratory cycles. Raster scanning of the beam focus generates a line of pixels at a specific Y-axis galvanometer position and Z-axis stage height (a single Y, Z position) at a known time relative to the cardiac and respiratory cycles. By selecting line segments that occur at a particular portion of the cardiac and respiratory cycles, image volumes can be reconstructed at any desired point during the cardiac cycle by using, for each Y, Z position in the reconstructed volume, the line scan which occurred at the requested cardiac phase. A limiting factor of this method is not all points within cardio-respiratory phase space will be sampled, which can result in missing segments within reconstructed image volumes. By using lines that are nearest to the desired point in cardio-respiratory phase space, complete volumetric reconstruction can be achieved. We find that ~3 s of image acquisition per imaging plane is sufficient to enable detailed volumetric reconstructions across the cardiac cycle.

Reconstruction methods are advantageous for tracking leukocyte dynamics that occur over slower, minute time scales, including neutrophil infiltration of explanted heart tissue [Figure 3A; (66)] and high resolution images of Cx3Cr1+ resident macrophage morphological changes in response to laser induced focal injury or following infarction (Figures 3B,C). Faster leukocyte activities including rolling and migratory behaviors can also be captured with free-running image acquisition without cardio-respiratory phase dependent reconstruction (Figure 3D). However, axial displacement due to cardiac and respiratory induced motion causes the transient disappearance of selected cells, therefore restricting the ability to capture sequential heartbeat (beat-to-beat) dynamics.


[image: Figure 3]
FIGURE 3. Leukocyte dynamics in the mouse heart using intravital multiphoton microscopy. (A) Intravital multiphoton imaging of explanted heart tissue after heterotopic cardiac transplantation into LysM+/GFP mice shows neutrophil (green) infiltration from the host through vasculature labeled with non-targeted 655 nm Q-dots in red [image adapted from Li et al. (66) with permission]. Time stamp is h:min:s and scale bar is 60 μm (top) and 20 μm (bottom). (B) Intravital multiphoton microscopy with cardiorespiratory-dependent image reconstruction of Cx3Cr1+/GFP mice hearts enables visualization of acute morphological changes of resident cardiac macrophages (green) in response to focal, laser-irradiation injury (yellow cross-hairs) over 1 h. Images are perspective Z-projections over 50 μm in depth and insets are single Z-slice of the region outlined in yellow, from 80% of the cardiac cycle and 50% of the respiratory cycle. (C) Intravital imaging shows increased number of macrophages in the heart following myocardial infarction compared to baseline. Vasculature is fluorescently labeled with Texas Red dextran (B–D, magenta). (D) Free-running intravital multiphoton microscopy captures intravascular rolling (red arrow) and crawling (yellow arrow) behavior of leukocytes labeled with rhodamine-6G (cyan) within vessels (magenta, Texas Red dextran). (B–D) Scale bars represent 50 μm, except insets in (B) that are 20 μm. Images captured with an Olympus XLPlan N 25 × 1.05 NA objective. All animal procedures were approved by the Institutional Animal Care and Use Committee of Cornell University.




THE FUTURE OF INTRAVITAL MICROSCOPY FOR CARDIAC LEUKOCYTE DYNAMICS


Active Motion Compensation

Passive stabilization in combination with different acquisition and reconstruction methods, often with gating (either during imaging or at reconstruction), enables structural imaging and some measurements (70, 71, 78, 88). However, since all reconstruction methods rely on assembling image data from multiple cardiac and/or respiratory cycles, reconstructed images cannot be used to measure or visualize any process that occurs faster than the number of cycles required to generate the reconstruction, such as non-adherent leukocyte and red blood cell motion within vessels. Dynamics that change from heartbeat to heartbeat such as arrhythmic, electrical conduction irregularities in individual cells, also cannot be visualized with current reconstructions. One solution that does not involve altering the natural physiology beyond surgical access and application of an imaging window is active motion compensation, which involves moving the focal plane in synchrony with the heart motion.

The key challenge in active motion compensation is generating a feedback signal that indicates the motion of the tissue. With an appropriate feedback signal, the motion of the tissue can be matched by moving either the focal plane of the microscope, such as the microscope objective using actuators for fast motion, or moving the mouse using the microscope stage for slower motion. The feasibility of these methods was shown in early approaches using stroboscopic illumination of epicardial microvessels in combination to image, and a computer-controlled electromechanical micromanipulator that moved a micropipette in synchrony with the heart to capture phasic changes in microvascular pressure in the left ventricle of cats (89). To generate a feedback signal, image-based motion compensation methods use the alignment of successive images. In cardiac imaging, a separate camera capable of faster frame rates must be used to image a fiducial such as a fluorescent bead implanted within an imageable volume. However, this method has only been successful in correcting for in-plane motion (90) while axial movements (toward and away from the microscope objective) pose a particular challenge in cardiac imaging because such movements cause biological structures to come into and out of focus. Contact-based motion compensation methods have been proposed which use cantilever probes or strain gauges to detect three dimensional motion however, there have been no reports of successful in vivo imaging using laser scanning microscopy through a single cardiac cycle using this method (77). Early studies using stroboscopic illumination have measured diameter changes over 100 heat beats in small coronary vessels of the rabbit heart (91). A third motion compensation strategy takes advantage of angular changes in the reflection of a positioning laser off the surface of the tissue to measure (92) and correct for axial motion in applications such as imaging in rodent spinal cord (93). Reflective positioning offers advantages over contact-based and image-based methods as it is simple, sensitive, and does not rely on additional physical probing of the animal. The application of reflective motion compensation to cardiac imaging is a promising direction that could enable single-cycle measurements of cell trafficking and electrical activity.



Deeper Imaging

The current maximum 2PEF imaging depth within the mouse heart is ~200 μm, limiting visualization to functions within the epicardial layer. Although this provides a good first step to studying immune cell dynamics in the heart, there are both structural and functional differences within deeper layers of the heart. Structurally, specialized conduction fibers, known as Purkinje fibers, are located in the subendocardial space, and larger coronary arteries lie deeper within the mouse myocardium. Given the recent discovery that resident macrophages facilitate electrical conduction in the heart (20), and that atherosclerosis occurs within larger coronary arteries, deeper imaging within 300 μm from the epicardial surface would enable the study of leukocyte function and behavior within these contexts.

Recent advancements in mid-infrared laser sources now make deeper imaging feasible using three-photon microscopy (94). By utilizing three excitation photons to excite a single emission photon, excitation sources with longer wavelengths can be used, and these longer wavelengths penetrate deeper into tissue and scatter much less than 2PEF wavelengths. However, the probability of three-photon interaction is low, so achieving a usable amount of fluorescence requires a higher excitation photon density or peak power. New short-pulse laser sources can now reach such peak powers at sufficient repetition rates for imaging, and provide longer wavelengths, which enable greater imaging depth (84, 94). Laser sources based on photonic crystal fibers emitting around 1,700 nm have been developed specifically for deep imaging applications (95), as well as commercially available excitation sources with turn-key optical parametric amplifiers that can be tuned from 1 to 2 μm. While able to provide more than adequate power and pulse repetition rates for three-photon imaging of slow dynamics, excitation sources in these higher wavelength ranges typically operate at a lower repetition rate (frequency of photon pulse) which presents a challenge for cardiac imaging which relies on very fast raster scanning. A resonant scanner sweeps across the focal plane so quickly that some pixels will fall between two laser pulses resulting in no signal. Current laser sources are not far off, as only 12–15 MHz is needed to guarantee at least a single pulse to acquire a 512 × 512 image at 30 fps. Continued advancements in laser technology to produce high repetition rate sources in the mid-infrared range would alleviate this problem.

Deeper imaging is also impaired by sample-dependent optical aberrations. The use of an adaptive optical element such a deformable mirror can greatly improve multiphoton microscope performance (96–98). By pre-compensating for system and sample aberrations in the excitation beam wavefront, an improved focus is achieved resulting in higher intensities and better spatial confinement. This allows for deeper penetration with greater image contrast and resolution.



Chronic Implantable Window

Other organ systems have benefitted from chronic implantable windows to enable time-lapse imaging, making it possible to follow the same regions at the micro-scale during disease progression. This includes the cranial window (5, 6, 99, 100), dorsal skinfold chamber (101, 102), abdominal window for intestine, liver and spleen (103–105), a modified abdominal window for kidney (106, 107), and a fixation plate with micro-endoscope for femur bone marrow (108). Chronic imaging of the mouse heart would allow unprecedented visualization of pathophysiological processes in diseases of the heart, including the ability to monitor angiogenesis and fibrosis post-infarction within the full inflammatory milieu of leukocyte populations. Currently, time-lapse imaging over multiple imaging sessions for the mouse heart involves repeated surgeries for opening and closing an incision. Recently, chronic intravital imaging of the lung was achieved through a permanent window attached to a superficial portion of lung (109). This demonstrates the ability to chronically access the thoracic cavity and suggests accessing the anatomically deeper heart is feasible.




CONCLUSIONS

With continued advancements in technology to access and image the murine heart, we are sure to make strides toward increasing our understanding of leukocyte dynamics during diseases of the heart. Targeting the immune system with therapies has proven to be successful in other diseases, especially immunotherapies for cancer (110). However, applying similar types of therapies to the varied diseases of the heart first requires an understanding of leukocyte behavior within the true in vivo environment which can be improved with intravital, multiphoton microscopy.
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Multiphoton intravital microscopy (MP-IVM) is a powerful tool to image cells in vivo. Its application in immunology research has opened new horizons, allowing intravital imaging of leukocytes at the single-cell level. A transparent cornea is vital to retain vision. As an immune privileged site, a rapid innate response to foreign antigens is crucial in clearing opportunistic bacterial and viral pathogens, and minimizing collateral structural damage to the cornea. Furthermore, dissecting the mechanisms and preventing the immunological rejection process after corneal transplantation is imperative to retain sight. Therefore, understanding the underlying mechanisms behind corneal immunity, specifically the process of antigen presentation and adaptive immunity in the mandibular draining lymph nodes (dLNs) in vivo, is crucial. Attempts of intravital imaging of mandibular dLNs have yielded little success to date, due to breathing artifacts and the location that is difficult to access. Herein, we present the first MP-IVM mouse model of the mandibular dLNs, utilizing transgenic mice in which CD11c+ cells are fluorescently labeled. Furthermore, we demonstrate that CD11c-YFP+ cells are localized mainly in the parafollicular cortex (T cell zone) and subcapsular area and are sparsely distributed in the follicular region (B cell zone) of mandibular dLNs during steady state. A significant increase in host CD11c-YFP+ cell density is noted at 14 and 21 days following allogeneic corneal transplantation, compared to steady state (p < 0.05). Moreover, allogeneic corneal transplantation results in increased host-derived CD11c-YFP+ cell mean speed and displacement in mandibular dLNs, compared to steady state (p < 0.001). The meandering index, an index for directionality, is significantly increased after allogeneic corneal transplantation at both 14 and 21 days, compared to steady state (p < 0.001). Taken together, our study demonstrates the necessary methodology required for intravital multiphoton imaging of the mandibular dLNs, allowing visualization of spatiotemporal kinetics of immune cells in vivo, and provides a window into the corneal immune reflex arc. This technique will be a powerful tool to investigate the pathogenesis of ocular immune and inflammatory diseases.

Keywords: intravital imaging, multiphoton microscopy, corneal transplantation, mandibular draining lymph nodes, antigen presenting cells, kinetics, dendritic cells


INTRODUCTION

As a window to the foreign world, the immune privileged status of the cornea is crucial in maintaining transparency and vision in the face of constant exposure to the external environment (1–4). Following damage to the epithelial layer, a rapid, specific, and selective immune response is mounted against foreign antigens, including opportunistic bacterial and viral pathogens, as chronic keratitis can lead to structural alterations of the corneal stroma that may result in opacity, corneal scarring, and ultimately vision impairment (5).

Before the discovery of resident bone marrow-derived leukocytes, the cornea was long believed to be a collagenous tissue devoid of leukocytes. However, it is now acknowledged that the steady state mammalian cornea contains a heterogeneous populations of resident corneal leukocytes, including professional antigen-presenting cells (APCs), such as conventional dendritic cells (cDCs) and macrophages (6–8). cDCs are unique in their nature to prime T cells and induce antigen-specific immune responses or immunological tolerance in draining lymph nodes (dLNs) (9–11). Interestingly, in the ocular tissues, evidence suggests that antigens can also directly drain into the mandibular dLNs (12–14). Therefore, the investigation of the process of antigen presentation by corneal cDCs in the mandibular dLNs will provide understanding of underlying mechanisms behind corneal immunity, specifically the process of antigen presentation and adaptive immunity. Thus, we sought to study APCs in the mandibular dLNs in vivo, where the physiological conditions such as tissue oxygenation and temperature, and therefore tissue environment, are preserved.

Multiphoton intravital microscopy (MP-IVM) has significant advantages over other types of microscopy. It allows long-term imaging of biological processes, with minimal toxicity and photobleaching (15–17), and achieves high-contrast images at the cellular level in thick, non-transparent specimens with less potential photo-damage (18, 19). Furthermore, a distinct advantage of MP-IVM is that it provides high spatiotemporal resolution, allowing for cellular analysis of leukocytes, such as cDCs (20, 21), T cells, and B cells in their native anatomical context (22–24). Furthermore, interaction between different leukocytes during steady state and in pathological conditions have been described with MP-IVM (25–28).

MP-IVM has been widely used to image inguinal and popliteal LNs for lymphocyte trafficking in in vivo and ex vivo settings (20, 22, 23, 25, 29–31). However, to date, studies of the mandibular dLNs have only been attempted in ex vivo and in vitro studies (12, 27, 32, 33). Possible reasons why MP-IVM of the mandibular dLNs have as of yet been largely missing may be the difficultly in exposing the tissue and inability to properly stabilize it, leading to artifacts arising from breathing and pulsations from the beating heart. In the current study, we present for the first time, to our knowledge, the necessary steps to provide stable long-term MP-IVM imaging of the mandibular dLNs and reveal CD11c-YFP+ cell kinetics during steady state and following allogeneic corneal transplantation.



METHODS


Animals

Six- to 8-week old male transgenic mice expressing yellow fluorescent protein (YFP) under the control of the CD11c promoter (C57BL/6 background; a kind gift of Dr. Michel C. Nussenzweig from Rockefeller University; called CD11c-YFP mice) (20) and transgenic T-Red mice selectively expressing DsRed in T cells (C57BL/6 background; a kind gift of Dr. Ulrich H. von Andrian, Harvard Medical School) (34) were bred in house. CD11c-YFP mice were used as recipients in our murine model of corneal transplantation. Age- and sex-matched wild-type (WT) BALB/c mice (Charles River Laboratory, Wilmington, MA, United States) served as corneal donors. The Schepens Eye Research Institute and Tufts Medical Center Animal Care and Use Committees approved the protocol. We treated all animals according to the ARVO Statement for the Use of Animals in Ophthalmic and Vision Research.



Corneal Transplantation

To study the behavior of immune cells in diseased states of the cornea, we used a murine model of corneal allotransplantation (allogeneic) as previously described (35). Briefly, BALB/c mice were used as corneal donors; a 2.0-mm trephine was used to delimitate the donor button, which was excised with Vannas scissors (2 mm cutting edge; Fine Science Tools, Foster City, CA, United States) and transplanted into anesthetized CD11c-YFP transgenic mice. The host bed was prepared by excising 1.5 mm of the central cornea, previously demarcated using a 1.5 mm trephine. The donor cornea was secured to the host bed with eight interrupted 11-0 Nylon sutures (A9016N Surgical Specialties, Wyomissing, PA, United States). At the end of the procedure, antibiotic ointment (Erythromycin Ophthalmic Ointment USP, 0.5%, Bausch & Lomb Inc., Tampa, FL, United States) was applied to the cornea to reduce the risk of infections, and the eyelids were closed by performing a tarsorrhaphy for 3–5 days with 8-0 Nylon sutures (AA-0122 Surgical Specialties). The corneal sutures were removed 7 days after transplantation, and animals underwent MP-IVM after 14 and 21 days postoperatively.



Multiphoton Intravital Microscopy

We used a custom-made multiphoton intravital microscope Ultima Pro Multiphoton Microscopy System, Bruker Technology, WI, United States) equipped with two Mai Tai Titanium-Sapphire lasers (Newport Spectra-Physics, Irvine, United States) for simultaneous coaxial illumination. One of the lasers was set at 850 nm wavelength (to visualize YFP+ cells) or 760 nm wavelength (to visualize DsRed+ cells), and the other laser was set at 900 nm wavelength for second harmonic generation to visualize the dLN capsule in a completely separated channel, a convenient tool to analyze the anatomical distribution of the cells within the dLN. Image acquisition was performed using Prairie View Software (Bruker Technology). A 20× water immersion objective (NA: 0.95, Olympus, XLUMPlanFL N, Tokyo, Japan) was used to capture images of the mandibular dLNs with volumes of 70 × 596 × 596 μm at 3 μm Z-steps with 30 s intervals over 30 min.



Immunohistochemistry and Confocal Microscopy

Mandibular dLNs of CD11c-YFP mice were excised, fixed in 4% paraformaldehyde at room temperature (RT) for 30 min, and, after freezing in liquid nitrogen, were embedded in optimal cutting temperature media (Tissue-Tek; Sakura Finetek USA, Inc, Torrance, CA, United States). Sixty-micrometer frozen sections were then blocked in 2% bovine serum albumin containing 1% anti-CD16/CD32 Fc block (Bio X Cell, West Lebanon, NH, United States) for 90 min at RT and were stained with fluorophore-conjugated antibodies against CD3 and CD45R/B220 (both BioLegend, San Diego, CA, United States) for 60 min. After washing, samples were imaged via a FV10-ASW confocal microscope (Olympus).



Flow Cytometry

Mandibular dLNs of CD11c-YFP mice were excised, and single cells were obtained by mechanically passing the samples through a 40 μm strainer (Thermo Fisher Scientific, Waltham, MA, United States). Single-cell suspensions were then blocked in FACS buffer containing 1% anti-CD16/CD32 Fc block (Bio X Cell) and were stained with a viability marker (LIVE/DEAD Fixable Blue Dead Cell Stain kit, Thermo Fisher Scientific) for 30 min at RT. Next, samples were stained with fluorophore-conjugated antibodies against CD45, CD11c, dendritic cell inhibitory receptor 2 (DCIR2), CD68, CD3, or respective isotype controls (all BioLegend, or BD Biosciences, San Jose, CA, United States) for 45 min at RT to yield fluorescence minus one stainings. After washing, samples underwent flow cytometric acquisition using a BD LSR II flow cytometer (BD Biosciences). Postacquisition data analysis was performed using FlowJo v9 software (FlowJo LLC, Ashland, OR, United States).



Image Analysis

Images were exported from the multiphoton microscope to reconstruct 3D and 4D videos and to analyze the images with Imaris (Bitplane, Zurich, Switzerland). CD11c-YFP+ cells were counted, and densities calculated (cell number divided by the volume of the analyzed area of the dLN). Cell 3D instantaneous velocity, mean speed, displacement, and meandering index were obtained. Cell mean speed was defined as the mean speed of a cell over the entire measurement period (μm/min). Cell displacement was defined as the distance between first and last imaging point (μm). Meandering index, a measure for the directionality of cell migration, was defined as the ratio of the cell displacement and the cell's total path length (30). In all measurements of 3D instantaneous velocity, mean speed, displacement, and meandering index, tracks shorter than 2 min were excluded from analysis.



Statistical Analysis

Results are presented as mean ± standard error of the mean (SEM). Three MP-IVM stacks/time series or confocal micrographs were analyzed from three different animals/condition and statistical significance determined by either t-test or one-way ANOVA with Tukey post-hoc (Prism Graphpad software, San Diego, CA, United States). Differences between groups were considered significant at p < 0.05.




RESULTS


Components Necessary for Intravital Microscopy of the Mandibular dLNs

To isolate the mandibular dLNs for MP-IVM, we utilized a custom-built microscope stage with a metallic base to provide support for the magnetic pieces of the stage (Figure 1A). A piece of modeling clay was used to secure the skin flap created during the microsurgical preparation and to support the mouse head laterally. A wooden spatula was used to keep dLNs slightly elevated above the surrounding tissues during intravital imaging, while nerves, blood, and lymphatic vessels were retained intact. A pedestal composed of three to four small magnets served as support for positioning a heating system unit on top of a dLN chosen for imaging, and the height of this stand was adjusted by adding or removing magnetic pieces according to the size of the mouse. A heating system/glass coverslip unit was used to regulate the dLN temperature during imaging and was made of polyethylene tubing (Intramedic, Sparks, MD, United States, Cat. No. 427420), looped to fit an 18-mm circle glass coverslip (VWR Cat. No. 48380046). One end of the tube was connected to a peristaltic pump (Masterflex L/S, Cole-Parmer, Vernon Hills, IL, United States), and the other end was immersed in a hot water bath. During image acquisition, hot water was continuously pumped through this system, maintaining the temperature of the surgical area at desired 37 ± 1°C. The fully assembled stage setup, without and with a mouse, are represented in Figures 1B,C.
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FIGURE 1. Multiphoton intravital microscopy setup. (A–C) Microscope stage setup for imaging of mandibular draining lymph nodes (dLNs) with multiphoton intravital microscopy (MP-IVM). (A) Partially assembled stage: (1) Metallic flat base to be used as support for the magnetic parts of the stage. (2) Spatula to keep the dLN slightly elevated above surrounding tissues with keeping nerves, blood, and lymphatic vessels intact. (3) Skin flap holder. (4) Magnetic pedestal for positioning of heating system. (B) Fully assembled stage: (5) Heating tubing system positioned on top of magnetic stand. This tube is connected to a peristaltic pump on one end, and the other end is immersed in a hot water bath to create a continuous source of heat around the dLN during intravital imaging. Below the tubing circle, a glass coverslip functions as the roof of a chamber in which the dLN is maintained moist and at the physiological temperature during imaging. (C) Positioning of anesthetized mouse on the completely assembled stage. (D–I) Microsurgical preparation of the mandibular dLN. (D) Ventral view of the surgical area (mouse's head toward the surgeon). The area above the white triangle represents the regio intermandibularis. The dotted black midline represents the area where an approximately 15 mm skin incision is made. (E) The skin flap is separated, exposing the ipsilateral mandibular dLNs (black arrows) and is secured with two 30G needles (shown in D) to keep the dLNs exposed at all times. (F) After microdissection, one of the dLNs is carefully liberated from surrounding tissues (arrows). (G) A wooden spatula is positioned underneath the dLN to slightly elevate it above surrounding tissues. Proper blood flow to the dLN can be surveyed with any necessary adjustments made at this step. (H) Vacuum grease is applied around the dLN to create the walls of a chamber and filled with optical gel. (I) Heating system/glass coverslip unit is positioned onto the grease surrounding the dLN, creating a sealed chamber containing the dLN and optical gel. (J) Schematic diagram of the dLN and MP-IVM imaging chamber highlighting the components of the chamber, positioning of the heating system/glass coverslip unit, and the thermometer. Through this unit, warm water recirculates at a constant rate to keep the chamber at desired 37 ± 1°C. This chamber is filled with optical gel to keep the moisture and adequate temperature around the dLN during imaging with MP-IVM. A thermometer is located inside the chamber to control the temperature during imaging.




Microsurgical Preparation of Mandibular Draining Lymph Nodes for Multiphoton Intravital Microscopy

Mice were initially anesthetized with an intraperitoneal (i.p.) injection of ketamine HCl (100 mg/kg), xylazine (20 mg/kg), and acepromazine (3 mg/kg), resulting in up to 70 min of deep anesthesia. The proper plane of anesthesia was assessed every 30–60 min, and supplemental doses of ketamine (100 mg/kg) were given as required, alternating between ketamine/xylazine/acepromazine and ketamine. The fur on the ventral side of the neck was shaved, and 0.08 ml Bupivacaine 0.25% (Hospira, Inc., Lake Forest, IL, United States) was injected subcutaneously to minimize local pain/distress during the procedure. A 15-mm midline skin incision was made (Figure 1D). A skin flap was separated from the superficial cervical fascia to expose the ipsilateral mandibular dLNs (Figure 1E). This skin flap was fixed to the stage to keep the surgical area around the dLNs gently exposed (Figures 1F,G). Under a dissection microscope, the adipose tissue around one of the dLNs was removed without damaging the dLN vasculature (Figure 1F). To avoid artifacts due to minor movement of the dLN from breathing and heartbeats, a small wooden spatula was placed underneath the dLN to keep it slightly elevated and out of contact with surrounding tissues (Figure 1G and Supplementary Video 1). Special attention was paid to preserve blood circulation of the dLN when elevating the spatula. Vacuum grease (Dow Corning, Midland, MI, United States) was applied around the dLN and optical gel (Genteal gel, Novartis, Fort Worth, TX, United States) then applied on the dLN to maintain moisture during imaging (Figure 1H). The heating system/glass coverslip unit was then mounted on the grease, creating a sealed chamber over the dLN area (Figures 1I,J), and contact between the glass coverslip and the surface of the dLN. The heating system/glass coverslip unit allowed temperature regulation of the dLN with warm water circulated in a continuous motion with a peristaltic pump and water bath. The temperature of the surgical area inside the chamber, in close proximity to the dLN, was monitored throughout imaging with a dual input digital thermometer (Model HH12B, Omega Engineering, Norwalk, CT, United States; Figure 1J) and adjusted to 37 ± 1°C. During surgical preparation, the mouse body temperature was regulated with disposable hand warmers and foil.



Multiphoton Intravital Microscopy of the Mouse Mandibular Draining Lymph Nodes

Once the dLN was properly prepared and a sealed chamber over the dLN was achieved, the animal was carefully placed under the microscope; the objective lens was positioned above the glass coverslip and dLN (Figure 1J). Optical gel was used to create an interphase between the objective lens and the glass coverslip. Through the eyepieces of the microscope, we could visualize the dLN under epifluorescence illumination before scanning, to ensure that the objective lens is in the correct position above the dLN. During image acquisition, the mouse body temperature was regulated with disposable hand warmers (HeatMax Inc., Dalton, GA, United States) and foil. The pulse rate, oxygen saturation, respiratory rate, and body temperature of the mouse were continuously monitored utilizing a MouseOx Plus monitor (Starr Life Sciences, Oakmont, PA, United States).



Characterization of YFP+ Cells in the Mandibular Draining Lymph Nodes of CD11c-YFP Mice During Steady State

To assess the phenotype of YFP+ cells in the mandibular dLNs of transgenic CD11c-YFP mice, we analyzed coexpression of various immune cell markers on YFP+ cells during steady state, using fluorescence minus one staining followed by flow cytometry. We initially gated out debris, dead cells, and doublets, using forward and side scatters and a viability marker. As shown in Figure 2, YFP+ cells in the mandibular dLNs were mainly cDCs, as they coexpressed CD45 (pan-leukocyte marker), CD11c (cDC marker), and DRIC2 (cDC marker), with a small population (17.5%) coexpressing the macrophage marker CD68 and a minor fraction constituting T cells (CD3+; 13.5%). Thus, our flow cytometry evaluation indicated that YFP+ cells in the mandibular dLNs of CD11c-YFP mice were predominantly cDCs and, to lesser extent, macrophages or T cells.
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FIGURE 2. Characterization of YFP+ cells in mandibular draining lymph nodes of CD11c-YFP mice during steady state. Representative flow cytometric histograms showing coexpression of CD45 (pan-leukocyte marker), CD11c (cDC marker), DCIR2 (cDC marker), CD68 (macrophage marker), or CD3 (T cell marker) on live single YFP+ cells. Gray histograms represent fluorescence minus one isotype control staining and green histograms show coexpression of the indicated marker. Plots are representative of three independent experiments.




Multiphoton Intravital Imaging of Naïve CD11c-YFP+ Cells of the Mandibular Draining Lymph Nodes

Little is known about the dynamics of cDCs in mandibular dLNs in an in vivo setting. Therefore, we first sought to investigate CD11c-YFP+ cells kinetics during steady state mandibular dLNs. The collagenous capsule of the dLN was visualized using second harmonics, allowing delimitation of the subcapsular, parafollicular (T cell areas), and follicular areas (B cell areas) of the dLN (Figures 3A,B and Supplementary Video 2). We found that steady state CD11c-YFP+ cells are predominantly oval in shape, with some showing an elongated dendritiform shape (Figure 3C and Supplementary Video 3). The CD11c-YFP+ cells were distributed mostly in the subcapsular area (Figures 3A,D; 5,123.66 ± 487.31 cells/mm3) but also in the parafollicular cortex or T cell areas (4,677.87 ± 903.54 cells/mm3), and sparsely in the follicular B cell areas (1,958.33 ± 193.72 cells/mm3). We next performed confocal microscopy of mandibular dLNs of CD11c-YFP mice, stained with CD3 (T cell marker) and CD45R/B220 (B cell marker) to unequivocally distinguish parafollicular and follicular areas (Figure 3E). As presented in Figure 3F, confocal microscopy confirmed our MP-IVM findings, showing higher densities of CD11c-YFP+ cells in the parafollicular area (5,572.97 ± 875.02 cells/mm3) compared to follicular area (3,089.19 ± 641.43 cells/mm3; p = 0.02). Longitudinal analysis revealed static CD11c-YFP+ cells, exhibiting neither cell displacement nor dendrite extension, and motile CD11c-YFP+ cells with sampling motion (Supplementary Videos 3, 4). The average CD11c-YFP+ cells' mean speed during steady state was 3.58 ± 0.09 μm/min, where cells with smallest dimensions exhibited the most motility (Supplementary Video 4).
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FIGURE 3. Anatomical distribution of CD11c-YFP+ cells in mandibular draining lymph nodes during steady state. (A–D) Representative multiphoton intravital microscopy images of a mandibular draining lymph node (dLN) during steady state. (A) Maximum projection of a mandibular dLN in which three areas can be identified: (a) subcapsular area delimitated by the second harmonic generation (blue; capsule's collagen fibers), (b) parafollicular cortex or T cell areas, and (c) follicular cortex or B cell areas. CD11c-YFP+ cells (green cells) are distributed predominantly in the subcapsular area, but also in the follicular and parafollicular areas. (B) Oblique view of the same dLN, in which the extent of the dLN's capsule (blue) can be appreciated. (C) Magnified parafollicular cortex of the dLN, showing different YFP+ cDC morphology and sizes. White arrows point to cells with dendritiform projections; arrow heads indicate round shaped, smaller cDCs. (D) Quantitative analysis of CD11c-YFP+ cell densities among the three areas of the dLNs during steady state (pooled from three independent experiments with a total of n = 3 mice). (E,F) Confocal microscopy of a mandibular dLN during steady state. (E) Representative confocal micrograph of a 60 μm section of a dLN of a CD11c-YFP mouse during steady state, showing distribution of CD11c-YFP+ cells (green) among parafollicular cortex or T cell area (CD3, red) and follicular cortex or B cell area (CD45R/B220, blue). (F) Quantification of CD11c-YFP+ cells in the parafollicular and follicular areas (pooled from three independent experiments with a total of n = 3 mice). Bars: Mean ± SEM, one-way ANOVA with Tukey post-hoc (for D) and t-test (for F), *p < 0.05, scale bars: 50 μm.




Corneal Allotransplantation Resulted in a Significant Increase in Host-Derived CD11c-YFP+ Cells Kinetics in the Mandibular Draining Lymph Nodes

To study the behavior of activated host cDCs in mandibular dLNs, we analyzed kinetics of CD11c-YFP+ cells at 14 and 21 days after corneal allotransplantation (allogeneic), as previously described (35). CD11c-YFP+ cell density in the mandibular dLNs increased significantly 14 days after corneal allotransplantation, compared to steady state (20,745.67 ± 2,050.87 vs. 10,307.56 ± 1,103.13 cells/mm3, p = 0.002; Figure 4). Cells agglomerated into the T cell areas (parafollicular cortex) and the majority acquired an oval shape; a few still conserved the dendritiform shape, with dendrites' probing movements more than real cell body movements (Supplementary Videos 3, 5). Analysis of cell motility revealed that host-derived CD11c-YFP+ cells exhibited increased mean speed and displacement (Figure 5). CD11c-YFP+ cells acquired higher speeds at day 14 following allotransplantation, compared to steady state (7.90 ± 0.19 vs. 3.58 ± 0.09 μm/min, respectively, p < 0.001; Figures 5A,C–E and Supplementary Video 6). Increased cell displacement and mean speed changes were maintained at 21 days after corneal allotransplantation (7.40 ± 0.17 μm/min; Supplementary Video 7).
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FIGURE 4. Density of CD11c-YFP+ cells in mandibular draining lymph nodes. (A–C) Representative multiphoton intravital microscopy images of mandibular draining lymph nodes (dLNs) during (A) steady state and (B) 14 and (C) 21 days after corneal allotransplantation reveal an increase in the number of host-derived CD11c-YFP+ cells (green cells). (D) Quantitative analysis of host CD11c-YFP+ cells density in dLNs (pooled from three independent experiments with a total of n = 3 mice/group). Bars: Mean ± SEM, one-way ANOVA with Tukey post-hoc, *p < 0.05, **p < 0.01, scale bars: 50 μm.
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FIGURE 5. Kinetics of CD11c-YFP+ cells in mandibular draining lymph nodes. (A,B) Quantitative analysis of (A) mean speed and (B) meandering indices (track displacement length divided by track length) of host CD11c-YFP+ cells during steady state, 14, and 21 days after corneal allotransplantation (pooled from three independent experiments with a total of n = 3 mice/group). (C–E) Representative cell displacement lengths normalized to a starting point. Bars: Mean ± SEM, one-way ANOVA with Tukey post-hoc, ***p < 0.001.


We next aimed to investigate the meandering index of CD11c-YFP+ cells, defined as the ratio of the net displacement of a cell (from start to finish points in a straight line) and the total path length that the cell moved from the beginning to end (30). Interestingly, we found meandering indices of CD11c-YFP+ cells increased with time, 0.37 ± 0.01 at 14 and 0.53 ± 0.01 at 21 days postallotransplantation compared to steady state (0.26 ± 0.02, p = 0.001; Figures 5B–E). This indicates that CD11c-YFP+ cells exhibited a more directional migration pattern following transplantation compared to the random movement in the naïve mandibular dLNs.



T Cells Demonstrate Distinct Kinetics Compared to CD11c-YFP+ Cells in the Mandibular Draining Lymph Nodes

To assess if our model would allow studying other immune cells as well, we next evaluated the kinetics of T cells in the mandibular dLNs during steady state (Supplementary Video 8). As shown in Figure 6A, we observed DsRed+ T cells (in red) in clusters in the dLN with collagen visualized by second harmonic generation (in blue). Figure 6B illustrates T cell displacement in the dLN during steady state. We observed brisk T cell meanderings in the mandibular dLNs with 3D instantaneous velocity of 6.08 ± 0.09 μm/min. We observed that, compared with CD11c-YFP+ cells (3.58 ± 0.09 μm/min), DsRed+ T cells displayed higher mean speed (12.67 ± 0.27 μm/min, p < 0.001; Figure 6C) and directionality, as well as a higher meandering index of DsRed+ T cells (0.51 ± 0.01) compared with CD11c-YFP+ cells (0.26 ± 0.02, p < 0.001; Figure 6D). Thus, our findings suggest that our model can be utilized to study kinetics of various immune cells in the mandibular dLNs.
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FIGURE 6. Kinetics of T cells in mandibular draining lymph nodes. (A) Representative multiphoton intravital microscopy image of a mandibular draining lymph nodes (dLNs) of a transgenic T-Red mouse during the steady state showing DsRed+ T cells (red) and collagen (blue). (B) Representative cell displacement lengths normalized to a starting point. (C,D) Comparison of cell mean speed (C) and meandering indices (D) between CD11c-YFP+ and DsRed+ T cells in the dLNs during steady state (pooled from three independent experiments with a total of n = 3 mice/group). Bars: Mean ± SEM, t-test, ***p < 0.001, scale bar: 100 μm.





DISCUSSION

Corneal immune responses have previously been widely studied in ex vivo settings. These studies have provided valuable insights about immune responses to foreign antigens. However, to understand the complexity of the corneal immune arc and the underlying cellular mechanisms involved in antigen presentation process to prime T cells and evoke an immune response, it is essential to study it in an in vivo context. During in vivo assessment, physiological parameters such as proper tissue oxygenation and temperature must be preserved, allowing cells to behave similarly to a physiological state. Herein, we present, to our knowledge, the first model for in vivo imaging of the corneal dLNs utilizing MP-IVM.

MP-IVM has been proven to be a reliable method to visualize and analyze innate and adaptive immune responses at a single-cell level. The more accessible inguinal and popliteal LNs have been widely studied via MP-IVM. The first report of in vivo imaging of the inguinal dLNs was in 2003, where Miller et al. described and quantified the migratory behavior of adoptively transferred fluorescently labeled T cells in mice (22). One year later, Mempel et al. described a mouse model to image popliteal dLNs utilizing MP-IVM (25). These reports reveal the feasibility and reproducibility of MP-IVM in imaging superficial dLNs. Contrary to these dLNs, in vivo imaging of mandibular dLNs is challenging due to its anatomical proximity to lungs and heart. Thus, respiratory movement and heartbeats are powerful mechanical artifacts that hinder a proper stabilization of the dLN for appropriate image acquisition at a microscopic level over time, since a few micrometers tissue movement can turn into uninterpretable 3D images (36). We have overcome this problem by stabilizing the mandibular dLN in two steps: careful microdissection of the tissue around the dLN and slightly elevating the dLN from/above the surrounding structures using a spatula. This in turn means imaging is not affected by heartbeats or breathing artifacts. During this step, it is crucial to ensure that the blood flow to the dLN is not interrupted by either severing or stretching of the feeding vessels while elevating the dLN. This is to ensure proper tissue oxygenation and maintaining proper physiological temperature (37 ± 1°C). Temperature is a critical aspect in analyzing cell dynamics: if proper temperature is not achieved or if it is not constant during the entire image acquisition, interstitial cell motility will be affected (23, 30), with no dendrite movement or “probing;” hence, dynamic analysis will not be reliable. We achieved a proper temperature, ensuring that a sealed chamber around the dLN was made with vacuum grease and was filled with optical gel. The function of this gel is to keep the dLN moist and at a physiological temperature. The ceiling of this chamber was formed by a glass coverslip and a heating tubing system through which hot water circulated at a constant rate. With this heating system, we tried attempted to mimic the physiological conditions of proper temperature for an adequate interstitial cell movement.

Through utilizing a custom-made stage, appropriate microdissection, a sealed chamber, and constant physiological temperature regulation, we have been able to perform longitudinal MP-IVM of the mandibular dLNs. We demonstrate that the mean speed and movement directionality of host-derived CD11c-YFP+ cells increase significantly after corneal allotransplantation as compared with steady state. Furthermore, after 14 days, CD11c-YFP+ cells tend to agglomerate in the parafollicular cortex of dLNs. This is in line with a previous report from Lindquist et al. who described the spatiotemporal characteristics of dendritic cell networks in normal inguinal dLNs of live mice (20). In these studies, the authors explained how steady state cDCs are entangled in an extensive cell network while they are probing T cells, but that after activation, these cells become more motile and distribute into the sessile network to be readily accessible to migrating T cells. Similarly, with our model of in vivo imaging of corneal dLNs, we are able to visualize the distribution of CD11c-YFP+ cells in all three regions of the mandibular dLNs. During steady state, CD11c-YFP+ cells are either static with some dendrite probing or exhibit a low mean speed with random movement throughout the dLNs parenchyma.

Previous studies have shown that corneal trauma results in secretion of proinflammatory cytokines, leading to activation of APCs, enhanced expression of maturation markers, including major histocompatibility complex II and costimulatory molecules, CD80 and CD86, subsequently resulting in their mobilization to dLNs (8, 37, 38). In the current study, we assessed the density and kinetics of CD11c-YFP+ cells in the mandibular dLNs following corneal transplantation. We observed that following corneal allotransplantation, density and motility of host CD11c-YFP+ cells increase significantly, with cell movement becoming more directional. The change in directionality may be indicative of CD11c-YFP+ cells movements toward T cells in the parafollicular areas of the dLNs to prime them and elicit T cell responses. Although we demonstrate alterations in the density and motility of CD11c-YFP+ cells, as a subpopulation of APCs in the mandibular dLNs following corneal transplantation, our study is limited in revealing potential association between alterations in cell kinetics and functions of these cells. Thus, further studies are necessary to examine the correlation between kinetics and functionality of APCs during steady state and following transplantation.

In the current study, T cells in the mandibular dLNs showed a mean track speed of 12.67 μm/min and 3D instantaneous velocity of 6.08 μm/min. In line with our findings, Miller et al. observed that average T cell speed in inguinal dLNs ranges between of 10.2 and 11.5 μm/min in live mice (22), and Mempel et al. reported mean 3D velocity of 8.4 μm/min for T cells in popliteal dLNs (23, 25). Furthermore, consistent with our findings, a study on kinetics of CD11c-YFP+ cells in the inguinal dLNs suggest that cDCs move more slowly compared to T cells with their median speed ranging between 1 and 4 μm/min depending on the dLN area (20). Indeed, MP-IVM has been used to study cell-to-cell interactions, a crucial step in understanding immune responses. In 2004, Mempel et al. could distinguish three stages of T cell activation mediated by DCs in popliteal dLNs over time (transient encounters, followed by stable contacts, and finally high motility and proliferation of T cells) (25). MP-IVM can be also used to study immune cells in peripheral tissues. For instance, in 2011, Celli et al. using a murine ear skin graft model and MP-IVM, showed that activation of graft-reactive CD8+ T cells occurs in the dLNs, and this T cell cross-priming is mediated by host's APCs that had previously infiltrated the graft (28). Furthermore, the study provided insight into molecular mechanisms involved in skin graft rejection. In a more recent report, Kitano et al. characterized the dynamic interaction of different cDC subsets in the skin dLNs, providing in vivo evidence of the differential role of migratory and resident cDCs in cytotoxic T cell generation within the dLNs (21). With our model of in vivo imaging of the corneal dLNs and utilizing different combinations of transgenic mice (for example, mice expressing fluorescent proteins subpopulations of T cells), one would be able to study the process of antigen presentation in inflamed and pathological states of the cornea, such as after corneal transplantation, and may be able to characterize the dynamics and molecular mechanisms involved in corneal graft rejection to provide insights that may lead to the development of immunomodulatory therapies to prevent immunological transplant rejections.
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Supplementary Video 1. After careful microdissection of tissue surrounding the dLN, and without damaging feeding vessels, the dLN is positioned on a wooden spatula, and slightly elevated above surrounding structures. In this video, the dLN has been slightly repositioned to show intact vasculature, uninterrupted blood flow, and heart pounding or breathing movements that would otherwise impede imaging are not observed.

Supplementary Video 2. Mandibular dLN of a CD11c-YFP mouse during steady state. Z-stack of optical sections rendered into 3D data set. The dLN capsule's collagen fibers can be observed through the second harmonic generation (blue). Located underneath the collagen capsule are the CD11c-YFP+ cells (green) in the subcapsular area (a). Toward the center, is located the parafollicular area or T cell zone (b) and the follicular area or B cell zone (c), where CD11c-YFP+ cells are still present, but sparsely. Scale bar: 50 μm.

Supplementary Video 3. Zoomed parafollicular cortex of a mandibular dLN of a CD11c-YFP mouse during steady state. Z-stack of optical sections rendered into 3D data set. Different cell morphologies and sizes of CD11c-YFP+ cells can be appreciated (green). Scale bar: 50 μm.

Supplementary Video 4. Time-lapse video of the parafollicular area of a mandibular dLN of a CD11c-YFP mouse during steady state. CD11c-YFP+ cells (green) are distributed throughout the dLN parenchyma. The majority of them show static cell bodies, with dendrite movement or “probing.” The smaller cells are more motile, showing random movements with larger displacements. Scale bar: 50 μm.

Supplementary Video 5. Time-lapse video of the parafollicular area of a mandibular dLN of a CD11c-YFP mouse during steady state. Zoomed to appreciate CD11c-YFP+ cells dendrites' “probing” and movement of the smaller cells through the dLN parenchyma. Compared with the larger ones, the smaller cells are more motile, interacting and making close contacts with each other. Scale bar: 50 μm.

Supplementary Video 6. Time-lapse video of the parafollicular area of an ipsilateral mandibular dLN 14 days after corneal allotransplantation to a CD11c-YFP mouse. CD11c-YFP+ cells (green) are distributed throughout the dLN parenchyma, some of them clustered in the inferior right corner. Scale bar: 50 μm.

Supplementary Video 7. Time-lapse video of the parafollicular area of an ipsilateral mandibular dLN 21 days after corneal allotransplantation to a CD11c-YFP mouse. CD11c-YFP+ cells (green) are distributed throughout the dLN parenchyma, most of them have lost their dendritiform shape, and have become oval, representing smaller and more motile. Scale bar: 50 μm.

Supplementary Video 8. Time-lapse video of the parafollicular area of a mandibular dLN of a transgenic T-Red mouse with DsRed+ T cells during steady state. T cells (red) show random rapid movements with large displacements. Scale bar: 50 μm.
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Dry eye disease (DED) is a multifactorial disease of the ocular surface, characterized by loss of tear film homeostasis and ocular symptoms, in which neurosensory abnormalities have recently been shown to play an etiological role. Although the role of inflammation has been widely studied in DED, the kinetics of immune cells of the ocular surface in this complex disease are hereto unclear. Herein, we utilized intravital multiphoton imaging on transgenic mice to investigate the 3D morphology and kinetics of conventional dendritic cells (cDCs) and the role of ocular surface sensory nerves in regulating them in both the naïve state and experimental DED. Mice with DED had significantly lower tear secretion (p < 0.01), greater corneal fluorescein staining (p < 0.001), and higher cDC density in the ocular surface (p < 0.05), compared to naïve mice. cDCs in DED mice showed morphological alterations in the limbus, exhibiting smaller surface area (p < 0.001) and volume (p < 0.001) compared to naïve mice. Furthermore, corneal cDCs showed greater sphericity in DED mice compared to naïve mice (p < 0.01). In addition, limbal cDCs displayed significantly increased migratory kinetics in DED, including mean track speed, 3D instantaneous velocity, track length, and displacement, compared to naïve mice (all p < 0.05). In mice with DED, cDCs showed a higher meandering index in the limbus compared to central cornea (p < 0.05). In DED, cDCs were less frequently found in contact with nerves in the limbus, peripheral, and central cornea (p < 0.05). cDCs in contact with nerves demonstrated a larger surface area (p < 0.001) and volume (p < 0.001), however, they exhibited less sphericity (p < 0.05) as compared to cDCs not in contact with nerves in naïve mice. Importantly, cDCs in contact with nerves during DED had a decreased track length, displacement, mean track speed, and 3D instantaneous velocity compared to those not in contact with nerves (all p < 0.05). Taken together, we present in vivo evidence of altered cDC kinetics and 3D morphology in DED. Furthermore, apparent neuronal contact significantly alters cDC kinetics and morphological characteristics, suggesting that ocular surface nerves may play a direct role in mediating immune responses in DED.
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INTRODUCTION

Dry eye disease (DED) is one of the most common causes of clinical ophthalmic visits, since it is accompanied by ocular discomfort and results in diminished quality of life (1). It is estimated that more than 16 million adults in the United States suffer from DED, with an estimated prevalence of 3.0% in men and 7.8% in women, imposing a significant public health and economic burden (2, 3). DED is “a multifactorial disease of the ocular surface characterized by a loss of homeostasis of the tear film, and accompanied by ocular symptoms, in which tear film instability and hyperosmolarity, ocular surface inflammation and damage, and neurosensory abnormalities play etiological roles” (1). It can arise due to desiccating stress, systemic conditions, medications, and neurosensory abnormalities (1).

The ocular surface is composed of the avascular cornea, neighboring conjunctiva, eyelids, tear film, and secretory glands, including lacrimal and meibomian glands. The ocular surface functions as a physical and immunological barrier to the external environment, such as foreign particles and opportunistic pathogens while allowing light to penetrate into the eye by maintaining the health of the ocular surface and tear film stability. The cornea is densely innervated by sensory nerves supplied by the ophthalmic division of the trigeminal nerve, sympathetic fibers derived from the superior cervical ganglion, and parasympathetic fibers that originate from the ciliary ganglion (4, 5). Sensory nerves enter the peripheral cornea in a radial pattern and travel parallel to the corneal surface toward the corneal center. The nerve fibers in the stroma comprise the stromal nerve plexus and the branches beneath the basal epithelial cell layer form a dense nerve plexus, termed the subbasal nerve plexus (4, 6). In addition to its dense innervation, the cornea is an immune privileged tissue and also hosts antigen-presenting cells (APCs), including epithelial and stromal conventional dendritic cells (cDCs) and stromal macrophages during steady state (7–12).

Involved in both initiation and progression of the DED, inflammation is considered a key process in the pathogenesis of DED (13–16). The inflammatory microenvironment in the ocular surface during DED facilitates maturation of ocular surface APCs and their subsequent egress to the draining lymph nodes, where they prime naïve CD4+ T cells toward effector T helper (Th)1 and Th17 cells (17–19). Through the efferent arm of the immune response, effector T cells migrate to the ocular surface, where they exacerbate inflammation via further tissue damage. In addition, DED-associated inflammation further exacerbates the destructive milieu in the ocular surface, leading to decreased goblet cell density, altered tear composition, and increased surface irregularity, generating focal points for accelerated tear thinning, and consequently promoting squamous metaplasia in an interferon gamma (IFN-γ)-mediated manner (20, 21). Furthermore, inflammation directly stimulates corneal nociceptor nerve terminals (22, 23). Persistent ocular surface inflammation then results in nerve fiber damage, which in turn perpetuates the disease (24). In this regard, it has been shown that desiccating stress leads to diminished corneal subbasal and intraepithelial nerve density, altered nerve morphology, decreased cornea sensitivity, and pain (25–30). Damage and malfunction of the corneal sensory nerves can lead to decreased blink reflex and tear production, which further augments the disease (31–33).

Although the role of inflammation in the pathogenesis of DED is well studied (14–17, 34), our knowledge on the kinetics of corneal immune cells and the potential role of nerves in affecting immune cell migration during the course of DED is limited. In this study, we investigate the effects of desiccating stress-induced DED on alterations in the three-dimensional (3D) morphology and kinetics of cDCs, as well as their relation to nerves. Utilizing intravital multiphoton microscopy (IV-MPM) of the ocular surface of transgenic mice with fluorescent-tagged cDCs and nerves, we demonstrate that cDCs are more spherical and more motile during DED. In addition, we demonstrate how contact with nerves impacts these morphological and kinetic alterations of cDCs during DED.



MATERIALS AND METHODS


Mice

Wild-type female C57BL/6 mice were purchased from Charles River (Charles River Laboratories, Wilmington, MA, United States). Thy1YFP mice [B6.Cg-Tg (Thy1-YFP)16Jrs/J] were obtained from the Jackson Laboratory (Bar Harbor, ME, United States) as heterozygous and bred to homozygous with repeated matings between male and female mice with high copies of the transgenes for yellow fluorescent protein (YFP). This was required in order to obtain mice with higher fluorescence for IV-MPM. CD11cEYFP mice were a generous gift from Dr. Michel C. Nussenzweig from Rockefeller University (35). CD11cYFP × Thy1YFP mice were generated by crossing homozygous Thy1YFP with homozygous CD11cEYFP repeatedly until both the nerves and cDCs were colocalized with YFP in the cornea. Primer sets used for quantitative PCR for genotyping included the following: Thy1-YFP forward 5-GCCCTGGCCCACCCTCGTGACCACCTTCG-3, Thy1-YFP reverse 5- CCTGATGCCGTTCTTCTGCTTGTCGGGCA-3, CD11c-EYFP forward 5-TGCTGGTTGTTGTGCTGTCTCATC- 3, and CD11c-EYFP reverse 5-GGGGGTGTTCTGCTGGTAG TGGTC-3.

The Thy1-YFP mice express YFP under the control of regulatory elements of the Thy1 gene and thus label neuronal populations, primarily sensory and motor neurons. The CD11c-YFP mice carry the EYFP transgene under the control of the CD11c promoter (35). Thus, our CD11cYFP × Thy1YFP mice allow visualization of both CD11c+ cDCs and Thy1+ neurons in the same animals. Because females are more prone to DED and female mice develop more severe clinical disease than age-matched males (36), in this study, only 6- to 8-week-old female mice were used in all experiments. Mice were housed at Tufts Department of Lab Animal Medicine and were treated in accordance with the Association of Research and Vision in Ophthalmology (ARVO) statement for the Use of Animals in Ophthalmology and Vision Research. All experiments were performed after the review and approval from the Institutional Animal Care and Use Committee (IACUC number B2018-47) at Tufts University and Tufts Medical Center, Boston, MA, United States.



Murine Model of Dry Eye Disease

At the age of 6–8 weeks, CD11cYFP × Thy1YFP mice were either housed in a low-humidity, temperature-regulated custom-made controlled environment chamber (Percival Scientific Inc, Perry, IA, United States) for 4 weeks to develop desiccating stress-induced evaporative DED, or were kept under standard housing with a humidity of 50–60% and a temperature of 21–23°C to serve as naïve controls (37). Using the controlled environment chamber, we exposed the animals to a humidity of 15%, and air circulation of 15 L/min, at 21–23°C temperature using the INTELLIS Ultra Control System and Desiccant dryer 50 cfm leading to desiccating stress. The chamber is sealed, avoiding the direct exchange of air between the outside and the inside, and is connected to a desiccant, which introduces air with low humidity inside the chamber. Inside the chamber, three sensors are located in order to monitor the humidity, airflow, and temperature. Sensors are connected to a router in order to automatically monitor the parameters. In order to maximize exposure, mice were housed in custom-designed fenestrated cages (Ancare Corp. Bellmore, NY, United States). The cages were built with vents at each side to maximize the airflow through them in order to achieve greater desiccating stress on the ocular surface.



Clinical Evaluation

Corneal fluorescein staining (CFS) was performed and scored according to the National Eye Institute (NEI) scale (38). In brief, CFS was graded in five corneal regions, each ranging from 0 to 3, and the sum of the scores of all regions was measured (range, 0–15). Tear secretion was assessed by measuring the wetted length of a phenol red thread (Zone-Quick; Hilco Vision Headquarters, Plainville, MA, United States), which was placed in the lateral canthus of anesthetized mice for 30 sec (39, 40).



Ocular Surface Intravital Multiphoton Microscopy

Animals were anesthetized, and body and ocular surface temperatures were tightly regulated as previously described (41, 42). For central corneal IV-MPM, following intraperitoneal injection of ketamine (100 mg/kg), xylazine (20 mg/kg), and acepromazine (3 mg/kg) mixture, mice were placed on a custom and tiltable stereotactic stage to focus on the cornea and limbus. Proper depth of anesthesia was assessed every 30–60 min with supplemental doses of ketamine alone (100 mg/kg). Topical proparacaine hydrochloride (0.5%) and Genteal ophthalmic lubricant gel (Alcon, Fort Worth, TX, United States) were applied to the examined eye and a 5-0 non-absorbable silk suture (Surgical Specialities Corporation, Reading, PA, United States) was placed around the eye to prevent eye closure, blinking, and nystagmus while allowing the normal flow of blood to the eye. To maintain ocular surface temperature and moisture, a sealed chamber was created around the exposed portion of the eye using high vacuum grease (Dow Corning, Midland, MI, United States) and plastics placed on the grease as previously described (41). Genteal gel was added to the chamber, and hot water circulated through the tubing and chamber assembly to maintain a temperature range within 2°C of the physiological ocular surface temperature (34°C; range, 33-35°C). The IV-MPM setup and surgical mouse preparation for imaging the limbus and peripheral cornea are described elsewhere (42).

An Ultima Multiphoton Microscope System (Bruker, Fitchburg, WI, United States) equipped with two MaiTai Ti/Sapphire DeepSee lasers (Newport Spectra-Physics, Irvine, CA, United States), allowing for simultaneous coaxial 850 and 900 nm illumination to achieve two-photon excitation and second harmonic generation, was utilized for all experiments. Using a 20 × −1.0 NA (Olympus XLUMPLFLN, Tokyo, Japan) water immersion objective, scans of the ocular surface were taken every 30–60 sec over a period of up to an hour with 512 × 512 resolution and twofold line averaging, as previously described (41).



Image Analysis and Processing

3D measurements of cell morphology and cell motility were calculated using Imaris (Bitplane, Zurich, Switzerland) as previously described (41). In short, 3D cell analysis was performed to elucidate 3D cell surface area (μm2), volume (μm3), and sphericity (range, 0–1) by creating a surface object using the surface tool. Careful consideration and manual confirmation of each cell surface was performed to ensure that created surfaces were representative of the morphology of individual cells. Image stacks were converted into four-dimensional (4D) movies, semi-automated tracking of cell motility was performed, and cell bodies were tracked over time and were manually confirmed at each frame to determine total track length (total track distance of a cell, μm) and displacement length (distance from the initial position of a cell in the track to the last, as a straight line, μm), 3D instantaneous velocity (velocity of a cell between two consecutive frames, μm/min), mean track speed (average speed of a cell over length of imaging, μm/min), and meandering index, which provides a measure of the deviation from a straight line of a migratory cell (a value of 1 indicating that the track is a straight line) (43). Static cells with a displacement of <10 μm were excluded from meandering index analysis (41). In order to elucidate the effect of cDC contact with nerves on cDC morphological and kinetic parameters, each cell in all videos from all areas of limbus, peripheral, and central cornea was assessed by two independent investigators using 3D and 4D reconstructed videos to evaluate the presence of contact or lack of contact with nerves (interobserver agreement kappa = 0.83). All cells in the assessed videos were categorized as either with or without contact with nerves, unless the investigators did not agree on the presence or lack of contact with nerves. In such cases, the examined cells were excluded from further analysis on the effect of nerve contact on cDC morphology and kinetics.



Confocal Microscopy

In order to assess if we can observe cDCs in contact with nerves in the limbus and cornea of wild-type C57BL/6 and CD11cYFP × Thy1YFP mice, the corneas and limbus of wild-type C57BL/6 and CD11cYFP × Thy1YFP mice were excised; samples from wild-type mice were fixed in chilled acetone for 15 min, washed, blocked for 30 min at room temperature (RT) with 3% bovine serum albumin (BSA) containing 1% anti-CD16/CD32 Fc receptor mAb (Bio X Cell, West Lebanon, NH, United States), and were then incubated with a combination of primary fluorophore-conjugated antibodies against Thy1, CD45, F4/80 (all Biolegend, San Diego, CA, United States), and CD11c (eBioscience, San Diego, CA, United States) for 90 min at RT. After washing for three times, samples were mounted with mounting media containing 4′,6-diamidino-2-phenylindole (DAPI; Vector Laboratories, Inc., Burlingame, CA, United States) and were visualized by a Leica SP8 confocal microscope (Leica Microsystems Inc., Buffalo Grove, IL, United States). Samples from CD11cYFP × Thy1YFP mice were freshly mounted and underwent confocal microscopy. After acquisition, the epithelium was digitally removed, and 3D videos were reconstructed using Imaris.



Flow Cytometry

The bone marrow of CD11cYFP × Thy1YFP double-transgenic mice were harvested and strained using a 70 μm nylon mesh to yield single-cell suspension. Red blood cells were removed by incubating the single cells in ammonium-chloride-potassium lysing buffer for 1 min at RT. Samples were then washed, blocked and stained in fluorescence-activated cell sorting buffer containing 1% anti-CD16/CD32 Fc receptor mAb (Bio X Cell) and LIVE/DEAD Fixable Blue Dead Cell Stain (Thermo Fisher Scientific, Waltham, MA, United States) at RT for 20 min. Next, single cell suspensions were labeled with fluorophore-conjugated antibodies against CD45, CX3CR1, CD11c, CD11b, CD68, and PDCA-1, or appropriate conjugated isotype controls, for 60 min at RT (all Biolegend or eBioscience). Following a wash, samples underwent flow cytometric analysis using a BD LSR II Flow Cytometer (BD Biosciences). The acquired data were analyzed by FlowJo v10 (FlowJo, LLC, Ashland, OR, United States). Debris, dead cells, and doublets were excluded using forward and side scatters and a live/dead cell marker (Supplementary Figure S1).



Statistical Analysis

Results are presented as mean ± standard error of the mean (SEM). To compare cDC morphological and kinetic characteristics between groups, at least three IV-MPM videos, each taken from an individual mouse, were pooled. To determine the differences in cDC density, morphological and kinetic parameters between experimental DED and naïve groups, as well as between cDCs in contact and not in contact with nerves, t test was employed. To assess regional differences in the density, morphology, and kinetic parameters of cDCs (in three regions of limbus, peripheral, and central cornea), ANOVA with Tukey post hoc test was used (Prism GraphPad Software, La Jolla, CA, United States). Differences between groups were considered significant if p < 0.05.



RESULTS


Clinical Assessment of Dry Eye Disease Severity

Clinical assessment revealed that mice exposed to desiccating stress developed clinical signs of DED, with a significantly higher CFS (13.8 ± 0.3) compared to naïve controls (0.5 ± 0.2, p < 0.001; n = 5–6/group; Figures 1A,B). Furthermore, the mice exposed to desiccating stress showed lower tear volume (3.4 ± 0.92 mm) in comparison to naïve mice (8.8 ± 0.5 mm, p = 0.005; n = 6–12/group; Figure 1C).
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FIGURE 1. Ocular surface findings in desiccating stress-induced dry eye disease. (A) Representative corneal fluorescein staining images. (B) Quantification of fluorescein staining scores revealed a significant increase in corneal staining in mice exposed to desiccating stress compared to naïve controls (n = 5–6/group). (C) Tear volume using phenol red thread test showed a significant decrease in tear volume in mice exposed to desiccating stress compared to naïve controls (n = 6–12/group). Results are presented as mean ± SEM, t test, **p < 0.01, ***p < 0.001.




Alterations in Dendritic Cell Density and 3D Morphology in Dry Eye Disease

We initially aimed to characterize the identity of YFP+ cells in CD11cYFP × Thy1YFP mice. Thus, we performed flow cytometry on the bone marrow of these transgenic mice. As depicted in Supplementary Figure S1, we initially gated out debris and dead cells (Supplementary Figure S1A), doublets (Supplementary Figure S1B), and gated on YFP+ cells (Supplementary Figure S1C). Next, using fluorescent minus one controls, we observed that YFP+ cells in the bone marrow of CD11cYFP × Thy1YFP mice were in fact cDCs, as they expressed the pan-leukocyte marker, CD45, myeloid markers, CD11b and CX3CR1, dendritic cell marker, CD11c; but were majorly negative for plasmacytoid dendritic cell marker, PDCA-1, as well as macrophage marker, CD68 (Supplementary Figure S1D).

Having established the identity of YFP+ cells in CD11cYFP × Thy1YFP mice, we next examined if desiccating stress-induced DED affects the density of YFP+ cDCs in the limbus, peripheral, and central cornea, using IV-MPM (Figure 2A). A higher density of YFP+ cDCs was found in both the limbus and peripheral cornea in the DED group (limbus, 437.5 ± 45.1 cells/mm2; peripheral cornea, 243.8 ± 32.9 cells/mm2) compared to naïve controls (limbus, 260.4 ± 30.9 cells/mm2, p = 0.013; peripheral cornea, 127.5 ± 23.2 cells/mm2, p = 0.021; Figure 2B). However, despite a 2.4-fold increase, the density of cDCs in the central cornea did not reach statistical significance (137.5 ± 33.1 cells/mm2 in DED vs. 58.3 ± 4.2 cells/mm2 in naïve mice, p = 0.076; Figure 2B). Furthermore, as expected, in both naïve mice and mice with DED, we observed higher densities of cDCs in the limbus compared with that in the peripheral (p = 0.027 and p = 0.009, respectively) and central corneas (p = 0.003 and p < 0.001, respectively).
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FIGURE 2. Morphological features of conventional dendritic cells. (A) Representative intravital multiphoton microscopy (IV-MPM) images of ocular surface conventional dendritic cells (cDCs) in naïve mice and after exposure to desiccating stress-induced dry eye disease (DED). (B) Quantification of the density of YPF+ cDCs highlighting an increase in cDCs in the limbus and cornea in DED (n = 3–5/group). (C–E) 3D Morphological analyses of YPF+ cDCs in naïve and after exposure to desiccating stress, pooled from at least three mice/group, including (C) 3D cell surface area, (D) 3D cell volume, and (E) sphericity. Scale bars: 100 μm. Results are presented as mean ± SEM, t test, *p < 0.05, **p < 0.01, and ***p < 0.001.


We next compared the 3D morphological parameters of cDCs in DED to naïve mice. As shown in Figure 2C, cDCs in the limbus and peripheral cornea of DED mice were smaller, with lower 3D cell surface area compared to that of naïve mice (limbus, 1,127.2 ± 55.0 vs. 1,761.9 ± 104.1 μm2, p < 0.001; peripheral cornea, 1,279.0 ± 129.8 vs. 1,875.5 ± 148.5 μm2, p = 0.005), but there was no difference in the central cornea between the groups (DED, 1,616.5 ± 128.4 vs. naïve mice, 2,049.8 ± 242.8 μm2, p = 0.088; Figure 2C). cDC volume in the limbus was also lower in DED compared to that in the naïve group (1,880.8 ± 184.3 vs. 3,371.5 ± 186.3 μm3, p < 0.001; Figure 2D) but not in the peripheral cornea (2,375.4 ± 324.0 vs. 3,038.9 ± 306.5 μm3, p = 0.184) and central cornea (3,530.7 ± 391.6 vs. 3,750.1 ± 510.4 μm2, p = 0.744; Figure 2D). Furthermore, assessment of cDC sphericity in DED exhibited higher sphericity in the peripheral (0.66 ± 0.02 vs. 0.54 ± 0.01, p < 0.001) and central corneas (0.68 ± 0.01 vs. 0.59 ± 0.03, p = 0.002), but not in the limbus (0.63 ± 0.01 vs. 0.62 ± 0.01, p = 0.432) compared to naïve controls (Figure 2E). Assessing the potential regional differences in the morphology of cDCs, we noticed that it is only during DED that limbal cDCs exhibited less 3D cell surface area (p = 0.035; Supplementary Figure S2A) and volume (p = 0.002; Supplementary Figure S2B) compared to central corneal cDCs. However, we did not observe significant regional differences in the sphericity of cDCs during DED (Supplementary Figure S2C).

Taken together, our results highlight that DED significantly alters cDC morphology in the limbus and cornea, with more prominent alterations in the limbus and peripheral cornea.



Alterations in cDC Kinetics in Dry Eye Disease

Having observed alterations in the morphological properties of cDCs in DED, we next investigated if the in vivo ocular surface cDC kinetics are altered in DED. Thus, we performed IV-MPM and analyzed kinetics of cDCs in the limbus/peripheral corneas of naïve mice (Supplementary Video S1) and mice with DED (Supplementary Video S2), as well as in the central cornea in naïve controls (Supplementary Video S3) and following induction of DED by desiccating stress (Supplementary Video S4). Representative IV-MPM still images of cDC migration in the limbus and cornea of naïve and DED mice are shown in Figure 3A. We observed that the track length of cDCs in the limbus was significantly increased in DED (80.73 ± 3.79 μm) compared to naïve mice (69.24 ± 2.53 μm, p = 0.033; Figures 3B,D). The difference was also present in the central cornea (115.60 ± 8.53 vs. 35.13 ± 5.60 μm, p < 0.001) and in the peripheral cornea (92.39 ± 6.85 vs. 59.51 ± 5.45 μm, p < 0.001; Figures 3C,D). Interestingly, we also noted a significantly longer displacement in cDCs in DED compared to naïve mice in the limbus (8.87 ± 0.68 vs. 6.63 ± 0.32 μm, p = 0.028) as well as central cornea (11.09 ± 1.68 vs. 4.59 ± 0.44 μm, p = 0.007). However, cDC displacement was comparable in the peripheral corneas of naïve (5.18 ± 0.44 μm) and DED mice (7.65 ± 1.33 μm, p = 0.080; Figure 3E).
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FIGURE 3. Kinetics of conventional dendritic cells. (A) Representative still images of YFP+ conventional dendritic cells (cDCs) in the limbus (top panels), peripheral (middle panels), and central corneas (bottom panels). The thin colored lines represent cell tracks based on the time scale. (B,C) Representative displacement tracks of YFP+ cDCs with centered alignment in the (B) limbus and (C) cornea in naïve state and after exposure to desiccating stress-induced dry eye disease (DED) reveal altered displacement and directionality of cDCs after exposure to desiccating stress. (D,E) Kinetic characteristics including (D) track length, (E) displacement length, (F) 3D instantaneous velocity, (G) mean track speed, and (H) and meandering indices of YFP+ cDC tracks, pooled from at least three mice/group. Scale bars: 10 μm. Results are presented as mean ± SEM, t test, *p < 0.05, **p < 0.01, and ***p < 0.001.


Analysis of velocity revealed significant differences in 3D instantaneous velocity of ocular surface cDCs in DED compared to the naïve setting (Figure 3F). This increase was noted in cDCs within the limbus (1.70 ± 0.02 vs. 1.52 ± 0.01 μm/min, p < 0.001), peripheral (1.49 ± 0.02 vs. 1.35 ± 0.02 μm/min, p < 0.001), and central cornea (2.02 ± 0.04 vs. 1.14 ± 0.03 μm/min, p < 0.001) compared to naïve. Similarly, we observed a greater mean track speed of cDCs in DED compared to naïve mice in the limbus (2.69 ± 0.11 vs. 2.35 ± 0.05 μm/min, p = 0.036), peripheral (3.04 ± 0.18 vs. 2.12 ± 0.09 μm/min, p < 0.001), and central cornea (3.24 ± 0.20 vs. 1.60 ± 0.14 μm/min, p < 0.001; Figure 3G). Thus, our findings show that, while in naïve mice cDCs show minor motility, following exposure to desiccating stress, their kinetic features are altered, exhibiting higher kinesis with a faster speed.

To further assess the directionality of the movements of cDCs in the ocular surface, we measured meandering indices of cDCs in the limbus and cornea during DED, since during the steady state, the motility is limited. We noted a significant regional difference in the meandering index of limbal cDCs (0.30 ± 0.03) compared with cDCs in the central cornea (0.17 ± 0.04, p = 0.044; Figure 3H) in mice with DED. However, we did not observe a significant difference between peripheral (0.20 ± 0.03) and central corneal cDCs (p = 0.979; Figure 3H).

We also evaluated the regional differences in the kinetics of cDCs in the limbus, peripheral, and central cornea. We observed that in naïve mice, cDCs in the limbus traveled over longer tracks compared with cDCs in the central cornea (p = 0.008; Supplementary Figure S2D). However, in mice with DED, cDCs in the central cornea moved over longer tracks compared with cDCs in the limbus (p < 0.001; Supplementary Figure S2D). No significant differences were observed in the displacement of cDCs in the limbus, peripheral, and central cornea (Supplementary Figure S2E). In naïve mice, cDCs in the limbus showed higher 3D instantaneous velocity compared with cDCs in the peripheral (p < 0.001; Supplementary Figure S2F) and central cornea (p < 0.001; Supplementary Figure S2F). Furthermore, peripheral corneal cDCs migrated with a higher 3D instantaneous velocity compared with cDCs in the central cornea (p = 0.007; Supplementary Figure S2F). In mice with DED, cDCs in the central cornea exhibited higher 3D instantaneous velocity compared with cDCs in the limbus (p < 0.001; Supplementary Figure S2F) and peripheral cornea (p < 0.001; Supplementary Figure S2F). However, we did not detect significant differences in mean track speed of cDCs in the limbus, peripheral, and central corneas (Supplementary Figure S2G). In summary, we observed that during DED, cDCs exhibited altered migratory kinetics, with the highest pace in the peripheral and central cornea.



The Impact of Nerve Contact on Alterations in Morphology and Kinetics of cDCs

Associations between nerves and immune cells at the ocular surface have recently been reported (12, 44). Desiccating stress-induced DED has been noted to lead to morphological and functional ocular surface nerve alterations (25–28). Accordingly, we sought to investigate if the morphology and kinetic properties of cDCs in the ocular surface change when they were in contact with nerves in both DED and the naïve setting. In order to assess if we can visualize cDCs with and without contact with nerves, we initially performed confocal microscopy on whole-mounted limbus/cornea of wild-type mice during steady state. As presented in Figure 4A, we could detect cDCs, judged by expression of CD45 and CD11c, in contact with Thy1-expressing nerves (white arrows) as well as without contact with Thy1+ nerves (red arrow). Noteworthy, we observed that CD11c+ cells in contact (Supplementary Figure S3, white arrows) and without contact with nerves (Supplementary Figure S3, red arrows) do not costain with F4/80, confirming their identity as cDCs. Next, to assess if we can observe cDCs in contact with nerves in the limbus and cornea of CD11cYFP × Thy1YFP mice, we performed confocal microscopy on fresh corneal samples of double-transgenic naïve mice. As represented in Figure 4B, we identified cDCs, which were with contact (Figure 4B and Supplementary Figures S4A,B, white arrows; Supplementary Video S5) or without contact (Figure 4B and Supplementary Figures S4C,D, red arrows; Supplementary Video S6) with YFP+ nerves. Notably, in confocal micrographs, cDCs could be differentiated from Thy1+ nerves based on their morphology and presence of DAPI-stained nucleus (Supplementary Figures S4B,D; arrows). Next, we analyzed the frequency of cDCs with nerve contact (Figure 4C, white arrow; Supplementary Video S7) and without nerve contact (Figure 4C, red arrow; Supplementary Video S8) in naïve and DED mice via IV-MPM. We observed that, while 78.1 ± 3.6% of cDCs in the limbus were in contact with nerves during steady state, in mice with DED, only 47.9 ± 6.3% of cDCs in the limbus were in contact with nerves (p = 0.013; n = 3–5/group; Supplementary Figure S5). Notably, we observed a comparable reduction in the frequency of cDCs in contact with nerves in mice with DED in the peripheral and central cornea in mice with DED compared with naïve mice (p = 0.026 and p < 0.001, respectively; Supplementary Figure S5). Next, we analyzed 3D morphological parameters of cDCs in with and without nerve contact in naïve and DED mice using IV-MPM. Our analysis revealed that in naïve mice, cDCs in contact with nerves were significantly larger in terms of 3D cell surface area (2,359.0 ± 177.7 vs. 1,481.7 ± 90.0 μm2, p < 0.001; Figure 4D) and volume (4,522.9 ± 422.8 vs. 2,466.0 ± 175.7 μm3, p < 0.001; Figure 4E), but less spherical (0.57 ± 0.01 vs. 0.61 ± 0.01, p = 0.043; Figure 4F), compared to cDCs that are not in contact with nerves. Similarly, in the DED group, cDCs that were in contact with nerves had a greater 3D cell surface area compared to those not in contact with nerves (1,747.2 ± 193.9 vs. 1,255.0 ± 60.7 μm2, p = 0.004; Figure 4D). However, there were no significant differences in volume and sphericity of cDCs with and without nerve contact in DED (volume, 2,860.4 ± 293.7 vs. 2,308.9 ± 138.1 μm3, p = 0.129; sphericity, 0.66 ± 0.02 vs. 0.66 ± 0.01, p = 0.985, respectively; Figures 4E,F).


[image: image]

FIGURE 4. Morphological features of conventional dendritic cells based on their relation with nerves. (A) Representative confocal micrograph of corneal/limbal whole mount of a naïve wild-type mouse stained with Thy1, CD45, CD11c, and 4′,6-diamidino-2-phenylindole (DAPI) showing CD45+ CD11c+ conventional dendritic cells (cDCs) in contact (white arrows) and without contact (red arrow) with Thy1+ nerves. (B) Representative confocal micrograph of corneal/limbal whole-mount of a naïve CD11cYFP × Thy1YFP mouse mounted with DAPI showing YFP+ cDCs in contact (white arrows) and without contact (red arrow) with YFP+ nerves. (C) Representative intravital multiphoton microscopy (IV-MPM) images of peripheral corneal cDCs in contact (left panel, white arrow) and without contact (right panel, red arrow) with nerves in CD11cYFP × Thy1YFP mice after exposure to desiccating stress-induced dry eye disease (DED). (D–F) Morphological characteristics including (D) 3D cell surface area, (E) 3D cell volume, and (F) sphericity of cDCs in contact and without contact with nerves, pooled from at least three mice/group. Scale bars: 50 μm in (A,B) and 20 μm in (C). Results are presented as mean ± SEM, t test. SHG, Second harmonic generation. *p < 0.05, **p < 0.01, and ***p < 0.001.


We next sought to investigate the effect of contact with nerves on cDC kinetics. As depicted in Figures 5A,B, we observed that cDCs in contact with nerves showed less motility in comparison with cDCs without apparent contact with nerves in both naïve (Figure 5A) and DED mice (Figure 5B). There were no significant differences in the track length (79.99 ± 4.20 vs. 68.41 ± 3.62 μm, p = 0.102; Figure 5C) of cDCs with and without nerve contact in the naïve setting. However, cDCs that are in contact with nerves showed a lower displacement (3.15 ± 0.36 vs. 5.62 ± 0.43 μm, p = 0.004; Figure 5D), 3D instantaneous velocity (0.83 ± 0.01 vs. 1.05 ± 0.01 μm/min, p < 0.001; Figure 5E), and mean track speed (1.60 ± 0.07 vs. 1.93 ± 0.06 μm/min, p = 0.005; Figure 5F) compared to cDCs not in contact with nerves. Interestingly, cDCs in contact with nerves showed a shorter track length (65.57 ± 4.24 vs. 81.64 ± 3.99 μm, p = 0.012; Figure 5C), less displacement (7.46 ± 0.78 vs. 9.96 ± 0.73 μm, p = 0.030; Figure 5D), lower 3D instantaneous velocity (1.39 ± 0.02 vs. 1.56 ± 0.01 μm/min, p < 0.001; Figure 5E), and mean track speed (2.24 ± 0.13 vs. 2.61 ± 0.09 μm/min, p = 0.017; Figure 5F) compared to cDCs not in contact with nerves in the DED setting. Finally, analysis of meandering index for cDCs in mice with DED revealed no significant difference in directionality between cDCs in contact and those not in contact with nerves (0.26 ± 0.05 vs. 0.29 ± 0.03, p = 0.65; Figure 5G). Thus, our results suggest that contact with nerves alters the aforementioned changes in the morphological properties and kinetics of cDCs in DED.


[image: image]

FIGURE 5. Kinetics of conventional dendritic cells according to their relation with nerves. (A,B) Representative displacement tracks of YFP+ conventional dendritic cells (cDCs) with and without nerve contact in (A) naïve and (B) dry eye disease (DED) mice with centered alignment shows reduced alterations in cDCs with nerve contact. (C–G) Kinetic characteristics including (C) track length, (D) displacement length, (E) 3D instantaneous velocity, (F) mean track speed, and (G) meandering indices of YFP+ cDC tracks in contact or not in contact with nerves, pooled from at least three mice/group. Results are presented as mean ± SEM, t test, *p < 0.05, **p < 0.01, and ***p < 0.001.




DISCUSSION

Through the use of IV-MPM on double-transgenic mice, we presented detailed alterations in the 3D morphology and kinetics of ocular surface cDCs following desiccating stress-induced DED and cDC-nerves interplay in this process. Multiple properties of IV-MPM, including its non-invasive nature, small focal point, second harmonic generation, and limited phototoxicity allow for real-time assessment of single cDC dynamics with high spatial and temporal resolution in vivo, without requiring antibodies and dyes for visualization. Using the strengths of IV-MPM, we showed that following exposure to desiccating stress, cDCs are increased in the ocular surface and exhibit remarkable alterations in their morphology and migratory characteristics. In fact, while during the steady state cDCs possess an elongated shape with long dendrites and are relatively static, they adopt a more migratory state (45) in DED, with less surface area and volume and more sphericity and migratory kinetics. Furthermore, we revealed that during DED, a significant fraction of cDCs lose their contact with nerves, which significantly alters their kinetics and 3D morphological parameters, suggesting the importance of neuroimmune interplay in the course of DED.

Several murine models have been developed to investigate DED. These include a wide range of genetic modifications, surgical techniques, and medical interventions to decrease tear production or secretion. Among less invasive approaches, inducing lacrimal gland insufficiency and atrophy by administrating agents such as parasympatholytic molecule scopolamine or imposing desiccating stress on the ocular surface by placing laboratory animals in controlled environment with low humidity and high flow rate are commonly used (37, 46–48). In order to avoid potential effects of surgical procedures, genetic modifications, and systemic medications on immune cells as well as potential off-target systemic effects of such manipulations, in this study, we aimed to induce DED solely by exposing the mice to environmental desiccating stress via a controlled environment chamber, as a model of desiccation-induced DED (37).

During steady state, cDCs reside among the basal layers of the epithelium as well as in the anterior stroma in the cornea (7, 49–51). We previously reported that during steady state, populations of corneal immune cells including cDCs are mainly static, only exhibiting centroid movement with minor displacement, suggestive of environmental sampling (41). In line with the prior report, we observed that cDCs are less motile in the naïve setting; however, greater track length, 3D instantaneous velocity, and mean track speed reaching ∼3 μm/min in the cornea are noted in cDCs following DED. Although there is paucity of similar studies in the literature to directly compare our findings, in a report investigating migration in the peripheral cornea and limbus following intrastromal suture-induced inflammation, auto-fluorescent immune cells were noted to have a mean speed of 9.5 μm/min, with a maximum speed of 54.0 μm/min (52). We previously reported that after thermal cautery burn, CD11c+ and MHC-II+ APCs have a mean speed of approximately 1.9 and 3.0 μm/min in the cornea, respectively (41). The differences between reports might be explained by the differences in the type of examined cells and the nature of inflammatory response in the cornea since, herein, we investigated DED as a subacute to chronic inflammatory state, while previous reports assessed acute corneal inflammation (41). Furthermore, we noted regional differences in the morphology and kinetics of cDCs. We observed that, in particular during DED, cDCs in the limbus harbor less surface area and volume and travel with lower 3D instantaneous velocity compared to central corneal cDCs. This maybe at least in part explained by some cDCs, which undergo morphological alterations that facilitate adhesion and extravasation from blood vessels or egress to draining lymph nodes in the limbal area.

Resident immune cells in the cornea are considered long-lived, since even after 6 months following transfer of bone marrow cells or bone marrow-derived hematopoietic stem cells to irradiated mice, not all immune cells in the cornea are replaced (53, 54). Transferred cells initially reach the limbus and later migrate to peripheral and subsequently to central corneas (53, 54); however, it is not yet clear if during the steady state, the resident immune cells of the cornea slowly self-regenerate through mitosis, arise from tissue resident precursors, or are recruited from the circulating blood (49, 53, 54). Nevertheless, upon inflammatory stimuli and increase in chemokines/cytokines in the cornea, cDCs are increased in the cornea, at least in part through recruitment from the blood (50, 51, 55). In this study, we observed that cDCs displayed longer track lengths in DED in the limbus, and exhibited a higher meandering index in the limbus compared with the corneal areas; thus, in line with prior studies, it might be postulated that cDCs recruited from the blood stream enter the tissue in the limbus, where they migrate to the peripheral and then the central cornea due to chemotactic gradients in the cornea during DED. However, in the cornea, cDCs did not show a preferential movement direction judged by centered displacement plots and meandering indices. This finding might be explained by the fact that desiccating stress, as the stimulus for inflammation, affects the cornea relatively evenly; thus, cDCs were not directed toward a specific location in the cornea. Additional investigation of immune cell kinetics at various time points following exposure to desiccating stress is required to elucidate a correlation between kinetics of cDCs and DED progression.

Association of immune cells and nerves has been reported in various peripheral and lymphoid tissues (56–61). In the cornea, the most densely innervated tissue of the body, cDCs and macrophages have been shown to reside in close proximity to the nerves in both humans and rodents (12, 44, 62–65). Although, during steady state, the immune cells display a close association with nerves in the cornea, it is shown that macrophages dissociate from nerves following corneal insults (12). Although the impact of this dissociation on the initiation or propagation of immune response, and the mechanisms associated with this warrant further in depth studies, it may be postulated that, upon receiving a danger signal directly from the microenvironment or through nerves, immune cells dissociate from nerves to freely surveil the tissue, take up antigens, and transfer them to draining lymph nodes. Secretory factors, such as cytokines, chemokines, and neurotransmitters, may play a role in the dissociation of immune cells from the nerves. In this regard, it has been shown that neurotransmitters, such as beta-endorphin, which are released by immune cells, may decrease the association of immune cells with dorsal nerve ganglion cells in vitro (66). In line with these observations, we demonstrate that cDCs in contact with nerves were larger, less spherical, and less motile compared to cDCs not in contact with nerves in naïve mice. However, although cDCs generally became smaller, more spherical, and motile in DED, cDCs in contact with nerves were still larger and less motile than other cDCs. These observations suggest that preservation of contact with nerves may prevent the morphological and kinetic alterations of cDCs in DED.

There is a growing body of evidence suggesting that the nervous system contributes to the control of local inflammation. Various studies have found that neurotransmitters and neuropeptides, such as substance P (SP), calcitonin gene-related peptide (CGRP), vasoactive intestinal polypeptide, secretoneurin, nerve-growth factor (NGF), and neuropeptide Y, are able to directly modulate the immune response in peripheral tissues (67–74). In this regard, the release of two key neuropeptides, CGRP and SP, by sensory nerves induces neurogenic inflammation (61, 75). These neuropeptides directly act on vascular endothelial and smooth muscle cells to enable vasodilation, increase capillary permeability, and stimulate leukocyte extravasation (76, 77) and thus play an important role in progression of DED (23, 78, 79). Despite the progress on neural control of inflammation, previous studies have focused on non-contact-mediated mechanisms through which nerves may regulate immune cells, whereas our study suggests the potential presence of additional contact-mediated mechanisms for neuroimmune interactions, since we observed differences in multiple parameters between cDCs with and without nerve contact. Notably, while cDC contact with nerves dampened cDC motility, it did not reduce cDC movement to naïve levels. This may be, in part, explained by the potential damage or dysfunction of nerves at the ocular surface as a result of DED or by the inflammatory microenvironment, impacting the immunomodulatory effect that nerves may have on cDCs.

It should also be noted that the corneal epithelial cells that provide support to the terminal nerve fibers extending toward the ocular surface (80) may also influence cDC–nerve association (44). Furthermore, it has previously been shown that morphology, thickness, and migration patterns of corneal epithelial cells may be altered in various corneal conditions (81–83). In particular, DED is associated with increased corneal epithelial cell turnover and thickness (84), likely due to an increase in the proliferation and migration of limbal epithelial stem cells via a natural centripetal migratory movement as a result of increased desquamation in DED (81, 85, 86). Therefore, the investigation of neuro-immune–epithelial interaction in steady state and disease states, such as in DED, may provide crucial information as to the impact of epithelial cells on neuro-immune crosstalk or vice versa. Considering that the prevalence of DED increases with age (3) and, conversely, corneal nerve density and sensitivity is decreased during aging (28), another avenue for future studies is to investigate the effect of aging on trafficking of immune cells and on neuro-immune interactions in the cornea.

Considering that the cornea is an avascular tissue, systemic administration of large molecules, such as antibodies, does not allow labeling of the corneal structures (87–89). Similarly, subconjunctival injection of antibodies generally does not lead to proper labeling of all corneal structures, such as the epithelium (90), in which a subset of immune cells reside. Moreover, intact corneal epithelium, as the most anterior layer of the cornea, does not allow for penetration of large molecules (90–92). Thus, to assess cDCs and nerves, in this study, we took benefit of transgenic mice with fluorescently labeled cDCs and nerves. However, this approach harbors several shortcomings. One of the limitations is that not all ocular surface nerves express Thy1 and hence YFP; thereby, we may have underestimated the number of cDCs in contact with nerves and falsely classified them to the non-contact group, which may have decreased the power of our comparisons. While this may indeed be the case, our results demonstrate significant differences in morphology and kinetics between cells in contact and not in contact with nerves. Furthermore, we determined the contact between corneal nerves and cDCs based on fluorescence signal detected by IV-MPM using Imaris, which enabled us to assess the spatial relation of each cell with surrounding nerves in 3D. Nevertheless, fluorescence signal may not reflect true contact. Therefore, future studies, utilizing alternative methodologies, such as transmission electron microscopy or in vitro co-cultures, are needed to confirm our findings. Another potential limitation of our study is the complicated process of preparing the mice for imaging, including application of local anesthetic drops, lubricant, and suture placement around the eye, all of which may potentially affect corneal nerve function and immune cell behavior. However, in this study, our control naïve mice also underwent a similar procedure for imaging, which limits potential inaccuracy of our findings. The presence of Thy1-YFP+ myeloid-derived cells, capable of secreting NGF following inflammation within the cornea, has previously been reported (93, 94). To address possible limitation of inclusion of these cells among the YFP+ cells in our CD11cYFP × Thy1YFP double-transgenic mice, we performed flow cytometric analysis on YFP+ cells and found that the majority of them align with a cDC phenotype. Therefore, the inclusion of Thy1-YFP+ cells in our analyses is likely negligible. Furthermore, in our transgenic CD11cYFP × Thy1YFP mice, both cDCs and nerves are labeled with a similar fluorescent protein. Although we could differentiate the YFP+ cDCs from YFP+ neuronal axons in the limbus and the cornea based on their morphology and presence/lack of movement, the application of transgenic mice with differential labeling of cDCs and nerves or alternative approaches to co-label cDCs or corneal nerves would be necessary to further elucidate fine alterations in the morphology of cDCs and nerves and studying potential membrane exchange between these structures in future studies. Nevertheless, we hope that the current study will stimulate further studies in this area.

Further studies are warranted to assess if removal from a desiccating stress environment after development of DED can lead to restoration of morphological and kinetic alterations of cDCs to the naïve setting, and if this is the case, how long is needed for such a recovery. Moreover, additional studies into the mechanisms of neuro-immune interactions at the ocular surface in disease and naïve states are warranted to categorically demonstrate the immunomodulatory role of ocular surface nerves as indicated by the novel intravital kinetic data presented herein. In summary, in this study, using IV-MPM, we illustrated that cDCs undergo morphological alterations and display increased migratory characteristics during DED that is, in part, ameliorated by corneal nerves. Taken together, we present in vivo evidence indicating that sensory nerves of the ocular surface may play an important role in modulating ocular surface immune cells in health and disease.
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FIGURE S1 |
Flow cytometric characterization of YFP+ cells in CD11cYFP × Thy1YFP mice. (A–C) Sequential gating strategy to select live single YFP+ cells among bone marrow cell suspension of a naïve CD11cYFP × Thy1YFP mouse. (A) Gating out dead cells and debris and (B) doublets, and (C) gating on YFP+ cells. (D) Fluorescent minus one histograms for CD45, CD11b, CX3CR1, CD11b, PDCA-1, and CD68 on YFP+ cells. The experiment was repeated 3 times.

FIGURE S2 |
Regional differences in the morphology and kinetics of conventional dendritic cells (cDCs) in the limbus, peripheral, and central cornea. (A–C) Morphologic characteristics including 3D cell surface area (A), 3D cell volume (B), and sphericity (C) of YFP+ cDCs in naïve and DED conditions. (D–G) Kinetic characteristics including track length (D), displacement length (E), 3D instantaneous velocity (F), and mean track speed (G) of YFP+ cDCs in transgenic CD11cYFP × Thy1YFP mice in naïve and DED conditions. Data is pooled from at least 3 mice/group. Results are presented as mean ± SEM, ANOVA with Tukey post hoc, ∗p < 0.05, ∗∗p < 0.01, and ∗∗∗p < 0.001.

FIGURE S3 |
Conventional dendritic cells in the cornea reside with or without contact with nerves. Representative confocal micrograph of corneal/limbal whole-mount of a naïve wild-type mouse stained with Thy1, CD11c, F4/80, and DAPI showing CD11c+ F4/80neg conventional dendritic cells can be found in contact (white arrows) or without contact (red arrows) with Thy1+ nerves. The experiment was repeated 3 times. Scale bar: 50 μm.

FIGURE S4 |
Morphologic differentiation of conventional dendritic cells and nerves in the cornea of transgenic CD11cYFP × Thy1YFP mice. Representative confocal micrograph of freshly excised corneal/limbal sample from a naïve CD11cYFP × Thy1YFP mouse mounted with DAPI. conventional dendritic cells (cDCs) exhibit a distinct morphology compared with nerves. (A) Representative maximum intensity projection of whole-mounted tissue, depicting cDCs in contact with nerves (white arrows). (B) Respective section on the level of nucleus shows presence of nucleus in the YFP+ cDCs (white arrows). (C) Representative maximum intensity projection of whole-mounted tissue, illustrating cDCs without contact with nerves (red arrow). (D) Respective section on the level of nucleus shows presence of nucleus in the YFP+ cDC (red arrow). The experiment was repeated 3 times. Scale bars: 50 μm.

FIGURE S5 |
Frequency of conventional dendritic cells in contact with nerves in the limbus and cornea of transgenic CD11cYFP × Thy1YFP mice. Quantification of relative frequency of YFP+ conventional dendritic cells in contact with nerves in the limbus, peripheral, and central cornea in naïve mice and following exposure to desiccating stress (n = 3–5/group). Results are presented as mean ± SEM, t-test, ∗p < 0.05, ∗∗∗p < 0.001.

VIDEO S1 |
Kinetics of conventional dendritic cells in the limbus of a naïve mouse. Representative intravital multi-photon microscopy movie of the limbus of a CD11cYFP × Thy1YFP transgenic mouse in naïve setting. As shown, conventional dendritic cells exhibited subtle locomotion over short tracks. Yellow: YFP, yellow fluorescent protein; Blue: SHG, second harmonic generation delineating collagen. White arrows points to cells with apparent movement. Scale bar: 50 μm.

VIDEO S2 |
Kinetics of conventional dendritic cells in the limbus of a mouse with dry eye disease. Representative intravital multi-photon microscopy movie of the limbus of a CD11cYFP × Thy1YFP transgenic mouse under exposure to desiccating stress. As shown, conventional dendritic cells displaced over longer tracks with a higher mean speed. Yellow: YFP, yellow fluorescent protein; Blue: SHG, second harmonic generation delineating collagen. White arrows points to cells with apparent movement. Scale bar: 50 μm.

VIDEO S3 |
Kinetics of conventional dendritic cells in the central cornea of a naïve mouse. Representative intravital multi-photon microscopy movie of the central cornea of a CD11cYFP × Thy1YFP transgenic mouse in naïve setting. As shown, conventional dendritic cells exhibited subtle locomotion over short tracks. Yellow; YFP, yellow fluorescent protein; Blue: SHG, second harmonic generation delineating collagen. Scale bar: 50 μm.

VIDEO S4 |
Kinetics of conventional dendritic cells in the central cornea of a mouse with dry eye disease. Representative intravital multi-photon microscopy movie of the central cornea of a CD11cYFP × Thy1YFP transgenic mouse under exposure to desiccating stress. As shown, conventional dendritic cells displaced over longer tracks with a higher mean speed. Yellow: YFP, yellow fluorescent protein; Blue: SHG, second harmonic generation delineating collagen. White arrows points to cells with apparent movement. Scale bar: 50 μm.

VIDEO S5 |
Confocal micrograph of conventional dendritic cells in contact with nerves. Representative 3D reconstructed video of confocal micrograph of a CD11cYFP × Thy1YFP transgenic mouse, indicating conventional dendritic cells (cDCs), containing nucleus, in contact with nerve. cDCs and nerves express YFP and are hence illustrated in yellow. Note the dendrite of the cDCs in contact with corneal nerves. Yellow: YFP, yellow fluorescent protein; Blue: DAPI, indicating nucleus. Scale bar: 50–60 μm.

VIDEO S6 |
Confocal micrograph of conventional dendritic cells without nerve contact. Representative 3D reconstructed video of confocal micrograph of a CD11cYFP × Thy1YFP transgenic mouse, indicating a conventional dendritic cell (cDC), containing nucleus, without nerve contact. cDCs and nerves express YFP and are hence illustrated in yellow. Note that the cDC is not in contact with corneal nerves. Yellow: YFP, yellow fluorescent protein; Blue: DAPI, indicating nucleus. Scale bar: 50 μm.

VIDEO S7 |
Intravital multiphoton microscopy ofconventional dendritic cells in contact with nerves. Representative intravital multi-photon microscopy image of a CD11cYFP × Thy1YFP transgenic mouse, indicating conventional dendritic cells (cDCs) in contact with nerve. cDCs and nerves express YFP and are hence illustrated in yellow. Note the dendrite of the cDC in contact with corneal nerves. Yellow; YFP, yellow fluorescent protein; Blue: SHG, second harmonic generation delineating collagen. Scale bar: 20 μm.

VIDEO S8 |
Intravital multiphoton microscopy of conventional dendritic cells without nerve contact. Representative intravital multi-photon microscopy image of a CD11cYFP × Thy1YFP transgenic mouse, indicating conventional dendritic cells (cDCs) without nerve contact. CDcs and nerves express YFP and are hence illustrated in yellow. Note that the cDC highlighted by the arrow is not in contact with corneal nerves. Yellow: YFP, yellow fluorescent protein; Blue: SHG, second harmonic generation delineating collagen. Scale bar: 20 μm.
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The lacrimal gland (LG) is the main source of the tear film aqueous layer and its dysfunction results in dry eye disease (DED), a chronic immune-mediated disorder of the ocular surface. The desiccating stress (DS) murine model that mimics human DED, results in LG dysfunction, immune cell infiltration, and consequently insufficient tear production. To date, the immune cell kinetics in DED are poorly understood. The purpose of this study was to develop a murine model of intravital multi-photon microscopy (IV-MPM) for the LG, and to investigate the migratory kinetics and 3D morphological properties of conventional dendritic cells (cDCs), the professional antigen presenting cells of the ocular surface, in DED. Mice were placed in a controlled environmental chamber with low humidity and increased airflow rate for 2 and 4 weeks to induce DED, while control naïve transgenic mice were housed under standard conditions. DED mice had significantly decreased tear secretion and increased fluorescein staining (p < 0.01) compared to naïve controls. Histological analysis of the LG exhibited infiltrating mononuclear and polymorphonuclear cells (p < 0.05), as well as increased LG swelling (p < 0.001) in DED mice compared to controls. Immunofluorescence staining revealed increased density of cDCs in DED mice (p < 0.001). IV-MPM of the LG demonstrated increased density of cDCs in the LGs of DED mice, compared with controls (p < 0.001). cDCs were more spherical in DED at both time points compared to controls (p < 0.001); however, differences in surface area were found at 2 weeks in DED compared with naïve controls (p < 0.001). Similarly, 3D cell volume was significantly lower at 2 weeks in DED vs. the naïve controls (p < 0.001). 3D instantaneous velocity and mean track speed were significantly higher in DED compared to naïve mice (p < 0.001). Finally, the meandering index, an index for directionality, was significant increased at 4 weeks after DED compared with controls and 2 weeks of DED (p < 0.001). Our IV-MPM study sheds light into the 3D morphological alterations and cDC kinetics in the LG during DED. While in naïve LGs, cDCs exhibit a more dendritic morphology and are less motile, they became more spherical with enhanced motility during DED. This study shows that IV-MPM represents a robust tool to study immune cell trafficking and kinetics in the LG, which might elucidate cellular alterations in immunological diseases, such as DED.

Keywords: conventional dendritic cell, lacrimal gland, dry eye disease (DED), intravital multiphoton microscopy, kinetics


INTRODUCTION

Dry eye disease (DED) is a significant public health concern affecting ~16 million adults in the United States alone (1, 2). DED is defined as “a multifactorial disease of the ocular surface characterized by a loss of homeostasis of the tear film, and accompanied by ocular symptoms, in which tear instability and hyperosmolarity, ocular surface inflammation and damage, and neurosensory abnormalities play an etiological role” (3). The lacrimal gland is the main source of the aqueous layer of the tear film, which is crucial to protect the cornea and conjunctiva from desiccation, infection and inflammation, thus preserving corneal transparency (4, 5).

Tear secretion is finely regulated by the lacrimal functional unit (LFU). The LFU is defined as the conjunction of lacrimal glands (main and accessory), the ocular surface and the communicating innervation (6). Importantly, this innervation is responsible for the maintenance of the tear film through baseline and reflex tearing. Like any neural reflex, this can be broken into an afferent and efferent arm. The sensory nerves within the cornea represent the afferent arm, detecting changes in the tear film osmolarity or mechanical stimuli, necessitating lacrimation. These signals are relayed to the LG through the parasympathetic nerves via the efferent arm, resulting in lacrimation. Thus, the homeostasis of the ocular surface and tear film stability can be compromised if any component of the LFU is damaged or dysfunctional, predisposing development of DED (7). Desiccating stress (DS) induced by housing animals in a low humidity controlled environment leads to recruitment of immune cells and enlarged secretory vesicles in the LG, suggesting that increased DS at the ocular surface may induce inflammation within the LG (8). Recently, a study showed that DED induced by DS affects sensory nerve density, morphology and function within the cornea (9). This study revealed that DED reduces the sensitivity of corneal nerves, suggesting that the afferent arm of the LFU may become dysfunctional. Furthermore, previous studies have shown that inflammation and neuropathic pain are common sequelae following spinal cord injury (10). Conversely, intact nerves can control inflammation within peripheral tissues by signaling to immune cells, preventing excessive damage to host tissues (11). Thus, there is a precedent for the notion that nerve dysfunction or loss of homeostatic signaling could lead to inflammation. We therefore hypothesize that compromised corneal sensory nerves on the ocular surface (afferent pathways of the LFU) may, in addition to decreased tear secretion, directly lead to LG inflammation.

Conventional dendritic cells (cDCs) are professional antigen presenting cells (APCs), responsible for the sensing of foreign antigens. cDCs are able to engulf, process, and present antigens from peripheral tissues to T cells within the draining lymph nodes. As such, cDCs link the innate and adaptive immune responses, and are critically involved in the initiation of immune responses (12). This holds true in the case of immune-mediated diseases as well, since cDCs have been shown to play a central role in the pathogenesis of DED (13). Contrary to long-held notions of corneal immune privilege, the cornea is not devoid of immune cells, and resident populations of cDCs have been identified in both the cornea (14, 15) and LG (16). DS has been shown to result in increased density of corneal cDCs (17) and decreased density of corneal nerve fibers (9). More recently, our group and others have shown that there is an inverse correlation between cDC and nerve density in the cornea (18–20). Moreover, our group has shown that greater corneal cDC motility was found during thermal cautery-induced acute corneal inflammation (21). However, the impact of DS-induced DED on cDC motility and kinetic properties in the LG, has not been investigated to date.

Intravital multiphoton microscopy (IV-MPM) enables studying the kinetics and 3-dimentional (3D) morphology of immune cells and cell-to-cell interaction in vivo over time (22, 23). By providing second harmonic generation, it also allows collagen delineation in the tissue (24). Thus, it has been widely used to study immune cells behaviors within solid tissues, including lymph nodes (25–27), bone marrow (28), cornea (21), skin (29), and the gastrointestinal tract (30). However, to date, IV-MPM has not been used to examine immune cell populations in the LG. Therefore, the purpose of this study was to first develop a novel IV-MPM model with proper regulation of temperature and tissue stability to study immune cell kinetics of the lacrimal glands, second to assess the 3D morphology of cDCs, and third to study cell kinetics of cDCs during DED.



MATERIALS AND METHODS


Mice

Thy1-YFP mice (B6.Cg-Tg [Thy1-YFP]16Jrs/J) were obtained from the Jackson Laboratory (Bar Harbor, ME) as heterozygous and bred to homozygous with repeated matings between male and female mice with high copies of the transgenes for YFP for Thy1-YFP. This was required in order to obtain mice with higher fluorescence for IV-MPM. CD11c-EYFP mice were a generous gift from Dr. Michel C. Nussenzweig from Rockefeller University (27). Thy-1 x CD11c-EYFP mice were generated by crossing homozygous Thy1-YFP with homozygous CD11c-EYFP repeatedly until the both the nerves and DCs were co-localized with YFP in the cornea. Primer sets used for qPCR for genotyping: Thy1-YFP forward 5′- GCCCTGGCCCACCCTCGTGACCACCTTCG-3′ and reverse 5′- CCTGATGCCGTTCTTCTGCTTGTCGGGCA-3′, and CD11c-EYFP forward 5′- TGCTGGTTGTTGTGCTGTCTCATC-3′ and reverse 5′- GGG GGT GTT CTG CTG GTA GTG GTC-3′.

Thy1YFP mice express YFP under the control of regulatory elements of the Thy1 gene, and thus label neuronal populations, primarily sensory and motor neurons. The CD11cYFP mice carry EYFP transgene under the control of the CD11c promoter (27). Thus, our CD11cYFP×Thy1YFP mice allow visualization of both CD11c+ cDCs and Thy1+ neurons in the same animals. C57BL/6N wild-type (WT) female mice were obtained from Charles River Laboratories, Inc. (Wilmington, MA). Because female gender is a risk factor of DED and female C57BL/6N mice develop greater corneal barrier disruption than age-matched males (31), in this study only 6- to 8-week old female mice were used in all experiments. Mice were housed at Tufts Department of Lab Animal Medicine and were treated in accordance with the Association of Research and Vision in Ophthalmology (ARVO) statement for the Use of Animals in Ophthalmology and Vision Research. All experiments were performed after the review and approval from the Institutional Animal Care and Use Committee (IACUC number B2018-47) at Tufts University and Tufts Medical Center, Boston, MA.



Acute HSV-1 Keratitis

The herpes simplex virus (HSV)-1 McKrae strain (kindly provided by Dr. Homayon Ghiasi, Cedars-Sinai Medical Center, Los Angeles, CA), a stromal disease-causing, neurovirulent HSV-1 strain was used for corneal inoculation. HSV-1 was propagated in Vero cell cultures (American Type Culture Collection, Manassas, VA). Briefly, Vero cells were grown to confluence in T150 cm3 culture flasks and infected with 2 × 106 plaque forming unit (PFU) of virus stock in 1.5 mL and tilted every 10 min for 1 h. Then, growth media (DMEM plus 5% FBS, both Corning Inc., Corning, NY) was added, and cells cultured for 3 days at 37°C. Afterwards, the maximum viral cytopathic effect was expected, and the infected cells were extracted after 2–3 cycles of cell lysis by using the GentleMACS dissociator (Miltenyi Biotec Inc, San Diego, CA). Then, the lysate was clarified by centrifuging for 10 min at 3,500 rpm at 4°C, followed by a spin down at 17,000 rpm for 30 min at 4°C. The virus pellet was re-suspended, aliquoted and stored at −80°C. Virus titers were determined by standard plaque assay after the infection of Vero cells as previously described (32).

Mice were anesthetized with a mixture of ketamine (120 mg/kg) and xylazine (20 mg/kg) and injected intraperitoneally. A drop of proparacaine hydrochloride (Akorn, Lake forest, IL) was applied for local anesthesia to the eyes before scarifying the cornea. One cornea (previously anesthetized with one drop of 0.5% proparacaine) per mouse was scarified in a 5 × 5 grid-like pattern along the cornea with a 30-gauge needle. Afterward, 3–5 μL of the virus suspension containing 1 × 105 PFU was applied to the scarified corneas. Following this, the eyelids were closed and opened carefully several times to facilitate the absorption and distribution of the virus. A single dose of sustained release (SR) buprenorphine (1 mg/kg body weight) was injected as an analgesic after infection.



Murine Dry Eye Disease Model

Environmental DS-induced DED was applied as previously described (33). In brief, mice were placed in a controlled environmental chamber at temperature of 21–23°C and humidity of 15% (Percival Scientific, Perry, Iowa). Airflow of 15 L/min using INTELLIS Ultra Control System and desiccant drier 50 cfm was applied. The chamber is sealed avoiding the direct exchange of air between the outside and the inside and is connected to a desiccant, which introduces air with low humidity inside the chamber. Inside the chamber, three sensors are located in order to monitor the humidity, airflow and temperature. Sensors are connected to a router in order to automatically monitor the parameters. In order to maximize exposure, mice were housed in custom-designed perforated cages (Ancare Corp. Bellmore, NY). The cages were built with vents at each side to maximize the airflow through them in order to achieve greater DS at the ocular surface. DED mice were kept under DS for 2 weeks (2 w) or 4 weeks (4 w) and then underwent subsequent experiments. Naïve control animals were housed in a normal laboratory environment with a humidity of 50–60% and a temperature of 21–23°C.



Clinical Scoring and Tear Production

For clinical measurements, mice were anesthetized as above and 1 drop of fluorescein (Akorn Inc., Lake Forest, IL) was added to the ocular surface. Corneal fluorescein staining (CFS) scores were assessed using the National Eye Institute (NEI) scale (0–15), as previously described (34). The CFS was graded in 5 corneal regions, each ranging from 0 to 3 and the sum of the scores of all regions (range 0–15; n = 4/group) was measured and used for analysis. Tear secretion was measured on another set of mice using phenol red thread test (Hilco Vision Headquarters, Plainville, MA) (35, 36). The tip of the thread was placed inside the temporal eye canthus for 30 s. The wetted length was then measured to quantify the tear secretion rate.



Histopathological Evaluation of Lacrimal Gland Infiltration

The lacrimal gland was removed and immersed for cryo-protection in sucrose 30% overnight and frozen in OCT until sectioning. Cryo-sections of 20 μm were performed, air dried up to 15 min to remove moisture and stained with 0.1% hematoxylin (Sigma; MHS-16) for 10 min in a 50 ml conical tube. Slides were rinsed in cool running distilled water for 5 min in a coupling jar. Afterwards, slides were stained with 0.5% eosin in ethanol) and dipped in distilled water. Slides were subsequently dipped alternating in 50% ethanol and 70% ethanol 10 times followed by 95% ethanol for 30 sec. Finally, slides were submerged in 100% ethanol for 1 min and washed in 100% xylene several times before imaging by microscopy. At least 10 sections per LG were evaluated morphologically by light microscopy in a masked fashion and the total number polymorphonuclear cells (PMNs) and mononuclear cells counted per section using Image J. Cells were quantified and reported as cells per millimeter square (cells/mm2). Five representative image per animal and 3 animals per each group were used for comparison purposes (Figure S1).



Quantification of Lacrimal Gland Edema

To quantify LG edema, the areas between acinar cells were quantified used the software ImageJ (NIH, Bethesda, MD). The images were converted to 8-bit images. The software scanned the 8-bit image and searched for non-stained tissue. Red color was chosen to differentiate non-tissue areas. For each individual image the threshold was adjusted. In the menu, “Analyze” and then “Measure” was selected so that the area in red was quantified for each image. Percentage was determined by dividing the area quantified in red relative to the total area of the image. Three animals per group were used for comparison purposes.



Immunofluorescence Histochemistry

Sections were fixed for 10 min in cold methanol, washed for 5 min with PBS and incubated with blocking solution constituted of 3% BSA (Sigma Aldrich, St. Louis, MO) in PBS with 0.1% of Triton-X (Sigma Aldrich). The following primary antibodies were incubated over night at 4°C to evaluate cell density in the lacrimal gland: CD45 monoclonal antibody rat anti-mouse (1:100; clone 30-F11, eBioscience San Diego, CA) and CD11c monoclonal antibody Armenian hamster anti-mouse (1:100; clone N418, eBioscience). Three washes of 10 min each with PBS were performed, followed by the secondary antibody incubation for 1 h 30 min at room temperature: TRITC- Donkey Anti-Rat (1:500; 712-025-153) and FITC-Goat Anti-Armenian Hamster (1:500; 127-095-160), respectively, both from Jackson ImmunoResearch Labs (West Grove, PA).



Lacrimal Gland Preparation and Intravital Multiphoton Microscopy

Animals were anesthetized by intraperitoneal injection of ketamine (100 mg/kg)/xylazine (20 mg/kg)/acepromazine (3 mg/kg) cocktail, which results in up to 75 min of deep anesthesia (21). Prior to the incision, hair between the eye and ear (~10 mm wide) was carefully removed using Nair hair removal lotion (Naircare, Princeton, NJ), followed by a single dose injection of 30 μl local analgesic (0.75% Bupivacaine HCl). A ~5 mm cutaneous incision was made 2 mm away from the eye and 3 mm away from the ear to expose the LG (Figures 1A–C). Careful removal of the soft tissues around the LG exposed the gland without damaging blood vessels. In order to stabilize the LG during imaging, a wooden spatula was placed underneath the gland. Afterwards, 5–10 μl of PBS were carefully injected into the LG capsule (the connective tissue that surrounds the lobes of the LG). This created a separation between the capsule and the lobes of the LG to enable removal of the capsule without damaging the underlying lobes.
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FIGURE 1. Intravital multiphoton microscopy setup. (A) Schematic presentation of the area between ear and eye, which was shaved, and an incision was made to expose main LG. (B) Schematic highlighting the en face view of the LG and the setup with a coverslip heated with circulating water allowing temperature regulation in the region as a closed chamber. (C) A representative image of the exposed main LG. (D) Schematic side view of all components of the chamber.


Mice were then placed onto a custom-designed stage for LG imaging (Figure 1). In order to prevent hypothermia during imaging, the body temperature was maintained between 35 and 37°C, using a disposable hand warmer (HotHands, HearMax, Dalton, GA). The depth of anesthesia was also examined every 50–60 min and an additional dose of anesthesia cocktail was given as necessary. IV-MPM was performed using an Ultima Multiphoton Microscope System (Bruker, Fitchburg, WI) equipped with 2 MaiTai Ti/Sapphire DeepSee lasers (Newport Spectra-Physics, Irvine, CA) as previously described (21) with scanning time between 30 and 75 min and 3 μm optical section slices. Briefly, the simultaneous coaxial illumination was between 800 and 880 nm wavelengths to achieve 2-photon excitation and second harmonic generation. The laser power was set at 95, and the photomultiplier tube gain (PMTs) was set at 650 for all channels. Using a 20x-1.0 NA (Olympus XLUMPLFLN, Tokyo, Japan) water immersion objective, scans of the LG were taken every 30–60 sec during the scanning period with 512 × 512 resolution and 2-fold line averaging. Genteal ophthalmic lubricant gel (Alcon, Fort Worth, TX) was applied onto the LG and the incision to prevent desiccation during IV-MPM. High vacuum grease (Dow Corning, Midland, MI) was applied onto the bare skin surrounding the incision and additional Genteal gel was added to the area. A thin circular coverslip with tubing, for the circulation of heated water, was placed onto the exposed area in order to maintain the heat dissipation and vacuum effect as a sealed chamber during imaging. The temperature regulation during IV-MPM was conducted using a Diba polytetrafluoroethylene fitting unicon connector (Cole Palmer, Vernon Hills, IL) and polyethelene tubing, which was connected to the ring of tubing placed around the coverslip. Heated water was circulated within the tubing using a Masterflex L/S peristaltic pump (Cole Parmer, Vernon Hills, IL) with a flow rate of 30 ml/min (Figure 1B). The LG temperature (~36–37°C) was monitored throughout the IV-MPM imaging by placing a dual input digital thermometer (Omega Engineering, Stamford, CT) on the gland but 1 mm away from the imaging area in the seal chamber (Figure 1D).



Image Analysis

In order to examine the cDC kinetics and morphology, a 4D movie was generated by importing the image stacks to the Imaris software (Bitplane, Zurich, Switzerland) as previously described (21). The motility of the transgenic fluorescent-labeled cDCs was then tracked semi-automatically in xyz positions using the 3D rendering and cell tracking function over time. 3D instantaneous velocity (cell velocity between 2 consecutive frames; μm/min), mean track speed (average velocity of a cell over time during imaging, μm/min), track length (total tracking distance of a cell, μm), displacement length (the distance of a cell traveled from start to the end of the imaging; μm) and meandering index (displacement length/track length) were calculated as previously described (21, 37). To assess 3D cell morphology, 3D surface area (μm2), 3D cell volume (μm3) and 3D sphericity (score 0–1, where 1 indicates a perfect sphere) were determined by creating a surface object for each YFP cell using the surface tool within the Imaris software.



Flow Cytometry

Lacrimal glands were harvested, chopped and subjected to digestion for up to 30 min at 37°C in 5 mg/ml dispase (Sigma-Aldrich, St. Louis, MO), 2 mg/ml collagenase D (Roche, Indianapolis, IN) and 2 mg/ml DNAse I (MilliporeSigma, Burlington, MA) in HBSS (Thermo Fisher Scientific, Waltham, MA). The digested tissues were strained using a 70 μm nylon mesh to yield single cell suspension and the digestion was inactivated by adding RPMI supplemented with 10% FBS (Corning Inc.). After centrifugation, red blood cells were lysed using ACK (Ammonium-Chloride-Potassium) Lysing Buffer (MilliporeSigma) followed by centrifugation, and washed and resuspended in FACS buffer (Thermo Fisher Scientific).

Single cell suspensions were incubated in FACS buffer with 1% Fc receptor block (CD16/32, BioXCell, West Lebanon, NH) for 15 min to prevent non-specific binding. Samples were then stained with Live/Dead UV Blue (Thermo Fisher Scientific), and combinations of CD45 (FITC-conjugated), CD11c (BV421-conjugated), CD11b (Alexa flour F647-conjugated) or their respective isotype controls (all Biolegend, San Diego, CA) for samples from WT mice or combinations of CD45 (Pacific Blue-conjugated), CD11c (APCCy7-conjugated), CD11b (PercpCy5.5-conjugated), DCIR2 (Alexa flour-647-conjugated), Ly6G (PercpCy5.5-conjugated), NK1.1 (PECy7-conjugated), MHC class II (PerCP/Cy5.5-conjugated, clone M5/114.15.2), CD40 (PE-conjugated clone 1C10), and CD86 (PerCP/Cy5.5-conjugated clone GL-1) and their respective isotype controls (all Biolegend) for samples from CD11cYFPxThyYFP mice for 45 min. Samples were then washed and analyzed via the BD LSR II Analyzer (BD Bioscience, San Jose, CA). Isotype controls and fluorescence minus one control were used for setting the appropriate gates in the analysis. The lists of antibodies are presented in Table S1. The sequential gating strategy for all samples, including gating on presumable immune cell population, live cells, single cells, and CD45+ or CD45+YFP+ cells, are presented in Figures S2–S4.



T Cell Proliferation Assays

Splenocytes were collected from naïve WT (C57BL/6N) animals and sorted for naïve CD4+ T cells, identified as live CD45+CD3+CD4+CD44loCD62Lhi cells (Table S1). cDCs were sorted from LGs of sham- and HSV-infected animals as live CD45+CD11c+ cells. After sorting, naïve CD4+ T cells were labeled with Violet Tracer following the manufacturer's protocol (CellTrace Violet Proliferation Kit, Invitrogen, Carlsbad, CA). The cDCs (5,000 cells) were cultured with naïve CD4+ T cells (50,000 cells) at a ratio of 1:10 in RPMI medium supplemented with 10% FBS, and cultured in 96-well round bottom plates (Corning) at 37°C. After 72 h of culture, the CD4+ T cells were analyzed by flow cytometry to monitor for T cell proliferation as indicated by the Violet Tracer. The tracer diffuses into cells and binds to intracellular amines, resulting in stable fluorescent staining. The co-culture with cDCs from sham-infected mice were used as unstimulated controls. On flow cytometry histograms, discrete peaks represent generation of live cells. Presented numbers on the histograms and graphs, indicate the percentage of cells undergoing at least one cycle of proliferation.



Statistical Analysis

Statistical analyses were performed using GraphPad Prism version 8 (GraphPad Software, La Jolla, CA). Results are presented as mean and SEM. One-way ANOVA was carried out to examine the differences in the studied variables between groups with post-hoc comparisons using Bonferroni correction tests. Significance was set at P < 0.05. The Spearman rank correlation coefficient was used for correlation purposes.




RESULTS


Corneal Nerve Damage Affects Dendritic Cell Function in The Lacrimal Gland

Considering the key role of the sensory nerves as the afferent pathway of the LFU in regulating tear production, we aimed to investigate if corneal nerve damage may affect the density and function of immune cells in the LG, in particular cDCs, which serve as the professional APCs of the ocular surface (Figure 2). In order to induce corneal nerve damage we employed the clinically relevant murine model of HSV-1 keratitis, which causes severe corneal nerve damage (38). Currently, it is well-known that corneal sensory nerves affect tear production in the LG, however, it is not clear if they can affect other aspects of LG homeostasis, including immunologic state of the LG.
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FIGURE 2. Lacrimal gland immune cell Infiltration after HSV-1 infection. (A) After 3- and 7- days post corneal HSV-1 infection mononuclear cells (yellow arrowhead), PMNs and duct hyperplasia (red arrowhead) is observed. (B) Corneal HSV-1 infection induces an increase of CD45+ cells and increased density in CD11c+ cells in the LG. (C) Quantification of mononuclear and PMNs cells in naïve and after 3- and 7- days post HSV-1 infection. (D) Quantification of CD45+ and CD11c+ cells at 3- and 7-days post- HSV-1 infection. (E) LG isolated CD45+CD11c+ cDCs from HSV-infected animals induce naïve T cell proliferation. Histograms are representative of T cell proliferation. (F) Quantification of the proliferation assay presented in (E), shows the percentage of proliferating T cells. T-test indicates significant differences on day 3 and 7 after HSV-1 infection compared to sham-infections (*p < 0.05, **p < 0.01, ***p < 0.001).


Histological analyses (Figure 2A) showed a profound increase in mononuclear cells and modest increase in PMNs (Figure 2C). While mononuclear cell density in naïve mice exhibited 139.6 ± 25.59 cells/mm2, they increased after day 3 (1,145.3 ± 400.3 cells/mm2, p = 0.008) and day 7 post-infection (1,377.2 ± 302.1 cells/mm2, p = 0.003). PMN density in naïve mice was 4.4 ± 2.9 cells/mm2, and significantly increased after 3 days (30.7 ± 3.8 cells/mm2) and 7 days (32.0 ± 5.9 cells/mm2; p < 0.001 for both; Figure 2A) post HSV-1 infection. H&E staining indicated increased LG edema. While naïve mice displayed 5.5 ± 2.4% area between acini, edema significantly increased after day 3 (29.7 ± 3.7%) and day 7 (34.2 ± 4.3%, p < 0.01 for both; Figure S1A, red area and Figure S1B) post HSV infection. Further, signs of duct hyperplasia and fibrosis were observed (Figures 2A, S1A red arrowhead and delineated by a green dashed area, respectively). Using immunofluorescence histochemistry we observed that compared to naïve mice (179.3 ± 66.6 cells/mm2), CD45+ cell density significantly increased after 3 and 7 days of HSV-1 infection to 956.5 ± 525.6 cells/mm2 (p = 0.003) and 1,517.5 ± 153.5 cells/mm2 (p < 0.001; Figures 2B,D), respectively. In line with the results of the CD45+ cell density, CD11c+ cell density also increased; while naïve mice exhibited 149.6 ± 13.6 cells/mm2 after 3d and 7d of HSV infection, the density was 343.3 ± 190.3 cells/mm2 (p = 0.88) and 451.7 ± 165.4 cells/mm2 (p = 0.04), respectively (Figures 2B,D).

Thus, we next aimed to assess if damage to the ocular surface sensory nerves may affect functionality of cDCs within the LG. After 3- and 7-days post-infection (dpi), we sorted cDCs from the LGs and co-cultured them with naïve CD4+ T cells in order to evaluate if cDCs could induce T cell proliferation. We found that while cDCs sorted from sham-infected mice could induce minimal T cell proliferation (Figure 2E), cDCs from HSV-1 infected mice induced considerable T cell proliferation as ~62.7 and 71.9% of T cells co-cultured with cDCs sorted from HSV-1 infected mice on 3 and 7 dpi underwent at least one cycle of proliferation (Figures 2E,F).



Lacrimal Gland Conventional Dendritic Cells Are Increased During Dry Eye Disease

Having established the potential importance of corneal innervation in LG immune homeostasis and functionality of cDCs in this tissue, we next examined if DS, which generally causes milder corneal sensory nerve damage (9) than HSV keratitis, but is more prevalent clinically, has an impact on the density of cDCs in the LG after DS. Greater CFS score (Figure 3A) and lower tear secretion were observed in CD11cYFP×ThyYFP mice exposed to DS compared to naïve controls. The CFS score was 12.0 ± 3.5 at 2 w and 13.0 ± 4.5 at 4 w, compared to naïve mice (1.0 ± 1.5; p ≤ 0.001; Figures 3A,B). Tear secretion in naïve mice was 9.0 ± 4.5 mm, whereas it was reduced to 3.0 ± 2.5 mm at 2 w and remained unchanged (3.0 ± 2.0 mm) at 4 w of exposure to DS (p ≤ 0.004; Figure 3C). Thus, consistent with previous reports, our DS chamber induces decreased tear volume and increased CFS, two hallmarks of DED, as early as 2 weeks.
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FIGURE 3. Clinical changes and alterations in conventional dendritic cell density of the lacrimal gland in dry eye disease. (A) Representative images of fluorescein staining. (B) Quantification of CFS (n = 4/group). (C) Quantification of the tear secretion using phenol-red thread test (n = 4/group). p-values were calculated using one-way ANOVA followed by the Bonferroni multiple comparison test **p < 0.01, ***p < 0.001. (D) Percentages of CD45+CD11c+ cells in the LG naïve state as well as after 2 and 4 w exposure to DS in C57BL/6N animals. (E) Percentage of CD45+YFP+ cells in the LG of CD11cYFP×Thy1YFP transgenic mice in naïve state and after 4 w exposure to DS. (F) LG histopathology of naïve and after 4 w of DED (yellow arrowhead indicates infiltrating mononuclear cells, red arrowhead indicated LG ducts). (G) Immunofluorescence of CD11c+ and CD45+ cells within the LG in naïve and 4 w of DED. (H) Quantification of mononuclear cells and PMNs in naïve and 4 w of DED. (I) Quantification of the cell density presented in (G) as cells/mm2 (*p < 0.05, ***p < 0.001).


We next performed flow cytometric analysis on the LGs of naïve and DED C57BL/6N mice. As shown in Figure S2, forward and side scatter, as well as viability dye were used to gate on presumed population of immune cells (~2% of total single cells suspension) by the exclusion of debris (Figure S2A), dead cells (Figure S2B), and doublets (Figure S2C). We next gated on CD45+ and CD11c+ (Figure 3D) to analyze all cDCs in the LG. As depicted in Figure 3D, the density of CD45+CD11c+ cDCs after 2 and 4 w of DS was higher than the population in naïve mice. Next, we assessed if YFP+ cells in our transgenic CD11cYFPxThyYFP mice showed a similar pattern after DS in the LG. Following sequential gating on presumed population of immune cells by excluding debris (Figure S3A), dead cells (Figure S3B), and doublets (Figure S3C), we observed that 16.1% CD45+YFP+ cells were found in the naïve LG, while at 4 w of DS this population was increased to 29.0% (Figure 3E and Figure S3). This population was also positive for CD11c, CD11b, DCIR2, and negative for Ly6G and NK1.1 (Figure S4), confirming their cDC phenotype. Importantly, CD45+CD11c+ cDCs, after 4 w of DED, exhibited a 1.42-fold increase of the co-stimulatory marker CD40 (p < 0.05; Figure S5). In contrast, no significant changes were observed for MHC-II and CD86 on LG cDCs after DED.

Furthermore, histological analyses exhibited increased mononuclear cells after 4 w of DED (869.9 ± 277.2 cells/mm2, p = 0.063 Figures 3F,H yellow arrowhead) compared to naïve mice and PMNs were also increase after 4 w of DED (16.6 ± 5.9 p = 0.057). Edema after 4 w of DED increase to 23.1 ± 0.6% (p < 0.01; Figures S1A,B red area). Further, CD45+ cells increase after 4 w of DED compared to naïve mice (1,157.8 ± 70.2 vs. 179.3 ± 66.6 vs. cells/mm2; p < 0.001; Figures 3G,I). While CD11c after 4 w of DED compared to naïve mice was 594.4 ± 55.8 cells/mm2 vs. 149.6 ± 13.6 cells/mm2, respectively (p < 0.05, Figures 3G,I). H&E staining further indicated increased LG edema. While naïve mice displayed 5.5 ± 2.4% area between acini, edema significantly increased after 4 w of DED to 23.1 ± 0.6% (p < 0.01; Figures S1A,B red area). In addition, signs of fibrosis were observed (Figure S1A first row; green dashed area). Collectively, our findings show that DS-induced DED is accompanied by increased density of cDCs in the LG.



Intravital Multiphoton Microscopy of The Lacrimal Gland

Having shown that DED results in increased cDC density in the LG, we next aimed to study the morphological alterations and kinetic changes of LG cDCs by IV-MPM. Morphologic and kinetic alterations of naïve cDCs were compared with DED-induced inflammation of the LG.



Analysis of Morphologic Parameters

The analysis of cDC distribution in naïve CD11cYFP×ThyYFP mice demonstrated a range of cell sizes among cDCs. In vivo analysis of cDCs revealed uniform distribution of cDCs in the LG lobes in both naïve (Video S1) and after 2 w (Video S2) and 4 w (Video S3) of exposure to DS (Figure 4A). However, the cDC density in naïve mice was 379.2 ± 38.2 cells/mm2, while 2 and 4 w of DS was 712.5 ± 88.4 and 581.2 ± 26.5 cells/mm2, respectively (Figure 4B). The data show that DS induced a robust increase in DC density at 2 w, which became slightly less pronounced at 4 w, once the acute phase had subsided. These new results on CD11c density were correlated with our initial findings by immunofluorescence histochemistry that demonstrated a cDC density 149.6 ± 13.6 cells/mm2 in naïve mice and 594.4 ± 55.8 cells/mm2 after 4 w of DED (p < 0.01, for naïve r = 0.94; for DED r = 0.95). This increased number of cDCs after DS compared with naïve animals was previously corroborated by flow cytometry. To have a better understanding of the morphological changes of cDCs after DS we analyzed the cell surface area, volume and sphericity of cDCs at 2 and 4 w after DS. Interestingly, 3D surface area and 3D cell volume were decreased after 2 w of DS compared with steady state. cDCs after 2 w of DS had a 3D cell surface of 809.3 ± 60.4 μm2 compared with naïve mice showing a cDC surface area of 1,717.4 ± 79.4 μm2. In addition, the 3D cell volume was 2,929.3 ± 159.4 μm3 in naïve mice, and 1,274.0 ± 112.3 μm3 at 2 w post DS (one-way ANOVA with Bonferroni post-hoc test p < 0.001) (Figures 4C,D). In contrast, we found no difference in 3D cell surface area 1,717.4 ± 79.4 vs. 1,819.1 ± 121.8 μm2 (p = 0.77) and 3D cell volume 2,929.3 ± 159.4 vs. 3,340.0 ± 260.6 μm3 between naïve and 4 w of DED (p = 0.37; Figures 4C,D). However, the 3D sphericity of cDCs was increased at 2 w (0.694 ± 0.011) and 4 w (0.647 ± 0.012) after DS, compared with naïve mice (0.581 ± 0.007, p < 0.001 for both comparisons) (Figure 4E). The decreased size and volume, together with the increased sphericity suggest a more migratory phase of cDCs at 2 w during the active phase of inflammation. At 4 w, cell size and volume increase and cDCs show decreased sphericity, demonstrating a more sessile phase during persistent inflammation. Altogether, these results support that there is a shift in the dendritic state (soma and dendrites) characteristic of resting cDCs toward a more dynamic state (round shape with few to no dendrites).
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FIGURE 4. Morphological alterations in lacrimal gland conventional dendritic cells during dry eye disease. (A) Representative IV-MPM images of cDCs in the LG of CD11cYFP×Thy1YFP mice in naïve state (left panel), and at 2 w (middle panel) and 4 w (right panel) of exposure to DS. Note increased density and sphericity of cells after exposure to DS. Scale bar: 100 μm. (B) Density of cDCs in transgenic CD11cYFP×Thy1YFP mice. (C–E) 3D morphologic analyses, including (C) 3D surface area, (D) 3D cell volume, and (E) 3D sphericity. Results are presented as mean ± SEM. One-way ANOVA (upper right) and Bonferroni multiple comparison test. **p < 0.01, ***p < 0.001.




Kinetics and Motility Parameters of Conventional Dendritic Cells in The Lacrimal Gland

Having shown 3D morphological alterations in LG cDCs, we next aimed to analyze if kinetics of cDCs (including 3D instantaneous velocity, mean track speed, track length and displacement length) are altered in vivo, following exposure to DS using the transgenic CD11cYFP×ThyYFP mice. Importantly, previous work has shown that temperature is a critical parameter, since leukocyte function, including kinetics, can be modulated by temperature (23, 39, 40). Thus, in this work, we held the physiological temperature (37°C) during the entire imaging sequence. While we only observed sampling movements of cDCs with minimal displacement in naïve mice (Video S1), at 2 w (Video S2) and 4 w (Video S3) of DS, we observed a considerable alteration in cDC motility, showing more locomotion with longer tracks (Figure 5A; a sample track in each panel is represented in red). As depicted in Figure 5B, cDCs exposed to DS showed increased motility in all directions (x, y, and z).


[image: Figure 5]
FIGURE 5. Conventional dendritic cell motility in the lacrimal gland using IV-MPM during dry eye disease. (A) Representative en face time course images of cDCs in the LG of CD11cYFP×Thy1YFP mice in naïve mice (21), and mice exposed to DS for 2 w (middle) and 4 w (bottom) over a 30 min time period reveal differences of kinetic and morphological changes of cDCs. Scale bars, 25 μm. (B) Representative centered kinetic tracks of cDCs, shows displacement and directionality of the cells in naïve mice and after DS. During naïve state (left panel), the tracks were shorter with sampling movements and no directionality. After exposure to DS (2 w in middle panel, 4 w in right panel), cDCs become more motile with larger tracks with no preferential direction.


Further, after both 2 w (1.135 ± 0.015 μ/min) and 4 w (1.052 ± 0.011 μ/min) following DS, we showed increased 3D instantaneous velocity compared with cDCs from naïve animals (0.771 ± 0.007 μ/min, p < 0.001 for both comparisons; Figure 6A). The mean track speed of cDCs was also increased at 2 w (2.257 ± 0.069 μ/min) and 4 w (1.645 ± 0.049 μ/min) compared with naïve state (1.265 ± 0.044 μ/min, p < 0.001 for both comparisons; Figure 6B). Interestingly, mean track speed of cDCs at 2 w of exposure to DS was significantly higher compared with cDCs at 4 w of exposure to DS (p < 0.001; Figure 6B).
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FIGURE 6. Comparison of kinetic parameters of conventional dendritic cells in the lacrimal gland using IV-MPM during dry eye disease. Analyses of the kinetics of cDCs, including (A) 3D instantaneous velocity, (B) track speed mean, (C) track length, (D) displacement length, and (E) meandering index. Results are presented as mean ± SEM. One-way ANOVA (upper right) and Bonferroni multiple comparison test. *p < 0.05, **p < 0.01, ***p < 0.001.


We next examined the changes in track length and displacement length of cDCs in the LG after exposure to DS. Quantifications of these parameters revealed that track length was 44.49 ± 1.22 μm in naïve mice, which was significantly augmented at both 2 w (58.31 ± 2.22 μm, p < 0.001) and 4 w (50.78 ± 2.27 μm, p = 0.041) after DS (Figure 6C). Similar to mean track speed, cDCs at 2 w of exposure to DS, exhibited longer track lengths compared with cDCs after 4 w of exposure (p = 0.034; Figure 6C). In contrast, we only found significant changes in the displacement length of cDCs in naïve mice (6.27 ± 0.37 μm) compared to cDCs in mice exposed to DS for 4 w (7.88 ± 0.43 μ, p = 0.009; Figure 6D).

Moreover, while we did not observe a significant difference in the meandering index of cDCs at 2 w following exposure to DS (0.147 ± 0.011, p = 0.98) compared with cDCs in naïve mice (0.144 ± 0.006), at 4 w after DS, cDCs demonstrated a significant increase, but still relatively low meandering index (0.201 ± 0.010, p < 0.001; Figure 6E), suggestive of a random walk pattern. Collectively, we observed considerable alterations in all kinetic parameters of cDCs after exposure to DS compared to naïve mice.




DISCUSSION

In the present work, we establish a novel model of lacrimal gland IV-MPM imaging to study 3D morphology and kinetic properties of cDCs in the LG after DS-induced DED. We demonstrate that the cDC density in the LG is higher during DED, and that cDCs become smaller, more spherical, but more motile in DS-induced DED compared to naïve mice. Histopathological and immunofluorescence histochemistry analyses, showing the increased density of LG mononuclear cells, CD45+ leukocytes, as well as CD11c+ cDCs after both DED and HSV-1 keratitis, confirm our findings as observed by IV-MPM. Altogether, these results suggest that the alterations of cDCs are, at least in part, due to the damage of the sensory nerves on the ocular surface.

DED is a multifactorial disease, and DS is one of the risk factors initiating inflammatory responses at the ocular surface resulting in DED. It has been shown that DS causes reduced tear break-up time and LG dysfunction (17, 41). It is thought that DS contributes to DED pathophysiology by damaging the ocular surface and corneal sensory nerves. Subsequently, the damage to corneal nerves, which comprises the afferent pathway of the LFU, leads to low tear secretion via diminished signaling to the parasympathetic nerve fibers (42). However, the mechanism underlying damage to the corneal sensory nerves on LG immune cell populations is unknown. The LG is mainly responsible for tear secretion through a tightly regulated process incorporating all components of the LFU. Innervation of the ocular surface and the lacrimal gland have been shown to be altered in mice with DED, as compared to naïve mice. Several murine models of DED, including DS-induced DED (43, 44), DS combined with scopolamine to induce suppression of tear production (9), a model in which the LG is removed (45), an experimental autoimmune lacrimal keratoconjunctivitis model (46), as well as CD25−/− and Aire−/− mice that develop Sjögren's syndrome (47, 48) have all demonstrated significantly decreased corneal sub-basal nerve density compared with their respective control mice, irrespective of the model used. Further, in TSP−/− mice that present with aqueous deficient DED, the neuronal innervation of the LG, and in particular the parasympathetic nerves, are substantially decreased when compared to lacrimal glands of age-matched WT mice (49). We show that the density of LG immune cells, in particular cDCs, is increased after nerve damage. Further, the destruction of corneal nerves after corneal HSV-1 infection enhances cDCs capacity in stimulating T cell proliferation. Along with changes in cDC activation, structural changes of the LG after HSV infection are observed with increased edema and increase in fibrosis. Therefore, our results indicate that corneal sensory nerves, as the afferent pathway of the LFU, directly or indirectly modulate the immune cell density and function in the LG. Nonetheless, while DED causes less severe nerve alterations on the ocular surface, HSV-1 infection results in more severe nerve injury (50, 51). However, it is important to note that several factors can contribute to both the nerve and cDC changes observed during HSV-1 keratitis. These include, the severe neurotrophic effect resulting in ocular surface damage, increased inflammation, and the effect of the HSV-1 itself. Thus, while the decrease in nerves during HSV-1 keratitis is more severe than in DED, we cannot rule out an effect from these additional factors that result in morbidity. For example, a recent study has used different strategies to deplete immune cell subpopulations to dissect the contribution of the virus to nerve damage. Reports show higher levels of nerve damage after depletion of cDCs and/or macrophages in PSGL-1−/− mice that prevent de novo immune cell recruitment (32), suggesting that the virus itself and not inflammation largely contribute to nerve damage observed during HSV-1 keratitis. Further, increased pro-inflammatory cytokines and chemokines (52–54), changes in neuropeptides (55), as well as leukocyte recruitment, such as T cell activation and recruitment, have been demonstrated in HSV-1 keratitis (56). In addition, viral particles along with CD4+ and CD8+ T cell infiltration have been found within the LG after HSV-1 infection (57). Thus, alterations in cytokines and chemokines may, in part, explain the more pronounced infiltration of immune cells in the LG after HSV-1 keratitis, as compared to DED.

Based on the literature, inflammation of the ocular surface and corneal sensory nerve damage are observed in mice exposed to DS and individuals with DED (58, 59). The LG cDCs density increases as early as 2 w after DS and remains elevated up to 4 w of exposure to DS. This effect could in part be explained by increased expression of the pro-inflammatory cytokines IL-1, IL-6, IL-17, IL-23, TNF-α, and IFN-γ that have previously been shown in the LG at 2 and 4 weeks after exposure to DS (9). Thus, cDC density, kinetics and morphological changes presented in our work, could in part be driven by differential expression of these pro-inflammatory cytokines. In line with our findings, a recent study showed that CD11b+ myeloid cells were recruited to the LG at 2 and 4 weeks after exposure to DS (8). The increased density of cDCs and myeloid cells can be explained by the recruitment of circulating cDCs and/or monocytes, which can locally differentiate into cDCs (60, 61). However, this experiment did not examine if the increased density of cDCs is due to potential proliferation of the resident cDCs in the LG or from the infiltrating myeloid-derived cells.

cDCs are highly functional immune cells, inducers of dynamic processes of inflammation and/or tolerance (62), they actively shift their morphology in peripheral tissues such as skin (63) and cornea (21) during inflammation. In recent years, the initiation of immune responses and/or maintenance of central and peripheral tolerance have been studied via cDC kinetics, morphological features, and their interaction with T cells using intravital imaging (27, 64, 65). In this study, we show that LG cDCs are dendritiform with low sphericity during steady state, whereas following DED, they become less dendritiform and more spherical, and demonstrate early signs of activation, as the increased expression of the co-stimulatory marker CD40 shows. This finding is consistent with the previous reports showing that the peripheral cDCs in the naïve setting showed dendritiform morphology with increased surface area to maximize surveillance of the tissue microenvironment. During inflammation, their dendrites are gradually retracted, leaving them with fewer and shorter processes and more spherical cell bodies to facilitate their migration in tissues. While resident populations of cDCs within the skin and gut epithelium are sessile and dendritiform, after different stimuli, such as LPS administration or Salmonella typhimurium infection, spherical cells have been demonstrated to become predominant (66, 67). In addition, Linquist et al. have shown that in lymph nodes, LPS-activated cDCs become more motile (27). Furthermore, we have recently shown kinetics and morphological alterations of immune cells following acute sterile inflammation within the cornea, demonstrating that MHC class II+ cells become more spherical, with increased velocity and larger displacement following inflammation (21). Similarly, in the current work, after inflammation induced by DS, LG cDCs exhibited reduced cell surface, become smaller, acquire a spherical shape, and become motile. The morphological changes during inflammation can also be observed in monocytes, macrophages, T cells, and natural killer cells during inflammation.

Our results show that naïve cDCs in LG are sessile with a low mean speed, while their motility increased after 2 w exposure to DS and remained elevated, although to a lesser extent, at 4 w. Previous studies have demonstrated that activated cDCs within lymph nodes exhibit a mean speed of ~3 μm/min during inflammation compared to the resident naïve cDCs which had a mean speed of ~1 μm/min (27). Recently, our group has shown that the mean speed of corneal cDCs was higher following acute thermal injury compared to the naïve setting (21). The differences in mean speed of cDCs reported in the literature and our study could be due to the differences between the tissue microenvironments. This tissue-specific effect is also supported by reports showing that mean speed of cDCs was 6.6 μm/min in paracortical areas of the popliteal lymph nodes (26) and 5.9 ± 1.0 μm/min in explanted lymph nodes (68).

Naïve LG cDCs exhibit sampling movements in concordance with their immature state. This, in part, can be explained by an active role to maintain immune tolerance, also seen within the cornea (21) and epidermis (43). Although cDCs become more motile, as indicated by longer track and displacement lengths after 2 w and 4 w of DS-induced DED compared to controls, we observe no preferential directionality in either time point, suggestive of a random walk pattern. This is consistent with our previous study on corneal cDCs in naïve state and during acute inflammation, in which cDCs exhibit random movements as well (21).

Recently, several studies have shown that the peripheral nervous system (PNS), in addition to mediating communication between the central nervous system and peripheral tissues, also controls innate immune responses via non-specific responses to pathogens (69, 70). However, dysfunction or damage to the PNS may in contrast mediate pro-inflammatory innate responses, called “neurogenic inflammation” (71–74). In addition, sympathetic nerves have been shown to regulate leukocyte homing to tissues (75, 76). Moreover, both sympathetic and sensory innervation of the skin, lung and gut have been shown to influence cDC migration and motility (77, 78). Thus, neurogenic inflammation secondary to DS can result due to dysfunction of ocular surface nerves, resulting in decreased tear production, and alterations of the autonomous nervous system, leading to LG inflammation. A limitation of our study is the lack of detailed mechanistic and signaling data, demonstrating the direct effect of corneal nerve changes on the LG. We hope that the current intravital imaging model of the LG, together with the data provided, will enable and stimulate future research in this important area.

In summary, herein we show a newly developed methodology to study LG immune cell kinetics and 3D morphology in a transgenic murine model by using intravital multi-photon imaging. By using IV-MPM, the spatiotemporal organization of cDCs in the LG of naïve and DS-induced DED can be investigated. We have provided evidence that damage to corneal sensory nerves modulates the immune responses in the LG. This corneal nerve damage resulting from DS could explain the altered cDC kinetics and morphology within the LG. Thus, this study demonstrates that intravital multi-photon imaging offers opportunities for studying in vivo immune cell kinetics in diseases affecting the LG.
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Figure S1. LG histopathology in naïve mice, 3 and 7 days post HSV-1 infection, and 4w post DED. (A) Converted images of LG histopathology using ImageJ software of all experimental groups. The red extent exhibits the area between acinar cells in all groups. (B) Quantification of the area between acinar cells expressed in percentage of area in red of total image area. Results are presented as mean ± SEM. One-way ANOVA and Bonferroni multiple comparison test. **p < 0.01, ***p < 0.001.

Figure S2. Sequential gating strategy for flow cytometry on the lacrimal gland in naïve and after 2 and 4 w of exposure to DS in WT C57BL/6N mice. (A) SSC-A and FSC-A of LG single cell suspension, showing gating out debris and gating on presumable population of immune cells. (B) Gating on live cells. (C) Gating on single cells. (D) Gating on CD45+ immune cells among live single cells.

Figure S3. Sequential gating strategy for flow cytometry on the lacrimal gland in naïve and after 4 w exposure to DS in CD11cYFP×Thy1YFP mice. (A) SSC-A and FSC-A of LG single cell suspension, showing gating out debris and gating on presumable population of immune cells. (B) Gating on live cells. (C) Gating on single cells. (D) Gating on double positive CD45+YFP+ cDCs among live single cells.

Figure S4. Flow cytometric characterization of cells in the lacrimal gland of CD11cYFP×Thy1YFP mice. Flow cytometry histograms showing expression of CD11c, CD11b, DCIR2, Ly6G, and NK1.1 markers on CD45+YFP+ cells reveals their identity as cDCs. Light gray histograms show fluorescent minus one isotype controls.

Figure S5. Flow cytometric characterization of conventional dendritic cells in the lacrimal gland after 4 weeks of exposure to desiccating stress. Histograms showing expression of MHC-II, CD86, and CD40 on CD45+CD11c+ cells reveal that in cDCs, CD40 is increased after 4w of DED compared to naïve mice. Light gray histograms show fluorescent minus one isotype controls.

Video S1. Representative IV-MPM movie of lacrimal gland in a naïve transgenic CD11cYFP×Thy1YFP mouse. The video highlights sampling movement of cDCs with minor displacement in the naïve lacrimal galnd. Blue, second harmonic generation delineating collagen, yellow, yellow fluorescent protein expressed by cDCs.

Video S2. Representative IV-MPM of lacrimal gland in a transgenic CD11cYFP×Thy1YFP mouse after 2 weeks of exposure to desiccating stress. The video demonstrates the spherical cDCs with fewer dendrites which move long distances in the lacrimal gland. Blue, second harmonic generation delineating collagen, yellow, yellow fluorescent protein expressed by cDCs.

Video S3. Representative IV-MPM of lacrimal gland in a transgenic CD11cYFP×Thy1YFP mouse after 4 weeks of exposure to desiccating stress. The video shows elevated density of cDCs with spherical shape which travel with a high speed in the lacrimal gland. Blue, second harmonic generation delineating collagen, yellow, yellow fluorescent protein expressed by cDCs.

Table S1. Antibody list.
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visualization of
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*Matsuura et al, (69) achieved passive stabilization in a rat model by retracting the anterior thoracic wall and placing a suction-assisted stabilization chamber.
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Imaging method  Key points Resolution Platelet/cell imaging Limitations References
applications
Conventional/ Uses visible light or high L =200-300 nm Thrombus formation Low resolution (50)
Bright-field/Widefield ~ intensity light sources to Ax = 500-800nm >Microfluidics Not stitable for single cel
illuminate a sample Large platelet aggregates evaluation
Limited by wavelength of light
and NA of objective lens
Confocal/CLSM Uses light toiluminatea L= >200nm Thrombus formation Fluorescence label (60-52)
sample through a pinhole to  (reflection) Platelet spreading Surface area and receptors data
improve optical resolution  >250 nm (fluorescence) >Surface receptor information Minimal information
Uses spatil fitering to Healthy controls vs. patients on cytoskeleton
block out-of-focus light differences
> wild type mice vs. knock out
mice differences
QPM/DHM Generates quantitative L=>270nm Volumetric measurements of No receptor profile details (63-56)
measurements from shifts in thrombus formation Requires complex
phase post-image analysis
CLEM/3D cryoEM Approaching atomic level L= <1nm Platelet secretion; Megakaryooyte  Samples need to be mountedon  (57-60)
analysis of ultrastructural positioning in sinusoids and platelet a grid; precise solvent
changes, adhesion, and production (applied in intravital requirements
granule secretion setting)
STED Confocal excitation beam L =50-60nm Platelet protein distribution when Deconvolution required (61-64)
overtaid by a depletion co-incubated with cancer cells Need specific STED dyes
bea to inhibit fluorescence Platelet protein storage Decreased scan step size +
emission at target area of increased acquisition time
interest
SMLM llumination that releson L= >20nm Platelet cytoskeleton proteins Computer power/softwareand (31, 65-67)
SIM single molecule switching by Ax = >50nm Actin nodules/tubuiin storage
PALM stochastic excitation Megakaryocyte structure and Vast number of data points
(d) STORM Switching on/off of a function Post-data analysis and complex
PAINT fluorescent molecle or Synapses. image reconstruction

through excitation

Platelet receptor co-localization and
receptor clustering

Specific: photoswitchable and
activatable fluorescence labels

A non-exhaustive list of imaging techniques used to study platelet spreading, function, receptor profiles, and platelet protein/cytoskeletal protein organizetion i vitro. Rows highlighted
in blue are examples of microscopy approaches that operate at nanoscopic/super resolution limits of diffraction. L, Laterally; Ax, Axialy; NA, numerical aperture; CLSM, Confocal
Laser Scanning Microscopy; QPM, Quantitative Phase Microscopy; DHM, Digital Holographic Microscopy; CLEM, Correlative light-electron microscopy; cryoEM, Cryogenic Electron
Microscopy; SPIM, Selective Plane llumination Microscopy; STED, Stimulated Emission Depletion; SMLM, Single-Molecule Localization Microscopy; SIM, Structured llumination
Microscopy: PALM, Photo-Activated Localization Microscopy; STORM, Stochastic Optical Reconstruction Microscopy; PAINT, Point Accumulation for Imaging Nanoscale Topography.
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Imaging method

Confocal scanning

1 photon

2 photon

Spinning disk

Multiview
SPIM/SIM view

SHG

CARS

Key points

Point scanning microscopy
Emitted light selected through a pinhole
Excitation with 1 photon laser and ilumination
of focus and out of focus planes

Pinhole distinguishes signal from out of

focus plane

2 photon laser excitation in focal plane only

Scans sample at multiple points with a CCD
camera

Light-sheet system with switching between 4
pathways

2 photons scattered by molecule and emit 1
photon of half excitation wavelength

3 photons scattered by molecule and generate
1 photon of a third of excitation wavelength
Non-linear optical process with 3 laser beams:
(pump, Stokes and probe)

Beams interact to generate coherent signal

Platelet/cell imaging applications

Intravital imaging
Thrombus formation in mice

Thrombopolesis (platelet generation)

Skin

Tumor imaging

Platelet biogenesis

Platelet recruitment to injury sites in organs
Thrombus formation

Platelet-endothelial interactions

Zebrafish heart development

Collagen/myosin visualization
Zebrafish embryos
Tumors

Extracellular matrix proteins
Tumors

Tumor imaging/blood flow measurements

Limitations

Acquisition speed
Photobleaching
Limited depth

Limited depth (up to 1mm)
Specialist set up / “in house
setups”

Gross-talk between pin holes
Limited depth

Limited applications for larger
organisms so far

Ongoing development for fast
3D scanning

Limited to number of structural
proteins (unless adding to
fluorescence microscopy)
Depth limitation

Vessel width limits

Excitation power required
New/limited applications o far
Complex set up

Lacks inforrmation on phase

References

(136, 137)

(80)

(138)

(139-141)

(142, 143)

(95, 144, 145)

(95, 146)

(147-149)

A non-exhaustive list of imaging techniques used to study platelet generation, function, and roles in thrombus formation in vivo and details of new imaging approaches and
current limitations. SPIM, Selective Plane lllumination Microscopy; SIM, Structured llumination Microscopy; DSLM, Digital Scanned laser Lightsheet fluorescence Microscopy; SHG,

Second-Harmonic Generation microscopy; THG, Third Harmonic Generation microscopy; CARS, Coherent Anti-

tokes Raman Scattering microscopy.
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Imaging method
Raster-scanning
confocal

Spinning disk confocal

Disadvantages

Inherently slower; requires advanced stabilization and/or
gating mechanisms in order to use for cardiac IVM

Prone to “tearing” artifacts due to the line-by-line nature of
image formation

Identical illumination of each pixel cannot be guaranteed (lack
of field uniformity)

Potentially increased background/non-focal plane light (due
to pinhole crosstalk)

Reduced light transmission vs. raster scanning methods.

Stabilizer attachment mechanism

Glue

Suction

Gating

No gating

Retrospective

Prospective

Disadvantages
Permanent; stabilizer cannot readily be manipulated once
attached

Requires care—excessive glue can block the field of view and
removing itis difficult if placed incorrectly

Potential for side effects from the application of glue

Requires monitoring to ensure seal is maintained
Potential for tissue damage with high levels of suction
Disturbance of tissue perfusion underneath the suction ring

Disadvantages
Highest potential for motion artifacts in resulting images
Requires large numbers of frames to ensure sufficient data for
analysis; inefficient data capture method

Uses low exposure times and thus needs (relatively)

stronger staining

Requires large numbers of frames to ensure sufficient data for
analysis; inefficient data capture method

More technically challenging than not gating

If pacing, potential for pacing to interfere with experimental
outputs

Requirement for post-capture processing

Most technically challenging gating option

If pacing, potential for pacing to interfere with experimental
outputs

Requires non-trivial technical equipment to process a number
of incoming input sources

Advantages

Identical ilumination of each pixel (field uniforrmity)
Well-established technique, more widely available, numerous
vendors

Better light transmission vs. spinning disk methods:

Generally much faster than raster scanning techniques

Full field ilumination; less prone to “tearing™type artfacts (see
Figure 2)

Typically reduced laser powers are required;

less photo-bleaching/-toxicity

Advantages
More straightforward than suction; not reliant on external
equipment

Quicker than suction stabilzation techniques

Firm bonding to the stabilizer

Reversible and can be moved if positioned incorrectly
Less impact on the tissue surface for
post-imaging experiments

Advantages
Surgically more straightforward; ECG/respiratory readings not
needed

Technically more straightforward than gating mechanisms;
less specialist knowledge required

Quicker set up time

Better mechanism for abrogating motion artifacts than not
gating

Requires less complex/reactive equipment than

prospective gating

Best mechanism for abrogating motion artifacts
More efficient capture technique than retrospective gating or
no gating

Post-caplure processing not required

There are a variety of options avaiable to researchers who wish to begin experiments using cardliac intravitel imaging. The above teble summarizes some of the advanteges and
disadvantages of the various amendable options in this experimental model.
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Evaluated on 500 s

Speed (m/min) Min
Max
Straightness (0..1) Min
Max
Artest coefiicient (0..1) Min
Max
Displacement (0..1) Min
Max
Volume (um®) Min

Each action (row) is mapped to a specific range (min-max) of motility parameters (columns). Values refer to tracklets with a duration of 500 s.
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